1 Introduction

The eukaryotic cytoskeleton

The eukaryotic cytoskeleton is essentially an intracellular biopolymer scaffold and it is, contrary to what its name may suggest, a highly dynamic system far from thermodynamic equilibrium. Yet it is well-ordered; the high degree of internal organization in cells is mostly due to the cytoskeleton [START_REF] Huber | Emergent complexity of the cytoskeleton: From single filaments to tissue[END_REF][START_REF] Gupta | Adaptive rheology and ordering of cell cytoskeleton govern matrix rigidity sensing[END_REF]. Apart from spatially organizing cellular content, it also serves to connect the cell to the extracellular space, transports cargoes across the cell and generates forces that allow the cell to move and change shape [START_REF] Fletcher | Cell mechanics and the cytoskeleton[END_REF].

The cytoskeletal organization is extremely variable from one cell to another and even, temporally and spatially, within the same cell, reflecting another important property: Fast adaptation to cellular needs, requiring rapid turnover and reorganization (Komarova et al., 2002). The prize the cell pays to maintain an array that can rapidly adapt is energy in the form of adenosine triphosphate (ATP) or guanosine triphosphate (GTP); hydrolysis of these nucleotides is an exothermic process and the energy released can fuel fast cytoskeletal remodeling.

The cytoskeleton of eukaryotic cells consists of three classes of filaments: Actin filaments (AFs), microtubules (MTs) and intermediate filaments (IFs) (see Fig. 1), which are all fiber-like structures made of many individual building blocks (monomers or dimers). All three polymers grow and shrink by addition and subtraction of these building blocks. While actin filaments mostly appear in the form of cross-linked networks, microtubules are hollow polymer tubes that mostly appear as individual fibers or bundles [START_REF] Fletcher | Cell mechanics and the cytoskeleton[END_REF][START_REF] Huber | Emergent complexity of the cytoskeleton: From single filaments to tissue[END_REF]. Intermediate filaments are more heterogeneous; there are several types made of different protein components [START_REF] Wagner | Softness, strength and self-repair in Intermediate filament networks[END_REF]. A way to characterize the stiffness of cytoskeletal filaments is the persistence length.

The persistence length L P is the length over which a (bio-)polymer bends significantly under thermal fluctuations (see Fig. 2), and can be defined as t(0) • t(s) t = e -s/L P where s is the distance between two points along the polymer, t(s) is the tangent vector to the curve at position s, and t denotes the average over time (t) (Boal Figure 2: The persistence length of a polymer is the characteristic distance over which the tangent vectors along the polymer become uncorrelated due to thermal fluctuations.

2002; [START_REF] Martin | Measuring microtubule persistence length using a microtubule gliding assay[END_REF]. The persistence length is related to the bending stiffness κ by

L P = κ k B T = EI k B T
where k B is the Boltzmann constant, T the absolute temperature, E the Young's modulus and I the moment of inertia of the polymer.

The persistence length of microtubules is on the order of millimeters. As microtubule lengths L in cells are typically on the order of micrometers and therefore L << L P , microtubules are considered rigid on the scale of cells, contrary to the semi-flexible actin filaments and the flexible intermediate filaments (see Fig. 3).

Dynamics and organization of cytoskeletal filaments are not only determined by the inherent properties of their components, but also by interactions with associated proteins that can nucleate, sever, cross-link, weaken, strengthen, or transport filaments [START_REF] Eriksson | Introducing intermediate filaments: From discovery to disease[END_REF]van der Vaart et al., 2009;Roll-Mecak and McNaly, 2010;[START_REF] Su | Move in for the kill: Motile microtubule regulators[END_REF][START_REF] Huber | Emergent complexity of the cytoskeleton: From single filaments to tissue[END_REF]. Cytoskeletal components don't fulfill a single task, their multi-functionality is one of their fundamental properties. For instance, microtubules are essential for cell division, but also for intracellular transport and cell motility. uni-leipzig. de/ ~pwm/ web/ ?section= introduction&page= cytoskeleton )

Microtubule networks in cells

In cells, microtubules fulfill a variety of tasks. They are implied in intracellular transport, cell migration and cell division and constitute in large part axons, cilia and flagella (Mimori-Kiyosue, 2011). Cellular microtubules are mostly nucleated and grow from microtubule-organizing centers (MTOCs). Examples of MTOCs are basal bodies, which are associated with cilia and flagella, and centrosomes, which are e.g. involved in chromosome segregation during cell division. Additionally, noncentrosomal nucleation is found in cells [START_REF] Bartolini | Generation of noncentrosomal microtubule arrays[END_REF].

Microtubules in cells are several orders of magnitude longer than their diameter, and often span the intracellular space to be able to carry cargoes efficiently and drive changes in cell shape (Hawkins et al., 2010). Yet they rapidly turn over, with a half-life period of t 1/2 ≈ 10 min (Gundersen and Bulinski, 1988). A subset of microtubules, however, is sometimes selectively stabilized, like during neuronal axon determination [START_REF] Hammond | Posstranslational modifications of tubulin and the polarized transport of kinesin-1 in neurons[END_REF][START_REF] Stiess | Axon extension occurs independently of centrosomal microtubule nucleation[END_REF]Winans et al., 2016) and at the leading edge of migrating cells (Gundersen and Bulinski, 1988;Waterman-Storer and Salmon 1997;Wadsworth 1999). A way for the cell to tag a subpopulation of microtubules e.g. for stabilization is by post-translational modifications. Microtubule post-translational modifications are enzymatic modifications on the amino acids at various sites, including acetylation, glutamylation and detyrosination, which can occur both before and after polymerization (Gundersen and Bulinski, 1988;[START_REF] Song | Post-translational modifications of tubulin: Pathways to functional diversity of microtubules[END_REF].

In addition, a variety of microtubule-associated proteins (MAPs) and microtubule plus-end tracking proteins (+TIPs) can influence microtubule dynamics and therefore control and actively remodel microtubule networks [START_REF] Cassimeris | Regulation of microtubule dynamic instability[END_REF][START_REF] Levy | Three-and four-repeat tau regulate the dynamic instability of two distinct microtubule subpopulations in qualitatively different manners: Implications for neurodegeneration[END_REF][START_REF] Vandecandelaere | Differences in the regulation of microtubule dynamics by microtubule-associated proteins MAP1B and MAP2[END_REF]. They can also slide, pull, anchor and guide microtubules, and, in this way, affect their organization in the cell (Mimori-Kiyosue 2011).

Microtubules interact with other cytoskeletal components by different means (see Fig. 4). Due to the dense packing of filaments e.g. at the periphery of the cell, where actin filaments form dense networks, steric interactions alone can lead to entanglement of microtubules and translocate them: Retrograde flow from the lamellum pushes on microtubules, making them move along with the filamentous actin (Factin). F-actin bundles can also guide the growth of microtubules, which are often found to align with the bundles [START_REF] Salmon | Dual-wavelength fluorescent speckle microscopy reveals coupling of microtubule and actin movements in migrating cells[END_REF]Mandato and Bement 2003;[START_REF] Huber | Cytoskeletal crosstalk: When three different personalities team up[END_REF]. Additionally, there are specific proteins that mediate interactions between cytoskeletal filaments, like the cross linking of actin filaments and microtubules by MACF [START_REF] Leung | Microtubule actin cross-linking factor (MACF): A hybrid of dystonin and dystrophin that can interact with the actin and microtubule cytoskeletons[END_REF][START_REF] Sun | Characterization of the microtubule binding domain of microtubule actin crosslinking factor (MACF): Identification of a novel group of microtubule associated proteins[END_REF] and kinesin-mediated transport of intermediate filaments along microtubules [START_REF] Prahlad | Rapid movements of vimentin on microtubule tracks: Kinesin-dependent assembly of intermediate filament networks[END_REF]Hermann and Aebi, 2000). Moreover, microtubules and actin filaments can influence each other's organization in a more indirect way, through biochemical signaling pathways [START_REF] Waterman-Storer | Microtubule growth activates Rac1 to promote lamellipodial protrusion in fibroblasts[END_REF][START_REF] Zaoui | Memo -RhoA -mDia1 signaling controls microtubules, the actin network, and adhesion site formation in migrating cells[END_REF][START_REF] Pertz | Spatio-temporal Rho GTPase signaling -where are we now[END_REF]. 1

.3 Microtubule structure

Microtubules are biopolymers made of tubulin heterodimers. Each dimer consists of two closely related 55 kDa globular proteins called alpha and beta tubulin. The dimers assemble longitudinally into so-called protofilaments, which form lateral bonds between each other and, in this way, arrange into a closed tube of approx. 25 nm outer diameter and 17 nm inner diameter [START_REF] Desai | Microtubule polymerization dynamics[END_REF], see Fig. 5a). Microtubules undergo assembly and disassembly by non-covalent addition and subtraction of tubulin dimers at the ends.

Bonds between protofilaments are anisotropic and three-dimensional [START_REF] Nogales | High-resolution model of the microtubule[END_REF]Sui et al., 2010;[START_REF] Huber | Emergent complexity of the cytoskeleton: From single filaments to tissue[END_REF] and are either formed between equal subunits (alpha-alpha and beta-beta), yielding a B-lattice configuration, or between unequal subunits (alpha-beta), resulting in an A-lattice (see Fig. 5b). B-lattice configurations are by far more common in vitro, while in vivo A-lattice configurations can be observed in cilia, where microtubules with an A-lattice have a non-complete B-lattice microtubule attached to them [START_REF] Amos | Arrangement of subunits in flagellar microtubules[END_REF]. Axonemes in vivo also nucleate A-lattice microtubules [START_REF] Scheele | Control of the structural fidelity of microtubules by initiation sites[END_REF]. There is evidence that the configuration of the microtubule lattice influences microtubule stability [START_REF] Katsuki | Ectopic A-lattice seams destabilize microtubules[END_REF].

Energy values of lateral and longitudinal bonds between dimers have been estimated by simulations in silico or inferred from experiments by various groups; values vary from -3 kT to -15 kT for lateral bonds and -6 kT to -20 kT for longitudinal bonds [START_REF] Vanburen | Estimates of lateral and longitudinal bond energies within the microtubule lattice[END_REF]VanBuren et al., 2005;[START_REF] Efremov | In search of an optimal ring to couple microtubule depolymerization to processive chromosome motions[END_REF]Molodtsov et al., 2005;[START_REF] Wu | Simulations of tubulin sheet polymers as possible structural intermediates in microtubule assembly[END_REF][START_REF] Wu | Comparative studies of microtubule mechanics with two competing models suggest functional roles of alternative tubulin lateral interactions[END_REF]. Most groups found longitudinal bonds to be considerably stronger than lateral bonds. Lateral interactions are mediated by loop-loop interactions. Loops are rather disordered secondary protein structures, which in case of tubulin have been proposed to provide the necessary flexibility to accommodate different lateral bond angles (Sui and Downing, 2010; see Fig. 6). are formed between equal subunits (alpha-alpha and beta-beta interactions). The helical staggering of dimers leads to a discontinuity called 'seam', where lateral bonds between alpha and beta subunits form. In an A-lattice, lateral interactions form exclusively between unequal subunits, and there is no seam. (From Hawkins et al., 2010) Cellular microtubules usually consist of 13 protofilaments [START_REF] Ledbetter | Morphology of microtubules of plant cell[END_REF][START_REF] Evans | Influence of the centrosome of nucleated microtubules on the structure of isolated centrosomes[END_REF], though protofilament numbers between 9 and 17 have been observed [START_REF] Chrétien | New data on the microtubule surface lattice[END_REF][START_REF] Mcintosh | Lattice structure of cytoplasmic microtubules in a cultured mammalian cell[END_REF]. Indeed posttranslational modifications such as acetylation [START_REF] Cueva | Posttranslational acetylation of alpha-tubulin constrains protofilament number in native microtubules[END_REF] and drugs like taxol [START_REF] Díaz | Changes in microtubule protofilament number induced by taxol binding to an easily accessible site: Internal microtubule dynamics[END_REF] are known to favor a specific protofilament number, respectively. Interestingly, the protofilament number can vary not only from one microtubule to another, but even along the length of the same microtubule, creating a protofilament mismatch (Chrétien et al., 1992).

Neighboring protofilaments are staggered, yielding a helical arrangement of dimers in the microtubule lattice and establishing another important parameter to characterize the microtubule lattice: The so-called helix start number is defined as the number of monomers that the helix spans in each turn in the longitudinal direction.

For an uneven helix start number and a B-lattice, a discontinuity is created where an alpha subunit interacts laterally with a beta subunit at the so-called seam, breaking the helical symmetry of the microtubule (see Fig. 5b). Even protofilament numbers on the other hand lead to helical symmetry, involving only alpha-alpha and betabeta subunit interactions. Three-and four-start helices are most common (Sui and Downing, 2010). In all but the 13-3 lattice (13 protofilaments, three-start helix), protofilaments are slightly skewed, resulting in a super twist that is left-handed for 14-3 microtubules and right-handed for 11-3, 12-3, 15-4 and 16-4 microtubules (Wade et al., 1990;Sui and Downing, 2010; see Fig. 6). The biological function of the seam

is not yet clear; however, it has been proposed that it presents a weak structure in the microtubule [START_REF] Sept | The physical basis of microtubule structure and stability[END_REF]. Indeed microtubules with ectopic A-lattice seams polymerized in vitro are less stable than B-lattice microtubules [START_REF] Katsuki | Ectopic A-lattice seams destabilize microtubules[END_REF]. The difference in curvature is thought to be accommodated by flexible lateral interactions.

(From Sui and Downing, 2010)

The tubulin heterodimer is a GTPase

Microtubule dynamics is powered by the energy released during GTP hydrolysis.

Each alpha beta tubulin dimer binds two nucleotides (GTP or GDP), each one at the interface between two monomers, respectively, so that the nucleotide in one monomer interacts with the next monomer at the longitudinal interface (see Fig. 7). The nucleotide bound to alpha tubulin is buried at the intradimer interface (called N-site) and is therefore non-hydrolyzable and non-exchangeable [START_REF] Nogales | Structure of the alpha beta tubulin dimer by electron crystallography[END_REF]. It has been proposed that it has a structural role (Menendez et al., 1998). The nucleotide bound to beta tubulin on the other hand can be hydrolyzed and exchanged. It is located at the E-site of beta tubulin and it is exposed to the solvent at the microtubule plus end [START_REF] Nogales | Structure of the alpha beta tubulin dimer by electron crystallography[END_REF].

During microtubule growth, the incoming alpha tubulin interacts with the GTP binding site in the beta subunit, which is thought to contribute to GTP hydrolysis.

Figure 7: Both alpha and beta tubulin have a GTP binding pocket, located at the longitudinal interface between neighboring subunits. The GTP bound to alpha tubulin is buried and non-exchangeable, whereas the GTP bound to beta tubulin is hydrolyzed to GDP as the dimer is incorporated into the microtubule. Upon hydrolysis, the dimer undergoes conformational changes and becomes more unstable in the lattice. (From Alushin et al., 2014) Therefore, the minus end of a tubulin subunit can be seen as GTPase activating protein [START_REF] Choi | Tubulin and FtsZ form a distinct family of GTPases[END_REF][START_REF] Nogales | Structure of the alpha beta tubulin dimer by electron crystallography[END_REF][START_REF] Nogales | High-resolution model of the microtubule[END_REF][START_REF] Anders | Dominant-lethal alpha-tubulin mutants defective in microtubule depolymerization in yeast[END_REF]. Hydrolysis of GTP bound to tubulin and subsequent phosphate release takes place after incorporation at a rate of about 0.25 min -1 [START_REF] Carlier | Kinetic analysis of guanosine 5'-triphosphate hydrolysis associated with tubulin polymerization[END_REF]. At sufficiently high free GTP tubulin concentration, GTP hydrolysis is slower than the addition of new GTP tubulin at the growing end, creating a GTP tubulin cap [START_REF] Carlier | Kinetic analysis of guanosine 5'-triphosphate hydrolysis associated with tubulin polymerization[END_REF][START_REF] Carlier | Microtubule elongation and guanosine 5'-triphosphate hydrolysis. Role of guanine nucleotides in microtubule dynamics[END_REF]. After hydrolysis, the GDP nucleotide becomes locked in the E site until the dimer dissociates from the microtubule. Free tubulin dimers have a higher affinity for GTP than for GDP and therefore exchange hydrolyzed nucleotides rapidly.

For a long time free GTP tubulin dimers were thought to be straight, favoring their incorporation into the lattice, in contrast to free GDP tubulin dimers which where shown to be slightly curved [START_REF] Kirschner | Microtubules from mammalian brain: Some properties of their depolymerization products and a proposed mechanism of assembly and disassembly[END_REF][START_REF] Rice | The lattice as allosteric effector: Structural studies of alphabeta-and gamma-tubulin clarify the role of GTP in microtubule assembly[END_REF]. It was therefore hypothesized that hydrolysis of tubulin bound GTP is accompanied by a switch to a curved state. However, crystal structures of free GDP and GTP bound tubulin indicate that both GDP and GTP tubulin exhibit a similar intradimer curvature [START_REF] Nawrotek | The determinants that Govern microtubule assembly from the atomic structure of GTP-tubulin[END_REF][START_REF] Ayaz | A TOG:alpha-betatubulin complex structure reveals conformation-based mechanisms for a microtubule polymerase[END_REF][START_REF] Pecqueur | A designed ankyrin repeat protein selected to bind to tubulin caps the microtubule plus end[END_REF] which is incompatible with the microtubule lattice, indicating that GTP tubulin dimers have to undergo conformational changes involving straightening upon incorporation into the lattice [START_REF] Buey | The nucleotide switch of tubulin and microtubule assembly: A polymerization-driven structural change[END_REF][START_REF] Rice | The lattice as allosteric effector: Structural studies of alphabeta-and gamma-tubulin clarify the role of GTP in microtubule assembly[END_REF][START_REF] Nawrotek | The determinants that Govern microtubule assembly from the atomic structure of GTP-tubulin[END_REF]. Whether these conformational changes are strictly related to the nucleotide state of the dimer or whether they occur subsequently as a result of the interplay between the nucleotide state and the interactions with other dimers in the microtubule lattice is still under debate. However, it has been shown that GDP tubulin which is incorporated into the lattice changes microtubule dynamics compared to GTP tubulin that hydrolyses to become GDP tubulin after incorporation [START_REF] Valiron | GDP-tubulin incorporation into growing microtubules modulates polymer stability[END_REF]. In addition, Carlier et al. suggested that GTP hydrolysis is not strictly coupled to polymerization and occurs in a subsequent step [START_REF] Carlier | Kinetic analysis of guanosine 5'-triphosphate hydrolysis associated with tubulin polymerization[END_REF]. How the hydrolysis rate is influenced by the conformational and nucleotide states of the neighboring dimers still has to be elucidated, but there is evidence that a coupled random model, where hydrolysis occurs randomly except for the terminal dimer which takes longer to hydrolyze due to lacking interactions with the GTP pocket at the E-site, is most likely (Bowne-Anderson et al., 2013).

Upon hydrolysis, lattice bound tubulin dimers undergo structural changes involving a compaction of the interdimer interface, conformational changes especially in alpha tubulin and a weakening of the longitudinal bonds [START_REF] Alushin | High-resolution microtubule structures reveal the structural transitions in alpha-betatubulin upon GTP hydrolysis[END_REF]. Part of the energy released upon GTP hydrolysis is therefore used to deform the tubulin dimer, in a way that is believed to destabilize the dimer in the microtubule and induce mechanical stress while it is constrained by the lattice. Consequently, GDP tubulin is less tightly bound in the microtubule lattice; it easily falls off when it is not stabilized by more stably bound GTP tubulin dimers at the end of the microtubule.

Microtubules made of GDP tubulin are therefore metastable structures; as soon as the protecting GTP tubulin cap is lost, depolymerization is initiated [START_REF] Carlier | Microtubule elongation and guanosine 5'-triphosphate hydrolysis. Role of guanine nucleotides in microtubule dynamics[END_REF]. The size of the GTP cap has been determined indirectly using EB1, a plus end tracking protein that seems to recognize the nucleotide state of lattice bound tubulin and to preferentially bind GTP tubulin [START_REF] Zanic | EB1 recognizes the nucleotide state of tubulin in the microtubule lattice[END_REF]. EB1 localizes to growing microtubule ends, and its signal decays exponentially with the distance from the tip [START_REF] Bieling | Reconstitution of a microtubule plus-end tracking system in vitro[END_REF]. However, it doesn't reach the very tip of the microtubule [START_REF] Maurer | EB1 accelerates two conformational transitions important for microtubule maturation and dynamics[END_REF]. This suggests a 'patchwork' GTP cap that consists of dimers in different nucleotide and / or conformational states.

Microtubule dynamics

As longitudinal contacts between tubulin dimers occur between alpha and beta subunits, the resulting microtubule is polar: The end where beta tubulin is exposed tends to grow faster and is therefore called plus end, while the slower growing minus end exposes alpha tubulin. Microtubule polarity is used by plus and minus end directed molecular motor proteins for directional transport along microtubules.

In vitro, the rate-limiting step in microtubule polymerization is nucleation (see Fig. 8). Oligomerization of tubulin dimers is energetically unfavorable and therefore slow. Once a sufficiently large oligomer is formed, growth becomes favorable and faster. In the absence of co-factors, the critical tubulin concentration for spontaneous nucleation is 20 -40 µM (Bré et al., 1990;[START_REF] Kollman | Microtubule nucleation by gamma-tubulin complexes[END_REF][START_REF] Wieczorek | Microtubule-associated proteins control the kinetics of microtubule nucleation[END_REF]. Cells therefore have nucleators like the gamma-tubulin ring complex (gamma-TuRC), which mimics the 13 protofilament architecture of the microtubule and accelerates nucleation.

Microtubule growth velocity depends on several factors, like free tubulin concentration, Mg 2+ concentration, pH, ionic strength (Olmsted and Borisy, 1975;[START_REF] Kuchnir Fygenson | Phase diagram of microtubules[END_REF] and microtubule associated proteins that assist polymerization [START_REF] Akhmanova | Microtubule +TIPs at a glance[END_REF]. In general, for conditions used in vitro, microtubule growth rates are around a few µm/min and increase linearly with free tubulin concentration [START_REF] Carlier | Microtubule elongation and guanosine 5'-triphosphate hydrolysis. Role of guanine nucleotides in microtubule dynamics[END_REF][START_REF] Walker | Dynamic instability of individual microtubules analyzed by light microscopy: Rate constants and transition frequencies[END_REF][START_REF] Kinoshita | Reconstitution of physiological microtubule dynamics using purified components[END_REF]. In vivo, growth rates are often substantially higher; They can range from 7 -42 µm/min, depending on the cell type and the stage in the cell cycle [START_REF] Cassimeris | Dynamic instability in living cells[END_REF][START_REF] Kinoshita | Reconstitution of physiological microtubule dynamics using purified components[END_REF][START_REF] Piehl | Organization and dynamics of growing microtubule plus ends during early mitosis[END_REF][START_REF] Srayko | Identification and characterization of factors required for microtubule growth and nucleation in the early C. elegans embryo[END_REF][START_REF] Komarova | Mammalian end binding proteins control persistent microtubule growth[END_REF]. A possible explanation for the discrepancy in growth rates observed in vivo vs. in vitro are proteins that assist polymerization. For example, XMAP215 and EB1 have been shown to increase polymerization rates in vitro to physiological levels [START_REF] Zanic | Synergy between XMAP215 and EB1 increases microtubule growth rates to physiological levels[END_REF]. During growth, some protofilaments are longer than others, creating differences in the number of lateral bonds [START_REF] Chrétien | Structure of growing microtubule ends: Two-dimensional sheets close into tubes at variable rates[END_REF][START_REF] Brouhard | Dynamic instability 30 years later: Complexities in microtubule growth and catastrophe[END_REF]; some protofilaments protrude up to 100-200 nm [START_REF] Mandelkow | Microtubule dynamics and microtubule caps: a time-resolved cryo-electron microscopy study[END_REF]. It is therefore necessary to treat each protofilament separately to determine rate constants. In this '2D' model, GTP tubulin dimers are fast to bind to protofilament ends, with a rate constant of 4 µM -1 s -1 . However, they fall off rapidly if they are not stabilized by lateral bonds with other dimers. Each bond formed with neighboring dimers stabilizes the newly incorporated dimer a bit more (VanBuren et al., 2005;Gardner et al., 2011;Fig. 9).

The 2D model can explain some experimental observations like fluctuations in the growth dynamics of individual microtubules (Schek et al., 2007). However, it fails to explain other phenomena, like the fact that paclitaxel, a drug known to stabilize interdimer bonds, slows down microtubule growth [START_REF] Prota | Molecular mechanism of action of microtubule-stabilizing anticancer agents[END_REF][START_REF] Zanic | Synergy between XMAP215 and EB1 increases microtubule growth rates to physiological levels[END_REF]. We lack taking into account intrinsic curvature of GTP tubulin and angles of alpha beta tubulin bonds [START_REF] Brouhard | Dynamic instability 30 years later: Complexities in microtubule growth and catastrophe[END_REF]. Growing protofilaments are either straight or, especially when they extend far beyond others, slightly bent (0-5 • per dimer); microtubule tips shift from a blunt to a more tapered appearance as the concentration of free tubulin increases [START_REF] Chrétien | Structure of growing microtubule ends: Two-dimensional sheets close into tubes at variable rates[END_REF] see Fig. 10). Microtubules have been proposed to form sheets at growing ends which later close into tubes (Chrétien et al.;1995); and a computational study proposed the existence of alternative lateral tubulin bonds during microtubule assembly that could explain the observation of sheet-like structures undergoing conformational changes to form a tube [START_REF] Wu | Comparative studies of microtubule mechanics with two competing models suggest functional roles of alternative tubulin lateral interactions[END_REF]. A pure chemical kinetics view of microtubule dynamic instability is therefore not sufficient; connecting mechanical and biochemical aspects seems a key to understand microtubule dynamics [START_REF] Kueh | Structural Plasticity in Actin and Tubulin Polymer Dynamics[END_REF]. (Adapted from [START_REF] Chrétien | Structure of growing microtubule ends: Two-dimensional sheets close into tubes at variable rates[END_REF] Overall microtubule dynamic behavior is more complex than mere addition of subunits. Elongation phases are stochastically interrupted by sudden switches to depolymerization, called catastrophes. Depolymerizing microtubules on the other hand can switch back to growth by so-called rescue events. Together, these phenomena describe what is called 'dynamic instability' (see Fig. 11).

Catastrophes are thought to occur when the stabilizing GTP cap at the end of the microtubule is lost. Catastrophe frequency accordingly decreases with free tubulin concentration. It is generally higher for plus ends than for minus ends [START_REF] Walker | Dynamic instability of individual microtubules analyzed by video light microscopy: rate constants and transition frequencies[END_REF]. Interestingly, the probability that the plus end of a microtubule undergoes catastrophe increases with time, presumably because microtubule ends become more tapered and therefore more likely to switch to shrinking, a process called 'aging' (Gardner et al., 2011;[START_REF] Coombes | Evolving tip structures can explain age-dependent microtubule catastrophe[END_REF]. This shows that catastrophe of the plus end has to be viewed as a multistep process [START_REF] Odde | Kinetics of microtubule catastrophe assessed by probabilistic analysis[END_REF]. Upon depolymerization, the elastic energy stored in the GDP tubulin dimers is released when the depolymerizing protofilaments break the lateral bonds between each other and curl into so-called ram's horns, with a curvature of around 12 • per dimer [START_REF] Chrétien | Structure of growing microtubule ends: Two-dimensional sheets close into tubes at variable rates[END_REF]see Fig. 12). Microtubules therefore can be used to do work not only during growth, but also during disassembly. Shortening rates in vitro are similar at the two ends and much faster than growth rates: They have been measured around 20 -30 µm/min and are independent of the free tubulin concentration [START_REF] Walker | Dynamic instability of individual microtubules analyzed by light microscopy: Rate constants and transition frequencies[END_REF][START_REF] Kinoshita | Reconstitution of physiological microtubule dynamics using purified components[END_REF].

Rescue is much less well understood than the other phases of dynamic instability [START_REF] Brouhard | Dynamic instability 30 years later: Complexities in microtubule growth and catastrophe[END_REF]. It increases with free tubulin concentration, but it is much less sensitive to tubulin concentration than the catastrophe frequency, especially at the plus end which has a lower rescue frequency than the minus end [START_REF] Walker | Dynamic instability of individual microtubules analyzed by light microscopy: Rate constants and transition frequencies[END_REF].

This suggests that rescue is not a result of stochastic GTP-tubulin addition at the shrinking microtubule end, and that rather some features previously embedded in the lattice might disrupt depolymerization (Gardner et al., 2013). Indeed, it has been suggested that non-hydrolyzed GTP-tubulin remnants in the lattice, so-called GTP islands, are responsible for microtubule rescue [START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF]; see Fig. 13).

How these islands are created and why they don't hydrolyze is, however, unknown. In vivo, linker proteins might locally promote rescue by halting depolymerization and assisting regrowth (Komarova et al., 2002;[START_REF] Al-Bassam | CLASP promotes microtubule rescue by recruiting tubulin dimers to the microtubule[END_REF]. 

Microtubule mechanical properties

Microtubules are very stiff biopolymers. Their flexural rigidity (or bending stiffness), defined as their resistance to bending, is comparable to carbon nanotubes (Hawkins et al., 2010). If tubulin were a homogeneous and isotropic material, its

Young's modulus would be around 1.2 GPa, similar to rigid plastic (Gittes et al., 1993). However, due to the anisotropy of tubulin bonds, microtubules exhibit at the same time a high lateral deformability and a high longitudinal stiffness (Sui et al, 2010;[START_REF] Huber | Emergent complexity of the cytoskeleton: From single filaments to tissue[END_REF]. This property can be observed in other biological materials, such as bamboo and wood, which are also more rigid longitudinally in order to increase resistance to breaking by external forces (Hawkins et al., 2010).

Due to difficulties to measure microtubule mechanical properties in living cells, most knowledge about microtubule mechanics comes from in vitro experiments. Many different groups measured in vitro microtubule bending stiffness with different techniques. Most techniques directly exert a force to measure microtubule stiffness, e.g. using flow, optical tweezers, atomic force microscopy or trajectories of microtubules transported by surface-attached kinesin molecules (Hawkins et al., 2010; see Fig. 14). Thermal fluctuations are used as a passive way to probe microtubule stiffness, relying on slight bending induced by thermal energy only. Due to the inherent stiffness of microtubules, this approach is limited to long microtubules.

Surprisingly, the stiffness values found by the different groups vary substantially:

Persistence length estimates range from 0.03 mm to 46.8 mm (Hawkins et al., 2010).

This variability is likely to reflect the influence of the measurement technique as well as the way microtubules are grown. Indeed mechanical properties of microtubules are influenced by a number of factors. For example, some neuronal MAPs are able to increase microtubule stiffness [START_REF] Mickey | Rigidity of microtubules is increased by stabilizing agents[END_REF], while MAP65, which is associated to spindle formation and stabilization, promotes flexibility [START_REF] Portran | MAP65/Ase1 promote microtubule flexibility[END_REF]. Taxol, a drug known to stabilize microtubules against depolymerization, makes microtubules less rigid [START_REF] Dye | Taxol-induced flexibility of microtubules and its reversal by MAP-2 and Tau[END_REF]. Even growth velocity has been shown to affect microtubule stiffness: Microtubules grown faster are more flexible, probably due to structural defects in the lattice which are more likely to occur during fast polymerization (Kurachi et al., 1995;Janson and Dogterom 2004). These defects have been visualized with atomic force and electron microscopy, revealing different types of lattice irregularities: Protofilament mismatches, where a switch between different protofilament numbers occurs within a microtubule (Chrétien et al., 1992; see Fig. 15a); missing tubulin dimers, corresponding to point defects in an otherwise perfect lattice, and separations between neighboring protofilaments (Schaap et al., 2004; see Fig. 15b). The frequency of occurrence of these defects is largely unknown; only protofilament transitions have been characterized in this respect. Chrétien et al. showed that transitions occur with an average separation on the order of micrometers (Chrétien et al., 1992). Interestingly, microtubules exhibit a length-dependent stiffness; short filaments are more flexible than longer ones [START_REF] Pampaloni | Thermal fluctuations of grafted microtubules provide evidence of a length-dependent persistence length[END_REF][START_REF] Taute | Microtubule dynamics depart from the wormlike chain model[END_REF]. The reason for this observation is not clear, but has been linked to the anisotropy of tubulin bonds.

Microtubules can be laterally deformed, as shown by a study using a depletant to exert osmotic pressure [START_REF] Needleman | Radial compression of microtubules and the mechanism of action of taxol and associated proteins[END_REF], highlighting the flexibility of lateral bonds. Pointwise indentation with atomic force microscopy revealed that microtubules can deform elastically for up to 15% lateral deformation, before the lattice collapses [START_REF] Schaap | Nano-scale mechanics of protein and DNA assemblies[END_REF]. Taken together, these observations suggest that microtubules are inherently diverse and adaptable structures.

Microtubule mechanics in cells 1.7.1 Mechanical properties of cellular microtubules

In a living cell, unknown forces that vary temporarily and spatially throughout the cell make direct measurements of microtubule persistence length unaccessible. Different groups have studied cellular mechanics on the scale of entire cells, mostly describing them as a viscoelastic material [START_REF] Haase | Investigating cell mechanics with atomic force microscopy[END_REF]. However, as material properties are heterogeneous within a cell, it is difficult to deduce mechanical properties of single elements from observations of the overall response to a load.

Therefore, to date, the only estimates of microtubule bending rigidity in vivo are derived from measurements of cellular structures mainly composed of microtubules, like cilia (e.g. [START_REF] Baba | Flexural rigidity and elastic constant of cilia[END_REF]). Information on microtubule mechanics in vivo is therefore sparse, and sometimes contradictory. For example, Battle et al. estimated the bending rigidity of microtubule doublets from the measured bending rigidity of entire cilia by bending them with an optical trap. They obtained a bending rigidity of 2-4•10 -24 Nm 2 , corresponding to a persistence length of approximately 0.5 -1 mm [START_REF] Battle | Intracellular and extracellular forces drive primary cilia movement[END_REF]. However, they assumed weak coupling between the doublets to fit their data with in vitro estimations of microtubule rigidity, and simply treated the cilia as bundles of doublets where the total bundle rigidity equals the sum of the rigidities of the doublets. It is not clear whether this is a valid assumption;

there may be a moderate degree of coupling between doublets, which would mean that Battle et al. overestimated the rigidity of the doublets. Considering this, the stiffness values they obtained are surprisingly low compared to in vitro data. sponding to a persistence length of about 16 mm) -an order of magnitude higher than the result obtained by Battle et al. [START_REF] Tolomeo | Mechanics of microtubule bundles in pillar cells from the inner ear[END_REF]. The difference in the values obtained highlights the difficulty to extract reliable data on microtubule mechanics from in vivo data.

Forces on cellular microtubules

Microtubules produce forces which shape their environment in vivo and, at the same time, they experience forces which influence their behavior, leading to force-feedback and self-regulation. The forces exerted by -and on -microtubules can induce ordering of microtubules themselves and other cytoskeletal structures [START_REF] Schaller | Polar patterns of driven filaments[END_REF]. Cells are densely packed: The total content of proteins, lipids and sugars amounts to up to 40 % of the total cytoplasmic volume [START_REF] Fulton | How crowded is the cytoplasm?[END_REF]. The mere presence of other proteins in the cytoplasm leads to molecular crowding which can induce microtubule bundling and change reaction kinetics [START_REF] Ellis | Macromolecular crowding: Obvious but underappreciated[END_REF][START_REF] Hosek | Polymer-induced bundling of F actin and the depletion force[END_REF].

Forces acting on microtubules in vivo often make them adopt highly bent or buckled shapes, with short wavelengths on the order of a few microns and curvatures well below 1 rad/µm (see Fig. 16). In addition, bent microtubule shapes appear dynamic and change on the order of seconds (Odde et al., 1999;Brangwynne et al., 2006, 2007; see Fig. 17). During growth, the microtubule tips are often reoriented, leading to winding growth trajectories (Brangwynne et al., 2007). This is in stark contrast to the straight, rigid appearance of unconstrained microtubule in vitro, and to the long-range, long-wavelength buckling behavior of microtubules buckling in vitro when growing against a rigid barrier [START_REF] Dogterom | Measurement of the force-velocity relation for growing microtubules[END_REF]. The difference in buckling behavior has been attributed to the elastic network present in cells. A microtubule surrounded by an elastic cytoskeletal network has to displace the network upon buckling and is therefore constrained in its movement, which favors small wavelength buckling with high local curvature [START_REF] Brangwynne | Microtubules can bear enhanced compressive loads in living cells because of lateral reinforcement[END_REF] see Fig. 18). The coupling of microtubules to an elastic network leads to a larger critical force for buckling: The minimum compressive force necessary to produce the observed shapes was estimated to be around 100 pN by Brangwynne et al., who assumed microtubule stiffness in cells to be comparable to in vitro estimations. However, not all microtubules in the same cell are equally bent, even when they are close together: In cardiac myocytes, some microtubules buckle upon contraction, while other nearby microtubules stay straight, indicating that only some of the microtubules are actually coupled to elastic elements in the cell [START_REF] Brangwynne | Microtubules can bear enhanced compressive loads in living cells because of lateral reinforcement[END_REF]. In addition, in other cell types such as neurons, microtubules often grow as bundles where they are much less bent [START_REF] Spedden | Elasticity maps of living neurons measured by combined fluorescence and atomic force microscopy[END_REF]; see Fig. 16).

Sometimes, microtubules in cells are observed to break (Waterman-Storer and Salmon, [START_REF] Brangwynne | Microtubules can bear enhanced compressive loads in living cells because of lateral reinforcement[END_REF] 1997; Odde et al., 1999;Gupton et al., 2002; see Fig. 17c); increased local microtubule curvature was shown to correlate with an increased probability of breaking (Odde et al., 1999). Mostly however, microtubules are able to withstand even high curvatures without breaking.

Forces acting on or produced by microtubules in cells originate from different mechanisms. For example, assembly and disassembly are ways of direct force production by microtubules. In vitro, polymerizing microtubules can exert forces up to 4 pN when growing against barriers. At the same time, the opposing forces from the barriers decrease or stall polymerization [START_REF] Dogterom | Measurement of the force-velocity relation for growing microtubules[END_REF][START_REF] Huber | Emergent complexity of the cytoskeleton: From single filaments to tissue[END_REF]. In cells, the actin cortex can be an effective barrier, as it is observed to be impenetrable for microtubules (Waterman-Storer and Salmon, 1997).

Depolymerizing microtubules can generate forces due to the energy stored from GTP hydrolysis in the lattice, as the outward curling protofilaments are no longer forced into a straight conformation by the constraints of the lattice. Forces produced during depolymerization can be ten times higher than the force generated by a microtubule associated motor protein (Molodtsov et al., 2005), and are important e.g. for chromosome segregation.

A key way of force production in cells is molecular motor activity. Three main types of motors are involved in cellular force generation: Kinesin, dynein and myosin. Cortical dynein, a microtubule associated motor protein, can capture microtubule ends at the cell periphery and pull on them, stabilizing them against depolymerization (Laan et al., 2012). Microtubule associated motors can also transport microtubule segments towards stationary points ('pinning points'), and therefore transiently induce local bending until the pinning is released [START_REF] Kent | Transient pinning and pulling: A mechanism for bending microtubules[END_REF]. Teams of motors can exert forces up to 20 pN on microtubules [START_REF] Hendricks | Force measurements on cargoes in living cells reveal collective dynamics of microtubule motors[END_REF]. Beside bending, motor proteins can also exert friction forces on microtubules: When kinesin-8, a processive plus end directed motor, is attached to a microtubule and is dragged by an optical trap, it exerts friction forces of several piconewtons on the microtubule [START_REF] Bormuth | Protein friction limits diffusive and directed movements of kinesin motors on microtubules[END_REF]. Friction is also likely to occur between microtubules and other cellular components.

The cytoskeletal network in which microtubules are embedded is also known to exert forces on microtubules. For example, myosin II, an actin associated motor protein, can slide actin filaments against each other and thus generate contractile forces.

Actin networks can push microtubules, or, when they act in an end-on fashion, lead to microtubule buckling [START_REF] Wang | Mechanical behavior in living cells consistent with the tensegrity model[END_REF]Gupton et al., 2002;[START_REF] Schaefer | Filopodia and actin arcs guide the assembly and transport of two populations of microtubules with unique dynamic parameters in neuronal growth cones[END_REF]. Even the polymerization of actin at the leading edge of a cell, not considering motor activity, can produce considerable forces that have been estimated to be on the order of nanonewtons per micron [START_REF] Mogilner | Force generation by actin polymerization II: The elastic ratchet and tethered filaments[END_REF][START_REF] Ananthakrishnan | The forces behind cell movement[END_REF].

Due to the high degree of confinement in cells, fluctuations in microtubule shape caused by thermal forces have been discarded as a possible mechanism for microtubule bending. Yet, most groups found the distribution of local microtubule curvature to be thermal-like, leading to an apparent persistence length of about 20 µm (Brangwynne et al., 2007;[START_REF] Pallavicini | Lateral motion and bending of microtubules studied with a new singlefilament tracking routine in living cells[END_REF]. However, as this value is two orders of magnitude lower than what in vitro measurements suggest, it was concluded that microtubule bending in cells must be exclusively of non-thermal origin [START_REF] Wang | Mechanical behavior in living cells consistent with the tensegrity model[END_REF][START_REF] Brangwynne | Microtubules can bear enhanced compressive loads in living cells because of lateral reinforcement[END_REF]. Still, as microtubule stiffness measurements in vivo are not accessible so far, thermal fluctuations might contribute to the bent shapes of microtubules in cells.

Apart from specialized microtubule structures such as cilia and flagella, the structural role of microtubules in cells is not yet entirely understood, as it is not clear to what degree microtubules contribute to cell mechanics. Lateral reinforcement might help microtubules to bear compressive loads and might help the cell to resist external forces, as proposed by Brangwynne et al.: An in vitro study showed increased stiffening of actin networks at high strains when even a low number of non-crosslinked is microtubules is present in the networks [START_REF] Lin | Control of non-linear elasticity in F-actin networks with microtubules[END_REF]. Microtubules have also been proposed to act as internal compression elements and balance prestress in the cell, counteracting e.g. actomyosin contraction and retaining bending energy [START_REF] Buxbaum | A thermodynamic model for force integration and microtubule assembly during axonal elongation[END_REF][START_REF] Wang | Mechanotransduction across the cell surface and through the cytoskeleton[END_REF][START_REF] Lin | Control of non-linear elasticity in F-actin networks with microtubules[END_REF].

This would suggest that microtubule disruption in a surface adhered cell should cause a substantial part of the stress to be transmitted to the extracellular space.

However, Wang et al. only observed a mean increase in traction of 13 % in human smooth muscle cells [START_REF] Wang | Mechanical behavior in living cells consistent with the tensegrity model[END_REF]; this seemingly contradicts the hypothesis of microtubules being a major element of balancing prestress.

In addition, AFM measurements of cell (visco-)elasticity performed by a substantial number of groups have shown a dominant effect of the actin cytoskeleton in different cell types, whereas microtubules contribute much less to cell stiffness [START_REF] Kirmizis | Atomic force microscopy probing in the measurement of cell mechanics[END_REF][START_REF] Henderson | Actin filament dynamics in living glial cells imaged by atomic force microscopy[END_REF][START_REF] Rotsch | AFM imaging and elasticity measurements on living rat liver macrophages[END_REF][START_REF] Wu | Mechanical properties of L929 cells measured by atomic force microscopy: effects of anticytoskeletal drugs and membrane crosslinking[END_REF][START_REF] Charras | Single cell mechanotransduction and its modulation analyzed by atomic force microscope indentation[END_REF][START_REF] Nawaz | Cell viscoelasticity measured with AFM and optical trapping at sub-micrometer deformations[END_REF][START_REF] Haase | Investigating cell mechanics with atomic force microscopy[END_REF]. Heidemann et al. concluded from their observations of microtubule buckling in cells (see Fig. 17b) that microtubules are too weak to resist large compressive forces and that microtubule buckling is a result of this weakness, rather than a consequence of large forces [START_REF] Heidemann | Direct observation of the mechanical behaviors of the cytoskeleton in living fibroblasts[END_REF]. On the other hand, microtubules in neurons often grow as bundles and appear much less bent than in other cell types, and areas of high elastic modulus in the cell bodies of cortical neurons are associated with high microtubule density, rather than with F-actin [START_REF] Spedden | Elasticity maps of living neurons measured by combined fluorescence and atomic force microscopy[END_REF].

Motivation

Overall, as explained in the previous chapters, microtubules in cells often appear surprisingly bent, which implies either the action of high forces, or an overestimation of microtubule stiffness. The apparently contradictory findings on the structural role of microtubules highlight the importance of estimating microtubule mechanical properties in a cellular context.

As a direct measurement of microtubule stiffness in cells is not accessible so far, a first step towards better understanding the structural role of microtubules is to assess their response to mechanical stimuli. So far, little is known about the impact of forces on microtubule mechanics. As a hint, an in vitro study on microtubules that are transported by surface-attached kinesins showed that protein friction between motors and microtubules can lead to loss of tubulin dimers at the microtubule ends, indicating molecular wear [START_REF] Dumont | Molecular wear of microtubules propelled by surface-adhered kinesins[END_REF]. What the consequences for microtubule structure and behavior might be, and if bending might lead to a similar response and has an impact on microtubule mechanics, still remain open questions.

In this thesis, the effect of mechanical stress, specifically of bending forces, on microtubule mechanics is studied. Whichever of these possibilities is true, it will increase our understanding of the physical basis of microtubule mechanics in a context that is highly relevant for various cellular functions. Considering the highly curved shapes that microtubules often adopt in cells on the one hand and their stiffness measured in in vitro experiments on the other hand, it is surprising that microtubules are rarely observed to break. Due to the difficulty to measure mechanical properties of microtubules in living cells, in vitro approaches offer a way to shed some light on this issue. The aim of this study was therefore to develop an in vitro setup to expose microtubules to well-defined, repeated bending stress and observe how this affects their mechanical properties.

To this end, it was necessary to exert forces on microtubules that could be precisely controlled on short time scales and to measure microtubule mechanical properties with the same setup. In the past, calibrated flow has often been used to determine microtubule bending rigidity in vitro (Hawkins et al., 2010). At the same time, this technique provides a way to exert forces on microtubules. Specifically, microfluidic systems offer an excellent approach to exert well-defined forces on microtubules in the form of hydrodynamic bending stress, while also allowing fast exchange of the surrounding medium during an experiment. For this reason, and as basic microfluidic tools were available in the laboratory, microtubule bending by fluid flow using a custom-made microfluidic device was chosen as a method to tackle the task.

The system developed by Portran et al. provided a good basis as it combined controlled grafting of microtubules at one end on an otherwise non-adhesive surface that minimized friction ('micropatterning') with bending induced by fluid flow (Portran et al. (MBoC ), 2013). However, the system did not allow good control of flow velocities and repeated, reproducible bending of the same microtubule within short time scales was not possible. Therefore, a microfluidic setup was developed that permitted better flow control and that could be combined with the micropatterning technique developed by Portran et al. (Portran et al. (Cytoskeleton), 2013).

The microfluidic chip needed to allow grafting of microtubules on micropatterns on the one hand, and fluid flow perpendicularly to microtubules to induce bending on the other hand. It was therefore designed to consist of a central chamber with two inlet channels that are perpendicular to each other (see Fig. 19a). Liquid exited the chip through two outlet channels that are also perpendicular to each other and could be opened and closed as and when required. One inlet channel was used to graft short, pre-polymerized microtubule seeds, from which dynamic microtubules were grown. The advantage of using dynamic microtubules was that by avoiding stabilizing agents, important properties like the nucleotide state and bond energies were left unaltered, increasing the relevance of the results. The second inlet channel was used to deform microtubules by applying a fluid flow. Flow was controlled with a microfluidic pump that allowed good temporal control of flow velocities (see Fig. 19b).

A challenging task was to obtain reliable estimations of absolute persistence lengths.

Microtubule persistence length was calculated from their bent shapes under flow and from the flow velocity. Flow velocity was estimated using fluorescent beads, whose displacement in the solution was monitored. However, the flow velocity that microtubules experienced did not correspond to the velocity of the beads, since the beads were likely to reduce flow velocity close to the surface. For this reason, microtubule persistence length was first calculated from thermal fluctuations, using the method described by Gittes et al. (Gittes et al., 1993). The values obtained were then used to correct for the discrepancy in actual and measured flow velocity, by applying the same correcting factor to all measurements.

Overall, the microfluidic setup was used to study the effect of repeated bending stress on microtubule persistence length under various conditions. Microtubules-which define the shape of axons, cilia and flagella, and provide tracks for intracellular transport-can be highly bent by intracellular forces, and microtubule structure and sti ness are thought to be a ected by physical constraints. Yet how microtubules tolerate the vast forces exerted on them remains unknown. Here, by using a microfluidic device, we show that microtubule sti ness decreases incrementally with each cycle of bending and release. Similar to other cases of material fatigue, the concentration of mechanical stresses on pre-existing defects in the microtubule lattice is responsible for the generation of more extensive damage, which further decreases microtubule sti ness. Strikingly, damaged microtubules were able to incorporate new tubulin dimers into their lattice and recover their initial sti ness. Our findings demonstrate that microtubules are ductile materials with self-healing properties, that their dynamics does not exclusively occur at their ends, and that their lattice plasticity enables the microtubules' adaptation to mechanical stresses.

M

icrotubules are dynamic polymers that span the intracellular space. The self-organization of microtubule arrays defines the shape of axons, cilia, flagella and centrioles, as well as the structure of mitotic spindles and of intracellular transport networks 1 . Therefore, the growth dynamics and mechanical properties of microtubules, which determine network architecture, are central to cell physiology. The dynamics of microtubule growth has been exhaustively investigated and is now fairly well described 2,3 relative to microtubules mechanical properties, which are poorly understood despite their critical role in the regulation of microtubule network geometry 4-7 .

The large and hollow cross-section of a microtubule's tubular shape confers it a high bending stiffness 8 . Microtubule persistence lengths-of a few millimetres-surpass by several orders of magnitude the stiffness of other cytoskeleton polymers 7,9 . The regular lattice of adjacent protofilaments has been an inspiring structure and the subject of various physical models of microtubule mechanics. Cracks, defects and holes in the lattice, as well as breathing or sliding of adjacent protofilaments, have all been proposed to modulate microtubule mechanical properties 8,10-17 . In vivo, microtubules are submitted to various types of external forces; produced by fluid flow in the case of cilia and flagella, or by molecular motors and deformation of other cytoskeleton networks in the cytoplasm 18-24 . Microtubules can move, bend or break in response to those constraints 25,26 . Yet, it is at present not known how microtubules respond to the vast forces exerted on them and if cracks and defects actually modulate this response.

Optical tweezers and fluid flow have been used to bend microtubules and estimate microtubule stiffness 7,27 . They revealed key microtubule features such as stiffness-length dependency and the softening effect of microtubule-stabilizing drugs 28,29 . However, investigations into the mechanical properties of dynamic microtubules in response to external forces are in urgent need of a new method that does not sacrifice throughput for accuracy and is compatible with high-quality imaging. Here we developed a device that can be used to apply controlled hydrodynamic constraints on arrays of dynamic microtubules and monitor their deformation.

Microtubules soften under mechanical stress

To study the effect of mechanical stress on microtubules, we attached microtubule seeds onto micropatterns 30 , grew dynamic microtubules and applied a calibrated (and locally quantifiable) flow orthogonal to the microtubule axis using microfluidics (Fig. 1a). When subjected to a transient hydrodynamic flow, microtubules bent and recovered their original straight shape with no apparent hysteresis (that is, microtubules demonstrated elastic deformation, Supplementary Movie 1 and Fig. 1b). Surprisingly, repeated bending cycles using identical flow revealed that microtubules bent further with each cycle. The maximal deflection increased incrementally with each mechanical cycle (Supplementary Movie 2 and Fig. 2a,b), suggesting that microtubules became softer-that is, exhibited material fatigue-under repeated mechanical stress. Microtubule persistence length, a direct correlate of microtubule stiffness, can be inferred from the microtubule shape and the velocity of the fluid exerting the hydrodynamic force on the microtubule 29 (see Methods). Although the initial persistence length varied from 2 to 4 mm, the majority of microtubules (60%, n = 15), which were assembled in the presence of 20 µM of tubulin, exhibited a progressive reduction of stiffness cycle after cycle (Fig. 2c). On average, those microtubules became twice as soft as their initial state after six bending cycles.

Lattice defects promote microtubule softening

Material fatigue of highly ordered polymers and crystal-like structures is known to stem from pre-existing structural defects that concentrate stresses and spread into more extensive damage 31 . Pre-existing structural defects in the microtubules lattice, such as lack of dimers, abrupt variations of protofilament number, or of helix start number have been reported 32,33 . By altering the regularity of the lattice, defects introduce areas of weakness that concentrate stresses and undergo local protofilament disorganization and partial lattice disassembly. We use the term 'defect' to refer to initial lattice imperfections and the term 'damage' to refer to the lattice disorganization and destruction that results from stress accumulation on defects. Defects in the microtubule lattice have already been suggested as altering the mechanical properties, but this hypothesis remains untested 8,11,13,14 . Consistently, rapidly polymerized microtubules harbour a greater frequency of defects and tend to exhibit lower stiffness 32,34 . We confirmed that rapidly assembled microtubules are softer than slowly assembled microtubules (Fig. 2d). To test whether the amount of pre-existing defects is responsible for microtubule softening through the generation of more extensive damage, we subjected microtubules assembled at various speeds to repeated bending cycles. It emerged that the magnitude of microtubule fatigue in response to cyclic stress was indeed larger in rapidly assembled microtubules (Fig. 2e).
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All microtubules assembled at the highest tested concentration of free tubulin (26 µM) exhibited material fatigue, whereas softening was undetectable for microtubules assembled at the lowest concentration (14 µM; Fig. 2f and Supplementary Fig. 1). These results demonstrate that stress alone is not sufficient to fatigue microtubules and suggest that pre-existing lattice defects may be responsible for this mechanical property. Notably, highly curved microtubules in cells have long puzzled investigators considering the intrinsic stiffness of pure microtubules. Although microtubule curvature in cells may result from the large forces exerted by actin network contraction 35 , the microtubule fatigue we describe here suggests that repeated mechanical constraints may soften microtubules in cells.

Softened microtubules can self-repair

Some structures made of long-lived microtubules in sensory organelles, such as sensory cilia or axons, maintain their mechanical properties despite being continuously subjected to external constraints 24,36 . This raises the possibility that mechanisms may protect long-lived microtubules from material fatigue or allow them to recover from the effect of injurious bending. We tested this hypothesis by letting microtubules recover for long periods of time between the bending cycles (Fig. 3a). Microtubules were assembled at 20 µM of free tubulin. As the duration of the rest period increased from 10 to 100 s, the proportion of microtubules affected by fatigue was progressively reduced (Supplementary Fig. 2). Remarkably, when microtubules remained at rest for 100 s between the bending cycles, microtubule stiffness was unchanged from one cycle to another (Fig. 3b-c). Because microtubules were subjected to the same bending forces in all recovery experiments, the absence of softening when resting time is increased to 100 s suggests that microtubules underwent repair between the bending cycles.

To further test whether microtubules recover their mechanical properties after being damaged, we induce softening with five rapid bending cycles followed by a 100 s rest (Fig. 3d). The majority of microtubules that had softened during the five bending cycles exhibited a significant stiffness increase during the rest period. Also, for most of the microtubules that did not soften, stiffness did All curves were considered significantly di erent using a two-way ANOVA test, except for 14 and 18 µM. A t-test on the average persistence length showed all these di erences became significant at the fourth bending cycle.
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not increase during the rest period. These findings demonstrate that damaged microtubules have the ability to recover their stiffness through self-repair.

Microtubules have self-healing properties

We propose two hypotheses for the recovery of mechanical properties during the pauses: incorporation of new tubulin to patch damage in the lattice and lateral realignment of protofilaments that underwent sliding or separation. In the former hypothesis, stiffness recovery should involve the incorporation of new dimers in the lattice. To test the possibility that tubulin incorporation can actually heal microtubules, we generated large, but locally and temporally controlled, structural damage to microtubules with laser pulses (Supplementary Movie 3 and Supplementary Fig. 4).

To visualize possible tubulin incorporation into the microtubule lattice, red microtubules were bathed in a solution of green tubulin and damaged by laser pulses. On switching the solution back to red tubulin, it was apparent that the green tubulin had become incorporated not only at the end but also at the impact site on the red microtubule (Supplementary Movie 4 and Fig. 4a). This suggests that microtubule lattice repair can take place and be directly visualized in the case of large damage. Incorporation of tubulin along the microtubule length has previously been hypothesized 37 . Stabilized, end-to-end annealed axonemes were shown to adopt curved shapes on removal of free tubulin dimers in solution and to resume their original straight shapes on dimer addition. This suggested that microtubule shape recovery depended on intra-lattice dimer incorporation 37 . To test whether bent microtubules heal by local incorporation of tubulin at areas of high stress, we subjected red-labelled microtubules to five bending cycles with prolonged recovery periods in the presence of green-labelled tubulin (Fig. 4b). Concentrates of green fluorescence were found along the red microtubules (Supplementary Movie 5 and Fig. 4c,d) in more than 80% (n = 24) of microtubules that had been repeatedly bent. Green fluorescence peaks 1.5-4 times higher than the adjacent background were found in line scans (Fig. 4e and Bending flows were applied for a duration of 10 s, with a pause of 100 s between bending steps. Deformations appeared similar for all cycles. Scale bar is 3 µm. b, Overlay of microtubule maximal deformation during each bending cycle. Distinct colours have been attributed to each bending cycle. Scale bar is 3 µm. c, Measurements of microtubule persistence length evolution over the successive bending cycles. Delay between bending cycles was 100 s. Error bars correspond to the standard deviation calculated from five consecutive frames for each bending cycle. As a test of tendency, Spearman correlation tests for persistence length values over the successive cycles were performed. Green curves show microtubules for which the final persistence length was not significantly di erent from their initial one, whereas red curves show those that had been softened during the cyclic stress. d, Evolution of microtubule persistence length following five rapid bending cycles. The delay between the first five bending cycles was 10 s. To distinguish softening from non-softening microtubules, we used the distance between the minimum normalized persistence length and the persistence length during the first cycle (=1) as a parameter for a k-means clustering. The clustering algorithm found one group with a low distance, which corresponds to non-softening microtubules (shown on the left graph), and another group with a high distance, corresponding to softening microtubules (shown on the right graph). The recovery after a 100 s pause time was assessed by comparing the persistence length before and after the pause with a Wilcoxon matched-pairs test. Microtubules exhibiting significant recovery are shown in blue, the others are shown in orange. Supplementary Fig. 5). The appearance of new tubulin along the microtubule length takes place preferentially in the proximal and most curved half of the microtubule (Fig. 4f), thus suggesting that the areas subjected to the greatest local stress underwent damage that was repaired by local tubulin incorporation. Furthermore, we detected no incorporation of green-labelled tubulin into redlabelled microtubules subjected to a longitudinal-rather than orthogonal-flow (Fig. 4g-j and Supplementary Movie 6 and Supplementary Fig. 6). In addition, slowly assembled microtubules (with 14 µM tubulin) that did not exhibit material fatigue (Fig. 2e) also failed to incorporate new tubulin into their lattice under repeated cycles of bending (Supplementary Fig. 7). Thus, free tubulin dimers incorporate systematically along the sidewall of microtubules, recovering their stiffness after having been damaged by external forces, but they do not incorporate in microtubules in which stiffness is unchanged (whether they had been bent or not). Therefore tubulin dimer incorporation along the lattice seems to be a key correlate of microtubule stiffness recovery.

Intriguingly, curvature seems to vary smoothly along the length of the bent microtubule even though the size of the tubulin incorporation area-that is, the repaired area-is rather limited (green fluorescent sites were 1.2 µm ± 1 µm long (n = 26)). Local damage should intuitively lead to localized kinks rather than homogeneous global deformation. As we could not measure experimentally the size of the softened regions, which seems to differ from the size of the repair region, we developed a method to estimate it by comparing the experimental deformation we measured to that of numerical microtubules of a known stiffness profile. We performed numerical simulations in which softening was limited to segments of defined length (Fig. 5a and Methods).

In our simulations, both the width and the degree of local softening contributed to the deformation and the apparent average stiffness of the entire microtubule (Fig. 5b and Supplementary Fig. 8).

Then, to characterize microtubule deviation from homogeneous deformation, we measured the distance ω between experimentally bent microtubules and numerical microtubules of constant stiffness showing similar deformation (Fig. 5c). Large distances corresponded to microtubules showing local kinks, whereas short distances corresponded to a more homogeneous deformation. We compared experimental values against those of numerically simulated microtubules with a variety of rigidity profiles but similar apparent stiffness (see Methods and Fig. 5d). Some experimental data points were close to numerical simulations of microtubules with small softened regions ( s/L = 0.1), but others were closer to simulations of microtubules with long softened regions ( s/L = 0.5). This showed that, in our experiments, the bending-induced damage was not always highly localized but often extended over a large portion of the microtubule. Thus, the two working hypotheses we formulated for microtubule repair-namely, local structure healing by incorporation of free dimers and lattice rearrangement over long distances-are both compatible with our experimental observations. Here we report the softening and self-healing of microtubules in response to mechanical constraints. Although softening following repeated constraints, or fatigue, is common to all materials, selfhealing is much less frequent 38,39 and appears here as the remarkable natural feature of a biological polymer. Defects in the microtubule lattice, such as variations of protofilament number 32,33 , are likely to play a central role in microtubule fatigue and self-healing, because in the absence of defects microtubules deformed elastically with no fatigue and no repair (Fig. 2f and Supplementary Fig. 7). Exactly how the accumulation of stress at lattice defects alters microtubule architecture and bending stiffness remains a key question. Our data suggest that two processes may operate: a local disassembly spreading from the pre-existing defect (Fig. 4) and a long-range disorganization of the microtubule lattice (Fig. 5). We speculate that structural defects may initiate lattice disorganization by allowing a higher degree of freedom to adjacent protofilaments (Fig. 6). Protofilaments adjacent to the defect have fewer lateral interactions and are thus easier to separate, making their deformation less constrained (Fig. 6b). This favours the propagation of cracks in the lattice as well as protofilament rupture and disassembly (Fig. 6c). These effects contribute to global and local microtubule softening. They can be further amplified in repeated bending sequences, generating microtubule fatigue (Fig. 6c). As the microtubule recovers its original straight shape, owing to the remaining stiffness of the intact protofilaments, separated protofilaments spontaneously realign and progressively re-establish lateral interactions (Fig. 6d). Meanwhile, free tubulin in the medium binds to the newly generated protofilament ends
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Microtubule with a pre-existing defect.

Microtubule bending by external forces generates mechanical stress that deforms protofilaments next to the defect. The damaged lattice reduces the microtubule bending sti ness.

After self-healing, the microtubule has recovered its original sti ness.

The original defect enlarges into more extensive damage due to dimer loss and crack propagation.

As the microtubule recovers its original shape, protofilaments rearrange and dimer incorporation heals the damaged site. and completes the healing of the structure (Fig. 6d). Thereby, the microtubule recovers its original stiffness (Fig. 6e).

These new properties of microtubule softening and self-repairing and the plasticity of the microtubule lattice profoundly change our appreciation of microtubule mechanics and dynamics. It should prompt us to revise our understanding of the regulation of microtubule network architectures. 

Methods

Methods

Methods

Tubulin purification and labelling. Tubulin was purified from fresh bovine brain by three cycles of temperature-dependent assembly and disassembly in Brinkley Buffer 80 (BRB80 buffer; BRB buffer: 80 mM PIPES, pH 6.8, 1 mM EGTA and 1 mM MgCl2 plus 1 mM GTP; ref. 40). MAP-free neurotubulin was purified by cation-exchange chromatography (EMD SO, 650 M, Merck) in 50 mM PIPES, pH 6.8, supplemented with 1 mM MgCl2 and 1 mM EGTA (ref. 41). Purified tubulin was obtained after a cycle of polymerization and depolymerization. Fluorescent tubulin (ATTO-488 and ATTO-565-labelled tubulin) and biotinylated tubulin were prepared as previously described 42 . Microtubules from neurotubulin were polymerized at 37 • C for 30 min and layered onto cushions of 0.1 M NaHEPES, pH 8.6, 1 mM MgCl2, 1 mM EGTA, 60% v/v glycerol, and sedimented by high centrifugation at 30 • C. Then microtubules were resuspended in 0.1 M NaHEPES, pH 8.6, 1 mM MgCl2, 1 mM EGTA, 40% v/v glycerol and labelled by adding 1/10 volume 100 mM NHS-ATTO (ATTO Tec), or NHS-Biotin (Pierce) for 10 min at 37 • C. The labelling reaction was stopped using two volumes of 2X BRB80, containing 100 mM potassium glutamate and 40% v/v glycerol, and then microtubules were sedimented onto cushions of BRB80 supplemented with 60% glycerol. Microtubules were resuspended in BRB80, and a second cycle of polymerization and depolymerization was performed before use.

Cover glass micropatterning. The micropatterning technique was adapted from ref. 30. Cover glasses were cleaned by successive chemical treatments: 30 min in acetone, 15 min in ethanol (96%), rinsing in ultrapure water, 2 h in Hellmanex III (2% in water, Hellmanex), and rinsing in ultrapure water. Cover glasses were dried using nitrogen gas flow and incubated for three days in a solution of tri-ethoxy-silane-PEG (30 kDa, PSB-2014, Creative PEGWorks) 1 mg ml -1 in ethanol 96% and 0.02% of HCl, with gentle agitation at room temperature. Cover glasses were then successively washed in ethanol and ultrapure water, dried with nitrogen gas, and stored at 4 • C. Passivated cover glasses were placed into contact with a photomask (Toppan) with a custom-made vacuum-compatible holder and exposed to deep ultraviolet (7 mW cm -2 at 184 nm, Jelight) for 2 min 30 s. Deep ultraviolet exposure through the transparent micropatterns on the photomask created oxidized micropatterned regions on the PEG coated cover glasses.

Microfluidic circuit fabrication and flow control. The microfluidic device was fabricated in PDMS (Sylgard 184, Dow Corning) using standard photolithography and soft lithography 43 . The master mould was fabricated by patterning 50-µm-thick negative photoresist (SU8 2100, Microchem) by photolithography. A positive replica was fabricated by replica moulding PDMS against the master. Before moulding, the master mould was silanized (trichloro(1H,1H,2H,2H-perfluorooctyl)silane, Sigma) for easier lift-off. Four inlet/outlet ports were made in the PDMS device using 0.5 mm soft substrate punches (UniCore 0.5, Ted Pella). Connectors to support the tubing were made out of PDMS cubes (0.5 cm side length) with a 1.2 mm diameter through-hole. The connectors were bonded to the chip ports using still liquid PDMS as glue, which was used to coat the interface between the chip and the connectors, and was then rapidly cured on a hotplate at 120 • C. Teflon tubing (Tefzel, inner diameter: 0.03 ′′ , outer diameter: 1/16 ′′ , Upchurch Scientific) was inserted into the two ports serving as outlets. Tubing with 0.01 ′′ inner and 1/16 ′′ outer diameter was used to connect the inlets, via two three-way valves (Omnifit Labware) that could be opened and closed by hand, to a computer-controlled microfluidic pump (MFCS-4C, Fluigent). Flow inside the chip was controlled using the MFCS-Flex control software (Fluigent). For repeated bending experiments, a script was used that automatically set the flow to a defined value for 10 s, then turned off the flow for 10 s or 100 s, repeating this cycle up to ten times. Custom rubber pieces that fit onto the tubing were used to close the open ends of the outlet tubing when needed.

Microtubule growth on micropatterns. Microtubule seeds were prepared at 10 µM tubulin concentration (30% ATTO-488-labelled or ATTO-565-labelled tubulin and 70% biotinylated tubulin) in BRB80 supplemented with 0.5 mM GMP-CPP at 37 • C for 1 h. The seeds were incubated with 1 µM Taxotere (Sigma) at room temperature for 30 min and were then sedimented by high centrifugation at 30 • C and resuspended in BRB80 supplemented with 0.5 mM GMP-CPP and 1 µM Taxotere. Seeds were stored in liquid nitrogen and quickly warmed to 37 • C before use.

The PDMS chip was placed on a micropatterned cover glass and fixed on the microscope stage. The chip was perfused with neutravidin (25 µg ml -1 in BRB80; Pierce), then washed with BRB80, passivated for 20 s with PLL-g-PEG (Pll 20K-G35-PEG2K, JenKem Technology) at 0.1 mg ml -1 in 10 mM HEPES (pH = 7.4), and washed again with BRB80. Microtubule seeds were flowed into the chamber at high flow rates perpendicularly to the micropatterned lines to ensure proper orientation of the seeds. Non-attached seeds were washed out immediately using BRB80 supplemented with 1% BSA. Seeds were elongated with a mix containing 14, 18, 20 or 26 µM of tubulin (30% labelled) in BRB80 supplemented with 50 mM NaCl, 50 25 mM NaPi, 1 mM GTP, an oxygen scavenger cocktail (20 mM DTT, 2 mg ml -1 glucose, 80 µg ml -1 catalase and 0.67 mg ml -1 glucose oxidase), 0.1% BSA, 0.025% methyl cellulose (1500 cp, Sigma) and 0.02% red fluorescent beads (Fluoro-Max polymer spheres, 0.52 µm diameter, Thermo Scientific). The same mix was used to subject microtubules to flow. For the experiments showing tubulin incorporation after bending, a mix was prepared with 100% labelled tubulin for bending the microtubules.

Imaging. Microtubules were visualized using an objective-based azimuthal ilas2 TIRF microscope (Nikon Eclipse Ti, modified by Roper Scientific) and an Evolve 512 camera (Photometrics). The microscope stage was kept at 37 • C by means of a warm stage controller (LINKAM MC60). Excitation was achieved using lasers with wavelengths of 491 and 561 nm (Optical Insights). Time-lapse recording was performed using Metamorph software (version 7.7.5, Universal Imaging). Movies were processed to improve the signal/noise ratio (smooth and subtract background functions of ImageJ, version 1.47n5). Images were typically taken every 150 ms.

Laser-induced microtubule damage. Laser-induced microtubule damage tests were performed using a Laser illuminator iLas2 (Roper Scientific) set up on an inverted microscope (Ti-E, Nikon) with a ×60 Nikon APO TIRF Oil-immersion objective. iLas2 is a dual-axis galvanometer-based optical scanner that focuses the laser beam on the sample (diffraction-limited spot size) over the whole field of view of the camera. Laser displacement, exposure time and repetition rate were controlled using Metamorph software (version 7.7.9.0, Universal Imaging). To damage Alexa-561-labelled microtubules, a 50 mW/561 nm laser was used at 90% power, performing 30 repetitions within a field size of approximately 4 µm × 4 µm.

To merely photobleach microtubules, 20 repetitions were carried out at 80% laser power. To break microtubules, 50 repetitions at 100% laser power were used.

Measurement of microtubule persistence length. The microtubule is described as an inextensible slender filament with length L and bending rigidity κ, which is bent in two dimensions by the fluid flow. Its elastic energy E is given by

E[r] = L 0 κ 2 d 2 r ds 2 2 + λ 2 dr ds 2 -1 ds (1) 
The vector r(s) denotes the position of the filament parameterized by the arc length s and λ denotes a Lagrange multiplier associated with the inextensibility condition |dr/ds| = 1. The force exerted on the filament is given by the functional variation of the potential E with respect to the filament position vector r

FB = - δE δr (2) 
The filament orientation is fixed by the seed orientation at s = 0, whereas the other end of the filament at s = L is force-free. The hydrodynamic drag exerted by the fluid flow on a slender filament is given by

FH = g µ I - 1 2 dr ds ⊗ dr ds vb (3) 
where vb denotes the velocity field measured by the bead displacements, µ denotes the viscosity of the fluid and g denotes a geometrical factor of the order of 1, which depends on the distance of the filament from the surface, the radius of the filament and the distance of the beads from the surface. ⊗ denotes the outer product and I is the identity tensor. In mechanical equilibrium

FB + FH = 0 (4)
which determines the equilibrium shape of the filament subject to the appropriate boundary conditions. The filament rigidity was determined by solving equations ( 1)-( 4) using the AUTO-07p software package 44 and by minimizing the function

ω 2 (κ) = 1 L L 0 [rR(s) -r(s)] 2 ds ( 5 
)
where rR(s) denotes the measured position of the filament. The persistence length is then given by Lp = κ/(kBT ). ω is a measure for the distance between the shapes of two microtubules. In the fitting routine for the experimentally measured microtubule shapes, ω denotes the distance between the shape of the experimental snake and an inextensible flexible filament subjected to the same flow as the experimental snake. We assumed that the origin of the microtubule was clamped in the direction of the seed. To correct for a measurement error of the microtubule origin, we optimized equation ( 5) also for the position of the microtubule origin.

The analytic determination of the geometrical factor g is difficult, because the distance of the filament from the surface is not known, but is <100 nm (the depth of the evanescent wave field), the fluid velocity is determined by imaging of beads with a radius of 250 nm, which are visible with TIRF and the velocity field close to the surface is distorted by the PEG brush. We assume that g is approximately constant for all experiments. From an independent measurement of microtubule ARTICLES persistence length based on thermal fluctuations 9 we have calculated g = 0.27 ± 0.11.

Modelling of microtubule softening. Using numerical simulations we tested whether the observed bending-induced softening of microtubules was localized or extended over a larger portion of the microtubule. To that end we calculated theoretically the shapes of microtubules with a spatially dependent rigidity of the form

κ = κp + κ0 -κp 2 2 + tanh 2(s -s0) -s ε -tanh 2(s -s0) + s ε ( 6 
)
where κ0(κp) denotes the microtubule rigidity in the unsoftened (softened) region, s0 and s denote the centre position and the width of the softened region and ε denotes the width of the transition region between the softened and unsoftened part of the microtubule. The shapes of microtubules with an inhomogeneous rigidity (equation ( 6)) were fitted to the shapes of microtubules with a homogeneous rigidity to obtain an apparent average stiffness κ , as we did for experimentally obtained microtubules shapes using equation (5). For the calculations all lengths were scaled by the length L of the microtubule and the forces were scaled by the hydrodynamic drag force per cross-section g ηv. The shape of a microtubule with homogeneous stiffness then depends on a single dimensionless parameter κ = κ /(L 3 g ηv).

Apparent stiffness ( κ /κ0) is the stiffness of an homogeneous microtubule whose shape best fits the observed (or simulated) deformation. It is higher than the stiffness of the soft part, except when this part gets long enough and the two values match.

In Fig. 5d, we worked with numerical microtubules with an apparent stiffness of κ /κ = 0.5. We calculated the scaled fit parameter ω/L for microtubules with varying parameters of the perturbation s/L and κp/κ0 and different ratios κ0/L 3 g ηv, corresponding to different deflections of the unsoftened microtubule. All other parameters were kept constant, that is, s0/L = 0.33 and ε/L = 0.02.

To match experimentally obtained scaled fit parameters ω/L to theoretical ones, we picked bending cycles where microtubules showed a scaled effective rigidity ratio κn / κ1 ≈ 0.4-0.6. (The subscript denotes the number of the bending cycle.) We then matched the deflection of the first bending cycle x/L and the experimental fit quality parameter ωn/Ln to the theoretical curves to obtain an estimation of the width of the softened region (see Fig. 5d). Experimental points were spread between s/L = 0 and 0.6, which supports the hypothesis that the bending-induced damage was not always highly localized, but often extended over a larger portion of the microtubule.

One of the most striking conclusions of the study is that microtubules, which get damaged by repeated bending forces such as they act in cells, are able to recover their mechanical properties even in the absence of other molecular players. This finding is important for understanding the structural role of microtubules in cells, as a repair mechanism may help microtubules bear mechanical loads. Besides, material self-repair is a rare property, and has attracted a lot of attention in the material science field due to its possible applications (Cordier et al., 2008;Murphy et al., 2010). Understanding the molecular mechanisms of microtubule self-repair might therefore be of interest not only for cell biology, but also for the development of new functional materials.

The bending force exerted on microtubules in the present study is on the order of piconewtons, and therefore rather low compared to the amount of forces that microtubules may experience in cells. At first sight, it therefore seems surprising that bending of microtubules is sufficient to provoke damages and repair of the lattice. Yet, the GDP tubulin lattice is known to be a metastable structure ready to disassemble, implying internal strains that lead to a high lattice energy. Bending further increases the lattice energy, which might favor the dissociation of tubulin dimers from the lattice. This is especially true at structural defect sites, where bonds between dimers are strained or lacking, as is the case at protofilament transitions.

At a transition, one dimer misses a longitudinal contact, and at least two dimers lack one lateral contact each (see Fig. 20), though it is not clear from the literature how a protofilament transition looks like on the molecular scale -the separation between protofilaments might as well extend over a longer distance. In addition, lateral contacts are likely to be strained at the point where they close the gap above the transition. Due to the lack of precise information on the nature of the transition, it is not certain which dimer is least stable in the lattice around the defect and therefore most likely to dissociate. However, as longitudinal bonds are considerably stronger than lateral ones and therefore more efficient in stabilizing a dimer in the lattice, a lacking longitudinal contact decreases dimer stability more than a missing lateral bond. In the scheme shown in Fig. 20, the dimer on the bottom of the transition would thus be most unstable. Bending might also lead to an opening of the lattice, as shown in Fig. 15 in the introduction. This could preferentially happen above the transition shown in Fig. 20, where lateral contacts between dimers are strained. While dimer loss at a protofilament transition (or another, less well described defect type, see Fig. 15 in the introduction) would lead to a local softening of the microtubule and therefore a visible deviation from the calculated bent shapes based on a homogeneous stiffness, openings between protofilaments might extend much further along the lattice, causing more global softening of the microtubule.

Both local and global softening were observed (see Fig. 5 of the study), so the two mechanisms might play a role in microtubule softening.

Interestingly, tubulin incorporation into the lattice of a bent microtubule is only roughly correlated with local curvature. This suggests that stress is transmitted over a long distance along the lattice. Microtubules are often considered to be inextensible (Gittes et al., 1993;[START_REF] Kent | Transient pinning and pulling: A mechanism for bending microtubules[END_REF], so that protofilaments would have to slide past each other as microtubules are bent. Indeed protofilament sliding has been proposed to facilitate microtubule bending [START_REF] Pampaloni | Thermal fluctuations of grafted microtubules provide evidence of a length-dependent persistence length[END_REF]Sui et al., 2010), and might explain how lattice regions far from locally high curvature are affected by bending. Of note, the incorporation of new tubulin from the solution leads to a (transient) presence of GTP tubulin in the lattice. This might explain the observation of GTP tubulin stretches along the lattice by Dimitrov et al. [START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF]. It is tempting to hypothesize that the presence of GTP tubulin might have further consequences for microtubules. Importantly, proteins that specifically recognize the GTP tubulin state, such as +TIPs, might be recruited to the repair site. On the other hand, GTP tubulin itself has been proposed to be an efficient rescue factor [START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF]Tropini et al., 2012). Tropini et al. demonstrated that stretches of GMPCPP (a slowly hydrolyzable GTP analog) in a GDP microtubule lattice are able to favor microtubule rescue. It would therefore be interesting to investigate the effects of GTP tubulin incorporation in response to damage on microtubule rescue.

Besides, the influence of the nucleotide state on incorporation would be an interesting study subject: Does tubulin have to be in the GTP state in order to be incorporated into the lattice at the damage site? How fast does tubulin incorporate? How fast is incorporated GTP tubulin hydrolyzed? Based on tubulin association constants at the ends, the repair of damaged microtubules seems rather slow. What limits repair? How big does the damage have to be in order to overcome repair and lead to microtubule breakage? High curvature might increase the tubulin off-rate to a point where it cannot be compensated any more by incorporation. It would also be interesting to further characterize the local distribution of incorporated tubulin to see e.g. if incorporation occurs via elongating protofilaments, as shown in Fig. 20.

The exact role and origin of lattice defects remains to be demonstrated. For example, it is necessary to understand how they form, and if (and if yes, why) they depend on the growth rate and other assembly conditions. This could be accomplished by electron microscopic studies of defect frequencies under different conditions. To visualize single protofilament transitions in greater detail, other techniques such as atomic force microscopy may be useful. Molecular players known to influence the protofilament number could be studied, such as doublecortin, which is known to reinforce 13 protofilament lattice configurations (Bechstedt and Brouhard, 2012).

Microtubules with a perfect lattice structure may be less susceptible to bending induced damage. On the other hand, MAPs that are sensitive to microtubule lattice architecture could be used to distinguish between microtubules with different protofilament numbers, and indirectly help to visualize protofilament transitions in fluorescence assays (e.g. [START_REF] Bechstedt | Fluorescence-based assays for microtubule architecture[END_REF].

Last but not least, the importance of the present findings for microtubule mechanics in cells should be further investigated. Of course, it is possible that microtubule repair in cells is assisted by other proteins, selectively altering repair efficiency.

Microtubules in cells grow much faster than in vitro, which might favor the occurrence of lattice defects. On the other hand, cells might do a 'quality inspection' of microtubules to avoid defects in the first place. An electron microscopic study of microtubule structure in cells could provide an answer to the question whether defects occur in cells. As a first hint, Chrétien et al. found protofilament transitions in cell-free extract from Xenopus eggs, though they seemed to be less frequent than in vitro (Chrétien et al., 1992).

Even in the absence of microtubule defects generated during assembly, forces on microtubules in cells could be large enough to induce extensive damage, so a perfect lattice may not guarantee the absence of molecular wear. The study performed by Dimitrov et al. suggests that GTP tubulin incorporation occurs in vivo as well as in vitro [START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF].

Apart from bending, other forces may lead to microtubule molecular wear in cells, notably nonspecific friction between microtubules and other cytoskeletal components, or molecular motors / crosslinkers. Though certainly challenging, an estimation of the relative contribution of the different forces could help to better understand microtubule mechanics in vivo. To this end, tubulin incorporation could be visualized in cellular microtubules, and specific subsets of microtubules could be studied.

For example, bundled microtubules in neurons are much less likely to experience bending forces than microtubules in cilia.

To further elucidate the structural role of microtubules in cells, and to find out whether microtubule softening in response to mechanical stress occurs in vivo similarly to what was found in this study, it would be necessary to estimate microtubule stiffness in cells. Though not a simple task, there are several possibilities to achieve more reliable results than by simply relying on in vitro measurements, or on estimations based on bending whole cilia: One could introduce a microtubule-like object of known mechanical properties, like a carbon nanotube, into a cell and deactivate microtubule-specific motors and crosslinkers. From the bending and buckling response of the nanotubes due to intracellular forces one could at the same time measure the amount of force acting on the nanotubes and, by comparison with microtubule bending and buckling, estimate microtubule rigidity. One might also disrupt the cell membrane and extract single microtubules to measure their rigidity with common in vitro techniques. For a less invasive approach, one could try to visualize microtubule motors and / or crosslinkers in living cells and observe local microtubule bending or buckling due to these proteins. Given that the stall force of the motors or the maximum force that crosslinkers can endure before detaching is known, this would allow a local estimation of microtubule mechanical properties.

In summary, the study shows that microtubules are non-homogeneous, and that microtubule dynamics is not limited to the ends of the microtubule, challenging a well-established paradigm of the field. In addition, once more, it is apparent that microtubule behavior and properties depend on the history of the microtubule, as has been proposed before (Janson and Dogterom, 2004;Gardner et al., 2011;[START_REF] Coombes | Evolving tip structures can explain age-dependent microtubule catastrophe[END_REF]: In this case, microtubule mechanics depend on the growth rate and on previous exposure to mechanical stress.

Limitations of the study

As with all experimental approaches, the presented study has some limitations. Specifically, as mentioned in the introduction, estimating the absolute persistence length of microtubules was challenging. However, as the way to analyze microtubule curvature and flow velocity and subsequent persistence length calculation was identical for all microtubules, relative differences and changes in the persistence length could be detected with higher accuracy. The differences in persistence length between different microtubules therefore certainly reflect inherent differences between the mechanical properties of the microtubules themselves, rather than imprecise measurements. To reduce the influence of small fluctuations in curvature of bent microtubules, five successive frames were analyzed and averaged when the microtubule had reached its equilibrium position.

In order to visualize microtubules, tubulin was labeled fluorescently. As intense light exposure is known to break microtubules in vitro [START_REF] Guo | Mechanism and dynamics of breakage of fluorescent microtubules[END_REF], illumination was kept at a minimum. Concerning the setup, though microtubule seed and flow orientation could be reasonably well controlled, the angle between the microtubule and the fluid flow often slightly differed form 90 • . Although this was taken into account in the analysis, it could be observed that microtubules tended to fluctuate more around their equilibrium bent positions at small angles. Also, not all microtubules were subjected to exactly the same hydrodynamic force, as differences in microtubule lengths and flow velocities lead to different amounts of force. In addition, the quality and homogeneity of the surface coating with antifouling agents and the resulting degree of friction between microtubules and substrate are likely to change microtubule bending in response to a given force. To reduce the impact of these factors, only microtubules within a small range of lengths that were exposed to similar flow velocities and did not get visibly stuck on the substrate were considered for analysis. Some parts of the setup were not passivated against protein adsorption (e.g. the PDMS surface of the chip and the tubing). To ensure reproducibility of the results, microtubule growth rate rather than tubulin concentration was used as a reference.

The growth rate was monitored before each experiment and the tubulin concentration in the solution was slightly adjusted when necessary.

In spite of these technical limitations, the results presented in the study are without much doubt reliable, as differences could be observed e.g. between microtubules grown at different concentrations that could not be explained by technical factors, which were kept identical for all sets of parameters.

Describing microtubules which locally incorporate tubulin and might therefore exhibit local softening using a constant persistence length is certainly a simplification.

It was, however, not possible to measure persistence lengths locally with the given setup. The presence of slight local 'kinks' in the lattice could sometimes be inferred from a substantial deviation of the bent microtubule shape from the expected curvature based on a homogeneous stiffness. Still, the precision of these observations was limited by the imaging resolution on the one hand, and natural fluctuations in shape of the bent microtubules on the other hand.

Finally, the basic conditions chosen for the experiments might also have an influence on the results, as is the case for all in vitro experiments. For example, the pH and ionic strength of the buffer solution are known to influence bimolecular interactions [START_REF] Spitzer | The role of biomacromolecular crowding, ionic strength, and physicochemical gradients in the complexities of life's emergence[END_REF]. In addition, the source of the tubulin could be an important factor, as e.g. posttranslational modifications depend on it.

Even the way of preparing tubulin has been shown to alter microtubule mechanics, specifically when small quantities of MAPs were present [START_REF] Hawkins | Perturbations in microtubule mechanics from tubulin preparation[END_REF]. Microtubule response to bending stress might therefore quantitatively depend on the chosen tubulin source, purification conditions and buffer. An important conclusion of the previous study is that GTP tubulin is not only present at microtubule ends, but also, most likely, along the lattice (though probably only transiently), and that this happens in response to mechanical stress which seems to locally favor subunit exchange between the lattice and the medium. The presence of GTP tubulin along the microtubule lattice is in line with the findings of Dimitrov et al., who observed GTP tubulin 'islands' in the lattice using an antibody that recognizes the conformation of GTP tubulin [START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF]. As they found a correlation between antibody localization along the lattice and rescue events, they proposed that GTP islands function as rescue sites. GTP is known to be more stably bound in the lattice than GDP tubulin [START_REF] Alushin | High-resolution microtubule structures reveal the structural transitions in alpha-betatubulin upon GTP hydrolysis[END_REF] and might therefore stabilize the lattice enough for regrowth to occur. Confirming this hypothesis, a later study showed that the local presence of GMPCPP, a slowly hydrolyzable GTP analog, can promote microtubule rescue (Tropini et al., 2012).

These findings were a significant advance in the attempt to better comprehend microtubule rescue, which so far is poorly understood. However, it is still unclear how stretches of GTP tubulin are generated along the lattice. Dimitrov et al. proposed that not all GTP tubulin dimers hydrolyze, and that GTP islands are therefore remnants that are generated during assembly. This hypothesis remains untested, and it seems difficult to justify that some dimers should be exempt from hydrolysis.

The findings of the previous study might provide the missing link between observations of GTP tubulin along the lattice on the one hand and rescue events on the other hand. It was tempting to assume that mechanical stress, leading to GDP tubulin dissociation and subsequent incorporation of GTP tubulin during repair, could indirectly cause microtubule rescue.

This might be of particular interest for understanding microtubule dynamics in vivo:

Dynamic instability in cells differs substantially from what is observed in vitro. Microtubules often grow persistently to the cell border and then show fast switches between catastrophe and rescue, while shrinking back towards the centrosome is not persistent (Komarova et al., 2002;Gundersen and Bulinski, 1988). Therefore, dynamic instability in cells is likely to be regulated by mechanisms that are distributed non-homogeneously throughout the cell. While associated proteins might favor rescue in certain areas of the cell (Komarova et al., 2002;[START_REF] Arnal | Clip-170/tubulincurved oligomers coassemble at microtubule ends and promote rescues[END_REF][START_REF] Al-Bassam | CLASP promotes microtubule rescue by recruiting tubulin dimers to the microtubule[END_REF], GTP tubulin incorporation in response to mechanical stress could be part of the answer to the riddle how microtubule rescue is regulated in cells: Microtubules are often observed to be more bent close to the cell margin than in the interior of the cell [START_REF] Bicek | Anterograde microtubule transport drives microtubule bending in LLC-PK1 epithelial cells[END_REF][START_REF] Brangwynne | Microtubules can bear enhanced compressive loads in living cells because of lateral reinforcement[END_REF], indicating higher mechanical stress and therefore possibly increased GTP tubulin incorporation into the lattice.

The aim of this study was therefore to find out if repair in response to damage could induce rescue events. For this purpose, a method to create damage in a controlled way at a known location was needed. While bending is a physiological way of inducing microtubule damage, the localization of incorporation cannot be predicted: As shown in the first study, though it was more likely to occur in highly bent regions, it did not strictly correlate with the regions of highest curvature (see Fig. 4f of the first study). In addition, the amount of damage induced by bending varied between microtubules.

A way of generating damage at a precise position is by using photo damage, which leads to substantial tubulin incorporation (see Fig. 4a of the first study). In this study, photo damage was therefore chosen as the main way of producing local dam-
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Self-repair promotes microtubule rescue

Charlotte Aumeier 1,4 , Laura Schaedel 1,4 , Jérémie Gaillard 1 , Karin John 2 , Laurent Blanchoin 1,3,5 and Manuel Théry 1,3,5 The dynamic instability of microtubules is characterized by slow growth phases stochastically interrupted by rapid depolymerizations called catastrophes. Rescue events can arrest the depolymerization and restore microtubule elongation. However, the origin of these rescue events remains unexplained. Here we show that microtubule lattice self-repair, in structurally damaged sites, is responsible for the rescue of microtubule growth. Tubulin photo-conversion in cells revealed that free tubulin dimers can incorporate along the shafts of microtubules, especially in regions where microtubules cross each other, form bundles or become bent due to mechanical constraints. These incorporation sites appeared to act as effective rescue sites ensuring microtubule rejuvenation. By securing damaged microtubule growth, the self-repair process supports a mechanosensitive growth by specifically promoting microtubule assembly in regions where they are subjected to physical constraints.

Oriented growth of the microtubule network is a key process in the establishment of cell polarity 1 . The asymmetry of microtubulenetwork organization exists in various forms and usually involves differences in the protection of microtubules against depolymerization. Examples include the selective stabilization and orientation of microtubules during neuronal axon determination 2-4 ; the selective stabilization of microtubules toward the leading edge of migrating cells 5-7 or the basal pole of epithelial cells 8 ; the selective bundling of microtubules toward the immune synapse 9 ; and the stabilization of a specific subset of microtubules for spindle assembly and orientation 10,11 . Most attention has been paid to the role of components such as Par3 12 , mDia/APC 13 , GSK3 14 , IQGAP 15 or Lis1 16 that promote microtubule capture and stabilization in specific subcellular regions containing defined actin-network compositions. In particular, at the leading edge of migrating cells, microtubules appear to be protected from disassembly that could potentially be induced by the physical barrier of the plasma membrane 17 . The rescuing of microtubules from depolymerization is frequent in such regions where actin retrograde flow is active 5,6,18,19 , and thus the rescue events could actively contribute to local differences in microtubule-network growth. However, the mechanisms controlling the occurrence and modulation of those rescue events are still poorly understood 20 .

The frequency of rescue events increases with the concentration of free tubulin 21 and in the presence of MAP2, CLIP170 or CLASP 22-24 . Their locations appear to be correlated with the presence of short GTPtubulin stretches along the microtubule shaft 25,26 , but the origin of these stretches is still debated 20 . Recently, in response to bending arising from mechanical perturbations, microtubules have been shown to be capable of self-repair by the incorporation of free tubulin dimers into fractured points of the microtubule lattice 27 . This process of selfrepair generates stretches of new tubulin dimers along the microtubule length reminiscent of those GTP-tubulin stretches described previously 25 . It is therefore tempting to hypothesize that microtubule repair sites act as rescue sites. However, microtubule self-repair has not yet been described in vivo and the mechanism by which it could promote microtubule rescue, alone 28 or with the help of microtubule-associated proteins 23,24,29,30 (MAPs), still needs to be investigated.

RESULTS

Microtubule repair in living cells

The investigation of microtubule repair requires free tubulin dimers to be distinguishable from polymerized dimers so that their incorporation into the microtubule lattice can be detected. Local photoconversion of mEOS2-tubulin was used to convert some of the greenfluorescent dimers into red-fluorescent dimers (Fig. 1a; where red fluorescence is depicted as magenta). These red-fluorescent dimers rapidly diffused through the cell cytoplasm and became available for incorporation throughout the entire cell. A few minutes after photoconversion (Supplementary Video 1), spots of red-fluorescent tubulin could be observed at the growing tips of microtubules, as well as along the shafts of pre-existing microtubules (Fig. 1a-I and Supplementary Video 2). Microtubules often grow along pre-existing ones. Therefore, a local patch of red tubulin along a green microtubule shaft may correspond to a growing secondary microtubule rather than a site of redtubulin incorporation into the green primary microtubule. However, in the former case, fluorescence intensity should increase over time along the original microtubule, concomitantly with the local incorporation of red tubulin at the growing tip. By observing microtubule fluorescence over several minutes before and after the appearance of red patches, we considered that no change in the fluorescence at the site of the initial red-fluorescent patch implied that tubulin was incorporated into the pre-existing lattice (Fig. 1a-V and V-kymograph).

From this analysis, most of the tubulin-incorporation sites were located at microtubule crossovers (Fig. 1a-II, a-III) or in highly curved regions (Fig. 1a-IV). Interestingly, microtubule crossovers are known to recruit katanin 31,32 , which has a strong affinity for sites of damaged lattice 33,34 , suggesting that the incorporation sites were genuine repair sites. Incorporation sites were also frequently observed along microtubules forming bundles (Fig. 1a-I,1b), although in those cases, it was hard to confirm that the sites did not correspond to growing plus ends.

Microtubule rescue at repaired sites in living cells

When following microtubule dynamics next to the repair sites, we found that with a microtubule undergoing catastrophe, depolymerization was arrested and regrowth was initiated precisely at the location of the repair site (Fig. 2a and Supplementary Video 3). Unfortunately, it was experimentally challenging to repeat these observations in regions where the network was sufficiently sparse to follow single microtubules, and in regions where rescues were likely to occur 18 . Alternatively, we decided to record the locations of microtubule rescue events near the cell margin where microtubules show a high rescue frequency 26 (Fig. 2b-d) and compare the locations of rescue sites with those of incorporation sites (Fig. 2e). We found that most rescues occurred close to the microtubule tip (Fig. 2d) at microtubule crossovers (60%) (Supplementary Video 4) or at curved regions (30%) (Fig. 2e). Strikingly, the relative frequencies of microtubule rescues with respect to three different types of microtubule structure (crossover, curved and straight) precisely matched the relative frequencies of incorporation sites (Fig. 2e).

Microtubule rescue at laser-induced photodamaged sites

To further validate this correlation at the single-microtubule level, and more directly, to test whether the repair of structural damage in the microtubule lattice was responsible for the rescue events, we selected a method to modulate microtubule damage and repair in space and time. This method used focused laser light, which was above the power required for bleaching but below the severing threshold, and can induce local damage and promote further selfrepair of microtubules 27,35 (Supplementary Fig. 1a). The method both ensured the genuine occurrence of lattice damage on targeted sites and allowed the monitoring of potential consequential changes in microtubule dynamics at the same sites. We first confirmed that laser-induced photodamage could trigger lattice self-repair by photoconverting mEOS2-tubulin and then focusing the laser on a straight and central section of the microtubule, more than 2 µm away from the microtubule end, where rescues were unlikely (Supplementary Fig. 1b). Photo-converted free tubulin was rapidly incorporated at the photodamaged sites, confirming the effectiveness of the laser to induce microtubule damage and repair (Fig. 3a). Furthermore, we observed rescue events at the incorporation sites that were subsequent to microtubule depolymerization events (Fig. 3b). This behaviour was further quantified by recording the location of the rescue sites with respect to the damaged site (Fig. 3c-e 
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(75%, 41/55, Fig. 3g) within a time frame of 4 min than nonphotodamaged microtubules (39%, 24/62). The increased frequency is due to additional rescue events occurring next to the photodamaged site, regardless of its position along the microtubule (Fig. 3d,e and Supplementary Videos 5 and 6). It is noteworthy that repair by incorporation of new dimers was tightly focused and did not occur over the entire length of the targeted region, but rescues systematically occurred at the exact position of the repair site either on the right or on the left of the targeted region (Fig. 3b). These results clearly showed that microtubule damage and repair provided the microtubule with protection from depolymerization. Interestingly, some observations suggested that the protective effect did not last indefinitely (Fig. 3f).

More quantitative experiments of longer duration further revealed that protection was quite effective within a two-minute period after photodamage. However, protection was progressively less effective from 2 to 8 min after photodamage (Fig. 3g). This effect of time showed that the microtubule repair and rescue events were not due to permanent structural changes and suggested that additional biochemical regulation was involved at longer timescales.

Microtubule self-repair and rescue in vitro

At the repair site, newly incorporated dimers were certainly associated with GTP-tubulin, as is the case for dimer assembly at the growing end of the microtubule. Hence, the subsequent rescue event could have depended on intrinsic structural factors, such as the specific conformation of GTP-tubulin dimers 36 , and extrinsic factors, such as the numerous proteins preferentially interacting with GTPtubulin dimers 23,24,29,30 . To elucidate the mechanism of microtubule rescue after damage and repair events, and to identify the minimal conditions sufficient to support the mechanism, we performed in vitro experiments based on purified tubulin dimers that self-assembled to form microtubules on glass slides. This set-up provided more defined conditions than in vivo and could be used to challenge the role of MAPs during rescue at incorporation sites. We first investigated the rescue events in networks of dynamic microtubules. They appeared preferentially localized at crossing sites (Fig. 4a,b and Supplementary Video 8, see Methods) confirming our observations in vivo (Fig. 2c,e). To test whether these sites corresponded to self-repair events based on free tubulin incorporation, we screened long microtubules, assembled from red tubulin and stabilized with a GMPCPP cap, in a medium containing free green tubulin dimers. Self-repair indeed occurred at crossing sites (Fig. 4c). Half of the 300 crossing sites (from 3 independent experiments) displayed incorporation of free tubulin in the seven minutes following free tubulin exchange.

To further quantify the repair and rescue events in single dynamic microtubules in a controlled environment, microtubules were assembled in a microfluidic device. Short microtubule fragments were adsorbed onto micropatterned lines and used as seeds to induce microtubule polymerization. Micropatterned lines were surrounded with PEG to minimize microtubule interactions with the glass-slide surface 37 . The micropatterned glass coverslips were mounted on a microfluidic circuit to modulate the addition and removal of soluble components without moving the microtubules under observation 27 (Fig. 4d). Laser light was used to generate photodamage on dynamic microtubules. As expected from our previous work 27 , photodamaged microtubules self-repaired by incorporating free tubulin in the damaged site (Supplementary Fig. 2). In the absence of photodamage, rescue events were occasional (in 18 out of 78 microtubules) and randomly dispersed along the microtubule (Fig. 4f). By contrast, most photodamaged microtubules underwent depolymerization that was subsequently rescued (50 out of 76 microtubules, Fig. 4e,f and Supplementary Fig. 3 and Supplementary Video 7). These rescue events were precisely located at the sites of damage (Fig. 4e) where self-repair occurred (Fig. 4g) showing that damage/repair sites could protect microtubules from depolymerization independently of the presence of MAPs or any other cellular compound.

Incorporation and hydrolysis of free tubulin

We then tested whether repair was actually required for rescue or whether damage in the lattice was sufficient to block microtubule depolymerization. Microtubules were photodamaged in the absence of free tubulin to prevent lattice self-repair. We ensured that the laser power and frequency were appropriate and did not induce microtubule breakage or lattice cauterization (Supplementary Fig. 4). Elongated microtubules were capped with non-hydrolysable GMPCPPtubulin to protect the ends from initiating depolymerization that would otherwise occur in the absence of free tubulin (Fig. 5a). After a microtubule was photodamaged, the laser power was increased to sever the cap from the microtubule and trigger microtubule depolymerization (Methods). Under these conditions, no rescue events, pauses or arrests in depolymerization were observed at the damaged and non-repaired sites (Fig. 5a). This showed that lattice self-repair by the incorporation of free tubulin dimers was essential to protect the microtubule from depolymerization. Moreover, this dependency on free tubulin could account for the observations that rescue frequency also depends on the concentration of free tubulin 21,24 . Interestingly, it appeared that the protective capacity provided by the repair site, in the presence of free tubulin, was limited by time, similar to what was observed in vivo. Rescue events were frequent within 3 min after the damage/repair event (73%, 38/52), but less frequent from 3 to 20 min after the damage/repair event (30%, 14/47) (Fig. 5b). Nucleotide hydrolysis following tubulin polymerization at the microtubule tip effects the conformation and stability of the lattice structure 38 ; we therefore tested whether hydrolysis of incorporated GTP tubulin was involved in rescue regulation. We compared the rescuing frequency at repair sites depending on the insertion of free tubulin dimers in the presence of control (GTP) and non-hydrolysable (GMPCPP) nucleotide 5 to 10 min after damaging microtubules with the laser (Fig. 5b). As tubulin bound to GMPCPP formed numerous seeds, the rescue effect had to be tested in the presence of a sub-critical concentration of free tubulin dimers to prevent the growth of too many additional microtubules next to our observation region. The pauses at the laser-damage site, following cap removal and microtubule depolymerization, were twice more frequent when microtubules were repaired with tubulin dimers bound to GMPCPP (Fig. 5c), confirming that nucleotide hydrolysis was limiting the rescue lifetime.

Recruitment of MAPs with affinity for GTP-tubulin

At the microtubule growing tip, newly incorporated tubulin dimers together with specific proteins that have high affinity for GTP-bound tubulin form a cap that protects microtubules from A GMPCPP cap was grown at the microtubule tip to avoid spontaneous depolymerization (step II). Photodamage was induced in the absence of free tubulin (step III). Depolymerization was initiated by removing the GMPCPP cap with a laser pulse at high intensity (step IV). The time-lapse sequence and kymograph show no rescue nor pause at the damaged (yellow star), and non-repaired, site. See quantification in Supplementary Fig. 4. (b) Rescue lifetime. The kymograph shows multiple rescues (red arrowheads) at a photodamage site (yellow star) eventually followed by microtubule depolymerization (green arrowhead). The graph represents the time between inducing the damage and observation of the rescue or depolymerization event.

Rescue events become less frequent as the time after damage increases. No rescue could be observed 17 min after inducing the damage. (c) Hydrolysis of incorporated tubulins. Red microtubules were laser damaged and repaired with non-hydrolysable (GMPCPP, left panels) or hydrolysable (GTP, right panels) tubulin. After an additional delay of 3 to 6 min, the cap was removed in the presence of a sub-critical concentration of free tubulin. The graph shows the frequency of pauses (highlighted in the left panel with a red arrowhead) in both cases. Non-hydrolysable tubulins increased the lifetime of repair and rescue sites. A chi-square test was used to compare pause frequencies for GTP and GMPCPP. n represents the number of microtubules that were allowed to repair in the presence of GTP and GMPCPP, respectively. depolymerization 39 . These proteins could then be recruited to repair sites, which are also made of GTP-tubulin, and form some cap-like structures that could act as rescue factors 23,24,29,30 . To test this hypothesis, we grew red-fluorescent microtubules and followed microtubule repair after laser-induced damage, in the presence of red-fluorescent tubulin and GFP-tagged end-binding protein 3 (EB3). We found that lattice damage, which we could visualize by the reduction of fluorescent tubulin along the lattice, was associated with a specific recruitment of EB3 at the repair site (Fig. 5d). Interestingly, this recruitment was firmly dependent on the incorporation of free tubulin at the damaged site since it could not be detected in the absence of free tubulin (Supplementary Fig. 5). Therefore, the self-repair process induced GTP islands resembling cap structures along the microtubule lattice that are able to recruit proteins with high affinity for GTP-tubulin. Although we could not detect such recruitment in cells following laser-induced damage because of the high background of cytoplasmic EBs, this cap could contribute to the rescue process in vivo 23,24,29,30 . However, our previous data in vitro showed that the incorporation of free tubulin was necessary (Fig. 5a) and sufficient (Fig. 4b,c) to promote microtubule rescue. Microtubule repair by free tubulin incorporation conditioned the recruitment of EBs and associated proteins, which may contribute but did not appear to be required to promote microtubule rescues.

Repeated damage lengthens microtubule protection from depolymerization

In vitro, a single event of microtubule repair had a time-limited effect on microtubule dynamics. We reasoned that in vivo the duration of protection against depolymerization could be extended in situations when repair events occur frequently, for example, at the cell margin where microtubules often crossover their neighbours, form bundles and are repeatedly bent by the retrograde flow of actin 6 . Indeed, repeated photodamage near the tip of microtubules growing in vitro in the presence of 12 µM of tubulin could prevent catastrophic depolymerization for more than 20 min, whereas, in the absence of damage, depolymerization frequently occurred within 5 min (Fig. 6a,b and Supplementary Fig. 6 and Supplementary Video 9). Therefore, damaged microtubules became much longer (Fig. 6c). Remarkably, the targeting of individual microtubules using the same approach in vivo had similar consequences. We focused on peripheral cell parts where microtubules were sparse. To compare the effects of laser-induced damage on microtubules with the nonspecific damage the laser may cause to all surrounding components, pulses were simultaneously sent to two distinct subcellular regions. In one the laser impacts targeted the microtubules, in the other they were focused next to microtubules (Fig. 7a). The evolution of the microtubule network was followed over 10 to 15 min during which both regions were subjected to repeated laser pulses (Fig. 7a and Supplementary Video 10). Laser-induced photodamage of every microtubule that approached the cell margin robustly protected those microtubules from depolymerization and promoted their elongation whereas no net extension of the network was seen when impacts were off-target (Fig. 7b and Supplementary Video 10). The damaged microtubules underwent multiple rescue events, continued to grow and eventually aligned parallel to the cell edge (Supplementary Fig. 7 and Supplementary Video 10). These effects were quantified by measuring the ratio of fluorescent tubulin before and after the laser-induced damage on the two windows of laser pulses. No net growth was detected when laser impacts were off-target whereas an average of 50% increase was measured when impacts were focused on microtubules (Fig. 7b). Strikingly, cells then tend to move toward this newly defined leading edge (Fig. 7a and Supplementary Fig. 8 and Supplementary Videos 10 and 11). These observations were consistent with the known enhancement of cell motility in response to microtubule overgrowth following downregulation of microtubule severing enzymes 40,41 . Therefore, damage and self-repair appeared capable of sustaining microtubule polymerization in cells and affect higher-order processes such as modulating the polarity of a motile cell.

DISCUSSION

Our results have revealed a mechanical and structural mechanism by which a damaged microtubule can acquire a capacity to prevent its catastrophic depolymerization through the incorporation of new dimers of tubulin.

Incorporation could be directly visualized thanks to the monitoring of photo-converted tubulin dimers. It occurred not only at microtubule ends but also along the microtubule shaft. It was not randomly distributed along the microtubule length but preferentially located in regions where the lattice is likely to be submitted to geometrical and mechanical constraints such as microtubule crossover, bundle and bending sites (Fig. 8a). Solid friction between adjacent microtubules 42 and microtubule bending by guiding motors 43 or surrounding networks 6 are general sources of mechanical stress in the lattice that could promote protofilament peeling and dimer removal.

Although our observations of lattice turnover at microtubule crossover in vitro did not involve any additional component than the physical constraints on microtubules 27 , proteins with specific affinity for these network conformations, such as bundling proteins, may contribute to the lattice turnover via their binding to tubulin dimers 44 . In return, the appearance of new protofilament ends and the incorporation of new tubulin dimers at damaged sites may promote the local recruitment of specific proteins, such as EB3 in our observations. Katanin for example, which is known to localize at microtubule crossovers 32 , may be recruited according to its affinity for the damaged lattice and further benefit from the open structure to sever microtubules. Similarly, doublecortin, which recognizes plus ends and bent regions, may benefit from lattice damage and turnover for its targeting 45 . The high degree of microtubule lattice plasticity revealed by our data opened many interesting perspectives in the regulation of MAPs. Microtubule lattice plasticity also impacts microtubule dynamics, since the incorporation of new dimers rejuvenates the lattice. Our observation of red tubulin stretches along green microtubule length, which had already been indirectly observed with antibodies directed against the GTP conformation of tubulin dimers 25 , signed the implication of external tubulin incorporation for lattice repair, rather than internal lattice remodelling, at damaged sites. As was reported for the GTP-stretch 25 , we found that the newly incorporated dimers were responsible for microtubule rescue (Fig. 8b). Hence, the repair sites appear to act as plus-end-like 'mini caps' that can protect the microtubule from depolymerization and support subsequent elongation. Importantly, our in vitro experiments show that the incorporation of new tubulin dimers in the absence of MAPs is sufficient to rescue microtubule depolymerization. However, we documented the ability of newly incorporated dimers to recruit EB3. Additional MAPs with high affinity for GTP-tubulin, such as CLASP, could also be recruited and further contribute to the rescue mechanism in cells 23,24,29,30 . Thus, microtubule rejuvenation by incorporation of new tubulin dimers could synergize with MAPs recruitment to enhance the autonomous rescuing capacities of repair sites.

Finally, the repair and rescue mechanism we described biases the dynamic instability of the microtubule in a direction where the lifespan and maximal length are greater than would have occurred in a stochastic process without damage. What is also notable is that the repair process provides a mechanosensitive feedback loop that specifically promotes microtubule extension in intracellular regions where network entanglement and physical constraints are higher, and hence supports the directed growth of the microtubule network within the cell.

METHODS

Methods, including statements of data availability and any associated accession codes and references, are available in the online version of this paper.

Note: Supplementary Information is available in the online version of the paper

METHODS

Imaging. Microtubules were visualized using an objective-based azimuthal ilas2 TIRF microscope (Nikon Eclipse Ti, modified by Roper Scientific) and an Evolve 512 camera (Photometrics). The cell culture conditions on the microscope stage were controlled with the Chamlide TC incubator (kept at 37 • C and 5% CO2). For in vitro experiments, the microscope stage was kept at 37 • C by means of a warm stage controller (LINKAM MC60). Excitation was achieved using lasers with wavelengths of 491 and 561 nm (Optical Insights). Time-lapse recording was performed using Metamorph software (version 7.7.5, Universal Imaging). Videos were processed to improve the signal/noise ratio (subtract background, smooth and PureDenoise functions of ImageJ, version 1.47n5). The kymographs corresponding to the time-lapse sequences were drawn using ImageJ. Images were taken every 300 ms to 5 s (in vitro) and 3 s to 7 s (microtubule dynamics in vivo) or 10 s to 2 min (cell migration). For in vitro experiments showing incorporation of labelled tubulin in photodamaged microtubules, 30 successive individual images were overlaid and background subtracted.

Live cell imaging. PtK2 cells stably expressing GFP-tubulin (a gift from F. Perez, Curie Institute, Paris, France) were cultured on glass coverslips for microscopy. The PtK2 cell line (Sigma Aldrich) was transfected with Lipofectamine 2000 (Thermo Fisher Scientific) according to a protocol with the photo-conversion protein fused to tubulin mEOS2-tubulin (a gift from M. Davidson, Florida State University, Florida, USA; Addgene plasmid no. 57431). All cell lines were tested monthly for mycoplasma contamination. No cell lines used in this study were found in the database of commonly misidentified cell lines that is maintained by ICLAC and NCBI Biosample. We did not attempt to authenticate them. For long-time imaging (10 min, time frame 4 s) after photo-conversion the stable PtK2 GFP-tubulin cell line was transfected with the mEOS2-tubulin construct to overcome bleaching of the unconverted green signal. Photo-conversion was achieved with a 100 mW/405 nm laser used at 9% power, performing 15 repetitions within a field size varying between 12 µm × 12 µm to 30 µm × 30 µm.

Fixation. Cells expressing mEOS2-tubulin were fixed 2 min after photo-conversion. Cells were detergent-extracted with BRB80 + 4 mM EGTA supplemented with 0.2% Triton X-100 at 37 • for 15 s. Glutaraldehyde and Triton X-100 were added to a final concentration of 0.5% each and cells were fixed for 10 min. Cells were rinsed twice using PBS supplemented with 1% Triton X-100 and incubated twice with 1% NaBH4 in PBS for 7 min. Cells were rinsed in PBS and imaged. Ten cells from four independent experiments were analysed.

Laser-induced microtubule photodamage. Laser-induced microtubule photodamage was performed using a Laser illuminator iLas2 (Roper Scientific) set up on an inverted microscope (Ti-E, Nikon) with a ×100 Nikon APO TIRF oil-immersion objective plus an optical lens ×1.45. iLas2 is a dual-axis galvanometer-based optical scanner that focuses the laser beam on the sample (diffraction-limited spot size) over the whole field of view of the camera. Laser displacement, exposure time, frequency and repetition rate were controlled using Metamorph software (version 7.7.9.0, Universal Imaging). To damage the microtubules of the GFP-tubulin or mEos2-tubulin cell line, a 200 mW/491 nm laser was used at 40% power, performing 300 repetitions within a field size of approximately 1 µm × 1 µm. To analyse the longterm effect of laser-induced photodamage with respect to rescue, microtubules were repeatedly photodamaged along the lattice (twice or three times). This increased the lifetime of the microtubule and the damage farthest away from the plus tip was taken into account for the analysis.

We then analysed the effect of locally increased microtubule lifetime due to laser damaged in cells. PtK2 GFP-tubulin cells were imaged over 10 min. We photodamaged single microtubules within a region of the cell margin for 5-7 min. Within the same time frame we simultaneously applied the same laser energy next to microtubules at a distant cell margin region (Supplementary Fig. 7). The mean fluorescent intensity of GFP-tubulin was measured in both areas before (0 min) and after (10 min) laser impact. After subtraction of the intensity decrease due to photobleaching, the ratio of fluorescent intensity before and after laser damage was calculated for the site within the cells where microtubules were damaged and the site where the laser was applied next to the microtubules. Sixteen cells were analysed from four different experiments.

For in vitro experiments, ATTO-488-labelled microtubules were damaged using a 100 mW/491 nm laser with a ×60 Nikon APO TIRF oil-immersion objective. To test the effects of frequency (corresponding to the number of points per second) and laser power, GMPCPP-capped microtubules were damaged in the absence of free tubulin and the frequency was varied between 1,000 s -1 and 10,000 s -1 and the laser power between 3% and 100% of the maximum power (Supplementary Fig. 3). The GMPCPP cap was removed using a laser pulse to initiate depolymerization. At low laser power and frequency, microtubules depolymerized without pausing. At high laser power and low frequency, microtubules were cut at the laser-damage site and immediately depolymerized afterwards. At low laser power and high frequency, most microtubules either broke, pausing for a short time before depolymerization, or paused at the laser-damage site. At high laser power and frequency, microtubules mostly paused at the damage site. For all other experiments involving laser damage in vitro, low laser power (4-9%) and frequency (2,500 s -1 ) were chosen.

Tubulin purification and labelling. Tubulin was purified from fresh bovine brain by three cycles of temperature-dependent assembly and disassembly in Brinkley buffer 80 (BRB80 buffer: 80 mM PIPES pH 6.8, 1 mM EGTA and 1 mM MgCl2 plus 1 mM GTP) 46 . MAP-free neurotubulin was purified by cation-exchange chromatography 47 (EMD SO, 650 M, Merck) in 50 mM PIPES, pH 6.8, supplemented with 1 mM MgCl2 and 1 mM EGTA. Purified tubulin was obtained after a cycle of polymerization and depolymerization. Fluorescent tubulin (ATTO-488-and ATTO-565-labelled tubulin) and biotinylated tubulin were prepared as previously described 48 . Microtubules from neurotubulin were polymerized at 37 • C for 30 min and layered onto cushions of 0.1 M NaHEPES, pH 8.6, 1 mM MgCl2, 1 mM EGTA, 60% v/v glycerol; we resuspended the pellet in 0.1 M NaHEPES, pH 8.6, 1 mM MgCl2, 1 mM EGTA, 40% glycerol and labelled by adding 1/10 volume 100 mM ATTO-488 NHS ester; we stopped the reaction by adding 2 volumes 160 mM PIPES, 2 mM MgCl2, 2 mM EGTA, 100 mM potassium glutamate and 40% v/v glycerol, and then microtubules were sedimented onto cushions of BRB80 supplemented with 60% glycerol. Microtubules were resuspended in BRB80, and a second cycle of polymerization and depolymerization was performed before use.

Cover glass micropatterning. The micropatterning technique was adapted from ref. 37. Cover glasses were cleaned by successive chemical treatments: 30 min in acetone, 15 min in ethanol (96%), rinsing in ultrapure water, 2 h in Hellmanex III (2% in water, Hellmanex), and rinsing in ultrapure water. Cover glasses were dried using nitrogen gas flow and incubated for three days in a solution of tri-ethoxysilane-PEG (30 kDa, Creative PEGWorks) or a 1:10 mix of tri-ethoxy-silane-PEGbiotin and tri-ethoxy-silane-PEG at 1 mg ml -1 in ethanol 96% and 0.02% HCl, with gentle agitation at room temperature. Cover glasses were then successively washed in ethanol and ultrapure water, dried with nitrogen gas, and stored at 4 • C. Passivated cover glasses were placed into contact with a photomask (Toppan) with a custommade vacuum-compatible holder and exposed to deep ultraviolet light (7 mW cm -2 at 184 nm, Jelight) for 3 min. Deep ultraviolet exposure through the transparent micropatterns on the photomask created oxidized micropatterned areas on the PEGcoated cover glasses.

Microfluidic circuit fabrication and flow control. The microfluidic device was fabricated in PDMS (Sylgard 184, Dow Corning) using standard photolithography and soft lithography. The master mould was fabricated by patterning 50-µm-thick negative photoresist (SU8 3050, Microchem) by photolithography using a custommade photolithographic mask (La Composite). A positive replica was fabricated by replica moulding PDMS against the master. Before moulding, the master mould was vapour silanized (trichloro(1H,1H,2H,2H-perfluorooctyl)silane, Sigma) for easier lift-off. Two inlet/outlet ports were made in the PDMS device using 0.5 mm soft substrate punches (UniCore 0.5, Ted Pella). Connectors to support the tubing were made out of PDMS cubes (0.5 cm side length) with a 1.2-mm-diameter throughhole. The connectors were bonded to the chip ports using still liquid PDMS as glue, which was used to coat the interface between the chip and the connectors, and was then rapidly cured on a hotplate at 120 • C. Teflon tubing (Tefzel, inner diameter: 0.03 ′ , outer diameter: 1/16 ′ , Upchurch Scientific) was inserted into the port serving as an outlet. Tubing with 0.01 ′ inner and 1/16 ′ outer diameter was used to connect the inlet, via a three-way valve (Omnifit Labware) that could be opened and closed manually, to a computer-controlled microfluidic pump (MFCS-4C, Fluigent). Flow inside the chip was controlled using the MFCS-Flex control software (Fluigent).

Microtubule growth on micropatterns. Microtubule seeds were prepared at 10 µM tubulin concentration (20% ATTO-565-or ATTO-488-labelled tubulin and 80% biotinylated tubulin) in BRB80 supplemented with 0.5 mM GMPCPP at 37 • C for 1 h. The seeds were incubated with 1 µM Taxotere (Sigma) at room temperature for 30 min and were then sedimented by centrifugation at 30 • C and resuspended in BRB80 supplemented with 0.5 mM GMPCPP and 1 µM Taxotere. Seeds were stored in liquid nitrogen and quickly warmed to 37 • C before use.

For experiments involving exchange of the solution after microtubule growth, the PDMS chip was placed on a micropatterned cover glass and fixed on the microscope stage. The chip was perfused with neutravidin (25 µg ml -1 in BRB80; Pierce) and washed with BRB80. Microtubule seeds were flowed into the chamber at high flow rates perpendicularly to the micropatterned lines to ensure proper orientation of the seeds. Non-attached seeds were washed out immediately using BRB80 supplemented with 1% BSA. Seeds were elongated with a mix containing 12-20 µM of tubulin (20% labelled) in BRB80 supplemented with 50 mM NaCl, 25 mM NaPi, 1 mM GTP, an oxygen scavenger cocktail (20 mM dithiothreitol,
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1.2 mg ml -1 glucose, 8 µg ml -1 catalase and 40 µg ml -1 glucose oxidase), 0.1% BSA and 0.025% methyl cellulose (1500 cp, Sigma). For experiments showing tubulin incorporation after photodamage, a solution of 100% labelled tubulin was perfused before applying the laser damage. GMPCPP caps were grown by supplementing the before mentioned buffer with 0.5 mM GMPCPP (Jena Bioscience) and using 10 µM tubulin (100% labelled). Only microtubules growing in the direction of flow were analysed. For depolymerization experiments, the same mix as for microtubule elongation was used, without adding free tubulin to it.

For rescue experiments after photodamage, a flow cell chamber with an approximate volume of 40 µl was constructed with double-sided tape (70 µm height) between a micropatterned cover glass and a passivated glass slide. The chamber was perfused with 25 µg ml -1 neutravidin (Pierce) and washed with 300 µl of BRB80. Microtubule seeds were perfused and non-attached seeds were removed by washing with 300 µl BRB80 supplemented with 1% BSA. Seeds were elongated with a mix containing 12 µM of tubulin (20% labelled and 80% unlabelled tubulin) as described above. Only microtubule plus ends were considered for analysis.

For repair and rescue experiments after photodamage, microtubules were grown with red-fluorescent tubulin (20% labelled with ATTO-565 and 80% unlabelled, 20 µM) from micropatterns. Microtubules were then protected from depolymerization by growing a cap at microtubule ends with 0.5 mM GMPCPP and 10 µM tubulin. The solution was then replaced by 20 µM ATTO-488-labelled tubulin (100% labelled) and microtubules were photodamaged. After waiting approximately 2 min, the solution was replaced by red-fluorescent tubulin (18 µM, 20% labelled) and microtubule dynamics were initiated by removing the GMPCPP cap with a laser pulse at high intensity.

For repair and pause experiments in the presence of GMPCPP-and GTP-tubulin, microtubules were grown with red-fluorescent tubulin at 20 µM (20% labelled). Microtubules were then capped as described above with GMPCPP-tubulin. Laser damage was initiated either in the presence of 10 µM green-fluorescent GMPCPPtubulin or 15 µM green-fluorescent GTP-tubulin (100% labelled). After waiting approximately 2 min, the solution was replaced by 10 µM red-fluorescent GTPtubulin (20% labelled) and depolymerization was initiated by cutting the GMPCPP cap with a laser pulse at high intensity after a delay of 200-400 s.

Microtubule crossing experiment.

For microtubule crossing and rescue experiments, microtubules were grown from seeds randomly attached via neutravidin to cover glasses passivated with a mix of tri-ethoxy-silane-PEG-biotin and tri-ethoxy-silane-PEG. Microtubule dynamics were imaged for 30 min. A flow cell chamber with an approximate volume of 40 µl, and two entry and two exits sites was constructed with double-sided tape (70 µm height) between a glass coverslip functionalized with SiPEG-Biotin 49 and a passivated glass slide (SiPEG 30 kDa). The chamber was perfused with 25 µg ml -1 neutravidin (Pierce) for 1 min and washed with 300 µl of BRB80. Microtubules were polymerized for 30 min from microtubule seeds (0.5 µM) in a tube with an elongation mix containing BRB80, 1 mM GTP and 20 µM of tubulin (10% ATTO-565-labelled and 90% biotinylated tubulin).

The long microtubules were perfused into the chamber from two sites with a 90 • orientation towards each other. A stabilization mix containing BRB80, 0.5 mM GMPCPP and 10 µM ATTO-565-labelled tubulin was perfused into the chamber from both entry sites. After incubation for 5 min the stabilization mix was washed with 300 µl BRB80. The incorporation mix containing BRB80, 1 mM GTP and 20 µM ATTO-488-labelled tubulin was perfused from both sites and incubated for 7 min before washing with 300 µl BRB80 and imaging. The incorporation of green tubulin within a distance of 1 µm from the crossing site was taken into account as repair sites. Three hundred crossing sites from three independent experiments were analysed.

EB3 binding to photodamage sites in vitro. Red-fluorescent microtubule seeds were randomly attached via neutravidin to cover glasses passivated with a mix of tri-ethoxy-silane-PEG-biotin and tri-ethoxy-silane-PEG. Seeds were elongated with red-fluorescent free tubulin (20% labelled, 16 µM) in the presence of 100 nM EB3-GFP and standard buffer (see above) with 60 mM NaCl.

For experiments in the absence of free tubulin, microtubules were grown in a microfluidic chamber from red-fluorescent seeds attached to micropatterns. Microtubules were grown with red-fluorescent free tubulin (20% labelled, 20 µM) and protected from depolymerization with a cap of GMPCPP-tubulin (0.5 mM GMPCPP, 10 µM tubulin). Before photodamage, the solution was replaced by 100 nM EB3-GFP 50 in standard buffer with 60 mM NaCl without free tubulin.

Statistics and reproducibility.

All statistical analyses were performed using GraphPad Prism 6.0 or Microsoft Excel software. All results presented in graphs are the mean ± s.d. Each exact n value is indicated in the corresponding figure or figure legend. No statistical method was used to predetermine sample size. No samples were excluded from the analyses. The investigators were not blinded to allocation during experiments and outcome assessment. A paired t-test was used in Fig. 7b. A Chi-square test was used in Fig. 5c. All experiments without quantification were independently performed at least three times and the representative data are shown. Supplementary Figure 4 Effect of laser power and frequency on microtubule photo-damaging. (a) Red microtubule seeds were elongated with green free tubulin (step I). A GMPCPP cap was grown at the microtubule tip to avoid spontaneous depolymerization (step II). Photo damage was induced in the absence of free tubulin to avoid microtubule self-repair (step III). Depolymerization was initiated by removing the GMPCPP cap with a laser pulse at high intensity (step IV). In the absence of free tubulin, microtubule could not grow but only depolymerize. The laser-induced damage could only temporally interrupt microtubule depolymerisation (pause). High laser power could break the microtubule. (b) At low laser power and frequency (I), such as the one used throughout the study, photo damaged microtubules depolymerized without pausing. At high laser power and low frequency (II), microtubules broke at the laser damage site and immediately started to depolymerize after fracture. At low laser power and high frequency (III), most microtubules either broke, pausing for a short time before depolymerization (left panel), or paused at the laser damage site (right panel). At high laser power and frequency (IV), microtubules usually paused at the damage site before resuming depolymerization, suggesting that the laser power had a cauterizing effect on the microtubule lattice. (c) Quantification of the events shown in b. Between 17 and 24 events were monitored per condition in 4 independent experiments. One of the aspects that remain to be explored is the molecular basis of the laser induced damage. Though it is apparent that dimers are removed from the lattice, as demonstrated by kinked shapes and severed microtubules at high intensities, this does not hint to the distribution of the damage on a molecular scale: Are single dimers removed within a big area? Or are big chunks of neighboring dimers removed at the same time? What is more, GTP hydrolysis at the microtubule tip was shown to be rather fast, occurring on the order of seconds [START_REF] Melki | Continuous monitoring of P(i) release following nucleotide hydrolysis in actin or tubulin assembly using 2-amino-6-mercapto-7-methylpurine ribonucleoside and purine-nucleoside phosphorylase as an enzymelinked assay[END_REF]. It therefore needs to be further explored how GTP tubulin incorporation after laser damage can induce rescue after as much as 800 s.

Figure S7

Several scenarios could explain this discrepancy: GTP hydrolysis might be slowed down compared to the microtubule tip due to different incorporation mechanisms Repair may be incomplete due to steric hindrance by neighboring dimers, hampering the incorporation of new dimers. On the one hand, this could lead to dissociation of GDP dimers with less than four direct neighbors, and subsequent replacement by GTP dimers.

On the other hand, dimers with a missing upper, longitudinal neighbor may hydrolyze more slowly. (c) Repair may be imperfect, creating longitudinal bonds between neighboring protofilaments. Dimers with missing neighbors could dissociate from the lattice and lead to tubulin turnover, until the lattice is fully healed.

(see Fig. 21, scenario (a)). Intermediate conformational states such as they have been proposed to occur at the plus end when sheet-like structures close into a tube could be suppressed, hindering hydrolysis. Another possibility is that the incorporation of new tubulin dimers may be limited by steric hindrance due to the surrounding dimers (see Fig. 21, scenario (b)). Alushin et al. showed that longitudinal interdimer contacts undergo compaction upon hydrolysis [START_REF] Alushin | High-resolution microtubule structures reveal the structural transitions in alpha-betatubulin upon GTP hydrolysis[END_REF], so that a GTP dimer might not easily fit in a place where there are already two longitudinal neighbors. The more neighbors there are, the more stably bound the dimer, but the more difficult it may be for the dimer to reach that site in the first place. This explanation would fit with the fact that the recovery of microtubule stiffness observed in the first study takes rather long. At the same time, GDP dimers with missing neighbors could have an increased off-rate, and would eventually be replaced by GTP dimers, leading to a rescue effect that could last much longer than hydrolysis rates of individual dimers suggest. On the other hand, hydrolysis may be slowed down or absent in dimers with a missing longitudinal neighbor at the beta subunit, as the alpha subunit of the incoming dimer is known to trigger hydrolysis at the microtubule plus end [START_REF] Choi | Tubulin and FtsZ form a distinct family of GTPases[END_REF][START_REF] Nogales | Structure of the alpha beta tubulin dimer by electron crystallography[END_REF][START_REF] Nogales | High-resolution model of the microtubule[END_REF][START_REF] Anders | Dominant-lethal alpha-tubulin mutants defective in microtubule depolymerization in yeast[END_REF]. Thirdly, the laser damage may be rather extensive and subsequent repair imperfect, e.g. by interconnecting different protofilaments longitudinally (see Fig. 21, scenario (c)). This would cause some dimers to have less than four direct neighbors, and it would lead to strain in the interdimer bonds, which could subsequently favor dimer dissociation and GTP tubulin incorporation, until the lattice is fully 'healed'.

To clearly distinguish between these possibilities, it would be necessary to image the photo damage site. This, however, is very challenging, as it requires first to damage the microtubule, to stabilize it and then to image it with atomic force microscopy or another high-resolution imaging technique that allows visualization on the scale of single dimers. Another way to shed light on the matter would be to estimate the after removal of free tubulin dimers.

The relevance of damage induced rescue could be further tested by using other, more physiological means of inducing damage: As shown in the present study, crossing microtubules have a higher probability to rescue at the crossing site, while tubulin incorporation is also observed at crossings (see Fig. 4a, b and c of the second study). This is probably due to friction induced damage. The effect of friction would be interesting to further investigate, as based on the observations of tubulin incorporation and rescue in cells it seems to be even more important for rescue than microtubule bending (see Fig. 2e of the second study). Though crosslinking of microtubules at crossing sites in vivo could play a role by physically stabilizing the depolymerizing microtubule at the crossing site, the in vitro experiments show that even without crosslinkers, microtubule crossing can lead to rescue. This is interesting as microtubule interfilament friction is rather low [START_REF] Sanchez | Cilia-like beating of active microtubule bundles[END_REF].

Like the first study, it shows that even small forces can have a considerable effect on microtubule mechanics and behavior.

Further characterizing friction induced rescue could e.g. provide more information about how long the effect of damage on rescue lasts in a cellular context. Another interesting aspect is tubulin incorporation observed in bundled microtubules: In cells, it is challenging to quantify the influence of bundling as the number of microtubules in a bundle is usually difficult to estimate, and crosslinking proteins may be involved. In vitro sliding of bundled microtubules could therefore be used to induce friction along the entire microtubules, and subsequent tubulin incorporation and rescue behavior could be quantified. This would be of particular interest for neuronal microtubules, which are often bundled.

Finally, although damage induced rescue does not require the presence of proteins other than GTP tubulin, it would be interesting to investigate if other molecular players assist rescue in vivo. It might therefore be tested if proteins which are known to recognize the GTP tubulin conformation (like EB) or have been described

as rescue factors are involved. For example, CLIP-170 has been shown to act as a rescue factor in cells; it has been hypothesized that it does so by binding tubulin dimers and recruiting them to shortening microtubules, favoring switching back to growth (Komarova et al., 2002;[START_REF] Arnal | Clip-170/tubulincurved oligomers coassemble at microtubule ends and promote rescues[END_REF]. CLASP also seems to contribute to rescue by locally binding along the microtubule lattice and binding tubulin dimers to restart growth [START_REF] Al-Bassam | CLASP promotes microtubule rescue by recruiting tubulin dimers to the microtubule[END_REF]. The influence of EB on rescue efficiency at damage sites in vitro could not be evaluated in the current study due to the inherent changes in microtubule dynamics upon addition of EB.

Limitations of the study

Though it provides a reliable way of inducing damage at a known location, the use of photo damage is non-physiological and therefore may be seen as a limitation.

Furthermore, Niedermayer et al. showed that light exposure can lead to permanent crosslinking of fluorescently labelled actin monomers, causing abrupt pauses during depolymerization [START_REF] Niedermayer | Intermittent depolymerization of actin filaments is caused by photo-induced dimerization of actin protomers[END_REF]. Indeed the present study shows that microtubules which were exposed to high frequency laser pulses, corresponding to a short exposure of individual spots within a given area, paused at the damage site during disassembly in the absence of free tubulin (see Fig. S4 of the second study).

This indicates that crosslinking of dimers can be induced by light exposure, similarly to actin dimerization described by Niedermayer et al. At lower frequencies, no pauses in depolymerization were observed, suggesting that rescue events observed in the presence of free tubulin at these parameters were effectively due to the incorporation of new tubulin, rather than to the crosslinking of dimers in the lattice.

and the correlation found in vivo between microtubule bending / crossing, tubulin incorporation and rescue demonstrate that damage induced rescue indeed takes place, and confirm the physiological relevance of the findings.

Furthermore, minus end dynamics have not been included in the study. Their dynamic behavior is different from plus ends, and it would therefore be interesting to include them in subsequent studies.

In this thesis, the effect of mechanical stress on microtubule mechanics was studied.

It was found that microtubules soften when exposed to repeated, moderate bending forces, showing that they are subject to material fatigue. Interestingly, microtubules can self-heal, while incorporating tubulin dimers from the solution into their lattice.

The inherent capacity to self-repair is a remarkable feature that makes microtubules stand apart from most engineered materials. An important aspect of these findings is that microtubule dynamics is not exclusive to plus and minus ends: A microtubule is not simply a homogeneous, inert lattice with active ends.

The incorporation of tubulin dimers from the solution into a damage site along the microtubule lattice has some interesting consequences: Newly incorporated tubulin is GTP-bound. GTP tubulin stretches have been proposed to rescue depolymerizing microtubules [START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF]Tropini et al., 2012), and indeed, as shown in the second study, photo damaged areas can lead to rescue. EB proteins recognize the damage sites, making them appear as plus end-like structures.

The microtubule GDP lattice is inherently in a metastable state, where even small events like the loss of a few GTP tubulin dimers at the tip or a slight stabilization of the shrinking microtubule may be enough to tip the balance between phases of growth and shrinkage (Gardner et al., 2011;[START_REF] Hunyadi | Metastability of Microtubules Induced by Competing Internal Forces[END_REF][START_REF] Rice | The lattice as allosteric effector: Structural studies of alphabeta-and gamma-tubulin clarify the role of GTP in microtubule assembly[END_REF].

Similarly, GDP tubulin dissociation from the lattice outside the tip region could be induced by minor changes in (internal or external) conditions. In their study of microtubule bending in living cells, Odde et al. raised the possibility of curvature enhanced tubulin dissociation as a mechanism of microtubule breaking (Odde et al., 1999). Dissociation is likely to happen preferentially in areas of increased pre-stress or missing neighbors (e.g. at lattice defects), and can probably be enhanced by external forces like bending, which help dimers to overcome the energy barrier and leave the lattice.

The 1D model of a growing microtubule, which assumes the dissociation rate (k of f ) to be independent of the free tubulin concentration, does not do justice to the complexity of the microtubule tip structure (van Buren et al., 2005;Gardner et al., 2011): Growing microtubule tips become more tapered at higher tubulin concentrations, so that tubulin subunits at the tip are more likely to have less neighbors than in the case of blunt ends. They therefore fall off more rapidly, leading to a dissociation rate that increases with the free tubulin concentration. Similarly, it may be necessary to consider lattice on-and off-rates that depend on the presence of neighbors in the lattice.

Though the presence of defects in cellular microtubules has not yet been proven, in vivo data from the second study shows that microtubules incorporate tubulin into their lattice, and Dimitrov et al. provided evidence for GTP tubulin patches along the microtubule lattice in cells [START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF].

An important question is whether microtubule damage plays a specific role in cells, components for an appropriate response to external forces, and make the cell eventually move towards the source of stress. On the other hand, microtubules seem to be preferentially cut by katanin at lattice defects (Davis et al., 2002;[START_REF] Díaz-Valencia | Drosophila katanin-60 depolymerizes and severs at microtubule defects[END_REF] and katanin has been proposed to act specifically at regions of high curvature (Davis et al., 2002). Katanin also severs microtubules at crossover sites in Arabidopsis [START_REF] Zhang | Microtubule severing at crossover sites by Katanin generates ordered cortical microtubule arrays in Arabidopsis[END_REF]. Damage could therefore mark a mechanically stressed microtubule as to be replaced since katanin would preferentially cut microtubules that are curved or in other ways exposed to mechanical forces. The severed microtubule could then depolymerize, initiating retraction of the cell from the site of stress. Alternatively, the newly generated plus end, if it does not depolymerize, would explore the intracellular space and locally remodel the microtubule network.

In general, local microtubule damage could be a way for cells to tag those damaged areas for specific actions. Apart from rescue and severing, upon GTP tubulin incorporation, damaged areas could attract proteins that e.g. initiate microtubule branching, or crosslinking with other cytoskeletal components.

The second study showed that microtubules have an increased rescue frequency at crossover sites, and also incorporate tubulin at those sites. In microtubule bundles that are bent, microtubules are forced to slide past each other, as e.g. an early study of microtubules in cilia showed [START_REF] Satir | Further studies on the cilium Tip and a 'sliding filament' model of ciliary motility[END_REF]. Like crossing microtubules, sliding microtubules might incorporate tubulin due to friction induced damage. Cellular microtubules that are organized in bundles, like in axons, may therefore either benefit from specific stabilizing factors that inhibit sliding induced damage, or have an increased damage induced tubulin turnover at the lattice.

In summary, this thesis explored how mechanical stress affects microtubules. It opened new perspectives to investigate two important aspects of microtubule behavior: Firstly, microtubule repair in response to mechanical stress induced damage could help to better understand the structural role of microtubules in cells and explain how microtubules are able to sustain repeated bending stress without breaking.

Secondly, incorporation of GTP tubulin after microtubule damage could help to ex-110 plain microtubule rescue in cells, and lead to a better understanding of microtubule dynamic behavior in vivo. In general, this work provides evidence that more attention needs to be brought to the dynamic properties of the GDP microtubule lattice far from the tip, which so far has received little consideration compared to plus and minus ends.

B Summary

Microtubules play an important role in many cellular functions. They can be highly bent by intracellular forces, yet how mechanical stress affects microtubules and how they tolerate the vast forces exerted on them remains unknown.

In this thesis, the effect of mechanical stress on microtubule mechanical properties is studied. It is found that the stiffness of microtubules decreases when they are exposed to repeated bending forces, revealing that they are subject to material fatigue. Pre-existing defects in the lattice seem to be present weak points in the microtubules, where mechanical stresses concentrate and generate more extensive damage.

Interestingly, microtubules are able to recover their initial stiffness while incorporating new tubulin dimers from the solution into their lattice, demonstrating their self-healing properties. It also shows that microtubule dynamics is not exclusive to the plus and minus ends of microtubules, challenging established paradigms.

Tubulin dimers that are incorporated into the microtubule lattice are GTP bound.

GTP tubulin is known to be more stably bound in the lattice, and is thought to promote microtubule rescue. Indeed, this thesis shows that tubulin incorporation into the lattice far from the tip in response to microtubule damage can lead to rescue events. This finding opens up a new perspective on an aspect of microtubule dynamic instability that so far is poorly understood. 

Résumé

Figure 1 :

 1 Figure 1: Actin filaments (a), microtubules (b) and intermediate filaments (c) are the three major components of the cytoskeleton. The images show the organization of the different filaments in a Huh7 cultured human hepatocyte cell. (d) shows a superimposed image.(From Omary et al., 2006) 

Figure 3 :

 3 Figure 3: Microtubules are rigid on cellular length scales, while actin filaments are semi-flexible and intermediate filaments are considered flexible. (Adapted from www.

Figure 4 :

 4 Figure 4: Microtubules (MTs), intermediate filaments (Ifs) and actin filaments (Ifs) interact via different mechanisms with another: Unspecific, steric interactions occur in overlapping regions as well as crosslinking and motor protein mediated interactions. (Adapted from Huber et al., 2015)

Figure 5 :

 5 Figure 5: (a) Microtubules are made of tubulin dimers. Each dimer consists of two globular, structurally similar 55 kDa proteins, called alpha (light green) and beta (dark green) tubulin. Dimers associate longitudinally into protofilaments, which form lateral bonds and close into a hollow tube of 25 nm diameter. (b) In a B-lattice, lateral bonds

Figure 6 :

 6 Figure 6: (a) Except for the 13-3 lattice configuration, the protofilaments exhibit a slight supertwist. (b) Lateral curvature of a 16 protofilament and an 11 protofilament lattice.

Figure 8 :

 8 Figure 8: Microtubule nucleation is a slow, energetically unfavorable process, but it can be accelerated considerably by the presence of a nucleus (e.g. a gamma-tubulin ring complex).(Adapted fromKollmann et al., 2011) 

Figure 9 :

 9 Figure 9: According to the 2D model, tubulin dimers binding to the ends of protofilaments fall off rapidly unless they are stabilized by lateral bonds. (Adapted from Brouhard, 2015.)

Figure 10 :

 10 Figure 10: Protofilaments at growing microtubule ends often look slightly curved. Microtubules have been proposed to form sheets which later close into tubes. Scale bar: 300 nm.

Figure 11 :

 11 Figure 11: Microtubule dynamic instability phases. (Adapted from Hawkins et al., 2010)

Figure 12 :

 12 Figure 12: Microtubule assembly and shrinkage. During microtubule growth, GTP tubulin dimers (red) add at the ends of protofilaments which slightly curve outward. Upon incorporation into the microtubule, the GTP is hydrolyzed (green), inducing mechanical stress in the lattice. The resulting metastable lattice that is stabilized by a cap of GTP tubulin dimers at the end of the microtubule. When the GTP cap is lost, the protofilaments curl outwards and the microtubule disassembles. (Adapted from[START_REF] Alushin | High-resolution microtubule structures reveal the structural transitions in alpha-betatubulin upon GTP hydrolysis[END_REF] 

Figure 13 :

 13 Figure 13: GTP islands are hypothesized to be rescue sites. As a microtubule grows, islands of GTP tubulin are proposed to be excluded from hydrolysis. During depolymerization, the GTP remnants might stabilize the lattice, leading to regrowth of the microtubule. (Adapted from[START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF] 

Figure 14 :

 14 Figure 14: Examples of microtubule persistence length measurement techniques.

Figure 15 :

 15 Figure 15: Microtubule lattice defects. (a) Protofilament transitions, in this case a transition between 13 and 14 protofilaments indicated by the black arrow, can be observed in electron microscopy images. The number of protofilaments is inferred from characteristic contrast patterns. (From Chrétien et al., 1992) (b) Atomic force microscopy images of microtubules show point defects, with single missing tubulin dimers (A) and (B), lateral shifts in the lattice (C) and separations between protofilaments (D).(From Schaap et al., 2004) 

Figure 16 :

 16 Figure 16: Microtubules in different cell types. (a) Microtubules in human U-2 OS cells. Scale bar: 10 µm. (From http: // www. proteinatlas. org/ learn/ dictionary/ cell/ cytoskeleton) (b) Microtubules in Arabidopsis hypocotyl cells. Scale bar: 10 µm. (From Lang et al., 2014) (c) Microtubules in cultured rat sympathetic neuronal growth cones.Scale bar: 6 µm.(From Jean et al., 2012) 

Figure 17 :

 17 Figure 17: Forces on cellular microtubules. (a) Some microtubules are observed to bend locally. (From Bicek et al., 2009) (b) Microtubule buckling in response to cell rounding. Scale bar: 10 µm. (From Heidemann et al., 1999) (c) Microtubule breaking in cells is often associated with high local curvature. (From Schaefer et al., 2002) (d) Microtubule transported along a second microtubule. Scale bar: 3 µm. (From[START_REF] Bicek | Anterograde microtubule transport drives microtubule bending in LLC-PK1 epithelial cells[END_REF] 

Figure 18 :

 18 Figure 18: Microtubule reinforcement by the surrounding elastic cytoskeletal network is thought to lead to an increased critical buckling force and short-wavelength, high-curvature buckling. Reinforcement might help microtubules bear compressive forces in cells. (From

Figure 19 :

 19 Figure 19: Illustration of the microfluidic device. (a) A micropatterned coverglass is attached to the microfluidic chip. Microtubules are grafted on the coverglass. (b) A microfluidic pump allows precise flow control inside the chip.

Figure 1 |

 1 Figure 1 | Microtubule bending device. a, Illustration of the work flow. Red fluorescent microtubule seeds (short red lines) were flowed into the microfluidic device and grafted on micropatterned lines (grey lines) (step i). Free green fluorescent tubulin dimers were then added onto the seeds to grow microtubules (green lines) (step ii). The same mix was then flowed normal to the microtubules and used as a hydrodynamic constraint to bend microtubules (step iii). Red fluorescent beads were added to the mix to measure fluid flow next to microtubules. b, Time-lapse sequence of microtubule (green) bending in response to fluid flow. Scale bar is 3 µm. Overlay of images during the bending steps conveniently shows the magnitude of microtubule deformation (far right).

Figure 2 |

 2 Figure 2 | Microtubule softening on external constraint. a, Sequence of bending cycles. Images show the overlay of microtubule deformations during each successive bending cycle. Bending flows were applied for a duration of 10 s, with a pause of 10 s between bending steps. Deformations appeared larger cycle after cycle. Scale bar is 3 µm. b, Overlay of microtubule maximal deformation during each bending cycle. Distinct colours have been attributed to each cycle. Scale bar is 3 µm. c, Measurements of microtubule persistence length evolution over the successive bending cycles. Delay between cycles was 10 s. Microtubule persistence lengths were normalized to their initial value. Error bars correspond to the standard deviation calculated from five consecutive frames for each cycle. As a test of tendency, Spearman correlation tests for persistence length values over the successive cycles were performed. Green curves show microtubules for which the persistence length was not significantly a ected over the bending cycles, whereas red curves show those that had been softened during the cyclic stress. d, Comparison of initial microtubule persistence length for microtubules assembled in the presence of 14 µM or 26 µM of free tubulin dimers. Values were compared with an unpaired t-test (two-tailed). e, Overlay of microtubule maximal deformation during bending cycles for microtubules assembled in the presence of 14 µM or 26 µM of free tubulin dimers. f, Measurements of microtubule persistence length evolution over successive bending cycles for microtubules assembled in the presence of various concentration of free tubulin dimers (26 µM: n = 9; 20 µM: n = 15; 18 µM: n = 15; 14 µM: n = 13). Microtubule persistence lengths were normalized to their initial values. Values correspond to the average persistence length of individual measurements shown in Supplementary Fig.1. Error bars show the standard deviation between distinct microtubule bending experiments. All curves were considered significantly di erent using a two-way ANOVA test, except for 14 and 18 µM. A t-test on the average persistence length showed all these di erences became significant at the fourth bending cycle.

Figure 3 |

 3 Figure3| Microtubule mechanical recovery. a, Sequence of bending cycles. Images show the overlay of microtubule deformations during each successive cycle. Bending flows were applied for a duration of 10 s, with a pause of 100 s between bending steps. Deformations appeared similar for all cycles. Scale bar is 3 µm. b, Overlay of microtubule maximal deformation during each bending cycle. Distinct colours have been attributed to each bending cycle. Scale bar is 3 µm. c, Measurements of microtubule persistence length evolution over the successive bending cycles. Delay between bending cycles was 100 s. Error bars correspond to the standard deviation calculated from five consecutive frames for each bending cycle. As a test of tendency, Spearman correlation tests for persistence length values over the successive cycles were performed. Green curves show microtubules for which the final persistence length was not significantly di erent from their initial one, whereas red curves show those that had been softened during the cyclic stress. d, Evolution of microtubule persistence length following five rapid bending cycles. The delay between the first five bending cycles was 10 s. To distinguish softening from non-softening microtubules, we used the distance between the minimum normalized persistence length and the persistence length during the first cycle (=1) as a parameter for a k-means clustering. The clustering algorithm found one group with a low distance, which corresponds to non-softening microtubules (shown on the left graph), and another group with a high distance, corresponding to softening microtubules (shown on the right graph). The recovery after a 100 s pause time was assessed by comparing the persistence length before and after the pause with a Wilcoxon matched-pairs test. Microtubules exhibiting significant recovery are shown in blue, the others are shown in orange.

Figure 4 |

 4 Figure4| Microtubule self-healing. a, Image sequence showing a microtubule assembled with red tubulin (t = -160 s), bathed in a solution of green tubulin (t = -45 s), damaged (but not cut) with laser pulses (t = 0) and left in the presence of green tubulin for 70 s. Green tubulin was then washed away and replaced by red tubulin. Removal of the green fluorescent background revealed incorporation of tubulin dimers at the damaged site (arrow). Scale bar is 5 µm. b, Experimental procedure to grow microtubules with red tubulin and bend them in the presence of green tubulin. c, Image sequence showing from left to right: a red microtubule, the overlay of five bending cycles in the presence of green tubulin, the 1-min-long pause, followed by the green tubulin washout revealing incorporation of tubulin dimers along the microtubule length (arrow). d, Averages of 30 images taken successively in the red and green channels at the end of the image sequence shown in c to improve the signal-to-noise ratio. Stretches of green tubulin along the red lattice become more visible (arrows). e, Green fluorescence intensity linescan along the microtubule length on the image shown in d. Arrows correspond to incorporation sites between the microtubule seed (right peak) and the growing end (left peak). f, Measurement of external tubulin incorporation site positions along the microtubule length. Distances were normalized with respect to the microtubule length. g, Experimental procedure to grow microtubules with red tubulin and flow green tubulin along their length without bending them. h, Image sequence showing from left to right: a red microtubule, the overlay of pictures taken during green tubulin flow along the microtubule length, the 1-min-long pause, followed by the green tubulin washout revealing the absence of incorporation of tubulin dimers along the microtubule length. i, Averages of 30 images taken successively in the red and green channels at the end of the image sequence shown in h to improve the signal-to-noise ratio. No stretch of green tubulin could be detected along the red lattice. j, Green fluorescence intensity linescan along the microtubule length on the image shown in i. Fluorescence linescans showed no fluorescence peak between the microtubule seed (right peak) and the growing end (left peak).

Figure 5 |

 5 Figure 5 | Numerical simulations of microtubule deformation in response to local or global sti ness reduction. a, Graph representing the parameters used for the simulation.Microtubules had a length L and a bending sti ness κ0. Their sti ness was locally reduced to κp/κ0 over a normalized length s/L positioned at the arc length s0/L. In this example, as well as in all simulations, s0/L = 0.33. b, Examples of microtubule equilibrium shapes in response to distinct combinations of local softening parameters (κp/κ0 and s/L) leading to the same apparent bending sti ness ( κ /κ0 = 0.5). Also shown are the fits against a model with the constant sti ness 0.5 (full lines). c, Measurement of the distance ω/L between the shapes of experimental microtubules to shapes of microtubules with a constant rigidity, as explained in Methods. Two examples illustrate a high and low distance, suggestive of local and global softening processes, respectively. d, Comparison of distances to homogeneous microtubules between experimental observations and simulated microtubules. Coloured lines show the theoretical dependence of the distance ω/L on the microtubule deflection x/L for di erent extents of the softened region s/L (di erent colours) and the same given apparent sti ness κ /κ0 = 0.5. Stars correspond to experimental measurements of the distance ω/L and the deflection x/L for di erent microtubules. Only values obtained from microtubules with an apparent sti ness between 0.4 and 0.6 after five bending cycles are shown.

Figure 6 |

 6 Figure 6 | Model of microtubule softening and self-repairing under mechanical stress. a-e, Speculative interpretation of the contribution of microtubule lattice defects to microtubule deformation, softening and self-healing under mechanical stress. Arrows indicate external force. Illustration by A. Kawska at IlluScientia.com.
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Figure 20 :

 20 Figure 20: Possible structure of a protofilament transition and incorporation site. The absence of lateral or longitudinal contacts for certain dimers as well as the strained configuration of the bonds may favor dimer dissociation at transition sites. Subsequent incorporation could preferentially take place by protofilament elongation.
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Figure 1

 1 Figure 1 Microtubule self-repair in living cells. (a) A PtK2 cell expressing mEos2 pre-and post-conversion. Converted free tubulin dimers (magenta) diffused through the cytoplasm. The signal of converted dimers (magenta) was observed at the growing tips as well as in spot-like structures along the length of pre-existing microtubules (green). t, time. (I-V) Enlarged regions of a according to the boxes in the upper right panel. (I) Bundled microtubules with photo-converted tubulin spots within the bundle (arrowhead) and at the growing tip (arrow). Image taken 1 min 35 s after photo-conversion. (II,III) Incorporation of converted dimers (magenta) in pre-existing microtubules (green) at microtubule crossing sites. Images taken respectively 6 min 38 s or 6 min 30 s after photo-conversion, respectively. (IV) Incorporation of converted dimers (magenta) in pre-existing microtubules (green) at bent sites. Image taken 6 min 38 s after photo-conversion. (V) Incorporation along preexisting microtubules (arrowheads, 3 min after photo-conversion) with the corresponding kymograph. Bottom white arrowhead in (V) is represented by the first left arrowhead of the kymograph in (V -kymograph). (b) After photoconversion the magenta tubulin signal was observed at growing microtubule tips (arrows). True incorporation was not distinguishable from growing tips within bundled microtubules (arrowheads). Arrows indicate growing microtubule tips after photo-conversion; arrowheads indicate sites of incorporation of converted tubulin dimers (magenta) in pre-existing microtubules. Images are representative of five independent experiments. Scale bars, 5 µm.

Figure 2

 2 Figure 2 Self-repair sites are rescue sites in living cells. (a) Photo-converted tubulin dimers (magenta) in pre-existing microtubules (green). The white arrowhead in the inset points to a repair site along a single microtubule. Scale bar, 5 µm. The time-lapse sequence shows the occurrence of a rescue event (red arrowhead) at the indicated site of incorporation with the corresponding kymograph (right panel). Scale bar, 2 µm. The kymographs at the bottom show additional examples of repair sites (white arrowheads) associated with rescue events (red arrowheads). The kymograph in the third panel shows an incorporation (white arrow head) and rescue event (red arrowhead) at a microtubule crossing site (black arrowhead). Images are representative of five independent experiments. (b) The localization of rescue events was analysed within the cell margin of PtK2 cells stably expressing GFP-tubulin. Enlarged region (white rectangle) of a representative analysed area. Scale bar, 5 µm. (c) Representative time-lapse sequence of a rescue event at a microtubule crossing site (white arrowhead) with the corresponding kymograph. The black arrow indicates the crossing site within the kymograph; the red arrow points to the rescue event. The images in b,c are representative of five independent experiments. Scale bar, 2 µm. (d) Histogram of the distance of rescue events with respect to the growing tip (set to zero) in PtK2 GFP-tubulin cells. Data represent mean ± s.d., n = 148 rescue events from 4 cells. (e) Correlation of the site of rescue with the site of incorporation. Relative frequency of the localization of the rescue event, and of the incorporation, with respect to crossing sites, curved sites and straight microtubules. Incorporation was analysed in fixed cells 2 min after photo-conversion. Data represent mean ± s.d., n = 79 rescue events from 4 cells, and n = 113 incorporation events from 4 cells.

Figure 3

 3 Figure 3 Photodamaged sites are repair and rescue sites in living cells. Yellow stars indicate photodamage sites; white arrows indicate sites of incorporation of photo-converted tubulin dimers (magenta). Yellow arrows track the depolymerization, rescue and growth events. (a) Laser-induced photodamage sites get repaired (arrowheads) by converted tubulin dimers over time. Scale bar, 5 µm. (b) Time-lapse sequence with corresponding kymographs of microtubules after laser-induced photodamage. Incorporation of converted tubulin dimers occurs at the photodamage sites and these act as rescue sites. Note within the kymographs that rescue occurs at the exact position of the repair site, highlighted by yellow arrows. Scale bar, 2 µm. (c) Representative sites of laser-induced photodamage within the cell margin and near the nucleus of PtK2 GFP-tubulin cells. Time-lapse sequence and kymograph of the rescue event of the microtubule labelled with an encircled star is shown in d. Scale bar, 5 µm. (d) Representative time-lapse sequence and corresponding kymograph of an analysed microtubule after photodamage. Microtubule rescues at the photodamage site. Images are representative of 5 independent experiments. Scale bar, 2 µm. (e) Histogram of the localization of the 111 rescue events with respect to the 51 photodamage sites in 20 PtK2 GFP-tubulin cells. All rescue events occurring along the microtubule were taken into account. The centre of the photodamage site is x = zero; average size of photodamage was 1.2 µm. Fifty per cent of the rescues occurred within the damage site. Only one rescue event was observed a short distance outside the damage site. The other 50% of rescues were observed along the microtubule closer to the tip, where the frequency of rescue is reported to be high. (f) Multiple rescues at a photodamage site were observed occasionally. Microtubules depolymerized eventually over the photodamage site after rescue events (bottom image). t, elapsed time after photodamage. (g) Histogram of the time between the induction of photodamage (t = 0 s) and observation of the rescue or depolymerization event in 10 cells showing 52 rescues at damaged sites and 47 absences of rescue at damaged sites. Rescue events are most frequent within 250 s after photodamage. No rescue was observed after 550 s.

Figure 4

 4 Figure 4 Microtubule self-repair induces rescue events in vitro. (a) Rescue at crossing microtubules. Time-lapse sequence of three microtubules crossing each other. The kymograph highlights the crossing sites (yellow arrowhead pointing at the bright white vertical lines) and the occurrence of multiple rescue events at this site (red arrowheads). (b) The graph shows the frequency of rescue events for crossing microtubules as a function of distance from the crossing site. Data represent mean ± s.d. from n = 8 independent experiments. (c) Repair at crossing microtubules. Observation of the incorporation of green tubulin dimers along red microtubules. White arrowheads point to crossing sites where accumulation of green tubulin was detected. The image is representative of three independent experiments. Scale bar, 5 µm. (d) Illustration of the microfluidic device. Short biotinylated microtubule seeds were fixed on neutravidin-coated micropatterns and elongated using red or green free tubulin. To exchange or remove the solution of free tubulin, a flow was induced parallel to the microtubules. (e) Photodamage sites can induce rescue. The time-lapse sequences and kymographs show microtubule dynamics with (right) and without (left) laserinduced damage (yellow star). The green arrows indicate the seed. Red arrowheads indicate rescue events. (f) The graph shows the frequency of rescue events for photodamaged microtubules as a function of distance from the centre of the damage (green bars) and for microtubules without damage, as distance from the centre of the observed microtubule (magenta bars). Data represent mean values ± s.d. from n = 4 independent experiments. (g) Tubulin incorporation at photodamaged sites is associated with rescue. Green microtubule seeds were elongated with red free tubulin (step I). A GMPCPP cap was grown at the microtubule tip to avoid spontaneous depolymerization (step II). Photodamage was induced in the presence of green tubulin (step III). Depolymerization was initiated by removing the GMPCPP cap with a laser pulse at high intensity (step IV). The kymograph shows rescue (red arrowhead) at the damaged site (yellow star) where green tubulin was incorporated. GMPCPP, Guanosine-5 ′ -[(α,β)-methyleno]triphosphate, sodium salt. The image is representative of four independent experiments.

Figure 5

 5 Figure 5 Incorporation and hydrolysis of free tubulin. (a) Damage without repair. Red microtubule seeds were elongated with green free tubulin (step I). A GMPCPP cap was grown at the microtubule tip to avoid spontaneous depolymerization (step II). Photodamage was induced in the absence of free tubulin (step III). Depolymerization was initiated by removing the GMPCPP cap with a laser pulse at high intensity (step IV). The time-lapse sequence and kymograph show no rescue nor pause at the damaged (yellow star), and non-repaired, site. See quantification in Supplementary Fig. 4. (b) Rescue lifetime. The kymograph shows multiple rescues (red arrowheads) at a photodamage site (yellow star) eventually followed by microtubule depolymerization (green arrowhead). The graph represents the time between inducing the damage and observation of the rescue or depolymerization event. Rescue events become less frequent as the time after damage increases. No rescue could be observed 17 min after inducing the damage. (c) Hydrolysis of incorporated tubulins. Red microtubules were laser damaged and repaired with non-hydrolysable (GMPCPP, left panels) or hydrolysable (GTP, right

Figure 6

 6 Figure 6 Self-repair biases microtubule dynamic instability in vitro. (a) The kymograph on the left shows a typical non-damaged microtubule with infrequent rescue events. On the right, the microtubule was damaged several times close to the tip as soon as it grew out long enough. Although catastrophe events were frequent, this microtubule was protected from complete depolymerization by the photodamage. The yellow stars indicate the photodamage sites. The red arrowheads indicate rescue events. (b) Damage increases microtubule lifetime. The graph shows the distribution of 28 laser-damaged (green) and 133 non-damaged (magenta) microtubule lifetimes. Damaged microtubule lifetime was found to be considerably longer than the lifetime of non-damaged microtubules. (c) Damage increases microtubule length. The graph shows the length of laser-damaged (green) and non-damaged (magenta) microtubules after 20 min. Error bars show mean ± s.d. for n = 22 microtubules per condition, pooled from 4 independent experiments.

Figure 7

 7 Figure 7 Self-repair biases microtubule dynamic instability in vivo. (a) Repeated microtubule shooting 'on-' and 'off-target'. Laser-induced photodamage was targeted either on the microtubules, in the red region, or next to the microtubules, in the green region. The images show the cell before (top) and after (bottom) the shooting. A comparison of the left and right cell margin pre-and post-photodamage is shown. Scale bar, 5 µm. (b) Preferential microtubule-network growth in damaged regions. Images show the microtubule network in the 'on-target' (red) and 'off-target' (green) regions before (t = 0 s) and after (t = 680 s) the shooting. The graph shows the after/before ratio of the mean microtubule fluorescence intensity in each region. Lines represent mean values from n = 16 cells from 4 independent experiments. The P value was generated by a Wilcoxon paired test. The total microtubule length increased in the regions where the laser impacts were targeted on the microtubules.

Figure 8

 8 Figure 8 Microtubule self-repair and rescue. (a) Microtubule self-repair. The schemes show the preferential conformation of microtubules in which free tubulin incorporation (orange-red) was observed along pre-existing microtubules (green-blue) in living cells. (b) Microtubule rescue at self-repair sites. The schemes show the interruption of microtubule depolymerization at the repaired site (shown with orange-red dimers) and the induction of microtubule regrowth.

7

 7 Self-repair biases microtubule dynamic instability in vivo. The sheme illustrates laser induced photo-damages either on the microtubules, in the red region, or next to the microtubules, in the green region. The images show the cell before (top) and after (bottom) the shooting. Comparison of the left and right cell margin pre-and post-photodamage. Scale bar is 5 µm.The two major conclusions of the study are that, firstly, microtubules in cells incorporate tubulin into their lattice, confirming the in vitro findings of the first study and pointing to their relevance in vivo. Secondly, it shows that microtubule damage can lead to rescue at the damage site after tubulin incorporation. The combination of in vitro and in vivo experiments shows that, on the one hand, no other cellular factors like MAPs are needed for rescue after damage. On the other hand, microtubule damage is an efficient way to increase rescue in cells, and by biasing microtubule rescue in certain areas of the cell, cell migration can be influenced. Furthermore, the damage induced rescue sites appear plus end like, as they present areas of preferential EB binding, indicating the presence of GTP tubulin (see Fig.5d and S5of the second study). Relating the results of the present study to the findings of Dimitrov et al.[START_REF] Dimitrov | Detection of GTP-tubulin conformation in vivo reveals a role for GTP remnants in microtubule rescues[END_REF], it seems likely that the presence of GTP stretches they observed are due to tubulin incorporation, rather than remnants from microtubule polymerization.

Figure 21 :

 21 Figure 21: Possible mechanisms of photo damage induced rescue. Photo damage leads to dimer dissociation, and probably creates irregular holes in the lattice. There are different possibilities how subsequent repair could lead to a prolonged rescue probability: (a) GTP tubulin dimers from the solution, which fill up the gaps in the lattice, may not / slowly hydrolyze due to a different incorporation pathway compared to the microtubule tip. Nonhydrolyzed GTP tubulin stabilizes the lattice locally and could therefore lead to rescue. (b)

  or if damage caused by mechanical forces is the price that the cell pays to maintain a prestressed lattice that can do work during disassembly. An area where microtubule damage occurs is an area of high (mechanical) activity in the cell, caused e.g. by internal contractile actomyosin structures or external forces, and it might be useful for the cell to remodel its microtubule network in those areas. Remodeling could occur in two different ways: Through increased rescue, or by breaking. Overall, cells could use microtubule damages to either (passively or actively) selectively stabilize or destabilize microtubule networks in areas of high mechanical stress. By (passive) incorporation of GTP tubulin at damage sites that are caused by increased mechanical stress, microtubules undergo frequent rescues and could e.g. deliver cellular

  Les microtubules -qui définissent la forme des axones, des cils et des flagelles, et qui servent de rails pour le transport intracellulaire-subissent de fortes contraintes exercées par les forces intracellulaires. La structure des microtubules et leur rigidité peuvent en théorie être affectées par des contraintes physiques. Cependant, il reste à établir comment les microtubules tolèrent de telles forces et quelles sont les conséquences de ces forces sur la structure des microtubules. En utilisant un dispositif de microfluidique, j'ai pu montrer que la rigidité des microtubules diminue progressivement à chaque cycle de courbure induit par des contraintes hydrodynamiques. Comme dans d'autres exemples de fatigue des matériaux, l'application de contraintes mécaniques sur des défauts pré-existants le long des microtubules est responsable de la génération de dommages plus étendus. Ce processus rend les microtubules moins rigides. J'ai pu aussi montrer que les microtubules endommagés peuvent se réparer en intégrant de nouveaux dimères de tubuline à leur surface et de récupérer ainsi leur rigidité initiale. Nos résultats démontrent que les microtubules sont des matériaux biologiques ayant des propriétés d'auto-réparation, et que la dynamique des microtubules ne se produit pas exclusivement à leurs extrémités. La mise en évidence de ces nouvelles propriétés permet de montrer comment les microtubules peuvent s'adapter à des contraintes mécaniques.
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Supplementary Figures

Supplementary Figure S1 -Measurements of microtubule persistent length evolution over the successive bending cycles. a, Microtubules were grown in the presence of 14,18,20 or 26 µM of tubulin and bent several times. Error bars correspond to the standard deviation calculated from 5 consecutive frames for each bending cycle. As a test of tendency, Spearman correlation tests for persistent length values over the successive cycles were performed. Green curves show microtubules for which the persistent length was not significantly affected over the bending cycles, whereas red curves show those that have been soften during the cyclic stress. b, Same as a excepted that microtubule persistent lengths over bending cycles were normalized to their initial value.
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3 Supplementary Figure S2 -Impact of the delay between bending cycles on the evolution of microtubule persistent length. Microtubules were grown in the presence 20 µM of tubulin and bent several times. Delay between bending cycles was varied between 10 s (top line) and 100 s (bottom line). Microtubule persistent length was measured over the successive bending cycles. Microtubule persistent lengths were normalized to their initial value. Error bars correspond to the standard deviation calculated from 5 consecutive frames for each bending cycle. As a test of tendency, Spearman correlation tests for persistent length values over the successive cycles were performed. Green curves show microtubules for which the persistent length was not significantly affected over the bending cycles, whereas red curves show those that have been soften during the cyclic stress. The proportion of microtubules for which the persistent length decreased over the bending cycles reduced as the delay between the cycles was increased. 4 Supplementary Figure S3 -Evolution of microtubule persistent length following five rapid bending cycles. Microtubules were grown in the presence 20 µM of tubulin and bent five times with 10 s delay between the bending cycles. Then microtubules were not stimulated during 100 s. Stiffness recovery was measured by a last bending cycle after this rest period. To first distinguish softening from non-softening microtubules during the first bending cycles, we used the distance between the minimum normalized Lp and the Lp during the first cycle as a parameter for a k-means clustering. The clustering algorithm found one group with a low distance, which corresponds to non-softening microtubules (a, b), and another group with a high distance, corresponding to softening microtubules (c ,d). The recovery after a 100 s pause time was assessed by comparing Lp before and after the pause with a Wilcoxon matched-pairs test. Microtubules displaying significant recovery are shown in blue, the other in orange. No stiffness change could be observed in the group displaying no softening during the first bending cycles (a, b) whereas a significant stiffness increased was measured in a majority of microtubule that have been soften during the first bending cycles (c ,d). a, c, individual microtubule persistent length evolution during the five first bending cycles and the 100 s rest period. b, d, average microtubule persistent length evolution during the five first bending cycles and the 100 s rest period. A laser emitting pulses at 561 nm was used to damage microtubule lattice. The total energy was modulated by varying laser repetition rate. a, at low energy, microtubules were bleached but not damaged as revealed by the regular curved shapes they adopted when submitted to external flow. b, at medium energy, microtubules were physically damaged, as shown by the kinked shape they displayed when submitted to flow. Microtubules were not severed and recovered their original straight shape as flow was stopped. c, at high energy, microtubules were cut by the light pulses. 
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Supplementary Videos

Supplementary video 1 Time lapse sequence of microtubule (green) bending in response to fluid flow. Flow was applied during 10s (from t=10 to t=20s). Red beads were added to the medium to measure fluid flow. Images were taken every 150 ms. Time display is min:sec. Supplementary video 2 Time lapse sequence of microtubule (green) bending in response to ten successive applications of fluid flow. Flow sequences were applied during 10s every 20s. Red beads were added to the medium to measure fluid flow. Images were taken every 150 ms. Time display is min:sec. Supplementary video 3 Time lapse sequence illustrating microtubule lattice damaging with a pulsed laser. Microtubule was assembled from a micropatterned line and damaged with a laser pulse (red disc 1s after movie start) whose location was indicated with a red arrow in the few following images. Damaged microtubule was then submitted to a bending cycle after which it recovered its original straight shape; thereby confirming it was neither severed nor heavily damaged.

Supplementary video 4

Time-lapse sequence illustrating a red microtubule damaged with a pulsed laser in the presence of green tubulin. The microtubule was assembled from a micropatterned line with red tubulin, bathed in a solution of green tubulin (t=-3:20), damaged (but not cut) with laser pulses (t=0) and let in the presence of green tubulin (until t=1:30). Green tubulin was washed away and replaced by red tubulin. Removal of the green fluorescent background revealed incorporation of tubulin dimers at the damaged site. The light excitation of the green fluorescence was increased at t=2:45 to improve the visualization of the incorporated green tubulin. The light excitation of the red fluorescence was increased at t=3:15 to highlight the red microtubule shaft. 

COMPETING FINANCIAL INTERESTS

The authors declare no competing financial interests. Supplementary Figure 2 Microtubules self-repair at photo damage sites. Microtubules were grown in the device shown in figure 4a. Green microtubule seeds were elongated with red free tubulin (step I). Photo damage (yellow star) was induced in the presence of green tubulin (step II). After a two-minute delay, the medium was changed again for red tubulin (step IV). Free fluorescent tubulin dimers were removed and replaced with non-fluorescent dimers to visualize microtubules. The white arrow point at the incorporation of green tubulin along the pre-existing red microtubule following laser-induced damage. 
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Supplementary Video Legends

Supplementary video 1 PTK2 cell expressing mEos2 post photo-conversion. The microtubule tips grow by incorporating converted tubulin dimers (magenta).

Supplementary video 2 PTK2 cell expressing mEos2 post photo-conversion. Converted free tubulin dimers (magenta) diffused through the cytoplasm. Signal of converted dimers (magenta) was observed at the growing tips as well as in spot-like structures along the length of pre-existing microtubules (green). Video related to Fig. 1a.

Supplementary video 3 Self-repair sites are rescue sites. Overview and detail of PTK2 cell expressing mEos2 post photo-conversion. Incorporation (arrow) of converted tubulin dimers (magenta) in pre-existing microtubule (green). Rescue event occurs exactly at the site of incorporation (arrow). Video related to Fig. 2a.

Supplementary video 4 The localization of rescue events in cells are frequently at microtubule crossing site. White arrow indicates the microtubule tip. Red circle highlights the rescue at microtubule crossing site. PTK2 cells stable expressing GFP-tubulin.

Supplementary video 5 Representative sites of laser induced photo-damage (red circle) within the cell margin and near the nucleus of PTK2 GFP-tubulin cells. Microtubules undergo rescue at photo-damage sites. Arrow highlights the dynamic microtubule tip pre-and post-rescue. Video related to Fig. 3c.

Supplementary video 6 Detail of microtubule rescue at photo-damage site in vivo. Multiple rescues at photo-damage site are occurring occasionally, bottom video. Red circle highlights the rescue at photo-damage site. Arrow highlights the dynamic microtubule tip pre-and post-rescue. Video related to Fig. 3d,e.

Supplementary video 7 Microtubule rescuing at a photo damage site in vitro. The upper panel shows a microtubule without laser damage; in these conditions, microtubules rarely undergo spontaneous rescue. The lower panel shows a microtubule rescuing several times at a laser damage site (red circle) before complete depolymerization. Video related to Fig. 4e.

Supplementary video 8 Microtubule rescue at cross-over. The video shows the growth of non-micropatterned and non-photo-damaged microtubules.

Microtubule depolymerisation was stopped at the site where microtubules cross each other.

Supplementary video 9 Laser damage increases microtubule length and life-time. The upper panel shows a microtubule without laser damage and infrequent rescue events. In the lower panel, the microtubule was damaged repeatedly close to the tip (red circles), inducing rescue and making the microtubule grow longer and longer. Video related to Figure 6a.

Supplementary video 10 Microtubules rescue and over growth upon repeated photo-damages. PTK2 GFP-tubulin cell. Photo-damage on single microtubule (red dots) or next to microtubules (green dots). Microtubule number and length increased at the site of microtubule photo-damage (red dots) and decreased on the opposite site (green dots). The cell spread toward the site where microtubules were photo-damaged. Video related to Figure 7.

Supplementary video 11 Reoriented migration by photo-damaged microtubules. PTK2 GFP-tubulin cell migrated 34 min prior photo-damage to the left upper corner of the field of view. Photo-damage of single microtubule (red dots) at the retracting cell edge from t=33 min to t=75 min changed migration direction towards the photo-damage site. Even after the offset of photo-damage cell continued the motion towards the right. Video related to Supplementary Figure 8.