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Abstract		

Decades	 of	 studies	 have	 shown	 that	 the	 structure	 and	 organization	 of	 chromatin	 is	

tightly	linked	to	DNA	related	metabolic	processes,	through	the	dynamic	regulation	of	a	

myriad	 of	 molecular	 factors.	 The	 proper	 structuration	 of	 chromosomes	 is	 notably	

important	 to	 ensure	 the	 maintenance	 of	 DNA	 integrity	 during	 cell	 cycle	 progression.	

Using	 the	 model	 Saccharomyces	 cerevisiae,	 the	 aim	 of	 my	 PhD	 project	 was	 to	

characterize	 the	 extent	 that	 chromatin	 reorganization	 during	 the	 cell	 cycle	 may	

influence	chromosome	stability.	To	do	so,	we	first	generated	a	comprehensive	genome-

wide	study	of	the	reorganization	of	budding	yeast’s	chromosomes	during	an	entire	cell	

cycle.	 This	 work,	 besides	 recapitulating	 and/or	 generalizing	 expected	 chromosomal	

features	 of	 the	 replication	 and	 mitotic	 stages,	 led	 to	 the	 characterization	 of	 peculiar	

chromosome	 structures	 such	 as	 a	 DNA	 loop	 bridging	 the	 rDNA	 and	 the	 centromere	

clusters.	 The	 role	 of	 structural	maintenance	 of	 chromosomes	 (SMC)	 complexes	 and	of	

microtubules	were	also	quantified,	both	globally	and	locally.		

A	second	part	of	my	PhD	work	focused	on	describing	features	of	chromatin	organization	

in	 cells	 that	have	exited	 the	proliferative	 cell	 cycle	and	entered	 into	quiescence.	Using	

Hi-C,	we	characterized	the	dense	status	of	silenced	heterochromatin	at	specific	loci,	such	

as	 telomeres,	 in	 relation	 to	 the	 silent	 information	 regulator	 (SIR).	We	 found	 that	 the	

spreading-mediated	silencing	activity	of	Sir3	is	a	key	component	in	the	establishment	of	

the	heterochromatic	status.		

Finally,	we	tried	to	achieve	a	better	understanding	of	 the	functional	 interplay	between	

chromosome	stability	and	the	3D	genome	architecture	during	replication.	The	bacterial	

replication	 termination	 (Tus/Ter)	 system	 was	 introduced	 at	 various	 sites	 in	 the	 S.	

cerevisiae	genome.	We	then	used	2D	gel	electrophoresis	and	genome-wide	approaches	

to	 investigate	 potential	 chromosomal	 instability	 introduced	 by	 replication	 pausing	 at	

Ter.	 	 Overall,	 these	 results	 point	 at	 a	 striking	 plasticity	 and	 adaptability	 of	 replication	

structures	 to	 different	 stresses.	 Future	 work	 aims	 to	 map	 replication-dependent	

chromosomal	rearrangements	on	the	genomic-scale.			





	 	 	

	

	

 

 

 

 

 

 

 

 

 

 

Living things were generated by water being evaporated by the sun.  

Humans, in the beginning, were similar to another animal, namely to fish. 

Anaximenes	585	–	528	BC
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1.	Introduction	

Life	on	Earth	is	amazingly	complex	and	diverse.	Yet,	this	diversity	is	built	upon	the	same	

essential	molecules,	the	ubiquitous	nucleic	acids	DNA	and	RNA,	as	the	propagation	of	all	

living	organisms	from	generation	to	generation	requires	the	proper	transmission	of	the	

genetic	 information	 encoded	 in	 the	 DNA	 molecule.	 This	 is	 accomplished	 through	 the	

duplication	of	the	genetic	material	and	its	segregation	into	daughter	cells	during	the	cell	

division	process.	The	succession	of	DNA-related	events,	taking	place	during	cell	division,	

are	 evolutionary	 conserved	 and	 present	 important	 similarities	 between	 single-celled	

and	multicellular	organisms.		

In	the	following	sections,	I	will	provide	an	historical	perspective	and	a	brief	overview	of	

the	 general	 principles	 underlying	 the	 series	 of	 events	 that	 accompany	 the	 duplication	

and	segregation	of	the	DNA	material	during	the	cell	cycle.	

1.1	Investigating	the	eukaryotic	cell	cycle	

One	 can	 argue	 that	 the	 discovery	 of	 cellular	 division	 marked	 the	 birth	 of	 cell	 cycle	

studies	(Nurse,	2000).	This	research	involved	the	joint	efforts	of	scientists	from	different	

fields,	such	as	Cytology,	Embryology,	Physics,	Biochemistry	and	Genetics,	for	more	than	

a	 century.	 As	 typical	 of	 scientific	 progress,	 the	 development	 of	 new	 methods	 has	

accompanied	 this	 exploration,	 while	 research	 and	 comparisons	 between	 different	

organisms	has	been	key	in	the	discovery	of	the	regulatory	mechanisms	involved	in	these	

processes.		

1.1.1	Cytogenetic	studies	

In	1838,	approximately	 two	centuries	after	Robert	Hook	 first	description	of	 the	cell	 in	

1665,	 Theodor	 Schwann	 and	Matthias	 Schleiden	 formulated	 the	 cell	 theory.	 Based	 on	

their	observations	of	plant	and	animal	tissues,	it	postulated	that	cells	are	the	basic	units	

of	 life.	 The	 proposition	 that	 cells	 appear	 and	 propagate	 through	 divisions	was	mostly	

promoted	 later	by	Robert	Remak,	Albert	Kolliker	and	 formally	 formulated	by	Rudolph	

Virchow	 in	1855	with	 the	powerful	dictum,	Omnis	cellula	e	cellula:	 “All	 cells	only	arise	

from	pre-existing	cells”.	In	1880,	Walther	Flemming,	a	pioneer	of	cytogenetics,	identified	

the	 chromatin	 structure	 in	 the	 nucleus	 from	 its	 peculiar	 response	 and	 absorption	 to	

basophilic	 dye	 exposure.	While	 investigating	 cell	 division	 in	 salamander	 cells,	 he	was	

able	to	associate	chromatin	to	the	episodic	presence	of	threadlike	structures	in	some	of	
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the	cells,	which	were	later	dubbed	chromosomes.	He	suggested	that	chromosomes	were	

related	to	chromatin,	and	called	mitosis	their	segregation	into	daughter	cell	during	the	

cell	division,	from	the	Greek	word	for	thread	(Figure	1)	(Flemming,	1882).	

Improvements	 in	microscopy	 techniques	 kept	 bringing	 new	 insights	 into	 the	 changes	

occurring	to	chromosomes	during	mitosis.	In	1885,	the	anatomist	Carl	Rabl	found	that,	

in	salamander	epithelial	cells,	chromosomes	were	constant	 in	number	and	occurred	 in	

similar	 arrangements	 before	 and	 after	 division.	 He	 proposed	 that	 chromosomes	were	

permanent	entities,	whose	centromeres	and	telomeres	were	located	at	opposite	sides	of	

the	 nucleus,	 an	 organization	 called	 “Rabl”	 today	 (RABL,	 1885).	 A	 few	 years	 later	

Theodor	 Boveri	 observed	 chromosome	 splitting	 (e.g.	 the	 separation	 of	 sister	

chromatids)	during	the	maturation	of	the	fertilized	sea	urchin	egg.	In	1902,	he	described	

the	 detrimental	 effect	 of	 the	 unequal	 segregation	 of	 chromosomes	 in	 these	 cells,	

suggesting	that	missegregation	could	result	in	tumours	and	birth	defects	(Boveri,	1902).	

Shortly	 after,	 Walter	 Sutton	 (1903)	 and	 Boveri	 (1904)	 presented	 the	 idea	 that	

chromosomes	may	function	as	hereditary	vehicles.		

Remarkably,	Boveri	was	also	the	first	to	describe	the	mitotic	spindle,	as	an	astral	array	

of	 filaments	 extending	 between	 the	 chromosomes	 (Boveri,	 1907).	 Continuing	

improvements	 in	 fixation	 protocols,	 microscopy,	 and	 later	 in	 the	 development	 of	

electron	 microscopy	 led	 to	 the	 structural	 characterization	 of	 the	 mitotic	 spindle.	 A	

complex	array	of	microtubules	-	polymers	of	tubulin	proteins	-	employed	by	the	cells	to	

segregate	 the	 chromosomes	 during	 division	 (see	 section	 1.3.3.1)	 (Peterson	 and	 Ris,	

1976).		

1.1.2	Genomic	studies	

In	 the	 early	 1910’s,	 thanks	 to	 the	 rediscovery	 of	 Mendel’s	 work	 and	 theories	 on	

biological	inheritance	in	1865,	several	scientists	started	to	work	on	the	hypothesis	that	

chromosomes	 might	 be	 the	 key	 of	 the	 heredity	 of	 phenotypic	 traits.	 Experiments	 on	

mitotic	 and	meiotic	 chromosomes	 from	Boveri	 (1889	 -	 1904),	 Bateson	 (1902),	 Sutton	

(1902,	1903),	Farmer	and	Moore	(1905)	have	led	Frans	Janssens	to	make	a	connection	

between	his	observations	of	chiasma	between	chromosomes	during	meiosis	prophase	I	

with	 the	 segregation	 of	Mendelian	 characters	 during	meiosis	 (1909).	 These	 evidences	

encouraged	 Hunt	 Morgan	 to	 start	 his	 experiments	 on	 the	 fruit	 fly.	 And	 in	 1915,	 he	

proved	 that	 genetic	 material	 was	 carried	 on	 chromosomes	 (Morgan,	 1915).	

Chromosomes	are	 the	ubiquitous	structures	adopted	by	 the	DNA	molecules	associated	

with	proteins	in	all	genomes.	Although,	the	nucleic	acid	was	isolated	in	1870	by	Johann	

Friedrich	Miescher,	the	first	experimental	evidence	leading	to	the	identification	of	DNA		
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Figure	 1	 Illustration	 of	 mitotic	 cell	 division	 of	 salamander	 embryo.	 Mitosis	 starts	 with	 the	

formation	of	nuclear	 threads	in	prophase,	which	change	into	 the	aster	(star-like	configuration	of	the	

threads)	 at	 prometaphase.	 This	 stage	 moves	 into	 the	 equatorial	 plate	 in	 metaphase,	 which	 then	

immediately	 forms	 the	double	 star	 in	 anaphase.	When	the	 threads	have	reached	 the	position	of	 the	

daughter-cell	nucleus,	the	telophase	can	be	observed.	A	fixative	solution	called	“Flemming’s	solution”	

(a	 mixture	 of	 chromic,	 osmic	 and	 glacial	 acetic	 acids)	 has	 been	 used	 to	 fix	 and	 stain	 living	 cells.	

Adapted	from:	Flemming,	W.		Zellsubstanz,	Kern	und	Zelltheilung	(F.	C.	W.	Vogel,	Leipzig,	1882)	
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as	 the	 genetic	 material	 came	 only	 in	 late	 1930s	 and	 1940s	 (Avery	 et	 al.,	 1944).	 The	

following	two	decades	saw	many	scientists	focused	on	understanding	the	structure	and	

the	function	associated	with	this	molecule,	paving	the	way	of	today’s	molecular	biology	

(Jacob	et	al.,	1960;	Leder	and	Nirenberg,	1964;	Watson	and	Crick,	1953).		

Eventually,	 the	 discovery	 of	 the	 double-helical	 base-paired	 structure	 of	 DNA	 (Watson	

and	Crick,	1953)	provided	a	hint	on	how	chromosomes	could	be	duplicated	trough	semi-

conservative	 mechanisms,	 which	 was	 demonstrated	 by	 Meselson	 and	 Stahl	 later,	 in	

1958.	Studies	on	DNA	duplication	showed	that	replication	occurs	during	a	 limited	part	

of	interphase	called	S	phase	(Swift,	1950).		

These	results	led	to	the	division	of	the	cell	cycle	into	phases	interposed	by	gaps	(Figure	

2)	(Prestige,	1972).	The	commonly	accepted	program	of	eukaryotic	cell	division	consists	

of	 four	 stages:	 first,	 the	 first	 gap	 phase	 (G1;	 un-replicated	 chromosomes),	where	 cells	

from	 the	 former	 division	 decide	 whether	 or	 not	 to	 commit	 to	 a	 new	 round	 of	 cell	

division;	second,	the	synthetic	(S)	phase,	during	which	the	DNA	is	replicated;	third,	the	

second	gap	phase	(G2;	replicated	chromosomes),	where	cells	grow	further	and	get	ready	

for	division;	and	finally	the	mitotic	(M)	phase,	during	which	duplicated	chromosome(s)	

are	segregated	(mitosis)	and	the	cytoplasmic	division	(cytokinesis)	physically	splits	the	

two	 daughter	 cells.	 In	 prokaryotes,	 chromosome	 replication	 and	 partition	 are	 not	

necessarily	 temporally	 separated.	 For	 instance,	 in	 some	 bacterial	 species,	 under	 fast	

growing	 conditions,	 chromosome	 replication	 and	 cell	 division	 are	 uncoupled,	 so	 that	

chromosomes	 in	 a	 same	 cell	 can	display	different	 stages	 at	 the	 same	 time	 (Kuzminov,	

2013).	The	 temporal	 regulation	 in	 the	 typical	eukaryotic	cell	 cycle	 that	 insulates	 these	

different	 stages	 from	 one	 another	 may	 have	 emerged	 as	 a	 regulatory	 mechanism	

concomitant	to	the	increase	in	DNA	content	(which	even	appear	sometimes	completely	

unregulated)	in	eukaryotes.	

More	 recent	 advancements	 in	 understanding	 DNA-related	 processes	 are	 directly	

associated	 with	 the	 emergence	 of	 sequencing	 in	 the	 late	 1970s,	 and	 of	 PCR	 in	 1983.	

Walter	 Gilbert	 and	 Fred	 Sanger	 were	 first	 to	 report	 efficient	 sequencing	 methods,	

providing	a	remarkable	contribution	to	the	field	of	genomics	(Maxam	and	Gilbert,	1977;	

Sanger	and	Coulson,	1975).	At	first,	these	methods	were	employed	to	sequence	the	small	

bacteriophages	(MS2	and	ϕX174	(Fiers	et	al.,	1976;	Sanger	et	al.,	1977)).	The	genomes	

of	 the	 bacteria	 Haemophilus	 influenza	 (Fleischmann	 et	 al.,	 1995)	 and	 the	 archea	

Methanococcus	jannaschii	(Bult	et	al.,	1996)	were	then	sequenced	and	published	almost	

concomitantly	 to	 the	 full	 genome	of	 a	 eukaryote,	Saccharomyces	cerevisiae	 (Goffeau	 et	

al.,	1996).	This	later	project,	a	coordinated	effort	by	dozens	of	European	laboratories,		

	



Introduction	 	 Eukaryotic	cell	cycle	

	

	 17	

	 	

G2

G1

M S 

Cellular contents, 

excluding the 

chromosomes are 

synthesized.

Chromosomes 

are duplicated.

Cell growth and 

check duplicated 

chromosomes.  

Cell division: 

mitosi and 

cytokinesis.

Figure	2	Schematic	representation	of	the	different	gaps	and	phases	of	the	cell	cycle.	During	the	

first	gap	1	(G1)	cells	grow	and	prepare	 to	enter	 the	synthetic	 (S)	phase,	 in	which	 chromosomes	are	

duplicated.	 During	 the	 second	 gap	 2	 (G2)	 cells	 continue	 growing	 and	 check	 the	 replicated	

chromosomes	before	entering	mitotic	(M)	phase.	In	mitosis	chromosomes	are	equally	divided	and	it	is	

followed	by	cytokinesis,	during	which	cell’s	content	divides	to	form	two	daughter	cells.	
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paved	 the	 way	 to	 the	 assembly	 of	 large	 consortiums	 aimed	 at	 tackling	 ambitious	

genomic	projects.	The	most	well-known	is,	of	course,	the	human	genome	project,	which	

led	to	the	publication	of	the	first	draft	of	the	human	genome	in	2001	(Lander	et	al.,	2001;	

Venter	et	al.,	2001).		

The	 availability	 of	 full	 genome	 sequences	 led	 to	 the	 development	 of	 key	 techniques	

aiming	at	tackling	questions	on	the	genome-wide	scale.	PCR	allowed	the	amplification	of	

any	 region	 of	 a	 genome	 and	 facilitated	 the	 generation	 of	 microarrays.	 These	

microarrays,	 displaying	 all	 the	 ORFs	 of	 a	 genome,	 were	 used	 notably	 to	 assess	 the	

expression	profile	of	 the	entire	set	of	genes	 in	a	genome	(transcriptome,	Schena	et	al.,	

1995).	Furthermore,	microarrays	were	combined	with	chromatin	immunoprecipitation	

(ChIP-chip)	 (Gilmour	 and	 Lis,	 1984),	 	 a	 technique	 that	 quantifies	 the	 deposition	 of	 a	

protein	of	interest	along	the	chromosome(s)	(Blat	and	Kleckner,	1999;	Iyer	et	al.,	2001;	

Ren	 et	 al.,	 2000).	 Together,	 these	 techniques	 paved	 the	 way	 to	 new	 structural	 and	

temporal	 insights	on	chromosomal	behaviour	during	the	cell	cycle	(e.g.	“C”	technology,	

see	section	1.2.2).		

At	 the	 turn	 of	 the	 century,	 the	 development	 of	 high-throughput	 DNA	 sequencing,	

referred	 to	 as	 second-generation	 sequencing,	 further	 boosted	 the	 field	 of	 genomics.	

Massive	sequencing	and	analysis	of	genomic	sequences	provided	 information	on	a	 full	

spectrum	 of	 genomic	 alterations,	 such	 as	 single	 nucleotide	 polymorphism	 (SNPs),	

insertions	 and	deletions,	 inversions	 and	 translocations,	 chromosomal	 rearrangements,	

and	 copy	 number	 alterations	 (CNVs).	 New	 computational	 (Langmead	 and	 Salzberg,	

2012;	 Li	 et	 al.,	 2009;	 McGinnis	 and	 Madden,	 2004;	 Robinson	 et	 al.,	 2011)	 and	

experimental	 approaches	 were	 developed,	 whose	 practicality,	 increasing	 power	 and	

reduced	 costs	 almost	 made	 the	 use	 of	 microarrays	 obsolete.	 For	 instance	 RNA-seq	 is	

routinely	used	to	investigate	whole-genome	expression	(Nagalakshmi	et	al.,	2010),	and	

ChIP-seq	conveniently	provides	genome-wide	maps	of	protein	occupancy	(Furey,	2012;	

Mardis,	 2007).	 The	 gene	 expression	 omnibus	 (GEO)	 database	 stores	 high–throughput	

functional	 genomic	 data,	 including	 those	 that	 examine	 SNPs,	 CNVs,	 genome–protein	

binding	surveys,	methylation	status	and	transcription	factor	binding	(Edgar	et	al.,	2002).	

Altogether	these	techniques	and	tools	have	become	fundamental	methods	in	many	fields	

of	 biology	 and	 medicine.	 For	 instance,	 cancer	 cells	 accumulate	 mutations	 over	

generations	 and	 eventually	 escape	 the	 elaborate	 set	 of	 controls	 that	normally	prevent	

cells	 to	 divide	 unchecked.	 The	 analysis	 of	 cancer	 genomes	 and	 structures,	 using	 high-

throughput	 sequencing,	 has	 elucidated	mechanisms	of	 cancer	pathogenesis,	 leading	 to	

the	improvement	of	tumour	diagnosis	and	treatment.		
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1.1.3	Yeasts	as	convenient	model	organisms	

Retrospectively,	 studies	 on	 different	 species	 have	 shed	 light	 on	 the	 evolutionary	

conserved	nature	of	the	molecular	machineries	and	control	systems	that	are	involved	in	

the	DNA	replication	and	segregation	mechanisms.	However,	a	large	part	of	our	current	

understanding	about	the	cell	cycle	has	emerged	from	pioneering	work	on	single-celled	

organisms,	 such	 as	 yeasts.	 In	 this	 regard,	 the	 two	 yeast	 species	 Schizosaccharomyces	

pombe	and	 Saccharomyces	 cerevisiae	have	 proved	 to	 be	 convenient	 model	 organisms.	

Both	 S.	 pombe	 and	 S.	 cerevisiae	 possess	 compact	 genomes	 (~12	 Mb)	 and	 have	 been	

completely	sequenced	and	fully	annotated.	They	contain	approximately	5,000	and	6,000	

genes	distributed	along	3	and	16	chromosomes,	respectively	(Goffeau	et	al.,	1996;	Wood	

et	 al.,	 2002).	 These	microorganisms	 contain	 the	major	 subcellular	 organelles	 found	 in	

higher	eukaryotes.	They	are	easy	to	cultivate	clonally,	 fast	growing	and	well-suited	for	

genetic	studies	thanks	to	their	haplo-diplobiontic	cell	cycle	(haploid	and	diploid	states	of	

almost	equal	duration).	

An	 important	 difference	 between	 the	 two	 species	 lies	 in	 their	 physiology	 and	 the	

symmetry	 of	 cellular	 division	 (Figure	 3A).	 The	 fission	 yeast,	S.	pombe	 is	 a	 rob-shaped	

cell,	approximately	3	µm	in	diameter,	which	grows	by	elongation	at	the	two	extremities	

and	divides	by	 the	 formation	of	 a	 septum	 that	 cleaves	 the	 cell	 in	 two.	A	 complete	 cell	

division	by	 fission	 is	 achieved	 in	2	 to	4	hours.	Fission	yeast	normally	proliferates	 in	a	

haploid	form	of	two	mating	types,	either	“P”	or	“M”,	whose	fusion	results	in	a	diploid	cell	

(Hayles	and	Nurse,	1989).	On	the	other	hand,	the	budding	yeast,	S.	cerevisiae	is	an	ovoid	

cell	 of	 approximately	 5	µm	 in	 diameter.	During	 late	G1/early	 replication,	 a	 protrusion	

designated	to	become	the	daughter	cell	appears	at	the	apex	of	the	cell.	This	“bud”	grows	

continuously	 during	 S	 and	 M	 phases	 until	 it	 reaches	 a	 size	 slightly	 smaller	 than	 the	

mother.	 A	 complete	 cell	 division	 by	 budding	 is	 achieved	 in	 ∼90	 min.	 Budding	 yeast	

haploid	cells	consist	of	two	mating	types,	either	“a”	or	“alpha”;	the	diploid	is	the	fusion	of	

the	two	different	types.		

1.1.4	Yeast	genetics		

Yeasts	have	been	used	as	model	organisms	by	geneticists	 for	decades.	Their	 relatively	

small	 genomes	 combined	 with	 an	 efficient	 homologous	 recombination	 system,	

especially	 in	 the	 case	 of	 S.	 cerevisiae,	 have	 facilitated	 genetic	 manipulations.	 For	

example,	 	one	can	easily	disrupt	specific	genes	by	replacing	them	with	defined	mutant	

forms	 or	 by	 	 integrating	 them	 at	 various	 locations	 in	 the	 genome	 (Rothstein,	 1983).	

Therefore,	 before	 the	 recent	 advent	 of	 CRISPR	 technology	 (Mojica	 et	 al.,	 2005),	 yeast	
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genetics	was	fundamental	in	the	investigations	of	DNA	metabolism	during	the	cell	cycle,	

including	processes	such	as	DNA	replication,	transcription	and	segregation.		

Yeasts	have	also	been	extensively	used	 for	random	mutagenesis	screenings.	Mutations	

were	 induced	 randomly	 into	 the	 genomes	 through	 the	 exposure	 to	 chemicals	 or	 by	

irradiation.	 The	 resulting	 effect	 on	 cell	 viability	 was	 paramount	 for	 the	 discovery	 of	

conditional	mutations	of	essential	genes.		

Genetic	 screens	 were	 also	 used	 to	 show	 that	 the	 cell	 cycle	 consists	 in	 a	 carefully	

controlled	 succession	 of	 interdependent	 events	 in	 both	 S.	 cerevisiae	 and	 S.	 pombe	

(Hartwell	et	al.,	1973;	Nurse	et	al.,	1976).		

	1.1.4.1	Identification	of	cell-division	cycle	(cdc)	genes	

These	 screens	 were	 performed	 on	 haploid	 strains,	 so	 that	 any	 deleterious	 mutation	

would	 have	 a	 dominant	 effect,	with	 a	 phenotype	 readily	 visible	 in	 the	 progeny	 of	 the	

mutagenized	 population.	 Essential	 genes	 were	 therefore	 studied	 using	 conditional	

mutants,	such	as	temperature	sensitive	(ts)	mutants.	These	ts	mutants	grow	normally	in	

permissive	 growing	 conditions	 (e.g.	 23°C),	 while	 they	 arrest	 cell	 cycle	 progression	 in	

non-permissive	growing	conditions	(e.g.	37°C)	(Figure	3B).	

The	 first	 temperature-sensitive	 screens	 were	 performed	 on	 S.	 cerevisiae	 by	 L.	 H.	

Hartwell	 and	 colleagues	 in	 the	 late	 1960s	 and	 early	 1970s.	 In	 budding	 yeast,	 the	

progression	 through	 the	 cell	 cycle	 can	 be	 monitored	 by	 the	 size	 of	 the	 bud	 easily	

visualized	by	light	microscopy.	In	this	study,	the	researchers	used	a	mutagenized	yeast	

population	 to	 identify	 mutant	 cells	 that	 stopped	 growing	 when	 the	 temperature	 was	

shifted	 to	 37°C.	 Under	 these	 conditions,	 cells	 carrying	 cell-division	 cycle	 (cdc)	 ts	

mutations	were	able	to	grow	normally	until	they	reached	the	step	where	the	function	of	

the	particular	cdc	gene	proved	essential,	and	thus	stopped	their	progression	in	the	cell	

cycle.	 This	 observation	 provided	 clear	 evidence	 of	 the	 temporal	 relationship	 between	

individual	 phases.	 A	 large	 collection	 of	 148	 cdc	 genes	 were	 characterized	 (through	

genetic	 complementation)	 and	 exploited	 to	 block	 the	 cell	 cycle	 at	 specific	 stages.	 This	

allowed	the	authors	to	address	questions	about	the	interdependence	of	yeast	cell	cycle	

events.	 The	different	 cdc	 genes	were	 isolated,	 physiologically	 characterized,	 cloned	by	

complementation,	 and	 the	 cloned	 genes	 used	 as	 starting	 points	 for	 subsequent	

biochemical	 analysis.	 Many	 of	 these	 genes	 turned	 out	 to	 be	 directly	 or	 indirectly	

involved	 in	cell	growth,	cell	division	and	cell	cycle	progression.	The	 functional	roles	of	

these	genes	in	cell	cycle	progression	have	been	characterized	over	the	years	and	only	a	

subset	of	them	have	been	shown	to	be	directly	involved	in	the	“quality	control”	system	

of	the	cell	cycle	(Hartwell	and	Weinert,	1989).	



Introduction	 	 Eukaryotic	cell	cycle	

	

	 21	

	 	

Figure	 3	 Cell	 cycle	 progression	 in	 unicellular	 yeast	 microorganisms.	 (A)	 In	 favourable	 or	

permissive	 growing	 conditions	 both	 Schizosaccharomyces	 pombe	 and	 Saccharomyces	 cerevisiae	

progress	 throughout	 the	cell	cycle	and	divide	by	 fission	and	budding,	respectively.	 (B)	 In	restrictive	

growing	 conditions	 (e.g.	 variation	 of	 growing	 temperature)	 conditional	 cell-division	 cycle	 (cdc)	

mutant	 cells	 arrest	 at	 the	 stage	where	 the	 function	 of	 the	mutated	 gene	 product	 is	 required.	 Cdc6	

protein	 is	essential	 to	 initiate	replication	 therefore	cdc6	mutant	arrests	 in	G1;	Cdc20	 is	required	 for	

anaphase	spindle	assembly	therefore	this	mutant	arrests	in	metaphase;	Cdc14	and	Cdc15	are	required	

for	chromosome	 segregation	 and	exit	mitotic	phase,	 therefore	 these	mutants	 arrest	 cell	cycle	at	 the	

respective	stages	during	M	phase.	
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1.1.4.2	Cell-cycle	control	system	

Replication	 and	 segregation	 of	 the	 genetic	 material	 are	 processes	 under	 the	 strict	

control	 of	 a	 complex	 regulatory	 network:	 the	 cell-cycle	 control	 system.	 This	 control	

system	 functions	 as	 an	 essential	 biochemical	 timer	 and	 is	 programmed	 to	 licence	 the	

succession	of	cell-cycle	events	at	the	correct	time	and	in	the	correct	order.	This	order	is	

reinforced	 by	 the	 dependency	 of	 one	 event	 on	 another,	 for	 instance	 the	 entry	 into	M	

phase	 is	 dependent	 on	 the	 completion	 of	 DNA	 synthesis,	 ensuring	 the	 segregation	 of	

only	fully	replicated	genetic	information	(Hartwell	et	al.,	1974).		

In	 1982,	 while	 searching	 for	 proteins	 that	 fluctuate	 during	 the	 cell	 cycle	 of	 marine	

invertebrates,	Tim	Hunt	and	co-workers	discovered	the	cyclins	(Evans	et	al.,	1983).	The	

observed	 fluctuation	pattern	suggested	that	cyclins	were	 important	 for	controlling	cell	

division	 and	 in	 turn	 led	 to	 the	 identification	 of	 cyclin-dependent	 kinases	 (CDKs),	

regulated	 by	 the	 cyclins.	 Cdks	 were	 shown	 to	 act	 as	 universal,	 conserved	 cell	 cycle	

regulators	in	eukaryotes,	with	a	human	CDC2	gene	able	to	complement	a	cdc2	mutation	

in	fission	yeast	(Lee	and	Nurse,	1987).	In	budding	yeast,	there	is	only	one	Cdk	(Cdk1	–	or	

also	Cdc28)	(Hartwell	et	al.,	1973)	and	nine	different	cyclins	(Cln1-3,	Clb1-6)	(Morgan,	

1995).	 While	 the	 concentration	 of	 the	 different	 cyclins	 oscillate	 during	 the	 cell	 cycle	

progression;	the	level	of	Cdk	protein	remains	constant	(Figure	4A).	The	Cdk	association	

with	 different	 cyclins	 at	 different	 stages	 of	 the	 cell	 cycle	 results	 in	 the	 formation	 of	

distinct	cyclin-Cdk	complexes.	Each	complex	phosphorylates	a	specific	subset	of	 target	

proteins	and	determines	 the	 “cycling”	of	 the	cells	 from	phase	 to	phase	 (Ubersax	et	al.,	

2003).		

1.1.4.3	Checkpoints	

The	yeast	cell	cycle	has	three	critical	checkpoints,	each	regulated	by	one	of	three	major	

cyclin-Cdk	 complexes	 (Hartwell	 and	 Weinert,	 1989;	 Mendenhall	 and	 Hodge,	 1998).	

These	 complexes	 are	 called	 G1-,	 G1/S-,	 S-	 and	 M-Cdks	 (Figure	 4B).	 In	 G1,	 the	 cell	

prepares	for	DNA	replication	and	has	to	synthetize	the	machineries	required	to	replicate	

the	 genome.	 This	 growing	 process	 is	 regulated	 according	 to	 nutrient	 availability	 and	

ensures	that	the	cell	is	in	an	environment	favourable	for	cell	division.	During	late	G1	the	

concentration	 of	 G1/S-Cdk	 complex	 rises	 and	 triggers	 progression	 through	 the	 Start	

checkpoint	 and	 entrance	 into	 S	 phase	 (see	 section	 1.3.2).	 The	 rise	 of	 G1/S	 cyclins	 is	

accompanied	 by	 the	 appearance	 of	 the	 S	 cyclins,	 which	 directly	 stimulate	 DNA	

replication.	 This	 means	 that	 once	 the	 cell	 passes	 the	 Start	 checkpoint	 it	 becomes	

committed	 to	 division.	 The	 M-Cdk	 rises	 when	 the	 cell	 approaches	 mitosis	 and	 is	

responsible	for	the	correct	attachment	of	the	mitotic	spindle	to	the	sister	chromatids	in		
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Figure	4	View	on	the	cell-cycle	control	system.	(A)	Levels	of	the	three	major	cyclin	types	oscillate	

during	the	cell	cycle	progression,	providing	the	specific	type	of	active	cyclin-Cdk	complex	during	each	

phase.	 (B)	 Formation	 of	 active	 cyclin-Cdk	 complexes	 drive	 the	 progression	 through	 the	 cell-cycle	

checkpoints.	G1/S-Cdk	complex	commits	the	cell	to	a	new	cell	division	at	the	Start	checkpoint	in	late	

G1;	S-Cdk	initiates	DNA	replication	at	the	beginning	of	S	phase;	M-Cdk	activation	occurs	at	the	end	of	S	

phase	 and	 drives	 the	 cells	 through	 G2/M	 checkpoint	 and	 assembly	 of	 the	 mitotic	 spindle.	 APC	

activation	triggers	chromosomes	separation	at	the	metaphase	to	anaphase	transitions	and	causes	the	

destruction	of	cyclins,	thus,	Cdk	inactivation.	
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metaphase	 (G2/M	 checkpoint).	 Finally,	 the	 activation	 of	 anaphase-promoting	 complex	

(APC)	triggers	the	sister	chromatid	separation	at	metaphase	to	anaphase	transition	(M	

checkpoint).	In	addition,	the	APC	complex	induces	the	destruction	of	the	S	and	M	cyclins	

and	promotes	completion	of	mitosis	and	cytokinesis	(see	section	1.3.3.3)	(Alberts	et	al.,	

2002;	Morgan,	1995).	

1.1.5	Cell	cycle	synchronization	methods	in	S.	cerevisiae	

The	 study	 of	 cell	 cycle	 phase-specific	 metabolic	 changes	 necessitates	 the	 isolation	 of	

cells	 at	 each	 corresponding	 stage.	Besides	 single	 cell	 sorting	 -	 an	 increasingly	popular	

technique	 -	 synchronizing	 populations	 has	 proved	 convenient	 to	 study	 the	 cell	 cycle.	

Upon	 synchronization,	 cells	 can	 eventually	 be	 restarted	 and	 progress	 synchronously	

throughout	 the	 cell	 cycle.	 The	 great	 advantage	 offered	 by	 synchronization	methods	 is	

that	they	often	provide	large	amounts	of	uniformly	arrested	cells,	presumably	displaying	

similar	 biological	 processes.	 This	 reveals	 metabolic	 transitions	 during	 the	 cell	 cycle	

progression	 that	 would	 otherwise	 be	 undetected	 in	 asynchronous	 populations.	 In	

synchronisation	experiments,	it	is	important	to	monitor	cell	cycle	position/progression,	

this	can	be	achieved	using	several	methods,	such	as	microscopy	and	flow	cytometry.	In	

yeast	S.	cerevisiae,	microscopy	is	used	to	evaluate	the	size	of	the	bud,	which	indicates	cell	

cycle	progression.	Flow	cytometry	measures	 cell	 synchrony	 through	determining	DNA	

content	for	every	cell	in	the	population	(Figure	5).		

This	 section	 focuses	 on	 different	 approaches	 used	 to	 synchronize	 budding	 yeast.	

Although	 a	 variety	 of	 similar	 synchronization	methods	 have	 been	 described	 for	 other	

eukaryotes,	 including	 mammals	 (Jackman	 and	 O’Connor,	 2001).	 Based	 on	 the	

synchronization	 strategy,	 the	 different	 methods	 have	 been	 classified	 as	 genetic	 (cdc	

mutations),	chemical	(drug	treatments)	or	mechanical	(centrifugal	elutriation)	(Futcher,	

1999).		

1.1.5.1	Genetic	synchronization	

Genetic	synchronization	relies	on	cdc	mutations	(see	section	1.1.4;	Hartwell	et	al.,	1973).	

When	grown	in	restrictive	conditions,	each	cdc	mutant	progresses	normally	through	the	

cycle	until	it	reaches	the	point	where	the	function	of	the	specific	Cdc	protein	is	required	

and	stops	growing.	For	instance,	the	cdc6	ts	mutant	arrests	at	the	G1/S	checkpoint,	since	

it	cannot	initiate	DNA	replication.	Similar	mutants	exist	to	arrest	at	metaphase	(cdc20)	

and	anaphase	(cdc15)	(Figure	3B).		
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Figure	5	Cell	cycle	analysis	of	S.	cerevisiae	by	DNA	content	measurement	using	flow	cytometry.	

Cells	 are	 permeabilised	 and	 treated	with	 a	 fluorescent	 dye	 that	 stains	 DNA	 quantitatively,	 such	 as	

propidium	iodide	(PI).	The	fluorescence	intensity	of	the	stained	cells	correlates	with	the	DNA	content	

(n).	Thereby,	the	intensity	of	fluorescence	of	cells	in	G0	and	G1	(1n),	in	S	phase	(1nà2n),	and	in	G2	

and	M	phase	(2n)	identifies	the	cell	cycle	phase	position	(G0/G1,	S,	G2/M).	The	cellular	DNA	content	of	

individual	cells	is	often	plotted	as	their	frequency	histogram	to	provide	information	about	the	relative	

percentage	of	cells	in	the	major	phases	of	the	cell	cycle.		
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1.1.5.2	Chemical	synchronization	

Yeast	cells	can	also	be	blocked	using	a	pheromone	or	drug	treatment.	Alpha	 factor	(α-

factor)	is	a	peptide	produced	and	released	in	the	growing	medium	by	mating	type	alpha		

(MATα)	 cells.	 This	 mating	 pheromone	 binds	 to	 its	 corresponding	 receptor	 in	 mating	

type	a	(MATa)	cells	and,	by	inhibiting	the	activity	of	Cln-Cdk1,	induces	cell	cycle	arrest	at	

G1/S.	Cells	arrested	 in	G1	phase	have	an	enlarged	 “schmoo”	morphology	 (Herskowitz,	

1988).	 α-factor	 is	 particularly	 useful	 as	 cells	 recover	 rapidly	 and	 progress	 relatively	

synchronously	 during	 one	 or	 two	 cell	 cycles.	 However,	 investigations	 of	 the	 nuclear	

organization	 in	 cells	 treated	 with	 α-factor	 have	 observed	 deformed	 nuclear	 shapes	

(Wang	et	al.,	2016).		

Chemical	 inhibitors	of	DNA	synthesis,	 such	as	hydroxyurea	and	 thymdine,	and	spindle	

assembly,	 such	 as	 nocodazole	 and	 benomyl,	 have	 also	 been	 used	 to	 synchronize	 cells.	

Nocodazole	 is	 perhaps	 the	 most	 broadly	 employed	 drug.	 It	 affects	 the	 microtubule	

system	and	causes	the	arrest	of	the	cells	at	the	G2/M	checkpoint,	resulting	in	cells	with	a	

typical	 dumbbell	 shape	 (Jacobs	 et	 al.,	 1988a).	 As,	 nocodazole	 and	 other	 	 chemically-

induced	arrests	are	likely	to	disturb	the	cell	metabolism,	it	is	recommended	to	combine	

several	methods	to	alleviate	the	experimental	caveats	that	may	result	from	these	effects.		

1.1.5.3	Mechanical	synchronization	

Mechanical	synchronization	is	less	invasive	method	to	purify	cells	within	the	same	stage	

of	the	cell	cycle	from	an	asynchronous	population.	Centrifugal	elutriation	allows	this	by	

separating	cells	on	the	basis	of	their	coefficient	of	sedimentation,	a	characteristic	of	their	

size	and	shape.	This	procedure	uses	a	spinning	centrifuge	to	oppose	a	counterflow	and	

creates	two	opposing	forces	on	the	cells.	Large	budded	cells	and	irregularly	shaped	cells	

travel	 slower	 than	 small	 newborn	 G1	 cells.	 Therefore,	 by	 adjusting	 these	 forces	 it	 is	

possible	to	elute	and	collect	considerable	amounts	of	small,	newborn	G1	cells	(Marbouty	

et	al.,	2014).		

	

Altogether	these	synchronisation	methods	have	been	used	in	studies	that	have	defined	a	

“canonical”	eukaryotic	cell	cycle.	This	articulates	around	the	replication	and	segregation	

of	the	genomic	material,	events	that	 impose	important	structural	reorganization	of	the	

DNA	molecule.		
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1.2	Investigate	genome	organization	in	eukaryotes	

At	the	end	of	1940s,	biologists	knew	that	the	DNA	molecule	was	responsible	for	heredity	

in	 genes	 and	 chromosomes	 (Avery	 et	 al.,	 1944).	 However,	 many	 doubts	 were	 raised	

concerning	its	apparent	simple	chemistry.	How	four	bases	together	could	ensure	all	the	

complex	 functions	 of	 the	 genetic	 material?	 It	 is	 now	 well	 established	 that	 there	 is	 a	

strong	 functional	 link	 between	 the	 genetic	 information	 encoded	 in	 the	DNA	 sequence	

(1D)	and	the	spatial	structure	(3D)	of	this	molecule.	Part	of	this	mystery	was	solved	in	

the	 early	 1950s,	 when	 the	 DNA	 was	 investigated	 through	 x-ray	 diffraction	 analysis,	

leading	to	the	resolution	of	the	3D	atomic	structure	of	the	molecules.	Since	the	discovery	

of	 the	 two	strands	wound	 into	a	double	helix	 (Watson	and	Crick,	1953),	 the	 folding	of	

the	DNA	molecule(s)	inside	the	nucleus	or	the	cell	has	remained	an	important	question.	

This	 section	 provides	 a	 brief	 historical	 overwrite	 of	 the	 major	 techniques	 currently	

employed	to	decipher	chromosomes	organization	and	its	function	in	eukaryotes.		

1.2.1	Imaging	approaches		

Over	 the	 centuries	 much	 has	 been	 learnt	 about	 the	 chromosome	 structure	 shared	

between	all	 living	organisms	and	also	revealed	in	the	fossils	(Bomfleur	et	al.,	2014).	At	

the	 end	 of	 the	 19th	 century,	 several	 investigations	 of	 human	 karyotypes	 estimated	 a	

number	 of	 chromosomes	 between	 16	 and	 38	 chromosomes	 (Arnold,	 1879).	 These	

counts	were	 performed	 on	 dispersed	 chromosomes	 imaged	 using	 light	microscopy.	 A	

correct	count	was	only	achieved	in	1956	by	using	cell	cultures	treated	with	colchicine	to	

accumulate	 mitoses	 (Tjio	 and	 Levan,	 1956).	 This	 has	 permitted	 to	 discover	 the	 first	

human	chromosome	aberration,	 in1958	by	Marthe	Gautier	and	colleagues.	They	 found	

an	 extra	 small	 chromosome	 in	 fibroblast	 cells	 from	 patients	 with	 Down	 syndrome	

(Lejeune	et	al.,	1959).	The	simple	optical	microscopy,	used	in	the	1960s,	was	sufficient	

to	 detect	 gross	 structural	 aberrations	 but	 was	 unable	 to	 provide	 any	 information	 on	

chromosome	 identity.	 This	 problem	 was	 resolved	 with	 the	 implementation	 of	

chromosome	 banding,	 technique	 based	 on	 differential	 staining	 along	 chromosome’s	

length	(Caspersson	et	al.,	1970).	Successively,	DNA	hybridization-based	variants	of	this	

technique	 have	 been	 developed	 and	 overall	 indicated	with	 the	 name	 of	 “chromosome	

painting”.	 Above	 all,	 the	 fluorescence	 in	 situ	 hybridization	 (FISH)	 has	 become	 the	

standard	method	for	karyotype	analysis	(Pinkel	et	al.,	1986)	and	chromosome	structure	

investigation.	For	instance,	the	territorial	organization	of	chromosomes,	first	suggested	

by	 Carl	 Rabl	 and	 Theodor	 Boveri	 at	 the	 end	 of	 19th	 century,	 was	 experimentally	

confirmed	in	the	1980s	using	FISH	(Figure	6A)	with	chromosome-specific	DNA	probes		
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Figure	 6	 Chromosome	 territories	 (CTs)	 by	 in	 situ	 hybridization.	 (A)	 In	situ	 hybridization	with	

biotinylated	 human	 genomic	 DNA	 of	 a	 Chinese	 hamster	 ×	 human	 hybrid	 cell	 line	 carrying	 a	 single	

human	X	chromosome	reveals	human	X	chromosome	(arrow)	in	metaphase	(top;	Giemsa	stained)	and	

its	 respective	 human	 X	 territory	 in	 interphase	 nuclei	 (bottom)	 (Schardin	 et	 al.,	 1985).	 (B)	

Visualization	of	 individual	chromosomes	 in	a	human	(HSA)	metaphase	plate	(chr18	 in	red,	chr19	 in	

green)	after	fluorescence	in	situ	hybridization	(FISH)	using	labelled	chromosome	painting	probes.	(C)	

A	single	light	optical	section	through	the	nucleus	of	a	human	lymphoblastoid	cell	after	3D	FISH	with	

the	same	painting	probes	shows	a	HSA	19	CT	(green)	in	the	nuclear	centre	and	a	HSA	18	CT	(red)	at	

the	 periphery	 (Tanabe	 et	 al.,	 2002).	 (D)	 Simultaneous	 delineation	 of	 all	 chromosomes	 in	 a	 human	

fibroblast	 nucleus	 by	multi-color	 FISH.	 Light	 optical	 sections	with	 false	 colour	 representation	 of	 all	

CTs	 are	 shown.	 Examples	 of	 individual	 CTs	 are	 denoted	 with	 their	 respective	 karyotypic	 number	

(Bolzer	et	al.,	2005).	Adapted	from	Cremer	and	Cremer,	2010.	
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(Schardin	 et	 al.,	 1985).	 To	 study	 the	 spatial	 arrangement	 of	 chromosome	 territories	

(CTs),	three-dimensional	FISH	protocols	in	combination	with	serial	sectioning	of	nuclei	

by	 laser	 confocal	 microscopy	 and	 3D	 image	 reconstruction	 were	 recently	 developed	

(Figure	6C,	D)	(Cremer	and	Cremer,	2010).	One	of	the	limitations	of	the	FISH	protocol	is	

the	necessity	of	using	fixed	cells.	The	use	of	the	fluorescent	repressor	operator	systems	

(FROS)	 technique	 was	 shown	 to	 overcome	 this	 limitation	 and	 one	 could	 visualize	

chromatin	 in	 living	 cells.	 It	 relies	 on	 the	 expression	 of	 the	 bacterial	 repressor	 (LacI)	

fused	 to	 a	 fluorescent	 protein	 (e.g.	 GFP).	 The	 fusion	 protein	 binds	 to	 the	 respective	

operator	 DNA	 sequences	 (LacO),	which	 are	 integrated	 as	multicopy	 tandem	 arrays	 at	

specific	chromosomal	locations.	Accumulation	of	the	fluorescent	proteins	at	the	tagged	

DNA	 region	 is	 then	 visible	 using	 conventional	 fluorescent	 microscopy	 (Belmont	 and	

Straight,	 1998;	 Robinett	 et	 al.,	 1996).	 Applications	 of	 this	method	 have	 facilitated	 the	

investigation	of	chromatin	dynamics	at	specific	loci	in	yeast	cells	(Lassadi	and	Bystricky,	

2011).	One	of	the	biggest	limitation	of	the	conventional	fluorescence	microscopy	is	the	

relatively	low	resolution	imposed	by	the	diffraction	of	light.	In	recent	years,	a	number	of	

“super-resolution”	 fluorescence	 microscopy	 techniques	 have	 been	 implemented	 to	

overcome	 this	 barrier.	 Eventually,	 these	 methods	 have	 reached	 the	 nanometre	

resolution	 at	 which	 the	 localization	 of	 individual	 fluorescent	 molecules	 is	 possible	

(Betzig	et	al.,	2006).	

		

Although,	 the	 distinction	 between	 low-density	 euchromatin	 and	 high-density	

heterochromatin	was	present	since	1928	(Heitz,	E.	1928),	a	high	resolution	analysis	at	

the	 fibre	 level	 of	 these	 structures	 was	 possible	 only	 with	 the	 advent	 of	 the	 electron	

microscopy.	In	1974,	the	chromatin	appeared	similar	to	“beads	on	a	string”,	observation	

that	 led	to	suggest	 the	model	of	 the	nucleosomal	organization	of	 the	10	nm	chromatin	

fibre	 (Kornberg,	 1974).	 Today,	 it	 is	 known	 that	 in	 all	 eukaryotes	 DNA	molecules	 are	

wrapped	 around	 octamers	 of	 histone	 proteins	 (H2A,	 H2B,	 H3,	 and	 H4)	 forming	

nucleosomes,	 which	 are	 in	 turn	 folded	 into	 elaborated	 higher-order	 chromatin	 fibres	

(Figure	 7)	 (Hayes	 and	 Hansen,	 2001;	 Luger	 et	 al.,	 2012).	 Exactly	 how	 this	 process	 is	

accomplished	 is	 still	 unclear.	 Recent	 electron	 microscopy	 studies	 and	 modelling	

approaches	have	reported	a	broad	variety	of	heteromorphic	secondary	structure	of	the	

chromatin,	characterized	by	alternative	 interactions	between	the	nucleosomes	(from	5	

nm	to	24	nm	fibres).	The	resulting	heterogeneous	chromatin	fibres	are	then	packed	into	

complex	tertiary	structures	with	different	protein	density,	whose	end	point	give	rise	to	

metaphase	chromosomes	(Grigoryev	et	al.,	2009;	Nishino	et	al.,	2012;	Ou	et	al.,	2017).		
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Figure	7	Folding	of	the	DNA	fibre	into	a	chromosome.	DNA	molecule	wrapped	around	octamers	of	

histone	proteins	(yellow)	to	form	nucleosomes,	which	are	basic	units	of	the	10	nm	“beads	on	a	string”	

chromatin	 fibre.	 The	 string	 between	 the	 beads	 is	 linker	 DNA	 that	 holds	 adjacent	 nucleosomes	 and	

regulate	the	folding	of	the	chromatin	fibre	into	more	elaborate	and	compact	structures,	such	as	loops.	

Before	 cell	division	 the	 loops	are	packed	 into	chromatids,	which	are	held	 together	by	a	centromere	

(Tortora-PAP	12).	
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1.2.2	Multiscale	genome-wide	approaches		

With	the	completed	genome	sequence	in	a	variety	of	species,	genome-wide	studies	have	

become	 powerful	 strategies	 to	 investigate	 the	 interplay	 between	 chromatin	 structure	

and	 genome	 function.	 Chromatin	 immune-precipitation	 in	 combination	 with	 genome	

sequencing	(ChIP-seq)	has	been	thoroughly	used	to	map	the	DNA	binding	sites	of	many	

proteins.	 This	 technique	 allowed	 to	 generate	 nucleosomal	 maps	 (Lee	 et	 al.,	 2007;	

Schones	et	al.,	2008)	and	to	identify	transcription	factor	binding	sites	(Farnham,	2009).	

Nucleosome	interactions,	both	between	themselves	and	with	non-histone	DNA	binding	

proteins,	are	influenced	by	histone	modifications.	As	a	general	rule	histone	acetylation	is	

associated	 with	 highly	 transcribed	 genes	 located	 in	 the	 decondensed	 euchromatic	

regions.	Whereas,	methylation	is	a	marker	of	transcriptional	repression,	associated	with	

highly	 compact	 heterochromatic	 regions.	 These	 histone-modifications	 have	 been	

characterized	 and	mapped	 genome-wide	 (Venkatesh	 and	Workman,	 2015;	 Zhou	 et	 al.,	

2011).	

In	 addition,	 large-scale	 studies	 have	 been	 performed	 to	 understand	 the	 collective	

regulation	 of	 thousands	 of	 genes	 that	 lead	 to	 the	 development	 and	 functionality	 of	

complex	organisms.	For	 instance,	 the	ENCODE,	Roadmap	Epigenome,	 the	 International	

Human	 Epigenome	 Project	 and	 FANTOM	 projects	 have	 led	 to	 the	 annotated	 tens	 of	

thousands	 of	 genes	 and	 millions	 of	 candidate	 regulatory	 elements	 (e.g.	 enhancers,	

insulators	and	promoters)	and	described	features	of	chromatin	accessibility	and	histone	

modification	in	the	human	and	mouse	genomes.	Overall	these	studies	have	found	strong	

regulatory	 correlations	 of	 the	 genomic	 landscapes	 (both	 sequence	 and	 epigenetic	

related)	with	both	replication	and	transcription	programs	(ENCODE	Project	Consortium	

et	al.,	2007).			

However,	 the	 understanding	 of	 where	 and	 how	 these	 elements	 contribute	 to	 gene	

regulation	 across	 genomic	 distances,	 ranging	 from	 kilobases	 to	 megabases,	 is	 still	

incomplete.	The	development	of	the	chromosome	conformation	capture	(3C)	technique	

(Dekker	et	al.,	2002)	and	of	the	high-throughput	genomic	variants	(e.g.	Hi-C,	Lieberman-

Aiden	 et	 al.,	 2009)	 (Figure	 8)	 have	 proved	 to	 be	 powerful	 approaches	 to	 analyse	 the	

hierarchical	higher-order	organization	of	 genomes	 in	a	myriad	of	organisms	 (Crane	et	

al.,	2015;	Duan	et	al.,	2010;	Le	et	al.,	2013;	Marbouty	et	al.,	2015;	Mizuguchi	et	al.,	2014;	

Sexton	 et	 al.,	 2012).	 These	 methods	 are	 based	 on	 capturing	 contacts/interactions	

between	genome	fragments	at	both	short	and	long	distances,	using	crosslinking	agents	

(e.g.	 formaldehyde).	 Contacts	 between	 fragments	 are	 then	 revealed	 using	 DNA	

amplification-based	techniques	(e.g.	quantitative	PCR,	deep-sequencing)	and	the	results		
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Figure	 8	 Schematic	 representation	 of	 the	 Chromosome	 Conformation	 Capture	 (“C”)	

methodology.	Left	panel	shows	the	first	developed	3C	assay	consisting	of:	genomic	DNA	cross-linking	

with	 formaldehyde,	 digestion	with	 a	 restriction	 enzyme	 (RE)	 and	 ligation,	 followed	by	quantitative	

PCR	 to	 detect	 ligation	 products.	 Bottom	 left:	 schematic	 representation	 of	 the	 fist	 complete	 contact	

map	of	S.	cerevisiae	 chromosome	3	(25	kb	resolution),	showing	chromosome	bending	at	the	 level	of	

the	centromere	(yellow)	with	the	two	arms	contacting	each	other	(adapted	from	Dekker	et	al.,	2002).	

Right	panel	shows	the	genome-wide	variant	of	this	technique,	Hi-C,	in	which	the	digested	and	ligated	

DNA	ends	are	labelled	with	biotin	(BIO).	A	biotin	purification	is	performed	to	enrich	these	fragments	

for	 genome-wide	 analysis	 using	 deep-sequencing.	 Bottom	 right:	 genome-wide	 contact	 map	 of	

mammalian	 chromosome	 14	 (1	 Mb	 resolution),	 showing	 a	 compartmental	 organization	 of	 the	

chromatin	 (adapted	 from	 Lieberman-Aiden	 et	 al.,	 2009).	 Colour	 scale	 indicates	 the	 frequency	 of	

contacts.	
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are	 displayed	 using	 heat	 maps	 that	 reflect	 contact	 frequencies	 between	 loci	 in	 the	

genome.	Finally,	genomic	contact	maps	can	also	be	displayed	as	3D	structures	(Lesne	et	

al.,	2014).	The	first	chromosome	map,	described	by	Dekker	and	colleagues,	showed	the	

organization	of	chr3	in	S.	cerevisiae,	that	appeared	to	form	a	ring-like	structure	bending	

near	the	centromere	and	the	telomeres	in	close	proximity	with	each	other	(Figure	8,	left	

contact	map).	This	was	confirmed	by	 fluorescent	microscopy	that	have	tagged	the	two	

telomere	extremities	(Bystricky	et	al.,	2005).		

The	different	variants	of	the	“C”	technique	(Dekker	et	al.,	2013)	can	detect	a	broad	range	

of	 chromatin	 contacts	 and	 structural	 features,	 including	 (i)	 compartments	 of	

active/inactive	chromatin,	 (ii)	 long-range	 loops	bridging	together	distant	DNA	regions,	

and	 (iii)	 large	 domains	 corresponding	 to	 sub-megabase	 chromosomal	 regions	 that	

interact	within	themselves	more	frequently	than	with	other	genomic	loci	(topologically	

associated	 domains	 or	 TADs	 in	 metazoan,	 macrodomains	 or	 MD,	 and	 chromosome	

interacting	domains	or	CIDs	in	prokaryotes)	(Figure	8,	right	contact	map)	(Dixon	et	al.,	

2012,	 2016).	 Noteworthy,	 not	 all	 organisms	 have	 genomes	 organized	 in	 topological	

domains.	A	well-studied	example	is	provided	by	the	genome	of	S.	cerevisiae,	in	which	3C	

studies	 have	 revealed	 the	 major	 features	 of	 the	 Rabl-like	 chromosomal	 organization,	

while	they	have	failed	to	detect	any	large	scale	TAD	(see	section	1.3)	(Duan	et	al.,	2010;	

Guidi	et	al.,	2015).		

TADs	 are	 primarily	 characterized	 and	maintained	 by	 their	 boundaries,	 e.g.	 sequences	

associated	with	DNA	binding	proteins	and/or	insulating	proteins	(Parelho	et	al.,	2008).	

Particularly,	the	highly	conserved	CTCF	protein	is	often	found	at	TADs	boundaries,	and	

has	 been	 shown	 to	 colocalize	 with	 chromatin	 structural	 proteins,	 called	 cohesin	 (see	

section	1.3.2.3),	and	to	enhance	domain	boundaries	(Sofueva	et	al.,	2013)	and	chromatin	

loop	 formation	 (Sanborn	 et	 al.,	 2015).	 These	 topological	 structures	 of	 the	 chromatin	

fibre	 have	 been	 shown	 in	 recent	 years	 to	 play	 important	 regulatory	 roles	 in	

transcription	regulation	(Nora	et	al.,	2012),	DNA	replication	(Pope	et	al.,	2014),	genome	

stability	 (Aymard	 et	 al.,	 2017)	 and	 genomic/developmental	 diseases	 (Franke	 et	 al.,	

2016;	 Lupiáñez	 et	 al.,	 2016).	 Recent	 Hi-C	 studies,	 have	 also	 unveiled	 genome-wide	

chromosomal	 maps	 of	 the	 cell	 cycle	 stages	 in	 bacteria	 (Marbouty	 et	 al.,	 2015),	 yeast	

(Lazar Stefanita	et	al.,	2017)	and	mammals	(Nagano	et	al.,	2017;	Naumova	et	al.,	2013).	

In	all	 these	species,	 the	most	prominent	changes	of	the	chromatin	structure	have	been	

observed	 to	 occur	 during	 DNA	 replication	 and	 the	 subsequent	 segregation	 of	 the	

duplicated	 chromosomes.	 However,	 the	 molecular	 mechanisms	 involved	 in	 the	

establishment	and	regulation	of	these	3D	changes	remain	still	difficult	to	address.	This	is	

due	 to	 the	 current	 intrinsic	 limitations	 of	 Hi-C	 experiments,	 such	 as	 cell-to-cell	
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variability	 and	 the	 inability	 to	 distinguish	 between	 sister	 chromatids.	 The	 cell-to-cell	

variability	due	 to	 the	use	of	 cell	populations	has	been	 recently	 tackled	by	Nagano	and	

colleagues	 using	 single-cell	 Hi-C.	 Analysis	 on	 hundreds	 of	 single-cell	 Hi-C	 maps	 have	

unveiled	 a	 dynamic	 reorganization	 of	 mammalian	 chromosomes	 during	 cell	 cycle,	

showing	 the	 disappearance	 of	 TADs	 during	 replication.	 This	 study	 has	 also	 confirmed	

the	 absence	 of	 TADs	 in	 mitotic	 chromosomes,	 that	 was	 observed	 on	 synchronized	

mammalian	cells	by	Hi-C	(Naumova	et	al.,	2013).	Altogether	these	recent	studies	seem	to	

point	 at	 a	 highly	 dynamic	 reorganization	 of	 the	 nuclear	 architecture	 that	may	 not	 be	

fully	understood,	yet,	because	of	many	technical	and	experimental	limitations.		

Nevertheless,	 the	 joint	 effort	 between	microscopy	 and	 genome-wide	 approaches	 have	

achieved	a	remarkable	knowledge	on	genome	organization	in	a	broad	variety	of	species.	

Next	 sections	 of	 this	 manuscript	 provide	 an	 overview	 of	 the	 organization	 of	

chromosomes	in	S.	cerevisiae	in	light	of	the	cell	cycle	events.	

1.3	Integrating	genome	organization	and	cell	cycle	in	S.	cerevisiae	

Budding	 yeast	 chromosomes	 display	 a	 Rabl-like	 organisation	 (historical	 reference	

section	1.1.1)	 throughout	 the	entire	cell	 cycle	 (Figure	9A)	 (Duan	et	al.,	2010;	 Jin	et	al.,	

1998;	Bystricky	et	 al.,	 2005;	Taddei	 and	Gasser,	2012).	The	peculiarity	of	 the	budding	

yeast	Rabl	organization	consists	of	the	distinct	orientation	of	the	chromosomes.	Yeast’s	

centromeres	consist	 in	discrete,	short	~125	bp	sequences	held	together	at	 the	nuclear	

envelope	by	a	 short	array	of	microtubules	departing	 from	the	spindle	pole	body	 (SPB,	

microtubule	 organizing	 centre	 in	 yeast)	 (Jin	 et	 al.,	 2000).	 The	 structure	 of	 the	

pericentromeric	chromatin	and	the	attachment	to	microtubules	is	rather	complex	and	it	

is	discussed	later	in	sections	1.3.3.1-2.	Chromosomes’	arms	are	then	free	to	explore	the	

inner	 space	 of	 the	 nucleus	 while	 the	 telomeres	 are	 tethered	 at	 the	 nuclear	 envelope	

where	they	associate	in	dynamic	clusters	(Gotta	et	al.,	1996).	Yeast	telomeres	consist	of	

250	 –	 300	 bp	 of	 irregular	 tandem	 repeats	 (called	 TG	 1-3)	 (Shampay	 et	 al.,	 1984).	 The	

binding	 of	 Rap1	 protein	 to	 this	 repeat	 recruits	 the	 silent	 information	 regulator	 (SIR:	

Sir2,	Sir2	and	Sir4)	complex	(Gotta	et	al.,	1996;	Marcand	et	al.,	1996;	Moretti	et	al.,	1994;	

Renauld	 et	 al.,	 1993).	 The	 binding	 and	 spreading	 of	 SIR	 proteins	 organize	 the	

heterochromatin	 at	 the	 subtelomeres	 (Hecht	 et	 al.,	 1996)	 and	mediate	 transcriptional	

silencing	(Dubarry	et	al.,	2011;	Laura	N.	Rusche	et	al.,	2003).		

Besides	the	Rabl	organisation,	another	obvious	 feature	of	yeast	nucleus	consists	 in	the	

nucleolus,	a	compartment	that	occupies	almost	one	third	of	the	nuclear	volume	opposite	

the	 SPB	 (Yang	 et	 al.,	 1989).	 This	 compartment	 is	 the	 site	 of	 rDNA	 transcription	 into	

rRNA.	The	rDNA	sequence	is	formed	of	100	to	200	units	of	9.1	kb	repeated	in	tandem	in		
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Figure	9	Rabl-like	organization	of	S.	cerevisiae’s	chromosomes.	(A)	Chromosomes	are	anchored	at	

the	nuclear	periphery	(spindle	pole	body,	SPB	not	shown)	through	their	centromeres	(cen	in	yellow),	

located	 opposite	 to	 the	 nucleous	 (rDNA	 locus	 in	 pink).	 Centromere	 attachment	 is	 preserved	

throughout	the	entire	cell	cycle.	Chromosomes’	arms	are	free	to	explore	the	nuclear	inner	space	while		

telomeres	form	several	distinct	clusters	at	the	nuclear	periphery	in	interphase	(tel	in	black).	Telomere	

localization	at	the	nuclear	periphery	is	lost	in	mitosis	(B).	Contact	map	of	chromosome	12.	Note	that	

the	 two	 ends	 of	 chr12	 (schema	 atop	 the	 map)	 exhibit	 extensive	 local	 interactions,	 but	 very	 little	

interaction	with	each	other.	Separating	the	ends	of	chr12	are	100–200	rDNA	repeats	(schema	at	the	

bottom).	Colour	scale	indicates	the	frequency	of	contacts	(adapted	from	Duan	et	al.,	2010).	
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the	middle	of	the	right	arm	of	chromosomes	12	(chr12)	(Johnston	et	al.,	1997).	Given	its	

repeated	nature,	this	locus	is	“unmappable”	by	deep-sequencing	and	thus	unsuitable	for	

“C”-based	 investigations.	 The	 contact	 map	 of	 chr12	 therefore	 displays	 an	 abrupt	

termination	of	the	intra-chromosomal	contacts	at	both	ends	of	the	nucleolus	(Figure	9B)	

(Duan	 et	 al.,	 2010).	 The	 extended	 array	 of	 rDNA	 repeats	 is	 an	 ideal	 template	 for	

homologous	recombination	which	is	therefore	actively	repressed	both	by	SIR-mediated	

silencing	 and	 by	 nuclear	 envelope	 tethering	 (Kaeberlein	 et	 al.,	 1999;	 Mekhail	 et	 al.,	

2008).	 rDNA	 genes	 are	 either	 transcribed	 or	 non-transcribed	 and	 they	 can	 adopt	

different	 conformations	 based	 on	 their	 activation	 status.	 Inactive	 genes	 are	

condensed/heterochromatic	while	the	active	are	decondensed/euchromatic	(Conconi	et	

al.,	 1989;	Huang	and	Moazed,	2003).	 It	 has	been	 suggested	 that	 the	different	 forms	of	

rDNA	chromatin	have	evolved	to	be	responsive	to	the	needs	of	the	cell:	RNA	levels	can	

be	modulated	either	by	controlling	the	rate	of	transcription	or	by	regulating	the	number	

of	 genes	 available	 for	 transcription	 (Lin	 et	 al.,	 2000).	 Notably,	 the	 balance	 between	

hetero-/silence	 and	 euchromatic/active	 form	 of	 chromatin	 have	 been	 shown	 to	 vary	

drastically	between	the	different	stages	of	the	cell	cycle	(see	section	1.3.3.4)(Clemente-

Blanco	et	al.,	2009;	Guacci	et	al.,	1994).		

The	 general	 compaction	 of	 yeast	 chromatin	 fibre	 has	 been	 analysed	 with	 both	

microscopy	 (Bystricky	 et	 al.,	 2004;	 Hajjoul	 et	 al.,	 2013)	 and	 3C	 (Dekker,	 2008),	

suggesting	a	loose	structure,	with	1.2	–	3.6	nucleosomes	per	11	nm	(Wang	et	al.,	2015).	

These	results	are	in	agreement	with	the	low	detected	levels	of	Hho1,	H1	histone	variant	

in	yeast	(Freidkin	and	Katcoff,	2001).	This	study	has	shown	that	Hho1	is	about	37	fold	

fewer	 than	 the	 number	 of	 total	 estimated	 nucleosomes.	 Moreover,	 the	 authors	 have	

observed	 an	 increase	 of	 this	 protein	 at	 the	 nucleolus,	 locus	 that	 have	 been	 shown	 to	

condense	in	mitosis	(Guacci	et	al.,	1994).		

The	 motility	 of	 the	 chromatin	 fibre	 has	 been	 analysed	 at	 DNA	 loci	 and	 could	 be	

considered	as	a	non-directed	motion	partially	dependent	on	the	ATP	levels	(Marshall	et	

al.,	1997;	Heun	et	al.,	2001a).	These	studies	have	shown	that	telomeres	and	centromeres	

exhibit	 a	 slower	 diffusion	 rate	 than	 internal	 loci.	 This	 greater	 confinement	 was	 not	

surprizing	given	 the	 fact	 that	both	 these	 loci	 are	 anchored	at	 the	nuclear	 envelope.	 In	

addition	to	this	diffusive	motion,	occasional	jumps	in	motility	ATP-dependent	have	been	

detected.	Although,	the	mechanisms	for	potential	active	motions	have	not	been	yet	fully	

understand,	they	seem	partially	dependent	on	forces	that	originate	outside	the	nucleus	

and	driven	by	the	cytoskeleton	(Koszul	et	al.,	2008;	Spichal	et	al.,	2016).		

The	 physical	 properties	 of	 the	 chromatin	 fibre	 as	 well	 as	 its	 mobility	 have	 been	

suggested	 to	 change	 according	 to	 the	 metabolic	 state	 of	 the	 cells.	 First,	 changes	 in	
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mobility	 has	 been	 observed	 during	 the	 cell	 cycle	 progression.	 For	 instance,	 less	

movement	has	been	observed	in	S	phase	than	in	G1	phase	nuclei,	a	drop	that	correlates	

inversely	with	the	number	of	active	replication	forks	(Heun	et	al.,	2001a).	Similar	results	

have	 been	 also	 obtained	 in	 mammalian	 cells	 by	 measuring	 distances	 explored	 by	

chromosome	 territories	 (Walter	 et	 al.,	 2003).	 These	 results	 suggested	 that	 biological	

processes	may	 influence	 the	mobility	 of	 chromosomal	 loci.	 Indeed,	 it	 has	 been	 shown	

that	 transcriptionally	 silenced	 telomere-proximal	 genes	 are	 tethered	 at	 the	 nuclear	

periphery	 (Gotta	 et	 al.,	 1996)	 and	 that	 chromatin	 movements	 lead	 to	 gene	 re-

localization	upon	transcription	activation	(Taddei	et	al.,	2006).	Moreover,	an	increase	of	

local	and	global	mobility	after	DNA	damage	has	been	reported	to	enhance	the	efficiency	

of	repair	due	to	an	active	search	for	repair	partners	(Miné-Hattab	and	Rothstein,	2012).		

Taken	together	these	observations	suggest	that	genome	organization	in	budding	yeast	is	

a	highly	dynamic	structure,	that	is	shaped	in	response	to	the	metabolic	state	of	the	cell.	

Next	sections	describe	cell	cycle	in	yeast	in	light	of	the	DNA-related	metabolic	processes	

that	may	impact	chromosomal	structure.			

1.3.1	Quiescent	(G0)	state		

In	 natural	 ecosystems,	 starvation	 is	 one	 of	 the	 most	 common	 stress	 encountered	 by	

almost	 all	 microbial	 species.	 Cells	 are	 able	 to	 respond	 to	 the	 hostile	 environment	 by	

forming	inert	structures	commonly	called	spores.	These	differentiated	cells	are	capable	

of	surviving	during	extended	periods	of	nutrients	deprivation.		

Budding	 yeast	 cope-up	 with	 starvation	 by	 ceasing	 growth	 and	 entering	 into	 a	 non-

proliferative	 state	 referred	 to	 as	 stationary	 phase.	 If	 the	 cells	 are	 kept	 for	 extended	

periods	 without	 nutrients	 they	 enter	 quiescent	 state,	 that	 allows	 maintenance	 of	

viability	 but	 retains	 the	 ability	 to	 resume	 growth	 when	 nutrients	 become	 available	

(Werner-Washburne	 et	 al.,	 1993).	 The	 “cell	 quiescence	 cycle”	 is	 the	 process	 by	which	

nutrient	 limitation	 causes	 exit	 from	 the	 active	 proliferation	 (cell	 division	 cycle)	 and	

triggers	entry	into	the	nonproliferating	state.	Notably,	the	quiescence	cycle	and	the	cell	

division	cycle	intersect	at	the	G1	phase,	when	cells	have	not	been	yet	committed	to	enter	

S	phase.	Therefore,	based	on	the	amount	of	nutrients	at	G1/S	checkpoint	cells	will	enter	

one	 cycle	 or	 the	 other	 (Gray	 et	 al.,	 2004).	 This	 is	 a	 highly	 regulated	 and	programmed	

phenomenon.	 Quiescent	 cells	 share	 a	 number	 of	 salient	 characteristics	 such	 as	

unreplicated	 genomes;	 condensed	 chromosomes,	 referred	 to	 as	 G0	 chromosomes	

(Schäfer	et	 al.,	 2008;	Yang	et	 al.,	 2006);	 reduced	 rates	of	 transcription	and	 translation	

(Galdieri	 et	 al.,	 2010);	 fail	 to	 accumulate	 mass	 and	 volume	 (Jorgensen	 et	 al.,	 2007);	

develop	a	 thicker	and	more	resistant	cell	wall	 (Gray	et	al.,	2004).	Several	studies	have	
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also	shown	changes	of	the	nuclear	geometry	in	the	long-living	cells,	in	association	with	

modifications	 of	 the	 nucleolar	 size	 (Wang	 et	 al.,	 2016).	 Microscopy	 and	 3C	 analysis	

revealed	a	telomere	hypercluster,	which	was	repositioned	in	the	middle	of	 the	nuclear	

space	 (Guidi	 et	 al.,	 2015;	 Laporte	 et	 al.,	 2016).	 This	 peculiar	 feature	was	 found	 to	 be	

dependent	on	the	activity	of	the	SIR-silencing	complex	at	these	loci.	These	latter	features	

are	furthermore	detailed	in	chapter	2.2	in	light	of	our	results.	Whereas,	other	studies	on	

quiescent	cells	have	reported	a	global	reorganization	of	the	nuclear	interior	dependent	

on	 the	microtubule	 cytoskeleton	 (Laporte	 and	 Sagot,	 2014;	 Laporte	 et	 al.,	 2013).	 The	

authors	have	observed	the	assembly	a	long	and	stable	array	of	nuclear	microtubules	on	

which	the	centromeres	also	localize	and	the	displacement	of	the	nucleolus.		

In	 favourable	 growing	 conditions	 G1	 cells	 pass	 the	 G1/S	 checkpoint	 and	 become	

irreversibly	committed	to	S	phase.	

1.3.2	Chromosome	replication	during	S	phase		

The	replication	of	the	DNA	molecule	in	eukaryotes	occurs	during	S	phase.	Chromosomes	

need	to	be	accurately	(one	error	in	109	nucleotides)	and	rapidly	(5-100	nucleotides	per	

second)	 copied	 to	 ensure	 the	 transmission	 of	 the	 genome.	 This	 process	 involves	 the	

coordinated	 activity	 of	 many	 enzymes	 and	 accessory	 proteins,	 such	 as:	 DNA	

polymerases,	 that	 copy	 the	 template	 strand;	 helicases,	 that	 unwind	 the	 helix;	 and	

structural	proteins	that	pack	the	nascent	molecules.	Altogether	these	proteins	form	the	

replication	 machineries	 that	 assemble	 at	 genomic	 loci,	 named	 origins	 of	 replication,	

giving	rise	to	replisomes	(Morgan,	2007).	

Budding	 yeast’s	 replication	 origins	 are	 well	 defined	 genetic	 elements	 called	

autonomously	replicating	sequences	 (ARS)	 (Figure	10A).	The	 first	direct	evidence	 that	

ARS	 was	 acting	 as	 a	 replication	 element	 was	 brought	 by	 two-dimensional	 (2D)	 gel	

analysis	of	plasmid	DNA	replication	(Brewer	and	Fangman,	1987).	Each	ARS	contains	a	

specific	DNA	consensus	sequence	of	11	bp	that,	in	late	mitosis	and	early	G1,	recruits	the	

pre-replication	complex	(pre-RC)	(Figure	10B).	The	origin	recognition	complex	(ORC)	is	

the	 central	 player	 in	 the	 assembly	 of	 the	 pre-RC	 on	 the	 replication	 origins	 (Bell	 and	

Stillman,	1992).	Indeed,	it	has	been	shown	that	mutations	in	ORC	genes	cause	defects	in	

initiation	(Piatti	et	al.,	1995).	Moreover,	despite	the	origin	diversity	between	yeast	and	

metazoans,	 ORC-related	 proteins	 exist	 in	 all	 eukaryotes	 (Li	 and	 Stillman,	 2012).	 The	

binding	 of	 the	 ORC	 complex	 recruits	 two	 additional	 proteins	 Cdc6	 and	 Cdt1,	 that	 are	

responsible	 for	 the	 recruitment	of	 the	 six-subunit	Mcm	complex	 (Mcm2-7)	 (Wyrick	 et	

al.,	2001).		Once	the	Mcm2-7	is	loaded	the	formation	of	the	pre-RC	is	completed	and	the		
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Figure	 10	 Assembly	 of	 pre-replication	 and	 pre-initiation	 complexes.	 (A)	 Autonomously	

replicating	 sequence	 (ARS),	 11	 bp	 consensus	 sequence	 of	 S.	 cerevisiae.	 (B)	 A	 six-subunit	 complex	

called	 the	origin	recognition	complex	(ORC)	serves	as	a	platform	for	 the	assembly	of	pre-replication	

(pre-RC)	 complex.	 ORC	 binds	 ARS	 sequence	 throughout	 the	 cell	 cycle.	 During	 the	 mitosis	 –	 G1	

transition,	 chromatin-bound	 ORC	 recruits	 Cdc6	 and	 Cdt1,	 which	 facilitate	 the	 loading	 of	 a	 helicase	

complex	 consisting	of	MCM	 (minichromosome	maintenance)	proteins	2–7	 (licensing).	 The	 resulting	

complex	 is	 termed	 the	pre-replication	 complex	 (pre-RC).	 In	 late	 G1,	G1/S-Cdk	 complex	 induces	 the	

expression	and	activation	of	the	S-Cdk	complex,	that	triggers	origin	firing	by	promoting	the	formation	

of	the	preinitiation	complex	(PIC).	PIC	complex	is	formed	by	additional	factors	including	Cdc45,	Sld2–

3,	Dpb11,	the	GINS	complex	and	DNA	polymerases.	The	successive	disassembly	of	the	pre-RC	coupled	

with	the	destruction	of	S-cyclins	prevents	the	re-activation	of	this	complex	later	during	the	cell	cycle,	

commonly	known	as	post-RC	(adapted	from	Aladjem,	2007).	
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“licensed”	origin	is	ready	to	“fire”	replication.	The	start	signal	comes	in	late	G1	from	the	

cell-cycle	 control	 system,	 when	 the	 G1-	 and	 G1/S-Cdk	 complexes	 are	 activated.	 The	

G1/S-Cdk	 induces	 the	 expression	 and	 activation	of	 the	 S-Cdk	 complex	 (Morgan,	 1995;	

Ubersax	 et	 al.,	 2003).	 Activation	 of	 S-Cdk	 triggers	 origin	 firing	 by	 promoting	 the	

formation	 of	 the	 preinitiation	 complex	 (PIC).	 Formation	 of	 PIC	 requires	 the	

displacement	 of	 pre-RC	 factors	 (Cdc6	 and	 Cdt1),	 and	 the	 recruitment	 of	 other	 factors	

including	 the	 DNA	 polymerases	 (Aparicio	 et	 al.,	 1999).	 PIC	 activates	 the	 Mcm2-7	

helicase	that	unwinds	the	DNA	helix,	making	Y-shaped	DNA	structures	called	replication	

forks.	Recently,	real	time	dynamics	of	replisome	activation	have	been	observed	directly	

at	 single-molecule	 level	 (Duzdevich	 et	 al.,	 2015).	DNA	 synthesis	 proceeds	 in	 a	 5’	 to	 3’	

direction	 and	 is	 semi-continuous	 (Aladjem,	 2007).	 The	 template	 leading	 strand	 is	 the	

one	 in	 which	 5' 3'	 synthesis	 proceeds	 in	 the	 same	 direction	 as	 replication	 fork	

movement	 and	 is	 continuously	 synthetized.	 The	 lagging	 strand	 is	 discontinuously	

synthetized	in	short	pieces	(Okazaki	fragments)	in	a	direction	opposite	to	the	direction	

of	 fork	 movement.	 When	 the	 polymerase	 dissociates	 from	 the	 synthetized	 DNA	

fragment,	 the	 DNA	 ligase	 can	 join	 the	 adjacent	 Okazaki	 fragments	 together	 to	 form	 a	

continuous	strand	(Okazaki	et	al.,	1967).	

The	 successive	 disassembly	 of	 the	 pre-RC	 coupled	 with	 the	 destruction	 of	 S-	 and	 M-

cyclins	prevents	the	re-activation	of	this	complex	later	during	the	cell	cycle,	commonly	

known	 as	 post-RC	 (Diffley,	 1996).	 This	 ensures	 that	 the	 firing	 of	 the	 licensed	 origins	

occurs	“once-and-only-once”	per	cell	cycle	(Nguyen	et	al.,	2001).	Finally,	the	replication	

initiation	program	is	a	carefully	coordinated	process	both	spatially	and	temporally.	

1.3.2.1	Spatial-temporal	organization	of	the	replication	program	

Not	all	regions	are	replicate	at	the	same	time.	Large	regional	differences	between	early-

replicated	 centromeres	 and	 late-replicated	 telomeres	 were	 shown	 using	 Meselson	 &	

Stahl-like	 experiments	 in	 1988	 (McCarroll	 and	 Fangman,	 1988).	 Successively,	 a	 few	

number	 of	 ARSs	 were	 mapped	 and	 their	 activation	 timing	 characterized	 using	 two-

dimensional	 (2D)	 gel	 electrophoresis	 (Brewer	 and	 Fangman,	 1991).	 This	 first	

investigation	has	led	to	classify	ARSs	into	early	and	late	firing.	This	temporal	difference	

is	 the	 result	 of	 differences	 in	origin	 efficiency,	 defined	as	 the	percentage	of	 cell	 cycles	

that	a	specific	ARS	initiates	replication	(Figure	11A).	As	a	consequence,	efficient	origins	

are	 fired	 in	 most	 of	 the	 cells	 in	 the	 population	 while	 the	 inefficient	 ones	 are	 fired	

stochastically	at	the	population	level	(Ferguson	and	Fangman,	1992).		
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Figure	11	Origin	firing	and	replication	profile.	(A)	Three	locations	(a,	b	and	c)	on	chromosome	10	

were	 tested	 for	 origin	 activity	 by	 2D	 gel	 electrophoresis.	 Bubble	 structures	 were	 detected	 at	 all	

locations,	indicating	the	presence	of	active	origins.	The	amount	of	these	structures	indicate	that	a	and	

b	are	efficient	origins	(fired	 in	most	of	 the	cells)	while	c	 is	 inefficient	(Y	structures	 indicate	passive	

replication	of	this	region.	(B)	Replication	profile	deduced	from	the	microarray	data	for	chromosome	

10	(x-axis)	is	shown.	Positions	marked	a,	b,	and	c	on	the	profile	correspond	to	the	origins	analysed	in	

(A).	 They	 show	 that	 efficient	 origins	 are	 early	 replicated	 while	 inefficient	 are	 late.	 Centromere-

proximal	region	 is	relatively	early	replicated	while	telomeres	are	late	(adapted	 from	Raghuraman	et	

al.,	2001).	
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In	2001	a	comprehensive	genome-wide	study	conducted	by	Raghuraman	and	colleagues	

have	 identified	 and	 characterized	 approximately	 300	 ARSs	 on	 yeast	 genome	 (e.g.	

chromosome	 10	 replication	 profile	 shown	 in	 Figure	 11B).	 The	 authors	 observed	 that	

ARSs	are	distributed	throughout	all	chromosomes	with	an	average	genomic	 interval	of	

30	 kb	 and	 they	 are	 mostly	 located	 in	 the	 intergenic	 regions.	 This	 latter	 observation	

pointed	 at	 a	 negative	 correlation	 between	 transcription	 activity	 and	 replication	

initiation	 in	budding	yeast,	also	observed	 in	mammals	(Kalejta	et	al.,	1998).	Moreover,	

only	a	fraction	of	the	ARSs	were	efficiently	fired	and	they	were	mostly	concentrated	in	

the	centromeric	regions	of	the	chromosomes.	Later	studies	have	confirmed	these	results	

and	provided	a	detailed	topography	of	the	replication	profile	at	hundreds	of	sites	across	

the	genome	of	budding	yeast	(McCune	et	al.,	2008;	Raghuraman	et	al.,	2001;	Yabuki	et	

al.,	 2002).	 They	 all	 have	 observed	 a	 continuous	 activation	 of	 origins	 throughout	 the	

entire	S	phase	and	confirmed	the	existence	of	a	global	pattern	of	the	replication	timing:	

starting	at	the	early	replicating	centromeres	and	finishing	at	the	late	telomeric	regions.	

Nevertheless,	recent	single	molecule	studies	have	also	shown	a	stochastic	component	of	

the	replication	initiation	(Tuduri	et	al.,	2010).	The	stochastic	firing	was	suggested	to	be	

required	 especially	 under	 perturbed	 conditions	 to	 rescue	 replication	 of	 arrest	 forks	

(Barberis	et	al.,	2010).		

How	 individual	 origins	 are	 selected	 to	 fire	 is	 still	 a	matter	 of	 debate.	 In	 this	 regard,	 a	

pioneer	study	on	origin	relocalization	have	suggested	that	temporal	activation	might	be	

determined	by	differences	in	chromatin	landmarks	(Ferguson	and	Fangman,	1992).	It	is	

now	 known	 that	 the	 epigenetic	 status	 of	 the	 chromatin	 plays	 a	 partial	 role	 in	 the	

regulation	of	the	activation	time	(Aparicio	et	al.,	2004;	Heun	et	al.,	2001b;	Vogelauer	et	

al.,	2002).	Consistent	with	this	observation	the	heterochromatic	regions,	such	as	the	late	

replicated	telomeres,	exhibit	histone	deacetylation	marks	(Pappas	et	al.,	2004;	Pasero	et	

al.,	2002).		

	

Replication	 foci.	Microscopy	 studies	 have	 observed	 a	 spatial	 association	 of	 origins	 of	

replication	 into	 foci	 of	 replication	 throughout	 S	phase,	 both	 in	mammals	 (Jackson	and	

Pombo,	1998;	O’Keefe	et	al.,	1992)	and	 in	yeasts	 (Kitamura	et	al.,	2006;	Meister	et	al.,	

2007;	Pasero	et	al.,	1997).	It	has	been	suggested	that	the	replication	foci	are	created	by	

topological	 reorganizations	 of	 the	 chromosome	 to	 facilitate/accelerate	 chromatin-

template	 processes	 in	 nuclear	 space.	 In	 this	 regard,	 studies	 in	 mammalian	 cells	 have	

revealed	that	the	down-regulation	of	the	chromosome	structural	proteins	(e.g.	cohesins)	

increases	 the	 average	 inter-fork	 distance	 by	 reducing	 the	 assembly	 of	 origins	 in	

replication	 foci	 (Guillou	 et	 al.,	 2010).	 In	 budding	 yeast	 forkhead	 transcription	 factors	
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(Fkh1	and	Fkh2)	have	been	observed	to	regulate	the	timing	of	origin	activation	(Knott	et	

al.,	2012).	As	a	general	rule,	 the	binding	of	Fkh1	factor	positively	regulates	early	 firing	

origins	 while	 represses	 late	 origins.	 Moreover,	 4C	 analysis	 have	 shown	 an	 Fkh-

dependent	 enrichment	 in	 contacts	 between	 early	 centromeric	 origins.	 This	 study	

provided	plausible	candidates	required	for	the	replication	factory	formation	in	budding	

yeast.	Other	Hi-C	studies	have	confirmed	 the	model	of	 the	replication	 factory	with	 the	

description	of	“stable	topological	domains”	of	replication	timing	(Eser	et	al.,	2017;	Pope	

et	al.,	2014).	Notably,	Ester	and	colleagues	have	analysed	the	clustering	of	centromere-

proximal	 regions	 and	 they	 observed	 that	 only	 a	 fraction	 of	 these	 origins	 colocalize	

dependently	of	Fkh.	Given	that	centromeres	are	associated	into	a	stable	cluster,	part	of	

these	 contacts	 between	 early	 regions	may	 be	 a	 consequence	 of	 the	Rabl	 organization,	

per	se.		

Although	 attractive,	 the	 model	 of	 the	 replication	 factory/domain	 has	 been	 recently	

questioned	 both	 in	mammals	 and	 in	 yeast.	 First,	 super-resolution	microscopy	 studies	

have	 shown	 that	 replication	 foci	 are	 consequences	 of	 single	 replisome	 progression	

(Saner	et	al.,	2013;	Chagin	et	al.,	2016).	Second,	single-cell	Hi-C	 in	mammal	has	shown	

that	TADs		are	not	permanent	replication	domains,	on	the	contrary	they	dissolve	during	

replication	(Nagano	et	al.,	2017).	

These	observations	will	be	further	discussed	later	in	this	manuscript	and	in	light	of	our	

results	(see	chapter	2.3).		

1.3.2.2	DNA	damage	response	at	replication	forks		

DNA	 replication	 is	 a	 startling	 complex	 step	 during	 the	 cell	 cycle,	 that	 needs	 to	 be	

constantly	monitored	 to	preserve	replication	 forks	 (RFs)	 integrity.	RF	progression	can	

be	 slowdown	 and/or	 arrest	 at	 different	 replication	 fork	 blocks	 (RFBs)	 (Branzei	 and	

Foiani,	2010a).	In	budding	yeast	as	well	as	in	other	eukaryotes,	natural	impediments	of	

replication	 forks	 have	 been	 identified	 (Mirkin	 and	 Mirkin,	 2007).	 These	 include	

centromeres,	tRNA	genes,	Ty	long	terminal	repeats	(LTRs),	the	repeated	rDNA	locus,	the	

heterochromatic/silenced	 loci	 (e.g.	 HML	 and	 HMR	 mating	 cassettes),	 late	 replication	

zones	 (e.g.	 telomeres)	 and	 at-risk	 motifs	 (ATMs)	 (Lambert	 and	 Carr,	 2013).	 These	

“naturally	 difficult	 to	 replicate”	 loci	 employ	 different	 mechanisms	 to	 obstacle	 DNA	

synthesis.	 For	 instance	ATM	sequences	 can	 give	 rise	 to	 secondary	 structures,	 such	 as:	

long	 tri-nucleotide	 repeats,	 palindromic	 sequences	 (Lobachev	 et	 al.,	 2007)	 or	 GC	 rich	

motifs	 forming	G-quadruplexes	 (Lopes	et	al.,	2011),	which	are	known	to	stall	 the	DNA	

polymerase.	 Non-histone	 protein/DNA	 binding	 sites,	 such	 as:	 Fob1/RFB	 in	 the	 rDNA	

locus	 of	 budding	 yeast	 (Brewer	 and	 Fangman,	 1988;	 Kobayashi	 and	 Horiuchi,	 1996),	
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Rtf1/RTS1	 upstream	mating	 type	 locus	 in	 fission	 yeast	 (Dalgaard	 and	Klar,	 1999)	 and	

Tus/Ter	 replication	 termination	 system	 in	 E.	 coli	 (Hill	 et	 al.,	 1987),	 are	 all	 well	

characterized	 programmed	 replication	 blocks.	 Finally,	 products	 of	 DNA	 metabolic	

processes	 (e.g.	DNA/RNA	hybrids	associated	with	highly	 transcribed	regions)	can	give	

rise	 to	 replication–transcription	 clashes	 that	 have	 also	 been	 shown	 to	 interfere	 with	

replication	 progression	 (Lin	 and	 Pasero,	 2012).	 At	 RFB	 the	 replisome,	 replication	

machinery	in	complex	with	the	stalled	fork,	 is	typically	stabilized	(Lopes	et	al.,	2001a).	

This	 mechanism	 protects	 the	 nascent	 DNA	 ends	 and	 allows	 either	 to	 “resume”	

replication	once	 the	block	 is	 removed	or	 the	 fork	 to	be	 “rescued”	by	an	 incoming	 fork	

from	 a	 neighboring	 replication	 origin	 (Cobb	 et	 al.,	 2003a;	 De	 Piccoli	 et	 al.,	 2012).	

However,	not	all	 arrested	 forks	are	efficiently	 stabilized	and	some	eventually	collapse,	

freeing	single-stranded	DNA	(ssDNA)	and/or	double-stranded	DNA	(dsDNA)	ends	(Sogo	

et	 al.,	 2002).	 These	 structures	 carry	 potential	 recombinogenic	 consequences	 and	 can	

lead	 to	 chromosomal	 rearrangements	 (Carr	 et	 al.,	 2011;	 Magdalou	 et	 al.,	 2014).	 For	

instance,	 ectopic	 insertions	 of	 programmed	 protein/DNA	 RFBs	 have	 been	 found	 to	

increase	 recombination	 rate	 and	give	 rise	 to	deletions	 (Tus/Ter	 in	E.coli,	Bierne	et	 al.,	

1997)	and	gross	chromosomal	rearrangements	(Rtf1/RTS1	 in	S.	pombe	(Lambert	et	al.,	

2005).		

Experimental	 and	 empirical	 evidences	 point	 at	 several	 prominent	 mechanisms	 to	

account	 for	 rearrangement	 formation	 following	 replication	 fork	 stalling	 and	 collapse	

(Figure	12).	The	pathway	of	choice	during	replication	is	the	homologous	recombination	

(HR)	repair	(Ira	et	al.,	2004;	Pâques	and	Haber,	1999;	Truong	et	al.,	2014).	The	HR	uses	

the	information	provided	by	the	genetically	identical,	or	almost	identical,	DNA	molecules	

(usually	provided	by	the	sister	chromatid)	to	repair	damaged	DNA.	HR	is	initiated	by	a	

ssDNA	 5’	 à	 3’	 resection	 followed	 by	 the	 assembly	 of	 the	 Rad51	 protein	 on	 the	

presynaptic	 filament,	 which	 can	 give	 rise	 to	 three	 fork	 stabilization	 and	 restart	

mechanisms	 (Shinohara	 et	 al.,	 1992).	 In	 the	 first	 mechanism,	 a	 stalled	 fork	 structure	

might	 undergo	 fork	 regression	 -	 re-annealing	 of	 the	 excessive	 ssDNA	 by	 pairing	 the	

newly	synthesized	strands	-	 to	 form	a	Holliday	 junction	structure	called	“chicken	foot”	

(Long	and	Kreuzer,	2008;	Lopes	et	al.,	 2001b).	 In	 the	 second	mechanism,	 the	Holliday	

junction	facilitates	fork	restart	by	strand	invasion,	forming	a	displacement	loop	(D-loop)	

(Seigneur	 et	 al.,	 1998).	 In	 a	D-loop,	 one	 strand	of	 a	 dsDNA	molecule	 is	 displaced	by	 a	

third	 strand	 of	 homologous	 sequence,	 which	 is	 the	 newly	 synthesized	 strand.	 In	 the	

third	 mechanism,	 the	 Holliday	 junction	 is	 processed	 into	 a	 DSB	 and	 fork	 restart	 is	

achieved	through	D-loop	formation	and	resolution	of	homologous	sequences	(Michel	et	

al.,	2004;	Neelsen	and	Lopes,	2015).		
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Figure	12	Mechanisms	of	replication	fork	restart.	(A)	A	stalled	replication	fork	may	be	stabilized	

by	the	re-annealing	of	single-strand	DNA	(ssDNA)	generated	by	excessive	unwinding	of	the	template,	

or	may	undergo	regression	and	pairing	of	the	newly	synthesized	strands	to	form	a	Holliday	junction	

(HJ)	in	a	structure	termed	a	“chicken	foot”.	Restart	after	HJ	formation	may	be	difficult,	as	it	requires	

the	removal	and	subsequent	re-loading	of	the	replisome.	(B)	HJ-mediated	fork	restart.	The	dsDNA	end	

of	 the	HJ	is	recombined	with	the	template	 through	strand	invasion,	forming	a	displacement	loop	(D-

loop).	 This	D-loop	may	 facilitate	 the	re-loading	of	 the	 replisome.	The	 invading	 strand	 results	 in	 the	

generation	 of	 a	 HJ.	 Replication	 restart	 occurs	 when	 the	 HJ	 is	 removed,	 by	 either	 HJ	 resolution	 or	

dissolution.		 (C)	Double-strand	break	 (DSB)-mediated	 restart.	 The	HJ	 is	 processed	 into	 a	 one-ended	

DSB	 and	 fork	 restart	 is	 achieved	 through	 homologous	 recombination	 repair	 of	 the	 DSB	 in	 a	

mechanism	 involving	D-loop	 formation	 and	 restart	 after	HJ	 resolution.	 Leading	 and	 lagging	 strands	

are	shown	in	grey	and	green,	respectively.	
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Other	mechanisms	to	restart	replication,	independently	form	the	HR,	but	still	relying	on	

short	 sequence	 homology	 is	 the	 micro-homology/microsatellites	 induced	 replication	

events	(MMIR,	MMBIR)(Hastings	et	al.,	2009a;	Ira	and	Haber,	2002;	Payen	et	al.,	2008).	

These	mechanisms	envisage	the	annealing	of	the	free	ssDNA	end	(at	the	collapsed	fork)	

on	an	exposed	ssDNA	region	of	micro-homology	(a	few	nucleotides	in	length),	that	might	

be	located	on	an	adjacent	replication	fork.	Improper	strand	invasion	events	can	result	in	

large	structural	changes	leading	to	copy	number	variants,	a	major	structural	feature	of	

mammalian	 genomes	 (Hastings	 et	 al.,	 2009b;	 Iraqui	 et	 al.,	 2012;	 Koszul	 et	 al.,	 2004;	

Lambert	et	al.,	2010;	Payen	et	al.,	2014).		

During	replication,	cells	need	to	coordinate	DNA	synthesis	with	other	cellular	processes,	

such	as	chromatin	reassembly,	epigenetic	modifications	and	establishment	of	cohesion	

between	 sister	 chromatids	 (Gunjan	 and	 Verreault,	 2003;	Mejlvang	 et	 al.,	 2013;	 Tittel-

Elmer	et	al.,	2012).	 It	has	also	been	observed	 that	 structural	proteins,	 such	as	cohesin	

and	condensin,	maintain	chromosomes	 integrity	 following	replication	stress	 (Jeppsson	

et	al.,	2014).	The	recruitment	of	 these	proteins	 to	DNA	breaks	and	stalled	 forks	might	

stabilize	fragile	structures	and	aid	the	repair	(Unal	et	al.,	2007).		

1.3.2.3	Sister	chromatid	cohesion	during	replication	

Cohesin	is	a	complex	of	four	subunits	–	Smc1,	Smc3,	Scc1	and	Scc3	–	that	are	essential	

for	sister	chromatid	cohesion	(Michaelis	et	al.,	1997;	Uhlmann	et	al.,	1999).	Two	of	the	

cohesin	 subunits,	 Smc1	 and	 Smc3,	 are	 members	 of	 the	 structural	 maintenance	 of	

chromosomes	 (SMC)	 family	 of	 proteins	 (two	 other	members	 of	 this	 family,	 Smc2	 and	

Smc4	 involved	 in	 chromosome	 condensation,	 are	 discussed	 in	 section	 1.3.3.4)	 (Figure	

13A).	 All	 SMC	proteins	 contain	 a	 long	 coiled-coil	 region	 flanked	 by	 a	 globular	ATPase	

domain	on	one	end,	and	a	dimerization	domain	on	the	other.	The	dimerization	domain	

allows	 two	 SMC	 proteins	 to	 form	 a	 ring-shaped	 dimer.	 The	 “kleisin”	 subunit,	 Scc1,	

bridges	 the	 Smc1-Smc2	 heterodimer	while	 Scc3	 stabilizes	 this	 complex	 by	 binding	 to	

Scc1	 (Gligoris	 et	 al.,	 2014;	 Haering	 et	 al.,	 2002).	 The	 ATP	 hydrolysis	 triggers	

conformational	changes	that	might	drive	opening	and	closing	of	the	ring	(Figure	13B,	C).		

SMC	proteins	 contribute	 to	numerous	aspects	of	 chromosome	structure	and	dynamics	

along	the	entire	cell	cycle	progression	(Uhlmann,	2016).		

To	provide	sister	chromatid	cohesion,	cohesins	must	first	be	loaded	onto	chromosomes	

before	 S	 phase	 (Lengronne	 et	 al.,	 2004,	 2006).	 Cohesin	 is	 initially	 loaded	 onto	

chromosomes	in	G1	and	genome-wide	studies	have	mapped	these	locations	(Glynn	et	al.,	

2004).	 Cohesin	 is	 present	 all	 along	 chromosomes;	 however,	 it	 is	 not	 uniformly	

associated	with	all	regions	of	the	genome.	Cohesin-associated	regions	(CARs,	of	1–4	kb)		
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Figure	13	Architecture	of	cohesin	and	condensin	complexes.	(A)	Overview	of	eukaryotic	cohesin	

and	condensin	complexes	and	their	subunits.	The	names	are	those	used	in	budding	yeast.	Smc1-2-3-4,	

structural	 maintenance	 of	 chromosomes	 protein	 1,	 2,	 3	 and	 4;	 Scc1-3,	 sister	 chromatid	 cohesion	

protein	1	and	3;	Brn1,	barren	homologue	1;	Ycg1,	yeast	cap	G	1;	Ycs4,	yeast	condensin	subunit	4.	(B)	

Electron	micrograph	of	recombinant	human	cohesin	 tetramer	 complexes.	 (C)	 Composite	model	 of	 a	

nucleotide-bound	cohesin	tetramer,	incorporating	available	crystal	structures.	Cohesin	and	condensin	

ring	circumference	is	made	up	of	long	stretches	of	coiled-coil	of	the	two	SMC	subunits.	The	coiled-coil	

segments	 are	 connected	 at	 one	end	by	 a	 stable	dimerization	 interface	 known	as	 the	 “hinge”.	At	 the	

other	end	the	ATPase	domains	dimerize	in	the	presence	of	ATP.	An	enlargement	of	the	HEAD	complex	

is	shown.	The	exact	location	of	Scc3	is	speculative	(adapted	from	Uhlmann,	2016).	

	

hinge

Smc1 Smc3

Smc1 Smc3

Scc1

Scc3

hinge ATPase 

50 nm

C.A.

ATPase 

SMC subunits 
Cohesin Condensin

Kleisin 

HEAT subunits 

Smc1 Smc4

Smc3 Smc2

Scc1 Brn1

Scc3 Ycs4

Ycg1Pds5

B.



Introduction	 	 Nuclear	organization	

	

	 48	

are	spaced	at	intervals	of	10–15	kb	along	chromosomal	arms,	and	tend	to	correlate	with	

intergenic	 regions	 (Blat	 and	Kleckner,	 1999;	Glynn	 et	 al.,	 2004;	 Laloraya	 et	 al.,	 2000).	

The	 most	 notable	 cohesin	 binding	 site	 is	 the	 large	 pericentromeric	 region	 (~25	 kb),	

surrounding	the	small	(125	bp)	yeast	centromere.	The	role	of	pericentromeric	cohesion	

enrichment	 is	 to	 facilitate	 the	 proper	 biorientation	 of	 sister	 chromatids	 on	 the	

metaphase	 spindle	during	 sister	 chromatid	 segregation	 (see	 section	1.3.3.1)	 (Ng	et	 al.,	

2009).	 Experimental	 evidence	 have	 shown	 that	 cohesin	 complexes	 bind	 DNA	

dynamically	in	G1	(residence	time	of	several	minutes),	whereas	their	stability	increases	

after	DNA	replication	(residence	time	of	many	hours)	(Gerlich	et	al.,	2006).	This	process	

is	associated	with	the	establishment	of	sister	chromatid	cohesion	(Uhlmann	et	al.,	1999).		

The	structural	mechanism	by	which	cohesin	hold	chromosomes	 together	 is	 still	under	

debate.	The	ring-like	structure	of	the	cohesin	complex	has	 led	to	propose	the	so	called	

“embrace”	model.	This	model	suggests	that	the	sister	chromatids	are	embraced	together	

within	the	cohesin	ring.	Whereas,	other	models,	such	as	“snap”	and	“bracelet”,	postulate	

that	cohesin	binds	to	the	DNA	of	one	sister	chromatid	and	then	oligomerizes	with	one	or	

more	cohesin	molecules	bound	to	the	other	sister	chromatid	(Huang	et	al.,	2005).	

Altogether	 these	 studies	 have	 indicated	 that	 cohesins	 determine	 the	 topology	 of	

chromosomes	both	in	trans	by	holding	together	sister	chromatids,	and	in	cis	by	forming	

long-range	 interactions	 in-between	 chromatid’s	 binding	 sites	 (Aragon	 et	 al.,	 2013;	

Mizuguchi	et	al.,	2014;	Sofueva	et	al.,	2013).		

	

These	 observations	 emphasize	 a	 structural	 reorganization	 of	 chromosomes	 in	

interphase,	 that	 culminates	with	 the	 establishment	 of	 sister	 chromatid	 cohesion	 until	

their	segregation	in	mitosis.		
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1.3.3	Chromosome	segregation	during	M	phase		

The	eukaryotic	cell	undergoes	a	dramatic	reorganization	during	M	phase.	The	structure	

of	almost	every	subcellular	compartment/organelle	and	macromolecule	is	altered	so	to	

prepare	sister	chromatids	for	segregation.	These	processes	are	under	the	control	of	the	

mitotic	 cyclin-Cdk	 complexes	 (M-Cdks)	 (see	 section	 1.1.4.3;	 Figure	 4).	 M-Cdks	 are	

responsible	 for	 the	 assembly	 of	 the	mitotic	 spindle	 and	 its	 correct	 attachment	 to	 the	

replicated	chromosomes	(Alberts	et	al.,	2002).		

Mitosis	 is	 the	central	event	of	 the	M	phase	and	consists	 in	 the	equal	 separation	of	 the	

duplicated	chromosomes.	 In	most	eukaryotes,	DNA	damage	 in	S	phase	or	 in	G2	blocks	

the	entry	in	mitosis.	This	mechanism	avoids	that	the	cell	makes	a	potentially	dangerous	

attempt	to	segregate	damaged	chromosomes.	Conversely,	in	budding	yeast	mitotic	entry	

is	not	a	discrete	regulatory	transition.	In	the	presence	of	DNA	damage	cells	enter	mitosis	

but	 arrest	 in	metaphase.	 The	molecular	mechanism	of	 this	 arrest	most	 likely	 involves	

the	system	that	activates	sister	chromatid	separation	at	metaphase-anaphase	transition	

(Morgan,	 2007).	 This	 system	 involves	 the	 degradation	 of	 cohesins	 that	 hold	 together	

sister	chromatids,	after	their	duplication	until	they	establish	bipolar	attachments	to	the	

mitotic	spindle	in	metaphase	(Yeh	et	al.,	2008).	Condensins,	on	the	other	hand,	attempt	

to	resolve	sister	chromatids	by	counteracting	the	cohesins	(Guacci	et	al.,	1997;	Hirano,	

2012;	 Renshaw	 et	 al.,	 2010).	 The	 products	 of	 the	 balancing	 acts	 of	 cohesins	 and	

condensins	 are	metaphase	 chromosomes,	 in	which	 the	 two	 chromatids	 are	 connected	

primarily	 at	 the	 centromere.	 In	 anaphase,	 this	 connection	 is	 released	 by	 the	 action	 of	

separase	 that	 proteolytically	 cleaves	 the	 remaining	 cohesins	 (Amon,	 2001;	 Yu,	 2002).	

The	maintenance	of	 this	 tightly-held	chromatid	state	 is	a	prerequisite	 for	 the	accurate	

distribution	of	the	genetic	information	into	two	daughter	cells.	Chromosomes	need	to	be	

separated	without	 tangling	 to	 avoid	 breakage	 during	 segregation	 (Baxter	 and	Aragón,	

2012).		

These	mitotic	events	and	 the	mechanisms	 that	govern	 the	structural	 reorganization	of	

the	 chromatin	 during	 segregation	 are	 discussed	 in	 the	 next	 paragraphs	 of	 this	

manuscript.		

1.3.3.1	Mitotic	entry:	spindle	assembly	and	pericentromeric	chromatin	

The	molecular	machine	that	provides	the	force	to	separate	the	two	sets	of	chromosomes	

is	the	mitotic	spindle.	In	contrast	to	higher	eukaryotes,	S.	cerevisiae	undergoes	a	closed	

mitosis,	 in	 which	 the	 nuclear	 envelope	 remains	 intact	 throughout	 mitosis.	 Yeast’s	

spindle	is	a	relatively	simple	structure	that	departs	from	protein	complexes	embedded		
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Figure	 14	 Bioriented	 attachment	 of	mitotic	 chromosomes.	 Cohesed	 sister	 chromatids	 (cohesin,	

red	circle)	are	attached	at	the	level	of	the	centromeres	(yellow)	by	microtubules	(green),	originating	

from	opposite	spindle	pole	bodies	(SPBs).	Inset	shows	a	magnification	of	the	kinetochore-microtubule	

(k-MT)	attachment.	Tubulin	dimers	(α	and	β	monomers;	different	shades	of	green)	assemble	to	form	

oriented	microtubule	 fibres	with	structurally	 different	 ends,	 “+”	 and	“-”.	The	“-”	end	 associates	with	

the	 SPB	 while	 the	 “+”	 attaches	 the	 kinetochore	 (protein	 complex	 assembled	 on	 the	 centromere;	

different	shades	of	blue).		
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in	the	nuclear	envelope,	called	spindle	pole	bodies	(SPBs,	microtubule-organizing	centre	

in	 yeast)	 (Jaspersen	 and	 Winey,	 2004;	 Yoder	 et	 al.,	 2003).	 The	 spindle	 apparatus	

contains	 three	 types	 of	 microtubules.	 Short	 kinetochore	 microtubules	 (k-MT)	 are	

responsible	 for	 tethering	 centromeres	 anchored	 at	 the	 SPBs	 throughout	 the	 cell	 cycle	

(Kitamura	et	al.,	2007).	Long	interpolar	microtubules	link	the	two	SPBs	and	intersect	in	

the	spindle	midzone.	Whereas	the	astral	microtubules	extend	away	from	the	SPBs	inside	

the	 cytoplasm	 and	 are	 involved	 in	 spindle	 anchoring	 and	 positioning	 inside	 the	 cell	

(Peterson	and	Ris,	1976;	Winey	and	Bloom,	2012).		

During	 entry	 into	 mitosis	 a	 bipolar	 array	 of	 interpolar	 microtubules	 nucleates	 and	

extends	 from	 the	duplicated	SPBs,	 causing	 the	migration	of	 the	 two	SPBs	 towards	 the	

opposite	site	of	the	nucleus.	Simultaneously,	each	chromatid	has	to	be	correctly	attached	

to	an	individual	k-MT	via	the	kinetochore,	a	large	protein	complex	that	assembles	on	the	

centromeric	 DNA.	 The	 attachment	 of	 all	 sister	 chromatids	 has	 to	 occur	 in	 a	 bipolar	

manner	 or	 “biorientated”,	 with	 the	 two	 chromatids	 bound	 to	 k-MTs	 originating	 from	

opposite	 poles	 (Figure	 14).	 As	 microtubule	 attachment	 to	 kinetochores	 proceeds	

through	 a	 random	 “search	 and	 capture”	mechanism,	 it	 does	 not	 guarantee	 the	 proper	

sister	 chromatid	 orientation	 (Winey	 and	 Bloom,	 2012;	Winey	 et	 al.,	 1995).	 Dedicated	

surveillance	mechanisms	monitor	 the	correct	orientation	of	 this	process	 to	ensure	 the	

faithful	segregation	of	the	chromatids	(Gillett	et	al.,	2004).		

Cells	determine	 if	sister	chromatids	are	properly	attached	and	oriented	on	the	spindle	

by	 monitoring	 the	 status	 of	 tension	 at	 sister-kinetochores.	 Tension	 is	 generated	 at	

kinetochores	 when	 cohesin	 complexes,	 linking	 together	 sister	 chromatids,	 resist	 the	

pulling	force	exerted	by	the	microtubules	(Stern	and	Murray,	2001).		

The	 16	 kinetochore	microtubules	 (~0.35	 μm	 long)	 and	 the	 4	 interpolar	microtubules	

(~1	μm	long)	yield	~20	μm	of	microtubule	polymer	in	the	spindle	with	an	approximate	

mass	of	3.25	x	106	kDa.	The	mass	of	the	DNA	in	a	cell	is	~10	x	106	kDa,	thus	the	spindle	

represents	 approximately	 1/3	 the	 mass	 of	 the	 DNA	 and	 only	 1/6	 the	 mass	 of	 the	

chromatin.	This	has	raised	questions	about	how	the	spindle	alone	can	generate	a	force	

sufficient	 to	 promote	 chromatid	 segregation.	 Recently,	 it	 has	 been	 suggested	 that	 the	

pericentromeric	 chromatin	 (~25	 kb	 around	 the	 kinetochore)	 constitutes	 the	 elastic	

component	 of	 the	 spindle	 (Figure	 15).	 Interestingly,	 cohesin	 and	 condensin	 are	 three	

fold	enriched	in	the	pericentromeric	chromatin	where	they	may	contribute	to	the	elastic	

properties	of	this	region	(D’Ambrosio	et	al.,	2008a;	Glynn	et	al.,	2004;	Yeh	et	al.,	2008).	

Moreover,	they	show	distinct	distribution	patterns:	cohesins	are	radially	displaced	from	

the	 spindle	 microtubules	 while	 condensins	 localize	 proximal	 on	 the	 spindle	 axis	

(Bachellier-Bassi	et	al.,	2008;	Yeh	et	al.,	2008).	It	was	suggested	that	this	chromosomal	
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Figure	15	A	spring	of	pericentromeric	chromatin	in	metaphase.	Bioriented	attachment	of	cohesed	

sister	chromatids	 (see	Figure	14)	 generates	kinetochore	 tension.	 Inset	shows	a	magnification	of	 the	

pericentromeric	 chromatin:	 cohesin	 rings	 are	 radially	 enriched	 around	 the	 centromere	where	 they	

oppose	the	pulling	force	of	the	k-MT	and	contribute	to	the	elastic	properties	of	this	region.		
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region	is	organized	in	“pericentric	chromatin	loops”,	forming	a	molecular	spring		(Yeh	et	

al.,	2008).	The	spring	is	bound	to	the	spindle	at	the	kinetochore/microtubule	 interface	

and	provides	an	inward	force	to	counterbalance	the	outward-pulling	force	generated	by	

the	kinetochore	and	spindle	(Winey	and	Bloom,	2012).		

1.3.3.2	Metaphase	to	anaphase	transition		

Kinetochore-microtubule	attachments	 that	 fail	 to	generate	 tension	activate	 the	spindle	

assembly	 checkpoint	 (SAC)	 (Gillett	 et	 al.,	 2004;	 London	 and	 Biggins,	 2014).	 SAC	

activation	 delays	 the	 metaphase-anaphase	 transition	 until	 all	 sister	 chromatids	 are	

properly	 bioriented	 on	 the	 spindle.	 For	 instance,	 the	 treatment	 with	 the	microtubule	

disrupting	 agent	 nocodazole	 leads	 to	 SAC	 activation	 and	 causes	 cells	 to	 permanently	

arrest	 in	 a	 pre-anaphase	 (G2/M)	 state.	 Upon	 removal	 of	 nocodazole,	 cells	 rapidly	

reassemble	the	spindle	and	the	chromosome	biorientation	(Jacobs	et	al.,	1988a;	Li	and	

Murray,	 1991).	 Only	 when	 tension	 is	 detected	 across	 all	 sister	 chromatids,	 SAC	 is	

deactivated	 and	metaphase	 proceed	 into	 anaphase	 (Figure	 16)	 (Ng	 et	 al.,	 2009;	 Stern	

and	Murray,	2001).	Cohesin	cleavage	marks	the	transition	from	metaphase	to	anaphase	

and	requires	the	activity	of	anaphase	promoting	complex	(APC)	(Uhlmann	et	al.,	1999;	

Visintin	et	al.,	1997).	This	molecular	machinery	attaches	ubiquitin	to	lysine	residues	and	

targets	the	associated	proteins	for	proteasome	degradation	(Peters,	2002).	APC	activity	

is	 regulated	 by	 its	 association	 with	 the	 so-called	 “coactivators”,	 that	 are	 thought	 to	

present	 specific	 substrates	 to	 APC	 for	 ubiquitylation.	 In	 budding	 yeast,	 there	 are	 two	

possible	 coactivators,	Cdc20	and	Cdh1	 (Visintin	et	 al.,	 1997).	Cdc20	 is	 targeted	by	 the	

SAC	 and	 becomes	 active	 at	 metaphase-anaphase	 transition,	 when	 the	 checkpoint	 is	

deactivated	 (Yu,	 2002).	 APC-Cdc20	 complex	 is	 responsible	 for	 triggering	 the	

degradation	 of	 the	 anaphase	 inhibitor	 known	 as	 securin	 (Pds1)	 that,	 consequently,	

releases	separase	(Esp1)	(Ciosk	et	al.,	1998).	Esp1	is	then	free	to	cleave	Scc1	subunit	of	

the	cohesin	and	trigger	sister	chromatid	separation	(Ciosk	et	al.,	1998;	Uhlmann	et	al.,	

1999).	 Thus,	 Cdc20	 is	 essential	 for	 anaphase	 onset.	 Cdh1	 is	 not	 required	 for	

chromosome	 segregation,	 but	 is	 activated	 later	 in	 the	 cell	 cycle	 where	 it	 promotes	

mitotic	exit	by	targeting	cyclins	for	degradation	(Visintin	et	al.,	1997).		
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Figure	16	 Chromosome	segregation	 occurs	 at	metaphase	 to	 anaphase	 transition.	Kinetochore	

tension	(see	Figure	15)	 inactivates	the	spindle	assembly	checkpoint	(SAC),	 that	allows	the	anaphase	

promoting	 complex	 (APC)	 to	 bind	 to	 its	 coactivator,	 Cdc20.	APC-Cdc20	 leads	 to	 the	 degradation	 of	

securin	(Pds1)	and	 the	 release	 of	 the	separase	(Esp1).	The	activated	Esp1	 cleaves	 the	 cohesin	rings	

and	triggers	the		segregation	of	the	sister	chromatids.		
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1.3.3.3	Mitotic	exit:	early	to	late	anaphase	

The	degradation	of	 the	mitotic	 cyclins	by	 the	APC-Cdc20/Cdh1	 leads	 to	a	 reduction	of	

Cdk	 activity	 (Figure	 17A)	 (Yeong	 et	 al.,	 2000).	 	Whereas,	 the	 complete	 inactivation	 of	

Cdk	is	achieved	with	the	activation	of	Cdc14	phosphatase,	that	triggers	the	crucial	steps	

during	mitotic	exit	(Visintin	et	al.,	1998).		

Many	 mitotic	 processes,	 such	 as	 chromatids	 segregation,	 nuclear	 positioning,	 mitotic	

spindle	 disassembly	 and	 cytokinesis	 are	 irreversible.	 Therefore,	 the	 activity	 of	 Cdc14	

needs	to	be	tightly	coordinated	with	the	rest	of	the	mitotic	events.	One	mechanism	relies	

on	 changes	 in	 the	 subcellular	 localization	 of	 the	 phosphatase	 (Figure	 17B).	 Until	

metaphase,	 Cdc14	 is	 kept	 inactive	 in	 the	 nucleolus	 in	 complex	with	 its	 inhibitor	Net1	

(Visintin	 et	 al.,	 1999).	 At	 the	 onset	 of	 anaphase,	 the	 fourteen	 early	 anaphase	 release	

(FEAR)	 network	 promotes	 a	 transient	 nuclear	 release	 of	 Cdc14	 from	 its	 nucleolar	

inhibitor	 (see	 section	 1.3.3.4).	 The	 active	 Cdc14	 spreads	 in	 the	 nucleus	 and	 in	 the	

cytoplasm,	 where	 it	 dephosphorylates	 its	 substrates	 (D’Amours	 and	 Amon,	 2004;	

Stegmeier	et	al.,	2002;	Yoshida	et	al.,	2002).	During	later	stages	in	anaphase,	a	sustained	

release	 of	 the	 phosphatase	 drives	 the	 conclusive	 mitotic	 exit,	 allowing	 cells	 to	 enter	

cytokinesis.	 After	 the	 exit	 from	 mitosis	 is	 completed,	 Cdc14	 is	 re-sequestered	 in	 the	

nucleolus	(Amon,	2008;	Sullivan	and	Uhlmann,	2003).		
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Figure	 17	 Temporal	 and	 spatial	 regulation	 of	 Cdc14	 activation	 during	 the	 cell	 cycle	

progression.	 (A)	 Graph	 shows	 how	 the	 levels	 of	 the	 three	 major	 cyclin-Cdk	 complexes	 oscillate	

during	 the	 cell	 cycle	 progression	 (see	 Figure	 4).	 (B)	 Cdc14	 cellular	 localization.	 Inactive	 Cdc14	 is	

sequestered	 inside	 the	nucleolus	(in	complex	with	Net1,	 red	plain	 circle)	 till	 anaphase,	when	a	 first	

release	 induces	 its	enrichment	 in	the	nucleus	and	cytoplasm.	A	successive	prominent	release	 in	 late	

anaphase	drives	the	mitotic	exit.	The	main	function	of	Cdc14	released,	together	with	APC-Cdc20,	is	to	

inactivate	M-Cdk	(Cdk	off)	and	exit	mitosis.		
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1.3.3.4	Mitotic	exit:	rDNA	condensation	and	segregation	in	anaphase			

Here	 we	 focus	 on	 the	 role	 described	 for	 FEAR	 network	 in	 chromosome	 segregation,	

specifically	in	the	segregation	of	heterochromatic/repetitive	regions	of	the	genome.		

In	 1917	 Guilliermondii	 observed	 that	 the	 nucleolus	 of	 the	 yeast	 Schizosaccharomyces	

octosporus	separates	much	later	than	the	rest	of	the	nucleus	in	meiosis.	This	observation	

has	 been	 confirmed	 in	 Saccharomyces	 cerevisiae,	 in	 which	 the	 repetitive	

heterochromatic	sequences	(e.g.	telomeres	and	rDNA)	show	the	same	trend	(Straight	et	

al.,	1997).	Eukaryotic	genomes	contain	many	rDNA	gene	copies,	ranging	from	hundreds	

to	 thousands	 in	 some	 plants,	 organized	 in	 tandem	 arrays	 and	 distributed	 among	

different	 chromosomes	 (Santoro,	 2005).	 In	 humans,	 rDNA	 genes	 are	 located	 between	

the	short	arm	and	the	satellite	body	of	acrocentric	chromosomes	13,	14,	15,	21,	and	26.	

In	budding	yeast,	rDNA	genes	are	located	chromosome	12	(chr12R)	in	a	tandem	array	of	

100–200	 copies	 and	 represent	 almost	 10%	 of	 the	 yeast	 genome	 (Figure	 9;	 18A)	

(Johnston	et	al.,	1997;	Yang	et	al.,	1989).	As	Chr12	is	the	longest	chromosome	in	yeast,	a	

key	 issue	 with	 the	 segregation	 of	 the	 rDNA-bearing	 arm	 is	 the	 reduction	 of	 its	 size.	

During	anaphase,	this	chromosomal	arm	is	shortened	to	a	length	at	least	half	the	length	

of	the	anaphase	spindle	(Machín	et	al.,	2005).	An	extensive	characterization	of	the	role	

of	 FEAR	 in	 chromosome	 segregation	 revealed	 that	 Cdc14	 is	 activated	 during	 early	

anaphase	 and	 is	 necessary	 to	 promote	 the	 efficient	 segregation	 of	 the	 rDNA	 and	

telomeres,	 but	 not	 for	 the	 segregation	 of	 other	 regions	 of	 the	 genome	 (Figure	 18B)	

(D’Amours	 et	 al.,	 2004;	 Sullivan	 et	 al.,	 2004).	 Several	 observations	 pointed	 out	 the	

possibility	 that	 Cdc14	 mediates	 rDNA	 segregation	 by	 promoting	 the	 enrichment	 of	

condensins	at	 this	 locus	 (Bhalla	 et	 al.,	 2002).	As	 cohesins,	 condensins	are	members	of	

the	structural	maintenance	of	chromosome	(SMC)	proteins	 (see	section	1.3.2.3;	Figure	

13).	Briefly,	the	backbone	of	these	ring-like	complexes	is	formed	by	members	of	the	SMC	

family	 (Smc2	and	Smc4)	and	 is	 closed	by	kleisin	proteins	 (Brn1)	 (Aragon	et	 al.,	 2013;	

Haering	 et	 al.,	 2002).	 Unlike	 cohesins,	 which	 form	 inter-sister	 chromatids	 linkages,	

condensins	 are	 thought	 to	 build	 intra-sister	 linkages	 and	 stabilize	 chromatin	 loops	

(Cuylen	et	al.,	 2011).	Condensins	are	highly	enriched	at	 centromeres,	 telomeres,	 tRNA	

genes	 and	 rDNA	 locus	 (D’Ambrosio	 et	 al.,	 2008b;	 Wang	 et	 al.,	 2005).	 Cells	 carrying	

mutation	 in	 subunits	 of	 the	 condensin	 complex	 exhibit	 nucleolar	 segregation	 defects	

similar	to	that	of	a	Cdc14	loss	of	function	mutant	(Figure	18B;	19A,	smc2-8	and	ycg1-10)	

(D’Amours	 et	 al.,	 2004;	 Strunnikov	 et	 al.,	 1995;	 Sullivan	 et	 al.,	 2004).	 CDC14	

overexpression	induces	ectopic	enrichment	of	condensin	at	the	rDNA	locus	and	ectopic	

rDNA	segregation	(D’Amours	et	al.,	2004).	Whereas,	the	inactivation	of	condensin	in		
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Figure	 18	 Cdc14	 is	 required	 for	 rDNA	 segregation	 in	 late	 anaphase.	 (A)	 Schema	 shows	 the	

location	 of	 rDNA	 locus	 (red)	 on	 the	 right	 arm	 of	 chromosomes	 12.	 This	 locus	 consists	 of	

approximately	 150	 copies	 of	 ribosomal	 RNA	 genes	 (5S,	 18S,	 5.8S,	 25S),	 repeated	 in	 tandem	 and	

accounting	 for	1-2	Mb.	 (B)	Representative	FISH	 images	of	budding	yeast	cells	show	defects	of	rDNA	

(red)	 segregation	 in	 cdc14	 mutant,	 whereas	 the	 rest	 of	 the	 genome	 is	 not	 affected	 (blue).	 This	

segregation	 defect	 is	 absent	 in	 cells	 arrested	 in	 a	 later	 stage	 of	 anaphase	 (cdc15)	 (adapted	 from	

Sullivan	et	al.,	2004).		
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CDC14	 overexpressing	 cells	 prevents	 rDNA	 segregation	 (D’Amours	 et	 al.,	 2004).	

Furthermore,	recently	it	has	been	shown	that	Cdc14	promotes	the	removal	of	RNA	Pol	I	

subunit	from	the	nucleolus,	thereby	inhibiting	the	transcription	of	the	rDNA	in	anaphase	

(Clemente-Blanco	et	al.,	2009;	Machín	et	al.,	2006).	The	transcriptional	silencing	of	rDNA	

genes	 (Cdc14-dependent)	 during	 anaphase	 is	 thought	 to	 be	 necessary	 for	 the	

condensins	(e.g.	Smc2	and	Ycg1)	to	access	and	achieve	condensation	at	the	rDNA	locus,	

from	a	“puff”	to	a	“line”	structure	(Figure	19B).		

Condensin	binding	to	chromosome	arms	during	anaphase	enables	supercoiling	(Baxter	

et	al.,	2011)	of	stretched	chromosomes	and	promotes	the	complete	removal	of	residual	

cohesin	 (Renshaw	 et	 al.,	 2010).	 During	 this	 process	 of	 segregation,	 the	 action	 of	

codensin	is	assisted	by	other	enzymes,	such	as	topoisomerase	2	(Top2)	that	solves	DNA	

topological	problems,	such	as	catenates	(Nitiss,	2009).	These	can	arise	form	difficulties	

to	 replicate	 regions	 (e.g.	 rDNA)	 or	 an	 excessive	 condensin-mediated	 supercoiling	

(Baxter	 and	 Aragón,	 2012;	 Sullivan	 et	 al.,	 2004).	 It	 has	 been	 observed	 that	 Top2	

mutations	impede	rDNA	segregation	but	not	its	condensation	(Figure	19A,	B	top2-4	and	

top2-5)	(Sullivan	et	al.,	2004).	This	has	led	to	the	proposal	that	the	condensin-dependent	

rDNA	 supercoiling	 may	 facilitate	 decatenation	 by	 Top2	 (Baxter	 and	 Aragón,	 2012;	

D’Ambrosio	et	al.,	2008b).		
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Figure	 19	 Condensin	 and	 Cdc14	 are	 required	 for	 rDNA	 condensation	 and	 segregation.	 (A)	

Condensin	 (smc2-8	 and	 ycg1-10)	 and	 topoisomerase	 2	 (top2-2	 and	 top2-5)	 are	 required	 during	

anaphase	 for	 the	 resolution	 and	 segregation	 of	 the	 rDNA.	 (B)	 rDNA	 condensation	 (short	 line-like	

structures)	in	anaphase	is	dependent	on	Cdc14	and	condensin	but	not	on	Top2	(adapted	from	Sullivan	

et	al.,	2004).		
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2.1	Chromosome	dynamics	during	the	cell	cycle
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Abstract

Duplication and segregation of chromosomes involves dynamic

reorganization of their internal structure by conserved architec-

tural proteins, including the structural maintenance of chromo-

somes (SMC) complexes cohesin and condensin. Despite active

investigation of the roles of these factors, a genome-wide view of

dynamic chromosome architecture at both small and large scale

during cell division is still missing. Here, we report the first

comprehensive 4D analysis of the higher-order organization of the

Saccharomyces cerevisiae genome throughout the cell cycle and

investigate the roles of SMC complexes in controlling structural

transitions. During replication, cohesion establishment promotes

numerous long-range intra-chromosomal contacts and correlates

with the individualization of chromosomes, which culminates at

metaphase. In anaphase, mitotic chromosomes are abruptly reor-

ganized depending on mechanical forces exerted by the mitotic

spindle. Formation of a condensin-dependent loop bridging the

centromere cluster with the rDNA loci suggests that condensin-

mediated forces may also directly facilitate segregation. This work

therefore comprehensively recapitulates cell cycle-dependent

chromosome dynamics in a unicellular eukaryote, but also unveils

new features of chromosome structural reorganization during

highly conserved stages of cell division.
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Introduction

The chromosomes of prokaryotes and eukaryotes display multiple

levels of hierarchical organization, whose dynamic changes influ-

ence or regulate metabolic processes including gene expression and

DNA replication and repair (Taddei & Gasser, 2012; Wang et al,

2013; Dekker & Mirny, 2016). The improper coordination of chro-

mosome condensation and segregation during the cell cycle can lead

to important structural abnormalities and result in cell death or

diseases such as cancer (Valton & Dekker, 2016). In recent years,

major advances in imaging and chromosome conformation capture

approaches (Dekker et al, 2002; Lieberman-Aiden et al, 2009; 3C,

Hi-C) have complemented earlier work by describing at an unprece-

dented resolution the multiple hierarchical layers of genome organi-

zation. A variety of remarkable 3D chromosomal structures have

been described in a number of species, including in unicellular

organisms such as bacteria and yeasts.

The genome of budding yeast Saccharomyces cerevisiae presents

a Rabl organization driven by (i) centromeres clustering at the

spindle pole body (SPB, S. cerevisiae microtubule organizing

center), (ii) telomeres tethering to the nuclear envelope, (iii) the

nucleolus where the rDNA is sequestered opposite to the SPB, and

(iv) chromosome arm length (Burgess & Kleckner, 1999; Taddei &

Gasser, 2012). Hi-C experiments have confirmed this Rabl organiza-

tion, but the existence of sub-megabase structures within yeast chro-

mosomes similar to mammalian topological associated domains or

their bacterial equivalent is still controversial (Duan et al, 2010;

Hsieh et al, 2015; Eser et al, 2017). Importantly, genomic analysis

of chromosome 3D architectures has usually been done using asyn-

chronous populations, in which cells are found in various stages of

the cell cycle. However, the initiation and progression of replication,

followed by the segregation of the sister chromatids (SCs) into

daughter cells, is expected to modify the genome higher-order
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organization. Recent studies have unveiled cell-cycle stage-specific

genome-wide topological variations in bacteria, yeast, fly, and

mammals (Naumova et al, 2013; Guidi et al, 2015; Marbouty et al,

2015; Hug et al, 2017). As expected, in all species the largest reorga-

nization transition is associated with SC condensation, a fundamen-

tal process occurring concomitantly to their individualization, and

facilitating their proper segregation.

Pioneer studies on yeasts proved essential to study these

processes. Mutations in cell-division cycle (cdc; Hartwell et al,

1973) genes can block the cell cycle progression, enabling the study

of global and/or local chromosome reorganization at specific cycle

phases (Hartwell et al, 1973; Guacci et al, 1994; Sullivan et al,

2004; Renshaw et al, 2010; Rock & Amon, 2011). The evolutionary

conserved structural maintenance of chromosomes (SMC) proteins

bind to chromosomes and modify their structure in spatially and

temporarily regulated manner during the cell cycle (Aragon et al,

2013; Uhlmann, 2016). Cohesins, such as Scc1, promote SC cohe-

sion during DNA replication (Blat & Kleckner, 1999; Glynn et al,

2004) and get cleaved at the metaphase-to-anaphase transition

(Uhlmann et al, 1999). At the same time, condensins such as Smc2

are loaded onto SCs to facilitate their segregation (Renshaw et al,

2010; Stephens et al, 2011; Hirano, 2012). In fission yeast, the bind-

ing of SMCs modifies the level of chromosome compaction defined

as the ratio between long (> 10 kb)- and short-range (< 10 kb)

contacts at specific loci (Mizuguchi et al, 2014; Kim et al, 2016).

While Hi-C studies on mammalian and drosophila cells have con-

firmed this compaction change and provided important insights

on the organization of mitotic chromosomes’ internal structure

(Naumova et al, 2013; Hug et al, 2017), no comprehensive analysis

of the 4D dynamics of the chromosomes during an entire eukaryotic

cell cycle has been achieved. To explore new chromosomal struc-

tural features over the cell cycle progression, we analyzed the inter-

nal folding and overall organization of S. cerevisiae genome over 15

synchronized time points and the role of cohesin and condensin

using Hi-C (Dekker et al, 2002; Lieberman-Aiden et al, 2009). This

analysis provides a broad overview and in-depth insight on

SMC-dependent structural transitions resulting in chromosome

individualization and segregation, including a potential role for a

condensin-dependent loop in contributing to the segregation of the

rDNA cluster.

Results

Comparison of chromosome contact maps of synchronized cells

Hi-C libraries were generated from cell cultures synchronized in G1

with elutriation (Marbouty et al, 2014) and/or arrested at different

stages of the cell cycle through thermosensitive (ts) cdc mutations

(Fig 1A; Hartwell et al, 1973). After sequencing, the corresponding

normalized genome-wide contact maps were computed (bin: 5 kb;

Fig 1C and D, left panels; Fig EV1; Materials and Methods; Cournac

et al, 2012).

These 2D maps were translated into 3D representations to visual-

ize the main folding features (Lesne et al, 2014; e.g., centromeres

and telomeres clustering in G1; Figs 1B and EV1). These 3D struc-

tures are average representations of the contact frequencies quanti-

fied over a population of cells and therefore do not represent the

exact structure found in individual cells. For instance, on these 3D

representations all the telomeres loosely cluster together. In a single

nucleus, telomeres rather form small groups scattered all around the

nuclear membrane (Taddei & Gasser, 2012). Since in different cells

the composition of these clusters differs, all telomeres end up being

regrouped together in the average 3D structure that reflects the

population average of contacts. In addition, they are not polymer

models and cannot be interpreted as such. Nevertheless, these

representations conveniently highlight important structural features

not readily apparent in the 2D maps (Mercy et al, 2017).

The differences between two conditions were determined by

computing the log-ratio between the maps (bin: 5 kb; Fig 1C; Mate-

rials and Methods). The color scale reflects the variations in contact

frequency for each bin between two different contact maps. The

ratio of contact maps generated from two independent G1 cell popu-

lations (experimental replicates) displays a relatively homogenous

white (i.e., null) signal, corresponding to little differences between

them (Fig 1C, right panel). These minor variations between the

maps result in occasional faint colored areas and reflect experimen-

tal noise (Appendix and Materials and Methods). On the other hand,

the ratio between exponentially growing G1 and quiescent G0 cells

contact maps (Fig 1D, right panel) shows a strong difference in

inter-telomere contact frequencies, reflecting the formation of the

telomeres hyper-cluster characteristic of the G0 metabolic state

(Guidi et al, 2015; Fig 1D, black arrowheads).

Multiple maps can also be compared altogether by computing

their pairwise distance matrix, showing that the genome organiza-

tion of cells in anaphase (cdc15) differs the most compared to

other time points (Fig 1E; Materials and Methods). The overall

similarities/differences between datasets can then be summarized

using principal component analysis (PCA; Fig 1F). This 2D repre-

sentation shows that the experimental duplicates (such as G1, or

anaphase cdc15) clustered together, while the distance increases

progressively between G1 (obtained with either elutriation or cdc6

ts mutant), metaphase (cdc20), and the distant anaphase (cdc15)

datasets.

Altogether, these comparisons highlight major changes in chro-

mosome higher-order architecture taking place in cells progressing

throughout the cell cycle into metaphase and anaphase.

Cohesin-mediated compaction during S phase

To decipher the chromosome structural changes that take place

during replication, synchronized G1 cells were released into S phase

and Hi-C maps generated for six time points sampled from two inde-

pendent kinetics (Figs 2A and EV2; Materials and Methods). The

PCA reveals a progressive structural evolution from G1 to late S/G2

phase (Fig 2B). The dependency of the contact probability P

on genomic distance reflects the chromosome compaction state

(Lieberman-Aiden et al, 2009; Naumova et al, 2013; Mizuguchi

et al, 2014). The P(s) shows a gradual and consistent enrichment in

long-range intra-chromosomal contacts (> 20 kb) with respect to

short-range (< 10 kb) during replication (Fig 2C). This compaction

change is absent when replication is impaired, for instance, in the

absence of the replication-checkpoint regulator cdc6 (Piatti et al,

1995), even though cells enter mitosis and engage into segregation

of non-replicated chromosomes (Fig 2D, left panel). The progressive

increase in long-range contacts stops with the completion of S

The EMBO Journal ª 2017 The Authors

The EMBO Journal Chromosome 3D transitions during the cell cycle Luciana Lazar-Stefanita et al

2

Published online: July 20, 2017 



phase, when it reaches the level observed in cells arrested at the

G2/metaphase transition (G/M) with the microtubule-depolymer-

izing drug nocodazole (Jacobs et al, 1988; Fig 2D, middle panel).

The crossing of the P(s) slopes from the early to late replication time

points occurs around 10–20 kb (Fig 2C, highlighted in gray), a

window within the range of the spacing reported between cohesin

binding sites (~11 kb on average; Glynn et al, 2004), suggesting that

this change in compaction could be due to cohesin activity. In agree-

ment with the key role of cohesin in sister-chromatid folding during

replication, Scc1 depletion using an auxin-inducible degron scc1-aid

strain prevents the enrichment in long-range contacts in S/G2

(Fig 2D, right panel). This result supports the hypothesis that

distant regions enriched in cohesin are tethered together, resulting

in chromatin loops (Guillou et al, 2010).

Chromosome compaction is concomitant with

chromosome individualization

The Scc1-dependent compaction occurs concomitantly with a

gradual individualization of the SC pairs throughout replication, as

shown by the overall increase in the ratio between intra- and

inter-chromosomal contacts from 63 ! 10% in G1 (six time points)

to 73 ! 4% in S/G2 (four time points) and illustrated by the ratio

between G1 and G2 maps (Fig 2E, top right ratio). In sharp

contrast to this overall decrease in inter-chromosomal contacts, the

centromeres of different chromosome tend to strongly cluster in

G2. In the absence of the cohesin Scc1, intra-chromosomal contacts

in G2 cells decrease to levels similar to or even below G1 (Fig 2E,

bottom left ratio), while the major binding sites for cohesin (i.e.,

centromeres; Glynn et al, 2004) also exhibit a reduced level of

contacts (Fig 2F; Appendix Fig S1). These results suggest that cohe-

sins affect the genome organization through the gradual compac-

tion of SC, the clustering of centromeres, and chromosome

individualization. Although yeast chromosomes are shorter than

mammalian chromosomes, they similarly change their internal

conformation and individualize themselves prior to entering meta-

phase.

Spatial resolution of the replication timing program

In budding yeast, replication initiates at discrete autonomously repli-

cating sequences (ARSs; Brewer & Fangman, 1987). ARSs display
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Figure 1. Comparison of genome structures recovered from five synchronized stages over the cell cycle.

A Overview of the different synchronization time points with corresponding FACS profiles and representative images of DAPI-stained cells.

B 3D average representation of the Hi-C contact map of a yeast G1 population. The color code reflects chromosomal arm lengths, and centromeres, telomeres, and

rDNA are highlighted.

C, D Comparison of contact maps. The 16 yeast chromosomes are displayed atop the maps. Black arrowheads: inter-telomere contacts. Yellow arrowheads: inter-

centromeric contacts. Left panels: Hi-C maps obtained from two G1 cell populations synchronized independently (C) and from G1 and G0 populations (D). Brown to

yellow color scales reflect high to low contact frequencies, respectively (log10). Right panels: log-ratio between each pair of maps. Insets display magnifications of

chr4. Blue to red color scales reflect the enrichment in contacts in one population with respect to the other (log2).

E Pairwise Euclidian distances between contact maps of populations of G0, G1 either synchronized with elutriation or blocked using a cdc6 mutant, metaphase

(cdc20 mutant), and anaphase (cdc15 mutant) cells. Color code: contact map similarity.

F Principal component analysis (PCA) of the distance matrix in (E).
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partially stochastic activation, with only a subset of origins activated

early during S phase. The distribution of early origins is uneven,

with an enrichment in pericentromeric regions, and a depletion in

subtelomeric regions. The genome-wide pattern of ARS activation

timing defines a population-average replication timing program

(Raghuraman et al, 2001). To investigate the link between genome

organization and replication timing, the read coverage of the Hi-C

libraries was used to compute the replication timing profile of the

cell population for each of the time point, and follow their progres-

sion through S phase. The average profile correlates well with previ-

ously published pattern (Raghuraman et al, 2001; McCune et al,

2008; Fig 3A; Materials and Methods). To visualize the progression

of replication on the higher-order architecture of the genome, we

colored the 3D structures recovered from three early replication time

points according to their replication progression status. The

superimposition of the three structures recapitulates intuitive proper-

ties of yeast replication program, with a “replication wave” propa-

gating from the centromeric regions enriched in early origins,

through chromosomal arms, and toward the late replicating

subtelomeric regions (Fig 3B and C; red and blue signal, respec-

tively).

We also asked whether our data support the proposed co-locali-

zation of adjacent early replication origins (Kitamura et al, 2006;

Knott et al, 2012; Saner et al, 2013). We found a statistically signifi-

cant enrichment in contacts between these positions and their

surrounding regions, but whether it results from an active co-locali-

zation or from their positioning in the pericentromeric regions co-

localized due to the Rabl organization remains unclear (not shown).

More analyses are required to solve this question and integrate the

different observations.
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Figure 2. Dynamic reorganization of chromosomes during replication.

A FACS profiles and representative DAPI-stained cells of G1 synchronized cells released in S phase.

B PCA of the distance matrix between the contact maps of the population displayed in (A).

C P(s), that is, average intra-chromosomal contact frequency P between two loci with respect to their genomic distance s along the chromosome (log–log scale) during

replication (color code identical to FACS profiles and PCA).

D Left panel: P(s) of replication-defective cells (cdc6 thermosensitive mutant). G1 elutriated cells were released for 3 h and 6 h in non-permissive conditions. The

corresponding FACS profiles show no S-phase progression. Middle panel: P(s) of cells that completed replication. G1 elutriated cells were released in S phase in the

absence or presence of nocodazole (G2/M noc). Right panel: P(s) of cohesin-depleted (scc1 G2) and nocodazole-arrested cells.

E Log-ratio of contact maps between G2 and G1 cells (top right) and scc1 G2 and G1 cells (bottom left). Blue to red color scales reflect the enrichment in contacts in

one population with respect to the other (log2). Yellow arrowheads: inter-centromere contacts.

F Normalized contact frequencies between chr3 centromere (cen3; yellow arrowhead) and the rest of the genome for G1, G2, and scc1 G2.
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Global structural changes during mitotic transitions

After replication, cells progress into mitosis (M phase). During

metaphase, microtubules originating from opposite SPBs attach to

the kinetochores of the two SCs (London & Biggins, 2014). The

anaphase-promoting complex (APC) co-activator Cdc20 is essential

for the proper activation of separase, resulting in the cleavage of

cohesin and SC segregation in anaphase (Uhlmann et al, 1999;

Visintin et al, 1997; 20). In the absence of Cdc20, cohesins are not

cleaved and cells remain blocked in metaphase. Another key player

in mitosis progression is the Cdc15 kinase which promotes mitotic

exit at the end of anaphase by activating cytokinesis (Rock & Amon,

2011). In the absence of Cdc15, cells are therefore blocked into late

anaphase. The higher-order changes in the organization of chromo-

somes that take place during metaphase and anaphase were investi-

gated using populations of cells synchronized with conditional

mutants of cdc20 and cdc15, respectively. Contact maps of cdc20-,

cdc15-, and cdc15-arrested cells released into permissive conditions

were generated to characterize chromosome reorganization through-

out M phase (Figs 4A and EV3; Materials and Methods). PCA shows

that the major structural change occurs during mitotic exit and that

cells released from the cdc15 arrest display after 60 min a G1-like

genome structure, reflecting the fact that the entire cell cycle is now

covered by our analysis (Fig 4B). The P(s) reveals a strong increase

in short-range contacts (< 10–20 kb) from G2 to anaphase,

exceeding G1 levels which are only restored after anaphase comple-

tion (Fig 4C, left panel). This increase in short-range contacts and

the accompanying drop in long-range contacts suggest the formation

of an elongated, stretched structure. Upon spindle destabilization

using the microtubule-depolymerizing drug nocodazole in cdc15-

arrested cells (cdc15 noc), the two segregated chromosomal masses

get closer as shown by imaging of DAPI-stained cells (Fig 4C, inset;

Fig EV4; Materials and Methods), in agreement with former reports

(Jacobs et al, 1988). In these cells, the stretched chromosomal struc-

ture disappears as shown by a P(s) that now overlaps the G2 curve

(Fig 4C, right panel). Besides the change in P(s), the global contact

pattern of cdc15-arrested cells remains unaltered following nocoda-

zole treatment (Fig 4D, upper right ratio). Altogether, these results

show that microtubule-dependent segregation forces contribute to

the stretching the chromosomes in anaphase, possibly in combina-

tion with additional constraints resisting this force such as the cohe-

sion of SC arm extremities (see Discussion).

Nocodazole affects chromosome 12 conformation

Nocodazole is commonly used to synchronize cells at the G2/M

transition. We took advantage of having contact maps of cdc20-

arrested cells in metaphase to compare them with those obtained

from nocodazole-arrested cells (Fig EV4; Materials and Methods).

The ratio map appeared globally similar, although we noticed in the
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replication progression throughout S phase, plotted along the 16 chromosomes of the yeast genome (top axis; blue curve). The replication timing obtained in this
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presence of nocodazole a small drop in inter-chromosomal contacts

(Fig 4D, bottom left ratio). Chromosome 12 (chr12) also presents a

peculiar signal at the level of the rDNA cluster (Fig 4E, left panel),

with an enrichment in contacts between the two flanking regions of

the rDNA cluster in G2/M nocodazole-treated cells compared to

cdc20-arrested cells (Fig 4E, right panel). These results indicate that

the G2/M nocodazole arrest is associated with a destabilization of

the chr12 structure at the level of the rDNA locus. The intra-chromo-

somal contact increase within chr12 is also accompanied by a global

decrease in inter-chromosomal contacts in the presence of
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nocodazole (Fig 4D, bottom left ratio). Remarkably, chr12 organiza-

tion was not affected when cdc15-arrested cells were treated with

nocodazole (Fig 4D, top right ratio). Altogether, these observations

point to a role for the microtubule array in maintaining the organi-

zation of the nucleolus inside the nucleus, before its segregation in

anaphase. In summary, while chromosome structures are overall

similar in cell synchronized in G2 by nocodazole or in a cdc20 ts

mutant, nocodazole-arrested cells present a slightly different nucleo-

lus structure (and, by extension, chr12). One interpretation could be

that the condensation of the rDNA is not yet completed in G2/M

nocodazole arrest and that as a result, rDNA flanking regions are

freer to contact each other’s.

Chromosome 12 looping during anaphase

The comparison of cdc15 and cdc20 maps shows an increase in

centromere clustering in anaphase, leading to the formation of a

prominent polymer brush structure (Daoud & Cotton, 1982; Fig 4F,

bottom left ratio, yellow arrowheads). Such increase is in agree-

ment with the role of condensin in forming a “spring” of chromatin

at pericentromeric regions at the metaphase-to-anaphase transition

(Stephens et al, 2011). Surprisingly, a peculiar loop pattern appears

on chr12 in cdc15-arrested cells, bridging the centromere and the

centromere–proximal left flanking region of the rDNA cluster (see

pink arrowheads in Fig 4F, G and H). Upon release from the cdc15

arrest, the telomere–proximal right flanking region of the rDNA

cluster becomes strongly isolated from the rest of the genome

(Fig 4F, upper right ratio; cdc15+40 min), while the contacts of the

centromere–rDNA loop intensify (Fig 4H; cdc15+40 min). After

completion of mitosis and re-entry in interphase (cdc15+60 min),

the loop disappears (Fig 4H). Interestingly, this loop can be seen in

asynchronous populations while it is only present in anaphase

(Fig 4I). 3D representations illustrate the dramatic reorganization of

chr12 and the formation of the loop bridging centromeric region

and the rDNA (Fig 4J, pink arrowheads). Microtubules are not

required to maintain this loop in anaphase, since it remains present

in cdc15-arrested cells treated with nocodazole (Fig 4D, upper right

ratio; Fig 4I and K), suggesting that the left flanking region of the

rDNA is physically bound through an unknown mechanism to the

centromeric regions. These results complement imaging studies

showing that the rDNA exhibits a dense, line-like shape that

extends throughout the nucleus at anaphase (2.1 SD, 0.2 lm;

Sullivan et al, 2004).

Condensin promotes dramatic reorganization of chromosomes

during anaphase

The proper condensation and segregation of the rDNA cluster

requires the nucleolar release of the Cdc14 phosphatase. Cdc14

mediates a shutdown of rDNA transcription, facilitating the loading

of the Smc2 condensin and hence the condensation of the cluster

(Yoshida et al, 2002; D’Amours et al, 2004; Sullivan et al, 2004, 14;

Machı́n et al, 2006; Clemente-Blanco et al, 2009). In addition, topo-

isomerase II (Top2), which decatenates the intertwining structures

that appear between SCs during replication, is also required for

rDNA segregation to proceed (Sullivan et al, 2004; D’Ambrosio

et al, 2008; Baxter et al, 2011; Leonard et al, 2015). We investigated

the influence of those factors on the 3D structure of the rDNA locus

during anaphase (Figs 5A and EV5; Materials and Methods).

First, Smc2 depletion in smc2-aid cdc15-arrested strain affects

anaphase genome organization by (i) reducing centromere cluster-

ing and (ii) suppressing the formation of the rDNA loop, with a

resulting contact map highly similar to the cdc20 map (Fig 5B,

bottom left ratio). Therefore, condensins are responsible for the

observed increase in inter-centromere contacts at anaphase

compared to metaphase (Fig 4F, bottom left ratio), while they are

also required for the formation of the loop bridging the centromere

of chromosome 12 with the rDNA cluster (two loci enriched in

condensin deposition). The smc2 cdc15 and cdc14 maps are strik-

ingly similar (Fig 5C, bottom left ratio). The 3D representations of

smc2 cdc15 and cdc14 cells (Fig 5E) and the rDNA contact plots with

the rest of chr12 (Fig 5F) illustrate the loss of the rDNA loop in the

absence of Smc2 and/or Cdc14. In addition to this effect, both

mutants also display the same decrease in centromere clustering

compared to cdc15 cells (Fig 5C, upper right ratio; Fig 5G), pointing

at their functional relationship on the same pathway.

The organization of the genome was also compared in cdc15-

arrested cells in the presence or absence of Top2, top2-aid

◀
Figure 4. Dynamic reorganization of chromosomes during mitosis.

A FACS profiles and representative DAPI-stained cells of synchronized and/or released populations, from G2 until re-entry in G1/S.

B PCA of the distance matrix between the contact maps of the populations described in (A).

C Left panel: P(s) of cells in G1, G2, and anaphase (cdc15) and released from a cdc15 arrest (cdc15+60 min). Right panel: P(s) of G2, cdc20-, and cdc15-arrested cells in

the absence or presence of nocodazole (cdc15 noc).

D Log-ratio of contact maps. Bottom left: ratio between cells arrested in metaphase (cdc20) or at the G2/M transition with nocodazole (G2/M noc). Top right: ratio of

cells blocked in anaphase and treated or not with nocodazole (cdc15 noc and cdc15, respectively). Blue to red color scales reflect the enrichment in contacts in one

population with respect to the other (log2).

E Left: chr12-normalized contact maps of cells arrested at the G2/M transition and cdc20-arrested cells. Right: magnification of the log-ratio map from (D, bottom left).

F Log-ratio of contact maps. Bottom left: log-ratio between cdc20- and cdc15-arrested cells. Top right: log-ratio of cdc15-arrested and cdc15-released (40 min) cells.

Blue to red color scales reflect the enrichment in contacts in one population with respect to the other (log2). Yellow arrowheads: inter-centromere contacts.

G Left: chr12-normalized contact maps in cdc20- and cdc15-arrested cells. Right: magnification of the log-ratio map from (F, bottom left). Pink arrowheads point at

the right arm anaphase loop.

H, I Distributions of intra-chromosomal contacts made by a 20-kb cen-proximal rDNA flanking region (highlighted in gray) with the rest of chr12 in cdc20-, cdc15-,

cdc15-released (+40 min, +60 min), nocodazole-treated (G2/M noc, cdc15 noc), and asynchronous (asyn) cells. Schematic representations of chr12 are displayed

atop the graphs. Gray lines indicate centromere position. Pink arrowheads point at the right arm anaphase loop.

J 3D representations of the contact maps from cdc20- and cdc15-arrested and cdc20- and cdc15-released (+40 min) cells. The right (XIIR) and left (XIIL) arms of chr12

are highlighted in red and blue, respectively. Pink arrowheads point at the right arm anaphase loop. Centromeres and telomeres are highlighted.

K 3D representation of the contact map from cdc15 noc cells. Pink arrowhead points at the right arm anaphase loop.
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cdc15-arrested (Fig 5D, upper right ratio; Fig 5E and F; Materials

and Methods). Top2-depleted cells display a strong decrease in

contacts between the telomere–proximal region of chr12R and the

rest of the genome (including chr12L). The signal is consistent with

the essential role played by Top2 in rDNA segregation, showing that

the non-segregated regions are isolated from the segregated chromo-

somal sets. The comparison between top2 cdc15 and cdc20 cells

reveals an enrichment in contacts at centromeres and the persis-

tence of the centromere–rDNA loop in the Top2 mutant (Fig 5D,

bottom left ratio). These results indicate that the formation of these
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Figure 5. The anaphase rDNA loop is condensin-dependent.

A FACS profiles and representative DAPI-stained cells of cells blocked in anaphase, in the absence of condensin (smc2-aid cdc15 +IAA and cdc14) or topoisomerase 2

(top2-aid cdc15 +IAA).

B–D Log-ratio of contact maps. Yellow arrowheads: inter-centromere contacts. The pink arrowheads point at the right arm anaphase loop on chr12. Insets display

magnification of the chr12 ratio map. (B) Ratio map between (bottom left) cdc20 and smc2-aid cdc15 cells and between (top right) cells blocked in anaphase with

our without condensin depletion (cdc15 and smc2-aid cdc15 +IAA). (C) Ratio map between (bottom left) cdc14 and smc2-aid cdc15 +IAA cells and between (top

right) cdc14 and cdc15 cells. (D) Ratio map between (bottom left) top2-aid cdc15 +IAA and cdc20 cells and (top right) top2-aid cdc15 -IAA and top2-aid cdc15 +IAA

cells.

E 3D representations of the contact maps from smc2-aid cdc15 +IAA-, cdc14-, and top2-aid cdc15 +IAA-arrested cells. The right (XIIR) and left (XIIL) arms of chr12 are

highlighted in red and blue, respectively. Pink arrowhead points at the right arm anaphase loop.

F Distribution of intra-chromosomal contacts of a cen-proximal rDNA flanking region (highlighted in gray) with the rest of chr12 in smc2 cdc15, top2 cdc15, and

asynchronous (asyn) cells. Pink arrowhead points at the right arm anaphase loop.

G Normalized contact frequencies between the left rDNA flanking region (50 kb) and the rest of the genome in cdc15 smc2-aid (-IAA) and cdc15 smc2-aid (+IAA) cells.

Yellow arrowheads point at a subset of centromeric positions. Pink arrowhead points at the right arm anaphase loop.
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condensin-dependent structures in anaphase is independent from

the decatenation and/or the segregation of the rDNA cluster.

Discussion

This study consists of an experimental and analysis framework to

systematically investigate and compare chromosome folding and

organization at different stages of the cell cycle. We applied Hi-C to

populations of cells synchronized at different points of the cycle,

generating genome-wide, 5-kb-resolution contact maps which unveil

their average 3D genome organization. The global influence of

cohesin, condensin, and topoisomerase 2 has been investigated in

the corresponding mutants, as well as the effects of the microtubule-

depolymerizing drug nocodazole. Comparative approaches between

contact maps provided a global view of the structural transitions

between the different stages of the cycle, some expected, such as

chromosome compaction during replication, and others that had not

been described before, such as topological structures involving the

rDNA cluster.

An overview of chromosome structural changes during the cell

cycle can be summarized from centromere contacts, intra-/inter-

chromosomal contact ratio, and short-/long-range contact ratio

computed for each of the time points (Fig 6A).

Centromere clustering gradually increases during the cell cycle,

through the establishment of sister-chromatid cohesion during repli-

cation, and through condensin-dependent clustering during

anaphase (Fig 6A, upper panel). A potential consequence of this

increased clustering in anaphase could be the generation of a

stronger polymer brush, that is, the mechanical phenomenon that

leads to the self-organization of a polymer tethered to a surface into

stretched, non-intermingling structure (de Gennes, 1987). Interest-

ingly, the strengthening of the polymer brush organization could

consequently contribute to chromosome individualization during
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Figure 6. 4D reorganization of the yeast genome.

A Dynamics of centromere contacts (top panel), Short-/long-range contact ratio (middle panel) and intra-/inter-chromosomal contact ratio (bottom panel) for each of

the 20 time points (blue dots; see bottom x-axis) during the cell cycle. The three folding states (I, II, and III; Fig EV4) identified in the analysis are indicated under the

panels, as well as interpretation with respect to individualization status.

B Illustration of the three chromatin folding states characteristic of each of the cell cycle phases. Establishment of sister-chromatid (SC) cohesion during S phase

increases intra-SC long-range contacts and leads to the individualization of the replicated chromosomes. Then during M phase, the two sisters are segregated and

each chromatid (C) individualized thanks to the action combination of cohesin cleavage, condensin loading and spindle elongation. The chromosomes display a

stretched internal structure, which relaxed upon destabilization of the spindle with nocodazole.

C Model of loop extrusion generating the condensin-dependent loop formation between the centromere and the rDNA cluster, two regions enriched in condensin

deposition. A loop formed in between the centromere and the rDNA cluster may extend until it reaches these two discrete positions, and stall because of mechanic

impediment blocking further extrusion.
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anaphase. The intra-/inter-chromosomal contact variations reflect

the successive phases of chromosome individualization and inter-

mingling, with individualization taking place during replication

(cohesin-dependent) and during anaphase (spindle-dependent;

Fig 6A, bottom panel). The intra-/inter-chromosomal contact ratio

correlates strongly with centromere clustering (c = 0.72, p = 10!4),

with both ratios peaking during anaphase exit.

Short-/long-range contact ratio recapitulates the three different

internal folding (I, II, and III) states of chromosomes (G1, G2, and

anaphase; Fig 6B, middle panel). These three states can be deter-

mined based on a quantitative analysis of the significance of

changes between P(s) curves obtained using several replicates in

different phases of the cycle (Fig 7). During replication, cohesins

mediate the compaction of chromosomes from state I to II. The

chromosomes are then stretched by the mitotic apparatus during

anaphase (state III) before returning to state I in G1. The mechanical

constraint imposed by the anaphase spindle appears responsible for

the state III stretching, as a nocodazole treatment results in relax-

ation of chromosomes, which switch back to state II. Imaging of the

two sets of segregated chromosome during nocodazole treatment

supports this spring relaxation effect, with the two masses being

brought back together upon the depolymerization of microtubules.

The nature of the mechanical constraints remains unknown, but it

is tempting, in light of our observation of chr12 behavior (below),

to propose a role for condensins in actively promoting this move-

ment. In this scenario, condensins could favor the segregation of

sister chromatids by pulling the chromosomes toward the centro-

mere cluster. As a result, the loss of microtubule and tethering to

the SPB may lead cohesin to actively pull back the segregated region

together. We anticipate that whether condensins play an active role

in the segregation of chromosomes in addition to the pulling force

imposed by the microtubule spindle will be thoroughly investigated

in the years to come.

In addition, we also show that the two main regions of

condensin deposition, that is, the centromeres and the rDNA locus,

are bridged during anaphase through a condensin-dependent

mechanism resulting in a loop-like structure on the right arm of

chromosome 12. Whether this structure is systematically found in

all cells, or only in a subset of the population, remains to be

determined through single-cell imaging approaches such as FISH

analysis. Although the precise mechanisms of formation remain

unknown as well as its functional importance, we show that the

setting up of the loop depends on condensin. Several mechanisms

can be envisioned for the generation of this loop. One possibility is

that starting from regions with a high condensin density, an active

mechanism such as DNA extrusion through the action of conden-

sins would pull the centromere and the rDNA cluster together

(Fig 6C). Condensin depletion (leading to disruption of the loop) is

associated with segregation defects. Overall, this structure therefore

appears to de facto play a role in the segregation of the rDNA clus-

ter, potentially through the application of a force that would drag

the rDNA region to the centromere cluster before the completion of

anaphase. A consequence of this model, would be that a similar

loop extrusion mechanism could facilitate the segregation of other

chromosomes as well. In this case, one or more loops could

actively facilitate the segregation of large regions of chromosomes

toward the tethered centromeres, down the telomeric regions.

Chromosome 12, in this scenario, would appear as an exception

with the large rDNA cluster generating a physical barrier in the

middle of the right arm that is not present in other chromosomes.

More experiments are nevertheless needed to investigate this

proposed role. Yeast chromosome 12 could therefore prove a

convenient model to study the action of loop extrusion mechanism

(Alipour & Marko, 2012).

The importance of the rDNA loop remains to be further charac-

terized as well as its similarity with loops found in other eukaryotic

species. Overall, our exhaustive dataset opens new avenues for the

comprehensive analysis of the 3D chromosome choreography

during replication and segregation and brings to light new perspec-

tives regarding these fundamental processes.

Materials and Methods

Media and culture conditions

All strains were grown in rich medium (YPD: 1% bacto peptone

(Difco), 1% bacto yeast extract (Difco), and 2% glucose), except for

YKL051 (MET3-HA-CDC20) that was grown in synthetic complete

medium deprived of methionine (SC: 0.67% yeast nitrogen base

without amino acids (Difco), supplemented with a mix of amino

acids, uracil and adenine, and 2% glucose). Cells were grown at

either 30°C or 23–25°C (the later temperature corresponding to the

permissive temperature of the conditional thermosensitive muta-

tions cdc6-1, cdc14-3, and cdc15-2; see below for details). Dataset

corresponding to the quiescent state (G0) comes from already

published data by Guidi et al (2015) and was obtained by carbon

source exhaustion. All strains are described in Table EV1.
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Figure 7. Variation in P(s) for different phase of the cell cycle.

A P(s) for four different time points along the cycle. Each curve represents the

average between three replicates with error bars corresponding to the

standard deviation.

B To assess the statistical significance of the differences between short

(resp. long)-range contacts between these three time points, we computed

a P-value for each pairwise comparison between two time points using

Wilcoxon signed-rank test. The two distributions to compared were built by

aggregating all the data points below (resp. above) 10 kb for the three

replicates for each time point.
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Elutriation (recovery of G1 cells)

To recover G1 daughter cells, the exponentially growing cultures

were elutriated—a physical method of synchronization, used to

separate cells according to their density and sedimentation velocity

(see Appendix Supplementary Methods; Marbouty et al, 2014). The

G1 daughter cells recovered through elutriation were suspended in

fresh YPD at 30°C for 30 min, so they could recover from the elutri-

ation procedure (i.e., stay in PBS). To minimize the potential vari-

ability introduced by the age heterogeneity of the bulk population,

G1 daughter cells were used as starting point for all cell cycle

synchrony and in combination with genetic and chemical synchro-

nization methods (see below).

Release into S phase

G1 elutriated cells were released into S phase to analyze genome

conformation during this stage. 2 × 109 G1 cells—originating from

the same elutriated fraction to minimize heterogeneity in replication

initiation—were inoculated into 150 ml YPD at 25°C (to slow down

replication fork progression). Upon release, the synchronized

cultures were sampled every 5 min and the cells analyzed through

FACS, revealing an approximate lag of 130 min before replication

restart. Therefore, aliquots were cross-linked and processed into

Hi-C libraries at 135, 140, 145, 150, 155, 160, and 165 min. The

progression of each fraction throughout the S phase (from G1 to G2)

was monitored with flow cytometry.

Synchronization through thermosensitive mutations

Synchronizations using thermosensitive (ts) cdc strains (Hartwell

et al, 1973) were all performed starting from elutriated G1 daughter

cells growing in non-permissive temperature conditions designed to

arrest the progression of the cycle at specific phases. See

Appendix Supplementary Methods for details of synchronization

procedures of strains YKL052 (cdc14-3), YKL053 (cdc15-2), and

YKL054 (cdc6-1).

Synchronization through chemical compounds

Chemical synchronization was also performed on elutriated G1

daughter cells.

Synchronization at the G2/M transition was achieved by

restarting G1 cells (strain YKL050) in YPD at 30°C for 1 h,

followed by the addition of nocodazole (Calbiochem; 15 lg/ml)

and incubation for another 2 h at 30°C. Cells arrested in G2/M

with nocodazole were either processed into Hi-C libraries, or

washed and inoculated in fresh YPD medium at 30°C. The wash-

ing of nocodazole allowed G2/M synchronized cells to proceed

into M phase (cells sampled after 20, 45, 60 and 90 min were

processed into Hi-C libraries).

To investigate the constraints imposed by the spindle during

anaphase, elutriated YKL053 cells were elutriated and the recovered

G1 daughter cells processed and blocked into anaphase using the

cdc15-2 thermosensitive mutation. A sample of the population was

then incubated with nocodazole (15 lg/ml) for 20 min. A sample

was released at permissive temperature in the presence of nocoda-

zole for 20 min. Finally, a sample was released at the permissive

temperature for 20 min before being incubated with nocodazole for

20 min.

For synchronization in metaphase, a system allowing induced

depletion of cdc20 was used (MET3-HA-CDC20; strain YKL051).

Elutriated G1 daughter cells were restarted in YPD complemented

with 50 lg/ml methionine for 5 h at 30°C. Cells arrested in meta-

phase were split into different aliquots. One sample was immedi-

ately processed into a Hi-C library, while two others were washed,

suspended in SC medium without methionine, and processed into

Hi-C after 20 and 40 min.

To investigate the influence of SMC on chromosome organiza-

tion, strains carrying auxin-inducible degron (aid) versions of Scc1

(strain YKL055) and Smc2 (YKL056) proteins were processed into

Hi-C libraries. The degradation of these proteins is induced when

auxin (IAA) is added to the medium at a final concentration of

2 mM. Both asynchronous populations of strains YKL055 and

YKL056 were elutriated in the absence of IAA. G1 daughter cells

were incubated in YPD supplemented with IAA at 30°C. A sample of

the YKL055 population (scc1-aid) was processed into a Hi-C library

in late S/G2 (see Release into S phase). For the YKL056 population

(smc2-aid), the cells were arrested in late anaphase using the

cdc15-2 mutation also present in the genome of this strain, before

being processed into a Hi-C library.

To study the influence of topoisomerase II-mediated decatenation

on chromosome organization, we used a strain (YKL057) in which

TOP2 gene is tagged by aid (top2-aid) and that also carries the

cdc15-2 mutation. An asynchronous exponentially growing culture

of YKL057 cells was split into two fractions incubated for 3 h at the

non-permissive temperature of 37°C in either the presence or

absence of IAA (20 mM). The synchrony of each time point was

monitored with flow cytometry and microscopy, and the cells were

processed by Hi-C.

Flow cytometry

About 5 × 106 cells were fixed in ethanol 70% and stored at 4°C

overnight. Cells were then pelleted, washed, and incubated in

sodium citrate 50 mM (pH 7.4) complemented with RNase A

(10mg/ml; Roche) for 2 h at 37°C. Next, Sytox green (2 lM in

sodium citrate 50 mM; ThermoFisher) was added and cells incu-

bated for 1 h at 4°C. Flow cytometry was performed on a MACS-

Quant Analyzer (Miltenyi Biotec), and data were analyzed using

FlowJo X 10.0.7 software (Tree Star).

Microscopy

Fractions of cells fixed in ethanol 70% and stored at 4°C over-

night were pelleted and washed three times for 5 min in 1× PBS.

Cells were permeabilized by immersion in 0.2% Triton X-100

(Biosolve) for 5 min. To remove the Triton, cells were pelleted

and washed three times in 1× PBS. The liquid was aspirated and

cells were suspended in DAPI labeling solution (2 lg/ml in 1×

PBS) for 10 min at room temperature. Before imaging acquisition,

the labeling solution was aspirated and the cells were washed

three times for 5 min in 1× PBS. Cells were imaged at 350 nm

excitation wavelength with Nikon fluorescence microscope

(Camera Andor Neo sCMOS, software Andor IQ2 2.7.1, LED

Lumencor Spectra X).
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Hi-C libraries

Hi-C libraries were generated using the four-cutter enzyme DpnII

through a protocol adapted from Belton et al (2012). The protocol is

detailed in Appendix Supplementary Methods. The resulting

libraries were used as template for the Illumina amplification by

PE-PCR primers and paired-end-sequenced on the NextSeq 500 or

HiSeq 2000 Illumina platform (2 × 75 or 2 × 150 bp kits; see

Table EV2 for details).

Generation and normalization of contact maps

Raw Hi-C data were processed as follows. PCR duplicates were

removed using the 6 Ns present on each of the custom-made

adapter and the 2 trimmed Ns. Paired-end reads were mapped

independently using Bowtie 2.1.0 (mode: –very-sensitive –rdg

500,3 –rfg 500,3) against the S. cerevisiae reference genome

(S288C). An iterative alignment, with an increasing truncation

length of 20 bp, was used to maximize the yield of valid Hi-C

reads (mapping quality > 30). Only uniquely mapped reads were

retained. On the basis of their DpnII restriction fragment assign-

ment and orientation, reads were classified as either valid Hi-C

products or unwanted events to be filtered out (i.e., loops and

non-digested fragments; for details, see Cournac et al, 2012, 2016).

To generate contact matrices for all time points along the cycle, fil-

tered Hi-C reads were binned into units of single restriction frag-

ments, and then, successive fragments were assigned to fixed size

bins of either 5 or 50 kb. Bins that exhibited a high contact

frequency variance (< 1.5 Standard Deviation or 1.5–2 SD. from

the mean) were filtered out for all maps to allow pairwise compar-

ison of the data. On average, around 15 million of valid reads

were used to build each contact map. To remove potential biases

resulting from the uneven distribution of restriction sites and vari-

ation in GC content and mappability, the contact maps were

normalized using the sequential component normalization (SCN)

procedure (Cournac et al, 2012).

Similarity between contact maps

To assess the similarity between normalized matrices, these were

binned at 50 kb and quantile-normalized (Hicks & Irizarry, 2015).

We then measured their similarity by computing the Euclidean

distance between them. In order to visualize similarities between

sets of matrices, we did a principal component analysis (PCA) of the

pairwise distance matrix between samples.

Contact probability within increasing genomic distance

Polymers display a decrease in contact probability, P(s), as a

function of the genomic distance, s. The degree of decay of P(s)

was often interpreted as informative of the polymer state. To

compute the intra-chromosomal P(s) plots, pair of reads aligned

in intra-chromosomal positions were partitioned by chromosome

arms. Reads oriented toward different directions or separated by

< 1.5 kb were discarded to filter for self-circularizing events. For

each chromosome, read pairs were log-binned in function of

their genomic distance s (in kb), according to the following

formula:

bin ¼ ½log1:1ðsÞ%

The P(s) plot is the histogram computed on the sum of read pairs

for each bin. This sum is weighted by the bin size 1.1(1+bin) (be-

cause of the log-binning), as well as the difference between the

length of the chromosome and the genomic distance s. The dif-

ference acts as a proxy for the number of possible events.

4C-like interaction plots

To obtain the 4C-like intra- and inter-chromosomal contact profiles

for rDNA and centromeres, adjacent bins were indexed on the

respective chromosomes. The resulting indexed and filtered matri-

ces at either 5- or 50-kb bin were normalized using SCN (see Gener-

ation and normalization of contact maps). The profiles for the

selected bins were plotted and compared using Matlab (no smooth-

ing was applied).

Computation of the replication profile from Hi-C data

The replication profile was computed from the raw 5-kb-binned

contact maps. Firstly, G1 replicates were averaged and the sum of

contact over each 5-kb bin was computed. The same computation

was repeated for datasets obtained from cells released into S phase.

To obtain the replication timing, we computed the ratio of these two

signals and smoothed this ratio using a running-average window of

six bins.

3D representation of contact maps

The 3D representations of the contact maps were generated using

ShRec3D (Lesne et al, 2014) on the normalized contact maps, fil-

tered for low-signal bins. First, the algorithm computes the distance

matrix from the contact map, by assuming that distances are inver-

sely proportional to the normalized contact counts. A shortest path

algorithm is then used to insure that the distance matrix satisfies the

triangular inequality. Finally, we used Sammon mapping to recover

the optimal 3D coordinates from the distance matrix (Morlot et al,

2016). All the 3D structures presented here were rendered using

VMD (Humphrey et al, 1996). Besides the cautiousness regarding

the interpretation of 3D structure we mention in the main text, we

also underline that the 3D structures are not used to compare data-

sets: All computational analyses are performed using the contact

map data.

Comparison of centromeres, intra-/inter-, and short-/long-range

contacts between datasets

To compare contacts between centromeric regions, the sum of

normalized inter-chromosomal contacts between 100-kb regions

centered on centromeres was computed and divided by the total

number of normalized inter-chromosomal contacts between all

chromosomes. To compare short- versus long-range contacts, a ratio

of intra contacts was computed as follows. The number of intra

contacts involving fragments positioned < 30 kb apart was divided

by the number of intra contacts involving fragments posi-

tioned more than 30 kb apart, for all chromosomes. For intra-

versus inter-chromosomal contacts, the total number of normalized
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intra-chromosomal contacts was divided by the sum of normalized

inter-chromosomal contacts.

Quantification of variability between replicates

To assess for the contribution of experimental variability to the vari-

ations in contacts between different conditions, we proceeded as

follows. Density histograms displaying the distribution of the log2

contact ratio of all elements of Hi-C matrices (50-kb bins) between

pairs of biological and experimental replicates (3×G1, 2×G2, 3×M)

were computed and compared to similar histograms computed from

pairs of Hi-C matrix obtained in different experimental conditions

(see Appendix Fig S2).

An estimation of the replicate variability at the centromeres was

obtained by plotting the boxplots representing the distribution of the

log2 contact ratios between pairs of biological and experimental

replicates only of the bins encompassing the centromeres (50-kb

bins; see mask; Appendix Figs S3 and S4). The same computation

was performed on pairs of matrices obtained in different conditions

to estimate the statistical significance of the variations. All replicates

were taken into account. P-values were obtained by the Wilcoxon

signed-rank test.

Expanded View for this article is available online.
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Figure EV1. Contact maps and 3D genome representations of the five cell cycle synchronization states.

A, B Contact maps generated from synchronized cell populations described in this study, with each vector (or bin) corresponding to 5 kb. x- and y-axis represent the 16

chromosomes of the yeast genome, displayed atop the maps. Brown to yellow color scales reflect high to low contact frequencies, respectively (log10).

Magnification panels in (B) show variations of the contact frequencies between synchronized populations. Yellow and pink arrowheads point at centromeres and

rDNA positions, respectively.

C 3D average representations of the Hi-C contact maps of synchronized cell populations of panel (A). The color code represents the chromosomal arm length, and

centromeres, telomeres, and rDNA flanking regions are highlighted.

▸
Figure EV2. Contact maps and 3D genome representations during replication.

A, B Contact maps recovered from cell populations undergoing replication after G1 release. For each contact map, the FACS profile is displayed. x- and y-axis represent

the 16 chromosomes of the yeast genome. The same color code as in Fig EV1. Magnification panels in (B) highlight changes of the contact frequencies during

S-phase progression. Yellow and pink arrowheads point at centromeres and rDNA positions, respectively.

C 3D average representations of the Hi-C contact maps of synchronized cell populations of panel (A). The color code represents the chromosomal arm length, and

centromeres, telomeres, and rDNA flanking regions are highlighted.
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▸
Figure EV3. Contact maps and 3D genome representations during M phase.

A, B Contact maps of cell populations synchronized in metaphase (cdc20) and anaphase (cdc15) and released into mitosis from cdc15 block (+20 min, +40 min, and

+60 min). The corresponding FACS profiles and representative DAPI-stained cells are displayed on the left on the maps. x- and y-axis represent the 16

chromosomes of the yeast genome. The same color code as in Fig EV1. Magnification panels in (B) display variations of the contact frequencies during mitotic

progression. Yellow and pink arrowheads point at centromeres and rDNA positions, respectively.

C 3D average representations of the Hi-C contact maps of panel (A). The color code represents the chromosomal arm length, and centromeres, telomeres, and rDNA

flanking regions are highlighted.
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Figure EV4. Nocodazole affects chromosome 12 conformation.

A, B Contact maps of G1 synchronized cell populations released either in the presence of nocodazole (G2/M noc) or at cdc15 non-permissive temperature followed by a

nocodazole treatment (cdc15 noc). The corresponding FACS profiles and representative DAPI-stained cells are displayed on the left on the maps. x- and y-axis

represent the 16 chromosomes of the yeast genome. The same color code as in Fig EV1. Magnification panels in (B) display variations of the contact frequencies.

Yellow and pink arrowheads point at centromeres and rDNA positions, respectively.

C 3D average representations of the Hi-C contact maps of panel (A). The color code represents the chromosomal arm length, and centromeres, telomeres, and rDNA

flanking regions are highlighted.
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Figure EV5. Condensin and decatenation influence on chromatin structure during mitosis.

A, B Contact maps of cell populations arrested in anaphase, either defective with condensation (cdc14 or smc2-aid cdc15 +IAA) or depleted of topoisomerase 2 (top2-aid

cdc15 +IAA). The corresponding FACS profiles and representative DAPI-stained cells are displayed on the left on the maps. x- and y-axis represent the 16

chromosomes of the yeast genome. The same color code as in Fig EV1. Magnification panels in (B) display variations of the contact frequencies. Yellow and pink

arrowheads point at centromeres and rDNA positions, respectively.

C 3D average representations of the Hi-C contact maps of panel (A). The color code represents the chromosomal arm length, and centromeres, telomeres, and rDNA

flanking regions are highlighted.
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Table	EV1.	List	of	strains	used	in	this	study.	

*:	 strain	 YKL050	 carries	 a	 ~130	 kb	 region	 where	 some	 restriction	 sites	 have	 been	

reordered	 to	 generate	 fixed	 size	 restriction	 fragments	 to	 investigate	 the	 resolution	 of	

the	Hi-C	assay,	a	work	that	will	be	described	elsewhere.	

	

	
	

Strain	 Genetic	

background	

Genotype	 Used	to	study:	 Reference	

BY4741	 S288C	 MATa	his3Δ1	leu2Δ0	

met15Δ0	ura3Δ0	

asynchronous,	G0	and	

G1	

Mortimer	and	

Johnston,	1986	

	

YKL050*	 BY4742	 MATα	his3Δ1	lys2Δ0	ura3Δ0	

IV(715448-

845757)::synIV(715448-

845757	LEU2)	

asynchronous,	G1,	S	

and	G2	phase	and		

nocodazole	treatment	

	

	

YKL051	 W303	 MATa	his3Δ	leu2Δ	ura3Δ0	

can1Δ	ade2Δ	cdc20::MET-

HA3-CDC20::TRP1	

M	phase	(metaphase)	 Uhlmann	et	al.,	

2000	

YKL052	 W303	 MATa	his3Δ	leu2Δ	ura3Δ0	

trp1Δ	can1Δ	ade2Δ	cdc14-

3(ts)	

M	phase	(early	

anaphase)	

Visinti	et	al.,	

1998	

YKL053	 W303	 MATα	his3Δ	leu2Δ	ura3Δ	

trp1Δ	can1Δ	ade2Δ	cdc15-

2(ts)	

M	phase	(late	

anaphase)	and	mitosis	

exit	

Surana	et	al.,	

1993	

YKL054	 W303	 MATa	his3Δ	ura3Δ0	trp1Δ	

can1Δ	ade2Δ	DBF4-

Myc18::LEU2	cdc6-1(ts)	

G1/S	and	M	phase	 Piatti	et	al.,	1995	

YKL055	 W303	 MATa	(rad5?)	pADH1-

OsTIR1-myc9::TRP1	GPD-

TK(x7)::URA3	scc1-

AID::KANr	

G2	phase	 Courtesy	of	

Philippe	Pasero	

(strain	PP1792)	

YKL056	 W303	 MATa	cdc15-2(ts)	smc2-

AID-9myc::NAT	OsTIR1-

9myc::URA3	SPO20
51-91

-

TTYeGFP::TRP1	HTA1-

mCherry::HPH		KANr-

pGAL1-CEN6-pGAL1-skHIS3	

leu2-2	

M	phase	(late	

anaphase)	

Courtesy	of	

Stephane	

Marcand	

YKL057	 W303	 MATa	cdc15-2(ts)	top2-

AID::HPH	TIR1::URA3	KANr-

pGAL1-CEN6-pGAL1-skHIS3	

M	phase	(late	

anaphase)	

Courtesy	of	

Stephane	

Marcand	



Appendix  

Table of content 

 

 

Appendix Figure S1    Page 2 

Appendix Figure S2    Page 3 

Appendix Figure S3    Page 4 

Appendix Figure S4    Page 5 

Appendix Supplementary Methods  Page 6 



Appendix Figure S1. Cohesin required for genome-wide chromatin organization during 

replication. 

(A) Left panel: Hi-C contact maps of cell populations G1 released and processed in G2 wild-

type (G2, bottom left) and in cohesin depleted (scc1 G2, upper right) cells. The corresponding 

FACS profiles as well as representative DAPI-stained cells are displayed in boxes on the 

bottom left and upper right corners, respectively. X and y axis represent the 16 chromosomes 

of the yeast genome. Same color code as in Figure EV1. Right panel: log-ratio of G2 and scc1 

G2 contact maps. Yellow arrowheads: inter-centromere contacts. The color code reflects the 

enrichment in contacts in one population with respect to the other. (B) Contact probability 

p(s) decay in G2 and scc1 G2. (C) 3D average representations of the Hi-C contact maps of 

panel (A). Color code represents chromosomal arm length and centromeres, telomeres and 

rDNA flanking regions are highlighted. 

 



 

 

 

 

 

Appendix Figure S2. Analysis of the variability of Hi-C data.  

Distribution of the fold-change in contacts made by bins in over different conditions. Blue: 

fold change in contacts in replicates. Red: fold change in contacts between all non-replicated 

conditions. This results backs the co-localization in the PC space of replicates in the PCA. 



 

Appendix Figure S3. Centromere clustering is cohesin-dependent.  

A) Positions within the contact map of bins whose specific variations in contacts in trans will 

be investigated between two conditions (here, the 16 bins corresponding to centromeres, 

between G1 and G2 [top right] and between scc1 and G1 [bottom left]). B) Boxplots 

representing the variation in number of normalized contacts for a subset of bins between 

different contact maps (corresponding to different conditions). Left: variations between three 

G1 replicates. Middle: variations between G2 and G1 cells replicates. The relative Wilcoxon 

test provides a p-value < 10
-10

, supporting an increase in contacts in G2 compared to G1. 

Right: variations between ssc1 arrested cells and G1 replicates. 

  



 

Appendix Figure S4. Condensins increase centromere clustering in anaphase.  

Left boxplot shows the centromere contact variability between anaphase replicates (cdc15 I, 

II, III) in presence of condensins (+con.).  Right boxplot shows the variation of contacts 

between centromeres between cdc15 replicates and condensin defective strains arrested in 

anaphase (cdc14 and smc2 cdc15; -con. I, II). The boxplots show that the centromere cluster 

in anaphase is condensin-dependent (P < 0.05). 

 

 

  



Appendix Supplementary Methods 

 

Generation of Hi-C libraries. Aliquots of 1-3 x 10
9
 cells in 150 ml YPD/synthetic medium 

were fixed in 3% formaldehyde (Sigma) for 20 min at room temperature and quenched with 

25 ml glycine 2.5 M for 20 min at 4°C. Cross-linked cells were recovered through 

centrifugation, washed with YPD and a 150 mg pellet was stored at -80°C. The pellet was 

thawed on ice and incubated for 30 min in 10 ml of sorbitol 1M, DTT 5mM and Zymolyase 

100T (CFinal=1 mg/ml; Armsbio). Spheroplasts were washed once with 5 ml sorbitol 1M, 

once with 5 ml 1X RE buffer (DpnII NEB buffer) and finally suspended in 3.5 ml of 1X RE 

buffer. The spheroplasts were treated with 3% SDS for 20 min at 65°C and the lysate was 

digested overnight with DpnII (CFinal=450 U/pellet; NEB) at 37°C. The digestion was 

centrifuged for 20 min at 18000 g, the supernatant discarded and the pellet suspended in 400 

µL of water. The 5’ overhangs from DpnII digestion were filled in using dNTP 30 µM (biotin-

14-dCTP, dATP, dGTP and dTTP; Invitrogen), at 37°C for 45 min. The biotinylated DNA 

fragments were ligated by T4 DNA ligase (CFinal=250 Weiss U/pellet; Thermo Scientific) 

for 4 h at 16°C. DNA purification was achieved through an overnight incubation at 65°C in 

presence of proteinase K 250 µg/ml and EDTA 6.2 mM, followed by a phenol/chloroform 

extraction on the precipitated DNA and an RNAse A DNase-free 500 µg/ml treatment. The 

biotinylated but not ligated DNA fragments were removed by T4 DNA polymerase (CFinal=5 

U/pellet; NEB) treatment. Hi-C DNA libraries were 500 bp sheared, using CovarisS220 

apparatus, and the biotin-labeled fragments were selectively captured by Dynabeads Myone 

Streptavidin C1 (Invitrogen). The resulting libraries were used as template for the llumina 

amplification by PE-PCR primers and paired-end sequenced on the NextSeq500 or HiSeq 

2000 Illumina platforms (2x75 or 2x150 bp kits; see Table EV2). 

 

Elutriation (recovery of G1 cells). 800 ml overnight culture was centrifuged, washed in 1X 

PBS and pelleted cells were suspended in 1000 ml of fresh YPD for 2 h at 30°C. This 

additional growing step allowed cells in stationary phase to reenter exponential phase before 

being elutriated. For each elutriation experiment, 1.2-1.8 x 10
11

 cells were washed and 

suspended in 30 ml of 1X PBS and injected in the 40 ml elutriation chamber at an average 

flow rate ranging from 20 ml/min to 25 ml/min (MasterFlex L/S pump from Cole-Parmer), at 

2,500 r.p.m. and 23°C. Cells were then left to equilibrate in 1X PBS for 45 min at a constant 



flow and rotational speed. To start collecting the first fractions containing the small G1 cells, 

a periodic 2 ml/min increment of the flux was applied between each fraction. The resulting 

600 ml fractions were centrifuged and approximately 2.5 x 10
9
 G1 cells/fraction were 

recovered. Before fixating the G1 state, cells were suspended in fresh YPD at 30°C for 30 

min, so they could recover from their stay in PBS during the elutriation. To minimize the 

potential variability introduced by the age heterogeneity of the bulk population, G1 daughter 

cells were used as starting point for all cell cycle synchrony and in combination with genetic 

and chemical synchronization methods (see below). 

 

Synchronization through thermosensitive mutations. Synchronizations using 

thermosensitive (ts) cdc strains (Hartwell et al, 1973) were all performed starting from 

elutriated G1 daughter cells growing in non-permissive temperature conditions designed to 

arrest the progression of the cycle at specific phases.  

The G1/S checkpoint (cdc6-1 mutation; YKL054 strain) was activated by growing cells 

overnight at 25°C, restarted in fresh YPD media and elutriated while in exponentially growing 

stage, still at 25°C. The elutriated G1 cells were incubated in fresh YPD at the non-permissive 

temperature of 37°C for 3 h. To study non-replicated mitotic chromosomes, the cdc6-1 

arrested cells were maintained in non-permissive growing conditions for an extended period 

of 6 h. During this time period, G1 cells bypass the G1/S checkpoint and proceed into M 

phase without having replicated their chromosomes.  

A similar protocol was applied to cdc14-3 (YKL052) and cdc15-2 (YKL053) G1 cells 

exposed to non-permissive temperature of 30°C and 37°C after elutriation, respectively. 

Cdc15 and cdc14 arrested cells blocked into anaphase were shifted at the permissive 

temperatures of 25°C and 23°C, with different time-points were sampled after release 

(YKL052: 30 min; YKL053: 20 min, 40 min and 60 min). The synchrony of each time point 

(in G1/S, anaphase and release) was monitored with flow cytometry and microscopy. 
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2.2	Organization	and	maintenance	of	silenced	chromatin	

		





Results	 	 Organization	of	silenced	chromatin	

	

	 97	

	

Summary	

DNA	 in	 eukaryotic	 species	 is	 wrapped	 around	 octamers	 of	 histone	 proteins	 to	 form	

nucleosomes,	 which	 in	 turn	 can	 be	 folded	 into	 secondary/higher-order	 chromatin	

structures	 (Hayes	 and	 Hansen,	 2001).	 Different	 patterns	 of	 chromatin	 packaging	

influence	 the	 transcriptional	 activity	 of	 these	 regions.	 An	 open	 chromatin	 state	

(euchromatin)	 promotes	 transcription	 whereas	 a	 highly	 condensed	 state	

(heterochromatin)	 is	 often	 associated	 with	 transcription	 repression	 or	 silencing	

(Venkatesh	 and	 Workman,	 2015).	 The	 establishment	 of	 different	 levels	 of	 chromatin	

condensation	as	well	as	the	rapid	reorganization	of	the	fibre	are	processes	that	depend	

on	 chromatin-remodelling	 enzymes,	 such	 as	 histone	 modifying	 enzymes	 or	 silencing	

proteins	 (Laura	N.	Rusche	 et	 al.,	 2003;	 Luger	 et	 al.,	 2012;	 Zhou	et	 al.,	 2011).	With	 the	

development	 of	 chromosome	 conformation	 capture	 techniques	 (e.g.	 Hi-C),	 the	

relationship	 between	 the	 3D	 organization	 of	 chromosomes	 at	multiple	 levels	 and	 the	

underlying	chromatin	proteins	can	be	investigated	genome-wide	(Dekker,	2008;	Guidi	et	

al.,	 2015;	 Lazar Stefanita	 et	 al.,	 2017;	 Lieberman-Aiden	 et	 al.,	 2009;	 Van	 Bortle	 and	

Corces,	 2012).	 In	 the	 continuity	 of	 the	 work	 done	 in	 collaboration	 with	 the	 group	 of	

Angela	 Taddei	 at	 Institut	 Curie	 on	 chromosome	 reorganization	 during	 quiescence,	we	

pursed	the	investigation	of	the	folding	properties	of	silenced	heterochromatin	using	Hi-

C.	 I	 focused	mostly	 on	 characterizing	 the	 interplay	 between	 genome	 organization	 and	

the	 spreading	 of	 telomeric	 heterochromatin	 on	 the	 subtelomeric	 regions	 in	 different	

metabolic	conditions.		

	

Introduction	

Imaging	and	genome-wide	studies	such	as	ChIP-seq	and	Hi-C	have	revealed	key	features	

of	 nuclear	 organization,	 such	 as	 the	 existence	 of	 sub-compartments	 in	 which	 specific	

DNA	sequences	and	proteins	associate.	These	create	microenvironments	that	can	favour	

or	 impede	 particular	 enzymatic	 activities	 (Taddei	 et	 al.,	 2010).	 Well-characterized	

examples	 of	 these	microenvironments	 are	 clusters	 of	 certain	 genes	 and/or	 repetitive	

DNA	sequences,	such	as	telomeres	and	rDNA	genes.	In	budding	yeast,	both	these	regions	

form	 discrete	 nuclear	 compartments,	 enriched	 in	 silent	 information	 regulators	 (SIR	

factors:	Sir2,	Sir3	and	Sir4)	(Taddei	et	al.,	2004).	The	binding	of	the	SIR	complex	on	the		
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Figure	1.	Structure	of	yeast	telomeres.	Schematic	representation	of	a	yeast	telomere,	showing	

the	terminal	TG	repeat	overhangs.	Rap1	binds	at	the	telomeric	repeats	and	recruits	SIR	complex	

(Sir2-Sir3-Sir4).	This	complex	then	spreads	on	the	adjacent	subtelomeric	region.	 	

TG repeats

5’

3’
Rap1

Sir2/3/4

sub        telomere
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chromatin	 induces	 gene	 silencing	 and	 maintain	 of	 genomic	 stability	 of	 these	 regions	

(Dubarry	et	al.,	2011;	Gotta	et	al.,	1996;	Kaeberlein	et	al.,	1999).	SIR-dependent	silencing	

has	been	well	characterized	at	the	telomeric	regions	in	yeast.	Each	telomere	consists	of	

250–300	bp	of	 irregular	 tandem	repeats	of	 the	 consensus	 sequence	TG1-3	(Shampay	et	

al.,	 1984).	Repressor	 activator	 protein	 1	 (Rap1)	 binds	 to	 the	 telomeric	 repeat,	 and	

recruits	Sir3	and	Sir4	(Moretti	et	al.,	1994).	Sir3	and	Sir4	form	a	stoichiometric	complex	

with	 the	 histone	 deacetylase	 Sir2,	 that	 deacetylates	 neighbouring	 histones,	 promoting	

more	binding	sites	for	Sir3	and	Sir4	(Figure	1).	This	leads	to	the	spreading	of	the	Sir2–3–

4	complex	 from	TG	repeats	 into	 the	 subtelomeric	domain	 for	approximately	2	 to	3	kb	

(Hecht	et	al.,	1996;	Laura	N.	Rusche	et	al.,	2003).	The	spreading	of	the	silent	chromatin	

from	the	telomeric	nucleation	point	is	limited	by	the	cellular	amounts	of	the	Sir	proteins,	

in	particular	by	Sir3	(Renauld	et	al.,	1993).	In	agreement	with	this	concept	of	distance-

dependent	 silencing	 of	 SIR	 proteins,	 the	 overexpression	 of	 Sir3	 and	 Sir4	 was	 able	 to	

induce	the	repression	of	reporter	genes	distant	 from	the	silenced	chromatin	(Marcand	

et	al.,	1996).		

Besides	being	silenced,	the	32	telomeres	of	the	16	(haploid)	yeast	chromosomes	tend	to	

cluster	 at	 the	 nuclear	 periphery	 into	 several	 foci	 (Gotta	 et	 al.,	 1996;	 Kupiec,	 2014).	

Imaging	of	telomeres,	bound	by	Rap1	tagged	with	GFP,	showed	that	Sir3	is	necessary	for	

telomere	clustering	(Figure	2A,	 top	panels)	and	that	Sir3	overexpression	(GAL1p-SIR3)	

leads	 to	an	 increase	 in	 telomere	clustering	 (resulting	 in	a	 “hypercluster”	of	 telomeres;	

Ruault	 et	 al.,	 2011).	 The	 large	 Rap1-GFP	 hypercluster	 positions	 itself	 away	 from	 the	

nuclear	 periphery,	 in	 the	 inner-space	 of	 the	 nucleus	 (Figure	 2A,	 bottom	 left	 panel).	

Interestingly,	 the	 overexpression	 of	 the	 spreading	 deficient	 sir3-A2Q	 mutant,	 which	

contains	 a	 N-terminal	 substitution	 that	 blocks	 its	 acetylation	 and	 thus	 silencing,	 also	

resulted	 in	the	 formation	of	 the	telomere	hypercluster	(Wang	et	al.,	2004).	(Figure	2A,	

bottom	right	panel).	Recent	collaborative	work	between	our	lab	and	Angéla	Taddei’s	lab	

showed	 that	 Sir3	 is	 also	 responsible	 for	 the	 formation	 of	 a	 telomere	 hypercluster	 in	

wild-type	 quiescent	 cells	 (G0).	 These	 hyperclusters	 are	 required	 to	 preserve	 cell	

viability	over	a	 long	period	of	 time	 (Figure	2B,	black	arrowheads)	 (Guidi	et	 al.,	 2015).	

Their	formation	was	associated	to	mitochondrial-related	metabolic	changes	and	was	not	

related	 to	 an	 increase	 in	 the	 amount	 of	 Sir3	 protein.	 Altogether,	 these	 observations	

suggested	 a	 model	 in	 which	 arrays	 of	 Sir3	 binding	 sites	 are	 sufficient	 to	 promote	

telomere	 trans-interactions,	 and	 that	 these	 interactions	 occur	 independently	 of	

spreading-mediated	silencing	or	anchoring	at	the	nuclear	periphery.		
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Figure	2	Telomeres:	 from	no	cluster	to	hypercluster.	(A)	Representative	fluorescent	images	

of	the	telomere-associated	protein	Rap1	tagged	with	GFP,	show:	few	clusters	in	WT,	no	clusters	

in	sir3∆	background	and	hyperclusters	when	Sir3		is	overexpressed	(GAL1p-SIR3	and	GAL1p-sir3-

A2Q)	 (adapted	 from	 Ruault	 et	 al.,	 2011).	 (B)	 3C	 contact	 maps	 corresponding	 to	 the	 inter-

chromosomal	contacts	between	chromosome	13	and	chromosome	15	 in	G1	and	G0	stages	(WT	

and	sir3∆).	Black	arrowheads	point	at	inter-telomeric	contacts	(adapted	from	Guidi	et	al.,	2015).	
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Nutrient	deprivation	induces	metabolic	shutdown	of	transcription	(Galdieri	et	al.,	2010),	

which	is	linked	to	gene	silencing	and	heterochromatin	spreading	(Laura	N.	Rusche	et	al.,	

2003).	Here	we	used	Hi-C	to	investigate	the	reorganization	of	Sir3-bound	chromatin	in	

response	to	metabolic	changes	and	at	different	stages	of	the	cell	cycle.	We	observed	that	

nutrient	 depletion	 after	 overnight	 growth	 seems	 to	 induce	 interactions	 between	 the	

rDNA	and	the	telomeres	in	G1	cells.	Although,	these	contacts	were	Sir3-independent	and	

they	 were	 not	 preserved	 in	 quiescent	 cells	 (induced	 by	 starvation),	 they	 may	 be	

required	 to	achieve	 the	proper	silencing	at	 these	 loci.	Therefore,	 to	 further	 investigate	

the	 structural	 adjustments	 of	 the	 chromatin	 in	 the	 presence	 and/or	 absence	 of	 Sir3	

spreading	 activity,	 we	 analysed	 genome	 organizations	 in	 strains	 overexpressing	 this	

protein	(Ruault	et	al.,	2011).	We	showed	that	the	overexpression	of	Sir3	(SIR3	and	sir3-

A2Q)	 increases	 trans-telomere	contacts,	 in	agreement	with	 the	 telomere	grouping	 into	

hyperclusters.	However,	the	intensity	of	telomere	contacts	was	strongly	correlated	with	

the	 spreading	activity	of	 the	protein,	 revealing	 internal	 structural	differences	between	

silenced	and	non-silenced	hyperclusters.	 In	addition	to	the	telomeric	regions,	other	18	

telomere-distal	 Sir3	 binding	 sites	 were	 mapped	 using	 ChIP-seq.	 These	 were	 used	 to	

define	 a	 maximal	 spreading	 distance	 of	 the	 silenced	 chromatin	 (~45	 kb)	 from	 the	

telomeres.	 Among	 these	 internal	 binding	 site,	 we	 found	 that	 the	 rDNA	 and	 a	 locus	

positioned	~84	kb	from	the	right	telomere	of	chromosome	6	were	recruited	close	to	the	

telomeres	in	G1	cells,	following	Sir3	overexpression.	These	contacts	were	dependent	on	

the	 spreading	 activity	 of	 Sir3	 and	 were	 lost	 in	 G2/M	 arrested	 cells,	 although	 the	

telomere	 hyperclusters	 were	 maintained.	 These	 observations	 support	 the	 co-

localization	 of	 rDNA	 and	 telomeres	 in	 G1	 cells	 originated	 from	 overnight	 cultures.	

Possibly,	 this	 event	 may	 enhance	 Sir3	 silencing	 activity	 and	 the	 propagation	 of	

heterochromatin	on	these	loci.	
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Results		

	

Telomere-proximal	interactions	independent	of	Sir3	

In	 light	of	 the	relationship	previously	observed	between	cell	metabolism	and	telomere	

clustering	(Guidi	et	al.,	2015),	we	studied	cell	populations	synchronized	in	either	G0,	G1	

or	G2/M	(Material	and	Methods).	G0	quiescent	cells	were	obtained	by	gradient	density	

fractionation	of	 carbon	 source	 starved	 cultures	 as	described	 in	Guidi	 et	 al.	 (2015).	G1	

daughter	cells	were	obtained	by	elutriation	of	exponential	growing	cultures	(Marbouty	

et	al.,	2014).	Finally,	G2/M	cells	were	obtained	from	G1	elutriated	cells	released	into	rich		

medium	 in	 presence	 of	 nocodazole.	 Fractions	 of	 2	 x	 109	 synchronized	 cells	 were	

processed	into	Hi-C	libraries	and	analysed	as	previously	described	(chapter	2.1,	section	

Material	and	Methods).	Genomic	contact	maps	were	generated	(5	kb	bin	resolution)	and	

the	different	conditions	were	compared	using	log-ratio	representations	(50	kb	bin).	The	

colorscale	reflects	the	contact	variation	in	one	map	compared	to	the	other	(Figure	3A).	

Hi-C	 experiments	 confirmed	 the	 requirement	 of	 Sir3	 protein	 for	 trans-telomere	

interactions,	both	in	G0	and	G1	cell	populations	(Figure	3A).	The	3D	structure	illustrates	

the	complete	disassembly	of	the	telomere	cluster	in	the	absence	of	Sir3	(Figure	3B,	sir3∆	

G0	and	sir3∆	G1).		

An	 in-depth	 investigation	 of	 the	 Hi-C	 contact	 map	 of	 Sir3-depleted	 cells	 (sir3∆	 G1)	

revealed	 also	 unexpected	 contacts.	 Although	 telomere	 clusters	 are	 disrupted	 in	 this	

condition,	 telomere-proximal	 regions	 of	 chr1R	 and	 chr9R	 (two	 chromosome	 arms	 of	

approximate	 equal	 size	 ~78	 kb)	 appear	 to	maintain	 trans-contacts	 between	 two	 FLO	

genes,	FLO1	and	FLO11	(Figure	4A).	The	proximity	of	these	genes	to	the	telomeres	may	

have	masked	 these	 contacts	 in	 the	wild-type	 contact	map	 (Figure	4B).	 Flo1	and	Flo11	

are	members	of	the	cell-surface	adhesins	family,	required	for	morphological	changes	of	

yeast	 cells	 when	 the	 flocculation	 and/or	 adhesion	 processes	 are	 induced	 by	 external	

stimuli	 (Verstrepen	 et	 al.,	 2004).	 The	 unusual	 large	 size	 of	 the	 5’	 regulatory	 region	 of	

FLO11	 (~3.6	 kb)	 (Rupp	 et	 al.,	 1999)	 coupled	with	 the	 fact	 that	 both	FLO	 genes	 share	

similar	 trans	 regulatory	elements	 (Fichtner	et	 al.,	 2007)	 led	us	 to	 speculate	a	possible	

functional	role	of	their	spatial	proximity	during	transcription	activation.			
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Figure	3	Telomere	clusters	are	Sir3	dependent.	(A)	Comparison	of	contact	maps	(50	kb	bin).	

Top	right	map:	log-ratio	between	sir3∆	G0	and	WT	G0	cells.	Bottom	left	map:	log-ratio	between	

sir3∆	G1	and	WT	G1	cells.	The	16	yeast	chromosomes	are	displayed	above	the	maps.	Blue	to	red	

colour	scales	reflect	the	enrichment	in	contacts	in	one	population	with	respect	to	the	other.	Black	

arrowheads	point	at	 inter-telomere	contacts.	(B)	3D	average	representation	of	the	Hi-C	contact	

maps	 (5	kb	bin):	WT	G0,	 sir3∆	G0,	WT	G1	and	 sir3∆	G1.	The	colour	 code	 reflects	 chromosomal	

arm	lengths	and,	centromeres,	telomeres	and	rDNA	are	highlighted.	
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Figure	 4	 Telomere-proximal	FLO	 genes	 interact	 independently	 of	 Sir3.	Hi-C	contact	maps	

obtained	 from	 sir3∆	 G1	 (A)	 and	 WT	 G1	 (B)	 cell	 populations	 (5	 kb	 bin).	 Insets	 display	

magnifications	 of	 the	 inter-chromosomal	 contacts	 between	 chr1R	 and	 chr9R	 and	 point	 at	 the	

FLO1	and	FLO11	interaction.	Blue	to	red	colour	scale	reflects	low	to	high	contact	frequency.	
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Telomere	hyperclusters:	a	consequence	of	metabolic	adaptation	

Yeast	cells	grown	 in	 liquid	rich-medium	metabolize	glucose	and	release	ethanol	 in	 the	

medium.	When	glucose	becomes	 limiting,	 cells	enter	a	diauxic	 shift	 characterized	by	a	

decreased	 growth	 rate	 and	 a	 switch	 of	 the	 metabolism	 from	 fermentation	 to	 aerobic	

respiration	 using	 ethanol.	 Then,	 when	 ethanol	 is	 in	 turn	 depleted,	 cells	 finally	 enter	

stationary	 phase	 and,	 eventually,	 quiescent	 state	 (G0).	 These	 processes	 are	

accompanied/reflect	 many	 physiological	 changes:	 the	 overall	 transcription	 and	

translation	are	drastically	reduced	whereas	chromatin	compaction	is	increased	(Gray	et	

al.,	2004).	This	latter	observation	is	supported	by	the	role	of	Hho1	(histone	variant	H1)	

in	 chromatin	 compaction,	 as	 a	 consequence	 of	 low	 transcriptional	 activity	 during	

stationary	 phase	 (Schäfer	 et	 al.,	 2008).	 In	 light	 of	 these	 observations	we	 investigated		

genome	organization	both	at	 the	 final	 stage	of	adaptation	 to	nutrient	deprivation	(G0)	

and	 also	 during	 the	 first	 moments	 of	 this	 stress	 condition.	 Where	 the	 overnight	

saturated	cultures	may	represent	an	example	of	 first	adaptation	 to	nutrient	 limitation.	

Therefore,	G1	cells	were	isolated	from	overnight	cultures	(onG1)	and	processed	by	Hi-C.	

The	 log-ratio	 comparison	 confirmed	 telomeres	 forming	 hyperclusters	 in	 quiescent	 G0	

cells	(Guidi	et	al.,	2015),	while	also	revealed	that	telomeres	start	to	increase	clustering	

already	during	overnight	growth	(Figure	5A,	black	arrowheads,	boxplots).	In	addition	a	

reorganization	 of	 the	 chromatin	 fibre	 occurs	 and	 promotes	 an	 increase	 in	 intra-

chromosomal	contacts	during	G0.	This	is	clearly	visible	on	chromosomes	12	(Figure	5A,	

box	bottom	 right)	 that	 starts	 to	 reorganize	 itself	 during	 the	 overnight	 growth	 (onG1),	

giving	rise	to	peculiar	contacts	between	the	rDNA	and	the	telomeres	(Figure	5A,	purple	

arrowheads).	 The	 rDNA	 contact	 profiles	 were	 extracted	 from	 the	 log-ratio	 maps	 and	

displayed	 as	 4C-like	 contact	 profiles	 (Material	 and	 Methods).	 These	 plots	 show	 that	

rDNA-telomere	 contacts	 are	 established	 in	 overnight	 cultures	 (onG1/expoG1),	

independently	 of	 Sir3	 protein	 (sir3∆	 onG1/expoG1),	 and	 that	 they	 are	 lost	 in	 G0	

(G0/expoG1)	 (Figure	 5B).	 These	 results	 led	 to	 the	 hypothesis	 that	 stress	 conditions,	

such	 as	 nutrient	 depletion,	 may	 trigger	 a	 silencing	 program	 that	 relies	 on	 the	

recruitment	of	the	telomeres	at	the	rDNA	locus.	 	The	spreading/silencing	ability	of	the	

telomeric	Sir3	may	be	enhanced	by	the	activity	of	the	nucleolar	Sir2	(Gotta	et	al.,	1997).	

Therefore,	 it	 is	possible	that	 the	G0	hyperclusters	are	a	consequence	of	Sir3	spreading	

activity.	 However,	 this	 observation	was	 in	 contrast	with	microscopy	 imaging	 showing	

that	overexpressed	Sir3	induces	telomere	hyperclusters	independently	of	the	spreading	

activity	 (absent	 in	 sir3-A2Q	 mutant)	 (Ruault	 et	 al.,	 2011).	 To	 shed	 light	 on	 this	

discrepancy	 we	 decided	 to	 investigate	 the	 nature	 of	 these	 hyperclusters	 in	 different	

growth	conditions.	
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Figure	5	Genomic	 structural	 differences	 in	metabolic	 different	 cells.	 (A)	Log-ratio	contact	

maps	(50	kb	bin)	of	G1	exponentially	growing	cells	(expoG1)	with:	G0	(top	right)	and	overnight	

G1	 (onG1,	 bottom	 left)	 cell	 populations.	 The	 16	 yeast	 chromosomes	 are	 displayed	 above	 the	

maps.	Blue	to	red	colour	scales	reflect	the	enrichment	in	contacts	in	one	population	with	respect	

to	 the	 other.	 Black	 arrowheads	 point	 at	 inter-telomere	 contacts.	 Purple	 arrowheads	 point	 at	

contacts	 between	 rDNA	 and	 telomeres.	 Boxplot	 quantifications	 of	 telomere	 contacts	 (expoG1,	

onG1	 and	 G0)	 show	 a	 direct	 correlation	 between	 changes	 in	 metabolism	 and	 intensity	 of	 the	

contact	signal	(5	kb	bin	contact	maps).	Bottom	right	inset	displays	a	magnification	of	the	log-ratio	

map	of	 chromosome	12,	 that	 shows	an	 increase	of	 intra-chromosomal	 contacts	 in	G0.	 (B)	Log-

ratio	 distributions	 of	 normalized	 chromosomal	 contacts	 made	 by	 a	 50	 kb	 cen-proximal	 rDNA	

flanking	region	with	the	rest	of	the	genome	in	onG1/expoG1,	G0/expoG1	and	sir3∆	onG1/expoG1.	

Arrowheads	indicate	telomere	(black)	and	rDNA	(purple)	positions.		
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Investigating	hyperclusters	in	exponentially	growing	cells	

Sir3	binding	sites	in	wild-type	(WT)	and	SIR3	overexpression	were	mapped	using	ChIP-

seq	 by	 Antoine	 Hocher,	 in	 Angela	 Taddei	 lab	 (Figure	 6).	 The	 results	 show	 that	 the	

majority	 of	 the	 sites	 enriched	 for	 Sir3	 binding	 are	 telomere-proximal,	 although	 the	

degree	 of	 spreading	 varies	 between	 telomeres.	 To	 investigate	 the	 organization	 of	 the	

chromatin	 inside	 the	 hyperclusters,	 we	 performed	 Hi-C	 on	 G1	 cells	 isolated	 from	

exponentially	growing	cultures	and	overexpressing	the	Sir3	protein	(wild-type	SIR3	G1	

and	 sir3-A2Q	G1).	 We	 then	 computed	 the	 log-ratio	 maps	 between	 the	 overexpressed		

and	non-overexpressed	conditions	(WT	G1).	Although,	both	the	overexpression	of	SIR3	

and	 sir3-A2Q	 result	 in	 an	 increase	 of	 trans-telomere	 contacts,	 this	 increase	 was	

enhanced	when	Sir3	protein	 is	 able	 to	 spread	 (Figure	7A,	black	 arrowhead,	boxplots).	

The	enrichment	in	contacts	in	sir3-A2Q	may	therefore	result	from	an	excessive	binding	

of	 Sir3-A2Q	 mutant	 only	 at	 telomeric	 repeats,	 without	 altering	 the	 structure	 of	 the	

chromatin.	Whereas,	the	spreading	of	the	wild-type	Sir3	protein	increases	the	amount	of	

the	highly	packed	subtelomeric	heterochromatin.		

In	 addition,	 a	 strong	 enrichment	 in	 contacts	 between	 the	 rDNA	 and	 telomeres	 is	

observed	 in	 the	strain	overexpressing	SIR3	 (Figure	7A,	B,	purple	arrowheads).	The	3D	

representation	 of	 the	 corresponding	 contact	 map	 clearly	 illustrates	 the	 interaction	

between	the	rDNA	and	telomere	hypercluster	(Figure	7C).	Notably,	the	overexpression	

of	sir3-A2Q	is	not	able	to	reposition	the	telomere	cluster	in	proximity	to	the	rDNA	locus	

in	 G1	 exponential	 cells.	 These	 results	 are	 in	 agreement	with	 the	 previously	 observed	

rDNA-telomere	 contacts	 in	G1	 overnight	 cells.	 Altogether	 they	 support	 the	 hypothesis	

that	 “naturally-induced”	 telomere	hyperclusters	are	a	consequence	of	 the	spreading	of	

Sir3	 on	 the	 telomeres’	 ends.	 This	 spreading	 coupled	 with	 silencing	 is	 probably	 more	

efficient	if	the	Sir3-bound	telomeres	are	relocated	proximal	to	the	nucleolus	where	the	

majority	of	Sir2	deacetylase	is	found	(Gotta	et	al.,	1997).	It	is	tempting	to	speculate	that	

the	 internal	 reorganization	 of	 chromosomes	 in	 G0	 (Figure	 5A)	 could	 be	 partially	 the	

consequence	 of	 the	 assembly	 of	 chromosomal	 ends	 into	 dense	 heterochromatic	

hyperclusters.		
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Figure	 6	 Sir3	 binds	 and	 spreads	 in	 the	 telomere’s	 proximity.	 ChIP-seq	 analysis	 mapping	

binding	sites	of	the	Sir3	protein	 in	wild-type	(WT,	blue)	and	SIR3	overexpression	strains	 (SIR3,	

red).	Stars	indicate	internal	binding	sites	of	Sir3	protein.	Performed	by	Antoine	Hocher	(Taddei	

Lab,	Institut	Curie,	Paris).	 	
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Figure	 7	 Structural	 differences	 between	 silenced	 and	 non-silenced	 hyperclusters.	 (A)	

Comparison	of	G1	contact	maps	(50	kb	bin).	Top	right	map:	log-ratio	between	SIR3	and	WT	cells.	

Black	arrowheads	point	at	inter-telomere	contacts.	Purple	arrowheads	point	at	contacts	between	

the	rDNA	and	the	telomeres	of	chr12.	Bottom	left	map:	log-ratio	between	sir3-A2Q	and	WT	cells.	

The	 16	 yeast	 chromosomes	 are	 displayed	 abovethe	maps.	 Blue	 to	 red	 colour	 scales	 reflect	 the	

enrichment	in	contacts	in	one	population	with	respect	to	the	other.	Boxplot	quantifications	of	G1	

telomere	contacts	show	a	direct	correlation	between	the	amount	of	protein	and	the	intensity	of	
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the	 contact	 signal	 (5	 kb	 bin	 contact	 maps).	 (B)	 Distributions	 of	 G1	 normalized	 chromosomal	

contacts	made	by	a	50	kb	cen-proximal	rDNA	flanking	region	with	the	rest	of	the	genome	in	WT	

and	 SIR3	 cells.	 Arrowheads	 indicate	 telomere	 (black)	 and	 rDNA	 (purple)	 positions.	 (C)	 3D	

average	 representation	 of	 the	G1	Hi-C	 contact	maps	 (5	 kb	 bin):	SIR3	 and	 sir3-A2Q.	 The	 colour	

code	reflects	chromosomal	arm	lengths	and,	centromeres,	telomeres	and	rDNA	are	highlighted.	
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The	replication	of	 telomeres	causes	 their	release	 from	the	nuclear	envelope	(Ebrahimi	

and	 Donaldson,	 2008),	 whereas	 the	 relocation	 of	 the	 telomere	 hyperclusters	 towards	

the	 nuclear	 interior	 persists	 in	 cells	 at	 different	 cell	 cycle	 stages.	We	 investigated	 the	

dynamics	of	post-replicative	telomeres	in	the	WT,	sir3∆	and	SIR3	strains.	Populations	of	

G1	elutriated	cells	for	each	of	these	strains	were	released	into	S	phase	and	arrested	with	

nocodazole	at	G2/M	 for	Hi-C.	The	depletion	of	 the	Sir3	protein	 in	G2/M	arrested	cells	

(sir3∆	G2/M)	displays	only	a	mild	reduction	of	the	telomere	contacts	compared	with	the	

wild-type	(WT	G2/M)	(Figure	8A,	boxplot).	This	is	likely	a	consequence	of	the	expected	

post-replication	telomere	detachment	from	the	nuclear	periphery.	Cells	overexpressing	

SIR3	maintain	strong	contacts	between	telomeres	in	G2/M	(Figure	8A,	black	arrowheads	

and	boxplot),	whereas	the	contacts	between	the	rDNA	and	the	telomeres	are	completely	

lost	(Figure	8B).	The	3D	representation	of	the	corresponding	contact	map	illustrates	the	

separation	of	the	rDNA	locus	from	the	telomere	hypercluster	(Figure	8C).	In	light	of	this	

observation,	 it	 is	 possible	 that	 the	 exclusion	 of	 the	 rDNA	 locus	 from	 the	 telomere	

hyperclusters	 is	 due	 to	 a	 different	 nuclear	 localizations	 of	 these	 loci	 after	 replication.	

That	 could	 be	 the	 consequence	 of	 their	 different	 mechanisms	 of	 nuclear	 envelope	

attachment	 (Mekhail	 et	 al.,	 2008,	 2008).	 However,	 we	 cannot	 exclude	 a	 potential	

secondary	 effect	 due	 to	 the	 treatment	 of	 the	 cells	 with	 nocodazole,	 known	 to	 cause	

centromere	detachment	from	the	nuclear	envelope	(Jacobs	et	al.,	1988b).	As	previously	

discussed	 (chapter	 2.1	 section	 "Nocodazole	 affects	 chromosome	 12	 conformation",	

Lazar Stefanita	 et	 al.,	 2017),	 cells	 treated	 with	 nocodazole	 display	 a	 different	

organization	 of	 chromosome	 12	 when	 compared	 with	 cells	 in	 G2	 or	 cells	 arrested	 in	

metaphase	using	conditional	mutants	(such	as	cdc20).	Therefore,	these	results	remain	to	

be	further	clarified.		
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Figure	8	Reorganization	of	telomere	hyperclusters	in	G2/M	arrested	cells.	(A)	Comparison	

of	G2/M	contact	maps	 (50	kb	bin).	 Top	 right	map:	 log-ratio	between	SIR3	 and	WT	 cells.	 Black	

arrowheads	point	at	 inter-telomere	contacts.	Bottom	 left	map:	 log-ratio	between	sir3∆	 and	WT	

cells.	The	16	yeast	chromosomes	are	displayed	above	the	maps.	Blue	to	red	colour	scales	reflect	
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the	enrichment	in	contacts	in	one	population	with	respect	to	the	other.	Boxplot	quantifications	of	

G2/M	 telomere	 contacts	 (5	 kb	 bin	 contact	 maps).	 (B)	 Distributions	 of	 G2/M	 normalized	

chromosomal	contacts	made	by	a	50	kb	cen-proximal	rDNA	flanking	region	with	the	rest	of	the	

genome	 in	WT	 and	SIR3	G2/M	 cells.	 Arrowheads	 indicate	 telomere	 (black)	 and	 rDNA	 (purple)	

positions.	(C)	3D	average	representation	of	the	G2/M	Hi-C	contact	maps	(5	kb	bin):WT,	sir3∆	and	

SIR3.	The	colour	code	reflects	chromosomal	arm	lengths	and,	centromeres,	telomeres	and	rDNA	

are	highlighted	 	
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Telomere-distal	binding	sites	of	Sir3:	how	far	can	you	go?		

As	previously	 showed	 (Figure	6),	 several	 telomere-distal	binding	sites	of	Sir3	 (located	

more	 than	 30	 kb	 from	 the	 nearest	 telomere)	 were	 mapped	 in	 the	 wild-type	 and	

overexpressed	SIR3	 strains	by	ChIP-seq	 (Table	1)	 (Antoine	Hocher,	Taddei’s	 lab).	This	

analysis	has	found	that	the	size	of	the	binding	sites	were	quite	variable	from	1	kb	up	to	

almost	10	kb	and	they	were	located	at	different	distances	from	the	telomeres.		

The	overexpression	of	Sir3	provides	an	 ideal	 condition	 to	map	 the	maximal	 spreading	

distance	of	 the	silenced	chromatin	 from	the	telomeres.	We	reasoned	that	at	 increasing	

distances	 from	 the	 telomeres	 the	 probability	 of	 contacts	 should	 diminish	 and,	

eventually,	 	 drop	 at	 the	 chromosomal	 position	 where	 the	 spreading	 ends.	 For	 this	

analysis	we	used	the	contact	maps	of	G1	exponential	cells	of:	sir3∆,	WT	and	SIR3	strains.	

We	quantified	the	contact	frequency	between	the	18	telomere-distal	sites	and	revealed	

that	 sites	 mapped	 more	 than	 50	 kb	 from	 the	 telomeres	 drastically	 diminished	 their	

interaction	(Figure	9A).	To	further	investigate	whether	these	sites	preferentially	interact	

between	 each	 other	 or	with	 the	 telomere	 hyperclusters,	 the	 4C	 contact	 profiles	 were	

analysed.	Examples	of	4C	profiles	show	two	binding	sites	on	chromosome	7:	one	located	

<	45	kb	from	the	telomere,	contacting	all	the	telomeres	while	the	other	located	>	50	kb	

does	not	(Figure	9B).	Altogether	these	analyses	suggest	that	Sir3-bound	regions	up	to	45	

kb	 from	 the	 telomeres’	 ends	 are	 probably	 included	 and	 silenced	 inside	 the	

hyperclusters.		

Among	 the	 11	 telomere-distal	 sites	 (>	 50	 kb)	 a	 discrete	 locus	 on	 the	 right	 arm	 of	

chromosome	 6	 and	 positioned	 ~84	 kb	 away	 from	 the	 telomere	 stood	 out	 during	 the	

analysis.	 This	 locus	 is	 particularly	 enriched	 for	 Sir3	 binding	 in	 both	 WT	 and	 SIR3	

overexpression	 conditions	 (Figure	 6,	 star).	 In	 addition,	 this	 locus	 presents	 strong	

contacts	 with	 both	 the	 telomeres	 and	 the	 rDNA	 in	 G1	 overexpression	 (Figure	 10).	

Whereas,	the	other	internal	sites	contact	neither	the	telomeres	nor	the	rDNA	(examples	

in	Figure	9B).	The	contact	on	chr6	 is	dependent	on	Sir3	(absent	 in	sir3∆)	and	requires	

the	spreading	activity	of	the	protein	(absent	in	sir3-A2Q)	(Figure	10A).	It	imposes	a	fold	

inside	 the	 arm	of	 Chr6	 and	 gives	 rise	 to	 a	 peculiar	 pattern	 of	 contacts	 that	 appear	 as	

“butterfly-like”	 shape	 on	 the	 contact	 map	 (Figure	 10A).	 As	 a	 consequence	 of	 the	

hypercluster	formation,	this	 locus	establishes	contacts	with	all	the	telomeres.	Similarly	

to	 the	rDNA,	 these	contacts	disappear	 in	G2/M	(Figure	10B).	So	 far,	we	could	not	 find	

any	 significant	 genomic	 feature	 in	 this	 region	 that	 might	 provide	 indications	 on	 the	

functional	role	of	this	structure.		
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Figure	 9	 Contacts	 between	 telomere-distal	 Sir3	 binding	 sites	 indicate	 a	 maximum	

hypercluster	 size	 of	 ~45	 kb.	 (A)	Boxplot	quantifications	of	 contacts	 (5	kb	bin	 contact	maps)	

between	telomere-distal	Sir3	binding	sites	in	sir3∆,	WT	and	SIR3	strains	synchronized	in	G1.	Left	

boxplot:	 contacts	 between	 sites	 that	 are	 located	 less	 than	 45	 kb	 from	 the	 telomeres.	 Right	

boxplot:	 contacts	 between	 sites	 that	 are	 located	 more	 than	 50	 kb	 from	 the	 telomeres.	 (B)	

Distributions	 of	 normalized	 chromosomal	 contacts	 made	 by	 two	 telomere-distal	 binding	 sites	

located	on	chromosome	7	(5	kb	bin)	with	the	rest	of	the	genome	in	WT	G1	and	SIR3	G1	cells.	Top	

panel:	position	centered	on	the	32	kb	coordinate	chr7L.	Bottom	panel:	position	centered	on	the	

370	kb	coordinate	chr7L.	Black	arrowheads	indicate	telomere	positions.	
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Figure	10	Dynamics	of	a	telomere-distal	Sir3	binding	site.	(A)	Hi-C	contact	maps	of	

chromosome	6	in	G1:	WT,	sir3∆,	SIR3	and	sir3-A2Q	strains	(5	kb	bin).	Chromosome	6	is	

displayed	 on	 the	 left	 side,	 arrowheads	 point	 at	 the	 two	 telomeres.	 Blue	 to	 red	 colour	

scale	 reflects	 low	 to	 high	 contact	 frequency.	 (B)	 Distributions	 of	 normalized	

chromosomal	 contacts	 made	 by	 a	 10	 kb	 region	 on	 chr6	 (centered	 on	 the	 182	 kb	

coordinate)	with	the	rest	of	the	genome	in	SIR3	G1	and	SIR3	G2/M.	Arrowheads	indicate	

telomere	(black)	and	rDNA	(purple)	positions.		 	
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Discussion	

In	 this	 work	 we	 combined	 Hi-C	 and	 ChIP-seq	 to	 investigate	 the	 organization	 of	 the	

telomeric	chromatin	in	different	metabolic	conditions	in	the	presence	or	absence	of	the	

silencing	protein	Sir3.		

Our	 results	 confirmed	 the	 essential	 role	 of	 Sir3	 in	 the	 formation	 of	 telomere	 clusters	

(Guidi	 et	 al.,	 2015;	 Marcand	 et	 al.,	 1996;	 Moretti	 et	 al.,	 1994)	 and	 showed	 that	 an	

increase	 in	 protein	 concentration	 resulted	 in	 telomere	 and	 subtelomere	hyperclusters	

(Ruault	 et	 al.,	 2011).	 The	 spreading	 of	 Sir3	 on	 the	 subtelomeres	 gives	 rise	 to	 dense	

heterochromatic	 clusters	 (including	 up	 to	 ~45	 kb),	 well	 isolated	 from	 the	 rest	 of	 the	

genome.	 By	 microscopy,	 it	 was	 observed	 that	 the	 hyperclusters	 of	 telomeres	 tend	 to	

relocalize	in	the	middle	of	the	nuclear	space	(Ruault	et	al.,	2011),	a	position	which	could	

reflect	 the	 physical	 constrain	 imposed	 by	 the	 small	 arms.	 Moreover,	 natural-induced	

telomere	hyperclusters	have	been	reported	to	play	a	role	in	maintaining	the	viability	of	

quiescent	G0	 cells,	 characterized	by	 significantly	 reduced	metabolic	 rates	 (Guidi	 et	 al.,	

2015).	 Our	 analysis	 of	 G1	 cells	 from	 overnight	 saturated	 cultures	 revealed	 that	

telomeres	start	to	increase	clustering	relatively	early	during	cell	adaptation	to	nutrient	

depletion	and	that	this	process	is	Sir3-dependent.	Although	at	this	stage,	telomeres	are	

not	 yet	 assembled	 into	 hyperclusters.	 In	 addition,	 during	 this	 early	 reorganization	

telomeres	start	to	contact	the	rDNA	locus.	It	was	shown	that	only	20%	of	the	150	-	200	

copies	of	the	ribosomal	RNA	gene	copies	of	the	rDNA	cluster	(Johnston	et	al.,	1997)	are	

actively	transcribed.	Whereas,	the	others	are	silenced	in	a	SIR-dependent	manner	(Gotta	

et	al.,	1997),	a	process	that	increases	the	genomic	stability	of	this	repeated	locus	(Huang	

and	Moazed,	2003;	Kaeberlein	et	al.,	1999;	Pasero	et	al.,	2002).	Moreover,	the	prolonged	

lifespan	in	nutrient	deprivation	correlates	with	the	enhanced	rDNA	silencing	that	this	is	

partially	dependent	on	Sir2	(Kaeberlein	et	al.,	1999).	In	addition,	it	has	been	shown	that	

the	 nucleolar	 Sir2	 recruits	 Sir3	 for	 silencing	 and,	 that	 in	 the	 absence	 of	 Sir3,	 the	

subtelomeric	localization	of	Sir2	is	lost	(Gotta	et	al.,	1997).	Although,	the	rDNA-telomere	

contact	observed	in	overnight	cells	was	neither	dependent	on	Sir3	nor	preserved	in	G0	

cells,	 the	 overexpression	 of	 Sir3	 in	 exponential	 growing	 cells	 displayed	 this	 contact.	

Interestingly,	the	bridge	between	the	rDNA	and	the	telomere	hypercluster	was	impaired	

in	 the	 spreading/silencing	 defective	 protein	 (sir3-A2Q).	 These	 results	 suggest	 that	 a	

“first”	response	to	starvation	may	rely	on	the	re-localization	of	the	Sir3-bound	telomeres	

close	to	the	Sir2-enriched	nucleolus	to	achieve	silencing	and	eventual	hyperclusters.	The	

colocalization	 of	 the	 two	 major	 prone-to-silencing	 loci	 (rDNA	 and	 telomeres)	 would	

sequester	the	SIR	factors	in	subnuclear	compartments	where	they	are	needed,	avoiding	

unwanted	ectopic	silencing.	These	rDNA–telomere	contacts	were	lost	after	replication	in	
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cells	 arrested	 in	 G2/M	 by	 nocodazole,	 although	 the	 telomere	 hyperclusters	 were	

maintained.	In	the	previous	section	2.1	we	showed	that	nocodazole	treatment	affects	the	

organization	of	chromosomes	12.	This	is	probably	the	result	of	centromere	detachment	

form	 the	 nuclear	 envelope,	 microtubule-dependent	 attachment	 (Heun	 et	 al.,	 2001a;	

Jacobs	 et	 al.,	 1988b).	Whereas,	 the	microtubule-independent	 perinuclear	 anchoring	 of	

the	rDNA	is	not	altered	(Mekhail	et	al.,	2008).	Therefore,	the	exclusion	of	the	rDNA	from	

the	 G2/M	 hyperclusters	 could	 be	 an	 artefact	 of	 the	 drug	 treatment	 on	 the	 global	

structure	of	the	nucleus.		

	

An	 additional	 observation	 made	 during	 these	 experiments	 was	 the	 Sir3-dependent	

contacts	 detected	 between	FLO	 genes.	FLO1	 and	FLO11	 genes	 are	 among	 those	 genes	

involved	 in	 the	 flocculation,	 adhesion	 and	 filamentous	 processes	 (Kobayashi	 et	 al.,	

1999).	 The	 commonly	 used	 S.	 cerevisiae	 BY4741	 strain	 (Brachmann	 et	 al.,	 1998)	 is	 a	

completely	non-adherent	yeast.	The	telomere-proximal	floculin	genes	are	silent	with	the	

exception	 of	 FLO11	 gene,	 which	 is	 responsible	 for	 cell-substrate	 adhesion	 within	 the	

haploid	as	well	as	 the	diploid	yeast	 life	cycle	 in	different	environments	 (Verstrepen	et	

al.,	2004).	Noteworthy,	FLO	genes	contain	multiple	intragenic	tandem	repeats,	which	are	

sources	of	inter-FLO	recombination	and	functional	variability	(Verstrepen	et	al.,	2005).		

Not	only	do	FLO1	and	FLO11	share	similarities	in	the	repeated	regions	but	they	are	also	

known	to	be	co-regulated	by	 the	same	transcription	 factor,	Flo8	(Fichtner	et	al.,	2007;	

Kobayashi	 et	 al.,	 1999).	 Analysis	 of	 the	 intergenic	 region	 of	 FLO11	 has	 reported	 the	

longest	5′	non-coding	region	with	a	regulatory	functions	in	the	yeast	genome	(∼3.6	kb	

upstream	of	the	ATG)	(Rupp	et	al.,	1999).	Recently,	the	transcription	of	two	long	ncRNA	

(ICR1	 and	 PWR1)	 has	 been	 reported	 to	 control	 the	 epigenetic	 state	 of	 the	 FLO11	

promoter.	 The	 authors	 observed	 that	 in	 function	 of	 the	 transcribed	 long	 ncRNA	 the	

status	 of	 the	 chromatin	 becomes	more	 or	 less	 accessible	 to	 Flo8,	 therefore	 switching	

from	 transcribed	 to	 repressed	FLO11,	 respectively	 (Bumgarner	et	 al.,	 2009).	Although,	

Flo8	activates	FLO1,	the	promoter	of	this	latter	lacks	all	the	regulatory	region	described	

for	FLO11	 (Fichtner	 et	 al.,	 2007).	 In	 the	 light	 of	 these	observations,	maybe	 the	FLO1	 -	

FLO11	contacts	could	be	related	to	a	shared	transcription	regulation	system	relying	on	

the	non-coding	 region	of	FLO11?	 Further	 investigations	 are	needed	 to	 understand	 the	

regulatory	 function	of	 this	 long	non-coding	 region	on	 the	 chromatin	 structure.	 First,	 a	

thorough	 investigation	 of	 the	 transcription	 activity	 in	 this	 regulatory	 region	 and	 in	

different	growing	conditions,	 is	needed.	For	 this	purpose	we	can	exploit	genome-wide	

transcription	 profiles	 already	 available	 on	 GEO	 databank	 (Barrett	 et	 al.,	 2013).	 This	

analysis	may	give	us	important	hints	on	the	potential	status	of	the	chromatin	(e.g.	high	
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levels	 of	 ICR1	 are	 associated	with	 an	 open	 state	 of	 the	 chromatin	 dependent	 of	 Rpd3	

histone	deacetylase)	(Bumgarner	et	al.,	2009).	Second,	both	colocalizing	FLO	genes	are	

located	 at	 nearly	 identical	 distances	 from	 the	 respective	 centromeres	 therefore	 their	

colocalization	might	 be	 favoured	 by	 the	 rabl-like	 organization	 of	 yeast	 chromosomes.	

Noteworthy,	FLO9	located	on	the	other	arm	of	chr1	(also	short)	does	not	seem	to	contact	

FLO1	 and	 FLO11.	 To	 investigate	 this	 possibilities	 we	 could	 reposition	 these	 genes	 at	

ectopic	locations	on	the	rabl	organization	(e.g.	short	and	long	chromosomal	arms).		

The	compact	genome	of	S.	cerevisiae	is	characterized	by	relatively	short	genes	with	little	

introns	and	predominantly	short	regulatory	sequences	that	have	made	difficult	to	detect	

inter-chromosomal	 links	 between	 functionally	 related	 genes.	 To	 our	 knowledge	 the	

observations	 reported	 here	 could	 point	 at	 contacts	 between	 transcriptionally	 co-

regulated	genes	in	budding	yeast.		

	

Material	and	Methods	

	

Yeast	strains	

All	 the	strains	are	derivatives	of	BY4741	(MATa	his3Δ1	leu2Δ0	met15Δ0	ura3Δ0).	Built	

by	Antoine	Hocher	 (Taddei	Lab,	 Institut	Curie,	 Paris).	All	 the	 strains	 contain	 the	Rap1	

protein	 tagged	with	GFP	(rap1::GFP-RAP1).	Several	strains	overexpress	Sir3	protein	or	

the	 mutated	 variant	 under	 the	 control	 of	 the	 GAL1	 promoter	 (SIR3::pGPD-SIR3,	

SIR3::pGPD-sir3-A2Q).	

	

For	 Hi-C	 experiments	 and	 data	 analysis	 refer	 to	 the	 Chapter:	 2.1	 “Cohesins	 and	

condensins	orchestrate	 the	4D	dynamics	of	yeast	chromosomes	during	 the	cell	cycle”	 .	

An	average	of	13	millions	of	valid	Hi-C	reads	were	used	to	generate	each	contact	map.		
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Table	 1	 Sir3	 telomere-distal	 binding	 sites.	 ChIP-seq	 analysis	mapped	 internal	 binding	

sites	 (>	 30	 kb	 from	 the	 nearest	 telomere)	 of	 the	 Sir3	 protein	 in	 SIR3	 overexpression	 strains.	

Performed	 by	 Antoine	 Hocher	 (Taddei	 Lab,	 Institut	 Curie,	 Paris.	 The	 spreading	 distance	 is	

indicated	by	the	start	and	end	coordinates,	respectively.	The	contact	frequencies	between	these	

sites	 (see	 Figure	 9)	 were	 computed	 from	 the	 5	 kb	 maps	 using	 the	 average	 coordinate	

chromosomal	position.			

	

Chromosome	

start	

binding	site	

(bp)	

end	binding	

site	(bp)	

average	

coordinate	of	

the	binding	site	

(kb)	

distance	from	

the	telomere	

(kb)	

	(>	or	<	50kb)	

Chr1	 40881	 47022	 44	 <	45		

Chr1	 69000	 75000	 72	 >	50		

Chr1	 187987	 193994	 191	 <	45		

Chr2	 428000	 431000	 430	 >	50		

Chr3	 28487	 32005	 30	 <	45		

Chr3	 48838	 54340	 52	 >	50		

Chr4	 433976	 438438	 436	 >	50		

Chr5	 224000	 227000	 226	 >	50		

Chr5	 384000	 388000	 386	 >	50		

Chr6	 30985	 34010	 32	 <	45		

Chr6	 180274	 184861	 183	 >	50		

Chr7	 29617	 34888	 32	 <	45		

Chr7	 366000	 367000	 367	 >	50		

Chr7	 1066000	 1070000	 1068	 <	45		

Chr10	 682000	 686000	 684	 >	50		

Chr12	 1017315	 1024251	 1021	 >	50		

Chr13	 755250	 760317	 758	 >	50		

Chr14	 750000	 760000	 755	 <	45		
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Part	3	:	

	

2.3	Investigating	the	influence	of	genome	architecture	and	

dynamics	on	genomic	stability	during	replication	in	S.	cerevisiae	
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Summary	

	

Different	 aspects	 of	 the	 higher-order	 organization	 of	 the	 yeast	 genome	 have	 been	

discussed	 earlier	 in	 this	manuscript	 (sections	 2.1	 and	2.2).	We	notably	 contributed	 to	

show	 that	 subchromosomal	 domains	 of	 chromosomes	 (e.g.	 centromere	 and	 telomere	

clusters)	 are	 positioned	 non-randomly	 with	 regard	 to	 each	 other	 and	 to	 nuclear	

landmarks.	 Also,	 we	 have	 investigated	 the	 structural	 influence	 of	 several	 protein	

complexes	 (e.g.	 SMC,	Top2,	SIR,	etc.)	on	chromatin	structure	during	 the	cell	 cycle.	The	

functional	 role	 of	 genome	 organization	 is	 a	 long	 standing	 question,	 and	 a	 number	 of	

reports	 have	 described	 an	 influence	 of	 this	 parameter	 on	 a	 number	 of	 carefully	

regulated	 chromosomal	 processes,	 including	DNA	 repair,	 replication	 and	 transcription	

(Misteli,	2007;	Prioleau	and	MacAlpine,	2016;	Taddei	and	Gasser,	2012).	Indeed,	one	of	

the	 original	 motivations	 of	 this	 work	 was	 to	 study	 the	 influence	 of	 chromosome	

organization	on	DNA	repair.	Here,	I	will	discuss	some	of	the	work	tackled	during	my	PhD	

that	 aimed	 to	 better	 understand	 the	 consequences	 of	 improper	 DNA	 replication	 on	

genome	plasticity	in	light	of	chromosome	organization.	

	

	

Introduction	

In	 eukaryotes,	 DNA	 replication	 takes	 place	 in	 S	 phase.	 The	 early	 stages	 of	 replication	

involve	 the	 loading	of	 the	origin	of	replication	complex	along	the	chromosome	at	sites	

dubbed	 origins	 of	 replication,	 from	 which	 functional	 replisomes	 (replication	 forks	

associated	with	the	replication	machinery)	progress	bidirectionaly.	The	positions	of	the	

origins	 of	 replication	 along	 chromosomes	 have	 been	 characterized	 genome-wide	 in	

many	 eukaryotes	 (Prioleau	 and	MacAlpine,	 2016).	 In	 budding	 yeast,	 contrary	 to	most	

other	eukaryotic	species,	replication	origins	consist	of	approximately	500	small	(11	bp	

consensus	 sequence)	 discrete	 loci,	 called	 autonomously	 replicating	 sequences	 (ARS,	

Brewer	and	Fangman,	1987;	Raghuraman	et	 al.,	 2001).	ARS	 sequences	are	distributed	

along	chromosomes	at	relatively	even	distances	(Raghuraman	et	al.,	2001;	Yabuki	et	al.,	

2002),	 but	 their	 activation	 is	 not	 systematic,	 nor	 simultaneous.	 Differences	 in	 firing	

efficiency	between	ARSs	has	 led	to	their	categorization	 into	early,	mid	and	 late	origins	

(Brewer	and	Fangman,	1991).	The	coordinated	activation	of	replication	origins	ensures	
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that	the	duplication	of	the	genome	occurs	in	a	timely	manner.	In	other	eukaryotes	origin	

consensus	sequences	 (Cayrou	et	al.,	2011;	Valton	et	al.,	2014)	have	been	more	 loosely	

defined,	than	the	ARS	sequences,	nevertheless	their	sequential	activation	has	also	led	to	

the	 characterization	 of	 specific	 temporal	 programs	 in	 a	 variety	 of	 species,	 such	 as	

mammals	(Cadoret	et	al.,	2008),	flies	(Schübeler	et	al.,	2002)	and	in	fission	yeast	(Patel	

et	 al.,	 2006).	 Chromatin	 remodelers	 such	 as	 chromatin-binding	 proteins	 (e.g.	 SIR	

complex,	 Stevenson	 and	 Gottschling,	 1999)	 and	 chromatin-modifying	 enzymes	 (e.g.	

histone	deacetylases	and	methylases)	control	the	timing	of	eukaryotic	origin	activation	

(Aparicio	 et	 al.,	 2004;	Casas-Delucchi	 et	 al.,	 2012;	Rivera	 et	 al.,	 2014;	Vogelauer	 et	 al.,	

2002).	

	

Replication	factory:	a	contentious	model		

Early	 imaging	 studies	 of	metazoan	 replicating	 cells	 have	 suggested	 a	 spatial-temporal	

coordination	of	DNA	replication.	Notably,	neighboring	replication	forks	were	suggested	

to	cluster	 together	 in	 the	nucleus,	resulting	 in	 the	generation	of	 “replication	 factories”.	

These	compartments	gather	together	DNA	polymerase	and	replication	cofactors	where	

the	DNA	duplication	of	multiple	DNA	strands	proceeds	at	the	same	time	(Nakamura	et	

al.,	 1986;	 Jackson	 and	 Pombo,	 1998).	 An	 alternative	 way	 to	 investigate	 the	 spatial	

organization	 of	 the	 replication	 program	 came	 with	 the	 advent	 of	 the	 chromosome	

conformation	 capture	 (3C)	 technique	 (Dekker	 et	 al.,	 2002;	 Lieberman-Aiden	 et	 al.,	

2009).	 Using	 Hi-C,	 Pope	 et	 al.,	 (2014)	 showed	 that	 topological	 associating	 domains	

(TADs,	~900	kb)	seem	to	correspond	to	stable	units	of	 replication	 timing	 in	mammals	

and	proposed	a	“replication	domain	model”,	derivative	of	the	replication	factory	concept	

(Pope	et	al.,	2014).		

In	 unicellular	 eukaryotes,	 such	 as	 budding	 yeast,	 the	 uneven	distribution	 of	 early	 and	

late	 origins	 along	 chromosomal	 arms	 results	 in	 replication-timing	 domains.	 For	

instance,	centromere-proximal	regions,	which	are	enriched	in	early	origins,	replicate	at	

the	 onset	 of	 S	 phase,	 while	 telomere-proximal	 regions	 replicate	 late	 (McCarroll	 and	

Fangman,	 1988;	 Raghuraman	 et	 al.,	 2001).	 In	 addition,	 these	 loci	 are	 known	 to	 form	

distinct	 subnuclear	 compartments,	 such	 as	 centromere	 clusters	 and	 telomere	 foci	

(Figure	1A)	(Zimmer	and	Fabre,	2011).	As	in	metazoans,	foci	of	DNA	polymerases	were	

observed	 in	 yeasts,	 suggesting	 the	 assembly	 of	 origins	 into	 factories	 (Meister	 et	 al.,	

2007;	Pasero	et	al.,	1997).	A	more	recent	study	showed	that	replication	forks,	generated	

from	the	same	origin,	remain	associated	with	each	other	during	replication.	This	work	

supported	 the	 replication	 factory	 model,	 containing	 about	 ten	 replisomes	 each	

(Kitamura	et	al.,	2006).	Investigation	of	chromosome	3D	structure	with	3C	in	budding	
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Figure	1	Spatial-temporal	organization	of	DNA	replication	program.	(A)	A	schematic	view	of	

the	nuclear	organization	in	yeast,	showing	regional	distributions	of	replication	origins	and	their	

hypothesized	clustering	in	distinct	replication	foci.	(B)	Replication	stress	causes	the	block	of	the	

replication	fork	that	can	either	resume	replication	(error-free)	or	collapse	and	restart	replication	

by	recombination	(error-prone).	
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	yeast	revealed	an	enrichment	in	contacts	between	early	replicated	regions	(Duan	et	al.,	

2010),	observation	that	stood	proper	normalization	(Cournac	et	al.,	2012).	Other	4C	and	

Hi-C	studies	confirmed	the	clustering	of	early	replication	origins	(Knott	et	al.,	2012)	and,	

more	recently,	their	association	into	stable	TADs	(Eser	et	al.,	2017).	Noteworthy,	these	

works	 have	 detected	 clusters	 of	 early	 centromeric	 origins	 in	 asynchronous	 cell	

populations.	However,	 our	 recent	Hi-C	work	 on	 cells	 synchronized	 in	 S	 phase	 did	 not	

reveal	 any	 TADs	 nor	 discrete,	 strong	 contacts	 between	 neighboring	 early	 replication	

origins	 (Lazar Stefanita	 et	 al.,	 2017).	 Although,	 we	 identified	 a	 slight	 enrichment	 in	

contacts	between	early	regions	it	remains	difficult	to	interpret	whether	this	enrichment	

results	 from	 the	 uneven	 distribution	 of	 similar	 replicated	 regions	 on	 the	 Rabl-like	

organization.	

However,	 this	 attractive	 clustering	model	 remains	 controversial.	 Advances	 in	 imaging	

techniques	 have	 now	weakened	 the	 existence	 of	 replication	 factories.	 Some	 pieces	 of	

evidence	 came	 from	 a	 super-resolution	 study	 in	 budding	 yeast,	 which	 observed	 that	

most	 of	 the	 replication	 factories	 consist	 of	 one	 or	 two	 pairs	 of	 sister	 replisomes,	

stochastically	 associated	 (Saner	 et	 al.,	 2013).	 Whereas,	 super-resolution	 imaging	 in	

metazoans	 showed	 that	 single	 replisomes	 	 are	 relatively	 distant	 from	 each	 other,	

forming	 discrete	 foci	 throughout	 the	 nuclei	 of	 human	 and	mouse	 cells	 (Chagin	 et	 al.,	

2016).	 Similarly,	 genome-wide	analysis	using	Hi-C	on	 synchronized	 cells	 also	 alleviate	

this	 model:	 single-cell	 Hi-C	 revealed	 an	 extensive	 reorganization	 of	 chromosomal	

compartments	 and	 a	 reduction	 of	 the	 TADs	 during	 replication	 in	 mammalian	 cells	

(Nagano	et	al.,	2017).	Altogether	these	studies	point	at	a	stochastic	spatial	organization	

of	the	replication	program	both	in	mammals	and	yeast.		

	

Progression	od	DNA	replication	through	various	roadblocks		

During	DNA	replication	the	progression	of	the	forks	can	pause	and,	eventually,	arrest	at	

different	 replication	 fork	 blocks	 (RFBs)	 (Figure	 1B)	 (Mirkin	 and	 Mirkin,	 2007).	 For	

instance,	sequences	prone	to	generate	secondary	structures	such	as	long	tri-nucleotide	

repeats	(Richard	et	al.,	2000),	palindromic	sequences	(Lobachev	et	al.,	2007)	and	GC	rich	

motifs	 forming	G-quadruplexes	 (Lopes	 et	 al.,	 2011),	 are	 known	 to	 disrupt/slow-down	

DNA	synthesis	(Branzei	and	Foiani,	2010a).	Non-histone	protein/DNA	interactions	can	

programme	the	pause	of	a	replication	fork:	Fob1/RFB	in	S.	cerevisiae	rDNA	(Brewer	and	

Fangman,	 1988;	 Kobayashi	 and	 Horiuchi,	 1996);	 Rtf1/RTS1	 at	 S.	 pombe	 mating	 type	

locus	(Dalgaard	and	Klar,	1999);	Tus/Ter	replication	termination	system	in	E.coli	(Hill	et	

al.,	 1987).	 Finally,	 DNA	metabolic	 processes	 such	 as	 replication–transcription	 clashes	
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have	also	been	shown	to	 interfere	with	replication	progression	(Lin	and	Pasero,	2012;	

Lu	et	al.,	2014;	Takeuchi	et	al.,	2003).		

Budding	 and	 fission	 yeast	 have	 been	 used	 as	 model	 organisms	 to	 understand	 the	

multitude	 of	 cellular	 responses	 to	 RFBs.	 In	 addition,	 it	 has	 been	 estimated	 that	 the	

genome	 of	 budding	 yeast	 contains	 approximately	 1400	 natural	 RFBs	 caused	 by	

protein/DNA	interactions	(Ivessa	et	al.,	2003).	This	broad	variety	of	RFBs	has	allowed	us	

to	 study	 how	 cells	 i)	 handle	 the	 different	 types	 of	 blocks	 to	 avoid	 the	 collapse	 of	 the	

forks	and	the	generation	of	free	DNA	ends,	and	ii),	in	case	of	collapse,	the	recruitment	of	

different	DNA	repair	machineries.	Most	of	the	RFBs	are	normally	resolved	by	the	Rrm3	

helicase	 that	 has	 been	 suggested	 to	 interact	 with	 the	 catalytic	 subunit	 of	 the	 DNA	

polymerase	and	thus	progresses	with	the	replication	forks	(Azvolinsky	et	al.,	2006).	 In	

the	absence	of	the	“fork	clearing”	activity	of	this	helicase	the	RFBs	appear	as	hot	spots	of	

recombination	 (Torres	 et	 al.,	 2004).	 However,	 Rrm3-based	 mechanism	 is	 not	 always	

sufficient	 to	 ensure	 the	 progression	 of	 the	 forks	 through	 all	 the	 RFBs	 (e.g.	 the	 Fob1	

programmed	 RFB)	 (Kaplan	 and	 Bastia,	 2009;	 Mohanty	 et	 al.,	 2006).	 Therefore,	 the	

resulting	arrested	replication	forks	can	be	stabilized	via	the	activity	of	the	intra-S	phase	

checkpoint	 until	 the	 fork	 block	 is	 removed	 and	 replication	 resumed	 (Lopes	 et	 al.,	

2001a).	Alternatively,	an	unresolved	RFB	may	lead	to	the	disassembly	of	the	replisome	

that	possibly	results	into	a	spontaneous	or	nuclease-mediated	collapse,	freeing	ssDNA	or	

dsDNA	 ends	 (Cobb	 et	 al.,	 2003b;	 De	 Piccoli	 et	 al.,	 2012).	 To	 complete	 replication	 the	

collapsed	fork	needs	to	be	restarted	through	DNA	repair	mechanisms.		

Different	pathways	prevail	to	repair	damaged	DNA	molecules,	depending	on	the	ploidy,	

the	 stage	of	 the	cell	 cycle,	 the	 type	of	damage,	 the	nature	of	 the	 sequence	and	protein	

factors	involved	(Branzei	and	Foiani,	2010b;	Lambert	et	al.,	2007;	Sonoda	et	al.,	2006).	

During	 replication,	 repair	 mechanisms	 involving	 homologous	 or	 similar	 sequences	

appear	dominant	compared	to	other	pathways	(Lambert	et	al.,	2010;	Carr	and	Lambert,	

2013;	 Costes	 and	 Lambert,	 2012;	 Truong	 et	 al.,	 2014).	 Current	 models	 involve	

dissociation/exposure	of	a	ssDNA	(Seigneur	et	al.,	1998;	Shinohara	et	al.,	1992;	Sogo	et	

al.,	 2002)	 that	 will	 invade	 a	 non-allelic	 template,	 either	 through	 homologous	

recombination	 (HR),	 or	 through	 micro-homology/microsatellites	 induced	 replication	

events	(MMIR;	MMBIR)(Hastings	et	al.,	2009a;	Iraqui	et	al.,	2012;	Lambert	et	al.,	2010;	

Mizuno	 et	 al.,	 2013;	 Payen	 et	 al.,	 2008).	 However,	 chromosome	 rearrangements	

resulting	 from	 the	 repair	 of	 RFBs	 show	 that	 these	 processes	 are	 not	 error	 free,	 and	

illustrate	 the	 recombinogenic	 potential	 of	 these	 damaged	 molecules	 (Hastings	 et	 al.,	

2009b;	Koszul	and	Fischer,	2009;	Lambert	et	al.,	2005;	Mizuno	et	al.,	2009).	
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Effect	of	chromatin	mobility	on	DNA	repair			

It	 is	 logical	 to	 assume	 that	 the	 outcome	 of	 the	 repair	 event	 is	 influenced	 by	 the	

chromatin	organization	and/or	dynamics.	How	do	ends	of	different	damaged	molecules	

find	 each	 other	 inside	 the	 nuclear	 volume?	 Several	 studies	 in	 yeast	 showed	 that	 the	

presence	of	a	DNA	break	correlates	with	an	increase	in	chromatin	mobility,	not	only	at	

the	 damaged	 site	 but	 also	 genome-wide	 (Dion	 et	 al.,	 2012;	 Heun	 et	 al.,	 2001a;	 Miné-

Hattab	and	Rothstein,	2012).	This	 increase	 in	mobility	has	been	 suggested	 to	enhance	

the	 efficiency	 of	 repair	 due	 to	 an	 active	 search	 for	 repair	 partners	 (Miné-Hattab	 and	

Rothstein,	 2013).	 Moreover,	 a	 recent	 study	 have	 reported	 a	 global	 stiffening	 of	 the	

chromatin	fibre	in	response	to	DNA	damage	that	might	be	responsible	for	the	increase	in	

chromatin	dynamics	(Herbert	et	al.,	2017).	In	addition,	chromosome	conformation	(Hi-

C)	studies	on	mammalian	cells	has	also	shown	genome-wide	clustering	of	double	strand	

brakes,	when	 they	are	 induced	 in	 transcriptionally	active	genes	 (Aymard	et	 al.,	 2017).	

On	 the	 other	 hand,	 these	 dynamics	 would	 eventually	 fail	 to	 promote	 the	 appropriate	

encounter	in	specific	dispositions	of	breaks,	as	for	instance	the	recombination	efficiency	

is	correlated	with	the	distance	between	the	breaks	(Agmon	et	al.,	2013;	Lee	et	al.,	2016).	

These	 observations	 seem	 to	 support	 the	 so-called	 “contact-first”	 model	 repair	

mechanism,	in	which	the	non-random	organization	of	genomes	coupled	with	global	and	

local	modifications	 of	 the	 chromatin	 fibre	would	 favour	 spatial-proximal	 partners	 for	

repair	choice.		

	

In	theory	clustered	replication	forks	encountering	RFBs	at	a	similar	time	during	S	phase	

should	be	more	likely	to	generate	genomic	instability.	Indeed,	the	local	concentration	of	

ss/dsDNA	 at	 the	 level	 of	 the	 clustered	 forks	 would	 be	 higher	 than	 in	 the	 rest	 of	 the	

genome,	 favouring	 the	 annealing	 of	 different	 DNA	 regions	 at	 very	 short	 distances,	 as	

predicted	by	the	contact-first	model.	This	model	was	proposed	to	explain	the	prevalence	

of	 breakpoints	 composed	 of	 short	 sequences	 described	 by	 Koszul	 et	 al.,	 (2004)	 and	

others	(Hastings	et	al.,	2009a;	Koszul	and	Fischer,	2009;	Koszul	et	al.,	2004;	Payen	et	al.,	

2008).	 We	 reasoned	 that	 monitoring	 the	 dynamic	 organization	 of	 chromosome	

segments	undergoing	 replication	 (using	 the	Hi-C	contact	maps	during	S	phase)	 should	

allow	us	to	determine	whether	or	not	specific	3D	contacts	during	replication	would	lead	

to	preferential	 chromosomal	 rearrangements.	 To	 investigate	 at	 a	molecular	 level	 such	

events,	we	developed	a	genetic	assay	that	aims	to	induce	multiple	replication	fork	blocks	

(RFBs)	 in	 regions	 replicated	 concomitantly	or	not	 (according	 to	 the	 replication	 timing	

REF).	 We	 exploited	 the	 replication	 termination	 system	 of	 E.	 coli	 chromosome,	 which	

relies	on	the	binding	of	the	protein	Tus	to	the	sequence	Ter,	to	generate	RFBs	in	yeast’s	
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genome	(Larsen	et	al.,	2014).	The	objective	of	this	study	was	to	investigate	the	potential	

genomic	 instability	 at	 the	 RFBs	 in	 light	 of	 the	 3D	 genome	 organization	 and	 their	

interplay	in	the	generation	of	possible	chromosomal	rearrangements.		

	

Results	

	

Setup	for	replication	fork	block		

The	 replication	 of	 most	 bacterial	 circular	 chromosomes	 starts	 at	 a	 unique	 origin	 of	

replication	 and	 terminates	 in	 the	 terminus	 region	 in	 a	 vis-à-vis	 position.	 In	 some	

bacteria,	 replication	 blocks	 occur	 at	 discrete	 replication	 terminator	 sequences,	 this	

slowing	of	the	replication	fork	ensures	termination	occurs	within	the	terminus	region	of	

the	chromosome.	In	Escherichia	coli,	this	block	occurs	at	the	level	of	ten	Ter	sites	bound	

by	 the	Tus	protein	 (Figure	2A)	 (Hill	 et	 al.,	 1987;	Duggin	 and	Bell,	 2009).	The	Ter–Tus	

block	 is	 unidirectional,	 meaning	 that	 this	 complex	 blocks	 the	 replication	 fork	 coming	

from	one	direction.	The	Ter	site	forms	a	replication	fork	“trap”	that	would	allow	the	fork	

to	 enter	 but	 not	 to	 exit	 the	 terminus	 region.	 A	 commonly	 used	 assay	 to	 monitor	 the	

progression	 and/or	 the	 arrest	 of	 the	 replication	 forks	 is	 the	 neutral-neutral	 two-

dimensional	 electrophoresis	 technique	 (2D	 gel,	 Material	 and	 Methods).	 This	

hybridization-based	method	allows	the	detection	of	the	replication	intermediates,	such	

as:	bubble	structures	representing	firing	origins	while	the	Y	structures	are	termination	

products	 (Figure	 2B,	 schema	 left	 panel).	 All	 these	 branched	 structures	 are	 valid	

indicators	of	replication	fork	integrity	(Liberi	et	al.,	2006).	

The	Ter-Tus	system	has	recently	been	introduced	in	eukaryotic	genomes.	The	insertion	

of	 Ter	 sites	 in	 ectopic	 positions	 in	 mammalian	 chromosomes	 stimulates	 homologous	

recombination	between	these	different	regions	(Willis	et	al.,	2014).	 In	budding	yeast	a	

polarized	 replication	 fork	 pause	 was	 observed	 by	 2D	 gel	 at	 the	 level	 of	 Ter	 sites	

introduced	next	 to	 the	early	 firing	origin	ARS305	on	chromosome	3	(Figure	2B,	arrow	

on	the	bottom	panel)	(Larsen	et	al.,	2014).		

We	chose	to	exploit	the	potential	of	the	Ter-Tus	complex	to	induce	genomic	instability	in	

haploid	budding	yeast	strains	at	discrete	regions	selected	according	to	their	replication	

timing	profile.	First,	we	reproduced	 the	data	 from	Larsen	et	al.,	 (2014)	by	 introducing	

three	 consecutive	 Ter	 sites	 on	 chromosome	 3	 at	 1.3	 kb	 from	 ARS305	 (Figure	 3A,	

schema).	 The	TUS	 gene	 encoding	 the	Tus	protein	was	placed	under	 the	 control	 of	 the	

GAL1	promoter	on	a	centromeric	plasmid	(Table	1).	Cells	were	synchronized	in	G1	using	

α-factor	and	released	into	S	phase,	concomitantly	with	the	induction	of	the	Tus		
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Figure	2	Replication	fork	block	(RFB)	by	the	Ter-Tus	system.	(A)	Schematic	representation	of	

the	Ter-Tus	 replication	 termination	 in	E.coli.	 (B)	Left	panel	 shows	 the	2D	gel	pattern	expected	

when	 fork	 block	 is	 induced.	 Intermediates	 of	 replication	 (arrow)	 accumulate	 on	 the	 Y	 arc	 as	

ARS305	fires	and	disappear	as	the	replication	fork	from	ARS306	approaches.	Right	panel	shows	

multiple	 Ter-Tus	 replication	 blocks	 placed	 on	 chromosome	 3	 in	 proximity	 of	 the	 early	 firing	

origin	 ARS305	 (replication	 profile	 chr3,	 McCune	 et	 al.,	 2008).	 Bottom	 panels:	 yeast	 cells	

synchronized	in	G1	using	α-factor	were	released	in	presence	of	the	Tus	protein	and	the	pause	of	

the	fork	was	assessed	using	neutral-neutral	two	dimensional	electrophoresis	technique	(2D	gel)	

(adapted	from	Larsen	et	al.,	2014).		
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Figure	 3	 Bidirectional	 Ter-Tus	 replication	 block	 is	 persistent.	 (A)	Wild-type	 2D	 gel	 firing	

profile	 at	ARS305	 (strain	BY4741).	RF	 refers	 to	 the	 restriction	 fragment	probed	by	2D.	 	 In	 the	

right	 panel,	 2D	 gel	 pattern	 expected	when	 fork	 block	 is	 not	 induced.	 (B)	 Three	Ter	 sites	were	

placed	 on	 chromosome	 3	 in	 proximity	 to	 the	 early	 firing	 origin,	 ARS305	 (strain	 YAR016)	
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(replication	profile	chr3,	McCune	et	al.,	2008).	The	Tus	protein	was	provided	on	a	centromeric	

plasmid	 under	 the	 control	 of	GAL1	 promoter	 (pRS413-GAL1p-TUS).	 Cells	were	 synchronized	 in	

G1,	released	in	S	phase	and	the	accumulation	of	the	replication	intermediates	was	assessed	by	2D	

gel	 (arrow).	 (C)	 A	 second	 array	 of	 three	Ter	 sites,	 in	 an	 opposite	 orientation	 to	 the	 first	 ,	was	

inserted	 to	 increase	 the	persistence	and	 the	 strength	of	 the	 replication	pause	 (strain	YKL022).	

The	 resulting	 bidirectional	 block	 arrests	 both	 forks	 coming	 from	ARS305	 and	ARS306.	 On	 the	

right	panel,	2D	gel	pattern	expected	when	the	bidirectional	block	is	induced.			
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expression	 (Material	 and	Methods).	 The	 replication	pattern	 of	 the	 region	 carrying	 the	

Ter	 sites	 was	 investigated	 by	 2D	 gel	 (Figure	 3B;	 Table	 1,	 strain	 YAR016).	 After	 40	

minutes	 from	G1	 release,	 a	 signal	 corresponding	 to	 the	 stalled	 fork	 is	 detected	 at	 the	

expected	 position	 of	 the	Ter	 sites	 (Figures	 3B,	 arrow).	 This	 signal	 is	 the	 result	 of	 the	

accumulation	at	 the	Ter	blocks	of	Y-branched	structures,	coming	 form	ARS305	(Figure	

3B,	 schema).	 The	 signal	 rapidly	 disappears	 within	 20	 minutes,	 suggesting	 that	 the	

branched	structures	are	resolved	into	linear	molecules.	The	fast	recovery	of	the	pause	is	

presumably	 the	 result	 of	 the	 directionality	 of	 the	 block,	 which	 arrests	 only	 the	 fork	

coming	 from	 ARS305.	 Therefore,	 the	 incoming	 replication	 fork,	 originating	 from	 the	

neighbour	ARS306,	is	most	likely	to	rescue	the	block	and	achieve	the	full	replication	of	

this	 region.	 To	 increase	 the	 longevity	 of	 the	 block,	 three	 additional	 Ter	 sites	 were	

inserted	in	the	opposite	direction	to	the	first	ones	and	directed	against	the	fork	coming	

from	ARS306	(Figure	3C,	schema;	Table	1,	strain	YKL022).	As	expected,	the	Y-branched	

replication	intermediates	persist	for	a	longer	period	of	time,	and	are	still	detectable	after	

more	than	90	minutes	from	G1	release	(Figure	3C).		

In	 addition	 to	 the	 prolonged	 persistence	 of	 the	 Y-shaped	 structures	 (Figure	 4A	 grey	

arrow;	 4B,i)	 the	 bidirectional	 block	 revealed	 peculiar	 patterns	 of	 replication	

intermediates	 partially	 dependent	 on	 the	 RecQ	 helicase,	 Sgs1	 (Figure	 4A,	 purple	 and	

blue	 arrows;	 Table	 1,	 strain	 YKL045).	 This	 helicase	 preferentially	 binds	 to	 branched	

DNA	substrates	and	has	a	3'	à	5'	ATP-dependent	helicase	activity.	The	nucleolar	Sgs1	

has	been	reported	to	maintain	the	integrity	of	the	rDNA	locus,	which	is	characterized	by	

a	similar	protein/DNA	RFB	(Versini	et	al.,	2003).	The	 first	pattern	we	observed	on	the	

2D	gel	is	a	conspicuous	amount	of	branched	structures	located	on	a	spike	that	extends	

from	the	Y-shaped	block	towards	the	bubble	arc,	parallel	to	the	X-spike	(Figure	4A,	WT	

40-60	 minutes,	 purple	 arrow).	 Similar	 structures	 have	 been	 associated	 with	 fork	

regressions	or	“chicken	 foot”	 junctions	(Figure	4B,	 ii),	and	were	observed	by	2D	gel	 in	

the	T4	bacteriophage	and	budding	yeast	(Long	and	Kreuzer,	2008;	Lopes	et	al.,	2001a;	

Neelsen	 and	 Lopes,	 2015).	 However,	 no	 direct	 evidence	 of	 Sgs1	 activity	 has	 been	

reported	in	this	process	so	far.	The	second	pattern	detected	extends	below	the	Y	arc	and	

it	is	completely	absent	in	sgs1Δ	(Figure	4A,	WT	and	sgs1 	40-60	minutes,	blue	arrow).	

In	light	of	the	reported	role	of	Sgs1	in	the	resection	of	the	5’	end	of	DSBs	(Mimitou	and	

Symington,	2008;	Zhu	et	al.,	2008),	 these	branched	structures	may	be	the	result	of	 the	

resection	at	regressed	forks	(Figure	4B,	iii).	In	our	working	model,	the	regression	into	a	

“chicken	foot”	(in	purple)	will	expose	a	DSB	end,	whose	5’	end	is	unwound	by	Sgs1.	The	

resulting	 5’	 ssDNA	 is	 eventually	 resected	 by	 the	 reported	 nuclease	 (e.g.	 Dna2)	 to	

produce	shorter	(low	molecular	weight)	Y-branched	structures	(in	blue).	Finally,	an		
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Figure	4	Bidirectional	Ter-Tus	block	induces	fork	regression	and	resection.	(A)	2D	gel	firing	

profile	 at	 ARS305	 (refer	 Figure	 3).	 RF	 refers	 to	 the	 restriction	 fragment	 probed	 by	 2D.	 Block	

ON/OFF	refers	to	the	induction	of	the	Tus	protein	in	the	wild-type	and	sgs1 	cells.	Grey	arrow	

indicates	 the	 Y-shaped	 block.	 Purple	 and	 blue	 arrows	 indicate	 possible	 fork	 regression	 and	

resection,	 respectively.	 (B)	2D	gel	pattern	expected	when	 the	bidirectional	block	 is	 induced.	Y-

shaped	 fork	block	 in	 grey	 corresponds	 to	 schema	 in	panel	 (i).	 “Chickenfoot”	 fork	 regression	 in	

purple	 corresponds	 to	 schema	 in	 panel	 (ii).	 Fork	 resection	 in	 blue	 corresponds	 to	 schema	 in	

panel	(iii).	
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excessive	 resection,	 passing	 the	 restriction	 fragment,	 will	 result	 in	 a	 linear	 structure	

(1n).	 In	 the	 absence	 of	 the	 helicase,	 the	 unprocessed	 intermediates	 will	 eventually	

accumulate	 as	 X-shaped	 structures	 (Figure	 4A,	 sgs1 	 90	 minutes).	 However,	 when	

Larsen	et	al.,	investigated	the	mechanism	employed	by	the	cells	to	overcome	this	block	

they	 found	unprocessed	X-shaped	 structures	Rad51-dependent	 in	 the	 absence	of	 Sgs1	

(Larsen	 et	 al.,	 2014).	 This	 indicated	 a	 role	 for	 the	 Sgs1	 helicase	 in	 resolving	

recombination	 intermediates.	However,	given	 the	short	persistence	of	 the	 investigated	

unidirectional	 block	 these	 additional	 replication	 intermediates	 were	 presumably	 not	

detectable.		

Overall	these	results	show	that	the	resolution	of	the	bidirectional	Ter-Tus	block	requires	

the	formation	of	branched	structures,	partially	dependent	on	the	Sgs1	helicase	activity.	

The	processing	of	these	replication	intermediates	seem	to	support	the	hypothesized	role	

of	 Sgs1	 in	 the	 regression	 and	 resection	 processes	 (Cobb	 et	 al.,	 2003b;	 Mimitou	 and	

Symington,	2008;	Versini	et	al.,	2003;	Zhu	et	al.,	2008).	Noteworthy,	previous	attempts	

to	 identify	 fork	 regression	 at	 similar	 natural	 pause	 site	 (e.g.	 Fob1/RFB)	 were	

unsuccessful,	 supporting	 the	 contention	 that	 these	 structures	 are	 pathological	 rather	

than	physiological	replication	intermediates	(Gruber	et	al.,	2000).	As	a	matter	of	fact,	in	

S.	pombe	 complex	chromosomal	rearrangements	were	reported	 to	be	 the	consequence	

of	 nascent	 ssDNA	 extrusion	 that	 can	 engage	 in	 template	 switching	 during	

recombination-mediated	restart	of	an	analogous	RFB,	Rtf1/RTS1	(Lambert	et	al.,	2010).		

	

Given	 the	 persistence	 of	 the	 bidirectional	 Ter-Tus	 block	 and	 the	 accumulation	 of	

replication	 intermediates,	 potentially	 recombinogenic,	 two	 other	 bidirectional	 RFBs	

were	 introduced	 independently	 at	 mid-	 and	 late-	 replicating	 regions	 in	 the	 genome	

(Table	1,	strains	YKL014	and	YKL015).	These	two	loci	are	located	on	chromosomes	4	at	

~171	kb	one	 from	 the	other:	one	 in	 the	vicinity	of	 the	mid	 firing	origin	ARS419	 (~14	

kb),	 and	 the	 other	 one	 next	 to	 the	 late	 firing	 ARS423	 (~13	 kb)	 (Figure	 5,	 replication	

profiles).	 2D	 gels	 were	 performed	 to	 check	 the	 blocking	 efficiency	 of	 the	 newly	

introduced	 bidirectional	 Ter	 constructs	 (Figure	 5).	 Y-branched	 structures	 consistent	

with	the	replication	timing	were	detected	at	the	RFBs:	60	min	after	G1	release	near	the	

mid	replicating	ARS419	(Figure	5A),	and	after	90	minutes	at	 late	ARS423	 (Figure	5B).	

Therefore,	 the	 bidirectional	 RFB	 could	 be	 conveniently	 positioned	 at	 various	 genomic	

locations	to	efficiently	block	replication	forks	for	a	relatively	long	period	of	time.	In	spite	

of	 the	 longevity	of	 the	replication	pause,	no	viability	defect	was	observed	by	drop	test	

assay	in	growing	conditions	that	induce	the	bidirectional	block.	
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Figure	 5	 Replication	 pause	 arises	 after	 the	 activation	 of	 the	 origin.	Bidirectional	Ter-Tus	

blocks	were	 placed	 at	mid	 ARS419	 (strain	 YKL015)	 (A)	 and	 late	 ARS423	 (strain	 YKL014)	 (B)	

origins,	 respectively.	 Top	 panels	 show	 the	 replication	 profile	 of	 Chr4	 (McCune	 et	 al.,	 2008).	

Bottom	panels	represent	2D	gel	profiles	(refer	Figure	3),	with	arrows	pointing	a	the	onset	of	the	

pauses,	matching	the	replication	timing	of	the	corresponding	region.	RF	refers	to	the	restriction	

fragment	probed	by	2D.	
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Investigating	genome	stability	at	RFB	positions	

To	 determine	 whether	 loci	 carrying	 RFBs	 are	 prone	 to	 generate	 chromosomal	

rearrangements,	 and	 if	 so	at	which	 rate,	 fluctuation	assays	were	performed	on	strains	

carrying	uni-/bidirectional	blocks	 (Table	1,	 strain	YKL021,	YKL022,	YKL023).	The	 loss	

of	function	of	the	URA3	gene	located	either	between	the	two	Ter	in	bidirectional	blocks	

or	near	the	Ter	of	unidirectional	block	was	assessed	by	growing	the	cells	in	presence	of	

5-fluoroorotic	acid	(5-FOA)	(Luria	and	Delbrück,	1943).	In	the	presence	of	5-FOA,	cells	

expressing	 the	URA3	 gene	die	 since	 the	product	of	 this	gene	converts	 the	non-toxic	5-

FOA	 into	 a	 toxic	 product.	 Therefore,	 5-FOA	 selects	 for	 ura3	 loss-of-function	

mutants/survivors	either	 through	a	point	mutation	or	 through	chromosomal	deletions	

or	other	 rearrangements	 (Koszul	et	al.,	2006).	Cells	were	grown	overnight	 for	~10-12	

generations	with	the	block	 induced,	and	appropriate	serial	dilutions	were	plated	on	5-

FOA	containing	medium.	The	colony-forming	unit	(CFU)	counting	reported	no	increase	

in	 the	degree	of	mutation	rate	at	 the	URA3	 locus,	suggesting	no	rearrangements	at	 the	

ARS305	blocked	locus	(not	shown).		

We	 next	 investigated	 whether	 the	 concomitant	 presence	 of	 multiple	 bidirectional	

replication	 fork	blocks	 could	 result	 in	 an	 increase	 in	 genomic	 instability,	 and	whether	

different	 chromosomal	 rearrangements	may	 emerge	 depending	 on	 the	 3D	 positioning	

and	 replication	 timing	 of	 the	 RFB-carrying	 region.	 The	 three	 strains	 each	 carrying	 a	

bidirectional	 block	 were	 mated	 together	 (Material	 and	 Methods)	 to	 obtain	 a	 strain	

containing	all	three	replication	blocks	(3xRFBs;	Table	1,	strain	YKL032)	(Figure	6A).	The	

resulting	strain	was	viable	when	the	3xRFBs	were	concomitantly	 induced.	Although,	 it	

displayed	a	slight	delay	of	growth	rate	of	~15	minutes	on	the	 total	 length	of	cell	cycle	

duration	(~90	minutes),		as	monitored	by	flow	cytometry.		

Independent	cultures	of	the	3xRFB	strain	were	propagated	in	parallel	in	batch	cultures	

for	~180	generations	 in	 the	presence	(ON)	or	absence	(OFF)	of	Tus	protein	 induction.	

Aliquots	of	the	cultures	were	sampled	over	16	timepoints	and	analysed	by	pulsed	field	

gel	 electrophoresis	 (PFGE),	 southern	 blot	 and	 deep	 sequencing.	 Each	 timepoint	 is	 the	

result	of	~108	cells	grown	for	11-12	generations.	The	growth	rate	delay	displayed	by	the	

3xRFBs	in	presence	of	Tus	was	progressively	rescued	over	time	and	therefore	difficult	to	

be	 associated	 to	 a	 specific	 timepoint.	 Clonal	 isolates	 sampled	 for	 each	 of	 the	 16	

timepoints	 were	 investigated	 using	 PFGE,	 a	 technique	 often	 used	 to	 identify	 large	

chromosomal	 rearrangements	 in	 yeast	 karyotypes	 (Koszul	 et	 al.,	 2004;	 Lambert	 et	 al.,	

2005;	Schwartz	and	Cantor,	1984).	Southern	blotting	was	performed	on	 the	PFGE	and	

hybridized	 with	 probes	 targeting	 the	 RFB-carrying	 regions,	 unveiling	 the	 expected	

bands	of	chromosome	3	and	4	and	no	large	rearrangement	in	the	presence	of	Tus		
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Figure	 6	 Detecting	 rearrangements	 at	 multiple	 RFBs.	 (A)	 3xRFB	 strain	 (YKL032)	 carrying	

multiple	bidirectional	Ter-Tus	blocks	at	early,	mid	and	late	replication	time	zones	was	build.	(B-

C)	Replication	blocks	were	induced	for	multiple	generations	(block	ON)	in	batch	culture,	whereas	

the	strain	without	the	induction	(block	OFF)	was	used	as	a	negative	control.	Genomic	DNA	was	

extracted	and	analyzed	by	pulsed	field	gel	electrophoresis	(PFGE,	in	B)	and	southern	blotting	(C).	

Probed	regions	“P”	are	displayed	below	the	gels.	RF	refers	to	the	restriction	fragment	probed.	

	 	



Results	 	 Genome	stability	during	replication		

	

	 139	

(Figure	 6B).	 Because	 PFGE	 do	 not	 offer	 high	 resolution	 and	 could	 not,	 for	 instance,	

detect	small	deletions,	Southern	blotting	was	also	performed	on	genomic	DNA	digested	

with	 a	 combination	 of	 restriction	 enzymes	 (mix	 of	 three	 unique	 probes,	 matching	

sequences	adjacent	to	the	blocks)	(Figure	6C,	schema).	This	analysis	was	performed	on	

several	 timepoints.	 Surprisingly,	 only	 one	 signal	 among	 16	 analyses	 was	 detected	

corresponding	to	a	chromosomal	rearrangement	involving	the	RFB-carrying	region	and	

later	 lost	within	the	population	analysis	(Figure	6C,	star).	Therefore,	 the	presence	of	3	

simultaneous	 arrested	 replication	 forks	 within	 the	 genome	 did	 not	 appear	 to	 induce	

significant	instability	in	the	genome.	On	the	contrary,	we	observed	by	PCR	amplification	

that	the	long	term	block	induction	was	causing	the	loss	of	the	plasmid	encoding	the	Tus	

protein.		

	 	

The	absence	of	 rearrangements	 in	 the	3xRFB	strain	appeared	as	a	surprise,	given	 that	

each	 of	 the	 blocks	 seemed	 strong	 and	 persistent.	 However,	 if	 the	 rearrangement	

frequency	was	too	low,	the	possibility	remained	that	the	rearrangements	would	escape	

detection	 through	 PFGE	 and	 Southern	 blotting	 approaches.	 We	 therefore	 used	 high-

throughput	 Illumina	 sequencing	 to	 search	 for	 structural	 variations	 in	 the	 populations	

where	the	blocks	were	induced	for	55	and	110	generations	(non-induced	timepoints	for	

the	 same	 number	 of	 generations	 were	 used	 as	 controls).	 Paired-end	 libraries	 were	

generated	and	sequenced	(read	 length	2	x	150	bp).	The	sequenced	reads	were	aligned	

against	 the	 reference	 S288C	 yeast	 genome	 (Engel	 et	 al.,	 2014).	 The	 libraries	 were	

analysed	 using	 SVDetect	 (Zeitouni	 et	 al.,	 2010)	 and	 SPAdes	 (Bankevich	 et	 al.,	 2012)	

algorithms	by	our	collaborator	Varun	Khanna	at	Pasteur	(Figure	7,	schema).	In	parallel,	I	

was	using	 the	DELLY	algorithm	(Rausch	et	 al.,	 2012)	 to	 search	 for	 structural	 variants.	

Overall,	both	these	analyses	failed	to	detect	chromosomal	rearrangement	involving	RFB	

carrying	regions	 (Material	and	Methods).	These	results	have	been	also	compared	with	

the	 one	 obtained	 from	 the	 induction	 of	 the	 3xRFBs	 in	 a	 strain	 defective	 for	 the	

homologous	 recombination	 pathway	 (rad52 ;	 Table	 1,	 strain	 YKL044).	 The	 rad52 	

mutant	displayed	no	structural	rearrangements	between	the	RFB	carrying	sites	as	well.		

These	results	show	that	 the	yeast	genome	is	able	 to	handle	 three	 independent,	distant	

replication	 fork	 block	without	 resulting	 in	 large	 genomic	 instability.	 That	 is	 relatively	

unexpected	 given	 that	 in	 both	 prokaryotes	 and	 eukaryotes,	 the	 ectopic	 insertion	 of	

DNA/protein	 RFBs	 has	 been	 often	 associated	 with	 an	 increase	 of	 recombination	

frequency,	 such	 as	 deletions,	 duplications	 and	 translocations	 (Bierne	 et	 al.,	 1997;	

Lambert	et	al.,	2005;	Takeuchi	et	al.,	2003;	Willis	et	al.,	2014).	That	have	led	to	the		
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Figure	 7	 High-throughput	 method	 to	 detect	 rearrangements	 at	 multiple	 RFBs.	 Genomic	

DNA	 extracts	 from	 the	 induction	 and	 non-induction	 conditions	 were	 processed	 for	 illumine	

sequencing.	150	bp	 long	 reads	were	aligned	 in	paired-mode	using	 the	 	maximal	exact	matches	

(MEM)	option	of	the	BWA	alignment.	SVDetect	software	(Zeitouni	et	al.,	2010)	was	used	to	detect	

translocations,	 while	 SPAdes	 denovo	 assembly	 (Bankevich	 et	 al.,	 2012)	 was	 used	 to	 search	

breakpoints.	
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hypothesis	 that	 paused	 forks	 stimulate	 genome	 rearrangements	 through	 the	

disassembly	of	the	replisome	and	the	collapse	of	the	fork.		

	

Discussion	

This	section	of	my	PhD	focused	on	understanding	new	links	between	genome	stability	

and	nuclear	organization,	in	light	of	the	latest	S	phase	chromosomal	contacts	maps.		

The	peculiar	organization	of	budding	yeast	 chromosomes	was	suggested	 to	play	a	key	

role	 in	 maintaining	 genome	 stability.	 In	 particular,	 anchoring	 of	 centromere	 and	

telomere	clusters	at	the	nuclear	periphery	would	avoid	the	search	for	 improper	repair	

partners	 when	 DNA	 damage	 occurs	 (Agmon	 et	 al.,	 2013;	 Therizols	 et	 al.,	 2006).	

Moreover,	we	observed	that	these	subnuclear	regions	follow	a	specific	spatial-temporal	

organization:	initiating	at	the	early	replicating	centromeric	regions	and	finishing	within	

the	 late	 telomeric	 regions	 (see	 3D	 pattern	 of	 the	 replication	 program,	 using	 Hi-C;	

Lazar Stefanita	et	al.,	2017).	Although	in	mammals	the	model	of	“cluster	of	replisomes”	

is	 controversial	 (Chagin	 et	 al.,	 2016),	 in	 constraints	 imposed	 by	 yeast	 nuclear	

architecture	on	regions	that	replicate	similarly	may	still	influence	the	choice	of	repair	at	

RFBs.	 Therefore,	 it	 was	 tempting	 to	 investigate	 the	 influence	 of	 transient	 genome	

reorganizations	on	repair	choice.		

Ectopic	Ter-Tus	 RFBs	were	 associated	with	 the	 increase	 of	 recombination	 in	 bacteria	

(Bierne	 et	 al.,	 1997)	 and	 recently	 in	 mammals	 (Willis	 et	 al.,	 2014).	 This	 bock	 was	

introduced	in	yeast,	in	which	it	was	reported	to	trigger	the	activation	of	the	homologous	

recombination	 pathway	 (Larsen	 et	 al.,	 2014).	 Similar	 DNA-protein	 replication	 pauses	

also	 exist	 in	 eukaryotes.	 The	 best	 characterized	 example	 of	 programmed	 RFB	 is	

mediated	by	the	fork	blocking	1	(Fob1)	protein	(Brewer	and	Fangman,	1988;	Gruber	et	

al.,	 2000;	 Kobayashi	 and	 Horiuchi,	 1996).	 This	 polar	 barrier	 seems	 to	 avoid	 head-on	

collisions	between	replication	and	transcription	at	the	rDNA	locus	in	S.	cerevisiae.	Head-

on	collisions	are	known	to	stimulate	recombination	through	replication	fork	pause	and	

successive	disassembly	of	the	replisome	(Lin	and	Pasero,	2012;	Takeuchi	et	al.,	2003).	In	

addition,	 Fob1	 is	 required	 for	 rDNA	 silencing	 that	 inhibits	 hyper-recombination	 and	

extends	the	replicative	life	span	of	budding	yeast	(Lucchini	and	Sogo,	1994;	Huang	and	

Moazed,	 2003).	 Another	 similar	 system	 was	 found	 to	 have	 a	 crucial	 role	 in	 the	

recombination	 reaction	 that	 takes	 place	 during	mating	 type	 switching	 in	 fission	 yeast	

(Dalgaard	and	Klar,	1999).	The	transposition	of	the	RTS1	block	to	other	loci	was	found	

to	 stimulate	 recombination	 at	 these	 sites	 and	 induce	 formation	of	 gross	 chromosomal	

rearrangements	(Lambert	et	al.,	2005).		
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In	 our	 hands,	 the	 insertion	 of	 the	 bidirectional	 Ter-Tus	 block	 at	 three	 different	

chromosomal	 locations,	 according	 to	 the	 replication	 timing,	 has	 failed	 to	 detect	 any	

recombination	product.	Although,	we	have	detected	at	 the	blocked	 loci	 abundant	DNA	

branched	 structures,	 potentially	 recombinogenic	 and	 partially	 dependent	 on	 Sgs1	

helicase	 activity.	 The	dynamics	 of	 the	 replication	 intermediates	 suggests	 possible	 fork	

regression	 followed	 by	 Sgs1-dependent	 resection.	 Additional	 experiments	 using	

appropriate	nuclease	mutants	(e.g.	Dna2)	are	needed	to	prove	the	observed	replication	

intermediates.		

In	light	of	these	observations,	we	can	also	imagine	that	replication	forks	arrested	at	Ter	

sites	 are	 extremely	 stable	 structures	 and	 therefore	 they	 are	 unlikely	 to	 collapse.	 One	

tempting	 explanation	 could	 be	 that	 S.	 cerevisiae	 is	 already	 accustomed	 to	 such	 DNA-

protein	RFBs	(hundreds	of	Fob1	binding	sites	are	located	in	the	rDNA	locus).	In	addition,	

the	arrested	resplisomes	at	ectopic	Fob1	replication	fork	blocks	have	been	shown	to	be	

stable	 structures	 (Calzada	 et	 al.,	 2005).	 Thus,	 efficient	 mechanisms	 to	 stabilize	 the	

replisome	and/or	remove	these	pauses	may	act	at	these	ectopic	 locations,	as	well.	One	

example	of	such	mechanisms	may	rely	on	the	activity	of	Sgs1.	Moreover,	the	unaffected	

viability	of	the	3xRFB	strains	in	different	genetic	backgrounds	(WT,	sgs1 ,	rad52 ,	clb5 )	

may	 also	 be	 an	 indication	 of	 unstable	 fork	 blocks.	 In	 this	 regard,	 the	 strong	 binding	

affinity	 of	 the	 Tus	 protein	 to	 the	 Ter	 sites	 has	 been	 reported,	 in	 vitro	 (Moreau	 and	

Schaeffer,	 2013;	Neylon	et	 al.,	 2000).	However,	 these	 studies	do	not	 take	 into	 account	

neither	 the	 presence	 of	 the	 replication	machinery	 and	 the	 helicases	 travelling	with	 it,	

nor	 the	 structure	 of	 the	 chromatin	 at	 the	 terminus	 location.	 Therefore,	 we	 cannot	

exclude	 a	 relatively	 unstable	 Ter-Tus	 binding	 site,	 whose	 purpose	 is	 to	 slow	 down	

replication	forks,	in	vivo.	In	this	scenario	the	DNA	helicase	Rrm3,	that	has	been	shown	to	

participate	 in	 the	 removal	 of	 a	 broad	 variety	 of	 RFBs	 (Ivessa	 et	 al.,	 2003),	 it	 is	 not	

required	to	resolve	the	Ter-Tus	block	(Larsen	et	al.,	2014).		

On	 the	other	hand,	Willis	 et	 al.,	 have	 successfully	detected	homologous	 recombination	

events	at	 the	Ter-Tus	sites	 in	mammalian	cells	(Willis	et	al.,	2014).	This	could	 indicate	

that	 our	 setup	 might	 be	 inefficient.	 One	 problem	 may	 come	 form	 the	 fact	 that	 RFBs	

contain	 tandem	 repeats	 thus	 the	 arrested	 forks	 could	 resume	 replication	 inside	 the	

same	block.	A	second	problematic	has	been	raised	by	the	transcription	of	the	URA3	gene,	

located	between	the	inverted	blocks,	that	might	interfere	with	the	polarity	of	the	block.	

Experiments	on	the	URA3	RNA	transcription	are	needed	to	investigate	this	latter	option.	

Finally,	 our	 system	 might	 be	 not	 sensitive	 enough	 to	 detect	 rearrangements	 at	 the	

population	 level	 therefore,	 to	 improve	 sensitivity,	 a	 capture-based	 system	 could	 be	 a	
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possibility	 to	 selectively	 enrich	 the	 deep	 sequencing	 libraries	 with	 potential	

recombination	intermediates.		

In	 another	 order	 of	 ideas,	 to	 further	 investigate	 the	 mechanism	 lying	 behind	 the	

resolution	 of	 this	 replication	 blocks	 and	 to	 identify	 the	 genetic	 elements	 involved,	we	

intend	to	apply	the	genetic	interaction	mapping	(GIM)	genome-wide	screen	(Decourty	et	

al.,	2008).	This	genetic	screening	method,	readily	available	at	the	Institut	Pasteur	in	the	

group	 of	 Cosmin	 Saveanu,	 aims	 at	 exploring	 and	 quantifying	 the	 growth	 effect	 of	

combining	 systematically	 the	deletion	of	 all	 the	 genes	 in	 the	 genome	with	our	 genetic	

feature	of	 interest	 (in	our	 case,	 the	 replication	block).	The	quantification	of	 the	 effect,	

ranging	 from	synthetic	 lethality	 to	growth	defect,	 is	 then	quantified	using	microarrays	

(Lelandais	 and	Devaux,	 2010).	We	 expect	 to	 characterize	 the	 genetic	 background	 that	

will	 allow	 us	 to	 identify	 a	 potential	 3D	 effect	 with	 respect	 to	 chromosomal	

rearrangements	at	replication	fork	blocks	events.	Moreover,	in	light	of	the	recent	finding	

that	double	strand	brakes	colocalize	 in	mammalian	cell	nuclei	(Aymard	et	al.,	2017),	 it	

would	be	tempting	to	investigate	the	nuclear	organization	at	the	3xRFBs	using	Hi-C.	This	

could	 give	 us	more	 indications	 on	 the	 repair	 dynamics:	we	 speculate	 that	 if	 the	 RFBs	

colocalize	then	they	will	probably	engage	in	HR	between	themselves.		

Altogether,	 we	 expect	 to	 identify	 partners	 responsible	 for	 resolving	 these	 strong	

persistent	 blocks	 in	 the	 genome,	 and	 open	 the	 way	 for	 future	 direction	 of	 research	

regarding	how	the	genome	cope	with	such	problems.	
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Material	and	Methods	

	

Yeast	strains	

All	 the	 strains	 are	 derivatives	 of	 BY4741	 (MATa	 his3Δ1	 leu2Δ0	met15Δ0	ura3Δ0).	 The	

relevant	genotypes	of	all	 the	yeast	strains	used	 in	 this	study	are	 listed	 in	Table	1.	The	

majority	 of	 the	 strains	 used	 in	 this	 study	 was	 generated	 by	 dissecting	 sporulated	

heterozygous	 diploid	 strains,	 obtained	 by	 crossing	 haploid	 strains	 of	 opposite	mating	

types	(see	below	for	procedures).		

	

Yeast	transformation	

Yeast	 cells	 were	 grown	 O/N	 in	 50	 ml	 of	 rich	 medium	 (YPD)	 or	 of	 the	 appropriate	

medium	allowing	them	to	reach	the	stationary	phase.	Next	morning	the	cell	culture	was	

diluted	to	OD600	of	0.2	and	allowed	to	grow	until	it	had	reached	an	OD600	of	0.5.	Cells	

were	 then	harvested	 at	 4000	 rpm	 for	 3	min	 and	washed	with	 50	ml	 of	 sterile	milli-Q	

H2O.	The	pellet	was	then	washed	with	1	ml	1x	TE/1x	LiAc	solution.	Approximately	108	

cells/transformation	were	resuspended	in	50	μl	1x	TE/1x	LiAc	solution.		

Transformation	mix:	50	μl	of	cell	suspension,	350	μl	of	PEG/TE/LiAc	solution	(40%	PEG,	

1x	TE,	1x	LiAc),	5μl	of	10	mg/ml	single-stranded	salmon	sperm	denatured	DNA,	 “x”	μl	

(max	up	to	10	μl)	DNA.		

�The	transformation	reaction	was	incubated	for	30	min	at	30°C.	Cells	were	heat-shocked	

at	 42°C	 for	 20	 min	 and	 then	 centrifuged	 for	 3	 min	 at	 3000	 rpm.	 The	 pellet	 was	

resuspended	in	200	μl	milli-Q	H2O	and	plated	on	appropriate	selective	medium.	

Solutions:	

50%	PEG	4000	

10x	TE:	0.1	M	Tris-HCl	pH	7.5,	10	mM	EDTA	

	

Mating,		sporulation	and	tetrad	dissection		

MATa	and	MATα	strains	were	mixed	and	grown	on	rich	medium	at	30°C	O/N.	The	next	

day,	 the	cross	mixture	of	cells	were	replica	plate	on	the	selective	medium	allowing	for	

the	selection	of	diploid	cells,	that	were	successively	streaked	to	single	diploid	colonies.	

Single	colonies	grown	under	selective	conditions	were	passed	on	rich	media	 for	1	day	

(to	 increase	 the	 efficiency	 of	 sporulation).	 The	 next	 day	 diploids	 were	 patched	 on	

sporulation	plates	(1%	KAcetate,	all	amino	acids	at	1/4	of	the	normal	concentration)	to	

induce	meiosis	and	sporulation	by	starvation.	After	~	10	days	diploids	were	sporulated	

and	tetrads	were	maturated	and	ready	to	be	dissected.	 In	order	 to	separate	 individual	

spores	 the	wall	 of	 the	 ascus	 or	 tetrad	 is	 removed	 by	 enzymatic	 digestion	 (0.1	mg/ml	
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zymolase	100T	final	concentration).	The	digestion	mixture	was	then	incubated	at	30°C	

for	5	min.	Cells	were	diluted	in	1	ml	milli-Q	H2O	and	~20	μl	were	dripped	in	a	line	on	the	

agar	 plate.	 Individual	 tetrads	 were	 dissected	 using	 the	 Nikon	 dissection	 microscope.	

Spores	were	left	to	grow	at	RT	for	3-5	days.	Colonies	were	replica	plated	onto	selective	

media	to	define	their	genotype.	

	

G1	synchronization	with	α-factor	

In	order	to	synchronize	cells	in	G1	phase,	cell	cultures	were	diluted	to	OD600	=	0.2	–	0.3	

and	15	μg/ml	α-factor	was	added.	The	cultures	were	incubated	for	~2	h	at	30°C.	The	G1	

arrest	was	 considered	 complete	when	more	 than	 90%	of	 the	 cells	were	 “shmoo”.	 For	

synchronization	 experiments,	 after	 the	 arrest	was	 complete,	 cells	were	 released	 from	

the	G1	block.	α-factor	was	washed	out	with	medium	without	the	pheromone.	Cells	were	

next	released	into	the	appropriate	fresh	medium	in	the	absence	of	the	pheromone.	

	

2-D	agarose	gel	electrophoresis	

Approximately	 2	 x	 109	 synchronized	 cells/timepoint	 were	 used	 to	 evaluate	 different	

replication	 intermediates	using	2-D	gel.	Cells	were	 incubated	with	0.1	%	Sodium	azide	

for	 15	 min	 on	 ice,	 centrifuged	 and	 washed	 with	 ice-cold	 H2O.	 The	 pellet	 was	

resuspended	 in	 5ml	 spheroplast	 buffer	 and	 incubated	 for	 40	 min	 at	 30°C.	 The	

spheroplasts	 were	 collected	 by	 centrifugation	 at	 4000	 rpm,	 resuspended	 in	 2.5	ml	 of	

solution	I	(freshly	supplemented	with	200	μl	RNase	A	20	mg/ml)	and	incubated	at	50°C	

for	30	min.	200	μl	of	Proteinase	K	20	mg/ml	were	added	and	the	mix	was	incubated	O/N	

at	30°C.	Next	day	the	solution	was	centrifuged,	and	the	pellet	and	the	supernatant	were	

processed	separately	for	genomic	DNA	extraction.			

Supernatant:		

1)	 Transfer	 the	 supernatant	 into	 a	 15	 ml	 Falcon	 tube	 and	 add	 2.5	 ml	 of	

Chloroform:Isoamyl	alcohol	24:1.	

2)	 Mix	and	separate	the	two	phases	by	centrifugation	at	4000	rpm	for	10	min	at	RT.	

3)	 Transfer	the	clear	upper	phase	into	a	Corex	glass	tube	and	add	10	ml	solution	II.		

4)	 Centrifuge	the	mix	at	8500	rpm	for	10	min	at	RT	in	a	Beckman	JS	13.1	swinging	

bucket	rotor,	discard	the	supernatant	and	re-suspend	the	pellet	in	2.5	ml	of	solution	III.	

Pellet:		

1)	 Resuspend	the	pellet	in	2	ml	of	solution	III	and	incubate	1	h	at	50°C.	

2)	 Transfer	the	mix	into	a	15	ml	Falcon	tube	containing	1	ml	of	Chloroform:Isoamyl	

alcohol	24:1.	

3)	 Mix	and	separate	the	two	phases	by	centrifugation	at	4000	rpm	for	10	min	at	RT.	
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4)	 Transfer	the	clear	upper	phase	into	the	Corex	glass	tube	containing	solution	III	

obtained	from	the	treatment	of	the	supernatant	(see	Supernatant	step	4).	

5)	 Precipitate	DNA	with	5	ml	of	isopropanol	and	centrifuge	at	8500	rpm	for	10	min	

in	a	Beckman	JS	13.1	swinging	bucket	rotor	at	RT.	

6)	 Wash	the	pellet	with	2	ml	of	ethanol	70%.	

7)	 Dry	the	pellet	and	dissolve	in	250	μl	10	mM	Tris-HCl	pH	8.	

To	 investigate	 replication	 termination	 structures,	 20	 μg	 of	 genomic	 DNA	 needs	 to	 be	

digested.	 A	 combination	 of	 restriction	 enzymes	 was	 used	 (ARS305:	 EcoRV	 and	 NcoI;	

ARS419,	ARS423:	AflIII,	NEB),	so	that	the	band	containing	the	fragment	of	interest	and	

the	band	twice	that	size	are	separated	by	3-5	cm	in	the	first	dimension	gel.	

First	 dimension	 gel:	 0.35%	 agarose	 in	 1x	 TBE	 (89	mM	Tris-HCl	 pH	 7.5,	 89	mM	Boric	

Acid,	 2	 mM	 EDTA);	 electrophoresis	 buffer,	 1x	 TBE.	 The	 digested	 samples	 and	 a	

molecular	weight	DNA	marker	(1	kb	DNA	ladder)	were	loaded,	leaving	one	empty	well	

between	 samples,	 and	 the	 gel	 was	 run	 at	 the	 constant	 low	 voltage	 at	 RT	 (35	 V)	 for	

around	 24	 hours.	 After	 the	 migration	 the	 gel	 was	 stained	 with	 0.3	 μg/ml	 ethidium	

bromide	 for	 20	 min.	 The	 lanes	 of	 interest,	 containing	 the	 linear	 and	 the	 replication	

intermediates,	were	excised	from	the	first	dimension	gel.		

Second	dimension:	0.9%	agarose,	0.3	μg/ml	ethidium	bromide	in	1x	TBE.	Gel	slices	were	

rotated	 90°C	 and	 placed	 in	 the	 tray	 for	 the	 second	 dimension	 gel,	 for	 4	 –	 5	 h	 at	 the	

constant	 high	 voltage	 at	 4°C	 (180-250	 V)	 in	 TBE	 1X	 buffer	 containing	 0.3	 μg	 /ml	

ethidium	bromide.	After	electrophoresis	the	gel	was	treated	for	Southern	analysis.	

Solutions:	

Spheroplast	 buffer:	 1	 M	 Sorbitol,	 100	 mM	 EDTA	 pH	 8.0,	 0.1%	 β-mercaptoethanol,	 1	

mg/ml	zymolyase	final	concentration	

Solution	I:	2%	w/v	CTAB,	1.4	M	NaCl,	100	mM	Tris-HCl	pH	8,	25	mM	EDTA	pH	8.0	

Solution	II:	1%	w/v	CTAB,	50	mM	Tris-HCl	pH	8,	10	mM	EDTA	

Solution	III:	1.4	M	NaCl,	10	mM	Tris-HCl	pH	8,	1	mM	EDTA	

	

Pulsed-field	gel	electrophoresis	

Approximately	5	x	108	cells	were	washed	and	resuspended	in	150	μl	of	50	mM	EDTA	pH	

9.0.	Next,	75	μl	of		solution	I,	freshly	supplemented	with	1	mg/ml	zymolyase,	and	375	μl	

of	1%	low-melting	point	(LMP)	agrose	were	added.	After	the	plugs	were	solidified	they	

were	transferred	into	5	ml	tubes	and	incubated	with	2	ml	solution	II	at	37°C	O/N.	Next	

day,	solution	II	was	removed	and	replaced	with	solution	III,	freshly	supplemented	with	1	

mg/ml	Proteinase	K.	Plugs	were	incubated	at	65°C	O/N.	Before		were	at		was	added	and	

together		and	250	μl.	The	mixture	was	added	into	several	wells.	Finally,	the	plugs	were	
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washed	and	resuspended	in	0.5	M	EDTA	9	pH	for	long	conservation	at	4°C.	Running	was	

performed	 in	 a	1%	agarose	gel	 in	0.5x	TBE	 (44.5	mM	Tris-HCl	pH	7.5,	 44.5	mM	Boric	

Acid,	1	mM	EDTA)	with	 the	 following	conditions:	160	 -	80	sec	 switch	 time,	110	angle,	

130	V,	12°C	for	70	h.	After	electrophoresis	the	gel	was	treated	for	Southern	analysis.	

Solutions:		

SCE:		1	M	Sorbitol,	10	mM	EDTA	pH	9.0,	100	mM	Sodium	citrate	pH	5.8	

Solution	I:	1	M	SCE,	2.5%	β-mercaptoethanol	

Solution	II:	450	mM	EDTA	pH	9.0,	10	mM	Tris-HCl	pH	8,	7.5%	β-mercaptoethanol	

Solution	III:	450	mM	EDTA	pH	9.0,	10	mM	Tris-HCl	pH	8,	1%	N-lauryl	sarcosyl	

	

Southern	blotting	

Prior	blotting	gel	was	subjected	 to	depurination	10	min	(0.25	N	HCl),	denaturation	20	

min	 (0.5	M	NaOH,	1.5	M	NaCl)	and	neutralization	20	min	 (1	M	AcNH4,	0.02	M	NaOH).	

Transfer	 was	 performed	 by	 capillarity	 on	 Gene	 Screen	 transfer	 membrane	 (Perkin	

Elmer)	 in	 10x	 SSC	O/N.	 DNA	was	UV-crosslinked	 to	 the	membrane	 using	 Stratalinker	

1800	UV	(120000μJ).		

Membrane	was	prehybridized	with	ULTRAhy	Ultrasensitive	Hybridization	Buffer	for	1	h	

at	 65	 °C.	 Labelled	 probe	was	 generated	 using	 Random	Prime	 Labelling	 kit.	 ~40	 ng	 of	

PCR	template	 in	15	μl	volume	were	mixed	with	random	hexamer	oligonucleotides	and	

boiled	 at	 95°C	 for	 5	min.	 Following	 the	 dNTPs	 (0.1	mM	dCTP,	 0.1	mM	dGTP,	 0.1	mM	

dTTP),	 [α-32P]	dATP	and	Exo(-)	Klenow	enzyme	were	added	to	 the	DNA	and	 incubated	

for	1	h	at	37°C.	Probe	was	purified	using	Illustra	Microspin	G50	column.	Purified	probe	

was	 boiled	 for	 10	 min	 at	 95°C	 and	 added	 to	 the	 prehybridization	 buffer.	 The	

hybridization	was	 performed	 at	 45°C	 O/N.	 Subsequently,	 the	membrane	was	 washed	

twice	with	2x	SSC,	1%	SDS	and	twice	0.1x	SSC,	1%	SDS	for	15	min	each	at	45°C,	before	

exposure.		
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Table	1	Description	of	yeast	strains	used	in	this	work.		

Strain	
Genetic	

background	
Genotype	 Plasmid	 Reference	

BY4741	 S288C	 MATa		his3Δ1	leu2Δ0	met15Δ0	ura3Δ0	
	

Mortimer	and	

Johnston,	

1986	

BY4743	 S288C	
MATa/α	his3Δ1/his3Δ1	leu2Δ0/leu2Δ0	

LYS2/lys2Δ0	MET15/met15Δ0	ura3Δ0/ura3Δ0	
		

Brachmann	et	

al,	1998	

FYBL1-17B	
	

MATa		his3Δ200	LEU2	LYS2	MET15	ura3Δ851	

trpΔ63	
		 lab	collection	

YAR016	 BY4741	
MATa		his3Δ1	leu2Δ0	met15Δ0	ura3Δ0	

III(40959-41219)::3Ter/III	

pRS413-

pTUS	
this	study	

YKL014	 BY4743	
MATa	his3Δ1	leu2Δ0	lys2Δ0	met15Δ0	ura3Δ0	

IV(766567-766568)::3Ter-rURA3-3Ter/IV	

pRS413-

pTUS	
this	study	

YKL015	 BY4743	
MATa	his3Δ1	leu2Δ0	lys2Δ0	met15Δ0	ura3Δ0	

IV(581846-581849)::3Ter-rURA-3Ter/IV	

pRS413-

pTUS	
this	study	

YKL021	 BY4743	
MATa	his3Δ1	leu2Δ0	LYS2	met15Δ0	ura3Δ0	

III(40959-41219)::	rURA-3Ter	/III	

pRS413-

pTUS	
this	study	

YKL022	 BY4743	
MATa	his3Δ1	leu2Δ0	LYS2	met15Δ0	ura3Δ0	

III(40959-41219)::3Ter-rURA-3Ter/III	

pRS413-

pTUS	
this	study	

YKL023	 BY4743	
MATa	his3Δ1	leu2Δ0	LYS2	met15Δ0	ura3Δ0	

III(40959-41219)::3Ter-rURA/III	

pRS413-

pTUS	
this	study	

YKL032	

(Matα	3Ter-rURA-

3Ter	)	x	FYBL-17B	

sporulation,	

dissection	

product	

MATα	his3Δ/his3Δ200	LEU2	lys2Δ0	trp1Δ63	

MET15/met15Δ0	ura3Δ0/ura3-∆851	III(40959-

41219)::3Ter-rURA-3Ter/III	IV(581846-

581849)::3Ter-rURA-3Ter/IV	IV(766567-

766568)::3Ter-rURA3-3Ter/IV	

pRS413-

pTUS	
this	study	

YKL044	

(Matα	3Ter-rURA-

3Ter	)	x	FYBL-17B	

sporulation,	

dissection	

product	

MATα	his3Δ/his3Δ200	leu2Δ0	lys2Δ0	trp1Δ63	

MET15/met15Δ0	ura3Δ0/ura3-∆851	

rad52::KanMX	III(40959-41219)::3Ter-rURA-

3Ter/III	IV(581846-581849)::3Ter-rURA-3Ter/IV	

IV(766567-766568)::3Ter-rURA3-3Ter/IV	

pRS413-

pTUS	
this	study	

YKL045	

(Matα	3Ter-rURA-

3Ter	)	x	FYBL-17B	

sporulation,	

dissection	

product	

MATa	his3Δ/his3Δ200	leu2Δ0	lys2Δ0	trp1Δ63	

MET15/met15Δ0	ura3Δ0/ura3-∆851	

sgs1::KanMX	III(40959-41219)::3Ter-rURA-

3Ter/III	IV(581846-581849)::3Ter-rURA-3Ter/IV	

IV(766567-766568)::3Ter-rURA3-3Ter/IV	

pRS413-

pTUS	
this	study	

YKL046	

(Matα	3Ter-rURA-

3Ter	)	x	FYBL-17B	

sporulation,	

dissection	

product	

MATα	his3Δ/his3Δ200	leu2Δ0	lys2Δ0	trp1Δ63	

MET15/met15Δ0	ura3Δ0/ura3-∆851	clb5::LEU2	

III(40959-41219)::3Ter-rURA-3Ter/III	

IV(581846-581849)::3Ter-rURA-3Ter/IV	

IV(766567-766568)::3Ter-rURA3-3Ter/IV	

pRS413-

pTUS	
this	study	

YKL049	 YKL046	

MATα	his3Δ/his3Δ200	leu2Δ0	lys2Δ0	trp1Δ63	

MET15/met15Δ0	ura3Δ0/ura3-∆851	clb5::LEU2	

rad52::KanMX	III(40959-41219)::3Ter-rURA-

3Ter/III	IV(581846-581849)::3Ter-rURA-3Ter/IV	

IV(766567-766568)::3Ter-rURA3-3Ter/IV	

pRS413-

pTUS	
this	study	
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3.	Conclusion	and	discussion	

	

This	manuscript	presents	the	work	I	did	over	the	last	four	years	to	address	the	interplay	

between	chromosomal	architecture,	cell-cycle	and	genome	stability.		

	

Choreography	of	chromosomes	during	cell	cycle	in	S.	cerevisiae	

The	organization	of	 the	chromosomes	at	different	cell-cycle	stages	was	assessed	using	

the	 chromosome	 conformations	 capture	 (Hi-C)	 technique	 (Lieberman-Aiden	 et	 al.,	

2009).	We	observed	 that	 the	Rabl-like	 organization	of	 the	 chromosomes	 (centromeric	

bending	 of	 the	 chromosomes)	 persists	 during	 the	 entire	 cell	 cycle.	We	 also	 confirmed	

the	 absence	 of	 topological	 domains	 (e.g.	 TADs)	 (Duan	 et	 al.,	 2010;	 Guidi	 et	 al.,	 2015),	

structural	features	found	in	many	other	species	(Dixon	et	al.,	2016)	and	that	have	been	

recently	(loosely)	observed	in	yeast	(Eser	et	al.,	2017).	This	discrepancy	may	be	due	to	

different	Hi-C	protocols	coupled	to	different	data	processing.	Topological	domains	have	

been	 associated	 with	 complex	 regulatory	 systems	 such	 as	 gene	 expression	 and	

replication.	 In	 mammals,	 genes	 located	 in	 the	 same	 TAD	 share	 coordinated	 gene	

expression	profiles	(Lupiáñez	et	al.,	2016;	Nora	et	al.,	2012;	Pope	et	al.,	2014).	Given	the	

compact	genome	of	S.	cerevisiae,	characterized	by	short	genes	mostly	regulated	by	their	

own	upstream	promoters,	 the	absence	of	TADs	could	be	 that	 this	microorganism	does	

not	need	a	global	TAD-based	genome	regulation.		

Although	 the	 higher-order	 of	 yeast	 chromatin	 does	 not	 form	 large	 domains,	 Hi-C	

genomic	 contact	 maps	 showed	 a	 dynamic	 reorganization	 during	 the	 entire	 cell	 cycle,	

regulated	 by	 chromatin	 structural	 proteins.	 During	 S	 phase,	 we	 detected	 a	 cohesin-

dependent	increase	in	long-range	intra-chromosomal	contacts,	accompanied	by	a	global	

decrease	of	inter-chromosomal	contacts.	In	agreement	with	the	enrichment	of	cohesins	

at	 centromeres	 (Glynn	 et	 al.,	 2004),	 the	 inter-centromeric	 contacts	 were	 strongly	

increased	 pointing	 to	 the	 formation	 of	 a	 tightly-packed	 cluster	 of	 pericentromeric	

chromatin.	We	also	observed	that	the	centromere	cluster	was	further	increased	during	

anaphase	in	a	condensin	dependent	manner.	A	current	model	suggests	that	cohesin	and	

condensin	 enrichment	 in	 the	 pericentromeric	 region	 (D’Ambrosio	 et	 al.,	 2008a)	 may	

behave	as	a	molecular	 spring	during	chromosome	segregation	 (chapter	1.3.3.1;	Yeh	et	

al.,	 2008).	 In	 light	 of	 these	 observations	 and	 in	 support	 to	 the	 peculiar	mechanism	 of	

chromosome	segregation	in	yeast	(one	centromere	attached	to	one	single	microtubule;	

Winey	 and	 Bloom,	 2012),	 we	 also	 speculate	 that	 the	 clustering	 of	 pericentromeric	
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springs	may	 form	a	 robust	 and	elastic	 structure	 that	 resists	 the	mechanic	 force	of	 the	

spindle.		

Another	 interesting	aspect	of	anaphase	segregation	came	from	the	 investigation	of	 the	

topoisomerase	2	(Top2).	The	action	of	this	enzymes	appeared	to	oppose	the	activity	of	

the	 condensins	 (Baxter	 and	 Aragón,	 2012),	 showing	 a	 decrease	 of	 both	 intra-

chromosomal	and	 inter-centromere	 	 contacts	 (Figure	1,	 top	right	panel),	 in	agreement	

with	the	condensin-dependent	decatenation	activity	of	Top2	(D’Ambrosio	et	al.,	2008b).	

Indeed,	 Top2	 may	 counteract	 the	 recoiling	 activity	 of	 condensins	 (relaxed	 chromatin	

fibre,	 Baxter	 et	 al.,	 2011)	 that	 could	 explain	 its	 requirement	 at	 the	 centromeres	 and	

rDNA,	 where	 the	 chromatin	 is	 more	 tightly	 packed	 and/or	 entangled	 (Sullivan	 et	 al.,	

2004).		

	

The	 most	 remarkable	 structural	 reorganization	 during	 the	 cell	 cycle	 progression	 has	

been	observed	 for	 chromosome	12	 carrying	 the	 rDNA	 cluster.	 The	 repeated	nature	 of	

the	rDNA	makes	it	“invisible”	to		genomic	analyses	because	of	the	impossibility	to	align	

the	reads	along	the	repeats	(Langmead	and	Salzberg,	2012).	Nevertheless,	we	monitored	

the	structural	changes	of	the	rDNA	flanking	regions	on	chromosome	12	and	interpreted	

the	results	in	light	of	imaging	studies.	An	abrupt	change	in	the	organization	of	chr12	was	

detected	 during	 late	 anaphase	 when	 the	 centromere-proximal	 rDNA-flanking	 region	

contacted	 the	 centromere.	 These	 contacts	 that	 bridged	 the	 two	 loci	 resulted	 in	 the	

formation	of	a	loop-like	structure.	To	confirm	that	these	contacts	were	mediated	by	the	

rDNA,	we	used	a	strain	 in	which	 the	rDNA	 locus	was	deleted	(rdn∆)	 (Figure	1,	bottom	

left	panels).	The	rdn∆	strain	arrested	in	anaphase	(cdc15)	showed	no	rDNA-centromere	

contacts.	ChIP-seq	has	 found	an	enrichment	of	both	condensins	and	Top2	at	 the	rDNA	

(D’Ambrosio	 et	 al.,	 2008a),	 while	 imaging	 revealed	 condensation	 and	 segregation	

defects	 in	 absence	 of	 these	 proteins	 (Sullivan	 et	 al.,	 2004).	We	 found	 that	 the	 rDNA-

centromere	loop	is	dependent	on	the	condensation	process	and	does	not	require	Top2,	

in	 agreement	 with	 the	 condensin-dependent	 decatenation	 model.	 In	 addition,	 this	

structure	 is	 independent	of	 the	anaphase	spindle	 in	support	 to	 the	rDNA	microtubule-

independent	 segregation	 (Machín	 et	 al.,	 2005).	 Other	 studies	 investigating	 the	 motor	

activity	 of	 the	 condensin	 complex	 suggested	 that	 its	 ATPase	 activity	 is	 essential	 to	

promote	the	movement	on	the	DNA	molecule	(Frosi	and	Haering,	2015;	Terekawa	et	al.,	

2017).	In	light	of	these	observations	we	speculate	that	the	centromeric	condensisn	may	

advance	along	 	 the	chromosome	arms	using	a	 loop	extrusion	mechanism	(Alipour	and	

Marko,	 2012;	 Goloborodko	 et	 al.,	 2016).	 This	 model	 envisages	 the	 extrusion	 of	 the	

chromatin	through	the	condensin	ring	to	promote	the	resolution	of	the	two	sister		
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Figure	 1	 An	 interplay	 between	 condensins	 and	 topoisomerase	 2	 in	 anaphase.	 Log-ratio	

contact	maps	(50	kb	bin)	of	anaphase	arrested	cells	(cdc15).	Bottom	left	panels	show	the	absence	

of	contacts	between	the	rDNA	and	all	centromeres	in	a	strain	that	lacks	the	rDNA	locus	(bottom	

schema).	Top	right	panels	show	the	persistence	of	contacts	between	rDNA	and	centromere	when	

topoisomerase	2	is	depleted.		The	16	yeast	chromosomes	are	displayed	above	the	maps.	Blue	to	

red	colour	scales	reflect	the	enrichment	in	contacts	in	one	population	with	respect	to	the	other.	

Purple	 arrowheads	 point	 at	 contacts	 between	 rDNA	 and	 centromeres.	 Insets	 display	

magnifications	of	the	log-ratio	maps	of	chromosome	12.	
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chromatids.	It	is	a	possibility	that	this	movement	is	blocked	once	they	reach	the	pool	of	

rDNA	 condensins,	 giving	 rise	 to	 a	 stable/persistent	 loop	 that	 can	 be	 visualized	 at	 the	

population	 level.	 One	 can	 speculate	 whether	 this	 mechanism	 occurs	 on	 all	

chromosomes,	but	is	particularly	visible	on	chr12	because	of	the	presence	of	the	rDNA	

locus.	This	hypothesis	is	partially	supported	by	the	absence	of	the	loop	in	the	rdn∆	strain	

(above).	Increasing	the	size	of		the	DNA	segment	between	the	centromere	and	the	rDNA	

cluster	 also	 resulted	 in	 the	 presence	 of	 an	 anaphase	 loop,	 as	 shown	 using	 	 a	 strain	

carrying	a	fusion	between	chromosome	4	and	12.		This	chromosome	has	only	one	active	

centromere	(cen4)	 located	approximately	1.5	Mb	from	the	rDNA	locus	(native	 location	

on	 chr12).	Cells	 arrested	 in	 anaphase	displayed	 contacts	between	 the	 rDNA	and	 cen4,	

resulting	in	the	formation	of	a	mega-size	loop	(Figure	2)	However,	these	results	are	not	

a	 direct	 proof	 of	 the	 loop	 extrusion	 model	 of	 chromosome	 segregation,	 and	 more	

mechanistic	investigations	are	needed	to	precisely	characterize	the	mechanisms	leading	

to	this	intriguing	structure.		

Although	our	study	unveiled	new	features	of	chromosomal	organization	during	the	cell	

cycle,	 they	 remain	 to	 be	 improved.	 Notably,	 our	 method	 is	 limited	 by	 the	 cell-to-cell	

variability	 present	 in	 the	 synchronized	 cell	 populations	we	 analysed.	 This	 emphasises	

the	importance	of	the	development	of	single	cell	Hi-C	technology	(Nagano	et	al.,	2013).	

This	 approach	 is	 a	 powerful	 tool	 to	 resolve	 metabolically-related	 changes	 of	

chromosome	 organization,	 and	 has	 recently	 provided	 interesting	 insights	 on	

chromosome	 dynamics	 during	 replication	 in	 mammalian	 cells	 (Nagano	 et	 al.,	 2017).	

Nevertheless,	the	lack	of	an	“absolute	reference”	imposes	the	average	of	many	“relative-

to-cell	 references”	 to	assess	significant	variations.	Therefore,	 it	appears	obvious	 that	a	

proper	 investigation	 of	 the	 different	 layers	 of	 chromosome	 organization	 and	 their	

dynamics	requires	a	combination	of	“C”	methods.		

	

Linking	structure	and	function	of	the	chromosomes		

Function	 and	 structure	 of	 the	 chromatin	 are	 strongly	 correlated.	 An	 open/accessible	

chromatin	 has	 been	 associated	 with	 a	 high	 level	 of	 transcription	 whereas	 the	

close/dense	form	is	usually	silenced	(Venkatesh	and	Workman,	2015).	In	budding	yeast,	

the	 link	 between	 transcription	 regulation	 and	 nuclear	 organization	 has	 been	 highly	

investigated	at	telomeres	and	rDNA	(Kupiec,	2014;	Laura	N.	Rusche	et	al.,	2003;	Mekhail	

and	Moazed,	2010;	Wellinger	and	Zakian,	2012).	The	 transcriptional	silencing	of	 these	

loci	requires	the	different	enzymatic	activity	of	the	SIR-complex	proteins	(described	in	

section	2.2).	In	this	work	we	showed	that	the	dense	status	of	the	chromatin	is	strongly	

correlated	with	the	spreading	ability	of	Sir3	and,	consequently,	with	its	silencing		
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	Figure	 2	 The	 formation	 of	 a	 mega-sized	 loop.	 Log-ratio	 contact	 map	 (50	 kb	 bin)	 of	 G1	

elutriated	 cells	 and	 anaphase	 cdc15-arrested	 cells.	 The	 fused	 chromosomes	 4	 and	 12	 are	

displayed	on	 the	x-	 and	y-axis	of	 the	map.	Purple	 arrowhead	points	 at	 contacts	between	 rDNA	

and	centromere	of	 chr4	 that	are	 located	~1.5	Mb	 far	 from	each	other.	Blue	 to	 red	colour	 scale	

reflects	the	enrichment	in	contacts	in	one	population	with	respect	to	the	other.	
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activity.	We	have	shown	that	similar	telomere	hyperclusters	may	enclose	different	types	

of	chromatin	structures,	depending	on	the	metabolic	state.		

Intriguing	results	have	been	observed	in	cells	that	start	to	adapt	to	nutrient	starvation	

during	 overnight	 growth.	 We	 observed	 that	 telomeres	 start	 to	 associate	 in	 tighter	

clusters	 while	 establishing	 contacts	 with	 the	 rDNA.	 Since	 the	 rDNA	 sequesters	 the	

spreading	activator,	Sir2,	we	speculate	that	this	colocalzation	may	be	an	efficient	way	to	

control	 silencing.	 Notably,	 while	 inter-telomere	 contacts	 were	 Sir3-dependent	 their	

contacts	with	the	rDNA	were	Sir3-independent.	This	is	in	agreement	with	a	recent	study	

showing	 that	 the	 nuclear	 localization	 of	 telomere	 clusters	 was	 independent	 of	 Sir3	

(Laporte	et	al.,	2016).	The	same	study	reported	the	role	of	Esc1	(another	protein	of	the	

silencing	 complex)	 in	 the	 telomere	 repositioning	 in	 nutrient	 limitating	 conditions.	

Therefore,	 it	will	be	 interesting	to	 investigate	 if	Esc1	is	the	factor	that	mediates	rDNA-

telomere	contacts	in	our	system.		

	

Long	 periods	 of	 nutrient	 starvation	 lead	 cells	 to	 enter	 stationary	 and	 eventually	

quiescent	state	(G0).	Among	all	features	(chapter	1.3.1),	G0	cells	are	characterized	by	a	

higher	 status	 of	 chromatin	 compaction	 correlated	 with	 a	 low	 rate	 of	 transcription	

activation	(Schäfer	et	al.,	2008).	We	have	indeed	observed	that	in	G0	chromosomes	tend	

to	 increase	 long-range	 intra-chromosomal	 contacts	 (chapter	 2.2;	 Figure	 5A),	 as	 was	

particularly	visible	on	chromosome	12.	

An	 interesting	 connection	 between	 cells	 in	 G0	 and	 cells	 in	 anaphase	 is	 the	 chromatin	

compaction	 associated	 with	 a	 low	 level	 of	 rDNA	 transcription.	 The	 nucleolar	 Cdc14	

phosphatase	is	part	of	a	complex	that	is	required	both	for	silencing	(complex	with	Sir2)	

(Huang	 and	 Moazed,	 2003)	 and	 for	 anaphase	 exit	 (rDNA	 condensation)	 (Clemente-

Blanco	et	al.,	2009),	we	could	imagine	that	the	chromatin	reorganization	in	these	stages	

might	share	similarities.	We	showed	that	anaphase	cells	need	the	condensation-related	

function	 of	 Cdc14	 to	 achieve	 the	 formation	 of	 the	 rDNA-centromere	 loop	 on	

chromosome	12	(chapter	2.1).	However,	this	loop	structure	was	not	detected	in	G0	cells,	

indicating	that	chromatin	compaction	in	G0	is	probably	condensin-independent.		

	

Although	 	 rDNA	 silencing	 in	 G0	 and	 anaphase	 may	 be	 important,	 lower	 levels	 are	

required	 to	 protect	 cells	 from	hyper-recombination	during	 the	 other	 cell-cycle	 phases	

(Kaeberlein	et	al.,	1999;	Kobayashi	and	Horiuchi,	1996;	Pappas	et	al.,	2004).	Indeed,	this	

locus	carries	a	protein/DNA	replication	fork	barrier	(Fob1/RFB)	that	has	been	shown	to	

arrest	replication	in	an	orientation-dependent	manner	to	ensure	the	unidirectionality	of	

replication	 and	 transcription.	 This	 mechanism	 has	 been	 suggested	 to	 prevent	
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transcription-replication	 clashes	 that	 could	 collapse	 replication	 forks,	 giving	 rise	 to	

potentially	 recombinogenic	 replication	 intermediates	 (Gruber	 et	 al.,	 2000;	 Lin	 and	

Pasero,	2012;	Takeuchi	et	al.,	2003).	Similar	replication	blocks	have	been	described	 in	

other	organisms	(e.g.	Rtf1/RTS1	and	Tus/Ter),	where	their	insertion	at	ectopic	positions	

in	the	genome	causes	chromosomal	rearrangements	(Lambert	and	Carr,	2013).		

Hi-C	 chromosomal	maps	 during	 DNA	 replication	 allowed	 us	 to	 build	 a	 3D	 replication	

profile	(chapter	2.1).	The	3D	representation	illustrated	the	expected	temporal	program	

of	replication	program,	starting	at	the	centromere	cluster	and	finishing	at	the	telomere	

clusters.	 To	 understand	new	 links	 between	 the	 spatial	 organization	 of	 replication	 and	

genome	 stability,	 we	 inserted	 replication	 fork	 blocks	 (Tus/Ter)	 at	 genomic	 locations	

with	 different	 replication	 timing	 (early,	 mid	 and	 late;	 Raghuraman	 et	 al.,	 2001).	 We	

sought	 chromosomal	 rearrangements	 that	 may	 reflect	 the	 spatial	 proximity	 of	 the	

arrested	 replicating	 region.	 Although	we	 detected	 an	 abundant	 amount	 of	 replication	

intermediates	at	the	fork	blocks,	we		have	failed	to	detect	replication	recombination	(if	

present),	 so	 far.	 Among	 the	 many	 potential	 reasons	 that	 could	 have	 impeded	 the	

observation	of	 such	events	 (discussed	 in	 chapter	2.3),	 in	 this	 section	 I	would	 focus	on	

those	that	could	be	related	to	the	3D	organization.	In	our	hands	the	analysis	of	S	phase	

Hi-C	 maps	 has	 revealed	 only	 a	 slight	 increase	 in	 contacts	 between	 collinear	 early	

replicating	 origins.	 This	 observation	 could	 indicate	 a	 stochastic	 association	 of	 origins	

into	 foci	 (Saner	 et	 al.,	 2013)	 but	 also	 an	 effect	 of	 the	 pericentromeric	 chromatin.	 The	

enrichment	 of	 cohesins	 at	 the	 pericentromeric	 chromatin	 may	 increase	 long-range	

chromosomal	 contacts	 in	 this	 region,	where	most	 of	 the	 early	 origins	 are.	 This	would	

suggest	that	colocalization	of	early	replicated	regions	is	not	specific	to	replication,	rather	

it	is	an	intrinsic	property	of	budding	yeast	genome	organization.	This	hypothesis	could	

explain	 the	 observed	 colocaliazation	 of	 early	 pericentromeric	 regions	 in	 both	

asynchronous	and	G1	cells	(Duan	et	al.,	2010;	Eser	et	al.,	2017;	Knott	et	al.,	2012).		

Another	 interesting	 aspect	 of	 chromatin	 dynamics	 that	 has	 been	 reported	 to	 play	 an	

important	 role	 in	DNA	 repair	 is	 the	mobility	 of	 the	 chromatin	 fibre	 (Dion	 and	Gasser,	

2013).	 A	 global	 and	 local	 increase	 in	 chromatin	mobility	 after	 DNA	 damage	 has	 been	

associated	 with	 an	 increase	 in	 repair	 efficiency	 (Miné-Hattab	 and	 Rothstein,	 2012).	

Interestingly,	 the	global	mobility	 in	S	phase	compared	 to	G1	 is	decreased	 (Heun	et	al.,	

2001a).	 This	mechanism	would	 favour	 the	 inter-sister	 chromatids	 DNA	 repair	 (error-

free)	and	disfavour	ectopic	recombination	(error-prone).	In	light	of	these	observations,	

it	is	a	possibility	that	the	replication	intermediates,	observed	at	the	Tus/Ter	replication	

blocks,	could	be	limited	during	their	search	for	a	repair	choice.		
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Overall,	 this	 study	 remains	 an	 ongoing	 work,	 which	 should	 unveil	 why	 the	 genome	

remains	so	stable	 in	presence	of	multiple	blocks,	and	 ideally	point	at	conditions	under	

which	this	stability	will	be	alleviated.		
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