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Advanced Review

RNA uridylation: a key
posttranscriptional modification
shaping the coding and
noncoding transcriptome
Caroline De Almeida, Hélène Scheer, Hélène Zuber and Dominique Gagliardi *

RNA uridylation is a potent and widespread posttranscriptional regulator of gene
expression. RNA uridylation has been detected in a range of eukaryotes includ-
ing trypanosomes, animals, plants, and fungi, but with the noticeable exception
of budding yeast. Virtually all classes of eukaryotic RNAs can be uridylated and
uridylation can also tag viral RNAs. The untemplated addition of a few uridines
at the 30 end of a transcript can have a decisive impact on RNA’s fate. In rare
instances, uridylation is an intrinsic step in the maturation of noncoding RNAs
like for the U6 spliceosomal RNA or mitochondrial guide RNAs in trypanosomes.
Uridylation can also switch specific miRNA precursors from a degradative to a
processing mode. This switch depends on the number of uridines added which
is regulated by the cellular context. Yet, the typical consequence of uridylation
on mature noncoding RNAs or their precursors is to accelerate decay. Impor-
tantly, mRNAs are also tagged by uridylation. In fact, the advent of novel high
throughput sequencing protocols has recently revealed the pervasiveness of
mRNA uridylation, from plants to humans. As for noncoding RNAs, the main
function to date for mRNA uridylation is to promote degradation. Yet, additional
roles begin to be ascribed to U-tailing such as the control of mRNA deadenyla-
tion, translation control and possibly storage. All these new findings illustrate
that we are just beginning to appreciate the diversity of roles played by RNA uri-
dylation and its full temporal and spatial implication in regulating gene expres-
sion. © 2017 Wiley Periodicals, Inc.
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INTRODUCTION

RNA uridylation, the untemplated addition of uri-
dines at the 30 extremity of RNAs, is a wide-

spread posttranscriptional modification that targets
both coding and noncoding RNAs. Except for Sac-
charomyces cerevisiae, which seems to have lost the
capacity to uridylate RNA, RNA uridylation is
detected in various eukaryotic organisms including

trypanosomes, fission yeast, plants, insects, nema-
todes, and humans.1–6 Because RNA uridylation
emerges as a generic feature in RNA metabolism and
to understand its impact fully, it is useful to briefly
recall some basic principles underlying the produc-
tion of functional transcripts and their elimination.

Genome expression necessitates the constitutive
and regulated production of thousands of coding and
noncoding RNAs. Virtually, all of these RNAs are pro-
duced as primary transcripts that require further proces-
sing and modifications to become functional transcripts.
One of the classical steps in RNA processing is the pro-
duction of mature 50 and 30 extremities. This maturation
is achieved either by endoribonucleolytic cleavage and/or
by exoribonucleolytic trimming of precursor transcripts.
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Once created, extremities must be protected from the
constitutive attacks of scavenging exoribonucleases.
This protection is classically achieved by specific termi-
nal features e.g., the m7G 50 cap or the 30 polyadeno-
sine tail of eukaryotic messenger RNAs (mRNAs),
which are bound by dedicated proteins. Alternatively,
nonmodified extremities are simply buried into the
ribonucleoproteic particles (RNPs). Stabilization of
extremities can also involve a chemical modification
such as 20-O-ribose methylation of the 30 terminal
nucleotide of small RNAs in plants and Piwi-
interacting RNAs (piRNAs) in animals.7 However, the
stabilization of 50 and 30 extremities has to be over-
come at one point because genetic expression must be
dynamic. Any coding and noncoding RNA will ulti-
mately be degraded and this degradation can be regu-
lated in response to developmental or environmental
stimuli. A plethora of mechanisms is in charge of initi-
ating or facilitating transcript degradation, and RNA
uridylation is emerging as such a pervasive mechanism
in eukaryotes. In this review, we will focus on how
RNA uridylation impacts the processing and stability
of coding and noncoding RNAs. The most recent stud-
ies clearly support that the overall function of uridyla-
tion is to destabilize its target RNA by helping the
degradation machinery in overcoming the protection
of extremities. However, this destabilizing role coexists
with additional functions: uridylation can be required
for the processing of functional transcripts, inhibit or
promote translation, impede mRNA deadenylation
and possibly be involved in mRNA storage. The aim of
this review is to expose the fundamental and diverse
functions of RNA uridylation. We will describe the
core machinery involved in adding uridines to RNA 30

ends. We will also present the different classes of RNAs
that are targeted by uridylation and the main ‘readers’
that recognize uridylated transcripts to reveal the many
roles of this key posttranscriptional modification in
shaping the coding and noncoding transcriptome.

KEY FEATURES OF TERMINAL
URIDYLYLTRANSFERASES

The central actors of RNA uridylation are of course the
terminal uridylyltransferases (TUTases) that catalyze the
untemplated addition of uridines at the 30 end of target
transcripts. TUTases belong to the DNA polymerase β

(Pol β)-like nucleotidyltransferase superfamily, which
include RNA-specific nucleotidyltransferases divided in
three subgroups.2,8–11 Subgroup 1 contains the nuclear
poly(A) polymerases (‘canonical’ poly(A) polymerases)
responsible for the polyadenylation of nascent mRNAs
and other RNAs transcribed by RNA polymerase

II. Subgroup 2 comprises TUTases that are able to rec-
ognize a diversity of RNA substrates, from guide RNAs
(gRNAs) and mRNAs in trypanosome mitochondria, to
miRNAs, other noncoding RNAs and mRNAs. Other
various nucleotidyltransferases involved in the posttran-
scriptional adenylation, cytidylation, guanylation, and
the CCA addition to transfer RNAs (tRNAs) in some
Archaea as well as the 20-50-oligo(A) synthetases are also
members of subgroup 2. Finally, Subgroup 3 is repre-
sented by the CCA-adding enzymes that mature tRNAs
in eukaryotes and in some bacteria.

The Catalytic Domain of TUTases
The core catalytic domain (CCD) of TUTases is defined
by a Pol β-like nucleotidyltransferase domain (NTD)
and a poly(A) polymerase-associated (PAP-assoc)
domain, which has evolved to bind uridine 5'-tripho-
sphate (UTP) rather than adenosine 5'-triphosphate
(ATP). The atomic structure of the CCD in complex
with nucleotides or as apodomains has been solved for
several TUTases: the mitochondrial RET1, RET2,
MEAT1 and the cytosolic TUT4 from Trypanosoma
brucei, as well as Cid1 from Schizosaccharomyces
pombe and human U6 TUTase (TUT1).12–17 The juxta-
position of the two domains forming the CCD creates a
large cleft, which contains the catalytic and UTP-
binding sites. Some TUTases like the human U6 TUTase
or the trypanosomal RET1, RET2, and TUT3 have
additional sequences inserted in the CCD (Figure 1). A
domain which folds like a RNA recognition motif
(RRM) despite lacking the typical signature of RRM, is
inserted in the CCD of RET1.15 A similar domain
organization exists in RET2 but the orientation of the
RRM-like fold is different. This difference could account
for the differential recognition of single-stranded versus
double-stranded RNA by RET1 and RET2, respec-
tively.15 RET1 also contains a C2H2 Zinc finger (ZnF)
adjacent to the NTD that is essential for the folding and
stabilization of the catalytic domain (Figure 1).15

UTP specificity involves conserved aspartate and
glutamate residues in both mitochondrial and cytosolic
TUTases such as RET1 and Cid1, respectively.14,18,19

In addition, a histidine residue in Cid1 (His336), con-
served in some plant and human cytosolic TUTases but
absent from trypanosomal TUTases, has been involved
in UTP selectivity.14 A single amino acid substitution at
this position is sufficient to switch the specificity of
Cid1 from UTP to ATP, and vice versa for human Gld2
(TUT2).14,20 Those experiments illustrate the ease of
switching the nucleotide specificity of a terminal nucleo-
tidyltransferase during evolution to allow for the acqui-
sition of a novel biological function linked to RNA
tailing.
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FIGURE 1 | Domain architectures of TUTases are diverse across organisms. Tb, Trypanosoma brucei; Sp, Schizosaccharomyces pombe; Hs,

Homo sapiens; An, Aspergillus nidulans; At, Arabidopsis thaliana; Cr, Chlamydomonas reinhardtii; Xt, Xenopus tropicalis; Ce, Caenorhabditis

elegans; Dm, Drosophila melanogaster. RRM, RNA recognition motif; PRR, proline-rich region; KA-1, kinase-associated-1; NLS, nuclear localization

signal; DUF, domain of unknown function. Intrinsically disordered regions (IDR) have been predicted using DISOPRED.
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Complex and Diverse Domain Architectures
of TUTases
The association of the NTD with a PAP-assoc domain
constitutes the minimal catalytic module for a TUTase.
This minimal configuration actually corresponds to
the structural organization of Cid1 from S. pombe
(Figure 1). Cid1 does not have a dedicated RNA-
binding domain adjacent to the catalytic module but
rather binds its RNA substrates through interaction
with three basic patches distributed at the surface of
the enzyme.13 No interacting partners have been iden-
tified to date and Cid1 appears to act as a standalone
enzyme. In contrast to Cid1, most other TUTases typi-
cally present a multipartite domain architecture with
domains or regions mediating protein–protein interac-
tions or protein–RNA binding. This architecture is
evolving fast and therefore, TUTases display various
domain organizations as illustrated for a selection of
characterized TUTases from trypanosomes, fungi, ani-
mals, and plants (Figure 1).

A striking example of complex domain archi-
tecture is illustrated by the human TUT4/7 or Xeno-
pus TUT7.8,21 Those TUTases contain a duplicated
CCD domain but only the C-terminal one is active.
Yet, the inactive CCD is required for structural func-
tionalities, independently of catalyzing RNA tail-
ing.22,23 Another key feature of HsTUT4/7 and
XtTUT7 is the presence of C2H2-type ZnF and
C2HC-type ZnF motifs (also known as zinc
knuckles), located upstream of the inactive CCD and
on both sides of the active one, respectively
(Figure 1).8 The last two C2HC-type ZnF surround a
basic amino acid-rich (BR) stretch, conserved from
Xenopus to human.21 BR stretches are known as dis-
ordered regions that can promote RNA binding.24

Those BR stretches belong to one of the three large
intrinsically disordered regions (IDRs) predicted in
the N-terminal, middle and C-terminal regions of
HsTUT4/7 and XtTUT7. Although, the presence of
large IDRs is actually common across TUTases, their
diversity in size and position largely contributes to
the variability of TUTase organization across organ-
isms (Figure 1). Such IDRs could confer specific
RNA or protein binding capacity to their respective
TUTase. For instance, the N-terminal region of
RET1 is dispensable for activity in vitro but likely
mediates protein–protein interactions crucial for
RET1’s function in vivo.15 Indeed, RET1 can oligo-
merize, is integrated into a complex termed the mito-
chondrial 30 processome (MPsome) and can also
transiently interact with pentatricopeptide repeat
(PPR)-containing RNA-binding factors and a mito-
chondrial poly(A) polymerase.15,25,26 By contrast, the

C-terminal region is not required for incorporation
of RET1 into the MPsome but could bind RET1’s
RNA substrates. Indeed, its deletion decreases the
RNA-binding capacity of RET1 thereby strongly
reducing processivity and catalytic efficiency.15 In
addition to IDRs, ZnF can also mediate protein–
RNA and protein–protein interactions.27–29

Deciphering the intricate interaction network of
TUTases is key to fully understand the effect of RNA
uridylation. Two categories of factors interact with
TUTases: the auxiliary factors that assist TUTases in
modifying their targets, and some of the ‘readers’
that recognize the uridylated status of transcripts and
translate this information into a biological output
(stabilization, decay, translation inhibition, etc.)
(Table 1). These factors are detailed next when we
survey the diverse roles of RNA uridylation in shap-
ing the transcriptome.

VARIOUS CONSEQUENCES OF
URIDYLATING NONCODING RNAs

Processing of Mitochondrial
gRNAs in Trypanosomes
Uridylation is fundamental for RNA metabolism in
mitochondria of trypanosomes. Both coding and non-
coding RNAs encoded in this organelle are uridylated
and the majority of mRNAs are massively edited by U
insertions and deletions.58 Editing requires gRNAs
that specify the position of editing sites to the RNA
editing core complex (RECC). gRNAs are 50–60 nt
long RNAs terminating with 15–20 untemplated uri-
dines. The vast majority of guide RNAs are encoded
by thousands of minicircles of about 1 kbp, which
constitute the mitochondrial genome of trypanosomes
together with a few 25 kbp maxicircles encoding mul-
ticistronic ribosomal RNAs (rRNAs) and mRNAs.61

gRNAs maturation involves the mitochondrial
3' processome (MPsome) constituted by the TUTase
RET1 in association with the 30!50 exoribonuclease
DSS1 and three large proteins with no known
motifs.6,25 The bidirectional transcription of minicir-
cles generates sense and antisense gRNA precursors
of about 800–1200 nt and with a 50 nt overlapping
region in their 50 region (Figure 2). The first step in
the maturation process of these precursors by the
MPsome is the uridylation by RET1, which recruits
the 30!50 exoribonucleolytic activity of DSS1. The
progression of the MPsome is impeded 10–12 nt
away from the stable duplex region that is formed
by annealing of the complementary sequences cre-
ated by the bidirectional transcription of the sense
and antisense precursors. RET1 then performs a
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TABLE 1 | Main Factors Assisting TUTases

Protein/
Complex Protein Type Organism(s)

Relevant
TUTase(s) Description References

Lin28 RNA-binding protein Mouse, human TUT4/7 Lin28A binds to pre-let-7 and recruits TUT4/7 to
initiate oligo-uridylation of pre-let-7 miRNA and
subsequent degradation by Dis3L2.

23,30–34

Trim25 E3 ubiquitin/ISG15
ligase

Mouse, human TUT4 Trim25 binds to the conserved terminal loop of
pre-let-7 and promotes TUT4 Lin28 mediated-
uridylation.

35

LSm1-7 RNA-binding protein
complex

Human, S. pombe TUT4/7 The LSm1-7 complex preferentially binds to
oligoadenylated mRNAs with 30 terminal
uridines, thereby promoting decapping.

36–40

Dis3L2 30!50

exoribonuclease
Human, S. pombe,
Drosophila,
mouse

TUT4/7,
Tailor

Dis3L2 preferentially degrades uridylated RNAs,
including pre-microRNAs, mRNAs and
unprocessed and structured noncoding RNAs. In
Drosophila, Dis3L2 and Tailor form a
cytoplasmic terminal RNA uridylation-mediated
processing (TRUMP) complex.

34,41–46

Usb1
(Mpn1)

30!50

exoribonuclease/
phosphodiesterase

Human U6
TUTase
(TUT1)

Usb1 nibbles the 30 extremity of the uridylated U6
snRNA and leaves an extension of five Us and a
terminal 20, 30 cyclic phosphate that favor the
binding of LSm2-8 complex.

47–49

Ago2 Endoribonuclease/
RNA-binding
protein

Human U6
TUTase
(TUT1)

U6 TUTase co-purifies with Ago2 and Dis3L2 via
RNA-mediated interaction. The three proteins
seem to be part of the same complex.

50

LSm2-8 RNA-binding protein
complex

Human U6
TUTase
(TUT1)

LSm2-8 binds to U6 snRNA with 30 five U
extension and a terminal 20, 30 cyclic phosphate
produced by dual action of U6 TUTase/Usb1
exoribonuclease.

51

SART3
(Tip110)

RNA-binding protein C. elegans USIP-1 USIP-1 forms a complex with SART3 and U6
snRNA and uridylates U6 snRNA to promote its
recycling.

52

EGO-1 RNA-directed RNA
polymerase

C. elegans CDE-1 Localization of CDE-1 in embryo mitotic
chromosomes requires the RdRP EGO-1, which
interacts with CDE-1 and the Argonaute protein
CSR-1. CDE-1 uridylates CSR-1-bound siRNAs.

53

AGO1 Endoribonuclease/
RNA-binding
protein

Arabidopsis HESO1 AGO1, key factor of the RNA-induced silencing
complex, interacts with HESO1 through its Piwi/
Argonaute/Zwille (PAZ) and Piwi domains.
HESO1 uridylates AGO1-bound miRNAs to
trigger their degradation.

54

RICE1/2 30 to 50

exoribonuclease
Arabidopsis HESO1 RISC-interacting clearing 30!50 exoribonucleases

1 and 2 (RICE1/2) are 30 to 50 exoribonucleases
that initiate degradation of uridylated 50 RISC-
cleaved fragments to recycle RISC.

55

SDN1/2 30 to 50

exoribonuclease
Arabidopsis HESO1 SDN1/2 are 30!50 exoribonucleases that trim

AGO1-bound small RNAs prior to tailing by
HESO1 and degradation.

56

PABP RNA-binding protein Arabidopsis URT1 PABP binds oligo(A/U) tails in vivo and determines
the size of U extension added by URT1.

57

DSS1 30 to 50

exoribonuclease
T. brucei RET1 RET1 is integrated into the MPsome complex

composed of the exoribonuclease DSS1 and
25,58

(continued overleaf )
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secondary uridylation step, which does not trigger
degradation but could rather promote the MPsome
disengagement from the duplex intermediate. The
duplex is unwound, the antisense strand degraded
and the sense uridylated gRNA integrated into the
gRNA-binding complex to direct the editosome to
editing sites (Figure 2). The U-tails of gRNAs could
promote the interaction with the purine-rich pre-
edited mRNA or recruit protein factors.9 Although
further investigation is still required to fully define
the biological function of the secondary uridylation
step, solving the processing pathway of gRNAs
revealed a dual and complex role for uridylation.25

Uridylation in U6 snRNA Maturation
and Stability
Another well-characterized substrate of RNA uridy-
lation is the human spliceosomal U6 small nuclear
RNA (U6 snRNA).62 U6 snRNA transcription by
RNA polymerase III (Pol III) is terminated by a short
stretch of four encoded uridines (Figure 3). Interest-
ingly, most human U6 snRNAs end with five Us and
a 20, 30 cyclic phosphate. Minor forms of U6 snRNA
have 30 oligo(U) tails of up to 20 residues and a 30

OH extremity. The heterogeneity of 30 termini of U6
snRNA reveals the combined action of two opposing
activities in the 30 maturation process: U6 snRNA 30

extremities are uridylated by the U6 TUTase
(TUT1)63–65 and nibbled by a distributive 30!50

exoribonuclease Usb1 (Mpn1) (Figure 3).47–49,66

Usb1 belongs to the LigT-like superfamily of 2H
phosphoesterases and catalyzes the formation of a
terminal 20, 30 cyclic phosphate while removing uri-
dines added by U6 TUTase to leave a five U-tail.47–49

Uridylation is rightly considered as an integral
step in the 30 maturation and stabilization of U6
snRNA in humans.62 Paradoxically, the stabilizing

effect of uridylation by the U6 TUTase is in fact due
to the action of the 30!50 exoribonuclease Usb1.
Indeed, the production of a terminal 20, 30 cyclic
phosphate favors the binding of the stabilizing
LSm2-8 complex.51 In addition, Usb1’s action pro-
tects U6 snRNA from adenylation by the terminal
nucleotidyltransferase Trf4 and subsequent degrada-
tion by the nuclear RNA exosome.47 Although, the
recruitment of an exoribonucleolytic activity by U-
tails appears as a common process in eukaryotes, the
example of human U6 snRNA illustrates that the
outcome of such a recruitment is not necessary the
destabilization of the target RNA.

Control of miRNA
Processing by Uridylation
One of the most spectacular regulatory roles of RNA
uridylation in animals is to control the biogenesis of
specific miRNAs (Box 1). Uridylation affects miRNA
processing and the degradation of miRNA precursors
with various consequences on development, diseases
and evolution of miRNA families.

Dual Role of Uridylation in let-7
miRNA Biogenesis
The let-7 miRNA family is highly conserved in bila-
terian animals. It suppresses cell proliferation and
promotes cell differentiation. In humans, 9 out of
12 let-7 precursors are processed as pre-miRNAs
with 1 nt 30 overhang (Group II precursors). The
remaining three precursors have a typical 2 nt 30

overhang (Group I), like canonical miRNA precur-
sors.68 Group I pre-miRNAs are classically processed
by Dicer (Figure 4). By contrast, Group II let-7 pre-
miRNAs are poor substrates of Dicer because of their
1 nt 30 overhang. TUT4 and TUT7 can mono-
uridylate those precursors, thereby restoring a full

TABLE 1 | Continued

Protein/
Complex Protein Type Organism(s)

Relevant
TUTase(s) Description References

three other proteins with no known domain.
The complex is involved in gRNA maturation.

KPAF1/2 PPR-proteins T. brucei RET1 The heterodimer composed of KPAF1 and KPAF2
PPR-proteins induces the formation of long A/U
tail by RET1 and the KPAP1 poly(A) polymerase.

26

MP81 RNA-binding protein T. brucei RET2 RET2 is a subunit of the U-insertion subdomain of
the RNA editing core complex (RECC) that
catalyzes mRNA editing in trypanosome
mitochondria. RET2 interacts with MP81 protein
resulting in the stabilization of both proteins
and enhancement of TUTase activity.

59,60
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processing capacity for Dicer (Figure 4).46,68 A recent
structure of the catalytic domain of TUT7 engaged in
the mono-uridylation of Group II pre-let-7 hairpin
revealed a duplex-RNA-binding pocket favoring the
addition of a single uridine.23 Another terminal
nucleotidyltransferase, Gld2 (TUT2 or PAPD4), can
mono-uridylate and mono-adenylate Group II let-7
pre-miRNAs in vitro and promotes let-7 processing
in vivo.68 Although it remains to be formally demon-
strated whether Gld2’s impact on let-7 processing is
due to adenylation rather than uridylation,20 TUT4/7
are definitely crucial to promote Group II pre-let-7
processing, demonstrating that uridylation is required
for Group II let-7 biogenesis.68

let-7 is expressed in differentiated cells where it
negatively regulates several known oncogenes, but is
repressed in embryonic stem cells and in several can-
cers in mammals.69,70 A prominent factor regulating
let-7 accumulation is the RNA-binding protein
Lin28.30–32,41,70–75 The genome of vertebrates

encodes two paralogous Lin28 proteins. Both Lin28A
and Lin28B downregulate let-7 production by distinct
mechanisms including the sequestration of precursors
away from nuclear processing factors and uridylation
-mediated degradation of cytosolic precursors
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FIGURE 2 | Uridylation and guide RNA (gRNA) maturation in

trypanosome mitochondria. gRNAs are processed through a sequential

maturation process by the mitochondrial 30 processome (MPsome),

containing the TUTase RET1 in complex with the 30!5’

exoribonuclease DSS1. (1) gRNAs are generated by bidirectional

transcription of minicircles. The sense and antisense gRNA precursors

have complementary regions in the 50 end and form a duplex. After

recruitment of the MPsome (2), the precursors undergo a first

uridylation step by RET1 (3), leading to the degradation of the

precursors by DSS1 (4). Progression of the MPsome is impeded

10–12 nt from the paired region and a second uridylation step by

RET1 occurs (5). After antisense gRNA degradation, mature uridylated

gRNAs are incorporated into the gRNA-binding complex to direct the

editosome to editing sites.

BOX 1

DIFFERENT miRNA PROCESSING
PATHWAYS IN ANIMALS

miRNAs are small RNAs of 21–22 nt that associ-
ate with Argonaute (Ago) proteins within RNA-
induced silencing complexes (RISCs). RISCs
silence target mRNAs by repressing translation
and inducing decay.67 The classical pathway of
miRNA processing in animals involves two
RNase III-like enzymes, Drosha and Dicer.
Drosha cleaves primary miRNA (pri-miRNA)
transcripts in the nucleus to generate a pre-
miRNA hairpin with a 2 nt 30 overhang. The
pre-miRNA is processed as a duplex RNA by
Dicer in the cytoplasm. The miRNA strand of
the duplex is retained in complex with a Ago
protein to form the core components of RISC
while the passenger strand of the duplex is
degraded.67 Alternative processing pathways
exist that can bypass either Dicer activity as for
miR-451 or Drosha action as for pre-miR-320
and mirtrons. Mirtrons are encoded as short
hairpin introns that use splicing and debranch-
ing instead of Drosha to generate the pre-
miRNA hairpin that is further processed by
Dicer.67 Finally, processing of Group II let-7 miR-
NAs involves both Drosha and Dicer but mono-
and poly-uridylation of pre-let-7 miRNAs either
promote or prevent maturation by Dicer,
respectively.67

WIREs RNA RNA uridylation

Volume 9, January/February 2018 © 2017 Wiley Per iodica ls , Inc. 7 of 25



(Figure 4).69 The molecular mechanisms underlying
the uridylation-mediated degradation of pre-let-7
miRNAs is thoroughly investigated. The cold-shock
domain of the cytosolic Lin28A recognizes the termi-
nal loop of pre-let-7 miRNA and a zinc knuckle stabi-
lizes this interaction by recognizing a conserved

GAGG sequence near the 30 end.31,76 Recent studies
propose that this interaction between the zinc knuckle
of Lin28 and GGAG motif of pre-let7 forms a specific
surface recognized by the N-terminal half of TUT4/7
containing the inactive CCD domain (also called the
Lin28-interacting module or LIM), thereby establish-
ing a stable ternary complex between pre-let-7:
Lin28A:TUT4/7.23 The Lin28A-stabilized interaction
between pre-let-7 and TUT4/7 results in the oligo-
uridylation of pre-let-7 miRNAs.30–33 In addition,
two C2HC-type zinc knuckles close to the active
CCD of TUT4/7 establish uracil-specific interactions,
facilitating oligo-uridylation.23 Finally, the activity of
TUT4 is stimulated by the E3 ligase Trim25, which
specifically binds the pre-let-7 miRNAs.35 The oligo-
uridylation of pre-let-7 miRNAs inhibits Dicer action
and recruits the 30!50 exoribonuclease Dis3L2
(Box 2) which degrades let-7 pre-miRNA
(Figure 4).34,41,77 TUT4 and TUT7 redundantly uri-
dylate pre-let-7 miRNAs.78 However, this redun-
dancy may depend on the cell type because TUT4
knockdown was also shown to fully mimic Lin28A
knockdown in human cancer cells expressing
Lin28A.73 Lin28B was also reported to promote uri-
dylation and Dis3L2-mediated degradation of pre-let-
7 miRNAs in certain cancer cells.72

Altogether, studies of let-7 biogenesis
revealed a fascinating regulatory role of RNA
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FIGURE 3 | Uridylation is critical for U6 snRNA maturation. U6

snRNAs are transcribed by polymerase III (Pol III) which terminates

transcription by a stretch of four encoded uridines (1) that are

immediately bound by the La protein (2). U6 snRNAs are then

uridylated by U6 TUTase (TUT1) (3) which favors nibbling by the

exoribonuclease Usb1 (4). Usb1 is a phosphodiesterase and generates

terminal 20, 30 cyclic phosphate. The particular 30 end formed by four

encoded uridines and one exogenous uridine with a terminal 20, 30

cyclic phosphate facilitates the recruitment of the LSm2-8 complex

that prevents degradation by the exosome (5).

BOX 2

Dis3L2: A 30!50 EXORIBONUCLEASE
DEGRADING URIDYLATED RNA
SUBSTRATES

Dis3L2 is a 30!50 exoribonuclease of the RNase
II/R family which is localized in the cytosol and
conserved in eukaryotes except in S. cerevisiae.

4

Mutations in human Dis3L2 are associated with
the Perlman syndrome of fetal overgrowth, pre-
disposition to develop Wilms’ tumors and a
series of additional cancers.4,41 Dis3L2 acts inde-
pendently of the exosome and degrades a vari-
ety of RNA substrates in the cytosol, ranging
from mRNAs to a range of noncoding RNAs
including small RNAs.34,41–43,45,79–81 Of note, uri-
dylation favors Dis3L2-mediated decay. Determi-
nation of the structure of mouse Dis3L2 in
complex with an oligo(U) RNA revealed exten-
sive uracil-specific interactions, explaining how
Dis3L2 preferentially recognizes uridylated RNA
substrates.77
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uridylation. Mono-uridylation of pre-let-7 miR-
NAs by TUT4/7 in the absence of Lin28A
enhances Dicer processing, thereby downregulating
oncogene expression through let-7 action. By con-
trast, oligo-uridylation by the same set of TUTases
triggered by the processivity factors Lin28A/
Trim25 leads to the degradation of pre-let-7 miR-
NAs by Dis3L2, which promotes cell proliferation
and limits cell differentiation.

Uridylation Represses the Mirtron Pathway
The stability of mirtron precursors is also controlled
by uridylation. Mirtrons are small RNAs defined by
their Drosha-independent processing which relies on
the splicing machinery to generate short hairpins fur-
ther processed by Dicer (Figure 5).67,82 Mirtrons
have been identified in flies, worms and humans, and
are usually low expressed and not conserved. In Dro-
sophila melanogaster, the mirtron precursors are
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mature let-7 production induces pluripotency, cell reprogramming, and cancers.
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uridylated by the TUTase Tailor impeding processing
by Dicer (Figure 5).83,84 Strikingly, mirtron hairpins
are preferentially uridylated as compared to classical
hairpins generated by Drosha.83–86 This preference is
explained by the specificity of Tailor for substrates
with a 30 terminal G.83,84 Because of their biogenesis
by the splicing machinery, all mirtrons end with a 30

AG. Hence, substrate preference of Tailor may have
evolved to suppress mirtron biogenesis to avoid the
creation of spurious novel miRNAs.83,84 Importantly,
precursors of conserved miRNAs are specifically
depleted for 30 G whereas ones for nonconserved
miRNAs are not. Therefore, Tailor-mediated control
of the accumulation of de novo created mirtrons
likely resulted in a selective pressure that shaped
canonical miRNAs in Drosophila.83,84

Uridylation of Mature Small RNAs: Decay
and More
The untemplated 30 addition of nucleotides is also
common on mature small RNAs. Added nucleotides
are mostly adenosines and uridines. Uridylation has
been studied for different classes of small silencing
RNAs including miRNAs, short interfering RNAs,
and piRNAs.3,87 Small RNA uridylation was reported
across diverse organisms, from fission yeast, nema-
todes, flies, frogs, plants, and mammals. Again, uridy-
lation influences small RNA fate in several ways, the
most prominent one being destabilization.

Methylation, Uridylation and Decay of Plant
Small RNAs
Uridylation-mediated destabilization of small RNAs is
thoroughly investigated in plants. The terminal ribose
of all plant small silencing RNAs is 20-O methylated
by the methyltransferase HEN1.88–90 HEN1 has two
double-stranded RNA-binding domains that recognize
the duplexes generated by Dicer-like (DCL) enzymes
and methylates the 30 extremity of both strands of the
duplex. In Arabidopsis, loss of small RNA methyla-
tion in hen1 mutants results in strong developmental
defects due to a decrease in miRNA abundance.88,89

Of note, siRNA accumulation is also affected in Ara-
bidopsis and in rice hen1 mutants.88,89,91 This
decrease is accompanied by 30 end untemplated uridy-
lation and trimming of small RNAs.88,89 Hence, meth-
ylation by HEN1 stabilizes small RNAs by preventing
their uridylation and subsequent degradation. Interest-
ingly, the patterns of trimming and uridylation are
quite diverse across miRNA families. Some miRNAs
are particularly trimmed and tailed while others are
not affected by the lack of HEN1-mediated

methylation.92 Yet, particular patterns of trimming/
tailing are conserved for the same miRNA between
maize, rice and Arabidopsis hen1 mutants, suggesting
that structural elements or sequences conserved
between monocotyledons and dicotyledons can influ-
ence uridylation and trimming.92 Of note, certain
miRNAs such as miR158 are substantially trimmed
and tailed in a wild-type context because of inefficient
methylation even in the presence of HEN1.92

A genetic suppressor screen in Arabidopsis identi-
fied the TUTase HESO1 (HEN1 SUPPRESSOR 1) as
the terminal uridylyltransferase responsible for uridyla-
tion of small RNAs.93 In a heso1 hen1 mutant,
unmethylated small RNAs are less uridylated and their
global level increases.93–95 It was therefore concluded
that uridylation by HESO1 destabilizes small
RNAs.93,95 Forward and reverse genetic experiments
revealed URT1 as another TUTase able to uridylate
miRNAs, but not siRNAs, in the hen1 heso1 genetic
context.96,97 Of note, the biological impact of URT1 in
uridylating miRNAs in a wild-type context remains to
be determined and HESO1 represents the major
TUTase uridylating both siRNAs and miRNAs in Ara-
bidopsis. In Chlamydomonas reinhardtii, uridylation
by the TUTase MUT68 also destabilizes small RNAs.98

Both biochemical and sequencing analyses indi-
cate that trimming precedes uridylation by HESO1
(Figure 6(a)). Indeed, the catalytic activity of HESO1 is
inhibited by the 20-O methylation deposited by HEN1
and extensive tailing is observed on trimmed small
RNAs.92,93,95 The 30!50 exoribonucleases that trim
methylated small RNAs prior to tailing were recently
identified as SDN1 and SDN2.56 SDN1/2 interact with
AGO1 as does HESO1,54 giving a rational explanation
as why trimming and tailing depends on AGO.92

SDN1/2 are proposed to trim small RNAs while loaded
on an Ago protein, thereby alleviating the inhibitory
effect of HEN1 methylation on HESO1 tailing
(Figure 6(a)).56 Uridylation by HESO1, and possibly
URT1, then triggers the degradation of the small RNAs
by a yet unidentified enzyme.

Other Small RNAs Protected by Methylation
Against Uridylation
The protection of 30 ends by methylation is not
restricted to plant small RNAs. HEN1 homologues
are conserved in animals and methylate piRNAs.99–105

Piwi proteins belong to the Argonaute family and are
loaded with piRNAs expressed in germlines to repress
transposable elements. In contrast to Arabidopsis
HEN1, animals Hen1 homologues lack double
stranded RNA-binding domains and rather interact
with Piwi proteins to methylate single-stranded piR-
NAs of various sizes. Methylation by HEN1
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homologues, such as Pimet/Hen1 in Drosophila, Hen1
in zebrafish or HENMT1 in mouse, may prevent
uridylation-mediated decay of piRNAs.25,99,102,104

Another class of small RNAs that are 30 methy-
lated is siRNAs in Drosophila.100 Loss of methylation
results in trimming and uridylation of those siR-
NAs.106 Only Ago2-bound siRNAs, but not Ago1-
bound miRNAs, are methylated in Drosophila and
this difference may be linked to their respective mode
of target recognition. One of the major differences
between siRNAs and miRNAs is the extensive pairing
of siRNAs to their targets as compared with the par-
tial pairing of miRNAs, mostly restricted to the seed
sequence. Interestingly, increasing the complementar-
ity between a target sequence and Ago1-bound miR-
NAs is enough to trigger uridylation and trimming.106

Those experiments explain why siRNAs which trigger
the destruction of viral or transposon RNAs using
extensive complementarity are methylated to protect
their 30 end from tailing and trimming, whereas miR-
NAs are not. Indeed, extensive complementarity of a
small RNA with its target weakens its interaction with
the Piwi/Argonaute/Zwille (PAZ) domain of Ago pro-
teins, thereby allowing accessibility to TUTases and
30!50 exoribonucleases.106

Finally, methylation can also prevent uridyla-
tion of siRNAs in certain trypanosomatids.107 The
core components of RNA silencing are not consist-
ently conserved across kinetoplastids. In T. brucei
but not Leishmania (Viannia) sp., an HEN1 homo-
logue methylates siRNAs thereby preventing their
trimming and uridylation.107
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Uridylation and Decay of Small RNAs
Clearly, uridylation is not restricted to piRNAs, fly siR-
NAs, and plant small RNAs but is a widespread proc-
ess revealed by numerous small RNA deep sequencing
analyses in animals and fission yeast.43,46,78,108,109

Uridylation of miRNAs processed from the 30 arm of
the pre-miRNA is frequent, indicating that mono-
uridylation may often occur on pre-miRNAs, prior to
loading onto Ago. Yet, clear examples of uridylation-
mediated decay of small RNAs associated with Ago
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proteins have been reported.39,50,53,54,92,110 Several
TUTases have been involved in small RNA uridylation
including CDE-1 in Caenorhabditis elegans, Cid16 in
S. pombe, and TUT4, TUT7 and TUT1 in human
cells.53,78,110–113 CDE-1 is a TUTase that uridylates
siRNAs bound by the Ago protein CSR-1 in C. elegans
(Figure 6(b)).53 In absence of CDE-1, CSR-1 siRNAs
accumulate, leading to defects in chromosome segrega-
tion. Accumulated CSR-1 siRNAs also ‘leak’ into other
Ago-mediated pathways, resulting in spurious gene
silencing.53 It was therefore concluded that uridylation
by CDE-1 is required to destabilize CSR-1 bound siR-
NAs to restrict those specific siRNAs to enter other
silencing pathways.53 A related process was demon-
strated recently in S. pombe.110 More than 20% of
Ago-bound small RNAs in fission yeast have one or
two untemplated nucleotides, mostly adenosines but
also uridines. Those nucleotides are added by the poly(-
A) polymerase Cid14 and the TUTase Cid16, respec-
tively.110 Both uridylation and adenylation trigger the
degradation of Ago-bound small RNAs by RRP6, a
catalytic subunit of the exosome (Figure 6(c)).110 Both
Cid14 and Cid16 are essential to eliminate spurious
small RNAs to prevent uncontrolled RNA silencing
from targeting euchromatic genes.110

In humans, uridylation was proposed to
decrease the abundance of several miR-
NAs.46,78,111,114,115 Uridylation definitely participates
in the destabilization of miRNAs in case of high com-
plementarity to their targets.50,106,114,116–118 This
process is referred to as target RNA-directed miRNA
degradation (TDMD).117 TDMD plays a crucial role
in the context of mouse cytomegalovirus (MCMV)
infection. Binding of miR-27a/b to the abundant
MCMV m169 transcript triggers their uridylation
and degradation (Figure 6(d)).116,119 Interestingly,
TUT1 (U6 TUTase) co-purifies with Ago2 and with
tailed and trimmed isoforms of miR-27 only when
TDMD is induced.50 Dis3L2 also co-purifies with
Ago2 and degrades the uridylated miR-27 isoforms.50

Altogether, these examples show that uridyla-
tion can participate in the degradation of small
RNAs in various eukaryotes. Yet, a link between uri-
dylation and decay is not systematic,78 likely reflect-
ing alternative roles for miRNA mono-uridylation as
illustrated below.

Uridylation Controls the Activity of miRNAs
Uridylation is crucial to control the activity of spe-
cific miRNAs. The stability of interleukin-6 (IL-6)
and other specific cytokine mRNAs is tightly con-
trolled to regulate the inflammatory response. This
regulation is partly achieved by the miR26 family,
which targets the 30 UTR of IL-6 transcripts.

Uridylation of miR-26 by the murine TUT4 abro-
gates IL-6 repression by preventing the binding of
miR-26 to its targets without affecting miR-26 stabil-
ity.120 Knocking out TUT4 in mice does not alter
embryogenesis but reduces growth and survival after
birth. Genome-wide studies revealed a decreased tail-
ing of some miRNAs but without affecting their
abundance.113 Importantly, TUT4 prevents the
miRNA-mediated silencing of IGF-1 transcripts, IGF-
1 being essential for early growth and survival. The
phenotypes of TUT4-deficient mice were, therefore,
partly explained by a decrease in IGF-1 mRNAs and
protein due to TUT4 deficiency.113 Those in vivo
experiments revealed a general mechanism by which
uridylation controls the activity of miRNAs inde-
pendently of their stability.

Uridylation may Control Export to Exosomes
Uridylation was also proposed to act as a sorting sig-
nal to target miRNAs to endosome-derived exo-
somes.121 Sequencing small RNA populations from
human B cells and their secreted exosomes revealed
distinct populations of intracellular and secreted
miRNAs discriminated by their 30 untemplated ade-
nylation and uridylation. Intracellular subsets of
miRNAs are preferentially adenylated whereas miR-
NAs targeted to extracellular vesicles are preferen-
tially uridylated.121 Although mechanistic insights
are still required to fully understand this process, it
exemplifies that more functions of miRNA uridyla-
tion are likely to be discovered.

Uridylation and Surveillance of Defective
Noncoding RNAs
Since the identification of pre-let-7 miRNA as the
first Dis3L2 uridylated RNA target,34,41 genome-
wide studies have thoroughly expanded the reper-
toire of Dis3L2 uridylated substrates in Drosophila,
mouse, and human cells.42–45 The most striking con-
clusion of these studies is that Dis3L2 and TUTases
(TUT4/7 in mammals and Tailor in Drosophila) are
the key factors of a RNA surveillance pathway tar-
geting unprocessed, structured noncoding RNAs in
the cytosol42–45 (Figure 6(e)). The majority of Dis3L2
substrates correspond to noncoding RNAs tran-
scribed by Pol III that include unprocessed tRNAs,
vault and Y RNAs, an Alu-like element BC200 RNA,
7SL, 7SK, RNase P and RNase MRP RNAs, and 5S
rRNA.42–45 As Pol III terminates transcription fol-
lowing the synthesis of a short stretch of uridines,
unprocessed transcripts may be targeted directly by
Dis3L2 after export to the cytosol. However, TUT4/
7 definitely assists Dis3L2 mediated-degradation by
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synthesizing short oligouridine tails, mostly at posi-
tions close to stable secondary structures (Figure 6
(e)).42,43,45 An elegant experiment based on the decay
rate analysis of randomized terminal sequences con-
firmed that a short stretch of terminal uridines signifi-
cantly enhances degradation by the Drosophila
Dis3L2.44

In addition to many Pol III transcripts, Dis3L2
also degrades transcription start site-associated short
RNAs (TSSas) that are uridylated in the cytoplasm
(Figure 6(e)).45 TSSas are generated from bidirec-
tional promoters and stalling of RNA polymerase II
followed by premature transcription termination.
Similarly, a short transcript originating from the 50

UTR of ferritin pre-mRNA is among the substrates
of Dis3L2.42 In addition, Dis3L2 targets several pre-
miRNAs besides the expected let-7 pre-miRNAs
(Figure 6(e)). The two most represented are pre-miR-
484 and pre-miR-320, produced as TSS-terminated
transcripts.45 These prematurely terminated tran-
scripts are possibly degraded as other TSSas. Alterna-
tively, Dis3L2 could be involved in regulating the
biogenesis of miR-484 and miR-320 miRNAs.45 Of
note, TUT4/7 definitely participates in the surveil-
lance of defective pre-miRNAs. TUT7 recognizes 30

trimmed pre-miRNAs and oligo-uridylates those
defective precursors in the absence of Lin28.46 In
addition, TUT4/7 uridylates Ago-bound defective
pre-miRNAs which are then degraded by the cata-
lytic subunits of the RNA exosome, Dis3 and
Rrp6.39 It remains to be determined whether the
exosome-bound Dis3 and Rrp6 preferentially act on
nuclear substrates whereas Dis3L2 degrades defective
uridylated pre-miRNAs in the cytosol, according to
their respective main localization.

A major function of Dis3L2, together with
TUT4/7, is the degradation of read-through forms
of snRNAs (Figure 6(e)).42–45 Importantly, Dis3L2
does not seem to participate in the production of
mature forms of snRNAs but rather eliminates mis-
processed precursors.42 In addition, many of the
Dis3L2 substrates originate from pseudogenes,45

reinforcing the idea that Dis3L2 participates to a
cytosolic pathway of RNA surveillance for various
noncoding RNAs.

In line with the conserved cooperation between
TUTases and Dis3L2 in degrading cytosolic RNAs, a
complex between Tailor and Dis3L2 was discovered
in Drosophila.44 This complex was called terminal
RNA uridylation-mediated processing (TRUMP), a
reference to the Trf4/Air2/Mtr4p polyadenylation
(TRAMP) complex which polyadenylates RNAs to
facilitate their degradation by the nuclear exo-
some.122 Hence, an interesting parallel emerges

between noncoding RNA surveillance pathways
mediated by TRAMP and the RNA exosome in the
nucleus, and by TUTases and Dis3L2 in the
cytosol.42–45

URIDYLATION OF mRNAs: DECAY
AND OTHER CONSEQUENCES

Besides noncoding RNAs, uridylation also tags
mRNAs. We and others have recently reviewed
mRNA uridylation5,9,123 and only key and novel
aspects are presented here. mRNA uridylation was
first reported for nonpolyadenylated RNA species: 50

RISC-cleaved fragments in Arabidopsis and mouse124

and the nonpolyadenylated replication-dependent
histone mRNA in human cells.125 Uridylation was
thereafter detected for several polyadenylated
mRNAs in fungi, plants, and animals.38,126–129 The
advent of a transcriptome-wide method called TAIL-
seq designed to detect uridylation (and other untem-
plated addition of nucleotides) at the 30 end of
mRNAs,129 has revealed the pervasiveness of mRNA
uridylation in human cells and Arabidopsis.40,57,129

Although the first described function of mRNA uri-
dylation is to favor degradation,38,40,80,124–127,129,130

the downstream consequences of uridylation emerge
as multiple (Figure 7).

Uridylation Facilitates mRNA Decay

RISC-Cleaved mRNAs, Other Truncated
mRNAs and Recycling of RISC
Uridylation of the 50 fragment generated by RISC
cleavage is conserved from plants to animals.124,131

Arabidopsis HESO1 and human TUT2 are involved
in uridylating 50 RISC-cleaved fragments.54,131 Yet,
the full repertoire of TUTases involved in this proc-
ess, their redundancy versus specificity remains to be
fully explored. Uridylation favors the decay of 50

RISC-cleaved fragments by promoting decapping, a
required step prior to elimination by the cytosolic
50!30 exoribonuclease XRN.37,124 The RNA exo-
some and its cytosolic cofactor, the Ski complex, also
contribute to the elimination of 50 RISC-cleaved frag-
ments.132,133 Of note, tailing by adenosines in
C. reinhardtii also promotes the degradation of 50

RISC-cleaved mRNAs by RRP6, a cofactor of the
RNA exosome.134

Interestingly, the destabilization of 50 RISC-
cleaved fragments by uridylation was recently proposed
to be important for recycling the RISC complex.55 Two
paralogous 30!50 exoribonucleases, called RISC-
interacting clearing 30!50 exoribonucleases 1 and
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2 (RICE1/2), stimulate the degradation of uridylated 50

RISC-cleaved fragments in Arabidopsis55 (Figure 8).
RICE1/2 have a DnaQ-like exonuclease fold and forms
a donut-shaped homohexamer.55,135 The active sites
are located at the interface formed by hexamer subunits
explaining that oligomerization of RICEs is essential
for activity. RICEs degrade single strand RNA and
associate with AGO1 and AGO10.55 miRNAs are not
the targets of RICEs because downregulation of RICEs
reduces miRNA levels with the concomitant accumula-
tion of uridylated 50 RISC-cleaved fragments. RICE-
mediated degradation of uridylated 50 RISC-cleaved
fragments was therefore proposed to maintain func-
tional RISC.55 It is yet unknown whether RICE

homologues would play a similar role in other organ-
isms, including humans.

Small RNA-independent pathways can also
generate mRNA fragments and a potential role of
uridylation in assisting the elimination of such frag-
ments remains to be explored thoroughly. Of note,
mRNA fragments produced during apoptosis are
uridylated by TUT4/7 and degraded by Dis3L2, as
illustrated for ACTB and EEF1A mRNAs.136 The
advent of high throughput sequencing-based meth-
ods such as TAIL-seq129 or 30 RACE-seq42 will
probably reveal other examples of mRNA decay
intermediates eliminated through the uridylation-
mediated pathway.
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FIGURE 7 | Uridylation plays diverse roles in mRNA metabolism. Uridylation usually occurs after a deadenylation step. (a) The conserved

effect of mRNA uridylation is to trigger degradation in eukaryotes. Recognition of uridylated oligoadenylated mRNAs by the LSm1-7 complex

induces decapping and subsequent 50!30 degradation by XRN1. Alternatively, uridylated mRNAs are degraded from their 30 end by Dis3L2 or the

exosome. (b) In Arabidopsis, uridylation prevents excessive deadenylation of mRNAs by restoring an extension of suficient length to allow for

PABP binding. (c) Uridylation can also inhibit translation in Xenopus (X. laevis) and starish (Asterina pectinifera) oocytes or activate translation of

mitochondrial mRNAs in trypanosomes. (d) Uridylation could also be involved in mRNA storage in starfish oocytes.
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Replication-Dependent Histone mRNAs in
Mammals
Replication-dependent histone mRNAs are not poly-
adenylated in mammals, but end with a terminal
stem-loop (SL) structure, essential for processing,
export from the nucleus, translation and stabil-
ity.137,138 The SL interacts with the SL-binding pro-
tein (SLBP) on the 50 side and with the
exoribonuclease Eri1 (3hExo) on the 30 side.139

Mature histone mRNAs end 3 nucleotides down-
stream of the SL. Nibbling of these terminal nucleo-
tides (likely by Eri1) can be counterbalanced by
uridylation that restores the full-length size of histone
mRNAs.140 At the end of the S-phase (or when repli-
cation is inhibited), histone mRNAs are rapidly

eliminated. Degradation requires translation and the
helicase Upf1, otherwise known as the central com-
ponent of the nonsense-mediated decay pathway.141

Upf1 interacts with SLBP and somehow favors the
recruitment of either TUT4 or TUT7.40,142,143 Bind-
ing of the LSm1-7 complex to the U-tail promotes
Eri1 to nibble the SL,144 and several uridylation/nib-
bling cycles overcome the protective effect of the SL
to allow 30!50 degradation by the exosome-
associated exonuclease PM/Scl-100 (Rrp6).145 Alter-
natively, binding of the LSm1-7 complex activates
decapping and subsequent 50!30 degradation.125,146

Polyadenylated mRNAs
The uridylation of polyadenylated mRNAs is con-
served across eukaryotes, from animals to plants and
fungi, with the noticeable exception so far of
S. cerevisiae.38,126–129a Uridylation was first shown
to induce both 50!30 and 30!50 degradation of
selected model mRNAs in S. pombe.38,80 The addi-
tion of uridines 30 of the poly(A) tail by Cid1 has
two effects. Firstly, it can promote the recruitment of
the LSm1-7 complex, which in turn activates decap-
ping and subsequent 50!30 degradation,38 in line
with a previous observation made using human cell
extracts.37 Secondly, uridylation can attract the exor-
ibonuclease Dis3L2 to digest the mRNA from its 3’
end.80 A related posttranscriptional modification, the
addition of CUCU by the TUTases CutA and CutB,
plays a similar destabilizing role in Aspergillus
nidulans.126,127

A landmark in the study of mRNA uridylation
was the development of TAIL-seq, a high-throughput
sequencing method allowing both the determination
of poly(A) tail length and the detection of untem-
plated nucleotides.40,129 TAIL-seq was decisive to
demonstrate and generalize a link between uridyla-
tion and degradation of mRNAs. Firstly, TAIL-seq
revealed that mRNA uridylation is widespread in
human cells,40,129 a conclusion later extended to Ara-
bidopsis.57 Secondly, uridylation of human mRNAs
by TUT4/7 tags is preceded by deadenylation,129

confirming at a transcriptome-wide level previous
observations made in A. nidulans and Arabidopsis
for candidate mRNAs.126–128 Interestingly, uridyla-
tion is independent of deadenylation in S. pombe,38

possibly because poly(A) tails are shorter than in
plants or animals. Thirdly, knock down of key fac-
tors of both 5’!30 and 30!50 RNA degradation
pathways resulted in the accumulation of uridylated
mRNAs. In addition, this accumulation is further
increased by the concomitant depletion of XRN and
the exosome, confirming that uridylation facilitates
mRNA degradation from both ends.40 Of note,
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depletion of Dis3L2 had only a modest effect on the
accumulation of uridylated mRNAs as compared
with knock down of the exosome or XRN1.40

Fourthly and importantly, depletion of TUT4/7
resulted in increasing half-lives by 30% on average
for 80% of the mRNAs detected in the study.40 Alto-
gether, those studies established uridylation as a
generic step of mRNA degradation in eukaryotes
(Figure 7).

Uridylation Prevents Excessive
Deadenylation of Plant mRNAs
In Arabidopsis, uridylated mRNAs accumulate upon
impairment of the 50!30 RNA decay pathway, indi-
cating that uridylation likely tags plant mRNAs for
degradation as in other eukaryotes.57,128 Yet, URT1,
the main TUTase responsible for 80% of mRNA uri-
dylation in Arabidopsis, plays a distinct role in pre-
venting excessive deadenylation of mRNAs. Indeed,
urt1 mutants accumulate excessively deadenylated
mRNAs and overexpression of URT1 increases the
oligo(A) tail length of deadenylated mRNAs.57,128

Furthermore, TAIL-seq analysis revealed that URT1-
mediated uridylation repairs oligo(A) tails to restore
an average extension length of about 16 nucleotides.
This length is sufficient for the binding of a poly(A)
binding protein (PABP), thereby explaining the pro-
tection against excessive deadenylation conferred by
URT1-mediated uridylation.57 Although, URT1-
mediated uridylation does not seem to affect the rate
of mRNA decay, it participates in establishing the
50!30 polarity of mRNA degradation (Figure 7)
which could be essential during co-translational
decay.128 A second TUTase, yet to be formally identi-
fied, does not prevent excessive deadenylation and
may promote RNA decay.5,57 Intriguingly, in vitro
assays using human cell extracts also reported that
uridylation favors decapping while conferring protec-
tion of the 30 end, likely through binding of the
LSm1-7 complex.37 Favoring the 50!30 polarity of
mRNA degradation might constitute an important
role of uridylation besides facilitating degradation.

Translation Control by Uridylation
In trypanosomes, translation of both edited and
never-edited mitochondrial mRNAs require 30 tailing
(Figure 7). Tails consist of a short A-tail extended by
long A/U heteropolymers of 200–300 nucleotides.
For edited mRNAs, the long A/U extensions are
added once editing is completed. The short A-tail is
synthesized by the poly(A) polymerase KPAP1 while
long A/U extensions are added by the combined

action of KPAP1 and the TUTase RET1.26 The long
A/U tails are required to activate translation by
recruiting the small subunit of the ribosome.26

Conversely, uridylation was proposed to
repress translation (Figure 7). Tethering XtTUT7 to
reporter mRNAs injected in Xenopus oocytes pre-
vented translation but did not affect mRNA stabil-
ity.21 Repression of reporter gene expression was
also observed by tethering TUTases to reporter tran-
scripts in human cells.40 However, in this case, gene
repression was linked to transcript destabilization.40

Therefore, uridylation-mediated translation inhibi-
tion could be dependent on the cellular context. In
line with this, 96% of cyclin B mRNAs stored in
starfish oocytes are uridylated and uridylation trig-
gers trimming followed by poly(A) extension only
upon meiotic reinitiation by hormonal stimulation
(Figure 7).147 Further work is required to determine
whether uridylation could trigger translation inhibi-
tion and storage under particular physiological con-
ditions or at certain developmental stages.

URIDYLATION OF VIRAL RNAs

Extensive internal and terminal uridylation has been
reported for various viral genomic RNAs and virus-
encoded RNAs infecting fungi, plant, and animal
cells.148–152 Uridylation targets positive, negative, or
double-stranded RNA viruses that can end with a
poly(A) tail, a tRNA-like sequence (TLS) or a non-TLS
heteropolymeric sequence (Het).152 Uridylation of viral
RNAs is therefore a widespread process in eukar-
yotes.152 Uridylation, together with adenylation, was
proposed to repair various truncated viral RNAs such
as Beet necrotic yellow vein virus (BNYVV), Sindbis
virus (SIN), coxsackievirus B3 (CVB3) and hepatitis C
virus (HCV).148–151 In light of our current knowledge
on uridylation-mediated RNA degradation, the poten-
tial of uridylation as a restrictive mechanism during
viral infections would be worth investigating.

CONCLUSION

The diversity of posttranscriptional regulations mediated
by RNA uridylation is yet to be fully explored. Numer-
ous examples have now demonstrated that uridylation
can mark virtually all classes of RNAs expressed in
eukaryotic cells, including pathogenic RNAs such as
viral RNAs. Those substrates can be of all sizes and have
various termini, from unstructured poly(A) tails to struc-
tured ends. TUTases have evolved to recognize a huge
diversity of RNA substrates, either directly or through
the assistance of auxiliary factors. The further
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identification of such factors assisting TUTases in recog-
nizing specific RNA substrates, and of ‘readers’ that
influence the fate of uridylated transcripts will definitely
be key to unravel all regulatory roles due to uridylation.

Uridylation-mediated RNA degradation is defi-
nitely among the crucial functions of uridylation.
Notably, a uridylation- and Dis3L2-mediated surveil-
lance pathway is key for the degradation of defective
noncoding RNAs.42–45 Uridylated misprocessed tran-
scripts were also detected in human mitochondria rais-
ing the possibility that uridylated-mediated RNA
surveillance might also operate in this organelle.153,154

Uridylation is also assisting the degradation of cyto-
solic mRNAs. The basic molecular mechanisms
explaining how uridylation can promote mRNA deg-
radation from both ends have been detailed. Yet, uri-
dylation can influence the process of RNA degradation
by additional ways than just accelerating decay. For

instance, by establishing the polarity of degradation
and possibly its subcellular localization. In addition,
the potential of uridylation in regulating translation or
mRNA storage is just beginning to be evaluated. Fur-
ther studies are required to fully elucidate the molecu-
lar mechanisms underlying uridylation-mediated
regulation of gene expression and to fully appreciate its
impact during development or in response to pathogen
attacks and diseases.

NOTE
a Since the acceptation of this manuscript for publication, a
study by Morgan et al. (doi:10.1038/nature23318) showed
that uridylation by TUT4/7 is crucial to shape the mouse
maternal transcriptome by eliminating mRNAs during
oocyte growth.
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Review

Uridylation Earmarks mRNAs
for Degradation. . . and More
Hélène Scheer,1,2 Hélène Zuber,1,2 Caroline De Almeida,1 and

Dominique Gagliardi1,*

Groundbreaking discoveries have uncovered the widespread post-transcrip-

tional modifications of all classes of RNA. These studies have led to the

emerging notion of an ‘epitranscriptome’ as a new layer of gene regulation.

Diverse modifications control RNA fate, including the 30 addition of untemplated

nucleotides or 30 tailing. The most exciting recent discoveries in 30 tailing are

related to uridylation. Uridylation targets various noncoding RNAs, from small

RNAs and their precursors to rRNAs, and U tails mostly regulate processing or

degradation. Interestingly, uridylation is also a pervasive modification of

mRNAs. In this review, we discuss how the addition of few uridines to the 30

end of mRNAs influences mRNA decay. We also consider recent findings that

reveal other consequences of uridylation on mRNA fate.

The Emerging Epitranscriptome

Over 100 post-transcriptional modifications can affect RNA [1,2]. Well-known targets of RNA-

modifying activities include rRNAs, tRNAs, or small RNAs. Yet, RNA modifications are not

restricted to noncoding RNAs and novel next-generation sequencing strategies have recently

revealed the pervasiveness of several mRNA modifications in archaea, bacteria, and eukaryotes

[3–7]. RNA modifications can impact function, localization, or stability of transcripts and are an

integral part of the regulatory processes that rapidly adjust the transcriptome in response to

developmental and environmental cues [8–11]. RNA modifications are established by a variety of

enzymes or ‘writers’ and are recognized by effector RNA-binding proteins or ‘readers’. They can

be dynamically regulated and the first examples of reversibility involving ‘erasers’ have been

described [8,11]. Hence, RNA modifications share many conceptual similarities with epigenetic

marks (see Glossary) that modulate chromatin structure and activity. Because of this analogy,

the notion of an epitranscriptome is emerging besides the recognized epigenome.

RNA modifications can be divided into two main subclasses: the chemical modification of

nucleosides and the tailing of RNA 30 extremities. Nucleoside modifications are extremely diverse

in nature and represent by far the majority of RNA modifications. Modified nucleosides include

N6-methyladenosine, N1-methyladenosine, pseudouridine, or 5-hydroxymethylcytosine

[1,2,7,12–14]. The second subclass of RNA modifications, that is, the tailing of 30 extremities,

encompasses adenylation, uridylation, cytidylation, and guanylation. Noncanonical adenyla-

tion is a widespread, mostly post-transcriptional, modification that triggers the degradation of

virtually all classes of noncoding RNAs in all organisms. Noncanonical adenylation also desta-

bilizes mRNAs in bacteria, in most archaea, in chloroplasts, and in plant and human mitochon-

dria [15–17]. Finally, cytoplasmic adenylation activates translation during developmental or

physiological transitions including oocytes maturation or synapse function [18,19]. RNA cyti-

dylation and/or guanylation are much less characterized and have been reported only in a few

instances, for example, for mRNAs in humans, Aspergillus nidulans, and Arabidopsis [20–23].

Their precise functions are yet to be determined for mRNAs. By contrast, much progress has

Trends

Uridylation of mRNAs is widespread

and conserved among eukaryotes.

Uridylation has a fundamental role in

mRNA decay and triggers both 50–30

and 30–50 degradation.

Uridylation can also ‘repair’ mRNA

extremities as shown for replication-

dependent histone mRNAs during S-

phase in humans and for deadenylated

mRNAs in Arabidopsis.

Uridylation may have other alternative

functions in different organisms, at spe-

cific developmental stages or for parti-

cular mRNAs. An alternative

consequence of uridylation could be

translation regulation.
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been made to understand the impact of uridylation on the transcriptome. The untemplated

addition of uridines is catalyzed by terminal uridylyltransferases (TUTases), which belong to the

Pol b superfamily and more specifically to the noncanonical terminal nucleotidyltransferases

(TNTases) subgroup [24,25]. Besides the characteristic nucleotidyltransferase domain (NTD),

Glossary

Epigenetic marks: DNA and histone

modifications that regulate chromatin

structure and genome expression but

do not alter the genetic sequence.

Intrinsically disordered regions

(IDR): protein segments devoid of

intrinsically defined 3D structure. IDRs

can adopt a precise tridimensional

folding upon binding with a target

protein or RNA.

N6-methyladenosine (m6A): an

abundant modification present in

coding and many noncoding RNAs.

Lack of m6A is embryo-lethal in

Arabidopsis and leads to apoptosis in

mammalian cells. m6A is involved in

the regulation of gene expression by

modulating splicing, nuclear export,

localization, translation, and stability

of mRNA. Importantly, m6A

methylation in mRNAs is reversible.

Noncanonical adenylation: any

untemplated addition of adenosines

at the 30 end of noncoding RNAs and

mRNAs that is not catalyzed by the

canonical poly(A) polymerase, which

co-transcriptionally polyadenylates

RNA polymerase II transcripts.

Nonsense-mediated decay (NMD):

first identified as an RNA surveillance

mechanism that insures the

degradation of mRNAs with

premature termination codons. In

fact, NMD factors regulate the

stability of numerous transcripts,

including RNAs with no obvious

coding capacity.

P-bodies and stress granules: two

types of dynamic cytoplasmic

granules formed by translationally

repressed mRNPs. P-bodies are

present in nonstressed cells and their

formation is further induced upon

stress. By contrast, stress granules

only accumulate under stress

conditions. Archetypical components

of P-bodies and stress granules

include factors of the mRNA decay

machinery and translation initiation

factors, respectively.

Pseudouridines: pseudouridines are

formed by isomerization of uridines

by C synthases. Pseudouridylation

stabilizes the structure of noncoding

RNAs (like tRNAs or rRNAs) and

results in the rapid and regulated

rewiring of mRNA coding information

by allowing noncanonical base pairing

in the ribosome decoding center.

RNA exosome: the eukaryotic RNA

exosome complex provides the main

30–50 exoribonucleolytic activity in

both nuclear and cytoplasmic

Box 1. Domain Organization of Terminal Uridylyltransferases (TUTases) Uridylating mRNAs

General Domain Organization

As other terminal nucleotidyltransferases belonging to the DNA polymerase b-like nucleotidyltransferase superfamily [24],

TUTases contain two archetypical domains:

(i) a Polb nucleotidyltransferase domain (NTD) with three aspartate/glutamate residues that are indispensable for the

chelation of divalent metal ions supporting catalytic activity.

(ii) a poly(A) polymerase-associated domain (PAP), which contains a type II-nucleotide recognition motif (NRM).

Together, NTD and PAP form the core catalytic domain (CCD), which defines the minimal catalytic organization present in

all TUTases represented in Figure I. Although the CCD is duplicated in HsTUT7/TUT4 and XtXTUT7, only the C terminal

CCD is active [24,25]. The N terminal CCD is inactivated by amino acid substitutions in the NTD catalytic triad. In addition,

a histidine, which is indispensable for UTP selectivity, is lacking in the N terminal NRM [81,84,85]. The inactive CCD could

still be required for allosteric activation of the protein or to mediate protein–protein interactions, thereby maintaining

nucleotidyltransferase-independent functionalities [86]. Besides the CCD domains, HsTUT4, HsTUT7, XtXTUT7, and

TbRET1 also possess one C2H2-type zinc finger (ZnF) and, with the exception of TbRET1, two C2HC-type ZnF motifs

(also known as zinc knuckle). Such motifs can promote protein–protein interactions and RNA binding [87–89].

Disorder in TUTases

Stretches of basic rich lysine and arginine residues (BR), initially described for XtXTUT7 [81], are also found in human

TUT4 and TUT7. Of note, BR regions are known as disordered regions that promote RNA binding [90]. Disorder

predictions using DISOPRED [91] reveal that all TUTases have long intrinsically disordered regions (IDRs). IDR-containing

proteins are enriched in HeLa cell mRNA interactome and IDRs extensively mediate protein–RNA interactions [92–94].

Therefore, such flexible disordered regions could be involved in RNA substrate binding, especially for TUTases that lack

canonical RNA recognition domains. Alternatively, IDRs can mediate protein–protein interactions with effectors involved

in RNA substrate recognition or in downstream consequences of uridylation. Lastly, IDRs may influence the localization to

P-bodies and stress granules, as shown for decapping factors [95]. In line with this hypothesis, CutA and URT1 are

present in P-bodies and stress granules, respectively [35,96].

An CutA

An CutB

Hs TUT7

At URT1

Tb RET1

Sp Cid1

Hs TUT4

Xt XTUT7

976

1107 

764

1495
764 

1514 

405 

NTD∗

C2H2 ZnF
PAP ∗

BR

1644 405 

NTD PAP

CCD C2HC ZnF

694 694

Figure I. Domain Organization of Terminal Uridylyltransferases (TUTases) Uridylating mRNAs. Nucleotidyl-

transferase domain (NTD) is shown in red, poly(A) polymerase-associated domain (PAP) in orange. Together, the NTD

and PAP form the catalytic core domain (CCD). Nonfunctional NTD and PAP domains are marked with an asterisk and

are shown in white and pale yellow, respectively. C2H2-type zinc finger (ZnF) domains are in black, C2HC-type in gray,

and stretches of basic rich (BR) residues in turquoise blue. Long regions highlighted with beige dashed line cylinders are

predicted to be intrinsically disordered using DISOPRED [82]. An, Aspergillus nidulans; At, Arabidopsis thaliana; Hs:

Homo sapiens; Sp, Schizosaccharomyces pombe; Tb, Trypanosoma brucei; Xt, Xenopus tropicalis.
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compartments of eukaryotic cells.

The RNA exosome has crucial roles

in RNA processing, surveillance, and

turnover of virtually all classes of

RNA.

RNA-induced silencing complex

(RISC): complex containing

Argonaute proteins and small

interfering RNAs that guide the

complex to its target transcripts.

RISC silences gene expression by

translation repression or mRNA

degradation.

S-phase: S-phase (synthesis phase)

is the phase of the cell cycle during

which chromosome replication

occurs. Histone mRNA levels

increase considerably because the

production of new histones is

required for nucleosome assembly.

TUTases have a fast-evolving, diversified architecture (Box 1). This diversity in noncatalytic

domains and the presence of multiple intrinsically disordered regions may reflect the variety

of RNA substrates recognized by TUTases or specific interaction networks with various

cofactors. Those cofactors are involved in RNA substrate recognition or define the multiple

downstream consequences of uridylation. The multiplicity of roles played by uridylation in RNA

metabolism is particularly well illustrated for mitochondrial RNAs in trypanosomes [26]. In those

organelles, short U tails can induce mRNA degradation but long A/U tails promote translation

[27]. In addition, uridylation is an intrinsic and necessary step for the processing and function of

guide RNAs implicated in U-insertion/deletion mRNA editing [28]. Besides specific roles in

mitochondria of kinetoplastid protists, uridylation targets a plethora of noncoding RNAs includ-

ing miRNAs, siRNAs, Piwi-interacting RNAs, miRNA precursors, rRNAs, and the U6 spliceo-

somal RNA (Box 2). Uridylation of miRNAs and pre-miRNAs can have opposite consequences,

from triggering degradation to favoring maturation or abrogating activity, as reviewed recently

[17,19,29–31]. Uridylation was also recently reported to target several RNA viruses, extending

the repertoire of RNA substrates recognized by TUTases [32]. Importantly, prominent targets of

TUTases are endogenous mRNAs. In fact, with an increasing number of reports in various

organisms such as Schizosaccharomyces pombe, A. nidulans, Arabidopsis thaliana, Trypano-

soma brucei, and humans, the uridylation of polyadenylated mRNAs has recently been recog-

nized as a conserved process in eukaryotic mRNA metabolism [20–23,27,33–38]. The

housekeeping function of mRNA uridylation is to promote degradation. In this review, we

discuss the recent progress toward understanding the distinct molecular mechanisms by which

uridylation can impact mRNA metabolism.

Uridylation Promotes Degradation of Nonpolyadenylated and Cleaved

mRNAs

A link between uridylation and the degradation process was first found when it was noticed that

the 50 fragments of mRNAs cleaved by the RNA-induced silencing complex (RISC) can be

Box 2. Different Roles of U Tailing in Noncoding RNA Metabolism

Uridylation impacts the fate of noncoding RNAs in various ways, from facilitating maturation and stabilizing processed

RNAs to triggering degradation. This versatility of roles is illustrated in the following section.

Uridylation of small interfering RNAs usually leads to their degradation [17,29,31,97,98]. Destabilization is prevented by

20-O-methylation of the 30 terminal nucleotide by the methyltransferase HEN1 for siRNAs and miRNAs in plants, Piwi-

interacting RNAs in animals as well as siRNAs in Drosophila [98–101]. Interestingly, the Arabidopsis terminal uridylyl-

transferases (TUTases) HESO1 and URT1 cooperate or compete for miRNA uridylation, which results in synergistic or

opposed impact on stability [70,71]. Uridylation plays also a complex role in animal miRNA biogenesis [55,74–76,102–

104]. Mono-uridylation of Group II let7 pre-miRNAs by TUT4/7 produces a 2-nt 30 overhang, creating an optimal end

structure for Dicer processing [55,76]. By contrast, in the presence of the RNA-binding protein Lin28, oligo-uridylation of

pre-let7 is favored, which leads to degradation by Dis3L2 [58,74,77]. TUT4/7 can also oligo-uridylate trimmed pre-

miRNAs, independently of Lin28, probably leading to the subsequent degradation of nonfunctional pre-miRNAs [17,55].

Indeed, the pervasive uridylation of Ago-bound pre-miRNAs by TUT4/7 contributes to a pre-miRNA surveillance

pathway, as shown in mouse embryonic fibroblasts [103]. Mono-uridylation and oligo-uridylation that produces a 30

overhang different from the canonical 2-nt 30 overhang optimal for Dicer processing triggers degradation by the exosome.

This pre-miRNA surveillance pathway eliminates defective precursors that could compete with functional pre-miRNAs for

Ago [103].

Uridylation is also important for the metabolism of other noncoding RNAs. In mitochondria of trypanosomes, U-insertion/

deletion mRNA editing is directed by guide RNAs (gRNAs), key actors of the editosome. gRNAs are matured by the

mitochondrial 30 processome, a complex constituted by the TUTase RET1, the 30–50 exonuclease DSS1, and three

additional subunits. gRNA maturation is initiated by uridylation of long precursors by RET1, which promotes 30–50

degradation of 30 extensions by DSS1. Pausing of DSS1 progression by head-to-head hybridization of precursors

triggers secondary uridylation by RET1 [28]. The mature uridylated gRNAs are then incorporated into the editosome

[28,36,105]. The maturation of the U6 small nuclear RNA (snRNA), essential component of the spliceosome, also involves

uridylation by U6 TUTase (TUT1), which stabilizes U6 snRNA prior to its incorporation into a functional splicing complex

[31,106]. As a last example, rRNA maturation intermediates can also be uridylated, presumably to facilitate processing or

elimination through the recruitment of 30–50 exoribonucleases [107,108].
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(Figure legend continued on the bottom of the next page.)

Uridylation and Degradation of Replication-Dependent Histone mRNAs. Metazoan replication-depen-

dent histone mRNAs end with a stem–loop (SL) structure, instead of the classical poly(A) tail observed for all other eukaryotic

mRNAs [43]. This SL is essential for the processing, export from the nucleus, translation, and stability of histone mRNAs.

The SL is bound by the SL-binding protein (SLBP) on its 50 side and by the exoribonuclease Eri-1 (30hExo) on its 30 side [45].

Histone mRNAs are stable and actively translated during the S-phase when DNA is replicated. Nibbling of 1–2 nt at the 30

end (likely by Eri-1) is repaired by uridylation that restores the full length size of mature histone mRNAs [72] (gray panel). At

the end of S-phase, histone mRNAs are no longer needed and are rapidly eliminated (red panel). Degradation is initiated by a
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modified at their 30 end by U-rich short tails [39]. This observation, originally made in Arabidopsis

and mouse, is also reported in human cells [39,40], indicating an evolutionary-conserved

mechanism. Moreover, the addition of 30 uridines correlates with decapping and 50 shortening

of the cleaved products in Arabidopsis, a first hint that uridylation might stimulate the 50 to 30

degradation pathway [39]. In line with this, U tracts added at the 30 end of a generic, capped,

nonpolyadenylated RNA sequence recruit decapping factors and promote decapping in mam-

malian cell extracts [41]. In human cells, TUT2 is implicated in the uridylation of 50 RISC-cleaved

fragments, whereas TUT3 and other TUTases may mediate the uridylation of secondary 30–50

decayed fragments [40]. In Arabidopsis, the TUTase HESO1 was implicated in uridylating the 50

fragments produced by AGO1-mediated cleavage of miRNA targets [42]. Residual uridylation

persists in heso1 mutants, indicating that at least another TUTase is able to modify the 30 end of

50 RISC-cleaved fragments. Whether uridylation also tags endonucleolytic fragments generated

from RISC-independent pathways remains to be addressed.

The next major breakthrough toward the realization that uridylation is an integral step of

mRNA decay was the discovery that uridylation elicits the degradation of replication-depen-

dent histone mRNAs in humans (Figure 1). Upon inhibition of DNA replication or at the end of

the S-phase, histone mRNAs are quickly degraded [43]. This process involves uridylation,

which triggers both the 50
–30 and 30

–50 decay of histone mRNAs [44] (Figure 1). In metazoans,

replication-dependent histone mRNAs are a notable exception among eukaryotic mRNAs

because they are not polyadenylated. Instead, these mRNAs end with a conserved stem–

loop structure, which is crucial for processing, export, translation, and degradation [43]. The

mature form of histone mRNAs ends 2–3 nt 30 of the stem–loop, and forms a complex with

the stem–loop binding protein (SLBP) and the Eri-1 (30hExo) exoribonuclease, which are

bound to the 50 and 30 part of the stem–loop, respectively [45]. Interaction of SLBP and

translation initiation factors is crucial for efficient histone mRNA translation. A switch from

translation to degradation is signaled by the phosphorylation of the RNA helicase UPF1.

UPF1, possibly recruited during translation termination, promotes the disruption of the

interaction between translation initiation factors and SLBP [46]. As a result, degradation

of histone mRNAs is initiated. A major signal triggering the degradation of histone mRNAs is

the uridylation of the 30 terminal stem–loop [44] (Figure 1). Oligouridylation of the 30-end

extremity promotes the binding of the decapping factor: the heptameric Lsm1-7 complex.

Lsm1-7 interacts with Eri-1, which attacks the stem–loop in a stepwise manner [47,48].

Cycles of uridylation/nibbling ultimately lead to the destruction of the stem–loop, promoting

subsequent degradation of histone mRNAs by RRP6 (PM/Scl-100), one of the two exori-

bonucleases associated to the RNA exosome [48]. Most of 30 decay intermediates remain

capped, suggesting a preponderant 30
–50 polarity of degradation [48]. However, binding of

Lsm1-7 can also promote decapping and subsequent 50-30 degradation by the cytosolic

50
–30 exoribonuclease Xrn1 [44,49]. Several TUTases were proposed to uridylate histone

mRNAs based on RNAi experiments and low-throughput sequencing analysis [44,50].

However, studying the impact of siRNA-based knockdown of candidate TUTases using a

high-throughput sequencing method recently revealed TUT7 as the major TUTase uridylating

both histone mRNA 30 ends and degradation intermediates in the stem [51].

first round of oligo-uridylation, which triggers exoribonucleolytic decay from 30 to 50, from 50 to 30, or simultaneously from

both ends. The binding of Lsm1-7 complex to the U tail can induce Eri-1 to nibble the SL by 2–4 nt [47,48]. A second round

of uridylation favors new 30–50 exoribonucleolytic attacks, thereby displacing SLBP and allowing the recruitment of the

RRP6 (PM/Scl-100)-associated exosome for further degradation (left side of the red panel). Of note, uridylation and 30–50

decay of histone mRNAs can proceed independently of decapping on polysomes [48]. Alternatively, the Lsm1-7 complex

can induce decapping of histone mRNAs and subsequent 50–30 decay by Xrn1. Histone mRNAs subject to 50–30 decay can

also simultaneously be degraded by Eri-1 and exosome [44,47,49] (right side of the red panel). ORF, open reading frame;

TUTase, terminal uridylyltransferase; UTR, untranslated region.
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Key Figure

Uridylation-Mediated Decay of Polyadenylated mRNAs
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Uridylation as a New Integral Step of Polyadenylated mRNA Decay

The role of uridylation in the degradation of mammalian cell-cycle-dependent histone mRNAs

turned out not to be the only case of uridylation-promoted mRNA decay. It rather embodies the

first example of a generic process: uridylation of mRNAs is a global phenomenon and it elicits

both the 50–30 and 30–50 decay of eukaryotic mRNAs (Figure 2, Key Figure). Uridylation of

polyadenylated mRNAs was first identified in S. pombe for several model transcripts [34]. The

TUTase Cid1 catalyzes the addition of mostly one to two uridines at the 30 end of fission yeast

mRNAs. Interestingly, the half-life of the urg1 mRNA increases when Cid1 is deleted, indicating

that uridylation can influence the stability of this mRNA [34]. Moreover, uridylated mRNAs

accumulate when mRNA degradation components such as the Ccr4 deadenylase or the

Dcp1 and Lsm1 decapping factors are mutated. Of note, uridylation is independent of dead-

enylation in S. pombe (at least for the tested target transcripts) and uridylation and deadenylation

act redundantly to promote 50–30 degradation [34] (Figure 2). The bypass of the deadenylation

step in the general mRNA decay pathway could be specific to S. pombe and possibly other

organisms for which the average poly(A) tail length is rather short as compared with other

eukaryotes [22,52]. The proposed molecular mechanism to explain the stimulation of 50–30

decay by uridylation is that the addition of one or two Us on the relatively short poly(A) tails of S.

pombe mRNAs facilitates the binding of the Lsm1-7 complex. This complex in turn recruits the

Dcp1–Dcp2 decapping machinery and decapping triggers the subsequent 50–30 degradation by

Xrn1 [19,34].

mRNA uridylation in S. pombe also triggers 30–50 decay by the exoribonuclease Dis3L2, as

shown for the adh1 mRNA [53]. Dis3L2 is a member of the 30–50 exoribonuclease II/R family and

functions independently of the exosome [53,54]. Dis3L2 is conserved across eukaryotes and

was identified in humans as degrading uridylated mRNAs and noncoding RNAs, such as pre-

miRNAs and small nuclear RNAs [54–57]. The solution of the structure of the mouse Dis3L2 in

complex with an oligo(U)-tailed RNA explained the preferential degradation of uridylated RNAs

by revealing extensive uracil-specific interactions spanning 12 Us [58]. U-specific hydrogen

bonds exist between Dis3L2 and the uracil base of a U-tailed RNA substrate. Most of these

interactions are disrupted when A and C tails are modeled into the Dis3L2 structure, in line with

the idea that Dis3L2 targets preferentially uridylated RNA substrates. In vitro experiments

revealed that two Us are sufficient to confer preferential degradation of an oligo(A) tail by S.

pombe Dis3L2 [53]. Increasing the size of the U extension enhances the preferential degradation

by Dis3L2. In vivo, the impact of Dis3L2 deletion on the accumulation of a restricted number of

mRNAs and their uridylation is detected only when the 50–30 pathway is impaired, because of the

redundancy of the 50–30 and 30–50 RNA decay pathways [53].

All basic components involved in uridylation-mediated mRNA decay in S. pombe are present in

multicellular eukaryotes. Yet, distinctive features exist. In contrast to fission yeast, deadenylation

Figure 2. Deadenylation-dependent uridylation pathway. The general pathway of mRNA decay is initiated by shortening of the poly(A) tail by two deadenylase activities:

the Pan2–Pan3 complex and the multimeric Ccr4–Not complex [83]. Shortening of the poly(A) tail displaces poly(A)-binding proteins (PABPs) until the 30 extremity of an

oligo(A) tail is too short to accommodate a PABP and becomes accessible to terminal uridylyltransferases (TUTases). The addition of untemplated uridines promotes the

association of the Lsm1-7 complex at the 30 end of the mRNA and leads to decapping by Dcp1/2. The unprotected 50 extremity is subsequently degraded by the 50–30

exoribonuclease Xrn1. Alternatively, U tails can directly trigger Dis3L2- or exosome-mediated 30–50 degradation [37,53]. In Arabidopsis thaliana, URT1-mediated

uridylation restores an oligo(A) tail size distribution centered on 16 nt, which allows for PABP binding. Uridylation and PAPB binding hinder 30–50 trimming to prevent

excessive deadenylation. In addition, slowing down 30–50 ribonucleolytic attacks favors 50–30 directionality of degradation [23]. Alternatively, binding of PABP to uridylated

oligo(A) tails could regulate storage or translatability. However, even if slowed down, deadenylation can still proceed. Below a certain tail size (e.g., <10 As), uridylation can

no longer restore the PABP binding site, leading to both 30–50 and 50–30 degradation. Two deadenylation-independent uridylation instances have been reported. (i)

Aspergillus nidulans mRNAs with premature termination codon can undergo mRNA 30 tagging by CutA/CutB, recruited by UPF1. U-rich extensions elicit cap removal and

50–30 decay without a prior deadenylation step [21]. (ii) The average size of poly(A) tails in Schizosaccharomyces pombe is relatively short as compared to other organisms

and mRNA uridylation is independent of and redundant with deadenylation [19]. NMD, nonsense mediated decay; ORF, open reading frame; PTC, premature termination

codon; UTR, untranslated region.
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precedes uridylation in A. nidulans, Arabidopsis, and humans [20–23,35,37]. In these organ-

isms, mRNAs are uridylated by the TUTases CutA/CutB, URT1, and TUT4/TUT7, respectively.

These TUTases target mRNAs with oligo(A) tails of less than 20 nt. Two features were shown in

humans to explain the preferential uridylation of oligo(A) tails: TUT4/7 has an intrinsic preference

for short tails, and binding of the cytosolic poly(A)-binding protein (PABPC1) prevents TUT7

action on mRNAs with poly(A) tails longer than 25 As [37]. In Arabidopsis, even when URT1 is

massively overexpressed, the deadenylation step remains a prerequisite to uridylation [23].

However, specific cases of deadenylation-independent uridylation exist. For instance, the A.

nidulans CutA and CutB can uridylate poly(A) tails longer than 30 nt for transcripts containing

premature stop codon [also known as premature termination codon (PTC)]. The 30 tailing of

these typical nonsense-mediated decay (NMD) substrates is dependent on UPF1, a major

component of the NMD pathway [21] (Figure 2).

Tailing by CutA promotes decapping and the degradation rate of model mRNA substrates

decreases in DcutA and DcutB mutants [20,21]. Hence, a clear correlation between mRNA

uridylation and degradation exists in A. nidulans, at least for the tested mRNAs. Although mRNA

uridylation in Arabidopsis is also definitely part of the mRNA decay process, uridylation by at least

two distinct TUTases has complex consequences on mRNA metabolism as detailed in the

following section [23,35] (Figure 2). One of these consequences is likely the stimulation of mRNA

degradation, since uridylated mRNAs accumulate when the 50–30 RNA degradation pathway is

impaired.

The definite proof that uridylation must be considered as an integral step of the general

pathway of polyadenylated mRNA decay was obtained recently by determining the global

impact of uridylation on both 50
–30 and 30

–50 decay pathways in human cell lines [22,37]. A

novel deep-sequencing method, called TAIL-seq, was designed to analyze both poly(A) tail

size and potential 30-end modifications at the transcriptome-wide level (Box 3) [22]. TAIL-seq

was decisive to unambiguously determine the impact of uridylation on facilitating both 50
–30

and 30
–50 decay. First, uridylation was shown at the global scale to preferentially occur on

deadenylated transcripts [22,37]. Second, uridylation frequency negatively correlates with

global mRNA half-lives [22]. Third, depletion of both TUT4 and TUT7, which redundantly

uridylate human mRNAs, eliminates mRNA U tailing and slows down RNA decay [37].

Fourth, depletion of mRNA decay factors Xrn1, Dcp1, and Lsm1 involved in 50
–30 decay,

or RRP41 (a subunit of the exosome) and Dis3L2 involved in the 30
–50 degradation pathway,

leads to the accumulation of uridylated mRNAs [37]. Although this accumulation was rather

modest for Dis3L2 depletion [37], the role of uridylation and Dis3L2 in 30 to 50 mRNA decay in

human cells is further supported by the observation that apoptosis-induced decay of

mRNAs involves the uridylation of degradation intermediates by TUT4 and TUT7 and

subsequent elimination by Dis3L2 [59]. Taken together, the results obtained for selected

mRNA models in several organisms and, more importantly, the global data generated by

TAIL-seq analysis in human cell lines revealed a fundamental role of U tails as a mark for

mRNA decay in eukaryotes.

A Complex Role for Uridylation in Plant mRNA Turnover

TAIL-seq was also instrumental to define an additional role of mRNA uridylation in plants,

besides its role in stimulating degradation. In Arabidopsis, at least two TUTases uridylate mRNAs

and their activities are not functionally redundant. URT1 is the main TUTase targeting mRNAs

after the deadenylation step [23,35]. Interestingly, URT1 extends deadenylated mRNAs with U

residues to restore a size distribution of tails centered at 16 nt [23] (Figure 2). Hence, URT1

‘repairs’ mRNAs’ deadenylated tails. Two lines of evidence indicate that this defined size

distribution reflects the footprint of PABP: PABP determines the size of U extensions added

by URT1 in vitro and PABP binds oligo(A/U) tails in vivo with a similar size distribution centered
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around 16 nt [23]. This observation is coherent with previous reports documenting that the

minimal length bound by PABP is 12 As [although 25 As are typically bound by a PABP on a poly

(A) tail] and that PABP binds sequences other than homopolymeric poly(A) tails such as AU-rich

elements in mRNAs [60–63]. Interestingly, the RNA-recognition motifs of PABP have different

respective affinities for homopolymeric A stretches or heteropolymeric sequences [63–67].

Which of the four RNA-recognition motifs present in PABP bind to uridylated oligo(A) tails in

vivo remains to be determined.

The current data in Arabidopsis support a model where URT1 and PABP cooperate to

control the extent of deadenylation by hindering 30 trimming of deadenylated mRNAs.

Importantly, URT1-mediated uridylation and PABP slow down deadenylation but do not

fully prevent 30
–50 shortening of oligo(A) tails [23] (Figure 2). The mRNAs with very short oligo

(A) tails that are ultimately produced are then uridylated by a TUTase activity other than URT1

[23] (Figure 2). Hence, the consequences of mRNA uridylation depend on the oligo(A) tail

length: when oligo(A) size is greater than 13–15, uridylation by URT1 cooperates with PABP

to slow down deadenylation, while in the case of shorter oligo(A) tails (<10 As), uridylation by

(an) alternative TUTase(s) fails to restore the PABP binding site and presumably facilitates

degradation (Figure 2). Indeed, only the shorter oligo(A) tails (<10As) accumulate when 50
–30

degradation is impaired [23]. These short uridylated tails could be recognized by decay

factors such as the Lsm1-7 complex to promote degradation as reported in other eukar-

yotes (Figure 2). HESO1, the second uridylyltransferase identified in Arabidopsis [42,68,69],

represents an interesting candidate for this alternative mRNA uridylation activity. Uridylation

by HESO1 could favor mRNA degradation as it does for small RNAs and RISC-cleaved

transcripts. An overlap of RNA substrates between HESO1 and URT1 is already known for

miRNAs. Indeed, URT1 can uridylate miRNAs in the absence of HESO1 and the methyl-

transferase HEN1, which mediates 20-O-methylation of the 30 terminal ribose of plant

miRNAs and siRNAs [70,71].

Box 3. High-Throughput Sequencing Methods Dedicated to mRNA 30 Extension Investigation

The addition of nucleotides at the 30 end of mRNAs can now be investigated by high-throughput sequencing approaches

either at the global scale or for specific targets. Those recent methods have revolutionized the study of mRNA 30

extensions, which was previously restricted to the analysis by Sanger sequencing of a limited number of clones.

TAIL-seq represents the first method to simultaneously measure poly(A) tail length and 30 tailing at transcriptome scale

[22]. Briefly, RNA samples are depleted for rRNAs, ligated to a biotinylated 30 adaptor, and fragmented. The 30 fragments

are affinity purified and ligated to a 50 adaptor prior to cDNA synthesis and library amplification. Then, paired-end

sequencing is performed: Read 1 is used for transcript identification, while Read 2 allows the detection of any nucleotides

added at the 30 end of polyadenylated mRNAs as well as the determination of poly(A) sizes. The latter is performed using

fluorescence intensity files from the Illumina sequencer rather than a base-call analysis protocol.

Gene-targeted approaches to study 30 tailing using high-throughput sequencing have also been described. These

methods provide an ultradeep analysis of 30 extremities for transcripts of interest and/or decay intermediates, at a

reduced cost as compared to a genome-wide method. EnD-seq [72] and circTAIL-seq [109] illustrate the variety of such

protocols that can be developed to address specific questions. EnD-seq was used to analyze 30 tailing of the

nonpolyadenylated histone mRNAs in humans [72]. As for TAIL-seq, an adaptor is ligated at the 30 end of RNA and

an adaptor antisense primer is used to initiate reverse transcription (RT). Alternatively, an RT primer ending with

adenosines can be used to enrich for low abundant oligo-uridylated intermediates. No 50 adaptor ligation is needed,

and the Illumina-compatible sequences are incorporated during PCR amplification.

Both TAIL-seq and EnD-seq focus on the 30 ends of mRNAs. By contrast, circTAIL-seq, a circular RT-PCR protocol

adapted for high-throughput sequencing [109], is designed to simultaneously characterize 50 and 30 mRNA ends.

Transcripts are first circularized using RNA ligase. The method was originally developed for noncapped RNAs. However,

RNA used for the circularization step can be appropriately treated with phosphatase/pyrophosphatase combinations to

discriminate between capped and uncapped mRNAs. After circularization, RT is performed using gene-specific primers.

PCR amplicons are then analyzed by Illumina sequencing. Using circTAIL-seq, 30 features such as poly(A) tail length and

30 tailing can be linked to cap status and 50 position for individual mRNA molecules.
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Altogether, the current data indicate a dual role of uridylation in mRNA turnover in Arabidopsis. In

addition to the canonical role of uridylation in stimulating mRNA degradation, which is likely

conserved in plants, URT1-mediated uridylation creates oligo (A/U) tails of sufficient length to

allow PABP binding, thereby preventing excessive deadenylation. A similar protective effect was

previously observed in mammalian cell extracts, where U tracts added at the 30 RNA end

prevented 30–50 exonucleolytic decay, presumably via the binding of Lsm1-7 complex [41]. In

addition, an analogous role for uridylation in restoring the normal length of mRNA extension was

proposed for human histone mRNAs [72]. At the end of S-phase, uridylation initiates histone

mRNA decay as discussed earlier. By contrast, during S-phase, a significant fraction of

cytoplasmic histone mRNAs end with one or two uridines, which have replaced the 1–2 nt

at the 30 end of mature histone mRNAs (Figure 1). This uridylation could occur after the nibbling of

the mRNA 30 end by Eri-1 and help to maintain the integrity of histone transcripts [72].

Additional Functions of mRNA Uridylation

Besides mRNA decay, uridylation can also influence translation. Such a link is described for

trypanosomal mitochondrial mRNAs. Upon completion of editing, two pentatricopeptide

repeat-containing proteins, called kinetoplast polyadenylation/uridylation factors (KPAFs) 1

and 2, modulate the activity of KPAP1 poly(A) polymerase and RET1 TUTase, leading to the

synthesis of A/U (70/30% ratio) heteropolymeric tails [27,36,38]. Interestingly, the fully edited

RPS12 mRNA with long A/U extension, but not with a short A tail, is enriched in translating

mitochondrial ribosomes and KPAF1 inhibition results in an inhibition of protein synthesis [27].

These results indicate a key role of long A/U extensions in recruiting edited mRNAs to

mitochondrial ribosomes [27,73]. RET1 also contributes to a second type of mRNA uridylation:

RET1 can add short continuous U tails to selected mRNAs, which negatively regulates their

steady-state level [36,38]. This example illustrates the ability of one uridylyltransferase to play

ambivalent roles in mRNA metabolism, that is, degradation versus promoting translation.

Another dual function of uridylation was described in mammals for Group II let7 pre-miRNAs.

The absence or presence of the RNA-binding protein Lin28 influences uridylation by TUT4/7 by

favoring processing of the let7 miRNAs or degradation of the let7 pre-miRNAs, respectively

(Box 2) [55,58,74–78].

Uridylation is also suspected to negatively regulate translation of nucleus-encoded mRNAs. In

A. nidulans, uridylation by CutA/CutB was proposed to favor polysome dissociation for NMD

targets [21]. This hypothesis was based on the observation that mutations in CutA/CutB

increased the proportion of a PTC-containing mRNA associated with ribosomes. Because

the corresponding protein does not accumulate in cutA/cutB mutants, uridylation was

suggested to promote ribosome dissociation of the NMD target after translation termination

at the PTC [21]. The underlying molecular mechanism is unknown and it may only apply to

NMD targets or mRNAs with stalled ribosomes. Yet, this example illustrates the potential of

uridylation in promoting polysome dissociation. Decapping and cytoplasmic recapping have

recently been proposed as regulating translation, and uridylation may also be involved

because uridylated mRNAs are enriched among cytoplasmic capping targets [79,80]. A

possible interpretation brought forward to explain the overlap between the data sets is that

uridylation induces decapping, which is an obvious prerequisite for the recapping step.

Whether a causal relationship exists between uridylation and cytoplasmic capping remains

to be experimentally investigated. A clear translation inhibition due to uridylation was

observed in Xenopus oocytes because tethering of the uridylyltransferase XTUT7 represses

the translation of a reporter mRNA [81]. In line with this observation, uridylation was recently

proposed to inactivate translation of maternal mRNAs stored in starfish oocytes [82]. This

hypothesis awaits further experimental confirmation and future work will tell whether transla-

tion inhibition by uridylation exists only at particular developmental stages or operates in

diverse cell types.
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Concluding Remarks

In the last couple of years, uridylation has been recognized as a pervasive and conserved

modification of eukaryotic mRNAs. Its key and conserved role in mRNA metabolism is to

stimulate degradation. Yet, alternate functions began to be ascribed to uridylation. Although

our knowledge on uridylation is rapidly expanding, we are still just beginning to appreciate the

various consequences of uridine addition on the decay process itself, on translation inhibition, or

on localization of target transcripts (see Outstanding Questions). A complete understanding of

these various processes will require the identification of the whole machinery involved, from the

whole set of TUTases (writers) to the factors that recognize uridylated mRNAs (readers) and

ribonucleolytic activities that could potentially reverse uridylation (erasers). Localization, be it in

the cytosol, on polysomes, in P-bodies, or in stress granules, will certainly influence the

downstream consequences of uridylation. The identification of site-specific interactants of

TUTases is almost an entirely open field of investigation. Such interactants could modulate

the activity of TUTases, the recognition of their substrates, or the effects of uridylation. The

impact of mRNA uridylation on stress-related responses and on developmental transitions is

also to be explored. In this context, the advance of high-throughput sequencing methods that

are dedicated to 30-end analysis (Box 3) and their future developments will continue to

revolutionize the study of mRNA uridylation and other 30-end modifications such as cytidylation

and guanylation. In the near future, mRNA tailing will be addressed in multiple organisms,

developmental stages, growth conditions, and genetic backgrounds to draw a global picture of

the fundamental roles of untemplated nucleotide addition in mRNA metabolism.
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RNA uridylation consists of the untemplated addition of uridines at the 30

extremity of an RNA molecule. RNA uridylation is catalysed by terminal

uridylyltransferases (TUTases), which form a subgroup of the terminal

nucleotidyltransferase family, to which poly(A) polymerases also belong.

The key role of RNA uridylation is to regulate RNA degradation in a variety

of eukaryotes, including fission yeast, plants and animals. In plants, RNA

uridylation has been mostly studied in two model species, the green algae

Chlamydomonas reinhardtii and the flowering plant Arabidopsis thaliana.

Plant TUTases target a variety of RNA substrates, differing in size and func-

tion. These RNA substrates include microRNAs (miRNAs), small interfering

silencing RNAs (siRNAs), ribosomal RNAs (rRNAs), messenger RNAs

(mRNAs) and mRNA fragments generated during post-transcriptional

gene silencing. Viral RNAs can also get uridylated during plant infection.

We describe here the evolutionary history of plant TUTases and we summar-

ize the diverse molecular functions of uridylation during RNA degradation

processes in plants. We also outline key points of future research.

This article is part of the theme issue ‘50 and 30 modifications controlling

RNA degradation’.

1. RNA uridylation, a key post-transcriptional regulatory process
RNA uridylation is a post-transcriptional modification, which consists of the

addition of uridines to the 30 end of RNA. RNA uridylation plays a key role in

the regulation of gene expression across eukaryotes, with the exception to date

of Saccharomyces cerevisiae, which has lost the capacity to uridylate RNAs.

U-tailing has been reported for a variety of RNA substrates: from mitochondrial

transcripts in trypanosomes, to mRNAs and a plethora of non-coding RNAs in

diverse organisms, including fission yeast, amphibians, insects, plants or mam-

mals [1–9]. Uridylation targets transcripts produced by RNA polymerases I, II

and III (see accompanying articles by Zigackova and Vanacova [10], Warkocki

et al. [11] and [12–14]) and it emerges as a pervasive post-transcriptional process.

RNA uridylation plays diverse roles, which depend on the cellular compart-

ment, the identity of the terminal uridylyltransferase (TUTase) or the RNA

substrate itself [1,2,4–9]. The 30 untemplated addition of uridines may facilitate

processing of primary transcripts, stabilize RNA and possibly control trans-

lation of mRNAs. Yet, its chief role is to trigger degradation both by the

50 –30 and 30 –50 RNA degradation pathways [1,2,4–9].

Here, we summarize our current knowledge on RNA uridylation and decay

in plants. We begin by describing the terminal nucleotidyltransferase (TNTase)

family, to which TUTases belong. As an example, the organization of the small

multigenic TNTase family is detailed for the model plant Arabidopsis thaliana.

We then present a comprehensive evolutionary history of TUTases in Archae-

plastida (i.e. all plants), which reveals that two TUTases have been

maintained in the whole green lineage, suggesting specific and critical func-

tions. We then review our current knowledge on how uridylation by these

TUTases impacts the degradation of various classes of RNAs in plants.

& 2018 The Author(s) Published by the Royal Society. All rights reserved.



2. Characteristic features of TUTases in plants
RNA uridylation is catalysed by terminal uridylyltransferases

(TUTases). TUTases belong to the superfamily of DNA poly-

merase beta-like nucleotidyltransferases [15]. This superfamily

regroups enzymes that conjugate nucleotides to proteins, anti-

biotics or RNAs [15]. The nucleotidyltransferases that add

untemplated nucleotides (adenosines, uridines, guanosines

and cytidines) to the 30 end of RNAs are called ribonucleotidyl

transferases (rNTases) or terminal nucleotidyltransferases

(TNTases).

(a) Classification of terminal nucleotidyltransferases
TNTases are split into two classes based on structural differ-

ences in their catalytic fold and in the domain responsible

for nucleotide selection [15]. Class I includes the ‘canonical’

poly(A) polymerases (cPAPs), which are responsible for the

co-transcriptional addition of stabilizing poly(A) tails to

transcripts synthesized by RNA polymerase II (Pol II), the

tRNA CCA-adding enzymes in Archaea, 20-50-oligo(A)

synthetases (OAS) and a group of TNTases involved in

the polyadenylation, uridylation, cytidylation and guanyla-

tion of diverse RNA substrates [3,15]. Class II TNTases

correspond to bacterial poly(A) polymerases and tRNA

CCA-adding enzymes found in eukaryotes and in certain

bacteria.

(b) Eukaryotic TNTases are encoded by small multigenic

families
TNTases are encoded by small multigenic families, whose com-

plexity varies across eukaryotes. For instance, three canonical

and 11 non-canonical PAPs (ncPAPs) are expressed in humans

[16] (see also accompanying paper by Warkocki et al. [11]).

TNTases are also encoded by small multigenic families in

plants, as reported for thegreen algaeChlamydomonas reinhardtii,

or for two land plants: Zea mays (maize) and Arabidopsis thaliana

[17–24]. InArabidopsis, 19 TNTase genes have been identified on

the basis of sequence homology: 14 class I TNTases and 5 class II

TNTases (figure 1). The class II ofArabidopsisTNTases contains a

single tRNA CCA-adding enzyme also called tRNA-nucleoti-

dyltransferase (tRNA-NT), which processes tRNAs encoded

by the nuclear, plastidial and mitochondrial genomes [26],

and four bacterial PAP-like nucleotidyltransferases, which are

predicted to localize in mitochondria and plastids [18]

(figure 1). The class I of Arabidopsis TUTases is composed of 10

non-canonical PAPs and four PAPS that contain the character-

istic domains of canonical PAPs (PAPS1 to 4) [17–20]. Yet,

PAPS3 is localized in the cytosol, is mostly expressed in pollen

and does not contain the C-terminal extension found in

PAPS1, S2 and S4 (figure 1) [19]. The role of PAPS3 remains to

be characterized. By contrast, PAPS1, S2 and S4 correspond to

the canonical PAPs involved in the co-transcriptional polyade-

nylation of RNA Pol II transcripts. Interestingly, PAPS1, S2

nucleotidyltransferase (SCOP 81301)

PAP/OAS1 substrate-binding domain (SCOP 81631)

PAP/Archaeal CCA-adding enzyme C-terminal domain (SCOP 55003)

poly A polymerase C-terminal region-like (SCOP 81891)
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Figure 1. Domain organization of class I and class II TNTases of A. thaliana. The class I TNTase family is composed of 10 non-canonical poly(A) polymerases (ncPAPs)

and four canonical poly(A) polymerases (cPAPs). The class II TNTase family contains the tRNA nucleotidyltransferase (tRNA-NT), also called the tRNA CCA-adding

enzyme, and four bacterial PAP-like nucleotidyltransferases. Boxes represent conserved structural domains identified using the structural classification of proteins

(SCOP) according to the superfamily database [25]. Non-conserved regions are drawn as lines. Each TNTase is identified by its AGI (Arabidopsis Genome Initiative)

reference gene model. The numbers of all gene models are shown in parentheses. Finally, names are shown for the 10 TNTases that have been studied to date. The

numbers on the right indicate the number of amino acids for each TNTase. The colour code for the Superfamily SCOP domains is indicated on the figure. The vertical

black bar drawn in the nucleotidyltransferase domain of four of the five class II TNTases represents a motif discriminating bacterial PAP-like nucleotidyltransferases

from bacterial tRNA-NT [15].

rstb.royalsocietypublishing.org
Phil.Trans.R.Soc.B

373:20180163

2



and S4 are functionally specialized and preferentially target

subpopulations of transcripts [27–30].

Much remains to be discovered about the function of the 10

Arabidopsis class I ncPAPs. To date, functional data have been

reported for three of them: TRF4/5-LIKE (TRL), HEN1 SUP-

PRESSOR 1 (HESO1) and UTP:RNA URIDYLYLTRANS

FERASE 1 (URT1) [20,22,31,32]. TRL is a nuclear ncPAP,

which adenylates rRNA maturation by-products and precur-

sors to facilitate their degradation or processing by the RNA

exosome [22]. TRL is an orthologue of TRF4 in S. cerevisiae or

TENT4B (hTRF4–2, PAPD5) in humans [33–36]. AnotherAra-

bidopsis class I ncPAP, MEE44, is evolutionarily close to TRL

and TENT4A/B. Indeed, a phylogenetic analysis using the

nucleotidyltransferase domains of the 10 Arabidopsis ncPAPs

aligned with that of four human ncPAPs (TENT4A, TENT4B

and the 2 TUTases TUT4 and TUT7) reveals that TRL and

MEE44 cluster with TENT4A/4B (figure 2). This analysis

also indicates that four uncharacterized Arabidopsis ncPAPs

form a distinct clade and finally that four proteins including

HESO1 and URT1 cluster with the human TUTases TUT4/7

(figure 2). The nucleotide specificity of AT3G45750 and

AT3G45760 has not been reported yet, but HESO1 and

URT1 are indeed bona fide TUTases. Altogether, HESO1 and

URT1 uridylate small RNAs, mRNAs and the 50 fragments

resulting from cleavage by the RNA-induced silencing

complex (RISC) [20,31,32,39,40]. Of note, HESO1 is the homol-

ogue of MUT68, which was discovered in C. reinhardtii, as a

ncPAP involved in the degradation of RISC-cleaved transcripts

and small RNAs [41,42].

(c) Evolutionary analysis of TUTases in plants
A recent phylogenetic analysis of HESO1 and URT1 homol-

ogues, mostly from bryophytes, lycophytes and ferns,

revealed that each TUTase forms a monophyletic group

[43]. To extend our knowledge on the evolutionary history

of TUTases in Archaeplastida (i.e. all plants), a comprehen-

sive phylogenetic analysis was performed using URT1 and

HESO1 homologues from 79 species representing all major

groups of Archaeplastida, including glaucophytes, rhodo-

phytes (red algae), chlorophytes and streptophyte algae,

bryophytes (liverworts, hornworts and mosses), lycophytes

and pteridophytes (e.g. ferns), gymnosperms (e.g. conifers

and Gingko), and angiosperms (flowering plants; figure 3).

To retrieve URT1 and HESO1 homologue sequences, we

screened phytozome, NCBI TSA and NCBI EST databases

by using either BLASTP or TBLASTN algorithms with the

amino acid sequence of Arabidopsis URT1 (AT2G45620) and

AT3G51620
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Figure 2. Phylogenetic relationship among A. thaliana class I ncPAPs and four human ncPAPs. The nucleotidyltransferase domains SCOP 81301 and the PAP/OAS1

substrate-binding domains SCOP 81631 of the 10 class I ncPAPs of Arabidopsis and four human ncPAPs were aligned with Muscle (v. 3.8.31) [37]. The maximum-

likelihood tree was generated using PhyML (v. 3.1) on Phylogeny.fr [38] and edited using FigTree (v. 1.4.3, http://tree.bio.ed.ac.uk/software/figtree/). Arabidopsis and

human ncPAPs are indicated in regular and italic characters, respectively. Support values (approximate likelihood-ratio statistical test, aLRT v 3.0) are shown on

branches. The scale bar represents the number of substitutions per amino acid site. HESO1, URT1 and two other TNTases form a cluster with human TUT7

and TUT4. MEE44 and TRL form a cluster with human TENT4A and TENT4B. The remaining four TNTases form a separated cluster. HESO1, URT1 and TRL, the

three class I ncPAPs that have been functionally characterized in Arabidopsis, are indicated in bold.
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HESO1 (AT2G39740). We also included in our analysis pre-

viously published URT1 and HESO1 sequences from

bryophytes, lycophytes and ferns [43] (see electronic sup-

plementary material, Dataset S1 and S2 for a compilation of

HESO1 and URT1 sequences, respectively). URT1 and

HESO1 homologous sequences for the representative species

shown in figure 3 were separately aligned with MUSCLE

[37]. Amino acids that did not align to the Catalytic Core

Domain (CCD) (COG5260) identified in URT1 and HESO1

were trimmed. Finally, URT1 and HESO1 trimmed sequences

were realigned altogether and the phylogenetic tree shown in

figure 4 was generated using the maximum-likelihood

method (v. 3.1/3.0 aLRT) and WAG substitution model

implemented in PhyML [45,46] (see electronic supplementary
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material, Dataset S3 for the final alignment of all sequences).

The main outcome of this analysis is that a monophyletic

group is observed for each TUTase, indicating an early diver-

gence of HESO1 and URT1 that have been maintained in the

green lineage (figure 4). In most species, homologues of HESO1

andURT1 are present each as a single copy (figures 3 and 4), rais-

ing the possibility that they are orthologues, as previously

proposed for bryophyte, lycophyte and fern species [43]. Yet, sev-

eral species either have multiple URT1 and/or HESO1

homologues, or have only one TUTase: either HESO1 or URT1.

Interestingly, species representing the phyla Glaucophyta and

Rhodophyta lack a HESO1 homologue (figures 3 and 4). Because

glaucophytes and rhodophytes are early diverging in the Archae-

plastida lineage, the absence of HESO1 homologues suggests that

either URT1 homologues predate the apparition of HESO1, or

glaucophytes and rhodophytes have lost HESO1. In addition,

HESO1 was not detected in representative species of Marchan-

tiales, Bryales and Lycopodiales (figures 3 and 4). Conversely,

two species of the order Mamiellales, Micromonas pusilla and

Ostreococcus lucimarinus, have no URT1 homologues. We

further checked that URT1 is not detected in Ostreococcus

tauri, another species of the order Mamiellales. Those three

Chlorophyta green algae of the orderMamiellales are unicellular

organismswith a reduced nuclear genome that seem to have lost

URT1during speciation.Of note,Mamiellales is the only order of

all Viridiplantae lacking a URT1 homologue. Thus, the absence

of either HESO1 or URT1 homologues appears extremely rare

in plant species, and in such species, a single TUTase could be
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Figure 4. Phylogenetic relationship between URT1 and HESO1 sequences among 79 representative species of Archaeplastida. The phylogenetic tree was generated

using the maximum-likelihood method and WAG substitution model implemented in PhyML (v. 3.1) [45,46]; see electronic supplementary material, Dataset S3 for

sequence alignment). The tree was edited using iTOL (v. 4.2.1) [47]. Colour code for taxonomic clades is defined in figure 3. Statistical values for the first branches

(approximate likelihood-ratio test, aLRT v. 3.0) support that URT1 and HESO1 proteins form two distinct clades. The scale bar represents the number of substitutions

per amino acid site.
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responsible for the RNA uridylation catalysed by both HESO1

and URT1 in most plant species. Conversely, certain plant

species have dual copies of URT1 and/or HESO1 because of

either local or whole genome duplication (WGD) events, as for

Glycine max (figures 3 and 4) [48]. Four out of five representative

species of Poaceae chosen for our initial analysis shown in

figures 3 and 4 also have at least two copies of URT1 and

HESO1. To obtain a better view of the evolutionary history of

TUTases in this family that regroups important crops such as

maize (Zea mays), sorghum (Sorghum bicolor) or rice (Oryza

sativa), a more focused phylogenetic analysis of URT1 and

HESO1 homologues was performed from 11 species of Poales

(10 Poaceae and the Bromeliaceae Ananas comosus) (figure 5;

see electronic supplementary material, Datasets S4 and S5 for

alignments of HESO1 and URT1 sequences, respectively). In

fact, two copies of HESO1 were not systematically found

(figure 5). For instance, maize and pineapple (A. comosus) are

among the Poales species that lack the second HESO1 isoform,

noted HESO1B. Usually, HESO1A, which is the isoform

detected in all Poales, is constitutively expressed, and at a

higher level than HESO1B (figure 6). Altogether, these data

suggest that HESO1A could be the orthologue of the eudicot

HESO1, while HESO1B is either dispensable in some Poales or

may have acquired a specialized function or expression pattern

in certain Poales species.

In contrast to HESO1 isoforms, two copies of URT1 are

present in all 11 representative species chosen here and

URT1 sequences form two well-defined clades, defining A
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Figure 5. Phylogenetic relationship of URT1 and HESO1 isoforms among 11 species of Poales. Sequences of HESO1 and URT1 isoforms from 10 Poaceae (Po) and 1
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and B isoforms (figure 5). Clearly, URT1A homologues are

more closely related to eudicot URT1 than the B homologues

(figure 5). In addition, transcriptomic data in Ananas comosus,

Zea mays, Setaria italica, Panicum hallii, Sorghum bicolor, Oryza

sativa japonica or Brachypodium distachyon indicate that URT1A

isoforms are constitutively expressed in all tissues, whereas

the expression of URT1B isoforms is generally lower and

sometimes restricted to specific tissues (figure 6). Both the

phylogenetic and transcriptomic studies support the hypoth-

esis that URT1A isoforms are orthologues of URT1 from

eudicots, whereas B isoforms may be neo-functionalized.

We cannot exclude that certain URT1B isoforms are in the

process of pseudogenization. For instance, we failed to

amplify fully spliced URT1B mRNAs by RT-PCR analysis

in Brachypodium seedlings, in contrast to URT1A mRNAs.

Yet, it is possible that URT1B mRNAs are effectively spliced

only in response to environmental stimuli or at particular

developmental stages. Future experimental work is needed

to determine whether URT1B homologues are indeed

neo-functionalized.

Overall, URT1 homologues seem present in almost all

species of Archaeplastida. Except for the early branching Glau-

cophyta and Rhodophyta species that contain only URT1

homologues, the genomes of the vast majority of green algae

and land plants encode both URT1 and HESO1 homologues.

URT1 and HESO1 homologues form a monophyletic group

for each TUTase. Several species have multiple isoforms of

URT1 and HESO1 that sometimes have tissue-specific patterns

of expression. It remains to be experimentally investigated

which of these isoforms of TUTases have evolved specialized

functions, and which are in the process of pseudogenization

following gene duplication.

3. Uridylation accelerates the decay of small
RNAs

Small RNAs can be tailed by untemplated nucleotides, mostly

uridines and adenosines. 30 adenylation of miRNAs seemed to

slow down degradation in vitro using Populus trichocarpa cell

extracts [53], but the role of smallRNAadenylation in regulating

stability remains to be fully elucidated. By contrast, uridylation

triggers thedegradationof smallRNAs.Thisprocess,whichwas

discovered in Arabidopsis [54], constitutes the best-documented

role of uridylation in plants. Plant small RNAs are mostly

20–24 nt in length and are divided in two main families:

microRNAs (miRNAs) and short interfering RNAs (siRNAs).

miRNAs are processed from primary transcripts that contain a

hairpin with an imperfectly paired stem, while siRNAs

are processed from near-perfect double-stranded RNAs

(dsRNAs) or fully paired dsRNAs. The fully paired dsRNAs

are produced by RNA-dependent RNA polymerase (RDR),

which uses the sense strand as a template to generate the

dsRNAprecursor.miRNAand siRNAprecursors are processed

by DICER-like (DCLs) enzymes into small RNA duplexes. The

30 end of each strand of the duplexes is 20-O-methylated by the

methyltransferase HUA ENHANCER1 (HEN1) [55,56]. Only

one strand of the duplexes is finally retained in complex with

an ARGONAUTE (AGO) protein, while the passenger strand

is discarded (reviewed in [57]). Except for rare exceptions men-

tioned below, virtually all mature small RNAs are thus

methylated on their 30 terminal ribose in plants.

Mutations in HEN1 result in pleiotropic developmental

abnormalities in Arabidopsis because miRNA levels are dras-

tically reduced [55,56]. Methylation by HEN1 is indeed

necessary to protect the 30 end of small RNAs (both

miRNAs and siRNAs) from uridylation, which triggers

their decay [54,58]. Besides Arabidopsis, mutation of HEN1

orthologues also induces uridylation-mediated destabiliza-

tion of small RNAs in maize and rice [59,60]. Of note, small

RNAs can be uridylated and adenylated in a wild-type con-

text as reported in many species including Arabidopsis,

tomato, Medicago truncatula, rice, maize and in the moss

Physcomitrella patens [61]. However, untemplated tailing is

mostly detected for ‘off-size’ small RNAs [61]. In addition,

‘off-size’ 23 nt heterochromatic siRNAs (hc-siRNAs, also

called het- or he-siRNAs), as compared to canonical 24 nt

hc-siRNAs, are mostly adenylated rather than uridylated,

and this tailing is not increased by hen1mutation inArabidopsis

[61]. A possible explanation is that the untemplated

nucleotides are added to hc-siRNAs precursors [61].

During the biogenesis of the vast majority of small RNAs,

once small RNA duplexes have been generated by DCLs, the

dsRNA binding domains of HEN1 position the 30 ends of

small RNA duplexes in the catalytic site to deposit the

methyl group that prevents uridylation. It is worth noting

that some miRNAs, like miR158 or miR319a in Arabidopsis

and miR1510 in Phaseoleae species (e.g. soya bean), are sub-

stantially truncated and tailed even in a HEN1 wild-type

context, suggesting that some small RNA duplexes could be

poor substrates of HEN1 [32,60,62]. However, for the vast

majority of small RNAs, the absence of HEN1 results in

extensive nibbling and tailing, and the added nucleotides

are mostly uridines [20,32,54–56,60,61]. Yet, the patterns of

trimming and uridylation are different across miRNA

families and specific patterns are conserved for the same

miRNA family between maize, rice and Arabidopsis hen1
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Figure 6. Expression of URT1 and HESO1 isoforms from selected species of

the Poaceae family. The diagram was drawn based on the transcriptomic data

deposited in Phytozome v. 12.1 (https://phytozome.jgi.doe.gov) [49], in Next-

Gen Sequence DBs (https://mpss.danforthcenter.org/dbs) [50], in eFP browser

(http://bar.utoronto.ca) [51] and from the RNA-seq data from [52]. Expression

data were analysed for Poales species from the BOP clade (B. distachyon,

O. sativa) and the PACMAD clade (P. hallii, S. italica, S. bicolor, Z. mays)

of Poaceae and for a Bromeliaceae (A. comosus).
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mutants [60]. Therefore, intrinsic features of miRNAs that are

conserved between monocotyledons and dicotyledons could

determine the extent of nibbling and tailing [60].

The TUTase HESO1 is the major TUTase uridylating both

siRNAs and miRNAs to facilitate their decay in Arabidopsis

[20,32]. Its orthologue in C. reinhardtii, MUT68, was previously

shown to uridylate small RNAs to trigger their degradation,

revealing the conservation of this process from algae to land

plants [42]. HEN1 SUPPRESSOR 1 (HESO1) was identified in

Arabidopsis by a forward genetic screen aiming at identifying

suppressors of the hen1 phenotype, but also by systematically

testing which of the T-DNA mutants for the 10 class I

ncPAPs ofArabidopsiswas able to partially rescue the hen1 phe-

notype [20,32]. In both studies, a heso1 mutation in a hen1

background partially restores miRNA levels and markedly

reduces small RNA uridylation [20,32]. Altogether, these

data show that HESO1 is the predominant TUTase uridylating

small RNAs in plants. Yet, the residual uridylation of small

RNAs in the double heso1 hen1 mutant indicates that TUTases

other than HESO1 are able to target small RNAs. Both forward

and reverse genetic strategies identified URT1 as a secondary

TUTase able to uridylatemiRNAs in the heso1 hen1 background

[63,64]. URT1 was previously identified as the major TUTase

uridylating deadenylated mRNAs in Arabidopsis (see §5) [31].

URT1 is localized in the cytosol, P-bodies and stress granules

[31]. Its cytosolic localization likely explains why URT1 does

not uridylate nuclear hc-siRNAs in a heso1 hen1 background,

but is restricted to miRNAs [63,64]. Importantly, the residual

uridylation of hc-siRNAs in a hen1 heso1 urt1 background

reveals the existence of another TUTase yet to be characterized.

InArabidopsis, the two genes that clusterwithHESO1 andURT1

in the phylogenetic analysis shown in figure 2 are possible

candidates for encoding this additional TUTase activity.

HESO1 andURT1 uridylatemiRNAs, but both TUTases act

distinctively and cooperatively [63,64]. For instance, HESO1

uridylates full-length miR158 (which is poorly methylated by

HEN1) while 1-nt truncated miR158 is mostly uridylated by

URT1 [63]. Also, HESO1 has a broad role in uridylating

miRNAs, while URT1 action seems restricted to fewer targets,

likely explaining why the urt1 mutation does not rescue the

hen1 phenotype, while the heso1 mutation does [32,63].

Also, because mono-uridylated miRNAs accumulate in

hen1 heso1 background, it was proposed that URT1 could

mono-uridylate unmethylated miRNAs to provide a U-termi-

nating substrate, which is favoured by HESO1. HESO1 would

then further tail the small RNA [20,32,57,63,64].

The role of HESO1 in uridylating small RNAs was ident-

ified in a hen1 mutant, and that of URT1 in a hen1 heso1

background, because both HESO1’s and URT1’s activities

are inhibited by the methyl group deposited by HEN1 on

the 30 terminal ribose of small RNAs. In a wild-type context,

tailing occurs mostly on nibbled small RNAs. In Arabidopsis,

four 30 –50 exoribonucleases, SMALL RNA DEGRADING

NUCLEASES (SDN1 to 4) are responsible for nibbling small

RNAs [65,66]. SDNs are only partially inhibited by 20-O-

methylation of small RNAs and they are able to remove the

30 terminal methylated nucleotide of small RNAs, thereby

generating truncated, unprotected substrates for HESO1

and URT1 [66]. In contrast to heso1 and urt1 single mutants,

or a null double mutant (data not shown), which have no

obvious phenotype, combining mutations in three out the

four SDNs results in higher miRNA levels and pleiotropic

developmental defects [65], indicating that nibbling by

SDNs is a limiting step in controlling miRNA decay as

compared to uridylation.

Both SDNs and TUTases interact with AGO proteins

[39,63,66], explaining why nibbling and tailing of miRNAs

are AGO1-dependent [60]. In addition, uridylation antagon-

izes nibbling of small RNAs, likely revealing a competition

between TUTases and SDNs to access the 30 end of small

RNAs [64]. Importantly, SDNs are unlikely to degrade uridy-

lated small RNAs [65] and therefore a yet unidentified

activity is responsible for the degradation of uridylated

small RNAs in Arabidopsis. In C. reinhardtii, RRP6, a cofactor

of the RNA exosome, was proposed to degrade uridylated

small RNAs [42]. Our current view of small RNA

degradation based mostly on the work in Arabidopsis is

summarized in the model presented in figure 7.

Besides facilitating small RNA degradation, uridylation

has additional roles in small RNA metabolism. The slicer

activity of AGO1 is inhibited in vitro by the uridylation of

miR165/6 in complex with AGO1 [63]. In addition, uridyla-

tion of miR158 by URT1 seems to impair its repression

activity in a hen1 mutant [63]. These observations, made so

far either in vitro or in a hen1 background, indicate that

TUTases have the potential to control miRNA activity in

plants. Such a regulatory role was reported in mice for miR-

26, whose uridylation abrogates function without affecting

stability [67]. A second alternative role of miRNA uridylation

AGO HESO1/URT1

UUU

UUU

unknown 3¢–5¢ exoribonuclease

2¢-O-methylation

SDNs

degradation of uridylated sRNAs 

methylation protects against tailing

exoribonucleases SDN can nibble methylated sRNAs

unprotected siRNAs and miRNAs are substrates of HESO1 

(or URT1 for a subset of miRNAs)

sRNA

HESO1/URT1

Figure 7. Small RNA uridylation and decay. 20-O-methylation deposited by

the methyltransferase HEN1 protects against uridylation by HESO1 or by

URT1. The exoribonucleases’ SDNs can nibble methylated sRNAs that are

loaded in AGO, thereby generating nibbled, unprotected sRNAs. These unpro-

tected siRNAs or miRNAs are targeted by HESO1 (or URT1 for a subset of

miRNAs). The uridylated small RNAs are subsequently degraded by a 30 to

50 exoribonucleolytic activity(ies) that is unknown in Arabidopsis and was

proposed to be RRP6 in C. reinhardtii [42].
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in plants is to control the biogenesis of secondary siRNAs,

which are triggered by cleavage of a target by certain 22 nt

miRNAs. Indeed, mono-uridylation of miR170/1 to 22 nt iso-

forms triggers the production of phased, secondary siRNAs

(phasiRNAs) in a hen1 background [60]. Why other 22 nt

miRNA isoforms also accumulating in hen1do not trigger pha-

siRNA production is unknown. Interestingly, the control of

phasiRNA biogenesis by uridylation was recently identified

for miR1510 in Phaseoleae species, which include common

bean and soya bean [62]. miR1510 regulates several nucleo-

tide-binding and leucine-rich repeat protein (NB-LRR) genes by

triggering the production of phasiRNAs. In soya bean, and

most other Phaseoleae species, themiR1510 duplex has a term-

inal mispairing that inhibits HEN1 activity [62]. As a result,

unmethylatedmiR1510 ismono-uridylated into a 22 nt species

able to trigger phasiRNA production [62]. By recapitulating

miR1510 biogenesis in Arabidopsis, HESO1 was identified as

the TUTase that mono-uridylates miR1510 [62]. This example

illustrates that uridylation of miRNAs might evolve functions

distinct from merely promoting small RNA degradation.

4. Uridylation of 50 fragments of mRNAs cleaved
by RISC

The repression of gene expression by post-transcriptional gene

silencing (PTGS) is achieved either by repressing translation

or by inducing mRNA degradation (reviewed in [68]). In

plant PTGS, mRNA degradation is initiated by AGO1-mediated

cleavage that is guided by sequence complementarity between

the small RNA loaded in RISC and its target mRNA (reviewed

in [57]).

RISC generates a 50-cleavage fragment (50CF) and a 30-

cleavage fragment (30CF). The 30CF is degraded by XRN4,

the cytosolic 50 –30 exoribonuclease in plants [69]. The 50CF

is eliminated both by the 50 –30 and the 30 –50 RNA degra-

dation pathways. Interestingly, uridylation participates in

the clearance of this fragment by stimulating degradation

from both its 50 and its 30 ends. The addition of uridines to

the 30 end of the 50 fragment is an evolutionarily conserved

mechanism detected in Arabidopsis, mice or humans [70,71].

InArabidopsis, HESO1, which acts on siRNAs andmiRNAs,

was identified as the major TUTase uridylating 50CF resulting

from RISC cleavage [39]. The immunoprecipitation of AGO1

by recombinant HESO1 suggests that uridylation of 50CF (and

small RNAs) may occur in the AGO complex [39]. Importantly,

50CF forMYB33mRNAs accumulate in heso1mutants, showing

that uridylation by HESO1 promotes the degradation of this

fragment [39]. Of note, URT1 is responsible for the residual uri-

dylation of MYB33 5’CF although its activity is not required to

stimulate the degradation of this 5’CF [40]

Several observations indicate that uridylated 50CF are

degraded by the 50 –30 pathway. The simultaneous analysis

of 50 and 30 ends of 50CF in Arabidopsis identified the presence

of oligo(U) stretches at the 30 end and showed a diversity of 50

end positions for the analysed targets [70]. The authors

suggested that uridylated 50CF can be degraded from their

50 end, implying that uridylation enhances 50 –30 decay of

the 50 mRNA fragment produced by RISC. Indeed, uridylated

MYB33 50CF are preferentially uncapped in Arabidopsis [39].

These uncapped RNAs could be produced either byendoribo-

nucleolytic cleavages or by decapping. This latter possibility is

coherent with in vitro decapping assays in mammalian cell

extracts that revealed uridylation as promoting decapping [72].

Finally, the accumulation of 50CF of MYB33 mRNAs in

Arabidopsis xrn4mutants shows that the 50 –30 RNA degradation

pathway indeed participates to the elimination of the 50

fragments generated by RISC cleavage [39].

50CF are also incontestably cleared by the 30 –50 RNA degra-

dationpathway inplants [73]. Indeed, several 50CFaccumulate in

Arabidopsis ski2, ski3 and ski8mutants, SKI2/3/8 forming the Ski

complex, the activator of the RNA exosome in the cytosol [73].

This observation strongly suggests the involvement of the RNA

exosome in degrading 50CF in Arabidopsis, as shown in

Drosophila [74]. However, this involvement remains to be for-

mally demonstrated using mutants affected in the function of

core subunits of theArabidopsisRNAexosome. Interestingly, sec-

ondary siRNAs are produced in the absence of the SKI complex

for a number of miRNA targets and it was proposed that SKI2

could promote the rapid dissociation of RISC from the target

mRNA, thereby restricting the production of transitive siRNAs

[73]. In addition to this study in Arabidopsis, the RNA exosome

was also suggested to participate in the degradation of 50CF in

C. reinhardtii [40]. MUT68, the TUTase that uridylates small

RNAs in C. reinhardtii, was reported to facilitate the degradation

of amRNAtargetedbyartificial siRNAs [40].Nouridylationwas

detected at the sites of cleavage by RISC but at that time, a low-

depth analysis was performed. In addition, to our knowledge,

no endogenous miRNA-mediated cleavage was investigated. It

is therefore unknown at present whether MUT68 uridylates

50CF. Interestingly, oligo(A)-tailing was detected upstream of

the siRNA-induced RISC cleavage sites in the mut68 strain,

suggesting that non-canonical polyadenylation tags 50CF [40].

These oligo(A) tails were proposed to facilitate 30 –50 degradation

by the RNA exosome [40].

Of note, the degradation of RISC cleavage fragments likely

promotes the dissociation of RISC from its target, which appears

of prime importance for recycling RISC. This recycling involves

recently identified 30 –50 exoribonucleases that interact with

AGO1 and AGO10: RICE1 and RICE2 [75]. The inactivation of

catalytic residues of homohexameric RICE proteins leads to

low levels of miRNAs and accumulation of 50CF [75]. RICE1/2

likely initiates the degradation of 50CF, thereby facilitating

RISC dissociation and recycling [75].

The current model for the degradation of 50CF is shown in

figure 8. HESO1 and RICEs are recruited to RISC through the

interaction with AGO (figure 8). HESO1 catalyses the uridyla-

tion of 50CF, possibly promoting decapping and subsequent

degradation by XRN4. Concomitantly or alternatively, RICE1/

2 ensures the initiation of 30 –50 degradation of RISC-associated

50 fragments by starting to nibble uridylated 30 ends of 50CF.

RICEs’action promotes RISC dissociation and therefore its recy-

cling, but RICEs unlikely fully degrade the 50CF. This is ensured

by the RNA exosome assisted by the SKI complex (figure 8).

5. Intricate function for uridylation in the decay
of plant mRNAs

Uridylation of deadenylated mRNAs is widely conserved

among eukaryotes, including plants but excluding

S. cerevisiae that has lost the capacity to uridylate all RNAs.

Studies over the past years in S. pombe, X. laevis,

Aspergillus nidulans, A. thaliana, M. musculus, Patiria pectinifera

(starfish), D. melanogaster or H. sapiens have revealed that uridy-

lation must be considered as an integral step in the degradation
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of mRNAs [3,13,31,76–83]. Tailing oligo(A) tails with a few uri-

dines likely facilitates the binding of LSm1-7 complex, which

binds preferentially to short oligo(A) tails and oligo(U) tails

[72,84–86]. Binding of the LSm1-7 complex leads to the recruit-

ment of the decapping complex and subsequent degradation

by the cytosolic 50 to 30 exoribonuclease Xrn1. A similar process

could occur in plants: the binding of the LSm1-7 complex could

promote the recruitment of the decapping machinery trigger-

ing degradation of the uncapped RNA by XRN4. Moreover,

U-tails can be directly recognized by Dis3L2 or the RNA exo-

some to promote 30 to 50 decay. Therefore, uridylation

influences both the 50 –30 and 30 –50 degradation of mRNAs

(see accompanying articles by Zigackova and Vanacova [10],

Warkocki et al. [11] and recent reviews [2,4,5,8]).

In Arabidopsis, uridylation of oligo-adenylated mRNAs is

mainly performed by URT1 [31,83]. Uridylation in Arabidopsis

can be detected on uncappedmRNAs, as shown for CCR2 and

LOM1mRNAs [31,80] and originally described in S. pombe [82].

Yet, no experiment has demonstrated so far an influence of

URT1 on global mRNA half-lives, possibly because its direct

targets correspond to deadenylated mRNAs, which represent

a very minor population among all mRNAs. Also,

deadenylation is likely a rate-limiting step in the bulk decay

of mRNAs, thereby masking the potential impact of URT1 on

mRNA degradation, which is restricted to its targets, i.e. the

minor sub-population of deadenylated mRNAs. Although an

impact of uridylation in accelerating mRNA decay remains to

be shown formally in plants, uridylation definitely has a role

in the mRNA degradation process. URT1 prevents excessive

deadenylation, as mRNAs with shorter oligo(A) tails accumu-

late in urt1 mutants, whereas the complementation and

overexpression of URT1 in Arabidopsis increase oligo(A) tail

sizes [31,83]. Importantly, a global analysis of mRNA uridyla-

tion by TAIL-seq revealed that URT1 repairs oligo(A) tails to an

average extension length of 16 nucleotides (nt) [83]. A similar

sub-population of mRNAswith a oligo(A) tail size distribution

centered at 16 nt exists for non-uridylatedmRNAs inwild-type

plants [83]. Both these uridylated and non-uridylated 16 nt

extensions are recognized and bound by a Poly(A) Binding

Protein (PABP) in vitro and in vivo [83]. It is at present unknown

in plants whether translation can be initiated on mRNAs with

uridylated oligo(A) tails bound by PABP, or whether uridyla-

tion would inhibit translation as proposed for reporter

mRNAs co-expressed with TUTases in Xenopus oocytes [87]

AAAAAAAAAAAAAAAAAAAAAAAAA

RISC

mRNA

3¢ fragment

UUU
HESO1

UUU

RICE1/2

UUU
U

U

DCP1/2

XRN4

XRN4

exosome

clearance of 5¢ fragment by XRN4 and the RNA exosome

nibbling of the 3¢ end by RICE1/2 and dissociation of RISC

RISC recycling

recruitment of RICE1/2 by RISC

uridylation by HESO1

cleavage by RISC

clearance of 3¢ fragment by XRN4 

AAAAAAAAAAAAAAAAAAAAAAAAA

m7G

5¢ fragment

decapping

degradation by XRN4

SKI complex

Figure 8. Uridylation by HESO1 promotes degradation of 50 fragments of RISC-cleaved mRNAs. RISC cleavage of mRNAs generates a 30 cleavage fragment that is

degraded by XRN4, and a 50 cleavage fragment. The 50 cleavage fragment is uridylated by HESO1, which binds RISC, but can also be decapped by the DCP1/2

complex. The exoribonucleases RICE1/2, which are recruited by RISC, nibble the uridylated 50 cleavage fragment. This nibbling helps RISC dissociation and RISC

recycling. Finally, the 50 cleavage fragment is degraded by XRN4 and the RNA exosome.
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or for Nonsense-Mediated Decay (NMD) targets in A. nidulans

[80]. Besides a link between uridylation and translation, which

remains to be explored in Arabidopsis, the recognition of uridy-

lated oligo(A) tails by PABPs could modulate deadenylation

[83]. Moreover, terminal uridines per se are likely to impede

deadenylase activities, thereby contributing to slowing down

deadenylation. By impeding deadenylation at the 30 end and

possibly stimulating decapping at the 50 end as in other eukar-

yotes, URT1 could favour the 50 –30 directionality of mRNA

degradation. Such 50 –30 directionality is crucial during co-

translational decay and in line with this, uridylated mRNAs

were detected on polysomes [31].

mRNA uridylation drops by 70–80% in null urt1 mutants

[31,83]. This shows that URT1 is the main TUTase uridylating

mRNAs, but the residual uridylation observed in null urt1

mutants also reveals the involvement of at least another

TUTase [31,83]. HESO1 is a likely candidate as the secondary

TUTase able to uridylate mRNAs. This possibility remains to

be experimentally demonstrated. The TAIL-seq analysis of

urt1 xrn4 double mutant suggested that this URT1-independent

uridylation has a different function in mRNA metabolism.

URT1-independent uridylation targets mostly very short

oligo(A) tails and, unlike URT1, does not seem able to restore

a nucleotide extension of sufficient length allowing PABP bind-

ing. Interestingly, in xrn4 mutant, only these short uridylated

oligo(A) tails accumulate compared to WT, suggesting that

this population could be targeted by XRN4 and rapidly

degraded [83]. Hence, a complex role of uridylation in the

metabolism of mRNAs is emerging in Arabidopsis. Uridylation

by distinct TUTases or of different oligo(A) sizes could favour

decapping, impede deadenylation or restore a PABP binding

site. Whether mRNA uridylation impacts translation or

mRNA storage has to be explored in plants.

6. Conclusion and future key points in plant RNA
uridylation

The primary function of RNA uridylation in controlling RNA

stability is conserved across eukaryotes, including plants.

HESO1 and URT1 homologues are present in most plant

species, and their roles in the metabolism of small RNAs

and mRNAs could be conserved. Yet, we are just beginning

to apprehend the diversity of roles played by RNA uridylation

in plants. In addition, our current knowledge of RNA uridyla-

tion in plants has been gathered using mostly two model

species, the flowering plant Arabidopsis thaliana and the

green algae Chlamydomonas reinhardtii. Therefore, the diversity

of specialized biological functions involving RNA uridylation

remains to be explored in various plant species. The discovery

that mono-uridylation of a miRNA triggers the biogenesis of

phased secondary siRNAs in Phaseoleae species to regulate

disease resistance genes illustrates the potential of exploring

uridylation in diverse plant species [62].

The just-emerging picture drawn from our knowledge in

A. thaliana, and to a lesser extent in C. reinhardtii, is that uri-

dylation targets short and long non-coding RNAs, as well

as mRNAs. It is certain that the RNA substrates identified

to date represent just a fraction of what is left to discover.

For instance, the uridylation of ribosomal or viral RNAs

has been reported in plants, with no clues about the impact

of U-tailing on these RNAs [22,88]. The systematic identifi-

cation of RNA substrates of uridylation is a mandatory step

towards discovering all functions of RNA uridylation in

plants. In addition to the substrates, the identification of all

the factors ‘reading’ the uridylation status of RNA and trans-

lating this information into biological outputs is required to

decipher the molecular basis for the multiple roles played

by uridylation in plant RNA metabolism.
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Figure 38: Uridylation level of reporter GFP and endogenous NbPR2 mRNA s.

A) Uridylation level of reporter GFP transcript.

B) Uridylation level of endogenous NbPR2 mRNA.
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Figure 39: Distribution of uridylated polyA tails of reporter GFP and 

endogenous NbPR2 mRNAs.

A) Size distribution of uridylated polyA tails of reporter GFP transcript.

B) Size distribution of uridylated polyA tails of NbPR2 transcript.
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Figure 40: Distribution of all tails for GFP and NbPR2 mRNAs.

A) Size distribution of uridylated polyA tails of reporter GFP transcript.

B) Size distribution of uridylated polyA tails of NbPR2 transcript.
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Figure 42: Summary chart of the possible functions of URT1 and HESO1.

URT1 uridylated preferentially short, but also longer polyA tails. The main functions of UR

down deadenylation. It is also promoting the decapping and degradation from 5! to 3!

short polyA tails of 10-20 nucleotides. Thus, URT1 prevents the accumulation of excessive 

lated mRNAs (<10 nucleotides).

HESO1 is preferentially targeting short polyA tails to promote their fast degradation. It is not known yet 

if HESO1 promotes the degradation from 5!-3! or from 3!-5!.
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Model: URT1-mediated uridylation slows down deadenylation and promotes 

decapping.

URT1 interacts with DCP5 via its M1 motif. When the CCR4/NOT complex becomes distributive, 

URT1 adds uridines at the 3! ends of the polyA tail, which intrinsically slows down deadenylases, 

preventing thereby the production of excessively deadenylated mRNAs. When the 

starts to be short (< 25 nucleotides approximately), DCP5 could recruit decapping proteins and 

promote the decapping, leading to degradation from the 5! end of the mRNAs by XRN4.
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Chapter 8

High-Resolution Mapping of 3’ Extremities of RNA Exosome
Substrates by 3’ RACE-Seq

Hélène Scheer, Caroline De Almeida, Natalia Sikorska, Sandrine Koechler,
Dominique Gagliardi, and Hélène Zuber

Abstract

The main 30-50 exoribonucleolytic activity of eukaryotic cells is provided by the RNA exosome. The
exosome is constituted by a core complex of nine subunits (Exo9), which coordinates the recruitment
and the activities of distinct types of cofactors. The RNA exosome cofactors confer distributive and
processive 30-50 exoribonucleolytic, endoribonucleolytic, and RNA helicase activities. In addition, several
RNA binding proteins and terminal nucleotidyltransferases also participate in the recognition of exosome
RNA substrates.
To fully understand the biological roles of the exosome, the respective functions of its cofactors must be

deciphered. This entails the high-resolution analysis of 30 extremities of degradation or processing inter-
mediates in different mutant backgrounds or growth conditions. Here, we describe a detailed 30 RACE-seq
procedure for targeted mapping of exosome substrate 30 ends. This procedure combines a 30 RACE
protocol with Illumina sequencing to enable the high-resolution mapping of 30 extremities and the
identification of untemplated nucleotides for selected RNA targets.

Key words Exosome, rRNA maturation, Rapid amplification of cDNA 30 end, 30 RACE-seq, 30

Adapter ligation, Illumina sequencing, MiSeq, Untemplated nucleotides

1 Introduction

The RNA exosome provides all eukaryotic cells with a 30-50 exori-
bonucleolytic activity which plays a central role in the processing
and the degradation of many nuclear and cytosolic RNAs. Nine
subunits compose the exosome core, which is also called Exo9.
Exo9 is structurally related to bacterial polynucleotide phosphor-
ylases (PNPases) and archaeal exosomes (see Chapters 2–4). These
prokaryotic exoribonucleases are processive enzymes whose central
channel accommodates three phosphorolytic active sites. By con-
trast, in mammals and yeast, Exo9 have lost the original phosphor-
olytic activity and the ribonucleolytic activity of the exosome relies
on ribonucleases associated to Exo9 [1–3]. In yeast, Rrp6 confers a

John LaCava and Štěpánka Vaňáčová (eds.), The Eukaryotic RNA Exosome: Methods and Protocols, Methods in Molecular Biology,
vol. 2062, https://doi.org/10.1007/978-1-4939-9822-7_8, © Springer Science+Business Media, LLC, part of Springer Nature 2020
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distributive 30-50 exoribonuclease activity while Dis3/Rrp44 pro-
vides both processive 30-50 exoribonuclease and endonucleolytic
activity [1–3]. In addition to Rrp6, the human Exo9 associates
with two Dis3 homologs, Dis3 and Dis3L, the latter lacking an
endoribonucleolytic active site. In Arabidopsis, homologs of RRP6
and DIS3 also contribute to exosome activity [4–6]. However the
most striking difference with the mammalian and yeast Exo9 is that
Arabidopsis Exo9 has retained a single site conferring a distributive
and phosphorolytic activity [6].

A complex set of ribonucleolytic activities are therefore coordi-
nated by Exo9 in eukaryotes. In addition, RNA helicases, various
RNA binding proteins and terminal nucleotidyl transferases
(TNTases) also assist the exosome in recognizing, degrading or
maturing its RNA substrates. The respective functions of all these
cofactors and the coordination of their associated activities must be
determined to fully appreciate the biological functions of the RNA
exosome.

One of the key aspects toward understanding the roles of each
activity linked to exosome function is to analyze the degradation or
trimming of exosome RNA substrates. One way to do that is to
map 30 extremities of exosome RNA substrates at high density by
determining their precise position at nucleotide level and by iden-
tifying eventual untemplated nucleotides added to processed 30

extremities. We present here a high throughput sequencing-based
strategy called 30 RACE (30 Rapid Amplification of cDNA End)-
seq. The 30 RACE-seq method combines a modified 30 RACE-PCR
method for 30 end analysis of cDNA [7, 8] and the Illumina
sequencing technology. The classical 30 RACE-PCR is a
low-throughput method that implies cloning PCR amplicons and
Sanger sequencing of individual clones. By contrast, the 30 RACE-
seq procedure allows for the simultaneous analysis of millions of
amplicons for multiple samples. The 30 RACE-seq procedure is
summarized in Fig. 1. It comprises the ligation of an adapter at
the 30 end of each molecule in a total RNA sample and subsequent
cDNA synthesis by using a reverse transcriptase (RT) primer com-
plementary to the ligated 30 adapter. Importantly, the ligated 30

adapter, described in TAIL-seq protocol [9–12], contains a random
region that allows for the removal of PCR duplicates during bioin-
formatics analysis and thus each final sequence corresponds to a
unique RNA molecule. Chosen targets are then amplified using
forward and reverse primers that bind to the target sequence and
the 30 adapter, respectively, and that comprise the Illumina
sequences required for flow cell hybridization and sequencing.
Finally, amplicon libraries are sequenced using MiSeq paired-end
sequencing for an average yield per run of 40 million of reads:
20 million of read 1 and 20 million of read 2. The use of barcoded
Illumina adapters allows for sequencing in parallel more than
30 conditions or replicates in a single MiSeq run.
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Fig. 1 Flowchart steps for 30 RACE-seq procedure. After total RNA purification, the 30 hydroxyl (30 OH) end of

each RNA molecule is ligated to the 30-Adap adapter (see Fig. 2, Subheading 3.2 in the text). To remove

nonligated 30 adapters, ligated RNAs are purified using RNA purification columns or separated on an

acrylamide gel when size-selection is possible (Subheading 3.3 in the text, see Note 6). cDNA synthesis is

then initiated using the 30-RT primer complementary to the 30-Adap adapter (Subheading 3.4 in the text,

Table 1). To specifically analyze 30 regions of targets of interest, cDNA are PCR amplified using a forward
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To illustrate the 30 RACE-seq procedure, we present the
detailed protocol adapted for two classical RNA substrates of the
exosome during ribosomal RNA (rRNA) maturation. In eukar-
yotes, three out of four ribosomal RNAs, the 18S, 5.8S, and
25/28S rRNAs, are transcribed as a common polycistronic precur-
sor. The 18S, 5.8S, and 25/28S rRNAs are separated by internal
transcribed spacers (ITS1 and 2) and flanked by two external tran-
scribed spacers (50 and 30 ETS). The production of mature rRNAs
requires endonucleolytic cleavages and exoribonucleolytic proces-
sing steps to remove internal and external transcribed spacers. Two
of the archetypical RNA substrates of the exosome in eukaryotes are
the 50 external transcribed spacer (50 ETS) of the 18S-5.8S-25/28S
rRNA primary transcript and the 5.8S rRNA precursors. Using 30

RACE-seq, we have recently shown the complexity of ribonucleo-
lytic and tailing activities that contribute to these rRNA maturation
steps in Arabidopsis [6]. Of note, the 30 RACE-seq procedure can
easily be adapted to any other RNA targets, such as poly(A) tailed
transcripts or RISC-cleaved fragments, with slight modifications of
the protocol.

2 Materials

2.1 RNA Extraction 1. TRI Reagent® (Molecular Research Center).

2. Acid phenol (Biophenol water saturated, pH 4)–chloroform–i-
soamyl alcohol solution (25:24:1, v/v/v).

3. Absolute ethanol.

4. 3 M sodium acetate, pH 5.2.

5. 20 mg/ml glycogen.

6. Refrigerated microcentrifuge reaching 16,000 � g.

7. 75% ethanol.

8. Nuclease-free water.

9. Ultraviolet (UV) spectrophotometer (e.g., Thermo Scientific
NanoDrop 2000).

�

Fig. 1 (continued) primer that binds specifically to the regions of interest and a reverse primer that is

complementary to the ligated adapter (Subheading 3.5 in the text, Table 1). Forward and reverse primers

contain P5/Rd1 SP and P7/Rd2 SP Illumina sequences, respectively. P5 and P7 sequences are used for the

hybridization to the flow cell. Rd1 SP and Rd2 SP correspond to the binding site of read 1 and read

2 sequencing primers. Reverse primer also contains an index sequence, which allows for multiplexed

sequencing. In order to remove primer-dimers, salts and other PCR reagents, PCR products are then purified

using AMPure XP beads (Subheading 3.6 in the text). Amplicon libraries are quantified and analyzed with

Bioanalyzer for quality assessment (Subheading 3.7 in the text). Libraries are paired-end sequenced on the

Miseq Illumina system. Read 1 allows for the identification of the target and read 2 for the identification of the

RNA 30 end
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10. Heating block that can heat to 65 �C.

11. 2� RNA loading buffer: 95% (v/v) formamide, 0.025% (w/v)
bromophenol blue, 0.025% (w/v) xylene cyanol FF, 5 mM
EDTA, 0.025% (w/v) SDS, pH 8.5.

12. Agarose.

13. 0.5� TBE (10� stock solution: 1 M Tris base, 1 M boric acid
and 0.02 M EDTA, pH 8).

14. Gel system for agarose electrophoresis (well combs, casting
tray, gel box) and electrophoresis power supply.

15. 10 mg/ml ethidium bromide (EtBr).

16. (Optional) Agilent 2100 Bioanalyzer.

2.2 30 Adapter

Ligation

1. 30-Adap oligonucleotide (Table 1).

2. Nuclease-free water.

3. Water bath or heating block for 37 �C and 65 �C incubation.

4. 10� T4 RNA Ligase Reaction Buffer (NEB): 10 mM MgCl2,
50 mM Tris–HCl, 1 mM DTT, pH 7.5.

5. 10,000 U/ml T4 ssRNA Ligase 1 (NEB).

2.3 Electrophoresis

and RNA Isolation

1. 2� RNA loading buffer: 95% (v/v) formamide, 0.025% (w/v)
bromophenol blue, 0.025% (w/v) xylene cyanol FF, 5 mM
EDTA, 0.025% (w/v) SDS, pH 8.5.

2. 40% acrylamide (19:1) solution.

3. 1� TBE (10� stock solution: 1MTris base, 1M boric acid and
0.02 M EDTA).

Table 1

Oligonucleotides used in 30 RACE-seq procedure to analyze Arabidopsis 50 ETS P-P1 intermediates

and 5.8S precursors

Oligonucleotide name 5'-3' sequence 

3’-Adap /5rApp/CTGACNNNNNNNNNNNNNNNTGGAATTCTCGGGTGCCAAGGC/3ddC/

3’-RT GCCTTGGCACCCGAGAA

5’ ETS-fw
AATGATACGGCGACCACCGAGATCTACACGTTCAGAGTTCTACAGTCCGACGAT

CATCTCGCGCTTGTACGGCTTTG

5.8S-fw
AATGATACGGCGACCACCGAGATCTACACGTTCAGAGTTCTACAGTCCGACGAT

CTCTGCCTGGGTGTCACAAATC

Illumina RPI
CAAGCAGAAGACGGCATACGAGATXXXXXXGTGACTGGAGTTCCTTGGCACCC

GAGAATTCCA

All oligonucleotides are listed in the 50 to 30 orientation. 30-Adap adapter contains two modifications: 5rApp ¼ 50,

50-adenyl pyrophosphoryl moiety, 3ddC ¼ 30-dideoxy-C. 30-Adap should be HPLC purified in an RNase-free environ-

ment. For 50 ETS-fw and 5.8S-fw primers, bolded nucleotides correspond to the target specific sequence, while the rest of

the sequence is used for hybridization to the Illumina flow cell and for sequencing. Red bold nucleotides in Illumina RPI

PCR primer correspond to the index sequence (for further details see Illumina manufacturer’s instruction for TruSeq

Small RNA RPI primers [23])
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4. Urea.

5. 10% (w/v) ammonium persulfate solution (APS).

6. N,N,N0,N0-Tetramethylethylenediamine (TEMED).

7. Gel system for PAGE (gel combs, gel cassettes and spacers) and
electrophoresis power supply.

8. Water bath or heating block that can heat to 65 �C.

9. Syringe with a needle.

10. 10 mg/ml ethidium bromide (EtBr).

11. Scalpel.

12. Elution buffer: 500 mM ammonium acetate, 10 mM magne-
sium acetate, 1 mM EDTA and 0.1% (w/v) SDS.

13. Rotating wheel.

14. UV light Transilluminator.

15. Acid phenol (Biophenol water saturated, pH 4)–chloroform–i-
soamyl alcohol solution (125:24:1).

16. Absolute ethanol.

17. 3 M sodium acetate, pH 5.2.

18. 20 mg/ml glycogen.

19. Refrigerated microcentrifuge reaching 16,000 � g.

20. 75% ethanol.

21. Nuclease-free water.

22. UV spectrophotometer (e.g., Thermo Scientific
NanoDrop 2000).

23. Dry ice.

2.4 cDNA Synthesis 1. 30-RT primer (Table 1).

2. 10 mM dNTP mix (dATP, dGTP, dCTP, and dTTP, each at
10 mM).

3. Nuclease-free water.

4. PCR thermal cycler.

5. 0.2 ml strip PCR tubes.

6. 5� SuperScript™ IV buffer (Invitrogen™).

7. 0.1 M DTT.

8. 40 U/μl RNaseOUT™ (Invitrogen™).

9. 200 U/μl SuperScript™ IV Reverse transcriptase
(Invitrogen™).

152 Hélène Scheer et al.



2.5 PCR and Quality

Assessment

1. Primers: forward PCR primer (target specific) and reverse PCR
primer (TruSeq RNA PCR index primer, RPI, Table 1).

2. 5 U/μl DreamTaq DNA Polymerase (Thermo Fisher Scien-
tific) supplied with 10� DreamTaq buffer.

3. 10 mM dNTP mix (dATP, dGTP, dCTP and dTTP, each at
10 mM).

4. Nuclease-free water.

5. PCR thermal cycler.

6. 0.2 ml strip PCR tubes.

7. 6� DNA loading buffer: 10 mM Tris–HCl (pH 7.6), 60%
(v/v) glycerol, 0.03% (w/v) bromophenol blue, 0.03% (w/v)
xylene cyanol FF, 60 mM EDTA.

8. 0.5� TBE (10� stock solution: 1 M Tris base, 1 M boric acid
and 0.02 M EDTA, pH 8).

9. Agarose.

10. Gel system for agarose electrophoresis (well combs, casting
tray, gel box) and electrophoresis power supply.

11. 10 mg/ml ethidium bromide (EtBr).

2.6 PCR Product

Purification

1. AMPure XP beads (Agencourt).

2. Benchtop minicentrifuge.

3. Magnetic stand compatible with 1.5 ml microtubes (e.g.,
DynaMag-2 Invitrogen™).

4. 80% ethanol.

5. Nuclease-free water.

6. Absolute ethanol.

7. Refrigerated microcentrifuge reaching 16,000 � g.

8. 75% ethanol.

9. 3 M sodium acetate, pH 5.2.

10. 20 mg/ml glycogen.

11. UV spectrophotometer (e.g., Thermo Scientific
NanoDrop 2000).

2.7 Qubit and

Bioanalyzer Analysis

of Purified Amplicons

1. Qubit fluorometric quantitation system (Invitrogen™).

2. Agilent 2100 Bioanalyzer.

3. DNA chip kit (see Note 1).

4. Microcentrifuge.

2.8 Preparing

Libraries for

Sequencing on MiSeq

1. Illumina MiSeq system.

2. 1.0 N NaOH.

3. PhiX control v3 library (Illumina, FC-110-3001).
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4. HT1 (Hybridization Buffer provided by Illumina).

5. Benchtop microcentrifuge.

2.9 MiSeq Run and

Analysis

1. MiSeq Reagent Kit v3 (Illumina, MS-102-3001) that contains:

l Reagent Cartridge.

l HT1 (Hybridization Buffer).

l PR2 (Incorporation Buffer).

l MiSeq Flow Cell.

3 Methods

3.1 RNA Extraction 1. Extract total RNA using TRI Reagent® (Molecular Research
Center) according to the manufacturer’s protocol.

2. A second round of purification using acid phenol–chlorofor-
m–isoamyl alcohol and a subsequent RNA precipitation can be
performed in order to remove residual contaminants. Add
1 volume of acid phenol–chloroform–isoamyl alcohol solution
(25:24:1) (see Note 2).

3. Vortex well and centrifuge for 15 min at 16,000 � g.

4. Transfer supernatant into new tube and precipitate RNA by
adding 0.1 volume of 3 M sodium acetate pH 5.2, 0.5 μl of
glycogen (20 mg/ml) and 2.5 volumes of absolute ethanol.

5. Mix by tube inversion.

6. Incubate for at least 1 h at �80 �C.

7. Centrifuge for 30 min at 16,000 � g (4 �C).

8. Discard supernatant.

9. Wash pellet with 75% ethanol (500 μl) to remove residual salt.
Centrifuge 5 min at 16,000 � g.

10. Discard supernatant thoroughly, dry the RNA pellet and dis-
solve it in 20 μl of nuclease-free water.

11. Measure the RNA quantity and purity of your samples with an
UV spectrophotometer (see Note 2).

12. To assess the integrity of your total RNA preparation in a quick
and cheap manner, you can check the profile(s) of your sample
(s) on a 1% agarose gel (seeNote 3). Take a volume containing
between 500 ng and 1 μg of RNA and add 1 volume of
2� RNA denaturing loading dye.

13. Heat 5 min at 65 �C and chill on ice prior to loading into the
wells of agarose gel.

Alternatively, RNA quality can be assessed on Agilent Bioa-
nalyzer system.
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3.2 3 0 Adapter

Ligation

In order to analyze RNA 30 extremities, the 50-riboadenylated DNA
oligonucleotide (30-Adap, Table 1) is ligated at the RNA 30 end.
This primer is as described in [9] except that it is not biotinylated.
The features of 30-Adap are shown in Fig. 2.

1. Take 20 μg of total RNA for each sample.

2. Add 5 pmol of the 30-Adap.

3. Add nuclease-free water to a final volume of 44 μl.

4. Denature sample for 3 min at 65 �C.

5. Put on ice for at least 2 min.

6. Add 5 μl of 10� T4 RNA Ligase Reaction Buffer.

7. Add 1 μl of T4 ssRNA Ligase 1 (10,000 U/ml) (see Note 4).

8. Incubate for 1 h at 37 �C (see Note 5).

3.3 RNA Separation

by Denaturing PAGE

and Isolation of RNA

Fragments from

Polyacrylamide Gel

Before proceeding to cDNA synthesis, the ligation reaction needs
to be stopped and the ligation products purified from reagents and
nonligated adapter molecules. This can be achieved using RNA
purification columns (see Note 6). Here, RNAs are separated by
denaturing PAGE and RNA molecules of 100–400 nucleotides are
eluted from the gel in order to enrich for desired targets, that is,
5.8S rRNA precursors and 50 ETS fragments in Arabidopsis
(Fig. 3).

1. Cast a 6% urea–polyacrylamide gel (6% polyacrylamide, 7 M
urea, 1� TBE), see example protocol in [13].

2. Prerun the gel in 1� TBE at 15 W for 15–20 min.

3. During the prerun, add 1 volume of 2� RNA loading buffer to
your samples. Heat the samples at 65 �C for 3 min and chill on
ice. Spin down briefly before loading.

4. Wash the residual urea from the wells using a syringe with a
needle.

5’-rApp CTGACNNNNNNNNNNNNNNNTGGAATTCTCGGGTGCCAAGGC /ddC-3’

15N Random region

3’-dideoxy-

nucleotide

5’ ,5’-adenyl

 pyrophosphoryl

moiety

3’-RT primer complementary region  Delimiter

/

Fig. 2 Sequence details for the 30-Adap adapter. 30-Adap is a preadenylated oligonucleotide containing a

50,50-adenyl pyrophosphoryl moiety (see Note 4). The delimiter sequence allows for the demarcation between

the sequence corresponding to the 30 end of the RNA and the adapter sequence. This sequence is also used

during bioinformatics analysis to discriminate read 2 containing adapter sequence from other sequences that

could arise from artifacts of reverse transcription priming (Fig. 4). The 15 random bases (15 N) allow for

deduplicating and therefore for eliminating PCR duplicates. The 30-RT primer complementary region is used as

template during reverse-transcription reaction. Finally, the 30-dideoxynucleotide prevents the 50 adenylated

oligo from self-ligation
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5. Load the samples on the gel and run at 15 W until the bromo-
phenol blue tracking dye reaches three quarters of the gel.

6. Stain the gel in an ethidium bromide solution (0.5 μg/ml of
EtBr in 1� TBE solution) for approximately 5 min and visua-
lize using a UV transilluminator.

7. Excise RNA molecules of 100–400 nucleotides using a clean
scalpel, put the gel slices in 1.5 ml tubes. Place tubes on dry ice
to freeze the gel slices.

8. Fragment slices using a sterile 1 ml tip.

9. Elute RNA by adding 1:1 (v:w) volume of elution buffer to gel
slices, for example 100 μl of elution buffer to 100 mg of gel,
and incubate tubes overnight at 4 �C on a rotating wheel.

10. Centrifuge for 10 min at 16,000 � g to pellet the gel pieces.

11. Collect the supernatant and add 1 volume of acid phenol–-
chloroform–isoamyl alcohol solution (25:24:1, v/v/v).

12. Vortex well and centrifuge for 15 min at 16,000 � g.

13. Transfer supernatant into new tube and precipitate RNA by
adding 0.1 volume of 3 M sodium acetate pH 5.2, 0.5 μl of
glycogen (20 mg/ml), and 2.5 volumes of absolute ethanol
(see Note 7).

14. Mix by tube inversion.

18S 5.8S 25S
STE’3STE’5

5.8S 5.8S + 11/12nt 

Cleavage

3’-5’ Exoribonucleolytic degradation

35S pre-rRNA

5.8S

5.8S Mature 5.8S

P P’
P1

P P’

P-P’ cleavage

3’-5’ Exoribonucleolytic 

degradation
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Elimination
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P1 176 nt 

P1 168 nt

P1 161 nt 

C2

ITS1 ITS2

C2
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283 nt
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Fig. 3 Scheme of Arabidopsis 50 ETS maturation by-products and 5.8S precursors analyzed by 30 RACE-seq. 30

RACE-seq procedure described in this chapter was used to map at high density the 30 extremities of P-P1

fragments and of 5.8S precursors. P-P1 fragments result from endonucleolytic cleavage of the 50 ETS at P and

P0 sites followed by 30-50 exonucleolytic degradation of the P-P0 fragment by the RNA exosome. 5.8S

precursors result from endonucleolytic cleavage at the 50 end of 5.8S and at the C2 site. This 5.8S-C2

fragment is then further processed by 30-50 exoribonucleolytic activity, including by the RNA exosome. The

shortest 5.8S rRNA precursor is extended by 11/12 nt in Arabidopsis. The 50 ETS-fw primer was used to

analyze 30 extremities of P-P1 fragments. The 5.8S-fw primer was used to map 30 extremities of 5.8S rRNA

precursors
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15. Incubate for at least 1 h at �80 �C.

16. Centrifuge for 30 min at 16,000 � g (4 �C).

17. Discard the supernatant.

18. Wash pellet with 75% ethanol (500 μl) to remove residual salt.
Centrifuge for 5 min at 16,000 � g.

19. Discard the supernatant thoroughly, dry the pellet and dissolve
it in 20 μl of nuclease-free water.

20. Determine the RNA concentration and purity of your samples
using UV spectrophotometer (see Note 2).

3.4 cDNA Synthesis cDNA synthesis is initiated using a primer complementary to the
last 17 nucleotides of the adapter sequence ligated at the 30 end
(30-RT; Table 1, see Note 8). All steps of the cDNA synthesis are
performed in a PCR thermal cycler using 0.2 ml strip PCR tubes.

1. Take 500 ng of adapter-ligated and size-selected RNAs and add
50 pmol of 30-RT primer and 1 μl of 10 mM dNTP mix.

2. Add nuclease-free water to a final volume of 13 μl.

3. Denature for 5 min at 65 �C.

4. Chill samples on ice for at least 2 min.

5. Add 7 μl of RT Mix comprising 4 μl of 5� SuperScript™ IV
buffer, 1 μl of 0.1 M DTT, 1 μl of RNaseOUT™ (40 U/μl),
and 1 μl of SuperScript™ IV (200 U/μl).

6. Incubate for 10 min at 50 �C (see Note 9).

7. Inactivate the reaction by incubating for 10 min at 80 �C.

3.5 PCR

Amplification and

Quality Assessment by

Electrophoresis

In order to prepare the libraries for MiSeq sequencing, the cDNA
molecules of interest are amplified by PCR using forward PCR
primers that comprise the Illumina P5 sequence and 21 nucleotides
of the sequence of interest (here the 50 ETS downstream of the P
processing site or 30 extended 5.8 S rRNA precursors) and a TruSeq
RNA PCR index primer (RPI) complementary to the 30 end of the
30 adapter sequence that comprise the Illumina P7 sequence (see
Note 10, Table 1). PCR reactions are performed in a PCR thermal
cycler in 0.2 ml strip PCR tubes.

1. Set up PCR reaction by mixing the following components for
each reaction:

(a) 2.5 μl of 10� DreamTaq buffer.

(b) 0.5 μl of 10 mM dNTP.

(c) 0.5 μl of 10 μM forward primer (Table 1).

(d) 0.5 μl of 10 μM reverse primer (Table 1).

(e) 0.25 μl DreamTaq Polymerase (5 U/μl).

(f) Add nuclease-free water to a final volume of 25 μl.
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2. Distribute PCR mix in strip PCR tubes and add 1 μl of
template cDNA.

3. Spin down and place reaction in thermal cycler.

4. Run PCR reaction with the following settings:
Initial denaturation step: 2 min at 94 �C.
30 cycles composed of:
(a) Denaturation step: 30 s at 94 �C.

(b) Hybridization step: 30 s at 55 �C.

(c) Elongation step: 30 s at 72 �C.

Final extension: 2 min at 72 �C.

5. Visualize PCR products by loading a 3 μl aliquot with DNA
loading dye on a 2% agarose gel (0.5� TBE) (see Note 11).

3.6 PCR Product

Purification

After amplification, the PCR products are purified using AMPure
XP beads (Agencourt). This system uses magnetic beads that can
bind PCR amplicons of at least 100 bp, thereby purifying amplicons
from nucleotides, primer dimers, salts or other reagents. The pro-
tocol has been adapted from the manufacturer’s protocol. AMPure
XP beads purification is performed in 1.5 ml microtubes that are
compatible with the magnetic stand.

1. Warm the AMPure XP beads to room temperature for at least
10 min and shake the Agencourt AMPure XP bottle before
pipetting to resuspend magnetic particles.

2. Transfer each PCR reaction to individual 1.5 ml tubes.

3. For each tube, add 1 volume of beads to 1 volume of PCR
reaction and mix well by pipetting or gentle vortexing (see
Note 12).

4. Incubate the mixture for 5 min at room temperature.

5. Transfer tubes to a magnetic stand.
For the next steps (6–11), tubes are kept on the magnetic

stand.

6. Let sit for about 5 min or until solution appears clear.

7. Carefully discard the supernatant without disturbing the beads.

8. Keep the tubes on the magnetic stand and wash beads carefully
with 200 μl of 80% ethanol.

9. Incubate for 1 min and carefully remove the ethanol.

10. Repeat the washing step.

11. Air-dry beads for a maximum of 3 min (see Note 13).

12. Add 100 μl of nuclease-free water to beads, remove tubes from
the magnetic stand and mix gently by pipetting.

13. Incubate for 5 min at room temperature.
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14. Put tubes back on stand and let sit for about 5 min or until
solution is clear.

15. Transfer the eluate to a new, clean tube by paying attention not
to take beads (see Note 14).

16. Perform a second elution with 100 μl of nuclease-free water.

17. Precipitate purified amplicons with 5 volumes of absolute eth-
anol, 0.1 volume of sodium acetate 3 M, pH 5.2, and 0.5 μl of
glycogen (20 mg/ml).

18. Mix by tube inversion.

19. Incubate for at least 1 h at �80 �C.

20. Centrifuge for 30 min at 16,000 � g (4 �C).

21. Discard the supernatant.

22. Wash pellet with 75% ethanol (500 μl) to remove residual salt.
Centrifuge at 16,000 � g during 5 min.

23. Discard the supernatant thoroughly, dry the pellet and dissolve
it in 11 μl of nuclease-free water.

24. Measure the DNA quantity and purity of your samples using
UV spectrophotometer (see Note 2).

3.7 Qubit and

Bioanalyzer Analysis

of Purified Amplicons

Before Illumina sequencing, we quantify amplicon libraries by a
fluorometric method, (i.e., Qubit fluorometric quantitation sys-
tem). We also control the size and the quality of our amplicon
profiles after AMPure XP beads purification using Agilent 2100
Bioanalyzer, notably to check the complete removal of primer
dimers (see Note 15).

1. Determine Qubit concentration of each library (Qubit fluoro-
metric quantitation system; see the manufacturer’s protocol
[14]) (see Note 16).

2. Check library profiles using Agilent 2100 Bioanalyzer accord-
ing to the manufacturer’s instructions [15]. Choose the
reagent kit according to the range of concentration of your
samples (see Note 17).

3. Use Qubit concentration and Bioanalyzer size estimation to
calculate the molarity of each sample library (see Note 18).

3.8 Preparing

Libraries for

Sequencing on MiSeq

Here, we prepare libraries for sequencing with v3 MiSeq chemistry
(see Note 19). You need to prepare a final amplicon library accord-
ing to the depth wanted for each sample and to denature the library.
We usually allocate from 0.5% to 3% of the flow cell per condition/
genotype and target. Ten to twenty percentage of PhiX control v3
library are also included to compensate for the low-diversity of the
samples (see Notes 20 and 21).

3’ RACE-Seq 159



1. Prepare at least 5 μl of a final 4 nM amplicon library with all
individual sample libraries to be sequenced.

2. Combine 5 μl of 4 nM final amplicon library and 5 μl of a fresh
0.2 N NaOH dilution.

3. Vortex briefly and centrifuge for 1 min at 280 � g.

4. Incubate for 5 min at room temperature.

5. Stop denaturation reaction by adding 990 μl prechilled HT1 to
the 10 μl denatured library. This results in a 20 pM denatured
library.

6. Dilute the 20 pM amplicon library to 15 pM by adding 150 μl
prechilled HT1 to 450 μl of the 20 pM denatured amplicon
library.

7. Mix by inversion and quickly centrifuge the resulting 15 pM
amplicon.

8. Final 15 pM library should be kept on ice.

9. Repeat steps 2–8 with the 4 nM PhiX control library as
described above for amplicon library to get a 15 pM PhiX
library.

10. For MiSeq sequencing with 15% of PhiX, combine 90 μl of
15 pM denature PhiX control library and 510 μl of 15 pM
denature amplicon library (see Notes 20 and 21). Keep tubes
on ice until loading on the reagent cartridge.

3.9 MiSeq Run

and Analysis

Here we use a MiSeq Reagent kit v3 150 cycles. The final library is
paired-end sequenced with a 76� 76 bp cycle setting. Cycle setting
may be adjusted according to the type of analyzed RNA target (see
Note 22). Read 1 and read 2 will be used during bioinformatics
analysis for RNA target identification and 30 end analysis,
respectively.

1. Thaw Reagent Cartridge and mix according to Illumina man-
ufacturer’s instructions.

2. In the Illumina Experiment Manager (IEM) software, create a
custom library prep kit as indicated in the IEM software guide
[16]. Take the “TruSeq Small RNA.txt” template as model
(model with RPI barcodes) and change the setting section to
allow for paired-end sequencing (see Note 23).

3. Use the IEM software to create sample sheet. Select “MiSeq,”
“other,” and “fastq only” in the instrument, category, and
application sections, respectively. For workflow parameters,
select as option the new custom library prep kit and set cycle
setting as 76 � 76 bp (see Note 22).

4. Fill the sample sheet wizard as indicated in the IEM software
guide.
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5. Start MiSeq Control Software and follow steps indicated by the
software to start MiSeq sequencing.

6. When asked by the MiSeq Control Software, load your sample
(combination of PhiX and sample libraries as prepared in Sub-
heading 3.8) in the reservoir labeled “Load Sample” of the
reagent cartridge.

7. Use the Sequence Analysis Viewer (SAV) to monitor sequenc-
ing during run.

8. When sequencing is finished, check quality control metrics
using SAV and control quality of read 1 and read 2 fastq files
using the quality control tool FASTQC [17].

9. Finally process fastq files using the pipeline available in [6]. An
overview of the bioinformatics workflow is shown in Fig. 4.

4 Notes

1. NanoDrop spectrophotometer measures the sample absor-
bance across a wide spectrum that spans UV and visible light.
Nucleotides, RNA and DNA, have an absorbance peak at
260 nm. By contrast, proteins have a peak of absorbance at
280 nm, while other usual RNA contaminants, such as carbo-
hydrates, EDTA and phenol have an absorbance maximum at
230 nm or less. 260/280 and 260/230 ratios can thus be used
to assess RNA purity. Values around 2.0 are usually considered
as acceptable for 260/280 and 260/230 ratios [18].

2. During phenol extraction of nucleic acid molecules, the parti-
tion between aqueous and organic phase is pH-dependent. At
acidic pH conditions, RNA molecules are highly soluble and
retained in the aqueous phase, while DNA molecules are
retained in the organic phase and interphase. Acid phenol is
thereby used for the isolation or RNA molecules, whereas
DNA isolation is best performed with buffer-saturated phenol
equilibrated to pH >7.4.

3. The assessment of RNA integrity by electrophoresis on agarose
gel and ethidium bromide staining is a basic and cheap tech-
nique that gives a first indication of the quality of your RNA
preparation. Sharp bands corresponding to rRNAs should be
visible on the gel. Partially degraded RNA will appear as
smeared bands.

4. T4 RNA ligase 1 catalyzes the ligation of 50-phosphoryl termi-
nated DNA or RNA to 30-hydroxyl terminated single strand
DNA or RNA. Here, we use a preadenylated adapter (30-Adap)
containing a 50,50-adenyl pyrophosphoryl moiety, which can be
directly ligated to the RNAwithout the addition of ATP during
the ligation reaction (Fig. 2). This strategy prevents that
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- Nucleotides 1 to 15: random region (15N) of the 

adapter

- Nucleotides 16 to 20: delimiter sequence

- From nucleotides 21 to the end: 3’ end of the insert 

 5’ end of the insert 

Identification of read 1 that correspond to 

the region of interest (e.g. 5.8S,  P-P1 

fragments).

Sequences with identical nucleotides in 

read 1 and the same degenerate base 

region in read 2 are removed. 
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delimiter sequence. 
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Read 2 without delimiter sequence are discarded 

If the insert is short, read 2 can run into 

the 5’ PCR primer sequence. In this case 

the unwanted nucleotides are trimmed 

from read 2.

Read 2 TRIMMING

Read 2

Amplicons generated from the same 

original RNA molecule

1 sequence is kept

other duplicated 

sequences are 

discarded

Read 2 is mapped to the RNA reference sequence to identify 

the 3’ end position of 5.8S and P-P1 fragments. Potential 

untemplated nucleotides are analyzed. 
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Insert
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Fig. 4 Schematic overview of the bioinformatic pipeline for 30 RACE-seq analysis of 5.8S and P-P1 fragments.

Color code as in Fig. 1. Scripts are available in [6]
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endogenous RNA with 50 phosphate extremities compete with
the adapter for 30 ligation and ensures that only the preadeny-
lated adapter is ligated to the 30 hydroxylated end of endoge-
nous transcripts.

5. We usually use a water bath for the incubation at 37 �C during
the ligation step. Water bath provides a better contact surface
area for heat transfer as compared to dry bath, allowing for
better reproducibility.

6. Separation and purification of ligated RNA on PAGE is not
required for all applications. Here, the molecules of interest are
small RNA fragments (<400 nt). Consequently, we purified
ligated RNA on PAGE to remove larger RNAs and to enrich for
desired targets before proceeding to cDNA synthesis. Alterna-
tively, to purify the ligated RNAs from reagents and nonligated
adapter, you can perform fast purification of nucleic acids using
RNA purification kits.

7. GlycoBlue™ (15 mg/ml, Thermo Fisher Scientific) can be
used instead of glycogen to increase pellet visibility and is
recommended if you are working with low amounts of RNA.

8. During the setting up of 30 RACE-seq procedure, we detected
in our first amplicon libraries a strong proportion of sequences
that did not contain the delimiter sequence (Figs. 2 and 4) and
thus did not correspond to real RNA 30 ends. These artifacts
were likely caused by nonspecific binding of the primer used in
the reverse transcription reaction. Consequently, to specifically
amplify cDNA 30 ends, we designed a shortened RT oligonu-
cleotide (30-RT, Table 1) that is complementary to the last
17 nt of the 30 ligated adapter and lacks five nucleotides
contained by both 30 ligated adapter and reverse PCR primers.
Thus, cDNA resulting from nonspecific reverse transcription
cannot be amplified.

9. The reverse transcriptase SuperScript™ IV (Invitrogen™) is
very effective and robust, allowing for efficient cDNA synthesis
in only 10min. If you use other reverse transcriptases, adapt the
incubation time according to the manufacturer’s protocol.

10. RPI primers used for cDNA amplification contain index
sequences, also called barcodes, which allow for the sequencing
of a large number of samples in a single run (i.e., multiplexing
sequencing). Individual index sequences can be assigned to
each genotype and/or conditions and then be used to distin-
guish and sort samples during data analysis. The use of individ-
ual index sequences for each different target, here 5.8S and
P-P1 fragments, is not necessary as target sequences can be
distinguished during bioinformatic analysis.
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11. Separation of smaller DNA molecules and fragments is
improved with TBE buffer, whereas TAE buffer is well suited
for larger fragments [19].

12. The concentration of PEG and NaCl in the AMPure XP bead
solution is crucial for size selection of the DNA fragments that
are purified. The size of purified fragments is determined by the
ratio of beads/sample: the lower is the chosen ratio, the larger
are the eluted fragments. To adapt the ratio according to the
size of your amplicon library, refer to [20].

13. Take care to not over dry beads. This would significantly
decrease the elution efficiency.

14. The carryover of magnetic beads results in an additional peak in
Bioanalyzer electropherograms and could lead to inaccurate
estimation of the library size. Trace amounts of beads may
also affect the performance of Illumina sequencing.

15. As we usually analyze a large number of samples, replicates, and
genotypes, we are used to pool PCR products for each analyzed
target prior to Qubit and Bioanalyzer analysis. We first adjust
each sample to the same concentration, verify the dilution by
checking the profiles on a 2% agarose gel (at least 75 ng DNA
for ethidium bromide staining), and then pool the samples.

16. The Invitrogen™ Qubit is a fluorometric quantitation system
that allows for a more specific and sensitive quantification of
RNA and DNA than using the NanoDrop spectrophotometer.
Select the Qubit assay kit according to your sample. The
dsDNA HS Assay kit is well suited for the quantification of
the prepared libraries and is designed to measure sample with
initial concentration from 10 pg/μl to 100 ng/μl.

17. DNA kits for Bioanalyzer analysis may be chosen according to
the size of the amplification product and the range of concen-
tration of the sample. DNA 12000, DNA 7500, and DNA
1000 kits allow for the analysis of dsDNA fragments from
100 to 12,000 bp, 100 to 7500 bp and 25 to 1000, respec-
tively. All of them offer a 0.5–50 ng/μl sensitivity [21]. For
samples with a low concentration, DNA High Sensitivity kit
allows for the analysis of 50–7000 bp fragments and offers a
5–500 pg/μl sensitivity [22].

18. The molarity in nM of amplicon library is calculated using the
following formula ([ng/μl conc.] � 106)/([bp length] �

607.4 + 157.9). See Illumina manufacturer’s protocol for
more information.

19. Here, we sequenced amplicon libraries using MiSeq Reagent
Kit v3 (150 cycles). Reagent kits with v2 chemistry are also
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available for MiSeq. v2 chemistry enables smaller depth com-
pared to v3: for single-end run, up to 15 and 25 millions of
output reads are obtained for v2 and v3, respectively. Final
concentration of denatured library need to be adjusted accord-
ing to the selected MiSeq chemistry. v2 and v3 chemistry
support a maximum of 10 pM and 20 pM concentration,
respectively.

20. To compensate for the low-diversity of amplicon libraries, PhiX
Control v3 Library should be sequenced alongside samples.
Illumina recommends spiking-in a minimum of 5% of PhiX
control library. This percentage may be adjusted according to
experiments and may be increased if the sample library clusters
more efficiently than the PhiX library. When analyzing rRNA
maturation intermediates, we usually spike-in from 10% to 20%
of PhiX control v3 library.

21. The procedure detailed here can be extended to other types of
RNA targets, such as poly(A) tailed transcripts. Illumina
sequencing of poly(A) stretches requires spiking-in a particular
high amount of PhiX control library, at least 20% of the flow
cell. Indeed, sequencing a highly diversified library alongside
samples is necessary to counteract the strong negative impact
of the base composition bias toward A of poly(A) tails on
sequencing quality.

22. Amplicon libraries are paired-end sequenced: read 1 is use to
identify target, whereas read 2 is used to determine RNA 30 end
position and to identify added untemplate nucleotides (Fig. 4).
Reagents provided in MiSeq 150-Cycle kit are sufficient to
perform 152 sequencing cycles. The number of cycles for
read 2 sequencing can be adjusted according to the type of
analyzed RNA targets and the expected length of 30 untem-
plated tails. A cycle setting of 76 � 76 nt enables the analysis of
untemplated tails up to 56 nt (76 nt – 15 nt of the random
sequence – 5 nt of the delimiter sequence). For longer 30 tail,
such as mRNA poly(A) tail, cycle setting can be desynchro-
nized and cycle number for read 1 sequencing can be reduced
in favor of read 2 sequencing. For example in [6], we
sequenced in parallel amplicon libraries for rRNA intermedi-
ates and poly(A) tailed mRNA and we thus set cycle setting as
41� 111 nt, 41 nt being sufficient for transcript identification.

23. In this protocol, we use the TruSeq RNA PCR index primers,
classically used for the preparation of TruSeq Smal RNA
library. However, default options for TruSeq Small sequencing
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in the IEM software does not allow for paired-end sequencing.
Therefore, a custom template, based on the “TruSeq Small
RNA.txt” template, needs to be created.
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