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| Introduction



1 Collective behavior in the natural world

Collective behavior is a phenomenon which can be observed in all layers of life (Bak-Coleman
et al. 2021). It describes the coordinated and cooperative behavior of individuals within a group and
is therefore inherently driven by communication and interactions between the individuals of this
group. It is generally a facultative trait exploited for the adaptation to environmental pressures with
the aim to gain a common fitness advantage. The most apparent form of collective behavior can be
observed between higher-order organisms giving rise to fish schools, bird flocks, ant trails and
honeybee swarms (David J. T. Sumpter 2010; D. J. T. Sumpter 2006). In these multi-organism system:s,
social behavior provides protection from possible predators, enhances foraging abilities and facilitates
locomotion (Biro, Sasaki, and Portugal 2016). Collective cell migration can also be observed between
single cells in multicellular organisms driving processes such as morphogenesis and wound healing in
physiological conditions and cancer invasion and metastasis in pathophysiological conditions (Nguyen
et al. 2016; Hinohara and Polyak 2019; Kurosaka and Kashina 2008; Bertolaso and Dieli 2017).
Interestingly, bacterial cells have also been observed to cooperate, challenging the historical paradigm
installed by Robert Koch describing micro-organisms as solitary unicellular organisms thriving in pure
cultures and causing disease (J. A. Shapiro 1998; James A. Shapiro 1988). Early observations in bacteria
of complex and coordinated collective cell behaviors, such as developmental transitions in
Streptomyces and Myxobacteria and swarming of Proteus species, were thought to be exceptions (J.
A. Shapiro 1998). However, over the last few decades, a plethora of bacteria have been described to
exploit intercellular cooperation to a greater or lesser extent for adaptability purposes, often resulting
in phenotypic heterogeneity and ultimately in cell specialization and differentiation (Avery 2006).

2 Collective behavior in multicellular bacteria

Historically, bacteria have been studied as unicellular organisms in homogeneous cell cultures.
All experimental observations regarding cellular processes were based on bulk measurements of cells
in planktonic state and were extrapolated as being representative for all cells within the culture. More
recent studies, however, have shown that bacteria from seemingly isogenic populations can show
phenotypic variety (Avery 2006). Such diversification is thought to occur after exploration of the
environment and help bacteria optimize fitness and community survival.

2.1  Underlying sources of community heterogeneity

One of the sources of phenotypic heterogeneity is the accumulation of mutations in a subset
of cells in genetically identical populations, creating diverging cell lineages. For example, clonal plating
of a mucoid strain of the gram-negative Pseudomonas fluorescens results in hybrid colonies consisting
of the original strain and a newly developed genetic variant. This evolutionary process allows the
colony to gain a new collective spreading phenotype which is thought to help gain territory (W. Kim,
Levy, and Foster 2016). P. fluorescens has also been described to genetically diversify in liquid cultures.
The various phenotypes enable the bacteria to exploit different environmental niches, such as the air-
culture interface, liquid phase and the less aerobic bottom of the culture flask (Rainey and Travisano
1998). A second source of phenotypic heterogeneity is noisy or stochastic gene expression (Raj and
van Oudenaarden 2008), underpinned by the stochastic nature of transcription and translation
allowing the development of different phenotypes in clonal populations. This can be beneficial for



bacterial communities because varying phenotypes can promote adaptability and survival under
environmental pressure, a concept referred to as bet hedging (Veening, Smits, and Kuipers 2008; Dhar
and McKinney 2007; Smits, Kuipers, and Veening 2006; de Jong, Haccou, and Kuipers 2011). An
example of this phenotypic heterogeneity is the stochastic generation of non-growing or dormant cells
called persisters. In E. coli batch monocultures, a proportion of cells will naturally enter a transient
persister state (Keren et al. 2004; Lewis 2007; Shah et al. 2006). Additionally, clinically relevant species,
such as Mycobacterium tuberculosis and Salmonella enterica species, develop persisters to overcome
antibiotic treatment and relapse infection (Veening, Smits, and Kuipers 2008; Fisher, Gollan, and
Helaine 2017).

Finally, phenotypic heterogeneity can result from cooperation between bacterial cells.
Already in 1964, Hamilton used mathematical models to study social interactions between relatives
in a population and its outcomes for fitness (Hamilton 1964). Based on his work, four different
interactions between individuals could be defined, each describing the costs and benefits for the
individual performing the behavior (the actor), and for the individual not performing the behavior (the
recipient) (S. A. West, Griffin, and Gardner 2007) (Figure 1). Social interactions are: ‘Selfish' when they
are costly for the recipient and beneficial for the actor; ‘Spite’ when they are costly for both actor and
recipient; (Hamilton 1964, 1970); ‘altruistic’ when the interaction is beneficial for the recipient but
costly for the actor; and ‘mutualistic’ when the interaction is beneficial for both (Sachs et al. 2004;
Hamilton 1964). These behaviors represent social interactions but are not always cooperative. In fact,
a requirement to define intercellular interactions as cooperative is that the behavior carried out by an
actor benefits the recipient, and thus cooperation is either altruistic or mutual (S. A. West, Griffin, and
Gardner 2007). Furthermore, cooperation is a hallmark of division of labor, an important strategy
adopted by many prokaryotic species in which cooperating individuals carry out specific tasks (Stuart
A. West and Cooper 2016; Van Gestel, Vlamakis, and Kolter 2015). Division of labor implies the
specialization of individual cells into specific tasks or behaviors for the benefit of other cells in the
population to increase the inclusive fitness for all individuals. This specialization ultimately leads to
phenotypic heterogeneity in isogenic bacterial populations.

Actor
- +
Recipient
- Spite Selfish
+ Altruism Mutualism

Figure 1. Social interactions among individuals in a population. Interactions can be advantageous (+)
or disadvantageous (-) for the actor or recipient.

2.2 Cooperative microbial behaviors

In the past decades, a multitude of microbial behaviors were described to be cooperative
(Gregory J. Velicer 2003; Stuart A. West et al. 2007; Crespi 2001; Brown and Buckling 2008). This
includes, among others, the production of public goods, such as iron-chelating siderophores (Kramer,
Ozkaya, and Kiimmerli 2020), exoenzymes for nutrient digestion and antibiotics breakdown (Dugatkin



et al. 2005; Folse and Allison 2012; E. Rosenberg, Keller, and Dworkin 1977), anti-competitor toxins (L.
Chao and Levin 1981; Doekes, de Boer, and Hermsen 2019; Kerr et al. 2002) and quorum sensing
molecules (Parsek and Greenberg 2005). An example of public goods is the production of proteases
by a subset of B. subtilis cells in a stationary phase liquid culture. These proteases are released in the
medium and allow the degradation of proteins into small peptides which freely diffuse through the
medium and serve as a nutrient source for all cells (Veening, Igoshin, et al. 2008). Additionally, many
cooperative microbial behaviors require cell self-organization, for example for collective cell motility
(Kohler et al. 2000; Gregory J. Velicer and Yu 2003; Li et al. 2003), or for the formation of multicellular
structures such as biofilms (Nadell, Xavier, and Foster 2009; Nadell et al. 2008; Xavier, Martinez-
Garcia, and Foster 2009), hyphae (Claessen et al. 2006) and fruiting bodies (Curtis, Taylor, et al. 2007;
S. S. Branda et al. 2001). Bacterial multicellularity is generally a facultative trait, although several
magnetotactic prokaryotes (MMPs) have been described to be obligate multicellular organisms and
shares hallmark features of classical multicellularity observed in eukaryotic species, including
morphological differentiation, programmed cell death and patterning (Claessen et al. 2014; Lyons and
Kolter 2015; Keim et al. 2004). However, the formation of eukaryotic and bacterial multicellularity
differs in many aspects. Eukaryotic multicellular organisms arise from the proliferation of one
ancestral somatic cell or zygote (Brunet and King 2017). Conversely, bacterial multicellularity can arise
from three different processes: i) the formation of syncytial filaments, ii) clustered or filamentous
growth and, iii) cell aggregation (Lyons and Kolter 2015; Claessen et al. 2014; Aguilar, Eichwald, and
Eberl 2015) (Figure 2).

A B C

Chaining L e ECM
Separation Y Aggregation
Syncytial and
rowth branching “ 1 > o
g g \ 0 £ P ‘
— — Clustering e Lysed cell
crosswall T

Figure 2. Multicellular lifeforms among bacteria. In syncytial filaments, cross walls are formed in
elongated hyphae (A). Chained or clustered growth of cells results in filamentous structures (B).
Multiple cells can aggregate into dense colonies or biofilms embedded in an ECM (C). Adapted from
(Claessen et al. 2014).

2.3 Filamentous multicellular bacteria

Both syncytial filaments and clustered growth result in chain-like multicellular structures but
differ significantly in how they are formed. Syncytial filaments, which can be found in Streptomyces
coelicolor and other actinobacteria, emerge by the formation of cross walls in elongated hyphae
making up a vegetative mycelium (Flardh 2003; Flardh and Buttner 2009). The cross walls are made
up of cell division structures placed at irregular intervals and separate adjacent and connected
compartments. Bacterial conjugation experiments evidenced that different compartments interact to
exchange genetic information (Kataoka, Seki, and Yoshida 1991). In these bacteria, division of labor is
important under starvation conditions. Starvation induces the formation of aerial hyphae from the
vegetative mycelium by the formation of branches that break the surface-tension of the liquid-air
interface and grow in the air (McCormick and Flardh 2012; Flardh and Buttner 2009). In aerial hyphae,



a tightly-regulated developmental cascade enables the formation of apical sporogenic cells, which
contain a subapical stem cell and a prespore compartment in which ultimately a spore develops
(McCormick and Flardh 2012). Two different mechanisms of cooperation between the vegetative and
developmental cell types can be distinguished. On the one hand, a portion of vegetative cells in the
mycelium undergo programmed cell death so that nutrients are released in the environment, which
is beneficial for the initial formation of aerial hyphae (Chater et al. 2010; Wildermuth 1970; Miguélez,
Hardisson, and Manzanal 1999; A. Manteca et al. 2007; A. Manteca, Fernandez, and Sanchez 2005).
On the other hand, vegetative cells within the mycelium secrete proteases in the environment for the
breakdown of substrate mycelium which serves a nutrient source for sporulation (Kang and Lee 1997,
Chater et al. 2010). In both cases, division of labor increases the fitness of the overall cell population
by ensuring survival under starvation conditions.

Alternatively, filamentation of cells due to chained or clustered growth arises from incomplete
cell fission after division (Grosberg and Strathmann 2007; Claessen et al. 2014; Aguilar, Eichwald, and
Eberl 2015). One of the best documented examples of this permanent chaining of clonal cells are the
cyanobacteria. Several species of the cyanobacteria are known to grow as multicellular filamentous
colonies (Rippka, Deruelles, and Waterbury 1979; Schirrmeister, Antonelli, and Bagheri 2011). The
development of different phenotypes is especially important. Cyanobacteria are organisms that can
perform both carbon fixation through photosynthesis and nitrogen fixation (Flores and Herrero 2010;
Haselkorn 1978). In the process of nitrogen fixation, the enzyme nitrogenase reduces the available
nitrogen (N2) to ammonia (NHs). However, the by-product oxygen (0;) produced during
photosynthesis irreversibly inactivates nitrogenase. Therefore, these two processes are incompatible
in the same cell. Some cyanobacteria solve this incompatibility issue by regulating the two processes
in time with a circadian clock (Bergman 1997; Cohen and Golden 2015). However, most filamentous
cyanobacteria resort to a more efficient division of labor strategy to segregate these processes in
space (Rossetti et al. 2010). In short, a subset of vegetative cells differentiate into nitrogen-fixing
heterocysts while the majority of vegetative cells carry out the task of photosynthesis (Kumar, Mella-
Herrera, and Golden 2010). Heterocysts and photosynthetic vegetative cells cooperate through an
intercellular proteinaceous network that ensures nutrient redistribution through the molecular
exchange of photosynthetically-fixed sugars and nitrogen (Merino-Puerto et al. 2011; Golden and
Yoon 2003). In response to adverse environmental conditions, photosynthetic vegetative cells
differentiate into spore-like cells, an additional phenotype called akinetes (Meeks and Elhai 2002;
Flores and Herrero 2010). Finally, several cyanobacteria produce a motile phenotype, called
hormogonia, when nutrient availability or light exposure changes (Meeks and Elhai 2002; Tamulonis,
Postma, and Kaandorp 2011). Hormogonia are short filaments that play an essential role in bacterial
dispersal over short distances and are only capable of photosynthesis as these filaments lack
heterocyst cells. Both hormogonia and akinetes are transient phenotypes. Akinetes will germinate in
favorable environmental conditions and hormogonia return to a sessile lifestyle after which cell
division is induced so that vegetative cells accumulate and heterocysts differentiate.

Aside from the example of cyanobacteria, there are a multitude of species that also adopt a
filamentous lifestyle. Generally, this is a transient phase because clustered growth and filamentation
leads to important drawbacks, such as decreased motility and buoyancy, and increased competition
for resources due to the increased local cell density (Bonner 1998; Grosberg and Strathmann 2007).
Therefore, bacterial species only induce this growth strategy to overcome stress and unfavorable
environmental conditions, but disassemble the filaments once conditions become less hostile.



Predatory stress is one possible cause of stress-induced filamentation. Often, predators consume their
prey by ingestion through phagocytosis. Certain bacteria reversibly form chain-like structures to
increase their size and thus, protect themselves against size-selective phagocytosis (Jousset 2012;
Hahn, Moore, and Hofle 1999; Corno Gianluca and Jirgens Klaus 2006). An example of this are the
Flectobascillus species that induce or enrich filamentous phenotypes when they are co-cultured with
the bactivorous flagellate Ochromonas (Corno 2006). Clinically relevant species also exploit their
morphological plasticity in an adaptive response to their environment. One example is Mycobacterium
tuberculosis which forms filaments during proliferation in macrophages (Chauhan et al. 2006). In
addition, some species, such as B. subtilis and Lactococcus lactis, go through a transient filamentous
stage during biofilm development (Nelson and Young 2000; Potluri, de Pedro, and Young 2012; Pérez-
Nufiez et al. 2011; Kobayashi Kazuo 2007).

2.4  Biofilms

The last and probably most diverse group of multicellular bacterial life-forms are biofilms.
Biofilms are generally defined as sessile aggregations of cells embedded in an extracellular matrix
(ECM). They can be viewed as a transient or reversible community state, because switching between
aggregate and planktonic state highly depends on growth conditions and environmental stressors
(Monds and O’'Toole 2009). The induction of biofilm formation in numerous species was shown to
cause substantial changes in gene expression, leading to extensive phenotypic variation. The benefits
of this heterogeneity include increased resistance to chemical compounds, such as antibiotics, to
predation and to host-defense mechanisms (Kiedrowski and Horswill 2011; Donlan Rodney M. and
Costerton J. William 2002; Abebe 2020; Monds and O’Toole 2009). Because of this, biofilms pose
major problems for human health, as they are able to colonize most medical devices and implants.
This colonization of indwelling devices represents almost half of all nosocomial infection cases
reported in United States hospitals every year (Khatoon et al. 2018; Rodrigues 2011; Darouiche 2004).
Therefore, biofilms are among the best-studied forms of bacterial multicellularity.

24.1 Biofilm formation

Biofilm development is a multi-step process that involves three loosely-defined stages: i)
reversible and irreversible initial attachment, ii) biofilm maturation, and iii) dispersion or cell
detachment (Khatoon et al. 2018; Armbruster and Parsek 2018). The mechanisms of biofilm formation
are in general similar between bacterial species, however there are slight differences. The initial
attachment of planktonic cells to a substrate is promoted by increased intracellular concentrations of
cyclic diguanylate (c-di-GMP) (Jenal, Reinders, and Lori 2017) and is mediated by hydrophobic,
electrostatic and steric interactions, protein adhesion, Van der Waals forces and bacterial appendages,
including pili and flagella (Floyd, Eberly, and Hadjifrangiskou 2017; Bjarnsholt 2013; Gupta et al. 2016;
Joo and Otto 2012; Veerachamy et al. 2014; Stoica et al. 2017) (Figure 3a). This attachment is
reversible when the interaction between the bacterial cell and the substrate is too weak. For example,
the extent of attachment of bacteria to medical implants is highly dependent on the surface properties
of the bacteria, on the material of the medical device, and on environmental parameters such as
temperature and pressure (Gupta et al. 2016; Khatoon et al. 2018). In contrast, bacterial cells can
become irreversibly immobilized on the surface and initiate the formation of a monolayer (Gupta et
al. 2016) (Figure 3b). In clinically-relevant species of Staphylococcus, over 20 surface-associated



adhesins have been characterized that mediate initial cell attachment and intercellular adhesion
during maturation (Speziale et al. 2014; N. D. Hammer and Skaar 2011; Paharik and Horswill 2016).

Successively, biofilm maturation describes the phase in which attached cells grow to create
complex multilayered structures by interacting among themselves (Gu et al. 2013; Gupta et al. 2016;
G. Wei et al. 2015) (Figure 3c-d). Intercellular interactions during stage | of the maturation are
mediated by autoinducer or quorum sensing molecules, such as N-acylated homoserine lactone (AHL)
and result in the expression of biofilm-specific genes. In stage Il, the biofilm increases in size and
thickness. An essential process in biofilm maturation is the production of ECM by secretion of
exopolysaccharides (EPS), extracellular DNA (eDNA) and proteins (Aguilar, Eichwald, and Eberl 2015).
The most prevalent ECM component is EPS, a polymeric macromolecule with an essential role in
facilitating and maintaining cohesion between cells and in forming a physical barrier that protects cells
within the biofilm from environmental stresses, such as antibiotics and pH variations (Veerachamy et
al. 2014; Gupta et al. 2016; Aguilar et al. 2009). EPS chemical composition and contribution to the
biofilm also depends on the bacterial strain and the conditions in which the biofilm matures. For
example, two different polymers are important for B. subtilis biofilm development, namely poly-y-DL
glutamic acid (y-PGA) and EPS. In the undomesticated strain NCIB3610 of B. subtilis EPS is primarily
secreted (S. S. Branda et al. 2001; Steven S. Branda et al. 2005). Conversely, y-PGA, and not EPS,
stimulates biofilm formation in other undomesticated strains (Morikawa et al. 2006; Stanley and
Lazazzera 2005). P. aeruginosa excretes at least three different EPS products, Pel, Psl and alginate
(Gupta et al. 2016). The former two seem to be most important for biofilm development in laboratory
conditions. The latter plays an unimportant role in biofilm formation on abiotic surfaces and is
essential for biofilm development in pathological conditions (Aguilar et al. 2009).

A second important component of the ECM is eDNA. eDNA plays an essential role in
intercellular communication and biofilm stabilization as an interconnecting compound (Vilain et al.
2009; Steinberger and Holden 2005; Izano et al. 2008; Jurcisek and Bakaletz 2007). Additionally, eDNA
plays a role in biofilm formation, as evidenced in P. aeruginosa where biofilm formation is inhibited
after treatment with DNase | (Whitchurch 2002).

Last but not least, ECM contains a non-negligible protein fraction. Proteins are mostly involved
in maintaining robustness and integrity of the biofilm (Aguilar, Eichwald, and Eberl 2015). One
example of such proteins are the lectins which have been studied in many bacteria including P.
aeruginosa, Azospirillum brasilense and Burkholderia cenocepacia (Inhilsen et al. 2012; Funken et al.
2012; Danhorn and Fuqua 2007). Lectins are assumed to be involved in creating an EPS-protein
network because they contain a sugar-binding site specific for EPS and additional binding sites for
proteins (Neu and Lawrence 2010). In B. subtilis, two other proteins, BslA and TasA, are known to play
an essential role in the biofilm development (Romero et al. 2010, 2011; Ostrowski et al. 2011). Lastly,
large surface proteins or Biofilm-Associated Proteins (BAP) promote intercellular interactions and
contribute to ECM integrity in several Staphylococcus strains (Lasa and Penadés 2006).

During biofilm maturation, the available resources are being depleted and toxic metabolic by-
products can accumulate (Khatoon et al. 2018; Gupta et al. 2016). To get rid of waste and regain access
to nutrients, the biofilm regulates itself by dispersion or detachment of single cells or clumps (Figure
3e-f). This process is highly regulated and induced by nutrient starvation or oxygen depletion in
aerobic biofilms. In short, a cascade of autophosphorylation and activation of c-di-GMP
phosphodiesterase enables the degradation of c-di-GMP (Oppenheimer-Shaanan, Steinberg, and



Kolodkin-Gal 2013; Jenal, Reinders, and Lori 2017). This results in the dissolving of EPS and the release
of cells which return to a planktonic state. Alternatively, bacteria in the biofilm can produce
saccharolytic enzymes which locally impair the EPS integrity after which cells are released (Gupta et
al. 2016). In pathological species, the dispersal of biofilms provides a mechanism by which infection
can easily spread and cause chronic infection. This is referred to as metastatic seeding and is a major
problem in disease treatment (Masters et al. 2019; Eiff et al. 2005; Y. Chao et al. 2015). Therefore, the
study of dissolving of EPS is of clinical interest as it might provide alternative methods to treat biofilms
and prevent the spreading of infections (Grande et al. 2014; Oppenheimer-Shaanan, Steinberg, and
Kolodkin-Gal 2013).
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Figure 3. Stages of biofilm development. Biofilm formation is initiated by planktonic cells irreversibly
attaching to a surface (a) after which a monolayer of cells is formed, and the ECM (yellow) is produced
(b). The biofilm then increases in size (c) and ultimately forms a large multilayered structure tightly
embedded in ECM (d). Finally, cells or aggregates of cells can be dispersed from the biofilm into a
planktonic state again (e). Adapted from (Rumbaugh and Sauer 2020).

2.4.2 Phenotypic heterogeneity as a result of division of labor

Despite the fairly general formation mechanism, biofilms can be morphologically very diverse,
ranging from air-water interface pellicles to solid surface associated communities including micro- and
macro-colonies and fully diversified biofilms. This organizational plasticity allows the adaptation of
biofilm architecture in response to global and local environmental changes (Bridier et al. 2017). As a
result of these continuous adaptations, cells in a mature biofilm will differentiate and specialize to
carry out specific tasks and cooperate among each other. This process is generally referred to as
division of labor and ultimately leads to extensive phenotypic heterogeneity (Stewart and Franklin
2008; An and Parsek 2007). In B. subtilis microcolonies (i.e. not yet fully matured biofilms) it was
shown that phenotypic heterogeneity can drive cell differentiation into sporulating cells (Veening,
Stewart, et al. 2008). Conversely, cells in more mature B. subtilis colonies sporulate at preferential
sites (S. S. Branda et al. 2001). In these B. subtilis biofilms, the sporulation process is preceded by
death of a subpopulation of cells, in a process called cannibalism whereby cells expressing toxins lyse
a fraction of their sensitive neighbors (Lopez et al. 2009). In addition to sporulating cells and cannibals,
mature biofilms contain other differentiated phenotypes including motile cells, matrix producers,
surfactin producers, degradative enzyme producers and competent cells (Lopez and Kolter 2010).



Many of those cell behaviors are localized in distinct subpopulations and their occurrence is
dynamically regulated throughout biofilm development (Vlamakis et al. 2008). For example, motile
cells are dominant in early biofilm formation and matrix producers became dominant during matrix
maturation. Moreover, each specialized cell in the biofilm seems to play a key role in the proper
initiation and maturation of the biofilm as B. subtilis biofilms containing mutants for matrix
components TasA and EPS were shown to have a considerably smaller fraction of sporulating cells
(Aguilar et al. 2010; Dragos et al. 2018). Spatially segregated phenotypes can also be found in the
Staphylococcus species S. aureus and S. epidermidis. More precisely, protein and DNA synthesis were
shown to be carried out in specific zones by a subset of cells, which may indicate that most cells in the
biofilm are metabolically inactive (Rani et al. 2007). Additionally, in P. aeruginosa biofilms the
expression of the housekeeping gene, acpP, and quorum sensing regulated genes, phzA1 and aprA, is
not homogeneous and cells in fairly close proximity showed significantly different gene expression
patterns (Lenz et al. 2008). Altogether, these findings support that biofilms are phenotypically
heterogeneous and a high degree of spatial organization of these phenotypes exists.

243 Intercellular cooperation though Quorum Sensing

Intercellular cooperation between cells is essential in biofilms. Living within a biofilm entails
clear advantages, but it is also metabolically costly to produce and maintain to ECM components. To
minimize the energetic investment for the cells, gene expression is tightly regulated by a high degree
of cell-cell communication though quorum sensing molecules (Rutherford and Bassler 2012; Ng and
Bassler 2009). These small molecules are produced by single cells, secreted and diffused through the
environment and detected by other cells. The perceived concentration of these molecules is a
measure for cell density, allowing bacterial cells to recognize others around them (Mukherjee and
Bassler 2019). Because the molecules for quorum sensing are species-specific, bacteria can recognize
close relatives or kin and other non-kin species (Schluter et al. 2016). When a critical concentration is
reached, indicating a critical cell density, these molecules act as a trigger for gene expression. Quorum
sensing has been studied extensively in a multitude of species, including P. aeruginosa, V. cholerae,
Pantoea stewartii and the plant-pathogen Xanthomonas campestris, and was identified as an
important mechanism for the production and degradation of EPS during biofilm development (von
Bodman, Majerczak, and Coplin 1998; Koutsoudis et al. 2006; Sakuragi and Kolter 2007; Dow et al.
2003; Torres et al. 2007; B. K. Hammer and Bassler 2004). In P. aeruginosa, it was also shown to be
an important mechanism for eDNA excretion (Barken et al. 2008).

Myxobacteria represent a special case of multicellular aggregates, with Myxococcus xanthus
being the most-studied species to date. M. xanthus cells do not form a sessile and stationary biofilm.
Instead, myxococcus cells associate in a highly dynamic manner. Their social and coordinated motility
allows them to enter the developmental cycle, resulting in spore-filled fruiting bodies. Additionally,
their collective motion enables them to prey on other cells, which gives them a keen advantage in
multispecies environments. Behavioral and phenotypic heterogeneity in mature predating biofilms of
M. xanthus are the focus of this thesis.



3 Myxococcus xanthus as a prokaryotic model system for social
behavior

Myxococcus xanthus is a gram-negative bacterium that belongs to the order of the
Myxococcales, otherwise referred to as the Myxobacteria. Myxobacteria belong to the class of the
Deltaproteobacteria (L. Shimkets and Woese 1992). Up until this day, several tens of Myxobacteria
species have been described and can be subdivided in three sub-orders: i) the Sorangiineae, ii) the
Nannocystineae, and iii) the Cystobacterineaea, the sub-order to which M. xanthus belongs (Garcia et
al. 2010; L. J. Shimkets, Dworkin, and Reichenbach 2006; Mohr 2018). This phylogenetic subdivision is
the result of the isolation and study of mostly terrestrial samples (Dawid 2000; Reichenbach 1999;
Garcia et al. 2010; Sproer, Reichenbach, and Stackebrandt 1999). More recently, however,
myxobacterial species were isolated from marine samples (Brinkhoff et al. 2012; T. lizuka et al. 1998).
From an evolutionary point of view, these halotolerant species diverge from the terrestrial species
and phylogenetically cluster in a sub-order distinct from the other three characterized sub-orders
(Jiang et al. 2010; Brinkhoff et al. 2012). The constant or ongoing discovery and characterization of
novel myxobacteria from environmentally diverse samples showcases the great diversity that can be
found within this order. Indeed, Myxobacteria can be found virtually everywhere on this planet,
ranging from glaciers to tropical nutrient-rich soils (Mohr et al. 2016, 2017; Dawid 2000; Takashi lizuka
et al. 2006; Powell et al. 2015; REICHENBACH and H 1993; Reichenbach 1999; Y.-Q. Zhang et al. 2005).
In addition to being widespread, they are also abundant. Zhou et al. studied several terrestrial soil
samples and found that myxobacteria represent a fraction of the total bacterial community, ranging
from 0,4% to 4,5% (Zhou et al. 2014). The fact that myxobacteria represent such large fractions in
bacterial communities suggests that they play vital roles in local bacterial ecology. However, one
should be careful with interpreting and extrapolating observed phenotypes or behaviors from one
environmental niche to another as certain cell specializations might be only advantageous in defined
ecological conditions.

3.1 The M. xanthus lifecycle

M. xanthus is a rod-shaped bacterium that represents a model organism used to understand
self-organization and how cell motility gives rise to social behavior (Y. Zhang, Ducret, et al. 2012). M.
xanthus is found predominantly in forest soil, a very diverse ecosystem containing a multitude of
species. To ensure survival in this complex environment, M. xanthus adopts a multicellular social
lifestyle (Figure 4) that enables it to colonize their ecosystem and respond rapidly to environmental
stimuli such as nutrient availability (Dworkin 1963). In short, when the external environment becomes
unfavorable and nutrients are sparse, M. xanthus cells enter the developmental cycle and aggregate
together to form spore-filled fruiting bodies. When conditions become favorable again, vegetative
cells proliferate and become motile to actively search for nutrients, either in the form of
macromolecules available in the environment or in the form of prey in a process called bacterial
predation (Mufioz-Dorado et al. 2016).
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Vegetative cycle

Figure 4. The lifecycle of M. xanthus. During the vegetative cycle, M. xanthus cells (yellow) swarm out
in search for nutrients or prey (grey). During the developmental cycle, M. xanthus cells aggregate
together to form fruiting bodies (bottom) that release spores back into the environment (right).
Adapted from (Mufioz-Dorado et al. 2016).

3.1.1 The developmental cycle

The developmental cycle is initiated under nutrient depleted conditions, more specifically
when amino acids become sparse, and under sufficient cell density (Kaplan and Plamann 1996). In the
first phase of the developmental cycle, growth is arrested and early-functioning eukaryotic-like
enhancer binding proteins (EHBs) will enable 6°* RNA polymerase to transcribe early developmental
genes (Kroos 2007; Kroos and Inouye 2014; Caberoy et al. 2003; Giglio et al. 2011). In this phase, M.
xanthus cells induce, very similarly to E. coli, the stringent response which allows the inhibition of
protein synthesis and the accumulation of the second messenger guanosine penta- and
tetraphosphate ((p)ppGpp) (Harris, Kaiser, and Singer 1998; Manoil and Kaiser 1980a, 1980b).
Additionally, the A-signal, which is a set of peptides and amino acids released by extracellular protease
activity, is produced under the regulatory control of the asg genes (Plamann, Kuspa, and Kaiser 1992;
Kuspa, Plamann, and Kaiser 1992a). In short, AsgA detects nutrient depletion and will consecutively
promote phosphorylation of AsgB. This leads to the expression of genes that are responsible for the
production of the A-signal (Konovalova, Wegener-Feldbriigge, and Sggaard-Andersen 2012).
Together, the A-signal and EBPs control the accumulation of the transcription regulator MrpC and its
N-terminally truncated form MrpC2 (H. Sun and Shi 2001a, 2001b; Ueki and Inouye 2003). Altogether,
these components stimulate the production of the C-signal, which is a 17 kDa cell surface bound
protein (Crawford and Shimkets 2000; Konovalova, Lobach, and Sggaard-Andersen 2012; Gronewold
and Kaiser 2007; Konovalova, Wegener-Feldbriigge, and Sggaard-Andersen 2012). In the last stage of
the developmental cycle, MrpC and MrpC2 bind to the fruA promoter region and directly activate
expression of the transcription factor FruA (Nariya and Inouye 2006; Ueki and Inouye 2003). Finally,
FruA and MrpC2, together with the C-signal, regulate expression of the dev operon, which is directly
involved in spore formation (J.-S. Lee et al. 2011; Mittal and Kroos 2009a, 2009b; Son, Liu, and Kroos
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2011). In addition to the dev operon, MrcP and MrpC2 also bind to promoter regions of many other
developmentally-regulated genes to regulate their expression (Robinson et al. 2014).

Intercellular communication by means of the A- and C-signals are especially important for cell
density sensing and aggregation of cells through the regulation of cell motility. A- and C-signal
production and abundance coincides with specific stages of development. For example, the A-signal
is produced and accumulated one to two hours after starvation induction (Kuspa, Kroos, and Kaiser
1986). This leads to the onset of cell aggregation and to coordinated group movement toward
aggregation centers. Further changes in cell motility and the beginning of aggregation centers can be
observed four to six hours after starvation (Lars Jelsbak and Sggaard-Andersen 2002). The C-signal, on
the other hand, is essential for aggregation in later phases of the developmental cycle. Its
concentration continuously increases after starvation, and reaches medium levels at 8-18h post-
starvation (Dale Kaiser 2003). This, in turn, coincides with the completion of the aggregation process
after 24h (Claessen et al. 2014). Finally, formation of fruiting bodies leads to a sharp, local increase in
the C-signal triggering sporulation (Dale Kaiser 2003). Sporulation is completed approximately 72h
after nutrient depletion, with nascent fruiting bodies containing around 10°-10° spores (Diodati et al.
2014). From the moment starvation is induced and (p)ppGpp is being accumulated, more than 2000
genes are differentially expressed (Giglio et al. 2011). This involves the temporal regulation of gene
activity so that groups of genes are up- or downregulated during specific phases of development.

During development, two kinds of differentiated cells are produced: i) spores, which represent
10% of developing cells, and ii) peripheral rods, which account for around 30% (O’Connor and Zusman
1991) (Figure 5). Peripheral rods are cells located around and between fruiting bodies, and just like
vegetative cells, are rod-shaped and metabolically active. However, they do not proliferate and, as a
recent study showed, they display a different transcriptional program than nutrient-stressed
stationary-phase cells (Whitfield et al. 2020). In the past, it was suggested that peripheral rods act as
persister cells that consume low levels of nutrients available in nutrient-limited environments,
inadequate for vegetative growth or spore germination (O’Connor and Zusman 1991; Higgs et al.
2013). Both peripheral rods and spores return to the vegetative state when nutrients become
abundant again, however, peripheral rods are able to respond faster because they do not need to
germinate (David R. Zusman et al. 2007). Therefore, both strategies are often seen as complementary
to ensure survival in a wide range of environmental conditions (L. J. Shimkets 1999; D. Kaiser,
Robinson, and Kroos 2010; Mauriello, Mignot, et al. 2010; Y. Zhang, Ducret, et al. 2012). Alongside
spores and peripheral rods, the remaining fraction of around 60% of developing cells lyse by the end
of the developmental cycle. Programmed cell death is thought to occur from the onset of aggregation
early on in the developmental cycle up until the final stages of fruiting body maturation (Nariya and
Inouye 2008; Wireman and Dworkin 1977; B. Lee et al. 2012). Just as for filamentous Streptomyces
coelicolor cells and biofilms-forming B. subtilis cells, cell lysis is thought to provide nutrients for
neighboring starving cells (Mufioz-Dorado et al. 2016; Berleman et al. 2006).
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Figure 5. M. xanthus fruiting bodies. Fruiting bodies are surrounded by peripheral rods (red arrow)
and consist of spherically shaped spores (green arrow) (left) that organize themselves into 3D mounts
(right). Scalebars = 15 um. Adapted from (David R. Zusman et al. 2007) (left) and (D. R. Zusman and

O’Connor 1991) (right).

3.1.2 The vegetative cycle

When nutrients become available again, spores germinate into proliferating rod-shaped cells.
These vegetative cells move over solid surfaces in search for nutrients as a coordinated assembly, or
otherwise called a swarm. Nutrients can be either in the form of freely diffusing macromolecules or in
the form of prey. Bacterial predation is the process in which predator cells kill and consume other
bacterial cells (the prey). Over the past hundred years, a multitude of myxobacteria were described
as predators, including M. xanthus (Eugene Rosenberg and Varon 1984). M. xanthus was identified as
an epibiotic predator, meaning that it remains on the outside in the extracellular space when killing,
lysing and consuming their prey (Thiery and Kaimer 2020). M. xanthus is able to target a wide variety
of microorganisms as prey, ranging from other gram-positive and gram-negative bacteria to fungi and
parasites, and grow exclusively on the remains of these prey organisms (Livingstone, Morphew, and
Whitworth 2017; Morgan et al. 2010; Eugene Rosenberg and Varon 1984; Mendes-Soares and Velicer
2013; Shilo 1970; Pham et al. 2005; Bull, Shetty, and Subbarao 2002; Berleman et al. 2006).

The predation strategy

Predation is seemingly initiated by several pioneering M. xanthus cells that explore the area
around the colony to identify possible nutrient sources in a process referred to as scouting (Keane and
Berleman 2016) (Figure 6). Surface colonizing scouts and branching cell groups are thought to drive
the advancement of a M. xanthus colony through the prey colony (Keane and Berleman 2016). Often,
the M. xanthus predation strategy is referred to as ‘wolf-pack predation’, meaning that cells, like a
pack of wolves, attack their prey by encircling them in a coordinated manner. Such a strategy implies
that the predator should be numerous as compared to the prey. However, several studies examining
predation between M. xanthus and various prey species showed that M. xanthus can successfully
attack and predate on very dense colonies of prey cells (Berleman et al. 2008; Pérez et al. 2011, 2014).
In this case, M. xanthus cells gradually percolate through the dense prey colony while killing and
consuming the prey (Figure 6b-d). Therefore, the predation strategy of M. xanthus on dense prey
colonies is also often referred to as a ‘frontal attack’ (Pérez et al. 2016).
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Figure 6. Predation of M. xanthus over E. coli. A) A dense colony of M. xanthus (yellow arrow) is
inoculated at millimeter distance from a dense colony of E. coli (blue arrow) on a hard (1.5%) agar
surface. Over time the M. xanthus colony will move out of the original inoculation perimeter. B) Upon
encounter with the E. coli colony, M. xanthus cells will invade the prey colony while killing prey cells,
creating a predation zone (red box). C) At the original inoculation location of M. xanthus, fruiting
bodies develop (white arrow). In the predation zone, a collective behavior, called rippling, emerges
(green box). D) After the whole E. coli colony is killed, fruiting bodies develop around and within the
perimeter where the E. coli colony was originally inoculated. Images sampled from timelapse, courtesy
of Berleman and Kirby (Berleman and Kirby 2009).

Prey searching and sensing

Interestingly, M. xanthus attack strategy depends on the predator density but also on other
factors, such as the density of prey cells or the mechanical properties of the surface (Hillesland,
Lenski, and Velicer 2007). On the one hand, evolution experiments showed that M. xanthus cells
develop increased foraging capabilities under sparse prey conditions (Hillesland, Velicer, and Lenski
2009). As a trade-off, M. xanthus cells seemed to have a reduced capability to form fruiting bodies.
On the other hand, the solidity of the substrate influenced the predation efficiency, with harder agar
surfaces increasing the search proficiency (Hillesland, Lenski, and Velicer 2007).

The question remains, however, as to what drives the movement of M. xanthus cells towards
prey. When placing M. xanthus cells on a hard agar surface adjacent to a prey colony, M. xanthus cells
radially migrate out of the original inoculation point in search for nutrients (Berleman et al. 2006). In
an attempt to unravel which genes may be responsible for the detection of prey, Livingstone and
colleagues performed transcriptome profiling of both predator (M. xanthus) and prey (E. coli) in mixed
liquid cultures (Livingstone et al. 2018). Strikingly, only 12 out of 7300 M. xanthus genes were
differentially expressed when mixed with live prey cells, but 1319 genes were differentially expressed
when mixed with heat-killed prey, suggesting that the M. xanthus transcriptional response is more
efficiently triggered by the availability of nutrients than by the presence of live prey. Also surprisingly,
prey cells themselves showed differential expression of more than 1500 genes when in contact with
live predator cells and around 500 genes when in contact with the supernatant of predator culture.
This suggests that prey cells can react to secreted metabolites from the predator cells. Furthermore,
upregulated genes in prey cells belong, among others, to pathways involved in antibiotics and
secondary metabolite production. This suggests that prey cells might induce defense mechanisms
when confronted with predators (Livingstone et al. 2018). Altogether, the above-mentioned results
do not confirm nor reject the hypothesis of prey sensing or predataxis by M. xanthus during prey
searching.

Prey killing and consumption

Once M. xanthus cells encounter prey cells, they enter the second phase of predation in which
they kill the prey and consume the nutrients released by prey lysis. To date, it remains unclear which
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mechanisms are in place to achieve prey killing. On the one hand, myxobacteria have been reported
to be capable of killing prey cells from a distance, presumably by the secretion of secondary
metabolites, antibiotics and Outer-Membrane Vesicles (OMVs) containing lethal cargo (Berleman and
Kirby 2009; Evans et al. 2012; Findlay 2016; Xiao Yao et al. 2011). Myxobacteria are known to encode
in their large genome a myriad of bioactive compounds. These compounds can be secreted as such
but can be brought into the extracellular space by OMVs. OMVs contain large numbers of metabolites
and enzymes including peptidases, phosphatases and lipases of which some are exclusively found in
OMVs (Berleman et al. 2014; Kahnt et al. 2010; Whitworth 2015). This suggests that OMVs
complement the function of other secreted metabolites. It was indeed shown that both prey E. coli
and P. aeruginosa could be killed by M. xanthus produced OMV-free supernatant alone, and by OMVs
alone (Evans et al. 2012). When exposed to an OMV-containing supernatant, the predatory activity
increased. Additionally, when the enzyme GAPDH was added OMV-mediated prey killing was
enhanced. GAPDH is secreted by M. xanthus cells, and thus can possibly be seen as a public good
(Curtis, Atwood, et al. 2007; Evans et al. 2012; Whitworth and Morgan 2015; Whitworth, Slade, and
Mironas 2015). As a moonlighting protein, it has several known functions including facilitation
membrane fusion (Wang et al. 2014). When the membrane of OMVs was lysed by french-pressing,
however, predatory activity was impaired (Evans et al. 2012). Not surprisingly, it has been suggested
that OMV-mediated killing requires the fusion of the OMV membrane to the membrane of the prey
cells and that GAPDH and OMVs work synergistically to achieve this.

On the other hand, microscopic evidence shows the killing of single prey cells by M. xanthus
cells in a contact-dependent manner (Berleman and Kirby 2009; Shilo 1970; McBride and Zusman
1996; W. Zhang et al. 2020; Seef et al. 2021) (Figure 7). Regardless of whether the killing mechanism
is contact-dependent or contact-independent, killing of prey cells occurs only in relatively close
proximity to the M. xanthus cells (McBride and Zusman 1996; Berleman and Kirby 2009).
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Figure 7. E. coli prey plasmolysis due to contact-dependent killing. A) E. coli cell (encircled in pink)
undergoes plasmolysis upon contact-dependent killing by M. xanthus. Scalebar = 2 um. Adapted from
(W. Zhang et al. 2020). B) GFP-labeled E. coli cell undergoes plasmolysis. The GFP fluorescence drops
instantaneously after a pause of 5 min after contact with the M. xanthus cell, indicating E. coli cell
lysis. Scalebar = 2 um. Adapted from (Seef et al. 2021).
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3.2 Motility

M. xanthus cells rely on their ability to move over solid surfaces through all stages of their life
cycle. To do so, these rod-shaped cells use motility approaches allowing them to glide along their long
axis creating a leading and lagging cell pole. Every so often, cells change the direction of motion by
reversing. During reversal the lagging and leading poles are exchanged. For a long time, it was unclear
which mechanisms underlie cell movement and reversal. In 1979, however, not one but two
genetically separate motility systems were identified in a screening study. These were called
adventurous (A-) motility and social (S-) motility (Jonathan Hodgkin and Kaiser 1979). Cells only
became completely immobile in mutants containing perturbations in both sets of genes, thus M.
xanthus cells use either A- or S- motilities to glide.

Since this discovery, researchers have wondered why M. xanthus may have two distinct and
independent motility systems instead of one, given that maintaining both of them carries a cost to the
cell and the species. To answer this question, several studies evaluated the effects of environmental
conditions. First, it was observed that both motility systems perform quite differently on various
surfaces. More specifically, the hardness of the surfaces, evaluated by modulating the agar
concentration of the substrate, had tremendous effects (Shi and Zusman 1993). The A-motility system
was more effective on more rigid surfaces, while the S-motility system was more performant on soft
surfaces. In fact, the A-motility system did not even permit gliding at all on soft surfaces. Not
surprisingly, wild-type cells were able to swarm proficiently over a wider range of surfaces as
compared to the respective motility mutants. Additionally, the effect of nutrient availability, both as
diffusible nutrients and prey, was evaluated (Hillesland and Velicer 2005). Cells using the S-motility
system were most efficient in swarming and colony expansion when in high-nutrient conditions on
soft surfaces. In nutrient-limited conditions, however, the S-motility system was not effective at all on
both hard and soft surfaces and was even outperformed by the A-motility system on hard surfaces.

3.21 Adventurous motility

In the pioneering screening study of Hodgkin and Kaiser it was shown that mutations in the
set of genes coding for the A-motility system seemed to affect mostly the movement of single cells,
hence the name adventurous motility (Jonathan Hodgkin and Kaiser 1979). The cell movement driven
by the A-motility system was later determined to be a ‘gliding motility’ approach, meaning that cells
propel themselves forward over a surface without extracellular appendages, such as flagella
(Burchard 1981; Islam and Mignot 2015). A-motile cells use a molecular machinery, called the Agl-Glt
machinery, instead (Luciano et al. 2011). The Agl-Glt machinery is a multiprotein apparatus consisting
of two subcomplexes: i) the molecular motor AgIRQS, and ii) the GItA-K complex (Luciano et al. 2011;
M. Sun et al. 2011; Jakobczak et al. 2015; Nan et al. 2011; Balagam et al. 2014) (Figure 8a). The AgIRSQ
motor is an inner-membrane associated complex made up of TolQR like proteins. This complex
functions as a proton pump and is thus responsible for the necessary force generation through the
proton motive force to propel movement (Cascales et al. 2000). The Glt-A-K complex, on the other
hand, spans the entire cell envelope and is thus associated with the inner-membrane, periplasm and
outer-membrane. This multiprotein sub complex is attached to the AgIRQS motor in the inner-
membrane and ensures the attachment of the complete Agl-Glt apparatus to the substrate. Several
cytoplasmic proteins have been identified as well, including AglZ, MglA and MreB (Treuner-Lange et
al. 2015; Mauriello, Mouhamar, et al. 2010; Galicia et al. 2019; Hartzell and Kaiser 1991). These
proteins mostly play essential roles in A-motility by recruiting and assembling the Agl-GIt machinery
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at the leading pole in motile cells. In short, the Ras-like G-protein MglA is bound to GTP (MgIA-GTP)
and localizes at the leading pole. There, MglA-GTP interacts with the MreB actin cytoskeleton.
Consequently, the AlgRQS motor and the inner membrane complex are recruited and assembled at
the leading pole where they anchor via AglZ to MreB. This sub-complex then moves intracellularly
along a helical path in a counter-clockwise manner without producing movement of the cell (Faure et
al. 2016) (Figure 8b). Upon encountering the basal membrane, the motor-inner membrane Agl-Glt
sub-complex docks into the outer membrane sub-complex. Conformational changes induced by this
docking are thought to lead to the attachment of the external sub-complex to the surface, and to the
formation of a Focal Adhesion (FA) site (Faure et al. 2016). Force exerted by the Agl-Glt complex at
the FA then powers the movement of the cell body along its long axis following a clockwise rotation
(Faure et al. 2016). FAs retain a fixed position relative to the surface when the cell is motile (Mignot
et al. 2007). Finally, FAs are disassembled at the lagging pole by the GTPase activating protein (GAP)
MgIB which localizes at the lagging pole (Treuner-Lange et al. 2015).
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Figure 8. The adventurous (A-) motility system. A) Schematic of the A-motility machinery that is
assembled at a FA consisting of inner-membrane associated AgIRSQ motor generating the proton
motive force, the Glt complex, AglZ, MglA-GTP and MreB. B) The helical intracellular movement of
motor proteins while cells are immobile (top) and mobile (bottom). Adapted from (Faure et al. 2016).

3.2.2 Social motility

Aside from the A-motility machinery, Kaiser and Hodgkin identified another set of genes for
which mutants were heavily impaired in their capacity to move over surfaces as groups (Jonathan
Hodgkin and Kaiser 1979). This kind of motility was termed social (S-) motility and is mediated by type
IV pili. Type IV pili assemble extracellularly at the leading pole and power motion by extending
forward, attaching to a substrate or a neighboring cell and retraction, like a retractile motor (Skerker
and Berg 2001) (Figure 9a-b). S-motile cells can, just like A-motile cells, reverse. This process is
mediated by MglA, however, the precise mechanism remains unclear (Mercier and Mignot 2016;
Hartzell and Kaiser 1991; Jonathan Hodgkin and Kaiser 1979; Thomasson et al. 2002). Recently it was
shown that pili could be assembled at both poles of the cell body but that MglA-GTP indirectly plays a
role in the polar activation of the type IV pilus machinery (Mercier et al. 2020).

The complete pilus machinery is a multiprotein assembly which spans the cell envelope
consisting of an outer membrane pore, four interconnected ring structures in the periplasm and
cytoplasm, a cytoplasmic disc and dome, a periplasmic stem and the PilA protein which makes up the
pilus itself (Chang et al. 2016). Assembly of the pilus machinery occurs in an outside-in manner, where
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first the PilQ protein forms a multimeric pore in the outer-membrane (Friedrich, Bulyha, and Sggaard-
Andersen 2014). It is then hypothesized from cryo-electron tomography studies that the assembly
occurs sequentially (Chang et al. 2016) as follows (Figure 9c): TsaP polymerizes into a ring-like
structure around the PilQ pore; both TsaP and PilQ are anchored to the peptidoglycan but it remains
unclear whether this happens before or after their multimerization; once the outer membrane
complexes are formed, a periplasmic structure is assembled by polymerization of PilP and PilO:PilN
proteins; then PilO and pil N interact with the presumably cytoplasmic proteins PilC and PilM. The
formation of the PilM and PilC ring likely allows the subsequent assembly of minor pilins consisting of
PilA; finally, the fully assembled PilM ring recruits the ATPase PilB, the protein involved in mediation
of pilus extension. In contrast to the PilB protein localizing predominantly at the leading cell pole, the
protein PilT, which mediates pilus retraction, was found to localize mostly at the lagging cell pole
(Bulyha et al. 2009). Only occasionally, PilT was found to localize on the leading cell pole. These
observations led to the hypothesis that the spatial segregation of PilB and PilT allow temporal
separation of extension and retraction events. Aside from the PilB and PilT involvement in pilus
extension and retraction, the exopolysaccharide (EPS) fraction of the extracellular matrix (ECM)
material was found to act as an anchor for the pilus and to trigger pilus retraction (Li et al. 2003). EPS
is secreted by M. xanthus cells and deposited on the underlying substrate as a cell moves over that
substrate, leaving behind what is called a slime trail of EPS and other ECM components (Wolgemuth
et al. 2002). These slime trails are actively followed by reversing cells retracing their own path, but
also by other cells which reorient their motion direction upon encounter of a slime-trail (Burchard
1982; Berleman et al. 2016). Therefore, EPS plays a significant role in the social behavior of M. xanthus
(Keane and Berleman 2016; Patra et al. 2016).
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Figure 9. The social (S-) motility system. A) Type IV p||| are assembled at the leading pole of the cell
and drag the cell forward by extending the pilus forward, attaching to deposited EPS in the ECM and
retracting the pilus. Adapted from (Mufioz-Dorado et al. 2016). B) An AFM deflection-mode image of
single M. xanthus cells with pili assembled at the leading pole. Scalebar = 2 um. Adapted from (Pelling
et al. 2005). C) Schematic of the pilated (left) and empty (right) basal body of the Type IV pilus
containing the inner-membrane associated components PilC/M/B/T, the periplasmic associated
components TsaP and PilP/N/O/Q and the outer-membrane associated components PilA/Q. Adapted
from (Chang et al. 2016).

3.23 The Frz system

As was established in the sections above, the polar assembly of both the A- and S-motility
systems is controlled by the localization of MglIA-GTP. MglA, in turn, is under the control of the
chemotactic Frz pathway, homologous to the well-defined Che pathway in E. coli (Ward and Zusman
1997). Mutants in the Frz system do not aggregate as wild-type cells, and thus are heavily impaired in
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collective cell motion, surface colonization and fruiting body formation (Ward and Zusman 1997,
McBride, Weinberg, and Zusman 1989; Bustamante et al. 2004). Aside from the implications for
multicellular behavior, mutations in Frz proteins deeply affect single cell reversal frequency (Blackhart
and Zusman 1985).

The Frz system is a multiprotein signal-transduction cascade activated by unknown triggers.
The most upstream protein identified in this cascade is the methyl-accepting chemotaxis protein
FrzCD, a cytosolic receptor that together with FrzA, activates the autophosphorylation of the histidine-
kinase FrzE (Bustamante et al. 2004; Guiseppi et al. 2019; Mercier and Mignot 2016). FrzE can then
transfer its phosphoryl group to the cytosolic response regulators FrzX, FrzZ or RomR, which have
direct or indirect effects on MglA (Guzzo et al. 2018). RomR has a dual function as it interacts with
both MglA-GTP at the leading cell pole in motile cells, as well as with MgIB at the lagging cell pole
(Keilberg et al. 2012; Y. Zhang, Guzzo, et al. 2012). As mentioned before, the GAP activity of MgIB
inhibits the localization of MgIA-GTP at the lagging pole, and thus has consequences to the
establishment of cell polarity. FrzX was recently shown to localize at the lagging pole upon activation
by FrzE and to work together with RomR to trigger reversal (Guzzo et al. 2018).

3.24 Rippling

Both during the developmental cycle and during predation, the large-scale coordinated cell
movement phenomenon, called rippling, is triggered (Konovalova, Petters, and Sggaard-Andersen
2010; Berleman et al. 2006). During this process, M. xanthus cells laterally align and collectively
oscillate in a synchronous manner to form multiple parallel wavefronts, or ripples. These wavefronts
contain high densities of cells interspaced by regions with very few cells. The distance between two
travelling wavefronts is defined as the wavelength and was shown to decrease during predatory
rippling with the local concentration of prey and to increase as time progresses (Berleman et al. 2008).
Additionally, rippling was shown to affect predation efficiency in genetic strains or physiological
conditions in which rippling was inhibited (Berleman et al. 2006). In the absence of prey however,
rippling can be initiated in areas where nutrient substrates such as peptidoglycan monomers and
chromosomal DNA are present (Berleman et al. 2006; L. J. Shimkets and Kaiser 1982). Up until this
day, however, it remains unclear what cues trigger the onset of rippling and what is the precise
function of rippling during predation. Previous studies hypothesized that rippling may play a role in
the consumption of nutrients, as rippling occurs only in areas where prey or prey lysis products were
originally located (Berleman et al. 2006).

3.3 Cooperation giving rise to the M. xanthus life cycle

From the previous paragraphs, it is clear that several mechanisms confer M. xanthus the
ability to behave in a collective manner. In the next paragraph, | will review some of the most
important cooperation mechanisms used by M. xanthus.

A key mechanism giving rise to the multicellular life cycle of M. xanthus is social movement of
cells. S-maotility, for example, is a cell contact dependent behavior that assembles a large number of
cells in close proximity with the consequence of increasing the swarm expansion rate (Dale Kaiser and
Crosby 1983). Additionally, S-motility is driven by the secretion and deposition of EPS (Lu et al. 2005),
which allows adhesion of cells to the substrate and cohesion between cells within swarms (Arnold
and Shimkets 1988; Hu et al. 2016). Additionally, EPS facilitates cooperative movement by acting as a
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lubricant for cells to slide on (Gibiansky et al. 2013). For S-motility mutants it has been shown that an
alternative collective swarming phenotype can evolve relying on A-motility and increased production
of extracellular fibril material, which interconnects the cells (Gregory J. Velicer and Yu 2003; Dana and
Shimkets 1993). Despite the cost of the enhanced production of the fibril matrix, colony expansion
was significantly increased. In summary, EPS can be considered as a public good because it is a
component of the ECM secreted in the extracellular space and shared between cells in high density
swarms. Secretion of EPS has a cost to the cell producing it but has positive effects on the overall
movement of M. xanthus swarms. Therefore, EPS production is a typical example of cooperativity.

Cooperation is also thought to be essential for predation. Predation efficiency is highly
dependent on the predator cell density, suggesting that a large number of cells cooperate as a
predatory unit (wolf-pack) (Berleman and Kirby 2009; McBride and Zusman 1996). High cell densities
have been proposed to be advantageous when killing occurs by means of secreted lysing metabolites
and outer-membrane vesicles (OMVs) as this results in higher concentrations of killing agents in the
environment. Therefore, collective motion of many cells can increase the efficiency of killing. In
addition, the secreted products can be seen as public goods because their antimicrobial activity results
in the release of lysis products which provide a nutrient source for all surrounding cells, another sign
of cooperation.

Additionally, formation of multicellular fruiting bodies during the developmental cycle relies
on the cooperation between thousands of cells. The assembly of collective groups of cells requires
two quorum sensing signals. The A-signal functions as a monitor for local cell density and is produced
in response to starvation (Harris, Kaiser, and Singer 1998; Pathak, Wei, and Wall 2012)n the premature
stages of development (Harris, Kaiser, and Singer 1998; Pathak, Wei, and Wall 2012). Only when
sufficient levels of A-signal are detected in the environment, indicating that a minimally required
number of cells are in starvation, the expression of early-developmental genes is triggered (Kuspa,
Plamann, and Kaiser 1992b; Pathak, Wei, and Wall 2012). In more advanced stages of development,
cells cooperatively aggregate to form fruiting bodies, a process mediated by the C-signal, a morphogen
transmitted in the population by pole-to-pole cell-cell contacts (S. K. Kim and Kaiser 1990a; L. Jelsbak
and Sggaard-Andersen 2000; L. J. Shimkets 1999; Kruse et al. 2001; S. K. Kim and Kaiser 1990b).

Lastly, Outer Membrane Exchange (OME) is a cooperation mechanism complementary to the
ones directly influencing motility, predation, germination or fruiting body formation. OME describes
the process by which outer membrane (OM) components, such as OM lipoproteins, proteins, lipids
and putative signals, are exchanged between individual M. xanthus cells in a contact-dependent
manner through transient fusion of OMs between cells (Pathak et al. 2012; Vassallo et al. 2015; Dey
and Wall 2014; X. Wei, Pathak, and Wall 2011). OME can transiently restore motility in nonmotile
mutants by transferring functional motility proteins from motile cells to the mutants (J. Hodgkin and
Kaiser 1977; Nudleman, Wall, and Kaiser 2005; Wall, Wu, and Kaiser 1998), and heal cells showing
lipopolysaccharide defects (Vassallo et al. 2015). Even though the rescuing of damaged or mutant cells
by healthy cells seems to imply an unidirectional and altruistic process, OME is actually a mutual
cooperative behavior, as OME is a bidirectional process and moreover, healed cells can contribute to
group behavior (Pathak et al. 2012; X. Wei, Pathak, and Wall 2011; Nudleman, Wall, and Kaiser 2005).
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331 Cheating and policing

Heterogeneity in a population is oftentimes advantageous, but can also leave space for non-
producers or so-called social cheaters (G. J. Velicer, Kroos, and Lenski 2000; Fiegna and Velicer 2005).
Cheaters gain a fitness advantage over producers as they do not have the metabolic costs associated
with producing yet they reap the benefits of cooperation through the availability of public goods
(Gregory J. Velicer and Vos 2009). This leads to an increase of cheaters in the population over time
and finally, they will outcompete cells producing public goods eventually leading to the collapse of the
social structure (Fiegna and Velicer 2003). This is often referred to as the ‘tragedy of the commons’
principle (Rankin, Bargum, and Kokko 2007).

M. xanthus has a few mechanisms in place to presumably help prevent exploitation and
maintain a healthy population. The population can control public goods sharing by kin recognition (Sah
and Wall 2020; Cao et al. 2015), whereby cells only interact with genetically-closely related members
of a population and exclude non-kin. For example, the genetic variation between spores of the same
fruiting body is significantly lower as compared to the variation between spores of multiple fruiting
bodies isolated from soil, indicating that genetically related cells cluster together in space (Kraemer
and Velicer 2011; Vos and Velicer 2009). In fact, OME only occurs between kin and thus, cooperative
sharing of OM associated material is limited to related cells (Pathak et al. 2012, 2013; Cao et al. 2015).

Another mechanism that M. xanthus uses to limit exploitation is based on cell-cell surveillance
or policing. When repeatedly exposing a laboratory strain proficient in cooperative fruiting body
formation to a developmental cheater strain, the cooperative strain rapidly evolves by increasing
fitness in presence of the cheater and relative to the cooperative ancestor strain (Manhes and Velicer
2011). Additionally, the evolved strain enhances the ancestor productivity, and inhibits cheaters.
However, the mechanism by which this cell-cell surveillance happens remains to be elucidated.

21



4  Objectives

Over the last few decades, M. xanthus has become a popular model system to study bacterial
predation. The process of predation, and more specifically prey foraging and the gradual eradication
of prey colonies, relies heavily on surface colonization, which M. xanthus achieves by moving out of
their colony perimeter. Macroscopic qualitative studies of M. xanthus predation over E. coli have
shown that collective motion drives multicellular phenomena, such as rippling, during predation.
However, it remains unclear how single-cell motion behavior influences colony penetration and the
gradual percolation through the prey colony, and more specifically, what are the respective roles of
the adventurous (A-) and social (S-) motility systems in this process. Answering these questions was
the main goal of my thesis. For this, | developed four specific aims:

Aim1: Development of microscopy and image analysis method to track the dynamics of M. xanthus
and prey single-cells during predation.

To achieve this aim, | first established a classical predation assay in the lab in which a high-
density colony of M. xanthus is spotted at a millimeter distance from a high-density colony of E. coli.
Over time, M. xanthus cells move out of their original colony perimeter and invade the prey colony.
By carefully modulating the density of prey, | was able to create a prey colony, delimited by the
spotting perimeter, in which medium-sized (several tens of microns), 2D micro colonies (or islands) of
E. coli formed. Together, this allowed me to follow bacterial predation in a 2D high-throughput
microscopy assay.

Second, | developed a method for large-scale timelapse imaging with a high spatial resolution
to resolve single bacterial cells. We combined this with a 2D Artificial intelligence-based method for
automatic semantic segmentation, and with a method to reconstruct 2D trajectories of moving M.
xanthus cells. The development of such a high-throughput imaging modality and the downstream
segmentation and tracking analysis allows for the first time to focus on a very large region of interest,
exceeding the traditional Field-Of-View (FOV) size used for high resolution acquisition, while following
thousands of motile M. xanthus cells, even in denser swarms, as they travel through the prey colony.
The single-cell trajectory reconstruction method which | built enabled me to follow M. xanthus cells,
even in denser swarms. The complete imaging and analysis methodology is described in Chapter 1 of
the results section.

Aim2: Study of the roles of A- and S-motility systems during predation.

| used the method developed in Aim1 to study the role of the two motility systems during
predation. The fact that | was able to resolve single-cell masks and their respective trajectories in this
complex sample allowed me to look at bacterial predation from a data-driven perspective and
qguantitatively describe cell behavior. | focused on the predation forefront where the M. xanthus
colony protrudes towards unexplored prey colony regions. Overall, | found that different classes could
be described, and that the presence and functionality of some of these classes depends on the motility
system. | found that A-motile cells play key roles in driving predator advancement through the prey
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colony. And finally, | found that both motility systems play synergistic roles when it comes to predation
efficiency. These results are presented in chapter 2 of the results section.

Aim 3: Development of spatial transcriptomics to identify bacterial cell states during predation.

From microscopy timelapsing assays, a great variation of functionality and motion behavior
among M. xanthus cells can be observed. Additionally, a wide range of behaviors have been described
as well based on macroscopic-scale qualitative studies of the predation assay. To study whether this
behavioral diversity arises from cell specialization, as can be observed in eukaryotic systems, | set out
to explore the transcriptome of single M. xanthus cells in predating colonies. To do so, | developed a
workflow which allows me to label RNA species of interest in fixed cells while conserving the spatial
context of the cell in the colony. | validated this workflow by studying the transcriptomic levels of one
target RNA species, expressed under the promoter of the EF-TU gene, involved in translation and
associated with cell growth, metabolic activity and proliferation. The workflow optimization and the
results of target RNA species profiling are elaborated in chapter 3 of the results section.

Aim 4: Develop methods to probe whether A-motility can be controlled by external, non-biological
stimuli.

Finally, | explored whether A-motility driven M. xanthus cell motion can be influenced by non-
biological stimuli. More specifically, | aimed at understanding whether cell reversal, an important
event that M. xanthus cells use to alter their direction of movement, could be mechanically induced.
For this, | resorted to a correlative AFM-optical microscopy method allowing me to use the AFM tip to
mechanically probe A-motile M. xanthus cells and simultaneously image the cell response. This work
is described in chapter 4 of the results section.
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segmentation and single-cell tracking enables the study of M.
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Abstract

The ability of cellular motility that exists in various bacterial species is one of the main
characteristics that promotes survival by allowing rapid and efficient reaction to changes in the micro
environment. The gram-negative soil bacterium Myxococcus xanthus has been studied for decades as
a model organism for bacterial predation. By gliding over solid surfaces, a M. xanthus colony explores
its environment in search for nutrients. Once a prey colony is identified, M. xanthus cells penetrate
this colony while lysing prey cells. Over time, bacterial predation of M. xanthus over E. coli has been
studied extensively in macroscopic assays. However, this colony-wide process is thought to rely on
intercellular coordination between individual M. xanthus cells. Here we propose a large-scale
high-throughput microscopy-based approach which allows us to follow the process of predation with
high spatial and temporal resolution and over long periods of time. For this, we combine a deep
learning-based approach for semantic cell segmentation with a single-cell tracking approach, which
enables us to follow single cells for hours. This strategy will enable the quantitative characterization
of the macroscopic predation phenomenon with single cell resolution.



Introduction

Myxococcus xanthus is a gram-negative bacterium that lives in soil. To survive in this complex
ecosystem, it has developed a social lifestyle based on its capacity to move over a surface in a
collective and coordinated manner (Dworkin 1963; Zhang et al. 2012). This motility allows them to
seek prey in the environment (predation during vegetatve growth), or to induce collective motion
towards aggregation centers to form spore-filled fruiting bodies (developmental program)
(Mufioz-Dorado et al. 2016). Both phenomena, predation and fruiting body formation, exceed the
length scales of the single cell and arise from the strong coordinated dynamics of individual cells
(Zhang et al. 2012). The process of predation occurs in several phases: i) exploration of the
environment in search for nutrients, ii) identification of prey, iii) progression of swarms containing
dozens of cells towards prey, iv) killing of the prey and v) take-up of nutrients (Keane and Berleman
2016). The occurrence of these cellular behaviors suggest that they all contribute to successful and
efficient predation. However, it remains unclear how and to what extent intra- and intercellular
behaviors affect this complex process.

Due to experimental and technical constraints, it has been challenging to study single cell
behavior within the macroscopic context of bacterial predation. First, bacterial predation between
M. xanthus and E. coli is a colony-phenomenon that exceeds the length scales accessible with
high-resolution microscopy imaging. Therefore, it is challenging to capture an area that is large
enough to provide indispensable context while being able to resolve single bacterial cells. Second,
even if a large area could be microscopically captured, cells in a predation context have a tendency to
be densely packed. Most M. xanthus cells associate themselves to form swarms, and E. coli cells form
microcolonies or islands. To automatically detect cells in such dense areas is challenging with classical
methods, such as intensity thresholding and watershed. Even though a number of softwares for cell
segmentation, such as SuperSegger (Stylianidou et al. 2016), Oufti (Paintdakhi et al. 2016) and the
Microbe) plugin for Imagel (Ducret, Quardokus, and Brun 2016), became available over time and are
very performant in a specific range of experimental conditions, these methods do not provide
sufficient segmentation performance when the imaging mode varies (e.g. brightfield acquisition
instead of phase-contrast), cells are too densely packed or species are intermixed. Recently, however,
an artificial intelligence based solution for semantic cell segmentation of complex microbial
communities was proposed (Panigrahi et al. 2021).

Finally, predation is a dynamic process, where M. xanthus cells are continuously gliding and
E. coli cells disappear over time as a result of prey cell lysis due to M. xanthus killing. The study of
single cell behavior in this context would ideally require a method that can follow single cells over
time. This not only implies a single-cell resolving timelapsing imaging method, but also implies an
adequate tracking method. SuperSegger, for example, is able to track bacterial growth in micro-sized
stationary colonies over time (Stylianidou et al. 2016). M. xanthus cells, however, actively glide and
thus, tracking of those cells requires alternative methods. Tracking of isolated or small groups of cells
is often done with MicrobelJ (Ducret, Quardokus, and Brun 2016), but other methods were proposed
to track M. xanthus cells as well (Chen, Alber, and Chen 2016; Liu et al. 2012). Most of these methods
do not fit the experimental conditions we used to image the predation sample over time.

Here, we designed a workflow enabling us to provide an answer to these challenges. First,
we developed a high-throughput microscopy-based method combining brightfield and fluorescence
imaging that allows us to image a large area of the predation sample over time. To do so, a
hardware-accelerated, automated microscope was implemented for the acquisition of the predation
process with high spatial and temporal resolutions. Additionally, we developed a deep-learning
approach for semantic cell segmentation of densely packed and multispecies regions. Lastly, we built
a tracking method that allows us to efficiently follow motile M. xanthus cells, either as solitary cells
or in densely packed regions, in the experimental timescales used for imaging.



Results
Workflow

Preparation of the predation assay

The predation assay was constructed as was described before by Berleman and colleagues
(Berleman et al. 2006). In short, a colony of M. xanthus was spotted at a millimeter distance from a
colony of E. coli on a hard agar surface of 1,5% (Fig. 1A). Over time, M. xanthus cells migrate out of
the original colony perimeter in search for nutrients. When the E. coli colony is reached, M. xanthus
penetrates the prey colony, creating a predation zone, and lyses prey cells in the E. coli islands. To be
able to rely on 2D cell segmentation and tracking, we ensured that the density of E. coli was low
enough so that 2D microcolonies (or islands) were formed and did not contain multiple layers.
Generally, the sample was imaged after 48-72 hours of initial spotting of the colonies, which
corresponds to the M. xanthus cells having advanced halfway through the prey colony. To limit any
background signal during high resolution fluorescence imaging, the agar pad was made as thin as
possible with an Ultrapure agar (Invitrogen).

Mosaic approach for large area imaging

To image a large region of interest (ROI) of the forefront of the predation assay, exceeding
the size of the field of view (FOV) allowed by the microscope, a mosaic imaging approach was used
(Fig. 1B). The ROI was constructed by acquiring 3-by-3 tiles of 2048x2048 pixels (pixel size calibrated
to 106 nm), with each tile corresponding to the FOV size captured by the s-cmos camera. These tiles
were imaged in a serpentine pattern to minimize stage displacement between successive images. For
each tile, a 3D z-stack was simultaneously acquired in the brightfield channel and in the fluorescence
channels, that minimally included the fluorescence signal emitted only by E. coli cells necessary for
semantic cell segmentation. To account for possible tilt in the sample or for agar pad deformation,
the z-stack spanned 1.5-2.5um (7-9 planes, interspaced by 250-300nm) so that each bacterial cell
could be captured in focus. An imaging cycle, corresponding to one time point in the timelapse, was
completed when all z-stacks for each of the 9 FOVs were acquired in both brightfield and
fluorescence modes. Live axial drift correction based on the reflection of an IR laser beam (785 nm)
allowed us to maintain the focus during the course of the experiment (>6h). By repeating the 3x3
mosaic imaging cycle, a time lapse of a large area of the predation assay was constructed ~600x600
pum). This fully-automatic acquisition was performed on a microscopy set-up optimized for speed,
allowing to complete a full imaging cycle in ~35 s. This imaging speed is important to ensure that the
semantic masks from the same cell acquired at consecutive time points could be linked together (see
below). As the single-cell tracking approach used to follow motile M. xanthus cells for hours relies on
connecting cell masks over time, therefore it is essential that some overlap between masks is
maintained between consecutive acquisitions. As M. xanthus cells move on average 3.8-5.0 um/min
(Spormann and Kaiser 1995), and their cell length is on average 4-5 um (Patra et al. 2016), this
implies that a cell on average moves approximately 50% of its cell length in 35 s. Generally, 700
imaging cycles were acquired per experiment, corresponding to 6.5 hour long acquisition and at least
12600 z-stacks (700 Imaging cycles * 9 ROIs per Imaging cycle *2 z-stacks (brightfield and E. coli
fluorescence) per ROI).

Image pre-processing

Pre-processing involved the conversion of 3D stacks to 2D images, the input for semantic cell
segmentations (Fig. 1C). To convert the z-stacks of the E. coli fluorescence to a 2D image, the z-stacks
were deconvolved (Huygens, SVI) and a standard deviation image was calculated from all planes. The
3D to 2D conversion of the brightfield stacks was more complex, as the in-focus plane could vary in a
FOV due to sample tilt and deformations in the agar pad. To account for this, each 2048x2048 pixels
FOV was divided into 4-by-4 512x512 pixels sub-images. For each of those sub-images the in-focus



plane was found based on image contrast and sharpness and retained to reconstitute an in-focus 2D
image. This process was repeated for all FOVs in the timelapse, creating 12600 2D images.

Semantic segmentation of M. xanthus and E. coli cells

To extract single cell masks and classify them as either E. coli cell or M. xanthus cells, we
relied on a deep learning approach (see section below) which uses for each FOV the corresponding
2D brightfield image and the 2D E. coli fluorescence image as inputs, and outputs a semantically
segmented image (Fig. 1D). The output image contains for each pixel a confidence value indicating to
which class the pixel belongs to.

Reconstructing the large area image

The next step involved the assembly of 3x3 mosaics by tiling (Fig. 1E). Each image (i.e.
2048x2048 pixels image) was acquired with a theoretical overlap of 200 pixels with its neighbouring
images. We used image cross-correlation to find the pixel-precision overlap between any two
neighboring images (Python package scikit-image). When tiling the mosaic together, a smooth
transition between images in the overlap region was ensured by using an alpha blending method
with a decreasing transparency gradient. Once the large 3x3 tiled image was constructed, a drift
correction was applied. This offset was calculated by cross correlating the E. coli segmented image of
the middle FOV (time t=n) with respect to the reference middle FOV of the first image (time t=1).

Post-processing of M. xanthus masks

After image post-processing, the M. xanthus masks in this large image are post-processed to
get a binary image containing only the masks corresponding to single M. xanthus cells (Fig. 1F). In the
first step of mask post-processing, pixels with high confidence values are retained. Then for each
mask, the neighboring pixels with gradually lower confidence values are evaluated. Pixels with lower
confidence are retained only when the mask area does not increase more than 5%. If the mask area
increases more than 5%, it is assumed that these pixels fuse neighboring cell masks and therefore,
the pixels are rejected. The output of this pixel selection procedure is a binary image with
4-connected M. xanthus cell masks. These masks are then filtered for size, rejecting all masks with an
area lower than 100 pixels. This ensures that wrongly assigned E. coli masks, which are smaller than
M. xanthus cells, are rejected as much as possible from the segmented image. Additionally, a filtering
was applied to reject fused cell masks which could not be detected in the pixel selection step. As M.
xanthus are rod-shaped cells, their backbone should represent a line without any branchpoints. This
was used to detect and reject mask fusions by calculating the backbone of all masks and detecting
cells with branch points in their backbones. Furthermore, pole-to-pole mask fusions were detected
by calculating the tortuosity of the mask. The tortuosity is defined as the ratio between the length of
the backbone and the distance between its endpoints, and is thus a measure for the curvature of the
mask. The mask was rejected when this ratio exceeds the threshold of two. The masks that were
retained after mask post-processing were used to reconstruct single-cell trajectories.

Building single cell trajectories

We developed a single-cell tracking approach in which M. xanthus masks are connected over
time (Fig. 1G). For solitary cells, this is a straightforward approach as we can rely on the overlap of
masks between consecutive time points. However, for cells in dense groups, such as swarms, this is
more complicated. To deal with cells in these dense regions, we rely on the parameters of the cell
masks, including the overlap of masks in time, the cell length and the mask area, and a ranking
approach to reconstruct the trajectories. This approach allowed us to follow several thousands M.
xanthus cells migrating between E. coli islands during predation (see below).



Al-based semantic segmentation
The training database

The semantic segmentation approach that we used to segment the multispecies images was
based on a convolutional neural network (CNN) with a U-net architecture implemented in MATLAB.
Important for this CNN to properly classify pixels is the training of the network with ground truth
data. The ground truth image database must contain representative data for different experimental
conditions. For the predation assay, this means that we need to include images with high
concentrations of M. xanthus (such as in M. xanthus swarms), of E. coli (such as in E. coli islands) and
of both. Additionally, images where both species can be found in very close proximity to each other
and even intermixed were also included in the training data set.

From experiments, 40 260x260 pixels images were selected satisfying the criteria described
above (Fig. 2A). These images were manually annotated for five classes: i) background, ii) M. xanthus
body, iii) M. xanthus contour, iv) E. coli body and v) E. coli contour. The cell contour of cells in densely
packed regions was allowed to overlap and was included as a distinct class as this forced the network
to physically separate single cell bodies. From these 260x260 images, training images of 128x128
pixels were sampled. The robustness of the semantic segmentation of input images with varying
focal planes was increased by augmenting the training database with out-of-focus training images. In
an additional data augmentation step, the 260x260 image was rotated 45° to create a 182x182 pixels
image from which a number of additional training images were sampled. The corresponding
out-of-focus images were again included in the training database. This process was repeated for all
40 260x260 pixels images and resulted in a large, diverse and representative training image database
consisting of the sampled annotated images and its corresponding brightfield and E. coli fluorescence
images. Finally, an automatic data-augmentation step was applied on all images in the training
database, including image flip and noise addition.

Semantic segmentation with five independent U-nets

This training database was used to train the U-net. The performance of the trained network,
defined by the ability of a network to accurately classify a pixel to a class, was evaluated in a
validation step in which a subset of the training database is used and in which a Normalization
Confusion Matrix is constructed (Fig. 2B). This matrix represents how well the network predicts the
class of a given pixel with respect to the ground truth, and thus indicates the degree of correctly
assigned classes. The network was able to accurately assign the classes Background, M. xanthus body
and E. coli body. The assignment of the M. xanthus contour and E. coli contour classes were more
challenging and were often intermixed with the respective cell body class or the background. This
does not pose an immediate problem, as the classes for cell contour were only included to well
separate masks in regions where bacteria were densely packed. However, it is imperative for the
single-cell tracking to segment masks of single cells and avoid fusion of masks. Therefore, we
adopted a strategy in which five networks were independently trained. Each network used a
2048x2048 pixels in-focus 2D brightfield image and the corresponding 2D standard deviation
deconvolved fluorescence image of E. coli as input (Fig. 2C). Each of these five networks semantically
segment the input data, resulting in an output image with a confidence value ranging between 0 and
5 for assignment of the pixels to each of the classes. This strategy allowed us to converge to an
accurate result for which limited post-processing of the segmented masks was required for further
analysis.

Single-cell tracking

After post-processing, each M. xanthus mask was assigned a unique cell identifier (ID).
Single-cell trajectories were then reconstructed by connecting the unique cell IDs of masks over time.



The single-cell tracking approach that we developed consists of three distinct stages: i) pairwise
tracking, ii) filtering pairwise tracking and iii) track reconstruction (Fig. 3).

In the first stage of the tracking, a pair-wise approach was used to connect the masks in
consecutive images in time, creating pairs of linked masks (Fig. 3A). This was done by selecting for
each mask at time t the possible candidate masks at time t+1. Candidates are selected based on the
enlarged bounding box of the mask of interest (t), knowing that M. xanthus cells will only be able to
move at most a few micrometers in the time separating two consecutive frames. Then, for the mask
of interest (t) and the candidates (t+1), the cell length, the mask area and the overlap of the mask (t)
and each candidate (t+1) was calculated. These parameters were used in Analytical Hierarchy
Processing, an algorithm for analyzing complex decisions and ranking alternatives from most to least
suitable (Saaty 1986). Here, this algorithm was used to rank the candidates (t+1) from most to least
likely to represent the same cell and thus, to be connected to the mask of interest at time t. This
process is repeated for all masks at time t and results in the pairwise connection of unique cell IDs at
times t and t+1. When only one candidate at time t+1 can be selected, for example in regions where
M. xanthus cells are not very dense, this cell was automatically connected to the mask of interest at
time (t). When no candidate at time (t+1) can be selected, the track was stopped.

In regions where cells are densely packed, multiple assignments of the same candidate can
frequently occur. This means that for two or more masks at time (t) the same candidate at time (t+1)
was ranked most suitable for connecting to the mask. Such multiple assighments were filtered out
and a reverse pairwise tracking was performed, meaning that the optimal mask at time (t) will be
selected to connect to the multiple assigned candidates at time (t+1) (Fig. 3B). This finally resulted in
unique pairwise connections for each pair of consecutive images over time.

Finally, all pairs of connected masks were linked to each other, so that the full tracks were
reconstructed and could be visualized (Fig. 3C).



Discussion

In this article, we propose an imaging, cell segmentation and tracking framework for the
study of predation of M. xanthus on E. coli. Our high-throughput, high resolution microscopy method
allows the acquisition of large imaging areas in a timelapse manner by employing a mosaic imaging
scheme. We propose a deep learning-based semantic segmentation approach for the reconstruction
of single-cell M. xanthus and E. coli masks. And finally, we present a method that enables the
tracking of motile M. xanthus cells. Additionally, we show that pre-processing of images for semantic
segmentation and post-processing of masks for tracking is limited, which diminishes computational
time and resources for the analysis of these large datasets.

The workflow proposed here allowed us to overcome several challenges that occur when
dealing with complex samples such as the predation assay. First, mosaic imaging allows the
visualization of extensive areas without sacrificing resolution and thus, thousands of predator and
prey cells can be observed in their spatial context (position within the community). Mosaic
approaches have been proposed before, mostly for the imaging of large biological specimens such as
tissue slices (Chow et al. 2006; Price et al. 2006) and are often incorporated in commercial
microscopes. Adding a time component, rendering the large-scale imaging modality dynamic,
however, is more complicated. Depending on the movement patterns one wants to study, a certain
imaging speed needs to be respected. In the case of motile M. xanthus cells, we defined a maximal
interval of approximately 35 s between two consecutive frames to accurately track single cells. To
respect this time constraint, we resorted to an in-house developed fully-automated
hardware-accelerated microscope. Additionally, fast mosaic acquisition is desired for the time
correlation of tiles in dynamic samples.

Second, we developed a deep learning based method for cell segmentation as traditional
methods did not suffice to accurately generate binary masks in densely packed regions, e.g. E. coli
cells in microcolonies or M. xanthus in swarms. Interestingly, the field of deep-learning based
segmentation applied to biological problems is a fast developing field of research, with increasing
numbers of publications and a multitude of accessible and even open-source packages coming out
(Hallou et al. 2021; Greener et al. 2021). Here, we used a semantic segmentation approach based on
a U-net trained to classify pixels to background, to M. xanthus body or contour, or to E. coli body or
contour. Building the training image database containing ground truth images was a straightforward
process, however, manual annotation of images can be quite laborious. Despite the fact that U-nets
are reported to require less large training databases, a variety of representative example images of
experimental conditions needs to be included (Falk et al. 2019). Data-augmentation methods provide
a solution to minimize the amount of human input (Shorten and Khoshgoftaar 2019). An additional
challenge when working with fully-automated microscopy systems is that the optimal focal plane
cannot be selected manually but is determined by an autofocus system. To make the segmentation
robust for images with varying focal planes, we included out-of-focus images to the training
database.

Lastly, we exploit the timelapse data by reconstructing single-cell trajectories of motile M.
xanthus cells. By using a ranking approach for complex decision making (Saaty 1986), we were able to
track cells relatively efficiently in solitary states, small groups or dense swarms.

Taken together, this workflow opens the door for the quantitative study of bacterial
predation of M. xanthus on E. coli. However, we predict that this workflow is easily transferable to
different complex and multispecies systems which require the dynamic study of its bacterial
components.
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Methods
Bacterial strains

The bacterial strains used in this work can be found in the table below.

Strain Genotype Strain origin

E. coli HU-mCherry MG1655 HU-mCherry Espeli laboratory collection
M. xanthus DZ2 wildtype Mignot laboratory collection
M. xanthus DZ2 pSWU19-pm3068-sfGFP Mignot laboratory collection
cytosolic-sfGFP

Bacterial cultures

E. coli cells used in predation assays were grown overnight in 10 ml Luria-Bertani (LB)
medium at 32°C under agitation (200 rpm). To ensure that E. coli cells were in exponential phase
after overnight growth, a 1:10 dilution of the starter culture was made in fresh LB medium and
incubated for approximately four hours.

M. xanthus cells were grown overnight in 10 ml Casitone Yeast Extract (CYE) rich medium as
was described before (Bustamante et al. 2004) at 32°C under agitation (200 rpm), supplemented
with antibiotics (Ampicillin 1 pg/ml) when necessary. Cells were harvested when the OD,, reached
0.1-0.5.

Predation assays

Bacterial predation was established in laboratory conditions by setting up a predation assay.
In short, E. coli and M. xanthus cells were harvested from the LB and CYE media, respectively. Cells
were concentrated by centrifugation on a tabletop centrifuge at 2100 g for 5 min at room
temperature and resuspended in CF medium (10 mM MOPS (pH 7.6), 1 mM KH,PO,, 8 mM MgSO,,
0.02% (NH,),SO,, 0.2% sodium citrate, 0.015% bacto casitone peptone). M. xanthus cells were
concentrated to an ODgy, of 5, E.coli cells were concentrated to an ODg,, of 0.005. Cell suspensions of
1 ul were spotted at close distance of approximately 1 mm on CF 1.5% agar pads supported on a
coverslip.

The agarpads used for time lapse imaging were made with ultrapure agar (UltraPure Agarose
1000, Invitrogen) to limit autofluorescence by impurities in the agar solutions. Pads were made by
pipetting 550 pl of melted agar onto a 25mm coverslip and by placing a second coverslip on the drop
of agar, allowing the latter to solidify between two flat surfaces. Once the agar pad was made, the
top coverslip was removed and the agar was cut to a diameter of 20 mm.

The prepared predation assays were then placed onto a layer of CF 1.5% agar in a petri dish
and the petri dish was closed with parafilm to avoid agar pad evaporation and drying. Samples were
incubated 24h to 48h on 32°C to allow M. xanthus cells to invade the E. coli colony.

Microscopy

Fast time lapse and hubble imaging were done on a homemade fully-automated
hardware-accelerated wide-field epifluorescence microscope built on a RAMM modular microscope
system (Applied Scientific Instrumentation). Samples were imaged using a 60x Plan-Achromat
water-immersion objective (NA = 1.2, Nikon, Japan). The objective lens was mounted on a
closed-loop piezoelectric stage (Nano-F100, Mad City Labs Inc. - USA). lllumination was provided by a
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brightfield illumination source and 2 lasers (OBIS-488 nm and Sapphire-LP-561 nm, Coherent — USA).
Images were acquired using a sSCMOS camera (ORCA Flash 4.0V3, Hamamatsu — Japan), with a final
pixel size calibrated to 106 nm. A custom-built autofocus system was used to correct for axial drift in
real-time and maintain the sample in focus. Software-controlled microscope components, including
camera, stages, brightfield illumination and lasers were run using a custom-made software package
developed in LabView 2015 (National Instrument).

Fast time lapse imaging

For imaging of the predation assay, the sample was covered with an imaging coverslip. The
imaging coverslip was washed consecutively with acetone, Milli-Q water, 70% ethanol (v/v) and
Milli-Q water, and flamed to remove any fluorescence impurities and residues. The coverslip was
cooled down to room temperature and placed hermetically on the sample while avoiding bubbles
between the sample and the coverslip. The sample was mounted in an attofluor and onto the
microscope for imaging. A region of interest spanning an area of approximately 0.36 mm? was
selected. This large area was imaged by constronstructing a mosaic patchwork of 3 by 3 fields of view
(FOVs) or mosaic tiles of 2048x2048 pixels, each theoretically overlapping with 200 pixels. An imaging
cycle, in which the 3-by-3 mosaic was imaged by sample displacement following a snake-like pattern,
was thus made up of 9 consecutive acquisitions. For each FOV, a 3D-stack was acquired to account
for sample tilt in brightfield and in the fluorescence channel of 561 nm for E. coli carrying a
HU-mCherry fusion. An additional fluorescent channel was added for M. xanthus when the used
strain was carrying a fluorescent protein as well. A 3D-stack was generally made up of 7-12 planes
interspaced with 250-500 nm. Exposure times were set at 50 ms. The laser powers used were kept at
low intensity to limit phototoxic effects on the live cells during time lapse acquisition. Brightfield
illumination was attenuated with a neutral density filter with optical density two. Imaging cycles
were generally completed in 30-40 seconds and were repeated 700 times to construct an hours-long
time lapse series of the mosaic area.

Treatment of fast time lapse data

To increase imaging speed, all images from one imaging cycle were pooled into one DCIMG
file. First, the DCIMG files were converted to tiff files with software from Hamamatsu and sorted for
each FOV, channel and time point. Tiff images of the fluorescent channel of E.coli were deconvolved
with Huygens Professional version 20.04 (Scientific Volume Imaging, the Netherlands, https://svi.nl/).
Deconvolved E. coli stacks were z-projected by calculating the standard deviation. 3D brightfield
stacks were converted to 2D images by dividing each stack in 16 ROIs of 512x512 pixels, selecting
automatically or manually the in-focus plane for each ROI and restitching the 16 ROls. The code for
calculating the in-focus brightfield image (im_straighter_FTL.m or im_straighter_FTL_manual.m) can
be found in https://github.com/jbfiche/DCIMG_to_TIFF_conversion/tree/master/Fast_TL_windows.
2D brightfield and E. coli fluorescence images were used as input for an in-house developed MATLAB
code using a convolutional neural network with U-Net architecture for semantic segmentation
(Ronneberger, Fischer, and Brox 2015; Van Valen et al. 2016). Semantic segmentation was performed
with five independently trained networks to converge towards a high confidence result, outputting
an image with pixel values representing the pixel assighment confidence to a given class. The code
for semantic segmentation (Reconstruct_image FCN_FTL.m) can be found in
https://github.com/jbfiche/Deep_Learning_segmentation/tree/Myxo_segmentation_predation_fluo
_Unet/For_image_reconstruction.

Segmented images were then used to reconstruct the mosaic image by tiling the 9 images.
Exact image overlap for tiling was calculated by image-based pixel-resolution cross correlation. Drift
in time was corrected by aligning the mosaic images based on cross correlation calculated from
segmented images of stationary E. coli microcolonies. M. xanthus segments from mosaic images
were post-processed to reduce segmentation artefacts. In short, binary masks were generated from
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the masks by exploiting the assignment of confidence values, masks were filtered for size and finally,
tortuous masks and fused masks were rejected. E. coli masks were post-processed to avoid overlap
between E. coli and M. xanthus masks and filtered for size to reject isolated pixels. The code for

cross-correlation calculation (Mosaiclmages_CC_BFNormalized_MyxoSegmented.py and
Mosaic_DriftCorrection_GlidingRef MiddelROI5.py), and tiling, drift correction and mask
post-processing (function_DriftCorr_MosaicTiling_Ecoli.m) can be found in

https://github.com/SaraRombouts/ProjectFTL_Predation.
Single cell tracking

Single cell trajectories were reconstructed with an in-house developed MATLAB pipeline. For
each timepoint in the time lapse image series, pairwise tracks were constructed between cells in
frame k and cells in frame k+1. Briefly, the enlarged bounding box of the cell mask in frame k was
utilized to select a number of possible candidates in frame k+1. Ultimately, the optimal candidate
was found by ranking the candidates with Analytical Hierarchy Processing (AHP) (Saaty 1986) based
on several parameters of the masks including cell area, cell length and mask overlap area between
the cell and its candidates. To correct for multiple assignments of a candidate, an inverse AHP
approach was used in which the optimal cell from frame k was selected for the candidate of frame
k+1. Finally, pairwise tracks over all timepoints were combined to form complete single cell
trajectories. The code for single-cell trajectory reconstruction (function_Tracking_TiledMosaic.m) can
be found in https://github.com/SaraRombouts/ProjectFTL_Predation.
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Figure Legends

Figure 1: Workflow of the proposed method for large area time lapse imaging, semantic
segmentation and single-cell tracking.

A) Sample preparation of a predation assay. A colony of M. xanthus (yellow) is spotted at a
millimeter distance from a colony of E. coli (blue) on a hard agar surface. This sample is then
incubated for 48-72 hours before imaging the forefront of the predation zone (red boxed area).

B) Mosaic imaging of the predation forefront. The region of interest (ROI) is imaged by dividing it
into a 3-by-3 mosaic made up of 2048x2048 pixels Field Of Views (FOVs). For each FOV at least two
z-stacks are acquired, one for the brightfield channel and one for the E. coli fluorescence channel.
The acquisition of each mosaic FOV with its corresponding z-stacks acquired in a snake-like pattern
makes up an imaging cycle. By repeating the acquisition of imaging cycles, a timelapse is constructed
of the large ROI.

C) Pre-processing of the z-stacks into 2D images. The E. coli fluorescence z-stack is deconvolved and
a 2D standard deviation image is calculated from the deconvolved z-stack. The brightfield z-stack is
divided into 4x4 small ROIs, and for each small ROl the in-focus plane is selected. A 2D in-focus
brightfield image is reconstituted by retaining all selected planes. Scalebars = 20 um.

D) Semantic segmentation of E. coli (blue) and M. xanthus (yellow) with a deep learning based
method. A semantically segmented image is calculated from the 2D fluorescence and brightfield
images for all FOVs in all imaging cycles of the timelapse. Scalebar large image = 50 um, scalebar
zoom =20 um.

E) Image post-processing to reconstruct the large ROl and to drift-corrected over time. By
calculating the cross correlation of the overlap region between neighboring FOVs, their
corresponding pixel-precise positioning in the mosaic can be determined. After the tiling of the
mosaic, a drift correction is applied based on the cross-correlation between the middle FOV at time t
with the middle reference FOV reference at time t=1.

F) Post-processing of the masks to reject all improper masks. Raw output M. xanthus masks of the
semantic segmentation are first converted to a binary image based on their confidence values, masks
are then filtered for size and finally fused masks are rejected based on backbone branch points and
tortuosity. Scalebars = 20 um.

G) Single-cell tracking of motile M. xanthus cells. Trajectories are reconstructed by connecting the
M. xanthus cell masks over time (left) Scalebar = 5 um. This tracking method allows us to reconstruct
thousands of tracks in a tiled mosaic (right) Scalebars = 50 um.

Figure 2: Semantic segmentation with MATLAB-based U-net algorithm.

A) Example annotated image for the set-up of the training image database. From a 260x260 pixel
image annotated for the ground truth, a number of training images (128x128 pixels) were sampled.
For each sampled training image, several out-of-focus brightfield and fluorescence images were
included as well. The 260x260 pixels image was then 45° rotated from which additional training
images were sampled. Out-of-focus brightfield and fluorescence images were included again.
Scalebars = 5 um.

B) Normalized Confusion Matrix for a trained U-net. From this matrix, the accuracy of pixel
assignment to a given class predicted by the trained network is evaluated by comparing it to the
ground truth.
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C) Semantic segmentation of experimental input images. The input for the U-net are a 2048x2048
pixels brightfield and its corresponding fluorescence image. Segmentation is performed by five
independently trained networks that output an image containing the confidence value for all pixel
assignments for each class. Scalebars = 50 um.

Figure 3: Schematic of single-cell tracking approach.

A) Pairwise tracking to connect all masks at time t to their corresponding masks at time t+1. For
each mask at a given time point (time t), candidate masks for connection are selected in the
consecutive time point (time t+1) based on the bounding box of the mask (t). For the mask (t) and
candidates (t+1), three parameters are calculated: i) the cell length based on its backbone, ii) the cell
area and the overlap between the mask (t) and iii) the mask of the candidate (t+1). These parameters
are the input for the Analytical Hierarchy Processing (AHP) which rank the candidates from most
suitable to least suitable for connection and finally. This process is repeated for all masks (t) and
results in a list of pairwise connections.

B) Filtering and correction of multiple assignments in pairwise connection lists. To account for
multiple assignments of a candidate, a reverse AHP step is included in which the most suitable mask
(t) is selected for the candidate (t+1). The list of pairwise connections is then corrected, for masks (t)
that were not selected in the reverse AHP the trajectory is stopped.

B) Full track reconstruction. From the lists containing pairwise mask connections for all timepoints,
the full tracks can be reconstructed over the full length of the timelapse. Scalebar = 50 um.
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Abstract

Collective organisms in nature are capable of a wide range of motility patterns to find food,
reproduce or avoid predation. Importantly, the motility characteristics of individuals must be flexible
and efficiently transmitted from the individual to the scale of the population to quickly adapt to
environmental changes. Remarkably, multicellular systems can also display collective movement to
achieve similar goals. Myxococcus xanthus, a soil predatory bacterium, assembles multicellular
biofilms to collectively predate on other microorganisms. To achieve this, M. xanthus uses two
genetically-independent motility molecular machines. Adventurous (A) motility drives the movement
of individual cells to forage, while social (S) motility powers the collective motion of large groups of
cells behind the invasion front. Here, we investigated the roles and interplay between these motility
systems during M. xanthus predation by developing a novel multiscale cell-tracking method to follow
single prey and predator cells in dense biofilms over extended time periods and areas. We found that
foraging groups comprise both A- and S-motile cells, with A-motility being key to increase foraging
area, ensure directional movement, and form trails. Surprisingly, A-motile cells were frequently
present in large multicellular groups and their presence drastically affected their dynamic behavior.
As a consequence, collective cell groups failed to follow trails efficiently, resulting in a diminished
performance. Finally, we show that the synergistic action of A- and S-motile cells within collective
groups led to increased prey killing. Together, our results show how individuals coordinate the
collective behavior of specialized groups of cells and synergistically enhance colony adaptation and
efficiency of predation.



Introduction

Collective movement is employed by many organisms, including fish, birds and ants, for the
rapid exploration and predation of local resources (“Collective Motion” 2012). Remarkably,
multicellular systems can also display collective movement to achieve similar goals. For instance,
neutrophils swarming to kill invading microorganisms (Chtanova et al. 2008; Urban and Backman
2020; Kienle and Limmermann 2016), and bacterial predation within the gut microbiota (Kern et al.
2021) or in natural ecosystems (Thiery and Kaimer 2020).

Myxococcus xanthus is a social bacterium that assembles multicellular biofilms (swarms) to
collectively hunt and attack other microorganisms, including bacteria, fungi and yeast by a wolf-pack
mechanism (Kaiser 2003; Mufioz-Dorado et al. 2016; Mercier and Mignot 2016; Thiery and Kaimer
2020). To achieve this aim, M. xanthus cells glide over solid surfaces by two independent motility
mechanisms (Kaiser 2003; Nan and Zusman 2011). Social (S-) motility pulls cells forward by extending
and retracting Type IV pili (Merz et al. 2000; Skerker and Berg 2001), whereas Adventurous (A-)
gliding assembles a multicomponent focal adhesion engine powered by proton-motive force to
propel the cell (Mignot et al. 2007; Faure et al. 2016). Notably, since their discovery (Hodgkin and
Kaiser 1977), A- and S-motility were thought to specialize in entirely different tasks: A-motility in
driving the movement of single cells at the colony edges (Kaiser 2003; Mercier and Mignot 2016),
and S-motility in promoting the multi-cellular, coordinated movement of cells within swarms (Kaiser
1979; Muiioz-Dorado et al. 2016; Mercier and Mignot 2016). More recently, A-motility and
contact-dependent killing were shown to be necessary for prey colony penetration (Seef et al. 2021).
However, the specific roles, added values, and possible synergies of these motility systems during
predation are unknown.

Here, we investigated the roles of each of these motility mechanisms during Myxococcus
predation by developing a novel high-throughput method to track single prey and predator cells in
dense biofilms over extended periods, with high temporal and spatial resolutions. This technology
allowed us to detect four multicellular groups of cells with distinct properties. Notably, we found that
A-motile cells are present in all multicellular groups, including swarms, and are required to ensure
their directional movement. In addition, A-motility within multicellular groups was needed for their
ability to create and to follow trails during predation. Finally, efficient prey killing required the
synergistic action of both A- and S-motilities.



Results
Monitoring dynamics of predation at single-cell resolution

We were interested in studying the dynamics of bacterial predation with single-cell
resolution. For this, we implemented a time-resolved version of bactoHubble, an imaging-based
method that enables visualization of whole bacterial communities with single-cell resolution
(Panigrahi et al. 2021). For our implementation, we built a robotized microscope able to acquire 3D,
multiple-color images of large areas at diffraction-limited resolutions for long time periods (~hours)
(Fig. 1A). Three-dimensional acquisitions enabled correction of axial drift and compensation of axial
deformations in the substrate by adaptive reprojection, which produced in-focus 2D images
(Methods). To cope with this high acquisition throughput —over ten thousand images per
experiment— we implemented a deep learning automatic semantic segmentation approach coupled
to an algorithm that links cell masks at different times to enable the retrieval of single-cell
trajectories in 2D over long periods (~7 hours) (Fig. 1B) (Methods, and Rombouts et al., in
preparation).

Next, we used a two-pronged approach to retrieve spatial organization information from
semantic, single-cell segmentation of prey and predator (Fig. 1C). First, we produced a Voronoi
tessellation based on the middle points of the backbones of each M. xanthus mask (Fig. 1D, and
Methods). Thus, the area of the polygon associated to each cell mask provided a proxy for local cell
density: M. xanthus cells with large voronoi areas were relatively isolated from other M. xanthus
cells, whereas cells associated with small voronoi areas were located in high cell density regions (Fig.
1D, arrows). Second, we partitioned groups of M. xanthus cells into clusters by linking together cells
located in close spatial proximity (Fig. 1E, and Methods), and calculated the number of cells in each
cluster and its size. These cluster statistics were associated with voronoi local density measurements
to quantify the local environment of each single M. xanthus cell at each specific time during
predation.

By representing each M. xanthus cell by its density and cluster size, we observe that single
cells tend to scatter along an L-shaped, continuous distribution (Fig. 1F). From this distribution, we
defined four cell classes (Fig. 1G): (1) scouts are small groups of cells (1-20) isolated from the main
colony, typically localizing ahead of the forefront of the invading wave; (2) swarm cells lie within large
cell clusters (>600 cells) and are always closely packed with other cells; (3) loners form small clusters
of only 1-2 cells and lie close to the colony forefront; and (4) rafts form smaller clusters than swarms
and occupy busy regions in proximity of the forefront. The full significance of this classification
emerges when the behavior of A- or S- mutants during E. coli predation are explored.

Loss of S-motility (A+S-, ApilA) led to colonies displaying scouts, loners and rafts, but not
swarms (Fig. 1H, blue arrow), consistent with the classical result of Hodkin (Dale Kaiser 2003). In
contrast, loss of A-motility (A-S+ AGItJ-Nter222) produced communities with scouts, loners, rafts and
swarms, similar to wild-type (Fig. 1lI). This result seems in contrast to the classical view by which
A-motility is required to produce isolated single cells (Mufioz-Dorado et al. 2016). To understand this
apparent discrepancy, we compared scout trajectories in wild-type and A-S+ communities (Fig. 1l, red
arrow). We observed that scouts in A-S+ colonies traveled considerably shorter distances than
wild-type or than A+S- cells (Fig. 1], see wild-type in Fig. 1G). Next, we analyzed the distributions of
instantaneous speeds and overall directionality of movement for scouts in these three conditions.
Notably, A-S+ scouts displayed a marked reduction in speed (Fig. 1K, Supplementary Fig. 1A), and a
clear reduction in directed motion counterbalanced by a gain in Brownian and confined movements
(Fig. 1L). This result is in line with the finding that during colony expansion single M. xanthus cells
move only if they carry a complete A-motility system (Dale Kaiser 2003). All in all, these findings
suggest that scouts that can rely on A-motility move at faster speeds and more directionally through
the prey than purely S-motile scouts.



A-motile cells are present in all cell classes and are required to direct collective cell movement

To further understand the role of A-motility in collective cell movement, we imaged AglZ, an
integral component of the Agl-Glt machinery that assembles polar clusters in A-motile cells (Mignot
et al. 2007; Faure et al. 2016). Assembly of polar AglZ clusters is a necessary, but not a sufficient,
condition for A-motility. As expected, small groups of cells often displayed polar AglZ clusters (Fig.
2A), consistent with our result that scouts and loner movement requires A-motility (Fig. 1).
Surprisingly, however, small groups of cells (scouts/rafts) as well as cells in large cell groups
(rafts/swarms) also frequently displayed polar AglZ clusters (Fig. 2B). Thus, these results would
suggest that both A- and S-motile cells may be present within larger cell groups.

To test this hypothesis, we mixed cultures of mCherry-labeled A+S- cells with GFP-labeled
A-S+ cells, spotted them together, and imaged them during predation (Fig. 2C). Notably, A+S- and
A-S+ cells thoroughly intermingled both in small (scouts/rafts) and large (swarms) cell populations, in
support of our previous observation (Fig. 2B). In addition, both motility mutants moved together
away from the spotting site to reach the prey, consistent with both gliding machineries being active
within both small and large cell groups. Taken together, these results suggest that A-motility may not
only be used by isolated cells away from the forefront, but may also play a functional role in
collective cell movements.

We tested this prediction by a multi-pronged approach. First, we monitored whether
A-motility and S-motility mutants induced changes in cell populations by subtracting the
density/cluster-size histograms of pure cultures of A-S+ and A+S- communities by that of wild-type
communities (Fig. 2D). Interestingly, removal of A-motility led to an overall reduction in the
accessible Voronoi area for rafts and swarms (Fig. 2D, cyan box), thus these collective cell groups
tend to remain closer to the community forefront in absence of A-motility.

Next, we investigated the functional role of A-motility in the movement of collective clusters
by measuring the instantaneous speed for different collective cell groups. In wild-type communities,
larger cell groups tended to move faster than smaller groups (Fig. 2E, see Methods). To detect
whether the lack of A- or S-motilities changed this behavior, we normalized speed/cluster-size
histograms of A-S+ and A+S- by that of the wild-type (Figs. 2F-G). Remarkably, removal of A-motility
led to a large decrease in instantaneous speeds for all cell classes (scouts/loners/rafts/swarms).
Interestingly, removal of S-motility led to a smaller reduction in the instantaneous speeds of scouts,
loners and rafts (swarms were not detected in this strain, Fig. 1H).

All in all, these results show that A-motile cells intermingle and play a functional role in the
collective movement of all cell populations. Thus, an important question is whether collective cell
groups are pre-established or can dynamically change during predation. To answer this question, we
followed the criteria established above (Fig. 1F) to monitor whether single cells changed their state
as scout/loner/raft/swarm during their movement. We represented these single-cell state changes
using a line plot where each cell class was assigned to a corner of a square, thus transitions appear as
straight lines between states (Fig. 2H). Changes between different cell states were common in single
trajectories (Fig. 21) and occurred very frequently (Fig. 2J).

To get a more general picture of this behavior, we overlapped single-cell trajectories
color-coded by trail density (Fig. 2K). The most common transitions were between swarms and rafts,
thus rafts frequently break away from swarms but can also join them back. Interestingly, single cells
disassembled from or joined rafts very often. The routes to become scouts typically involved either
loner cells or rafts moving away from the forefront. Finally, single loner cells could also detach from
swarms at a low frequency.

To quantify these population exchanges, we calculated the state transition probabilities (Fig.
2L). Remarkably, forward and reverse transitions between states were equally probable, ensuring



constant steady-state populations over our acquisition time. Importantly, state transitions were also
frequent and symmetric in communities lacking A- or S-motility (Figs. 2M-N), thus state
re-equilibration dynamics are independent of either motility system. Overall, these results show that
transitions between collective cell groups are extremely frequent and bi-directional and do not
require either motility system, ensuring that these groups remain properly populated during the
advancement of the predation wave.

A-motile cells drive the ability of multicellular groups to form and follow trails

Next, we investigated the role of A-motility in the directional movement of collective cell
groups by first analyzing whether rafts and swarms followed the movement of scouts. Interestingly,
scouts that detached from swarms/rafts typically traveled away from the predation wave and in the
direction of the prey (Fig. 3A). Strikingly, the trail left by the movement of scouts/loners was followed
by other cells, and increased in width as more groups of cells used it (Fig. 3A). These observations
suggest that A-motile cells are not only required to direct the movement of scouts (Figs. 1KL) but also
of larger groups of cells (i.e. rafts and swarms).

We tested this hypothesis by segmenting the trails left by scouts (Fig. 1B, left) and those
followed by loners/rafts/swarms (Fig. 1B, middle), and calculating the similarity index (SI) map
between them. The SI map would be close to zero if scouts and loners/rafts/swarms followed
different paths, and close to unity if their paths overlapped spatially. In fact, we observed that
loners/rafts/swarms tended to follow the trails left by scouts over the whole predation front (Fig.
3B).

Then, we explored whether the ability of loners/rafts/swarms to follow scouts was impacted
in a community unable to glide by A-motilily (A-S+). Notably, the number and length of overlapping
trails was dramatically affected in A-S+ communities (Fig. 3C). Interestingly, A+S- cells displayed
similar trails than wild-type (Fig. 3D). These results can be quantified by calculating the histogram of
similarity track lengths for these three communities (Fig. 3E), which clearly showed a large decrease
in the number of common trails for all trail lengths for the A-S+ community. All in all, these results
demonstrate that A-motility in rafts and swarms is required for their ability to follow the trails of
scouts.

Finally, we investigated if large multicellular groups (rafts/swarms) also used trails within the
active predation region. For this, we built a trail map by overlapping the single-cell trajectories of all
cell groups color-coded by time (Fig. 3F). We clearly observe the existence of trails within the
predation front, but also well behind the predation front occupied primarily by rafts and swarms.
Thus, trails are widely used not only by scouts (Fig. 3B) but also by large multicellular groups.

To determine whether formation of these trails required A- or S-motilities, we constructed
time-colored trail maps for A-S+ and A+S- communities (Fig. 3G-H). Notably, formation and use of
trails within the predation zone requires A-motility. Interestingly, in A+S- communities, trails tend to
display smaller widths likely due to the absence of swarms. To further characterize this behavior, we
calculated the distribution of directionalities of all cell classes for wild-type, A-S+ and A+S-
communities (Fig. 3l), and observed that loss of A-motility led to less directed and more
confined/brownian motions. Overall, these results show that A-motility is key for the dynamic
movements and strategies of all multicellular groups in the community ahead and behind the
predation front.



Efficient killing requires the synergistic action of A- and S-motile cells

Finally, we set out to investigate why wild-type communities would require both motility
mechanisms during predation, given that assembling and maintaining both gliding engines probably
engenders a considerable cost, and that the role of S-motility during predation was unclear. To
address these issues, we explored the consumption of prey during the process of predation by
resorting to the ability of our method to perform semantic segmentation over large areas and over
extended periods of time (Fig. 4A). From semantic segmentations we defined areas where active
predation took place during our acquisition time, and regions that were not predated (Fig. 4A, right
panel). To obtain an accurate estimation of prey consumption, we quantified the total fluorescence
signal of the prey outside the predation zone (zone 2) and in a region within the predation area (zone
1, Fig. 4B). The total normalized prey fluorescence decreased monotonically over time in zone 1 due
to photobleaching. Notably, the reduction in total normalized fluorescence was dramatically faster in
zone 2 where prey was killed and consumed.

Next, we tested the roles of A- and S-motilities in this process by performing a similar
quantification of predation assays from either A-S+ or A+S- communities. The absence of A-motile
cells led to a noted reduction in the ability of myxococcus to kill prey, possibly linked to the reduced
ability of this community to move directionally, efficiently explore ahead of the predation zone, and
to form and follow trails. Interestingly, lack of S-motile cells led to a marked reduction in killing
efficiency. Remarkably, these results show that efficient prey killing requires the synergistic action of
both gliding machineries.

Discussion

The ability of M. Xanthus to glide on solid surfaces relies on two distinct and independent
molecular machines that could be alternatively used to adapt to the mechanical properties of the
substrate (Shi and Zusman 1993). Critically, since its discovery, A-motility was thought to be
responsible for the movement of single cells, while S-motility was recognized as the hallmark for
collective cell movement (Mufioz-Dorado et al. 2016; Zhang et al. 2012; Jonathan Hodgkin and Kaiser
1979). In this study, we developed an innovative multiscale single-cell tracking approach that allows
us to revise these long standing views and shed light onto the manner in which these distinct
molecular machines are deployed on the field.

Classically, A- and S-motile cells were thought to segregate spatially and to behave in two
distinct manners: A-motile cells moving in isolation ahead of the invasion front acting as foragers
searching for nutrients, and S-motile cells assembling large collective cell groups or “herds” (i.e. rafts,
swarms) at the rear by promoting social interactions (Mufioz-Dorado et al. 2016). In contrast, our
data shows that S-motile cells intermingled with A-motile cells in all cell groups, including herds.
Thus, A- and S-motile cells are not spatially segregated during predation. Importantly, the speed and
directionality of herds was impacted by the lack of A-motile cells. Therefore, the multiscale spatial
intermingling of A-motile cells within herds drives their dynamic behaviour during predation
(herding).

As expected, A-motility was not required for the formation of herds, consistent with previous
studies (Jonathan Hodgkin and Kaiser 1979). This suggests that herding may instead play a role in
guiding herds through existing trails layed by scouts, which in turn leads to the observed
consolidation of the trail network behind the invasion front. The consolidation and use of existing
trails likely increases foraging efficiency and prey consumption (Theraulaz and Bonabeau 1999). The
presence of multiple A-motile cells within herds provides the ability of decentralized navigation
(Manrique et al. 2019)which is known to increase the robustness and efficiency of reaching a target



in biological (Berni et al. 2012) and autonomous driving systems (Manrique et al. 2019). Future
research, however, will be required to elucidate the mechanism by which A-motile cells may herd
collective groups (Shamay-Tsoory et al. 2019).

Interestingly, in analogous animal ecosystems, herding dogs not only drive collective
movement but also protect the herd by attacking predators. The coupling of A-motility and
contact-dependent killing was recently shown to be the main mechanism driving the first steps of
prey colony invasion (Seef et al. 2021). However, this mechanism may also be important for the
penetration of prey micro-colonies within the prey-community. In this scenario, the presence of
A-motile cells within herds would enhance the killing ability of herds after colony invasion.

Scouts and loners were observed with the same frequency in A+S- and A-S+ communities,
challenging the finding that only A-motile cells are frequently found as isolated single cells
(Mufioz-Dorado et al. 2016; Zhang et al. 2012; Jonathan Hodgkin and Kaiser 1979). However, S-motile
scouts were mostly immobile, exhibited a reduced directionality, and displayed a limited ability to
explore areas far from the predation front. Thus, while isolated and small groups of S-motile cells can
be found ahead of the predation front, A-motility is required for their mobility and foraging ability.

Strikingly, collective cell groups frequently merged together or split apart, highlighting the
plasticity and highly dynamic behavior of cells during predation. In addition, this finding suggests that
collective cell groups are not pre-assembled and that there is likely a low energetic barrier for group
fusion or splitting. Thus, groups can be made or unmade depending on the local environmental
conditions to provide flexibility and adaptation. Interestingly, the transition frequencies between
collective cell groups were in all cases symmetric, ensuring the long-term equilibrium of the system.
This equilibrium may be perturbed to respond to local changes in prey distribution, providing
another avenue for adaptation. Importantly, removal of either motility apparatus did not change the
ability of collective groups to mix or split, but rather the transition frequencies and their final
proportions at equilibrium. Fine tuning of transition frequencies would thus provide a mechanism to
rapidly change the relative proportions of collective cell groups to adapt to the local ecosystem.

Early studies showed that A- and S-motilities enable M. xanthus to move on a wider range of
substrates, from soft to hard, suggesting that both machines may be needed to provide flexibility and
adaptation to the physical properties of the local environment (Shi and Zusman 1993). This arguably
minor fitness gain was often deemed insufficient to outweigh the evolutionary burden of
simultaneously maintaining both motility machines. Our results, however, show that A- and S- motile
cells work in unison to synergistically drive predation. Critically, this combined action improves the
efficiency of prey exploration and invasion, and leads to more efficient killing.

We are aware that the spatial organization of the prey community is likely to modulate the
relative roles of A- and S-motilities during predation. For instance, A-motility may be more
determinant than S-motility in close-knit prey communities, as the ability to penetrate the outer wall
of these communities may depend acutely on A-motility and contact-dependent killing (Seef et al.
2021). Thus, the presence of cells with both motility systems in all collective cell groups enhances the
ability of M. xanthus to adapt to the varying spatial organization and diversity of prey encountered in
natural ecosystems. Finally, we envision that collective movement of A- and S-motile cells may
enable M. xanthus communities to adapt their strategy to the defense and attack mechanisms of
competing communities. All in all, these fitness advantages may largely outweigh the evolutionary
costs associated with maintaining both motility systems.
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Methods

Bacterial strains

The bacterial strains used in this work can be found in the table below.

Strain

Genotype

Strain origin

E. coli

MG1655 wildtype

E. coli HU-mCherry

MG1655 HU-mCherry

Espeli laboratory collection

M. xanthus

DZ2 wildtype

Mignot laboratory collection

M. xanthus
cytosolic-sfGFP

DZ2 pSWU19-pm3068-sfGFP

Mignot laboratory collection

M. xanthus A+S-
OMss-sfGFP

DZ2 QpilA
pSWU19-PpilA-OMss-sfGFP

Mignot laboratory collection

M. xanthus A-S+

DZ2 GltJ DNterm222

Mignot laboratory collection

OMss-sfGEP pSWU19-PpilA-OMss-sfGFP

DZ2 DpilA
pSWU19-PpilA-OMss-mCherry

M. xanthus A+S-
OMss-mCherry

Mignot laboratory collection

M. xanthus
AglZ-NeonGreen

Allelic replacement of aglZ by
aglZ-NeonGreen

Mignot laboratory collection

Bacterial cultures

E. coli cells used in predation assays were grown overnight in 10 ml Luria-Bertani (LB)
medium at 32°C under agitation (200 rpm). To ensure that E. coli cells were in exponential phase
after overnight growth, a 1:10 dilution of the starter culture was made in fresh LB medium and
incubated for approximately four hours.

M. xanthus cells were grown overnight in 10 ml Casitone Yeast Extract (CYE) rich medium as
was described before (Bustamante et al. 2004) at 32°C under agitation (200 rpm), supplemented
with antibiotics (Ampicillin 1 pg/ml) when necessary. Cells were harvested when the ODg,, reached
0.1-0.5.

Predation assays

Bacterial predation was established in laboratory conditions by setting up a predation assay.
In short, E. coli and M. xanthus cells were harvested from the LB and CYE media, respectively. Cells
were concentrated by centrifugation on a tabletop centrifuge at 2100 g for 5 min at room
temperature and resuspended in CF medium (10 mM MOPS (pH 7.6), 1 mM KH,PO,, 8 mM MgSO,,
0.02% (NH,),SO,, 0.2% sodium citrate, 0.015% bacto casitone peptone). M. xanthus cells were
concentrated to an ODgy, of 5, E.coli cells were concentrated to an ODg,, of 0.005. Cell suspensions of
1 pl were spotted at close distance of approximately 1 mm on CF 1.5% agar pads supported on a
coverslip.
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The agarpads used for time lapse imaging were made with ultrapure agar (UltraPure Agarose
1000, Invitrogen) to limit autofluorescence by impurities in the agar solutions. Pads were made by
pipetting 550 pl of melted agar onto a 25mm coverslip and by placing a second coverslip on the drop
of agar, allowing the latter to solidify between two flat surfaces. Once the agar pad was made, the
top coverslip was removed and the agar was cut to a diameter of 20 mm.

The prepared predation assays were then placed onto a layer of CF 1.5% agar in a petri dish
and the petri dish was closed with parafilm to avoid agar pad evaporation and drying. Samples were
incubated 24h to 48h on 32°C to allow M. xanthus cells to invade the E. coli colony.

Microscopy

Fast time lapse and hubble imaging were done on a homemade fully-automated
hardware-accelerated wide-field epifluorescence microscope built on a RAMM modular microscope
system (Applied Scientific Instrumentation). Samples were imaged using a 60x Plan-Achromat
water-immersion objective (NA = 1.2, Nikon, Japan). The objective lens was mounted on a
closed-loop piezoelectric stage (Nano-F100, Mad City Labs Inc. - USA). lllumination was provided by a
brightfield illumination source and 2 lasers (OBIS-488 nm and Sapphire-LP-561 nm, Coherent — USA).
Images were acquired using a sSCMOS camera (ORCA Flash 4.0V3, Hamamatsu — Japan), with a final
pixel size calibrated to 106 nm. A custom-built autofocus system was used to correct for axial drift in
real-time and maintain the sample in focus. Software-controlled microscope components, including
camera, stages, brightfield illumination and lasers were run using a custom-made software package
developed in LabView 2015 (National Instrument).

Hubble imaging

Hubble images, in which the predation assay is fully captured, was carried out by
constructing a mosaic patchwork of MxN size. Each FOV of the mosaic overlaps with the
neighbouring FOVs by 200 pixels. Acquisition of such a large mosaic was achieved by following a
snake-like pattern. For each FOV a 3D stack of brightfield and fluorescence images was acquired of 12
planes interspaced with 250 nm. Laser powers were adjusted to have optimal signal for the target
fluorescent proteins. Exposure times were set to 50 ms and brightfield illumination was decreased
with a neutral density filter (OD 2).

Fast time lapse imaging

For imaging of the predation assay, the sample was covered with an imaging coverslip. The
imaging coverslip was washed consecutively with acetone, Milli-Q water, 70% ethanol (v/v) and
Milli-Q water, and flamed to remove any fluorescence impurities and residues. The coverslip was
cooled down to room temperature and placed hermetically on the sample while avoiding bubbles
between the sample and the coverslip. The sample was mounted in an attofluor and onto the
microscope for imaging. A region of interest spanning an area of approximately 0.36 mm? was
selected. This large area was imaged by constronstructing a mosaic patchwork of 3 by 3 fields of view
(FOVs) or mosaic tiles of 2048x2048 pixels, each theoretically overlapping with 200 pixels. An imaging
cycle, in which the 3-by-3 mosaic was imaged by sample displacement following a snake-like pattern,
was thus made up of 9 consecutive acquisitions. For each FOV, a 3D-stack was acquired to account
for sample tilt in brightfield and in the fluorescence channel of 561 nm for E. coli carrying a
HU-mCherry fusion. An additional fluorescent channel was added for M. xanthus when the used
strain was carrying a fluorescent protein as well. A 3D-stack was generally made up of 7-12 planes
interspaced with 250-500 nm. Exposure times were set at 50 ms. The laser powers used were kept at
low intensity to limit phototoxic effects on the live cells during time lapse acquisition. Brightfield
illumination was attenuated with a neutral density filter with optical density two. Imaging cycles
were generally completed in 30-40 seconds and were repeated 700 times to construct an hours-long
time lapse series of the mosaic area.
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Treatment of fast time lapse data

To increase imaging speed, all images from one imaging cycle were pooled into one DCIMG
file. First, the DCIMG files were converted to tiff files with software from Hamamatsu and sorted for
each FOV, channel and time point. Tiff images of the fluorescent channel of E.coli were deconvolved
with Huygens Professional version 20.04 (Scientific Volume Imaging, the Netherlands, https://svi.nl/).
Deconvolved E. coli stacks were z-projected by calculating the standard deviation. 3D brightfield
stacks were converted to 2D images by dividing each stack in 16 ROIs of 512x512 pixels, selecting
automatically or manually the in-focus plane for each ROI and restitching the 16 ROIls. The code for
calculating the in-focus brightfield image (im_straighter FTL.m or im_straighter FTL _manual.m) can
be found in https://github.com/jbfiche/DCIMG_to_TIFF_conversion/tree/master/Fast_TL windows.
2D brightfield and E. coli fluorescence images were used as input for an in-house developed MATLAB
code using a convolutional neural network with U-Net architecture for semantic segmentation
(Ronneberger, Fischer, and Brox 2015; Van Valen et al. 2016). Semantic segmentation was performed
with five independently trained networks to converge towards a high confidence result, outputting
an image with pixel values representing the pixel assighment confidence to a given class. The code
for semantic segmentation (Reconstruct_image FCN_FTL.m) can be found in
https://github.com/jbfiche/Deep_Learning_segmentation/tree/Myxo_segmentation_predation_fluo
_Unet/For_image_reconstruction.

Segmented images were then used to reconstruct the mosaic image by tiling the 9 images.
Exact image overlap for tiling was calculated by image-based pixel-resolution cross correlation. Drift
in time was corrected by aligning the mosaic images based on cross correlation calculated from
segmented images of stationary E. coli microcolonies. M. xanthus segments from mosaic images
were post-processed to reduce segmentation artefacts. In short, binary masks were generated from
the masks by exploiting the assignment of confidence values, masks were filtered for size and finally,
tortuous masks and fused masks were rejected. E. coli masks were post-processed to avoid overlap
between E. coli and M. xanthus masks and filtered for size to reject isolated pixels. The code for

cross-correlation calculation (Mosaiclmages_CC_BFNormalized_MyxoSegmented.py and
Mosaic_DriftCorrection_GlidingRef _MiddelROI5.py), and tiling, drift correction and mask
post-processing (function_DriftCorr_MosaicTiling_Ecoli.m) can be found in

https://github.com/SaraRombouts/ProjectFTL_Predation.

Single cell tracking

Single cell trajectories were reconstructed with an in-house developed MATLAB pipeline. For
each timepoint in the time lapse image series, pairwise tracks were constructed between cells in
frame k and cells in frame k+1. Briefly, the enlarged bounding box of the cell mask in frame k was
utilized to select a number of possible candidates in frame k+1. Ultimately, the optimal candidate
was found by ranking the candidates with Analytical Hierarchy Processing (AHP) (Saaty 1986) based
on several parameters of the masks including cell area, cell length and mask overlap area between
the cell and its candidates. To correct for multiple assignments of a candidate, an inverse AHP
approach was used in which the optimal cell from frame k was selected for the candidate of frame
k+1. Finally, pairwise tracks over all timepoints were combined to form complete single cell
trajectories. The code for single-cell trajectory reconstruction (function_Tracking_TiledMosaic.m) can
be found in https://github.com/SaraRombouts/ProjectFTL_Predation.

MSD

To characterize directionality of bacterial movement, individual bacterial trajectories were
analysed with the Python trackpy package. For each track, the Mean Squared Displacement (MSD)
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was computed and the five first time points were fitted with a power law. The resulting scaling
exponent, alpha, was used to characterize the directionality of bacterial movement (from confined
with alpha<1, brownian with alpha=1, to directed with alpha>1). The code used to calculate the MSD
(Myxo_trackpy.py) can be found in https://github.com/SaraRombouts/ProjectFTL_Predation.

Speed

Instantaneous cell speed was calculated using the straight distance traveled in the five
frames before and five frames after a given time point, normalized by the time between 10 frames.
The code wused to calculate speed (matfiles_to_umap_format.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Voronoi tessellation

To measure the local density of M. xanthus cells, a Voronoi tessellation was performed with
the Voronoin function of MATLAB. The voronoi tessellation was calculated on the centers of the
backbones of all masks that were included for tracking. Centers of gravity of the masks that were
filtered for tortuosity and mask fusion based on branchpoints were included as well. For masks which
contained a branchpoint in their backbone, the branchpoint was deleted, essentially breaking up the
backbone. The centers of the newly generated backbones were calculated and included for the
tessellation. For masks filtered out for tortuosity, the centers of the backbones were calculated as
well and included for the tessellation. The area of the polygon to which the mask belongs was used
as a measure for local density, with large polygon areas for low cell density and small polygon areas
for high cell density. The code used to calculate the local density of M. xanthus cells
(function_Voronoi_backbone_OverlapFlag.m) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Long range clustering

Long range clustering of cells was performed by dilating the binary cell masks of Myxococcus
xanthus cells using a 10x10 pixels kernel (~1x1 um). Then, merged cell masks were identified as
clusters using the regionprops module of the skimage package in Python. For each identified cluster,
the number of cells per cluster was determined and its size was measured as the area covered by the
non dilated cell masks comprising each cluster. The code used to perform long-range clustering
(scratch_multiscale_segmentation.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Classes

Bacterial populations were categorized into four groups: loners, scouts, rafts and swarmes.
Two criteria were used to determine the group to which a cell belongs to at each time point in the
time lapse: the Voronoi cell density, V, and the number of cells per cluster, N. For loners:
logl0(V)<4.5 and N<2; for scouts: logl0(V)<4.5 and N<20; for rafts: 2<N<600; and for swarmes:
600<N. When scouts functionality was used as an additional criterion, only cells with a speed higher
than 3 pixels/frame were selected. The code used to cluster cells into classes
(Figure2_myxo_classes.py) can be found in https://github.com/SaraRombouts/ProjectFTL_Predation.

2D Histograms

Two dimensional data points and trajectories histograms were both computed using the
Python Datashader package, with canvas mapping data to pixels as points or lines, respectively. For
histogram differences, the histograms were first normalized by the sum of their bin values. For
histograms of trajectory fluxes, the spatial coordinates of each bacterial trajectory were replaced
with new coordinates corresponding to the classification of the bacteria, being either loner, scout,
raft or swarm, at each time point along the track with Gaussian noise added to reduce the overlap of
the tracks. The code wused to reproduce the histograms in Figures 1 and 2
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(Figurel_2D_Histograms_ratio_2.py, Figurel 2D Histograms.py, Figurel HistolD speed_scouts.py,
Figure2 2D _Histograms_ratio_0.py, scratch_compute_tracks_datashader_maps.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Similarity index map

To quantify the similarity between the trajectories of the scouts and the rest of the
population, the trajectories of the two populations were split apart to map them on separated 2D
arrays. Each array map was then binarized and used to compute a structural similarity index map
with the Python Scikit-image package (sliding window of three pixels). Finally, the resulting similarity
index map was binarized to extract the area of each portion of trajectory shared by the two
populations. These areas of shared trajectories were used to quantify the amount of scout
trajectories shared with the rest of the bacterial population. The code used to calculate similarity
index maps (Figure3 load_and_analyse_tracks_datashader_maps.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Prey consumption

To quantify the consumption of prey cells by M. xanthus during invasion, the fluorescence of
E. coli HU-mCherry was used. For each time point in the movies, the fluorescence intensity of the
central plane of each z-stack was first normalized by the Gaussian profile of the excitation laser and
then projected along the perpendicular direction of invasion. The mean intensity was then truncated
into three equal parts to quantify E. coli HU-mCherry intensity changes in the portion of the field of
view (FOV) that gets invaded by M. xanthus cells during the acquisitions (bottom part of the stitched
FOV) and in a portion that does not get invaded during the acquisition (Top part of the stitched FOV),
the central portion not being used. For the bottom and top parts of the FOV, the mean fluorescence
intensity of E. coli HU-mCherry was quantified for each frame of the movies to characterize the
disappearance of E. coli cells over time. The code used to calculate prey consumption
(Figure4_EC_killing_load.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

AgIZ foci detection

AglZ foci were automatically detected to highlight the position of AglZ complexes in single
cells. For this, the raw fluorescent z-stacks were first band pass filtered to remove noise and low
spatial frequencies in single planes and then a local normalization was applied to equalize signal
strength heterogeneities due to the Gaussian excitation profile. Finally, the four central images of the
z-stack were summed and used to localize AglZ complexes as diffraction-limited spots using the
DAOStarFinder utility from the Astropy package (https://www.astropy.org/).
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Figure Legends

Figure 1: Multiscale dynamic imaging reveals four distinct cell classes.

A) Schematic of large-scale imaging and semantic segmentation of the predation zone. Scalebars = 10
um.

B) Example of a single-cell trajectory (yellow line) reconstructed by connecting segmented cell masks
of the same cell (green mask) over time. Scalebar = 5 um.

C) Example of a semantically segmented large ROI at the predation front containing the masks for M.
xanthus (white) and E. coli (red) (left) Scalebar = 100 um. The zoom of the boxed area shows single
segmented cells in high and low cell density areas (right) Scalebar = 20 um.

D) Voronoi tessellation of a large ROI at the predation forefront calculated from the middle points of
the M. xanthus mask backbones (left) Scalebar = 100 um. The zoom of the boxed area shows small
polygon areas for M. xanthus cells in high M. xanthus cell density regions and large polygon areas for
cells in low M. xanthus cell density regions (right) Scalebar = 20 um.

E) Long-range clustering of M. xanthus cells in close spatial proximity in a large ROI at the predation
forefront (left) Scalebar = 100 um. The zoom of the boxed area shows several cell clusters with
varying cluster sizes (right) Scalebar = 20 um.

F) 2D Voronoi area-cluster size histogram for wildtype. Red, yellow, green and blue boxed areas
correspond to scout, loner, raft and swarm cell classes, respectively.

G) Spatial occupation of scout, loner, raft and swarm trajectories for wildtype at the predation
forefront. Yellow line delimitates the predation front, the green arrow indicates the direction in
which M. xanthus predator cells move through the prey colony (predation direction). Scalebars = 100
um.

H) 2D Voronoi area-cluster size histogram for A-motile cells (A+S-). Blue arrow points to non-existent
swarm cell class.

1) 2D Voronoi area-cluster size histogram for S-motile cells (A-S+). Red arrow points to scout cell class.
J) Spatial occupation of scouts trajectories in S-motile communities (A-S+). Scalebar = 100 um.

K) Histogram of instantaneous speed of scouts cells in wildtype, A-motile (A+S-) and S-motile (A-S+)
communities.

L) Histogram of movement directionality of scouts cells in wildtype, A-motile (A+S-) and S-motile
(A-S+) communities with directionality<1 being confined motion, =1 being Brownian motion and >1
being directed motion.

Figure 2: A-motile cells mix with S-motile cells in all population classes.

A-B) Fluorescence image of A-motility complexes (AglZ-NeonGreen) in isolated cells (A) or in groups
of cells (B) at the predation front. Green circles highlight automatically detected AglZ-clusters in
single cells. Scalebar = 10 um.

C) Migration of a 50/50 mixed community of A-motile (A+S-) (outer-membrane-ssGFP, green) and
S-motile (A-S+) (outer-membrane-mCherry, red) cells at the predation front towards E. coli
micro-colonies (top left, bright field).

D) Difference 2D Voronoi area-cluster size histogram of A+S- and wildtype. Cyan box highlights the
increased population with reduced Voronoi areas for A-motile (A+S-) cells.
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E) 2D instantaneous speed-cluster size histogram of wildtype. Red, yellow, green and blue boxed
areas correspond to scout, loner, raft and swarm cell classes, respectively.

F) Difference 2D instantaneous speed-cluster size histogram of A+S- and wildtype.
G) Difference 2D instantaneous speed-cluster size histogram of A-S+ and wildtype.
H) Schematic line plot of cell class transitions observed in a single-cell trajectory.

I) Examples of state transitions occurring in single-cell trajectories of wildtype cells. Track IDs are
indicated in each example.

J) Histogram of number of transitions per trajectory.
K) Overlay of state transitions from all wildtype trajectories.
L) State transition probabilities for wildtype.

M-N) Same representations as in panels |,K and L but for A-motile (A+S-) cells (M) and S-motile (A-S+)
cells (N).

Figure 3: A-motile cells drive collective cell movement along trails.

A) Example of scout cells (red line) traveling away from an E. coli island (bright field) followed by rafts
(purple lines).

B-D) Trail maps of scout and loner/raft/swarm cells and similarity index map for wildtype (B), A-S+ (C)
and A+S- cells (D). Yellow lines delimitate the predation front. Scalebars = 100 um. Scalebars zooms
of boxed areas = 20 um.

E) Histogram of length of overlapping tracks (Similarity track length) for wildtype, A-S+ and A+S-.

F-H) Overlays of all trajectories for wildtype (F), S-motile (A-S+) cells (G) and A-motile (A+S-) cells (H).
Green arrows indicate the predation direction, yellow lines delimitate the predation front. White
arrows in the zoom of the boxed areas point to examples of trails.

I) Histogram of movement directionality of all cell classes for wildtype, A-motile (A+S-) and S-motile
(A-S+) communities with directionality<1 being confined motion, =1 being Brownian motion and >1
being directed motion.

Figure 4: A- or S-motility mutations affect predation efficiency.

A) Evolution of predation over time at the predation forefront visualised with semantically
segmented large ROI containing the masks for M. xanthus (white) and E. coli (green). Two zones were
defined: i) where no predation occurred (orange boxed area) and ii) predation zone (blue boxed
area). Scalebars = 100 um.

B) Evolution of the total fluorescence signal from E. coli cells over time in zone: i) no predation and ii)
predation. Scalebars = 100 um.

C-E) Quantification of the total fluorescence signal from E. coli cells over time in zone 1 and 2 for
wildtype (C), S-motile (A-S+) (D) and A-motile (A+S-) (E) predators.

Supplementary figure 1
A) 2D Voronoi area-cluster size histograms for wildtype, S-motile cells (A-S+) and A-motile (A+S-) cells
thresholded for normalized distance higher than 2 pixels/track length.
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B) Spatial occupation of scout, loner, raft and swarm trajectories for S-motile (A-S+) cells at the
predation forefront. Yellow line delimitates the predation front, the green arrow indicates the
direction in which M. xanthus predator cells move through the prey colony (predation direction).

C) Spatial occupation of scout, loner, raft and swarm trajectories for A-motile (A+S-) cells at the
predation forefront.

D) Cluster size-number of cells per cluster scatter plot.

17



References

Berni, Jimena, Stefan R. Pulver, Leslie C. Griffith, and Michael Bate. 2012. “Autonomous Circuitry for
Substrate Exploration in Freely Moving Drosophila Larvae.” Current Biology: CB 22 (20):
1861-70.

Bustamante, Victor H., Irma Martinez-Flores, Hera C. Vlamakis, and David R. Zusman. 2004. “Analysis
of the Frz Signal Transduction System of Myxococcus Xanthus Shows the Importance of the
Conserved C-Terminal Region of the Cytoplasmic Chemoreceptor FrzCD in Sensing Signals.”
Molecular Microbiology. https://doi.org/10.1111/j.1365-2958.2004.04221 x.

Chtanova, Tatyana, Marie Schaeffer, Seong-Ji Han, Giel G. van Dooren, Marcelo Nollmann, Paul
Herzmark, Shiao Wei Chan, et al. 2008. “Dynamics of Neutrophil Migration in Lymph Nodes
during Infection.” Immunity 29 (3): 487-96.

“Collective Motion.” 2012. Physics Reports 517 (3-4): 71-140.

Faure, Laura M., Jean-Bernard Fiche, Leon Espinosa, Adrien Ducret, Vivek Anantharaman, Jennifer
Luciano, Sébastien Lhospice, et al. 2016. “The Mechanism of Force Transmission at Bacterial
Focal Adhesion Complexes.” Nature, October. https://doi.org/10.1038/nature20121.

Hodgkin, J., and D. Kaiser. 1977. “Cell-to-Cell Stimulation of Movement in Nonmotile Mutants of
Myxococcus.” Proceedings of the National Academy of Sciences of the United States of America
74 (7): 2938-42.

Hodgkin, Jonathan, and Dale Kaiser. 1979. “Genetics of Gliding Motility in Myxococcus Xanthus
(Myxobacterales): Two Gene Systems Control Movement.” Molecular and General Genetics
MGG. https://doi.org/10.1007/bf00270004.

Kaiser, D. 1979. “Social Gliding Is Correlated with the Presence of Pili in Myxococcus Xanthus.”
Proceedings of the National Academy of Sciences of the United States of America 76 (11):
5952-56.

Kaiser, Dale. 2003. “Coupling Cell Movement to Multicellular Development in Myxobacteria.” Nature
Reviews. Microbiology 1 (1): 45-54.

Kern, Lara, Suhaib K. Abdeen, Aleksandra A. Kolodziejczyk, and Eran Elinav. 2021. “Commensal
Inter-Bacterial Interactions Shaping the Microbiota.” Current Opinion in Microbiology 63
(August): 158-71.

Kienle, Korbinian, and Tim Ldmmermann. 2016. “Neutrophil Swarming: An Essential Process of the
Neutrophil Tissue Response.” Immunological Reviews 273 (1): 76-93.

Manrique, Pedro D., Mason Klein, Yao Sheng Li, Chen Xu, Pak Ming Hui, and Neil F. Johnson. 2019.
“Getting Closer to the Goal by Being Less Capable.” Science Advances 5 (2): eaau5902.

Mercier, Romain, and Tam Mignot. 2016. “Regulations Governing the Multicellular Lifestyle of
Myxococcus Xanthus.” Current Opinion in Microbiology 34 (December): 104-10.

Merz, A. J., M. So, and M. P. Sheetz. 2000. “Pilus Retraction Powers Bacterial Twitching Motility.”
Nature 407 (6800): 98-102.

Mignot, Tam, Joshua W. Shaevitz, Patricia L. Hartzell, and David R. Zusman. 2007. “Evidence That
Focal Adhesion Complexes Power Bacterial Gliding Motility.” Science 315 (5813): 853-56.

Mufioz-Dorado, José, Francisco J. Marcos-Torres, Elena Garcia-Bravo, Aurelio Moraleda-Mufioz, and
Juana Pérez. 2016. “Myxobacteria: Moving, Killing, Feeding, and Surviving Together.” Frontiers
in Microbiology 7 (May): 781.

18



Nan, Beiyan, and David R. Zusman. 2011. “Uncovering the Mystery of Gliding Motility in the
Myxobacteria.” Annual Review of Genetics 45 (September): 21-39.

Panigrahi, Swapnesh, Dorothée Murat, Antoine Le Gall, Eugénie Martineau, Kelly Goldlust,
Jean-Bernard Fiche, Sara Rombouts, Marcelo N6limann, Leon Espinosa, and Tam Mignot. 2021.
“MiSiC, a General Deep Learning-Based Method for the High-Throughput Cell Segmentation of
Complex Bacterial Communities.” eLife 10 (September). https://doi.org/10.7554/elife.65151.

Ronneberger, Olaf, Philipp Fischer, and Thomas Brox. 2015. “U-Net: Convolutional Networks for
Biomedical Image Segmentation.” In Medical Image Computing and Computer-Assisted
Intervention — MICCAI 2015, 234—41. Springer International Publishing.

Saaty, Thomas L. 1986. “Absolute and Relative Measurement with the AHP. The Most Livable Cities in
the United States.” Socio-Economic Planning Sciences 20 (6): 327-31.

Seef, Sofiene, Julien Herrou, Paul de Boissier, Laetitia My, Gael Brasseur, Donovan Robert, Rikesh Jain,
et al. 2021. “A Tad-like Apparatus Is Required for Contact-Dependent Prey Killing in Predatory
Social Bacteria.” eLife 10 (September). https://doi.org/10.7554/eLife.72409.

Shamay-Tsoory, Simone G., Nira Saporta, Inbar Z. Marton-Alper, and Hila Z. Gvirts. 2019. “Herding
Brains: A Core Neural Mechanism for Social Alignment.” Trends in Cognitive Sciences 23 (3):
174-86.

Shi, W., and D. R. Zusman. 1993. “The Two Motility Systems of Myxococcus Xanthus Show Different
Selective Advantages on Various Surfaces.” Proceedings of the National Academy of Sciences.
https://doi.org/10.1073/pnas.90.8.3378.

Skerker, J. M., and H. C. Berg. 2001. “Direct Observation of Extension and Retraction of Type IV Pili.”
Proceedings of the National Academy of Sciences of the United States of America 98 (12):
6901-4.

Theraulaz, G., and E. Bonabeau. 1999. “A Brief History of Stigmergy.” Artificial Life 5 (2): 97-116.

Thiery, Susanne, and Christine Kaimer. 2020. “The Predation Strategy of.” Frontiers in Microbiology 11
(January): 2.

Urban, Constantin F., and Emelie Backman. 2020. “Eradicating, Retaining, Balancing, Swarming,
Shuttling and Dumping: A Myriad of Tasks for Neutrophils during Fungal Infection.” Current
Opinion in Microbiology 58 (December): 106—15.

Van Valen, David A., Takamasa Kudo, Keara M. Lane, Derek N. Macklin, Nicolas T. Quach, Mialy M.
DeFelice, Inbal Maayan, Yu Tanouchi, Euan A. Ashley, and Markus W. Covert. 2016. “Deep
Learning Automates the Quantitative Analysis of Individual Cells in Live-Cell Imaging
Experiments.” PLoS Computational Biology 12 (11): e1005177.

Zhang, Yong, Adrien Ducret, Joshua Shaevitz, and Tam Mignot. 2012. “From Individual Cell Motility to
Collective Behaviors: Insights from a prokaryote,Myxococcus Xanthus.” FEMS Microbiology
Reviews. https://doi.org/10.1111/j.1574-6976.2011.00307.x.

19



Figure 1

A

Predation Assay

Single-cell trajectory reconstruction

Wildtype | § .

o
- couts
=l
Jrafts -
s, i I [ h10r
o

1 o

| L
34 “h { ]

' . I

I _____ 18 4
2 T T 100

3 4 5

Cluster size (log, au)

loners swarms

H Number of cells per cluster (lo
gf cellspgr cluster {log)

0
23 i
i
, A+S-
6]
1
3 |
Ssql
g |1
Sl — — — — AL
5 ||_ |
847 | |
g
2 h [
0 I
* h I
] |
[ | p—
2 T T T T

4 5
Cluster size (log, au)

Number of cells per cluster_(log) -
Jlumber of cells per cluster (log A-S+
== . 5
I
r A-S+
|
64! 1 10 b3
I | i
3 | | Y oa T
Sslish -— . .
g | N .
o i B " LONRY
2 [T
541 10! ¢
S
34
- —
100

Mosaic Imaging

]
q
L_:tﬁ/’trime

Wildtype

Wildtype

Brightfield

Fluorescence
E. coli

Al-based semantic

segmentation

scouts

predatiqn direction

4 5
Cluster size (log, au)

Semantic cell masks

Local Cell Density

Long-range clustering

a
=
[
=
7]
=]
&)

Scouts Scouts
— Wildtype 00129 ___ wildtype
1071 AS+ AS+
—— A+S- 0.010{ —— A+S-
'] ]
£10724 £ 0.008
3 3
g g
- °
& & 0.0069
%1073 s
E E
2 20.004+
10744 c
0.002+ £
3
Confined @  Directed
10° T T T T 0.000 T t T
0.0 0.5 1.0 . 2.0 25 -05 0.0 0.5 1.0 15 2.0
Instant speed, pm/min Directionality



Figure 2

D

A-S+ - Wildtype

Number of cells per cluster (log)
0 1 2 3

Wildtype
F

Number of cells per cluster (log)
1 2

A+S- - Wildtype

Number of cells per cluster (log)
1 2 3

A-S+ - Wildtype

Number of cells per cluster (log)
1

swarm

scout

0 ! : ; ro- : ; 10-4 i s
scouts swarms raft loner
o **1loners
105 2309 ra c 0 105
3 E £ £
: g2s] £ £ "
g . 30 w3 . H . & transition
S0 £ o] = 105 = _10-5
N
0.54
- o] . S swarm scout
2 3 - 2 2 5 4 5
Cluster size (log, au) Cluster size (log, au) Cluster size (log, au) Cluster size (log, au)
: Wildtype
Wildtype J yp K L
cell = 766 | cell = 1353 Not transitioning
1044 Transitioning R
n
2
™
o
cell = 3166 | cell = 6753 §
5
Sw
swarm scout
10 20 30 40 50 60
Number of transitions per track
A-S+ A+S-
cell = 766 cell = 1353 cell = 766 cell = 1353
raft loner 0.454
— 227 S
°
o
N
IS
cell = 3166 | cell = 6753 cell = 3166 | cell = 6753
Sw Sc
- swarm scout




o
Q
c
ll‘
®
w

A B trail maps similarity index map
Scouts Loners/Rafts/Swarms
o 4 “’l.\‘r 1
f < ﬂ\‘v}\} &t
> e \2 Wk 1 )
P ¥ ! B
5 g |mom Zm
g 2 AR B
e . X d
5 A
c
2
=
@©
el
e
o
predation
front
Time (min)
c trail maps similarity index map D trail maps similarity index map
Scouts Loners/Rafts/Swarms y e Loners/Rafts/Swarms
+
n
2 []
— \\\
— e
Wildtype - -
E Length of overlapping tracks F P G AS+ H A+S
10004 — Wildtype
A-S+
— A+S-
800
predation
v 4 .
2 600 front
3
o
© 400
2001
o4
10° 10! 10

Similarity track length

All cells
I 0.0351 — wildtype
A-S+
00301 _ atg.
0.0254
2
€
H
30.0204
°
&
20.015
E
20.010
0.005- €
3
Confined &  Directed
0.000 . T t T
-0.5 0.0 0.5 1.0 15 2.0

Directionality



gure 4

> m

semantic masks

prey fluorescence (o]

c Wildtype D A-S+ E
1.0 —— zone 2 1.0 1.0
£0.8 £0.8 £0.8
o o o
c = c
0.6 50.6 20.6-
2 2 2
[} €] [7]
T 0.4 © 0.4 < 0.4
O O O
L L w
0.2 0.24 —— zone 2 0.24 — zone 2
0.0 T T T 0.0 T T T 0.0 T T T
200 400 600 200 400 600 200 400 600

Time, frame number Time, frame number Time, frame number

predation zone



Supplementary Figure 1

A

Wildtype

Number of cells per cluster (log)
0 1 2 3

7 n n

b b 2

Local density (log)

w
n

A-S+

Number of cells per cluster (log)
[ 1 pZ 3 o

7.3
102
6
S
g
2%
2
w0 8
= 41
g
S
N
: 100

5
Cluster size (log, au)

5
Cluster size (log, au)

A+S-

Number of cells per cluster (log)
0 1 pZ 3 <

«

Local density (log)
i

4 5
Cluster size (log, au)

10t

10°

scouts

A-S+

predation dir,ectiorr::

YA
%»__.

\

loners

rafts

A+S-

Wildtype
le6
2.0
><|1.5-
©
o
©
HI
51.01
9]
0.5
00 T T T T
0 1000 2000 3000 4000

Nb_cells

10°

104

103

10?

10t

swarms




27



3  Transcriptome heterogeneity in M. xanthus colonies

3.1 Introduction

Biofilms are an example of complex microbiological communities in which a great level of
phenotypic heterogeneity exists (Stewart and Franklin 2008; An and Parsek 2007). Cells from an
isogenic population are able to respond to changes in their microenvironments, for example by
changing the biofilm architecture, resulting in division of labor and thus, cell specialization (Bridier et
al. 2017). This specialization arises from differential gene expression programmes in the cells of the
community and has been shown for several species including B. subtilis, Staphylococcus species S.
aureus and S. epidermidis and Pseudomonas aeruginosa (Rani et al. 2007; Lenz et al. 2008; Lopez and
Kolter 2010).

A predating M. xanthus colony, like a biofilm, shows great intercellular diversity. From the
microscopic timelapse experiments presented in chapter 1 of the results section, a great variation of
functionality and motion behavior could be observed. Additionally, a wide range of behaviors have
been described as well based on macroscopic-scale qualitative studies of the predation assay (Thiery
and Kaimer 2020). These observations gave rise to the hypothesis that behavioral heterogeneity
observed in the predating M. xanthus colony is a result of differential transcriptomic programs.

Transcriptomic variation in M. xanthus cells has been studied before for developmental cells
(Mufioz-Dorado et al. 2019). Using a bulk RNA-seq method on cells sampled at different timepoints
after the induction of the developmental cycle, this study showed that differential gene expression
patterns can be observed between sampled timepoints. This suggests that developmental cells go
through several transcriptional programs and that the evolution of the transcriptome might coincide
with different cell behavior observed over time from the onset of development and cell aggregation
to sporulation and fruiting body formation.

A myriad of imaging-based methods for the study of RNA in bacteria have been reported,
which we summarized in a comprehensive review (Rombouts and Nollmann 2021) (Annex 0). To
investigate transcriptomic heterogeneity in cells of a predating M. xanthus colony, we used one of
these pioneering techniques, Fluorescence In Situ Hybridization (FISH). Here, | developed a workflow
which allows me to label RNA species of interest in fixed cells while conserving the spatial context of
the cell in the colony. This required the optimization of a protocol for RNA labeling and the
development of a method to achieve labeling in a fragile biofilm while maintaining the spatial
organization of cells in the colony. To simplify this endeavor, | first optimized the RNA labeling in cells
from liquid culture. This included an extensive search of experimental conditions to ensure target-
specific labeling and sufficient clearing of off-target probes. Subsequently, | focused on the
development of a non-disruptive method which allows fixation and permeabilization of cells in a M.
xanthus colony. | validated the workflow by studying the transcriptomic levels of one target RNA
species, expressed under the promoter of the EF-TU gene. Ultimately, | show that differential gene
expression can be detected in cells from the same predating colony and that their expression level is
correlated with their spatial positioning within the colony.
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3.2 RNAFISH labeling optimization in cells harvested from liquid cultures

To optimize the protocol for labeling and imaging of RNAs in M. xanthus cells from rich liquid
culture, we used a wildtype strain carrying a fluorescent reporter, the superfolder Green Fluorescent
Protein (sfGFP), under control of the promoter of EF-TU (elongation factor thermo unstable).
Concentrations of this protein construct were monitored by directly visualizing the fluorescence signal
of sfGFP or by using immunofluorescence (IF) with a commercially available antibody labeled with
Atto-647 targeting sfGFP. To monitor the RNA levels of this fluorescent reporter, | adopted an indirect
labeling approach based on RNA-FISH (Figure 10a).

First, the target transcript was labeled with primary probes, which contain a homologous
region complementary to the transcript, and a tail region containing two unique read-out sequences
from (Beliveau et al. 2015) and (Boettiger et al. 2016) (Figure 10b). Second, two fluorescently labeled
secondary oligos were hybridized to the read-out sequences in the tail region of the primary probe
(Figure 10a). For the sfGFP transcript, a set of 28 primary probes with a length of 20 nucleotides was
designed with the Stellaris Probe Designer webtool spanning the total length of the transcript (Figure
10b).

To achieve labeling of the sfGFP transcript, the protocol published by Skinner et al. was
adapted as described in (Material and Methods) (Skinner et al. 2013a). In short, cells in the exponential
phase were harvested from liquid culture and directly fixed and permeabilized. Successful fixation and
permeabilization is essential for preservation of transcripts present in the cell and to allow penetration
of the cell envelope by primary and secondary probes. First, | verified the proper permeabilization of
cells by labeling and imaging the sfGFP construct using IF microscopy. | reasoned that if the antibody
was able to penetrate inside the cell and label its epitope within the soluble sfGFP construct, then a
short oligonucleotide should also be able to diffuse into the cell given its considerably smaller size. For
the strain carrying a cytosolic sfGFP label, | observed a cytosolic signal in the 641 nm channel (Atto-
647) (Figure 10c). To confirm the specificity of this labeling, | used a strain where RomR was fused to
GFP. RomR is a response regulator that induces polarity switching of the A-motility machinery and
localizes at the cell poles with a predominant cluster at the lagging pole where RomR-GFP forms a
fluorescent focus (Leonardy et al. 2007; Zhang, Guzzo, et al. 2012). As expected, the fluorescent signal
from the IF labeling of RomR-GFP was located at the cell poles in the 647 nm channel (Figure 10c
(right)). As a negative control, a WT strain without GFP labeling was used and showed no
immunolabeling (Figure 10c (middle)). Altogether, these results show that the cell envelope of M.
xanthus cells is well permeabilized after the fixation and permeabilization. Additionally, the
immunolabeling of localized GFP at the cell pole suggests that the intracellular organization of cell
components remains conserved during the fixation and permeabilization protocol.

Next, | optimized the protocol in search for conditions displaying specific labeling of the sfGFP
transcript. For this, | varied the concentration of formamide in the hybridization and washing buffers
(from 10% to 40%), as well as the primary probe incubation temperatures (from 30°C to 47°C). For
each condition, | labeled WT and sfGFP strains with primary probes (PPs) in presence and absence of
secondary probes (SPs). | expected to observe fluorescence from labeled RNA only in sfGFP cells in the
presence of PPs and SPs. Successful labeling was only achieved at a probe incubation temperature of
30°C and a formamide concentration of 10% to 40% in the hybridization buffer (Figure 10d). The three
negative controls (sfGFP-PPs+SPs, WT+PPs+SPs and WT-PPs+SPs) did not show significant
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fluorescence, indicating that the labeling in the sample is specific to the target transcript, and that the
washing conditions are sufficient to minimize off-target binding.

To quantify the degree of labeling, | integrated the total fluorescence signal normalized by the
cell size for all the samples (Figure 10e). Such a quantification does not take the labeling pattern into
account, and thus might result in large variations between single cells, however it does provide a good
guantification of the degree of specific labeling as the non-specific fluorescence intensity in control
samples is well below the fluorescence intensity in sfGFP cells labeled with PPs and SPs (Figure 10e).
For all samples incubated at 30°C, | observed that the integrated fluorescence signal was significantly
higher for sfGFP cells labeled with PPs and SPs than the signal in negative controls (Figure 10e — bars
1-4). To further optimize the RNA labeling protocol, | varied the formamide concentration in the
hybridization and washing buffers. Formamide is known to destabilize RNA-DNA and DNA-DNA
hybrids formed between the transcript and the PPs and between the tail of the PP and the
fluorescently labeled secondary probes. Thus, higher formamide concentrations decrease off-target
binding but can also destabilize on-target binding. | observed a considerable decrease in the integrated
fluorescence signal of the sfGFP sample labeled with PPs and SPs when the formamide concentration
in the hybridization buffer was increased from 10 to 40% (Figure 10e). It is worth noting that the
integrated signal remained similar for the negative controls, suggesting that an increase in formamide
concentration from 10% to 40% for PP incubation did not reduce off-target and non-specific probe
binding.

Finally, | tested the effects of the hybridization temperature. For this, | incubated the sample
at 37°C instead of 30°C for a formamide concentration of 10% in both the hybridization and washing
buffers. The fluorescence signal in sfGFP cells labeled by PPs and SPs dropped to similar levels as the
negative controls. Thus, under these hybridization conditions the probe did not bind stably to the
target transcript. Our results confirm the important interplay between formamide concentrations in
the hybridization and washing buffers and the incubation temperature to drive the stable RNA-DNA
and DNA-DNA hybrid formation to achieve specific RNA labeling conditions.
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Figure 10. Probe design and labeling of sfGFP transcript in Myxococcus xanthus from liquid
culture. A) Workflow of M. xanthus cells harvested from liquid culture. B) Design of a set of 28 primary
probes spanning the total length of the target sfGFP transcript, consisting of a homologous region to
sfGPF and 2 unique read-out sequences which can bind a fluorescently labeled read-out oligo. C)
Immunofluorescence microscopy of anti-GFP Atto-647N to verify permeabilization of M. xanthus cells.
D) RNA labeling of M. xanthus cells. E) Integrated fluorescence signal normalized for cell size for
sample and the corresponding controls for different labeling protocols
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To explore whether other temperature and formamide concentration conditions could
improve the labeling results even further, | calculated the theoretical melting temperature of the
homologous regions of the primary probe and the effect of the volume/volume percentage of
formamide in the buffer based on the linear relationship between formamide concentration and
melting temperature (McConaughy, Laird, and McCarthy 1969). For an increasing concentration of
formamide in the buffer, the melting temperature of the hybrid decreased linearly (Figure 11a). This
effect was confirmed by experiments where | gradually increased the formamide concentration in the
washing buffer (Figure 11). The overall integrated fluorescence in sfGFP cells labeled with PPs and SPs
decreased with increasing formamide concentration in both the PP and SP incubation buffers (Figure
11b - right panel). The integrated fluorescence in control samples followed a similar trend indicating
that nonspecific or off-target binding of SPs decreases when the formamide concentration increases.
The intensity of single fluorescence foci, representing the diffraction limited fluorescence signal
originating from SPs, decreased with increasing formamide concentration as well (Figure 11b - left
panel).
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3.3 RNAFISH labeling optimization in biofilms

In the second stage, | applied this protocol to detect mRNAs by RNA-FISH within predation
assays where spatial organization of the predating M. xanthus colony and the E. coli microcolonies are
preserved. In my original protocol, cells were harvested from liquid culture and treated in cell
suspension. Therefore, a method to ensure colony preservation needed to be engineered.

A colony of M. xanthus deviates from the classical biofilm where cells are embedded in a
matrix of extracellular material which can be carefully submerged in solution without disruption (Dar
et al. 2021a). In fact, M. xanthus cells only loosely associate to form a colony. Additionally, M. xanthus
cells can move over the solid surface on which they find themselves but do not tightly adhere to this
surface. Because of these reasons, the predation assay cannot be submerged in liquid for fixation,
permeabilization and probe hybridization without disrupting its architecture.

One possibility to circumvent this issue would be to rely on diffusion of liquids through the
agarpad. To do so, cells need to be compressed between the agarpad and the coverslip to ensure
stabilization of the biofilm. Then, chemicals can diffuse laterally through the agarpad from the outside.
This approach would work for solutions that are not too viscous. However, the hybridization buffer is
a very viscous solution due to the presence of dextran. We tested this approach nonetheless, but
found that the diffusion of probes through the agar pad is too slow to make it experimentally possible,
either due to the size of the probes which do not diffuse through the agarpad meshwork or due to the
length scale over which the probes need to diffuse in order to reach the cells resulting in an
unreasonably slow process.

Alternatively, | devised a method to make a print of a M. xanthus colony to a coverslip in which
the spatial organization of cells is conserved (Figure 12a). The method consisted in the inoculation of
a M. xanthus colony on a hard agar surface, either as a radially expanding colony or as a predation
assay. Then, a second coverslip, the imaging coverslip, was hermetically placed on the agar pad
avoiding air bubbles between the agar pad and the coverslip. Cells were compressed between the agar
pad and the imaging coverslip by placing an in-house fabricated weight of around 50 gr on the support
coverslip. This allowed the use of a liquid handling system that did not change the architecture of the
colony. This sample was, weight included, placed in a petri dish, which was subsequently flushed with
fixative. During incubation, these solutions diffused through the agar pad and fixed cells to the glass.

First, we used 3.7% Formaldehyde-PBS to fix the cells by allowing it to diffuse through the
agarpad and reach the cells. We determined an incubation time of 90 min based on empirical
observations made from real-time live imaging. Because M. xanthus cells are motile, we can essentially
define the moment cells are effectively fixed when they arrest motion. Diffusion through the agar pad
happens gradually, therefore cells located at the edge of the biofilm are stalling motion first, and thus
are being fixed first. The critical time for the 3.7% Formaldehyde-PBS fixative to reach the middle of
the agarpad was around 60 min for the agar pad dimensions we used. To achieve efficient fixation of
cells located in the middle of the pad, another 30 min of incubation was added to the incubation time,
resulting in a total incubation time of 90 min. Then the sample was then incubated with ethanol
overnight, after which the agar pad was carefully removed, leaving cells adhered (or printed) to the
glass.
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From that point on, the sample was treated as a tissue slice adhered to the glass for further
permeabilization and probe hybridization steps. Despite the successful colony preservation on the
coverslip, the fixation of the full colony with 3.7% formaldehyde-PBS was slow and cells were only
gradually exposed to fixative due to slow diffusion. This could lead to the induction of stress and thus,
transcriptomic changes. To limit these effects, an alternative fixative containing formaldehyde, alcohol
(ethanol) and acetic acid (FAA) was used. With this fixative, the incubation time could be reduced
drastically because motion arrest in M. xanthus cells in the middle of the agar pad was observed
almost instantaneously. We hypothesize that the fast diffusion of FAA through the agar pad is related
to the ethanol in the solution. As agar is essentially a polymer meshwork containing water molecules,
exposure to ethanol will rapidly expel the water content from the agar mesh and replace it with
ethanol. After FAA incubation, the agar pad could be removed and cells remained printed onto the
coverslip surface. Robustness of adhesion of cells to the coverslip, and thus preservation of the spatial
colony organization, was enhanced with increased FAA incubation times, with ideal incubation times
being between 10 to 30 min. After FAA incubation, the M. xanthus colony was post-fixed with 3,7%
formaldehyde-PBS and permeabilized with 0.4% Triton-X PBS before probe hybridization.

As for cells in liquid culture, the efficiency of the fixation and permeabilization was verified by
immunofluorescence labeling and imaging of a sfGFP fusion strain. Anti-GFP antibodies were used in
a colony of M. xanthus cells carrying the cytosolic-sfGFP protein and a WT strain without GFP target
as negative control (Figure 12b). IF assays showed successful labeling in the strain carrying cytosolic
sfGFP, indicating that the protocol for fixation and permeabilization of cells in biofilms was efficient.

Next, the protocol for probe hybridization optimized on cells from liquid cultures was applied
to printed colonies. In the first stage, RNA labeling was tested on cells from a pure M. xanthus colony
in nutrient-rich conditions. As the cytosolic sfGFP was expressed under the promoter of EF-TU, a
protein which is highly conserved and abundantly expressed in exponential phase prokaryotes (Harvey
et al. 2019), such as E. coli and M. xanthus, we expected similar RNA labeling patterns as for cells
harvested from exponential nutrient-rich liquid cultures.

Indeed, | observed that M. xanthus cells displayed a fluorescence signal in the 647 nm channel,
originating from fluorescently labeled RNA (Figure 12c). To test the influence of prolonged FAA
exposure, leading to more robust cell adhesion to the substrate, on RNA labeling, total integrated
fluorescence of cells was calculated for increasing FAA incubation times. Interestingly, no significant
difference could be observed between the experiments (Figure 12d), indicating that RNA remains
intact under prolonged FAA exposure. Therefore, longer FAA incubation times can be used to ensure
robust cell printing onto the coverslip without compromising RNA labeling.
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3.4 Nutrient-dependent differential gene expression in M. xanthus

Because M. xanthus in a predation assay is grown on a nutrient-depleted pad and thus, under
starvation, the transcriptomic state of cells is different from M. xanthus cells from a biofilm in nutrient-
rich conditions. Therefore, | quantified the fluorescence signal from sfGFP RNA in cells from a biofilm
in nutrient-depleted conditions and compared it to the signal from cells from a M. xanthus biofilm
formed in nutrient-rich conditions. | observed that the fluorescence signal originating from RNA
labeling in cells in nutrient-depleted conditions disappeared, suggesting that the transcript sfGFP was
produced to undetectable levels in these cells (Figure 13a). This indicates that differential expression
of certain target genes arises from nutrient availability. Additionally, this result supports the validity
of the RNA labeling and colony immobilization protocol presented above.
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Figure 13. Differential expression of sfGFP under EF-TU promoter in M. xanthus. A) RNA labeling of
M. xanthus biofilm formed in nutrient-depleted and nutrient-rich conditions. B) RNA labeling of M.
xanthus predating biofilm in predation assay zoomed in on M. xanthus cells in predation zone and at
colony backside, quantification for two samples with various FAA incubation times.
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3.5 Differential gene expression in predating biofilms

Finally, the printing and RNA labeling protocol were applied to the predation assay. M. xanthus
cells in nutrient-depleted conditions were allowed to predate on E. coli, creating a predation zone.
Predation is thought to include both killing and consumption of prey cells, suggesting that M. xanthus
cells actively feed on prey cells. However, not all cells in the M. xanthus predating colony are in contact
with E. coli. In fact, a multitude of cells remain distant in space from prey microcolonies (e.g. in the
backside of the predating colony).

To study whether gene expression variation could be observed in a predating M. xanthus
colony, | imaged the fluorescence signal originating from labeled RNA throughout the predating
colony. | observed a fluorescence signal in cells in the predation zone (Figure 13b). Surprisingly, no
fluorescence signal could be observed for cells at the backside of the colony (Figure 13b). Comparing
these results to the observations made previously for cells in nutrient-rich and nutrient-depleted
conditions, the cells in the backside of the colony show, just like cells in nutrient-depleted conditions,
no RNA labeling. In both conditions, the expression of the transcript of interest under the control of
the EF-TU promoter dropped below detectable limits. For cells in the predation zone, which are in
contact with E. coli and are thought to participate in prey killing and feeding, showed similar labeling
patterns, albeit lower integrated fluorescence signals, as cells in nutrient-rich conditions.

Together, these results confirm that transcriptomic variation, here represented by the
labeling and detection of one transcript of interest, can be observed in predating biofilms.
Furthermore, these results suggest that M. xanthus cells making up a predating colony can be in
different cell states, depending on their spatial positioning in the colony.

3.6 Discussion

Here, | propose a method for transcriptome profiling in spatially conserved M. xanthus
colonies by RNA FISH. To do so, | designed a workflow to tightly adhere, or print, the cells in a colony
to an imaging coverslip. The protocol for RNA FISH labeling was optimized in cells from exponential
liquid cultures using the sfGFP transcript under the control of the EF-TU promoter, and was then
applied to printed cells. From pure printed M. xanthus colonies, a differential expression of the
transcript of interest could be observed between cells from colonies inoculated on a nutrient-rich and
nutrient-depleted surface. Furthermore, RNA labeling in a predating colony showed variations in sfGFP
expression between cells at the predation forefront and the colony backside within that same colony.
This suggests that transcriptome heterogeneity exists between cells from M. xanthus colonies formed
under different environmental conditions, and among cells in the same M. xanthus predating biofilm.

The transcript of interest used in this work was transcribed from the gene encoding a cytosolic
sfGFP under control of the promoter for EF-TU expression. EF-TU is a highly conserved protein and
among the most abundant in bacteria (Harvey et al. 2019). Two-dimensional immobilized pH/SDS-
PAGE studies carried out on bulk protein extraction of vegetative and developmental M. xanthus cells
showed that EF-TU is differentially expressed in both conditions, with high expression levels detected
in vegetative cells and a decrease to very low levels in developmental cells (Horiuchi et al. 2002). This
corresponds with the observations made here from RNA labeling of cells in nutrient-rich, or
exponential, conditions and cells in nutrient-depleted, or starvation, conditions. The gene expression
variation that could be observed within a predating colony indicates that cells located at the forefront
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are in an exponential cell state and thus, actively feed on the E. coli prey. In contrast, cells at the colony
backside seem to have entered the developmental cycle, suggesting that nutrients released from prey
lysis are not redistributed over the length scales of this predating colony.

The implementation of high-throughput labeling strategies, such as sequential or multiplexed
FISH, can help generate nearly-whole transcriptome profiles at the single cell level (Lubeck et al.
2014a; K. H. Chen et al. 2015a). Recently, high-throughput spatial transcriptomics was used to uncover
different cell states in sessile P. aeruginosa communities (Dar et al. 2021a). Likewise, | expect that
transcriptomic profiling in predating colonies might uncover a myriad of co-occurring cell states that
might otherwise remain uncharacterized based on behavioral or phenotypic approaches.
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4  Obstacle sensing by M. xanthus

4.1 Abstract

Correlative approaches combining AFM and optical microscopy are powerful methods to
study a myriad of biological phenomena, including mechanobiology. The way living cells sense,
transduce and respond to external stimuli of biological or mechanical nature can greatly influence
several cellular processes, including motility behavior. Certain prokaryotes, such as the Gram-negative
bacterium Myxococcus xanthus, achieve locomotion through Focal Adhesions (FAs). Similar to
eukaryotic cells where G-proteins of the Ras superfamily link signal transduction and FA assembly to
promote response to environmental stimuli, the assembly of FAs in M. xanthus is regulated by the
Ras-like G-protein MglA. MglA in turn is regulated by the Frz-signaling pathway, which transduces
environmental cues and enables cell reversal. Until now, it remains unclear what environmental cues
trigger the Frz signaling pathway and thus, cell reversals. To explore whether cell reversals in M.
xanthus cells employing FA-powered motility can be induced by mechanical stimuli, we set-up a single-
cell assay using correlative Atomic Force Microscopy-Optical Microscopy in which the AFM tip is used
to mechanically probe the cell. Here, | implemented this assay and tested the importance of sample
preparation, and choice of AFM tip in terms of shape and size. | show that cell motility behavior can
be affected by tip-cell collisions and discuss several challenges and caveats of such an experiment.
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4.2 Introduction

The development of AFM revolutionized the fields of nanoscience and nanotechnology
(Gerber and Lang 2006; Binnig, Quate, and Gerber 1986). The ability to image topological features in
samples with extraordinary resolution resulted in incremental advances in numerous fields ranging
from material science to life sciences and medicine, and triggered the development of a myriad of
AFM-derived techniques. The design of the experiment needs to be such as to maintain the native
state of the sample and approach physiological conditions by tightly controlling the direct
environment of the sample. This is achieved by working in physiological buffers and controlling
parameters such as temperature, pH, salt concentrations etc. Therefore, the development of the
optical detection of cantilever deflection which allows the measurement of an immersed sample in
aqueous solution was indispensable for bio-AFM (Drake et al. 1989; Radmacher et al. 1992; Meyer
and Amer 1988). The development and fabrication of soft cantilevers pushed the field of bio-AFM
even further. By decreasing the cantilever spring constant or stiffness, delicate soft matter, such as
biological specimens, can be imaged or mechanically probed with high sensitivity.

Not only can biological specimen be imaged at high resolution in physiologically relevant
conditions, a chemically modified AFM probe can be used to study specific interactions between the
biological sample and the functional groups attached to the AFM probe or the AFM probe can be used
to mechanically manipulate the sample or to evaluate its mechanical properties (Dufréne et al. 2017;
Krieg et al. 2019).

The ability to mechanically stimulate a biological specimen allows the study of
mechanosensitivity and mechanotransduction. By combining AFM-based mechanical probing with
other techniques in a correlative approach, the response of cells to the mechanical cues can be
detected(Krieg et al. 2019). Conventional light microscopy allows the morphological characterization
of the cell or the tracking of cell displacement over time. Additionally, fluorescence microscopy
techniques allow the visualization of intracellular components of interest, such as target proteins. In
short, cellular components can be labeled with fluorescent proteins in a translational fusion or with
organic dyes. Thus, when the cell is mechanically stimulated, the labeled component can be followed
in space and time. Combining AFM with optical microscopy approaches is a powerful tool in
unravelling the relationship between the mechanobiological context and cell behavior, function or
morphology.

4.2.1 Mechanosensitivity in the bacterial membrane

Cell motility is a crucial process in the lifecycle and development of many uni- and multicellular
organisms and is thus an evolutionary conserved trait. In eukaryotic organisms, the precise regulation
of cell motility in space and time drives several processes, such as embryonic development (Kurosaka
and Kashina 2008). However, in pathophysiological conditions, the improper regulation of cell motility
can lead to diseases, such as cancer metastasis (Stuelten, Parent, and Montell 2018). Eukaryotic cells
generally regulate motility by dynamically reorganizing their actin cytoskeleton and assembling Focal
Adhesions (FAs) at the leading cell edge (Heasman and Ridley 2008). Such FAs power locomotion by
establishing an adhesive complex through which traction forces are transduced to the underlying
substratum. Despite the heterogeneous molecular composition of FAs between different cell-types,
their assembly/disassembly is largely regulated by small G-proteins of the Ras-superfamily. These
GTPases act as nucleotide-binding molecular switches and are known to link signal transduction and
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FA assembly to promote response to external stimuli (Charest and Firtel 2007). Indeed, GTPase-
mediated cytoskeleton reorganizations in response to chemotactic signals are well understood.
However, the sensing and transduction mechanisms of mechanical stimuli remain poorly understood.

Certain prokaryotes employ similar mechanisms to power locomotion and can be used as a
model system to study FA-powered cell locomotion. Especially bacteria, which are not only fast and
easy to culture but also genetically tractable, can be used as a proxy to unravel complex mechanisms
in higher-order organisms. One example is Myxococcus xanthus, a rod-shaped gram-negative
bacterium used for decades as a model system for its particular self-organization and motility
properties. During vegetative growth, M. xanthus cells move over solid surfaces as multicellular
swarms, enabling them to cooperatively prey on other microorganisms. When nutrients are depleted,
cells enter the developmental cycle by coordinating their movement towards macroscopic
multicellular fruiting bodies, containing spores (Mufoz-Dorado et al. 2016).

M. xanthus cell motility is powered by two motility engines (Figure 14a): i) Social (S-)motility
based on a type IV pilus (Wu and Kaiser 1995; Sun, Zusman, and Shi 2000) and ii) Adventurous (A-
Jmotility based on the assembly of the Agl-Glt molecular motor in Fas (Figure 14b) (Mignot et al. 2007;
Faure et al. 2016a). Similar to eukaryotic cells where Ras G-proteins link signal transduction and FA
assembly to promote response to environmental cues (Charest and Firtel 2007), the spatiotemporal
FA assembly in M. xanthus is regulated by MglA, a Ras-like G-protein that directs motility by localizing
at the leading cell pole (Zhang, Ducret, et al. 2012). MglA is in turn regulated by MgIB, a GTPase
activating protein that localizes at the lagging pole, and RomR, a multidomain response regulator
recruiting MglA-GTP to the leading cell pole, which together make up the polarity control module of
the cell. This module is regulated by the Frz signaling pathway, a bacterial chemotaxis-like system that
transduces environmental cues and induces pole-to-pole switching of MglA/B leading to cell reversals
(Figure 14c) (Mercier and Mignot 2016). Such environmental cues could include soluble and contact-
dependent signals. Even though several studies have shown that certain solubles can artificially trigger
the Frz system in vitro (Taylor and Welch 2008; Berleman et al. 2008a; McBride, Kéhler, and Zusman
1992), no solubles have been identified to activate the Frz system in vivo. Contact-dependent signals,
such as cell-cell collisions, have also been hypothesized to trigger Frz signaling (Mercier and Mignot
2016). However, it remains unclear whether those signals are of mechanical or (bio)-chemical nature.

To explore whether cell reversals in cells employing FA-powered motility (A-motility) can be
induced by mechanical stimulation, we set-up a single-cell assay using correlative Atomic Force
Microscopy-Optical Microscopy.
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Figure 14. Motility systems of M. xanthus. A) Motility machinery and polarity control protein
dynamics during cell reversals. RomR (black) recruits MglA (green) to the leading cell pole where it
activates the Agl-Glt or A-motility machinery (blue) and the Type-IV pilus or S-motility machinery. MglB
(red) co-localizes with RomR at the lagging cell pole where it activates GTP hydrolysis by MgIA and
ultimately prevents MglA accumulation. Frz signaling induces the polarity switching of MglA and MgIB
which allows the assembly of the A- and S-motility at the new leading pole and ultimately, cell
movement in the opposite direction. Adapted from (Mercier and Mignot 2016). B) Schematic
representation of all proteins of the Agl-Glt molecular motor. This motor is assembled and forms a FA
traversing the bacterial cell membrane. IM = inner-membrane and OM = outer-membrane. Adapted
from (Yang and Higgs 2014). C) Schematic representation of the Frz signaling pathway (Switch control
module) and its downstream effects on the Polarity control module and the Motility Control Module.
Dashed red line = suggested by recent evidence, dashed green arrow = unknown mechanisms, dashed
black arrow = possible connections between Switch and Polarity control modules and plain arrow =
established interactions. Adapted from (Mercier and Mignot 2016).

Polarity
control
module

Motilty
control
module

A-motility  S-motility

4.3 Correlative AFM and Fluorescence Microscopy

Our correlative AFM-SMLM (Single Molecule Localization Microscopy) set-up, which was
previously described by Dahmane et al, combines a Nanowizard 4 microscope (JPK, Berlin) with an in-
house built objective-type TIRF inverted optical microscope (Zeiss, Le Pecq, France) (Figure 15)
(Dahmane et al. 2019). In short, four lasers are used for excitation or photoactivation, including a 405
nm (OBIS, LX 405-50, Coherent Inc.), 488 nm (OBIS, LX 488-50, Coherent Inc.), 561 nm (Sapphire, LX
561-50, Coherent Inc.) and 640 nm (OBIS, LX 640-100, Coherent Inc.). These laser lines are expanded
and coupled into a single beam with dichroic mirrors (427, 552 and 613 nm laser MUXTM, Semrock).
Laser intensities are modulated with an acousto-optic tunable filter (AOTFnc-400.650-TN, AA opto-
electronics). Two achromatic lenses are used to expand the excitation laser and an additional dichroic
mirror (zt405/488/561/638rpc, Chroma) is implemented to direct the laser lines to the back focal
plane of an oil-immersion objective (Plan-Apochromat 100x, 1.4 DIC, Zeiss). A 1.5x telescope is used
to achieve a final image magnification of 150-fold, resulting in a pixel size of 107 nm. Emission filters
(ET525/50m, ET605/50m and ET700/75m, Chroma Technology) mounted onto a filter wheel are used
to spectrally filter the emitted fluorescence light, which is then imaged using an EMCCD camera (iXon
Ultra897, Andor Technologies). A piezo Tip Assisted Optics (TAO) module (JPK, Berlin) allows sample
displacement in the x-, y- and z-directions (100x100x10 um). Finally, an in-house built autofocus
system corrects z-drift during acquisition: four percent of the 640 nm laser is deviated from the optical
path; this beam is directed to the sample/glass coverslip interface, reflected towards the objective
lens and redirected to a homemade QPD following the same path as the incident beam; the QPD
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detects all transverse displacements, which are then corrected by the TAO piezo stage. LABVIEW
(National Instruments) software controls the camera, laser intensities and filter wheel.
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Figure 15. The AFM-SMLM set-up. A) Schematic representation of SMLM-AFM set-up. B) Nanowizard
4 microscope (JPK, Berlin) mounted on top of the objective type TIRF inverted optical microscope. C)
Schematic lay-out of SMLM.

4.4 The experimental system: Myxococcus xanthus

To explore the ability of a M. xanthus cell to sense and transduce mechanical cues and induce
an Frz-signalling pathway triggered cell reversal, we set-up a single-cell approach in which the cell is
mechanically stimulated by the AFM tip and the response of the cell is followed in real-time by
conventional light or fluorescence microscopy. When designing such an experiment, care needs to be
taken regarding the sample preparation, the choice of AFM tip shape and size and the experimental
set-up, including illumination geometry in the case where fluorescence is used.

44.1 The sample preparation

As mentioned before, M. xanthus cells move over solid surfaces relying on two distinct motility
systems based on a Type IV pilus (S-motility) and the assembly of the Agl-GIt molecular motor in a
Focal Adhesion (A-motility). Thus, a single cell on the surface could actually move by either motility
mechanism. In this study, we aim to unravel whether cell reversals can be mechanically induced in
cells using only the A-motility system. Thus, to completely suppress the possibility that cell motility
originates completely or partially from the S-motility system, a mutant was used in which the gene
pilA is deleted (ApilA). This mutant lacks the fimbrial protein that makes up the pilus, and that is
required for S-motility. Within this mutant strain, a protein of the Agl-Glt molecular motor is
fluorescently tagged through a translational fusion between AglZ and the yellow fluorescent protein
(YFP), AglZ-YFP. The AglZ protein in complex with other Agl-Glt proteins travels in a helical pattern
from the cell pole to the basal membrane and forms a stationary fluorescent focus, corresponding to
the assembly of a FA, when cells are moving (Faure et al. 2016a). The physiological buffer in which
these cells are immersed in the following experiments is TPM (10 mM Tris-HCI, pH 7.6, 8 mM MgS04,
and 1 mM KH2PO4) or TPM supplemented with 1 mM Cacl..
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When combining AFM with optical microscopy, two experimental requirements need to be
met to achieve a correlative approach. First, the sample is mounted on a high NA, oil-immersion
objective to achieve high resolution optical imaging. Therefore, the sample needs to be prepared on
a thin glass coverslip. Usually, living bacterial cells are flattened on the coverslip by placing them
between the coverslip and a millimeter-thick agar pad. This, however, makes it impossible to access
the cells from above, which is necessary when using AFM. To solve this problem, the glass coverslip
can be functionalized with polymers such as chitosan or poly-L-lysine to create an adhesive layer and
allow bacterial cell adsorption (Cattoni et al. 2013). However, care must be taken to select polymers
that do not affect cell physiology or the ability of cells to move. In the case of the cationic polymer,
poly-L-lysine, cell envelope stress as well as membrane potential decreases have been reported in
both Gram-negative and Gram-positive bacteria (Strahl and Hamoen 2010; Katsu, Tsuchiya, and Fujita
1984; Colville et al. 2010). The properties and biological applicability of chitosan, on the other hand,
is highly dependent on the molecular composition of the polymer mix, ranging from biocompatibility
in terms of cell growth, adhesion and motility to antimicrobial activity (Raafat and Sahl 2009; Tréguier
et al. 2019). Accordingly, commercial chitosan often leads to low reproducibility in experimental
results due to batch-to-batch composition variations.

As an alternative to these coating molecules, we experimented with agar-coated coverslips as
agar surfaces are highly biocompatible and an ideal substrate for M. xanthus cell motility. The agar
needs to be spread on the coverslip as a very thin layer, in the order of a few micrometers, to be able
to image the sample as the working distance of the objective is only 170 um. On top of the layer the
bacterial cells are deposited by spotting 3 ul of TPM-containing cells so that AFM can still be used to
probe the sample from the top. One caveat of this approach is that bacterial cells usually do not
strongly adhere to agar surfaces and thus, the cells tend to detach when immersing the sample in a
buffer. We attempted to circumvent this problem by: i) working in air, and ii) supplying the thin agar
layer with a physiologically relevant buffer at well-defined time intervals so that it is absorbed by the
agar. Unfortunately, both approaches were unsuccessful because the agar coating is quickly
susceptible to water evaporation, thinning the agar layer as it dries. This then results in large (tens of
micrometers) axial drift of the sample. Even when the agar coating is supplied with a physiological
buffer to counteract the evaporation, the salt concentration rapidly increases which ultimately
compromises the physiological state of living cells. Counterbalancing the evaporation with Milli-Q
water was another solution, however, the axial drift was still significant. The most important tested
conditions for surface coating and their respective results are listed in Table 1.
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Table 1. Tested surface coating and respective results.

Coating Effect on living M. xanthus cells
1,5% CyE-agar Coating too thick to image cells
0,75% CyE-agar The TPM buffer containing cells evaporates over time,

resulting in sedimentation of cells

TPM buffer evaporation leads to salt sedimentation and
formation of ion crystals

Agar coating dehydrates over time resulting in a thinner layer,
creating significant z-drift

Cells are in air which leads to cell death

0,75% CyE agar + immersion in | Cells are not well adhered to the agar coating even though FAs
buffer are established, resulting in the detachment of cells when
adding TPM buffer

0,75% CyE agar + adding droplets | Adding droplets of buffer creates fluctuations of the agar
of buffer at defined time intervals | coating thickness over time

to hydrate the agar pad through
absorption After sedimentation of cells on the surface, cells remain in the
thin liquid layer of the hydrated agar coating but motility is
stalled after a while followed by cell death due to increased
salt concentrations in the coating

0,75% CyE agar + adding droplets | Adding droplets of buffer creates fluctuations of the agar layer
of Milli-Q at defined time intervals | thickness over time

to hydrate the agar pad through
absorption Salt concentration decreases in the coating over time,
deviating as well from physiological conditions

Poly-L-lysine 1/10 Reproducible adherence of cells

Reduced motility speed

Poly-L-lysine 1/100 Reproducible adherence of cells

Reduced motility speed

Chitosan Irreproducible adherence and motility

Because of the unsuccessful attempts to construct a sample in which bacterial cells are
deposited on an agar coating, we continued to explore polymer coatings. We tested the adherence
and motility behavior of M. xanthus cells on poly-L-lysine (Sigma-Aldrich) in different concentrations
and commercial chitosan (Sigma-Aldrich) while immersed in TPM buffer. As expected, commercial
chitosan did not yield reproducible results. Poly-L-lysine on the other hand did result in reproducible
adherence, and therefore we performed a control to test whether FA-powered motility behavior was
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as expected. First, we tested motility speed by tracking cells over time on different surfaces. Lower
speeds are detected when M. xanthus cells move over a poly-L-lysine coated surface as compared to
an agar surface, and motility speed is dependent on the concentration of poly-L-lysine that was used
to coat the surface (Figure 16a). Then, we tested the formation of FAs and the occurrence of cell
reversals by following the fluorescently tagged AglZ protein (Figure 16b-c). Both on poly-L-lysine 1/10
and 1/100 concentrations cells are able to move by A-motility.
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Figure 16. A-motility of M. xanthus on poly-L-lysine coated surfaces. A) Motility speed of M. xanthus
(ApilA) on poly-L-lysine coated glass coverslips in 1/10 and 1/100 dilutions, and an agar substrate. B)
Fluorescently labeled cells (ApilA AglZ-YFP) moving on a poly-L-lysine 1/100) coated glass coverslip
forming fluorescent foci where Agl-Glt molecular motor assembles. C) Kymograph showing motility
behavior of cell over time, including cell reversal (blue arrow), leading cells pole where Agl-Glt motor
is assembled (red arrow), stationary FAs (green arrow).

44.2 AFM tip size and shape

Several different cantilevers and tips can be used to mechanically stimulate cells. The first set
of cantilevers that we used, the MLCT-BIO-DC (Bruker AFM probes) with a nominal tip radius of 20
nm, proved to be ideal for imaging the sample but we deemed this probe not compatible with the
experiment in terms of size (see below).

One working hypothesis that we wanted to test was that cell-cell collisions can induce cell
reversals. Therefore, we aimed for a tip radius with a size similar to or larger than the diameter of a
single cell. M. xanthus is a rod-shaped bacterium with a length of few um and a diameter of 1 um. To
this end, we tested the Nanosensors ATEC-CONT (Nanosensors) where the tip is protruding from the
cantilever which has a reported tip radius of 10 nm (Figure 17b-c) and the Nanotools Biosphere B1000-
CONT (Nanotools) which has a spherical shaped tip with a radius of 1000 nm (Figure 18a). A
polystyrene bead (Spherotech Inc.) with an approximate diameter of 2.7 um was attached to the ATEC-
CONT tip to artificially enhance the tip radius. The protocol is described in Figure 17a. First, a glass
coverslip is prepared containing a drop of glue and some beads. Prior to the deposition of the beads
on the glass coverslip, the beads are dissolved and diluted in Milli-Q water, vortexed for several
minutes and sonicated for 30 min. Then, 5 ul of this solution is spotted on the glass coverslip and
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allowed to dry for 45 min. This coverslip is mounted on the sample stage, while the cantilever with
protruding tip is mounted onto the AFM cantilever holder. The tip of the AFM cantilever is then
automatically approached to the glue (setpoint 5.0 V) and retracted when touching the glue. Finally,
the AFM tip is automatically approached to an isolated bead on the glass coverslip (setpoint 0.2 V) and
retracted. The tip containing the newly attached bead is then dried for 15 min (Figure 17d-e).
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Figure 17. Bead attachment to the Nanosensors ATEC-CONT. A) Schematic protocol for attachment
of microsized polystyrene bead on the Nanosensors ATEC-CONT protruding tip. B) Scanning Electron
Microscopy (SEM) image of the Nanosensors ATEC-CONT tip. C) Field of view containing the protruding
tip and cells. D) SEM image of Nanosensors ATEC-CONT tip with microsized polystyrene bead attached
to it. E) Zoom of D.

44.3 The experimental set-up

When imaging live cells, care needs to be taken regarding phototoxicity and photobleaching.
Light-induced damage can impair cell physiology, alter cell behavior and lead to cell death. Aside from
the damage inflicted on the biological sample itself, the loss of fluorescent signal from labeled cellular
components over time can impair the detection of target molecules. These effects are usually
managed by decreasing the excitation illumination laser light as much as possible, while maintaining
acceptable signal-to-noise ratios. In our experiment, the sample is illuminated by pulsing the excitation
laser (with a T..of 50 ms and a T. ranging from 50 to 450 ms) which reduces the illumination time of
the sample significantly. Nonetheless, the AglZ-YFP fluorescent signal does decrease over time (Figure
18d). Despite the advantages of utilizing a pulsed excitation illumination in terms of phototoxicity and
photobleaching (Boudreau et al. 2016), care needs to be taken when employing this manner of sample
irradiation in correlative AFM-fluorescence microscopy. Pulsing the excitation laser can induce
optomechanical forces resulting in cantilever oscillation and in non-constant and periodic tip-cell
interaction force (Fernandes et al. 2020).
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Figure 18. Fluorescence of Nanotools Biosphere B1000-CONT. A) Tip geometry of Nanotools
Biosphere B1000-CONT. Derived from www.nanomore.com . B) Nanotools Biosphere B1000-CONT tip
fluorescence emission at 700 nm. C) Nanotools Biosphere B1000-CONT tip fluorescence emission at
605 nm. D) Pixel average cell fluorescence over time for target cell for indentation (blue curve) and
non-target cell. E) Fluorescently labeled cells (ApilA AglZ-YFP) on gliding on a poly-L-lysine coated glass
coverslip before indentation. Blue (target cell for indentation) and orange encircled cells correspond
to curve colors (D). F) Fluorescently labeled cells (ApilA AglZ-YFP) on gliding on a poly-L-lysine coated
glass coverslip during indentation of the target cell.

A final parameter that needs to be evaluated is how, where and for how long the cell needs
to be probed by the AFM tip to produce a mechanical stimulus detected by the cell (Gavara 2017).
These three parameters might induce various cellular responses. In our experiment, we have explored
three different ways of probing the cells, depending on the cantilevers and tips used (Figure 19). The
Nanotools Biosphere B1000-CONT was used to stimulate cells normally and laterally targeting the cell
body and not the cell poles. The internal cellular response of the AglZ-YFP protein was detected with
fluorescence microscopy. While stimulating the cells, we observed that this tip is fluorescent in most
fluorescence channels and at laser powers used to image the fluorescently labeled bacteria (AglZ-YFP)
(Figure 18b-e). As such, the emitted fluorescence from the tip interferes with the observation of
emitted fluorescence from AglZ-YFP.

An alternative approach is to use conventional light microscopy to observe the movement of
cells over time. This does not allow us to follow the formation of FA complexesthrough observation of
fluorescence, but would permit measurement of cell displacements upon introduction of mechanical
stimuli. In this case, the sample is imaged by the objective using brightfield illumination (Figure 15a),
and thus the cantilever is visible in the image. For the Nanotools Biosphere B1000-CONT probes which
have the tip attached perpendicular to and underneath the cantilever, this means that the tip is not
visible and thus, the exact location of the tip is unknown or can only be estimated. To circumvent this
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problem, as previously mentioned, we used the Nanosensors ATEC-CONT (Nanosensors) with a
micrometric bead attached to the tip. This tip was mostly used as a physical obstacle placed close to
the leading cell pole of a cell (Figure 17c).

Normal stimulation Lateral stimulation Physical obstacle

Figure 19. Different configurations for probing M. xanthus cells. Schematic representation of three
different tip-cell interactions. Cells were probed normally or laterally when using a Nanotools
Biosphere B1000-CONT. The Nanotools ATEC-CONT tip-size enhanced tips were used as a physical
obstacle.

4.5 Results

We probed several tens of cells in numerous experimental replicates using the tip as a physical
obstacle for moving cells (ApilA AglZ-YFP) on a glass coverslip coated with 1/100 poly-L-lysine and
immersed in TPM buffer. In isolated moving cells - where no biological stimulus through contact with
another cell is influencing cell behavior - we were able to observe cell reversal upon collision with the
tip (Figure 20a-b). Other responses included: i) a short interaction between the tip and cell after which
the cell stalled movement, and ii) the cell evading the tip after sensing and continuing the movement
in the same direction.

Despite the observed cell reversals and interactions between cells and tips upon cell-tip
collision, the slow motility rate of M. xanthus cells on poly-L-lysine made these experiments time-
consuming and labor-intensive, which ultimately resulted in low statistics. Additionally, cells reacted
in different manners to cell-tip collisions, deeming our results inconclusive at this moment. And finally,
using only conventional light microscopy we could not probe the intracellular response to mechanical
stimuli.
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A Tip-cell collision - Reversed cell
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Figure 20. Tip-cell collision induced cell reversal. A) Snapshots taken at t = Os, 400s and 700s of cell
moving and colliding with the tip, after which it arrests movement and reverses. B) Kymograph (right)
constructed from the boxed area, with the tip colored purple, the cell orange and the background
yellow.

In this study, we did not utilize non-fluorescent large colloidal tips. However, the use of these
probes would allow the detection and characterization of fluorescently-labeled target proteins of the
Frz-signaling pathway or the Agl-Glt molecular motor. When using the AFM-SMLM set-up to its full
potential, super-resolution imaging of those proteins would allow the determination of their precise
localization and dynamics before, during and after mechanical stimulation of the cell. Ultimately,
mutant deletion strains can be used to discover which proteins are essential to establish mechanically-
induced cell reversals.

4.6 Conclusion

Despite the observed cell reversals and interactions between cells and tips upon cell-tip
collision, the slow motility rate of M. xanthus cells on poly-L-lysine made these experiments time-
consuming and labor-intensive, which ultimately resulted in low statistics. Additionally, cells reacted
in different manners to cell-tip collisions, deeming our results inconclusive at this moment. And finally,
using only conventional light microscopy we could not probe the intracellular response to mechanical
stimuli.

In this study, we did not utilize non-fluorescent large colloidal tips. However, the use of these
probes would allow the detection and characterization of fluorescently-labeled target proteins of the
Frz-signaling pathway or the Agl-Glt molecular motor. When using the AFM-SMLM set-up to its full
potential, super-resolution imaging of those proteins would allow the determination of their precise
localization and dynamics before, during and after mechanical stimulation of the cell. Ultimately,
mutant deletion strains can be used to discover which proteins are essential to establish mechanically-
induced cell reversals.
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Ill Conclusion and perspectives

In this thesis, | developed and applied several imaging technologies to investigate the
mechanisms by which M. xanthus communities predate and kill E. coli colonies. First, | implemented a
predation assay in which a colony of M. xanthus is spotted at a millimeter distance from a high density
colony of E. coli on a hard agar surface. Over time, collective groups of M. xanthus cells move away
from their community towards the E. coli colony and invade it, creating a predation zone. Second, to
dissect the dynamics of collective cell movements during predation with single-cell resolution, |
introduced a multiscale cell tracking approach that enabled semantic tracking of single predator and
prey cells during relevant acquisition times. Importantly, this new imaging method enabled the
guantitative analysis of single-cell and collective cell motion in a dense sample composed of multiple
bacterial species partially overlapping in space and displaying complex dynamic behaviors. We used
this method to investigate bacterial predation and more specifically, the respective roles of the
motility systems during predation. We believe that his method is easily adaptable for different
guantitative studies of M. xanthus communities as well, for example to study the motion dynamics
during developmental aggregation occurring before fruiting body formation. Additionally, we envision
that a similar approach can be useful to many other applications, such as study of bacterial dynamics
within biofilms, or of other complex ecosystems (e.g. neutrophil migration and killing during parasitic
infection).

Notably, this method enabled the tracking of most M. xanthus cells over extended time
periods, even of cells within dense swarms. The approach, however, displays a number of limitations.
For instance, cell tracking often stopped when cells entered E. coli microcolonies because M. xanthus
cells frequently penetrate the prey microcolony by gliding over or under prey cells, creating a
multilayer of cells that could not be segmented with our current method. The main reason for this
limitation was that we segmented cells in 2D, thus cells outside of the main focal plane were often not
detected. Use of 3D segmentation approaches could help solve this issue and permit tracking of M.
xanthus motility in 3D within E. coli microcolonies and increase the tracking ability of cells within dense
swarms. Previous efforts to follow the dynamics of M. xanthus cells within dense E. coli colonies
resorted to the fluorescent labeling of only a small fraction of M. xanthus cells (Berleman et al. 2008b)

representing a small subset of the predator population. Thus, this improvement in 3D tracking might
provide insights into prey-predator interactions and the dynamics of collective prey killing at the
single-cell level.

An alternative method to solve this issue would be to consistently use a fluorescently-labeled
predator strain and allow the Al-network to assign more than one class per pixel during the semantic
segmentation. This would allow the detection of 3D overlapping masks. This would require, however,
a rethinking of the training data, as we currently assume only one cell be present at a given location,
and thus only one class can be assigned per pixel. A new training database containing an additional
layer of M. xanthus fluorescence information would be a prerequisite. The outputs of such a network
would be a 2D labeled image containing M. xanthus cell masks and a second 2D labeled image
containing E. coli masks. Such an adaptation of the semantic segmentation would allow us to reuse
our tracking methodology for motile M. xanthus cells. Alternatively, voxel, instead of pixel,
classification methods can be used for 3D cell segmentation. This, however, would require a redesign
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of the tracking approach. Mask parameters, such as cell area and mask overlap become either
challenging to compute based on voxel information or are no longer relevant in a 3D context.
Therefore, these parameters need to evolve into concepts such as cell volume and volume overlap.
To overcome these challenges, inspiration can be drawn from the recent advances made to adapt 2D
U-net based approaches to 3D methods. These advances apply to high-resolution microscopy data
(Weigert et al. 2018; Cicek et al. 2016), but are also extensively exploited for biomedical image analysis
(Islam et al. 2020; W. Chen et al. 2019; Kaur, Kaur, and Singh 2021).

Finally, imaging an even larger area by increasing the mosaic size would allow us to visualize
larger-scale collective phenomena, such as rippling. As we discussed in chapter Il.1, robust tracking of
cells requires that the time between images be smaller than half the distance travelled by a cell. Thus,
increasing imaging areas would require a faster microscope. Potentially, use of light-sheet microscopy
methods could accelerate 3D acquisitions over large areas, while also diminishing photo-toxicity and
improving optical sectioning of multi-layered samples.

From microscopy timelapsing assays, a wide range of motion behaviors among M. xanthus
cells could be observed. We found that, in contrast with the canonical view that the A-motility system
powers motion of solitary cells and the S-motility system powers motion of swarms, that groups of
cells (e.g. rafts and swarms) consist of both A- and S-motile cells. This raises the question whether this
motility system diversity is reflected in the transcriptome and, moreover, whether a transcriptional
control exists to modulate the use of these motility engines.

To study differential gene expression, | developed a spatial transcriptomics workflow in which
an RNA species of interest could be labeled using In Situ Fluorescence Hybridization in fixed M. xanthus
cells while conserving the spatial organization of the cell in the colony. This workflow was validated
by studying the transcriptomic levels of one target RNA species, expressed under the promoter of the
EF-TU gene, involved in translation and associated with cell growth, metabolic activity and
proliferation. To provide such an experimental framework to understand transcriptome variation in
complex microbial communities is of large interest for the community. Not so long ago, spatial
transcriptomics were applied to sessile communities of Pseudomonas aeruginosa to study metabolic
heterogeneity (Dar et al. 2021b). This study was carried out in collaboration with the Cai group and
utilized its high-throughput sequential FISH method (Eng et al. 2019; Lubeck et al. 2014b). The novelty
of the work presented in this thesis and in the recent study of Dar and colleagues is that transcriptome

profiling of cells in organized microbial communities is now possible without disrupting the spatial
context. This allows to detect transcriptome heterogeneity and to link this information to the
community context. More specifically, the spatial localization, cluster patterns or scattering of cells
with similar transcriptome profiles can be studied. Another high-throughput multiplexed FISH
technique, called merFISH (K. H. Chen et al. 2015b), was previously used to show the spatial patterning

of distinct neural populations in the mouse hypothalamic preoptic region (Moffitt et al. 2018). It is

only a matter of time before these spatial omics methods are consistently applied to microbial
communities.

For the M. xanthus predating colony specifically, spatial transcriptomics might provide insight
into the mechanisms of, for example, prey killing and feeding. Prey killing by M. xanthus has been
proposed to happen by OMVs containing lethal cargo or by a tad-like apparatus in a contact-
dependent manner (Seef et al. 2021a; Evans et al. 2012). To date, however, it remains unclear how

and which cells feed on these nutrients and what nutrients are metabolized. Transcriptomic profiling
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of cells at the predation forefront might detect the expression of gene products for metabolic activity
which might lead to a better understanding of which macromolecules derived from prey-lysis are
metabolized during the feeding process and in which cells metabolic activity occurs. It has been
hypothesized that the multicellular phenomenon of rippling contributes to efficient nutrient
scavenging (Berleman et al. 2006). A high-throughput spatial transcriptomics profiling of M. xanthus

cells might be able to consolidate this hypothesis. Finally, motion behavior can be studied with
transcriptome profiling. To date, it is unclear whether M. xanthus is attracted to prey or whether it
encounters it by chance through efficient surface colonization. The expression of genes playing a role
in chemotaxis pathways might shed light on predator attraction by prey cells and on how M. xanthus
cells coordinate their motion through a prey colony.

Aside from transcriptome profiling, the workflow that | presented can be extended to other
spatial omics methods. We showed that immunolabeling could be achieved on the printed M. xanthus
assays. This means that imaging-based proteomics studies through antibody labeling can be carried
out for protein expression and localization studies. Additionally, spatial genomics methods relying on
DNA FISH labelling can be applied to the printed predation assay and be exploited for chromosome
architecture experiments.

Overall, the technological and experimental frameworks presented in this thesis contribute to
the field of M. xanthus and open the door for a myriad of experiments. With the arrival of more
accessible, open-source deep learning tools and their applications to the field of biology, studies which
were up thus far qualitative, can now be studied with data-driven approaches. Additionally, the recent
work done on complex microbial communities using spatial transcriptomics showcases the interest of
in-depth profiling of single-cells in their native microenvironments. It is exciting to anticipate the new
waves of biological discoveries that these techniques will bring.
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1 Material and Methods

Bacterial strains

A list of all bacterial strains used in the thesis can be found Table 2. This table contains the

strain name, genotype and strain origin.

Table 2. List of bacterial strains.

Strain

Genotype

Strain origin

E. coli

MG1655 wildtype

E. coliHU-mCherry

MG1655 HU-mCherry

Espeli laboratory collection

M. xanthus

DZ2 wildtype

Mignot laboratory collection

M. xanthus cytosolic-sfGFP

DZ2 pSWU19-pm3068-sfGFP

Mignot laboratory collection

M. xanthus A+S- OMss-sfGFP

DZ2 Qpil A pSWU19-PpilA-OMss-
SfGFP

Mignot laboratory collection

M. xanthus A-S+ OMss-sfGFP

DZ2 GltJ DNterm222 pSWU19-
PpilA-OMss-sfGFP

Mignot laboratory collection

M. xanthus A+S- OMss-
mCherry

DZ2 DpilA pSWU19-PpilA-OMss-
mCherry

Mignot laboratory collection

M. xanthus AglZ-NeonGreen

Allelic replacement of aglZ by
aglZ-NeonGreen

Mignot laboratory collection

M. xanthus RomR-GFP

DZ2 pSWU30-pilA-RomR-GFP,
Ter

Mignot laboratory collection

M. xanthus
AKillDEF

DZ2 A3105-3107

Mignot laboratory collection
(Seef et al. 2021b)

M. xanthus (A+S-)
AglZ-YFP

DZ2 pilA::tet aglZ-YFP, Tcr Kmr

Mignot laboratory collection
(Faure et al. 2016b)

Bacterial cultures

E. coli cells used in predation assay were grown overnight in 10 ml Luria-Bertani (LB) medium
at 32°C under agitation (200 rpm). To ensure that E. coli cells were in exponential phase after
overnight growth, a 1:10 dilution of the starter culture was made in fresh LB medium and incubated
for approximately four hours.

M. xanthus cells were grown overnight in 10 ml Casitone Yeast Extract (CYE) rich medium as
was described before (Bustamante et al. 2004) at 32°C under agitation (200 rpm), supplemented with
antibiotics (Ampicillin 1 pug/ml) when necessary. Cells were harvested when the OD., reached 0.1-0.5.
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M. xanthus biofilms and predation assays
Bacterial predation was established in laboratory conditions by setting up a predation assay.

In short, E. coli and M. xanthus cells were harvested from the LB and CYE media, respectively. Cells
were concentrated by centrifugation on a tabletop centrifuge at 2100 g for 5 min at room temperature
and resuspended in CF medium (10 mM MOPS (pH 7.6), 1 mM KH.PO., 8 mM MgSO., 0.02% (NH.).SO.,
0.2% sodium citrate, 0.015% bacto casitone peptone). M. xanthus cells were concentrated to an ODew
of 5, E.coli cells were concentrated to an OD., of 0.005 or 5 for the time lapse imaging experiments
and the RNA FISH experiments, respectively. Cell suspensions of 1 ul were spotted at close distance of
approximately 1 mm on CF 1.5% agar pads supported on a coverslip.

The agarpads used for time lapse imaging were made with ultrapure agar (UltraPure Agarose
1000, Invitrogen) to limit autofluorescence by impurities in the agar solutions. Pads were made by
pipetting 550 ul of melted agar onto a 25mm coverslip and by placing a second coverslip on the drop
of agar, allowing the latter to solidify between two flat surfaces. Once the agar pad was made, the top
coverslip was removed and the agar was cut to a diameter of 20 mm.

The prepared predation assays were then placed onto a layer of CF 1.5% agar in a petri dish
and the petri dish was closed with parafilm to avoid agar pad evaporation and drying. Samples were
incubated 24h to 48h on 32°C to allow M. xanthus cells to invade the E. coli colony.

M. xanthus biofilms, in the absence of prey, were created by spotting the concentrated M.
xanthus suspension on either a thin CF 1.5% agar pad or on a thin CYE 1.5% agar pad, created as
described above.

Microscopy
Fast time lapse and hubble imaging were done on a homemade fully-automated hardware-

accelerated wide-field epifluorescence microscope built on a RAMM modular microscope system
(Applied Scientific Instrumentation). Samples were imaged using a 60x Plan-Achromat water-
immersion objective (NA = 1.2, Nikon, Japan). The objective lens was mounted on a closed-loop
piezoelectric stage (Nano-F100, Mad City Labs Inc. - USA). lllumination was provided by a brightfield
illumination source and 2 lasers (OBIS-488 nm and Sapphire-LP-561 nm, Coherent — USA). Images
were acquired using a SCMOS camera (ORCA Flash 4.0V3, Hamamatsu — Japan), with a final pixel size
calibrated to 106 nm. A custom-built autofocus system was used to correct for axial drift in real-time
and maintain the sample in focus. Software-controlled microscope components, including camera,
stages, brightfield illumination and lasers were run using a custom-made software package developed
in LabView 2015 (National Instrument).

Hubble imaging

Hubble images, in which the predation assay is fully captured, was carried out by constructing
a mosaic patchwork of MxN size. Each FOV of the mosaic overlaps with the neighbouring FOVs by 200
pixels. Acquisition of such a large mosaic was achieved by following a snake-like pattern. For each FOV
a 3D stack of brightfield and fluorescence images was acquired of 12 planes interspaced with 250 nm.
Laser powers were adjusted to have optimal signal for the target fluorescent proteins. Exposure times
were set to 50 ms and brightfield illumination was decreased with a neutral density filter (OD 2).
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Fast time lapse imaging
For imaging of the predation assay, the sample was covered with an imaging coverslip. The

imaging coverslip was washed consecutively with acetone, Milli-Q water, 70% ethanol (v/v) and Milli-
Q water, and flamed to remove any fluorescence impurities and residues. The coverslip was cooled
down to room temperature and placed hermetically on the sample while avoiding bubbles between
the sample and the coverslip. The sample was mounted in an attofluor and onto the microscope for
imaging. A region of interest spanning an area of approximately 0.36 mm? was selected. This large
area was imaged by constronstructing a mosaic patchwork of 3 by 3 fields of view (FOVs) or mosaic
tiles of 2048x2048 pixels, each theoretically overlapping with 200 pixels. An imaging cycle, in which
the 3-by-3 mosaic was imaged by sample displacement following a snake-like pattern, was thus made
up of 9 consecutive acquisitions. For each FOV, a 3D-stack was acquired to account for sample tilt in
brightfield and in the fluorescence channel of 561 nm for E. coli carrying a HU-mCherry fusion. An
additional fluorescent channel was added for M. xanthus when the used strain was carrying a
fluorescent protein as well. A 3D-stack was generally made up of 7-12 planes interspaced with 250-
500 nm. Exposure times were set at 50 ms. The laser powers used were kept at low intensity to limit
phototoxic effects on the live cells during time lapse acquisition. Brightfield illumination was
attenuated with a neutral density filter with optical density two. Imaging cycles were generally
completed in 30-40 seconds and were repeated 700 times to construct an hours-long time lapse series
of the mosaic area.

Treatment of fast time lapse data
To increase imaging speed, all images from one imaging cycle were pooled into one DCIMG

file. First, the DCIMG files were converted to tiff files with software from Hamamatsu and sorted for
each FOV, channel and time point. Tiff images of the fluorescent channel of E.coli were deconvolved
with Huygens Professional version 20.04 (Scientific Volume Imaging, the Netherlands, https://svi.nl/).
Deconvolved E. coli stacks were z-projected by calculating the standard deviation. 3D brightfield stacks
were converted to 2D images by dividing each stack in 16 ROIs of 512x512 pixels, selecting
automatically or manually the in-focus plane for each ROI and restitching the 16 ROls. The code for
calculating the in-focus brightfield image (im_straighter FTL.m or im_straighter FTL _manual.m) can
be found in https://github.com/jbfiche/DCIMG_to_TIFF_conversion/tree/master/Fast_TL_windows.

2D brightfield and E. coli fluorescence images were used as input for an in-house developed
MATLAB code using a convolutional neural network with U-Net architecture for semantic
segmentation (Ronneberger, Fischer, and Brox 2015; Van Valen et al. 2016). Semantic segmentation
was performed with five independently trained networks to converge towards a high confidence
result, outputting an image with pixel values representing the pixel assignment confidence to a given
class. The code for semantic segmentation (Reconstruct_image FCN_FTL.m) can be found in
https://github.com/jbfiche/Deep_Learning_segmentation/tree/Myxo_segmentation_predation_fluo
_Unet/For_image_reconstruction.

Segmented images were then used to reconstruct the mosaic image by tiling the 9 images.
Exact image overlap for tiling was calculated by image-based pixel-resolution cross correlation. Drift
in time was corrected by aligning the mosaic images based on cross correlation calculated from
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segmented images of stationary E. coli microcolonies. M. xanthus segments from mosaic images were
post-processed to reduce segmentation artefacts. In short, binary masks were generated from the
masks by exploiting the assignment of confidence values, masks were filtered for size and finally,
tortuous masks and fused masks were rejected. E. coli masks were post-processed to avoid overlap
between E. coli and M. xanthus masks and filtered for size to reject isolated pixels. The code for cross-
correlation calculation (Mosaiclmages_CC_BFNormalized_MyxoSegmented.py and
Mosaic_DriftCorrection_GlidingRef _MiddelROI5.py), and tiling, drift correction and mask post-
processing (function_DriftCorr_MosaicTiling_Ecoli.m) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Single cell tracking
Single cell trajectories were reconstructed with an in-house developed MATLAB pipeline. For

each timepoint in the time lapse image series, pairwise tracks were constructed between cells in frame
k and cells in frame k+1. Briefly, the enlarged bounding box of the cell mask in frame k was utilized to
select a number of possible candidates in frame k+1. Ultimately, the optimal candidate was found by
ranking the candidates with Analytical Hierarchy Processing (AHP) (Saaty 1986) based on several
parameters of the masks including cell area, cell length and mask overlap area between the cell and
its candidates. To correct for multiple assignments of a candidate , an inverse AHP approach was used
in which the optimal cell from frame k was selected for the candidate of frame k+1. Finally, pairwise
tracks over all timepoints were combined to form complete single cell trajectories. The code for single-
cell trajectory reconstruction (function_Tracking_TiledMosaic.m) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

MSD

To characterize bacterial movement, individual bacterial trajectories were analysed with the Python
trackpy package. For each track, the Mean Squared Displacement (MSD) was computed and the five
first time points were fitted with a power law. The resulting scaling exponent, alpha, was used to
characterize the directionality of bacterial movement (from confined with alpha<i, brownian with
alpha=1, to directed with alpha>1). The code used to calculate the MSD (Myxo_trackpy.py) can be
found in https://github.com/SaraRombouts/ProjectFTL_Predation.

Speed
Instantaneous cell speed was calculated using the straight distance traveled in the five frames

before and five frames after a given time point, normalized by the time between 10 frames. The code
used to calculate speed (matfiles_to_umap_format.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Voronoi tessellation

To measure the local density of M. xanthus cells, a Voronoi tessellation was performed with
the Voronoin function of MATLAB. The voronoi tessellation was calculated on the centers of the
backbones of all masks that were included for tracking. Centers of gravity of the masks that were
filtered for tortuosity and mask fusion based on branchpoints were included as well. For masks which
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contained a branchpoint in their backbone, the branchpoint was deleted, essentially breaking up the
backbone. The centers of the newly generated backbones were calculated and included for the
tessellation. For masks filtered out for tortuosity, the centers of the backbones were calculated as well
and included for the tessellation. The area of the polygon to which the mask belongs was used as a
measure for local density, with large polygon areas for low cell density and small polygon areas for
high cell density. The code used to calculate the local density of M. xanthus cells
(function_Voronoi_backbone_OverlapFlag.m) can be found
in https://github.com/SaraRombouts/ProjectFTL_Predation.

Long range clustering
Long range clustering of cells was performed by dilating the binary cell masks of Myxococcus

xanthus cells using a 10x10 pixels kernel (~1x1 um). Then, merged cell masks were identified as
clusters using the regionprops module of the skimage package in Python. For each identified cluster,
the number of cells per cluster was determined and its size was measured as the area covered by the
non dilated cell masks comprising each cluster. The code used to perform long-range clustering
(scratch_multiscale_segmentation.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Classes
Bacterial populations were categorized into four groups: loners, scouts, rafts and swarms. Two

criteria were used to determine the group to which a cell belongs to at each time point in the time
lapse: the Voronoi cell density, V, and the number of cells per cluster, N. For loners: log10 (V)<4.5 and
N<2; for scouts: log10 (V)<4.5 and N<20; for rafts: 2<N<600; and for swarms: 600<N. When scouts
functionality was used as an additional criterion, only cells with a speed higher than 3 pixels/frame
were selected. The code used to cluster cells into classes (Figure2_myxo_classes.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

2D Histograms
Two dimensional data points and trajectories histograms were both computed using the

Python Datashader package, with canvas mapping data to pixels as points or lines, respectively. For
histogram differences, the histograms were first normalized by the sum of their bin values. For
histograms of trajectory fluxes, the spatial coordinates of each bacterial trajectory were replaced with
new coordinates corresponding to the classification of the bacteria, being either loner, scout, raft or
swarm, at each time point along the track with Gaussian noise added to reduce the overlap of the
tracks. The <code wused to reproduce the histograms in Figures 1 and 2
(Figurel_2D_Histograms_ratio_2.py, Figurel 2D Histograms.py, Figurel HistolD speed_scouts.py,
Figure2 2D Histograms_ratio_0.py, scratch_compute_tracks_datashader_maps.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Similarity index map
To quantify the similarity between the trajectories of the scouts and the rest of the population,

the trajectories of the two populations were split apart to map them on separated 2D arrays. Each
array map was then binarized and used to compute a structural similarity index map with the Python
Scikit-image package (sliding window of three pixels). Finally, the resulting similarity index map was
binarized to extract the area of each portion of trajectory shared by the two populations. These areas
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of shared trajectories were used to quantify the amount of scout trajectories shared with the rest of
the bacterial population. The <code wused to calculate similarity index maps
(Figure3_load_and_analyse_tracks_datashader_maps.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

Prey consumption
To quantify the consumption of prey cells by M. xanthus during invasion, the fluorescence of

E. coli HU-mCherry was used. For each time point in the movies, the fluorescence intensity of the
central plane of each z-stack was first normalized by the Gaussian profile of the excitation laser and
then projected along the perpendicular direction of invasion. The mean intensity was then truncated
into three equal parts to quantify E. coli HU-mCherry intensity changes in the portion of the field of
view (FOV) that gets invaded by M. xanthus cells during the acquisitions (bottom part of the stitched
FOV) and in a portion that does not get invaded during the acquisition (Top part of the stitched FOV),
the central portion not being used. For the bottom and top parts of the FOV, the mean fluorescence
intensity of E. coli HU-mCherry was quantified for each frame of the movies to characterize the
disappearance of E. coli cells over time. The code used to calculate prey consumption
(Figured EC_killing_load.py) can be found in
https://github.com/SaraRombouts/ProjectFTL_Predation.

AglZ foci detection
AglZ foci were automatically detected to highlight the position of AglZ complexes in single

cells. For this, the raw fluorescent z-stacks were first band pass filtered to remove noise and low spatial
frequencies in single planes and then a local normalization was applied to equalize signal strength
heterogeneities due to the Gaussian excitation profile. Finally, the four central images of the z-stack
were summed and used to localize AglZ complexes as diffraction-limited spots using the
DAOStarFinder utility from the Astropy package (https://www.astropy.org/).

RNA FISH in liquid cultures and in predation prints
Probe design
Probes were designed against the transcript of superfolder GFP (sfGFP), a 718 nucleotide long

transcript. A set of oligonucleotides was designed with the Stellaris Probe Designer version 4.2
(available at https://www.biosearchtech.com/stellaris-designer). The Stellaris Designer was set to
generate homologous sequences of 20 nt long interspaced by at least 2 nt. The masking level, which
masks simple repeats, species specific repeats and repetitive sequences with more or less stringency,
was set to two. Under these conditions, 28 unique probes spanning the complete sfGFP transcript with
GC contents ranging between 40% and 60% were generated. Each homologous sequence was further
complemented at the 5’-end with two 32-mer sequences complementary to two unique and
fluorescently-labeled oligonucleotide secondary probes. The final primary oligonucleotide probes
(ordered from integrated DNA technologies, or IDT) thus contained a region homologous to the
transcript appended by two read-out sequences on the 5’-end using an AT spacer. Secondary probes
were labeled with Alexa-647N, their sequences can be found in Table 3.

Table 3. Sequences of probe set for sSfGFP target transcript and read-out oligos.
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Probe set sfGFP CAGTTCTTCACCTTTAGACA
(28 homologous | CAGGATCGGAACAACACCGG
regions) TTAACATCACCATCCAGTTC
CCTTCACCACGAACAGAGAA
TTTACCGTTGGTTGCATCAC
GTGCAGATGAATTTCAGGGT
CATGGAACCGGCAGTTTACC
AACACCATAGGTCAGGGTAG
TCCGGGTAACGAGAAAAACA
GAAATCATGCTGCTTCATGT
CTTCCGGCATTGCAGATTTG
AAATGGTGCGCTCCTGTACA
TAGGTGCCATCGTCTTTGAA
TTTAACCTCTGCACGGGTTT
CAGTTCTTCACCTTTAGACA
ATGCCTTTCAGTTCAATACG
GTTGCCGTCCTCTTTGAAAT
GTTATATTCCAGTTTGTGGC
GCGGTGATGTAAACGTTATG
GATACCGTTCTTCTGTTTGT
GGCGAATTTTGAAGTTAGCT
TGTACGCTACCGTCTTCAAC
CATCACCGATCGGAGTGTTC
TGGTTATCCGGCAGCAGAAC
GAACAGACTGGGTGGACAGG
TTTTCGTTCGGGTCTTTGGA
ATACCTGCTGCAGTAACGAA
ATTTGTAGAGCTCATCCATG

Read-out probe 1 CACACGCTCTTCCGTTCTATGCGACGTCGGTG/iThioMC6-D//3AlexF647N/

Read-out probe 2 GACCAAGAGCGGACGTTGTGCCCAATGATCGC/iThioMC6-
D//3AlexF647N/

RNA FISH
RNA FISH labeling of M. xanthus cells was achieved by working in an RNase-free environment.

All solutions were prepared in an RNase-free manner and sterilized by filtration through a 0.22 um
filter.

RNA labeling in M. xanthus cells from liquid culture was optimized by adapting the protocol
of Skinner et al (Skinner et al. 2013b). In short, cells were grown overnight in 20 mL CYE. After
overnight growth, a cell culture volume equal to V=6/0D., was harvested by transferring the culture
to falcon tubes on ice. Cells were pelleted by centrifugation at 4500g for 5 min at 4°C. After
centrifugation, cells were resuspended and fixed in 1 ml ice-cold 3.7% formaldehyde PBS solution for
30min. Cells were then washed by centrifugation at 600g for 3.5 min at room temperature and
resuspended in 1 ml 0.1% Tween-20 PBS. Finally, cells were pelleted by centrifugation at 600g for 3.5
min at room temperature and permeabilized in 1 ml 0.4% Triton X-100 PBS for 15 min. Labeling of
target RNAs was initiated by a prehybridization step. After pelleting the cells by centrifugation at
1000g for 7 min at room temperature, cells were resuspended in 1 ml washing buffer containing either
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10% or 40% formamide (v/v) and 2X SSC for 5 min at room temperature. Cells were pelleted again by
centrifugation at 1000g for 7 min at room temperature. Hybridization of the primary probes was
achieved by resuspending the cell pellet in 50 pl hybridization buffer (10% dextran sulfate, 0.02% BSA
(w/v), 10% E. coli tRNA (w/v), 2 mM ribonucleoside vanadyl complex, 10-40% formamide (v/v), 2X
SSC) containing a total of 550 pmol, or 10 uM, primary probes and incubation overnight at 30°C. The
next day, 200 ul washing buffer (10% formamide, 2x SSC) was added to and mixed with the cells in
the hybridization buffer. Cells were then washed twice by centrifugation at 1000g for 5 min at room
temperature, pellets were resuspended in 200 pl washing buffer (10% formamide, 2X SSC) and further
incubated at 30°C for 30 min. Then, cells were centrifuged again at 1000g for 5 min at room
temperature. Finally, the hybridization of the secondary fluorescent probes (RTs) to the read-out
sequences in the tails of the primary probes was carried out by resuspending the pelleted cells in 500
pl RT solution (25 nM per secondary probe in washing buffer (10% formamide, 2X SSC)) and by
incubating for 30 min at room temperature. Finally, cells were pelleted by centrifugation at 1000g for
5 min at room temperature and resuspended in 50 ul imaging buffer (1X PBS, 5% w/v glucose, 0.5
mg/mL glucose oxidase and 0.05 mg/mL catalase).

RNA labeling in a M. xanthus colony or M. xanthus predating colony was achieved by tightly
adhering, or printing, cells to the imaging coverslip. This was done by compressing the intact colony
between the supported agar pad and the imaging coverslip. First, the imaging coverslip was cleaned
sequentially with acetone, Milli-Q water, 70% ethanol (v/v) and Milli-Q water, and flamed to remove
any fluorescence impurities and residues. The coverslip was cooled down to room temperature, and
placed hermetically on the agar pad, ensuring that no bubbles were formed between the agar pad and
the imaging coverslip. An in-house fabricated weight of around 50 gr was placed on the support
coverslip to compress cells against the imaging coverslip. This allowed the use of a liquid handling
system that does not alter the spatial structure of the colony. To tightly adhere cells to the imaging
coverslip, the sample was placed in a petri dish. The petri dish was either sequentially flushed with 5
ml ice-cold 3,7% formaldehyde PBS for 90 min on ice, 70% ethanol for 15 min at room temperature
and 100% ethanol overnight at room temperature, or with 5 mlice-cold FAA (50%-70% ethanol (v/v),
3.7% formaldehyde (v/v), 5% glacial acetic acid (v/v)) for 10-30 min on ice. During incubation, these
solutions diffused through the agar pad and fixed cells to the glass.

After incubation with fixatives, the weight was removed and the agar pad was disassembled
from the imaging coverslip leaving the intact colony attached to the imaging coverslip. FAA-treated
colonies were additionally immersed in 5 ml ice-cold 3.7% formaldehyde PBS for 30 min on ice. After
fixation, the sample was washed twice with 5 ml 0.1% Tween-20 PBS for 15 min at room temperature
and permeabilized with 5 ml 0.4% Triton-X PBS for 15 min at room temperature. Samples were then
immersed in prehybridization buffer (10% formamide (v/v), 2X SSC) for 15 min at room temperature.
Hybridization of primary probes was done by overnight incubation on 30°C of the sample in 200 ul
hybridization buffer (10% dextran sulfate, 0.02% BSA (w/v), 10% E. coli tRNA (w/v), 2 mM
ribonucleoside vanadyl complex, 10% formamide (v/v), 2X SSC) containing 550 pmol primary probes,
or 2.75 pM. To avoid evaporation of the hybridization buffer overnight, the coverslip was placed
sample down onto a piece of parafilm spreaded on the bottom of a petri dish on which the
hybridization buffer was pipetted. Afterwards, the coverslip was washed twice in 5 ml washing buffer
(10% formamide (v/v), 2X SSC) for 30 min on 30°C. Secondary probes were hybridized in 100 ul RT
solution ( (100 nM per secondary probe in washing buffer (10% formamide, 2X SSC)) for 30 min at
room temperature. Samples were washed once more in 5ml washing buffer and subsequently imaged
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in 200 pl imaging buffer (1X PBS, 5% w/v glucose, 0.5 mg/mL glucose oxidase and 0.05 mg/mL
catalase).

Immunofluorescence
Commercial antibodies against GFP (GFP-booster-ATTO647N, Chromotec) were used for

immunofluorescence labeling of the sfGFP target protein. M. xanthus cells were fixed, washed and
permeabilized in 3.7% formaldehyde PBS for 30 min, 0.1% Tween-20 PBS and 0.4% Triton-X PBS for 15
min, respectively. After permeabilization, cells were washed twice with 0.1% Tween-20 PBS and
treated with blocking buffer (4% BSA (w/v), 0.1% Tween-20 (v/v), PBS) for 10 min at room
temperature. Antibody incubation was done in 1 ml blocking buffer containing 1:200 GFP-booster for
1h at room temperature. Samples were washed three times with 1 ml 0.1% Tween-20 PBS for 5 min
at room temperature. Samples were immersed in imaging buffer for microscopy.

RNA FISH Microscopy
Imaging of RNA labeled samples and immunofluorescence stained samples was performed on

a home-built set-up based on a Zeiss Axiovert 200 equipped with a EM-CCD (iXon-897, Andor) and an
oil-immersion objective (Zeiss, 1.45 NA, 100X).

Both the acquisition of the anti-GFP antibody labeled with ATTO-647N and the RNA read-out
probes labeled with Alexa-647 were imaged by acquiring a time series of several tens of images at the
focal plane with a 640 nm readout laser (OBIS-640, Coherent - USA) and an exposure time of 50 ms.
The fluorescent protein (sfGFP or GFP) was imaged with a 488 nm readout laser (OBIS-488, Coherent
- USA) with an exposure time of 50 ms. A bright field image was taken of each field of view for cell
segmentation.

RNA FISH Image treatment
Image treatment was done with a home-made MATLAB code. For each acquired time series

an average image was calculated based on the first 10 consecutive images of the time series. To
correct for the inhomogeneous illumination pattern, images were flattened with an estimated image
of the excitation profile. This estimated image was constructed by applying a butterworth filter to the
average images. Cell segmentation was done with an in-house developed MATLAB-based Al approach.
In short, bright field images were segmented with a Convolutional Neural Network (CNN) using five
independently trained networks for M. xanthus. Images outputted by each of the five networks were
averaged to construct the converged resulting segmented image. Single cell masks were obtained by
binarizing the converged segmented image. The code for segmentation
(Reconstruct_image_segmentation_bacteria_emCCD.m) can be found in
https://github.com/jbfiche/Deep_Learning_segmentation/tree/emCCD_generalization.

Cell masks were used to retrieve the total integrated fluorescence for single cells by summing
all pixel values per mask. This value was divided by the area under the mask to normalize for cell size.

Foci intensity determination
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The intensity values of foci in cells were determined by selecting a line ROl on the average
images and plotting the intensity profile along this line. From the intensity line profiles the peak
intensity was determined.

Melting temperatures
The theoretical melting temperatures of DNA/RNA hybrids of the primary probes and their

corresponding homologous region of the transcript were calculated with the online version of
MELTING (https://www.ebi.ac.uk/biomodels-static/tools/melting/) (Le Novére 2001). Input
parameters for this calculation included: i) nearest-neighbor parameters set as in (Sugimoto et al.
1995), ii) salt concentration equal to 0.303 M reflecting the salt concentration in the hybridization
buffer, iii) excess nucleic acid concentration equal to 2.75 uM in the hybridization buffer, and iv) the
salt correction as in (SantaLucia 1998). The effect of formamide concentration (in volume/volume
percentage) in the buffer is described in MELTING with the following equation:

Tm =Tm (Formamide=0) - 0.65 x Formamide concentration (%)

as described in the user guide (https://www.ebi.ac.uk/biomodels-
static/tools/melting/melting5-UserGuide.pdf). This equation was applied on the theoretical melting
temperatures calculated for the DNA/RNA hybrids for each primary probe for formamide
concentrations ranging from 0-40% (v/v).
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ABSTRACT

The spatiotemporal regulation of gene expression plays an essential role in many biological processes. Recently, several
imaging-based RNA labeling and detection methods, both in fixed and live cells, were developed and now enable the study
of transcript abundance, localization and dynamics. Here, we review the main single-cell techniques for RNA visualization
with fluorescence microscopy and describe their applications in bacteria.

Keywords: RNA imaging; microscopy in bacteria; transcription

INTRODUCTION

RNA is one of the main actors in the cell, allowing the flow
of information between DNA, the carrier of genetic material
and proteins (Crick 1970). RNA transcripts are produced from
double-stranded DNA by RNA polymerases in the process of
transcription (Fig. 1). However, not all transcripts are messen-
ger RNA (mRNA) and translated into proteins (Wagner, Gerhart
and Romby 2015). In fact, most of the transcribed RNAs in bacte-
ria are ribosomal RNAs (rRNA), transfer RNAs (tRNA) and other
non-coding or regulatory small RNAs (sRNA) (Fig. 1) (Argaman
et al. 2001; Rivas et al. 2001; Wassarman et al. 2001). These RNAs
do not directly result in proteins; however, they influence the
composition of the transcriptome and proteome of a cell by fine-
tuning the expression of specific genes in response to environ-
mental cues (Gottesman 2004; Papenfort and Vogel 2009; Waters
and Storz 2009; Gottesman and Storz 2011; Storz, Vogel and Was-
sarman 2011; Wagner, Gerhart and Romby 2015). Regulation of
transcription plays a crucial role in many biological processes
such as development, cell differentiation and cell homeostasis
(Browning and Busby 2016; Pope and Medzhitov 2018). Conse-
quently, the detection and precise quantification of RNA levels
in cells are important to understand how transcription is regu-
lated, as well as to decipher the specific transcriptional patterns
of different cell types.

Early pioneering techniques, such as northern blotting, gPCR
and microarrays, enabled the detection and quantification of
specific transcripts from a pool of RNA, and proved power-
ful in species identification and in differential gene expres-
sion studies (Jauregui et al. 2001; Sachse et al. 2005; Streit et al.
2009). Subsequently, high-density DNA microarrays and high-
throughput RNA sequencing (RNAseq) were developed to detect
whole transcriptomes (Lashkari et al. 1997; Bainbridge et al. 2006;
Weber et al. 2007). These methods rely on the extraction of total
RNA from a pool of cultured cells or a homogenized cell solu-
tion, and thus result in an ensemble average for the popula-
tion of cells under study. Recent advances in fractionation tech-
niques and RNAseq now enable transcriptome profiling of sin-
gle cells, allowing further exploration of cell-to-cell variability
and subpopulation identification (Shalek et al. 2014; Chen, Teich-
mann and Meyer 2018; Montoro et al. 2018). A major drawback
of sequencing-based technologies is their inability to monitor
single-cell dynamics and subcellular localization. These mea-
surements prove to be critical in understanding the mechanism
of transcriptional regulation and the functions of RNA in the cell.

A major advantage of imaging-based methods is that cellu-
lar processes and their associated actors can be visualized in
time and space within their native context. This ability, when
combined with the development of a myriad of strategies to
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Figure 1. Synthesis of coding and non-coding RNA species in bacteria during transcription. In bacteria, both coding and non-coding RNA is synthesized from double-
stranded DNA by RNA polymerase, presumably in the nucleoid periphery, in the process of transcription. Coding RNA or messenger RNA (mRNA) is translated to
proteins by ribozymes, presumably in the nucleoid periphery as well. Non-coding RNA, such as transfer RNA (tRNA), ribosomal RNA (rRNA) and other small regulatory
RNA (sRNA), will fold into distinct nanostructures and will play a role in downstream processes such as translation and gene expression regulation.

tag most macromolecules within a cell, has made fluorescence
microscopy a popular tool for the study of many biological prob-
lems. Particularly, imaging-based methods have provided con-
siderably new insight into the process of transcriptional regula-
tion and more generally into the cellular roles of different RNA
species.

In eukaryotic cells, transcription occurs in the nucleus and
translation in the cytoplasm. As a result, these processes are
decoupled in space and time. The translocation and final posi-
tioning of RNA molecules within the cytoplasm plays a regula-
tory role in asymmetric cell division, cell migration and develop-
ment (Buxbaum, Haimovich and Singer 2015; Chin and Lécuyer
2017). In bacteria, on the other hand, the nucleoid and cytoplasm
coexist within the same compartment. In addition, transcrip-
tion and translation are often coupled and occur in the same
nucleo-plasmic space (Bakshi et al. 2012; Bakshi, Choi and Weis-
shaar 2015; Fan et al. 2017). This led to the early assumption
that, in bacteria, RNA species lacked spatial compartmentaliza-
tion or preferential subcellular localization. However, with the
emergence of novel imaging-based techniques, several studies
have recently evidenced that RNA molecules as well as pro-
teins involved in their processing can indeed exhibit specific
spatial patterns of subcellular localization (Montero Llopis et al.
2010; Nevo-Dinur et al. 2011; Moffitt et al. 2016; Weng et al. 2019).
In addition, the ability of imaging-based methods to monitor
changes in protein and transcript abundance and localization
was fundamental to characterize the dynamics of transcription.
This ability was key to characterize the different sources of noise
in gene expression (Elowitz 2002; Ozbudak et al. 2002; Rosenfeld
et al. 2005) or to understand the mechanism of promoter speci-
ficity (Ferguson et al. 2012).

In this review, we provide an overview of the most important
and most recently developed single-cell approaches for the visu-
alization of RNA with fluorescence microscopy, with a particu-
lar focus on those methods that were used in bacteria or that
promise to be relevant to the study of transcriptional regula-
tion in bacteria. We describe techniques for the read-out of RNA
molecules in fixed cells, which have mostly helped to under-
stand the abundance and subcellular spatial organization of
RNA. In addition, we highlight the most established techniques
for the imaging of RNA molecules in live cells, which enabled
the description of gene expression and transcript dynamics in
space and time. Finally, we illustrate recent advances made

towards the simultaneous visualization of multiple RNA species,
approaching whole-transcriptome imaging.

Fixed-cell imaging

Fluorescence in situ hybridization (FISH) is one of the most pow-
erful techniques for the visualization of nucleic acid molecules
in fixed cells. This technique relies on the hybridization of
single-stranded, fluorescently labeled oligonucleotide probes to
a complementary DNA or RNA sequence (Femino 1998; Raj
and van Oudenaarden 2009). Although the technique was ini-
tially developed for DNA labeling (Langer-Safer, Levine and Ward
1982), it is now the golden standard for the imaging of native
transcripts, especially for mRNA quantification and localization
studies.

Initially, the detection of single mRNA molecules by single-
molecule FISH (smFISH) was challenging due to the low signal-
to-noise ratio of the labeled mRNA with respect to the back-
ground signal arising from freely diffusing unbound probes and
from non-specific binding or sticking of the probe to other cel-
lular components (Femino 1998). To overcome this problem,
the fluorescent signal emanating from a single RNA molecule
needs to largely exceed the background signal. This problem
was solved by increasing the number of fluorophores used
to label a single mRNA molecule. Signal amplification can
be achieved by the use of multiple, short, non-overlapping,
fluorescently labeled oligonucleotides probes (Raj et al. 2008)
(Fig. 2A). The image of this single transcript then appears
as a diffraction-limited spot, because the multiple oligonu-
cleotide probes remain closer than the diffraction limit of light
(~250 nm). Thus, by counting the number of diffraction-limited
spots per cell one can measure the number of single mRNA
molecules in a given cell for a specific mRNA species. This
approach has proven very powerful for the labeling of mRNA
in eukaryotes and for the detection of different kinds of RNA
in Escherichia coli and Bacillus subtilis (Maamar, Raj and Dub-
nau 2007; So et al. 2011; Skinner et al. 2013; Fei et al. 2015;
Arbel-Goren et al. 2016; Sepulveda et al. 2016) (Table 1) (Fig. 2B).
However, bacterial genes are often short (~1 kb or less), thus
limiting the number of distinct fluorescent oligonucleotide
probes that can encode a single RNA species. This results in
decreased detection efficiencies and calls for other experimental
strategies.
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Figure 2. Methods for fixed cell imaging of RNA species at single-molecule resolution. (A) Signal amplification methods. Single molecule FISH (smFISH) (Raj et al. 2008),
in which several fluorescently labeled oligonucleotides bind to the transcript. Hybridization chain reaction (HCR) (Dirks and Pierce 2004; Choi et al. 2010; Choi, Beck and
Pierce 2014; Shah et al. 2016), in which a primary probe containing a homology region to the transcript of interest and a HCR initiator sequence binds to the transcript.
Subsequently, the HCR initiator sequence triggers the self-assembly of the two fluorescently labeled hairpins into a long polymer chain. Padlock probes and rolling
circle amplification (RCA) (Larsson et al. 2010), in which an LNA primer sequence hybridizes to the transcript of interest and initiates a reverse transcriptase reaction.
The RNA-cDNA hybrid is then partially digested by RNase H, which in turn allows the hybridization of a padlock probe. Finally, this padlock probe is used as a template
for the RCA. The amplified product contains binding sites for fluorescently labeled oligonucleotides. Branched DNA (bDNA) hybridization (Player et al. 2001; Kishi et al.
2019; Xia et al. 2019), in which an amplifier sequence is bound to the primary probe and provides a multitude of additional hybridizing sites for fluorescently labeled
oligonucleotides. (B) Examples of smFISH in B. subtilis (left) and E. coli (right). Adapted from Maamar, Raj and Dubnau (2007) and Fei et al. (2015), respectively. (C) Example
of fluorescent labeling and simultaneous imaging of well-defined populations of RNA in E. coli. Phase contrast and STORM cross-section images of cells stained with
FISH probes against inner-membrane-protein mRNA (left) and cytosolic-protein mRNA (right). Adapted from Moffitt et al. (2016).

Indirect labeling strategies allow for more complex read-out
schemes to increase the number of fluorophores per oligonu-
cleotide probe. Generally, a primary probe is designed to contain
two essential regions: (i) a complementary region to the RNA of
interest and (i) a tail sequence. For example, hybridization chain
reaction (HCR) relies on the binding of the primary probe, con-
taining an HCR initiator sequence in the tail, to the mRNA of
interest (Dirks and Pierce 2004; Choi et al. 2010; Choi, Beck and
Pierce 2014; Shah et al. 2016). This initiator sequence triggers
the self-assembly of two fluorescently labeled metastable hair-
pins to a long polymer chain in which many fluorophores can be
incorporated (Fig. 2A). When using the HCR method, care needs
to be taken with non-specific probe hybridization to limit arte-
facts (Shah et al. 2016; Choi et al. 2018). In fact, off-target bind-
ing of probes to sequences containing the initiator sequence will
also trigger the HCR, thus amplifying the background. Another
strategy, based on the concept of rolling circle amplification
(RCA), uses a padlock probe to initiate the amplification reac-
tion (Larsson et al. 2004, 2010). In short, an LNA primary probe
is used to target an mRNA and initiate a reverse transcriptase
reaction resulting in an RNA-cDNA hybrid. This hybrid will be
partially digested by Rnase H, allowing the binding of a padlock
probe to the single-stranded cDNA. The padlock probe is ligated
after hybridization and serves as a primer for the RCA reaction.
Then, multiple fluorescently labeled oligonucleotide probes can
hybridize to sequence repeats within the RCA product (Fig. 2A).
A major advantage of both HCR and RCA is that the signal can
be tuned and amplified as much as desired (Larsson et al. 2004,
2010; Shah et al. 2016). This, however, requires the precise mod-
ulation of self-assembly or polymerization times.

A more straightforward approach is branched DNA amplifi-
cation (Player et al. 2001; Xia et al. 2019). Here, the primary probe
has a tail on both sides of the complementary sequence, each

of which binds a primary amplifier. Such an amplifier sequence
is made out of a sequence hybridizing to the tail of the primary
probe and to several repeats, each of which can bind a secondary
amplifier (Fig. 2A). The secondary amplifier also contains several
repeats that can bind a tertiary amplifier and so on, or a fluores-
cently labeled oligonucleotide probe. Thus, in this method the
degree of signal amplification is defined by the bDNA design.

Signal amplification methods, such as bDNA, HCR and RCA,
are powerful strategies to upscale the fluorescent signal emitted
from the labeled target transcript and thus to increase signal-
to-noise ratios. However, care needs to be taken when using
amplified signals for the localization and quantification of tran-
scripts (Shah et al. 2016). As signal amplification generates foci
of increased size, caution is required to avoid compromising the
localization accuracy. Additionally, non-linear signal amplifica-
tion can complicate the quantification of RNA copy numbers as
the brightness of a fluorescent spot no longer correlates with the
number of RNA molecules localized in that spot.

Although the above mentioned amplification approaches
enable the detection of short RNA species, applications in
prokaryotes so far remain limited. Only HCR has been success-
fully implemented in bacteria for species detection in complex
samples and for the study of gene expression (Table 1) (Niko-
lakakis et al. 2015; Yamaguchi et al. 2015).

An additional complication to the accurate counting of
single RNA molecules appears for highly expressed transcripts.
In conventional fluorescence microscopy, the signal of one
transcript labeled with multiple oligonucleotide probes results
in a diffraction-limited spot. When transcripts are spatially
well separated, they can be imaged, localized and quantified
as distinct single molecules. However, when the RNA density
increases, the fluorescence signal from several RNA molecules
can overlap in space, making it impossible to resolve them as
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Table 1. A summary of RNA imaging technologies reported in bacteria.

Method Selected applications to bacteria References
smFISH Localization of mRNA and sRNA in E. coli and B. (Maamar, Raj and Dubnau 2007; So et al. 2011; Fei et
subtilis al. 2015; Arbel-Goren et al. 2016; Moffitt et al. 2016;
Sepulveda et al. 2016)
Examples: spatial localization of SRNA SgrS depends
on its expression level, and transcriptome
localization in E. coli, gene expression regulation in
E. coli, noise in gene expression in B. subtilis
MS2 system Dynamics of transcription (Golding et al. 2005; Nevo-Dinur et al. 2011; Santos et
al. 2012; van Gijtenbeek et al. 2016)
Examples: measurement of stochastic gene
expression in E. coli, or transcript localization in
several species, including E. coli, Lactococcus lactis
and B. subtilis
HCR Detection of bacterial species. The study of gene (Nikolakakis et al. 2015; Yamaguchi et al. 2015)

3D-STORM-FISH
RNA aptamers

Fluorogenic dyes

Pumilio-based
system

expression

Transcriptome localization in E. coli

Study of conformational changes in RNA molecules
Apta-FRET in E. coli where spinach and mango are
expressed in close proximity on a tRNA scaffold to
study the conformational changes in RNA
nanostructures

Spinach, broccoli, mango, corn, DNB and SRB-2 RNA
aptamers were used in bacteria

Fluorogenic near-red and infra-red dyes used in E.
coli for confocal imaging of tRNA/mRNA and STED
imaging of mRNA

The tetramolecular fluorescence complementation
(TetFC) system was used to label specific RNA

(Moffitt et al. 2016)

(Jepsen et al. 2018)

( Sunbul and Jaschke 2013, 2018; Dolgosheina et al.
2014; Arora, Sunbul and Jaschke 2015; Zhang et al.
2015; Filonov and Jaffrey 2016; Song et al. 2017)

(Wirth et al. 2019)

(Kellermann and Rentmeister 2017)

targets in E. coli
FIT/QUAL probes Discrimination of bacterial species

Super-resolved

Dynamic localization of RNA polymerase and

(Silverman and Kool 2005)
(Sanamrad et al. 2014; Stracy et al. 2015; Volkov et al.

SPT ribosomes in E. coli. Investigation of translation 2018)

dynamics in E. coli

single transcripts. This often represents a major problem in
bacteria, as their reduced cellular volume leads to considerably
high global RNA densities. For this reason, signal overlapping
occurs for many abundant RNA species, limiting detection
with diffraction-limited microscopies to low abundance RNA
species (Wang, Moffitt and Zhuang 2018). Several groups have
circumvented this issue by estimating mRNA copy numbers
from the total fluorescence signal for highly expressed target
mRNA molecules in E. coli (Taniguchi et al. 2010; Skinner et al.
2013). Here, the fluorescence brightness of a single molecule is
used to estimate the number of mRNA molecules from the total
fluorescence signal in a given cell. Alternatively, this issue can
be circumvented by using super-resolution techniques able to
resolve smaller detection volumes and thus enable detection
of single mRNA molecules in crowded environments (Lubeck
and Cai 2012; Wang, Moffitt and Zhuang 2018). Both structured
illumination microscopy (Gustafsson 2000) and stimulated-
emission depletion microscopy (STED) (Hell and Wichmann
1994) have been employed to resolve RNA species labeled by
smFISH in eukaryotic cells (Zhang et al. 2014; Mito et al. 2016).
In bacteria, however, localization methods such as stochastic
optical resolution microscopy (STORM) were more often used
(Rust, Bates and Zhuang 2006). By combining three-dimensional
(3D) STORM and whole-transcriptome FISH labeling, Moffitt and
coworkers were able to demonstrate that the bacterial transcrip-
tome in E. coli is spatially organized (Table 1) (Fig. 2C) (Moffitt

et al. 2016). Similarly, Fei and colleagues combined 3D-STORM
with smFISH to label the bacterial sSRNA SgrS and showed
that the localization of SgrS depends on its expression level
(Table 1) (Fei et al. 2015). More recently, a novel technique called
expansion microscopy (ExM) was developed (Chen, Tillberg and
Boyden 2015). The ExM approach relies on the embedding of the
biological sample in a polymer hydrogel and the subsequent
swelling of the hydrogel by immersion in a liquid. This results
in a physical magnification of the embedded sample, making it
possible to image cellular components at high resolution. ExM
has proven successful for imaging FISH-labeled RNA species in
eukaryotes (Chen et al. 2016; Tsanov et al. 2016; Asano et al. 2018;
Wang, Moffitt and Zhuang 2018). In bacteria, the technique has
been validated, but to date no study has reported the imaging
of RNA content with ExM (Lim et al. 2019).

Even though techniques for fixed cell imaging enable the
quantification and study of gene expression in space, the
dynamics of gene expression remain unresolved with these
approaches. Excitingly, a number of alternative technologies
have been developed to enable transcript imaging in live cells.

Live cell imaging

Live cell imaging of RNA requires the labeling of transcripts in
vivo. Many different strategies have been developed over the
years to target specific mRNA molecules, involving the binding
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of either a protein or a fluorogenic dye to an RNA-aptamer. The
first of such strategies was developed in 1998 and makes use of
the MS2 phage system to target a selected transcript (Bertrand
et al. 1998). In short, a dimer of the MS2 phage coat protein (MCP)
binds to one hairpin loop on the phage RNA (Lowary and Uhlen-
beck 1987; Peabody 1993; Bertrand et al. 1998; Beach, Salmon
and Bloom 1999). The high specificity of MCP binding to these
hairpins was exploited to label other RNA species. Bertrand and
coworkers fused multiple repeats of the MS2 RNA hairpin to the
3’ UTR of a plasmid-encoded ASH1 gene from Saccharomyces cere-
visiae (Bertrand et al. 1998). A Green Fluorescent Protein (GFP)
fusion of the MS2 protein was then used to detect the ASH1 tran-
script (Bertrand et al. 1998) (Fig. 3A) and in later studies to fol-
low it in space and time (Golding et al. 2005) (Fig. 3B). Genomic
MS2-tagging of transcripts is now more regularly used (Tutucci
et al. 2018). Aside from its application to yeast, the MS2 sys-
tem was further developed for other systems, including bacte-
ria (Rook, Lu and Kosik 2000; Forrest and Gavis 2003; Fusco et al.
2003; Zhang and Simon 2003; Golding and Cox 2004; Golding
et al. 2005; So et al. 2011; Campbell et al. 2015). The first study
in bacteria used 96 MS2 binding sites fused to the target RNA
to investigate transcript kinetics in E. coli (Table 1) (Golding and
Cox 2004). The results of this study uncovered cellular fluctua-
tions in gene expression in single cells, supporting the hypothe-
sis of stochastic transcription (Golding et al. 2005). The MS2 sys-
tem has also proven to be a valuable tool for transcript local-
ization in E. coli and other bacteria such as B. subtilis and Lacto-
coccus lactis (Table 1) (Nevo-Dinur et al. 2011; Santos et al. 2012;
Gijtenbeek et al. 2016). A major drawback of this approach to
study transcript diffusion and localization is, however, that tran-
script lengthening can decrease the diffusion rate of the tar-
geted RNA species and ultimately limit the applicability of this
approach to highly dynamic transcripts (Golding and Cox 2004;
Golding et al. 2005; Montero Llopis et al. 2010; Garcia and Parker
2015). Additionally, the high levels of expression of the MS2-GFP
fusion lead to high levels of background signal (from freely dif-
fusing MS2-GFP), making it difficult to distinguish RNA-specific
signals from background fluorescence. In eukaryotes, this prob-
lem can be mitigated by targeting the unbound protein to other
cellular compartments (Bertrand et al. 1998). Unfortunately, this
approach is not feasible in bacteria, because bacteria lack canon-
ical membrane-bound organelles. Another way of circumvent-
ing this issue, which was successfully used in both prokaryotic
and eukaryotic systems, is to tweak the expression ratio of the
reporter protein to its binding sites on the RNA (Fusco et al. 2003;
Nevo-Dinur et al. 2011; Santos et al. 2012; Wu, Chao and Singer
2012; Gijtenbeek et al. 2016).

An orthogonal approach, involving the use of fluorogenic
dyes for the labeling of specific RNA-aptamers was developed
to circumvent the problem of background fluorescence. Fluoro-
genic dyes are molecules that display low levels of fluorescence
when unbound and undergo a shift in fluorescence intensity
upon binding to the RNA-aptamer (Wirth et al. 2019; Bouhedda
etal. 2020). This aptamer sequence is then tethered to the RNA of
interest as a genetically encoded tag. With this method, several
RNA aptamers were developed, such as Spinach, Spinach2 and
Broccoli, all binding 3,5-difluoro-4-hydroxybenzylidene (DFHBI),
a non-toxic, cell-permeable dye (Table 1) (Paige, Wu and Jaf-
frey 2011; Strack, Disney and Jaffrey 2013; Filonov et al. 2014;
Strack and Jaffrey 2015) (Fig. 3A). Both aptamer-dye systems
were validated in E. coli (Zhang et al. 2015; Filonov and Jaffrey
2016) (Fig. 3C). In addition, Mango and Corn are aptamers that
bind either thiazole orange or DFHO, respectively (Table 1) (Dol-
gosheina et al. 2014; Song et al. 2017; Autour et al. 2018). The
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Mango and Corn RNA aptamers were also validated in E. coli
(Dolgosheina et al. 2014; Song et al. 2017). In addition, the Mango
RNA aptamer was used in combination with the Spinach RNA
aptamer in an interesting method called apta-FRET (Table 1)
(Jepsen et al. 2018). Here, the Mango and Spinach RNA aptamers
were placed in close proximity on a tRNA scaffold and the FRET-
signal generated when these aptamers are in close proximity
were used to report on tRNA conformational changes. The con-
cept of apta-FRET is an interesting development for the field of
nanotechnology, as it allows one to study the specific folding and
dynamics of RNA nanostructures in living cells.

To find the appropriate sequences that will bind the dye
molecule of interest, a technique called systematic evolution
of ligands by exponential enrichment (SELEX) was developed
(Ellington and Szostak 1990; Holeman et al. 1998; Stoltenburg,
Reinemann and Strehlitz 2007). This method allows for the
selection, identification and amplification of the most optimal
binding RNA aptamer from a random library. A drawback of
SELEX is the suboptimal binding of target RNA sequences. This
was partially solved by microfluidics-assisted in vitro compart-
mentalization, a technique relying on the use of selection pres-
sure to find high-affinity aptamer sequences (Ryckelynck et al.
2015; Autour, Westhof and Ryckelynck 2016; Autour et al. 2018).
Aside from the use of fluorogenic dyes, photostable organic dyes
that are conditionally quenched were also used. Examples are
the DNB and SRB-2 aptamers that bind a myriad of fluorophores
quenched by dinitroaniline and aptamers binding black hole
quenchers attached to fluorophores (Murata et al. 2011; Sunbul
and Jaschke 2013, 2018; Arora, Sunbul and Jaschke 2015; Sato
et al. 2015) (Fig. 3A). In E. coli, both the DNB and SRB-2 aptamers
were validated (Table 1) (Sunbul and Jaschke 2013, 2018; Arora,
Sunbul and Jéschke 2015) by simultaneous labeling and detec-
tion of two different RNA species (Arora, Sunbul and Jaschke
2015).

Recent advances in the RNA aptamer field have enabled the
development of aptamer-binding silicon rhodamine-derived flu-
orophores in the far-red and near-infrared (Autour et al. 2018;
Braselmann et al. 2018; Yerramilli and Kim 2018). These new dyes
promise a significant reduction in phototoxicity and autofluo-
rescence for live-cell imaging (Umezawa, Citterio and Suzuki
2014; Li et al. 2019) and allow super-resolution imaging of RNA in
E. coli by STED microscopy (Table 1) (Wirth et al. 2019). Further-
more, spontaneously blinking rhodamine-derived fluorophores
were used in other super-resolution microscopy techniques
such as dSTORM (Lukinavicius et al. 2013; Uno et al. 2014). Unfor-
tunately, such fluorophores are not yet reported in bacterial sys-
tems. A disadvantage of organic dyes is that, unlike fluorescent
proteins, they are exogenous to cells, and rely mainly on diffu-
sion through the cell membrane to enter the cell. This diffusion
can be slow and challenging for certain bacterial species. Addi-
tionally, many dye molecules are toxic to cells and exhibit strong
phototoxic effects (Hilderbrand and Weissleder 2010; Martynov
et al. 2016; Bouhedda, Autour and Ryckelynck 2017).

Avoiding the modification of the RNA template enables the
study of native transcripts and thus the endogenous behavior
of transcription. This was achieved by resorting to the use of
the Pumilio homology domain (PumHD), a protein that binds
mRNA in a sequence-specific manner (Wang et al. 2002; Ozawa
et al. 2007; Filipovska et al. 2011; Chen et al. 2017). Recently,
PumHD was engineered to generate four protein modules, each
recognizing a different RNA base. These building blocks can
then be concatenated to form a chain of desired composition
and length, which is expressed from a plasmid. Eventually, the
PumHD protein chain binds a specific sequence on the target
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(A) RNA binding proteins
MS2

Molecular beacons

(B)

Fluorogenic dyes

RT aptamer

Figure 3. Methods for live cell imaging of RNA species at single-molecule resolution. (A) Genetically encoded RNA aptamers (top) tethered to the transcript of interest
bind either an RNA binding protein fused to a reporter protein (MS2 system) (Bertrand et al. 1998) or fluorogenic dyes (Paige, Wu and Jaffrey 2011). Strategies for the
study of native transcripts (bottom), based on conditionally quenched fluorophores. Opening of the hairpin structure upon binding of the molecular beacon (Tyagi
and Kramer 1996) or by stable binding of the quencher to the RT aptamer (Sunbul and Jéschke 2013; Arora, Sunbul and Jaschke 2015) disables the quenching activity
of the beacon and the dye molecule fluoresces. (B) Example of the MS2 system in E. coli with the protein mRFP1 (red) and its corresponding transcripts (green). MS2
aptamers are added to the mRFP1 transcript enabling binding of MS2 fused to GFP. Adapted from Golding et al. (2005). (C) Example of the Broccoli aptamer binding the
fluorogenic dye DFHBI in E. coli. An empty plasmid and a plasmid carrying the Broccoli aptamer were transformed into E. coli cells. The empty plasmid does not give a
fluorescence signal and functions as the control, while the Broccoli aptamer binds the dye molecules and fluoresces. Adapted from Filonov et al. (2014).

mRNA. When fusing a fluorescent protein to the PumHD chain,
the native target mRNA can be visualized. An additional advan-
tage of this method is that PumHD modules can be displaced
by ribosomes, thus they can be exploited to study translation
(Adamala, Martin-Alarcon and Boyden 2016).

InE. coli, an elegant tetramolecular fluorescence complemen-
tation (TetFC) system was used to label a specific mRNA target
(Table 1) (Kellermann and Rentmeister 2017). The TetFC system
contains two variants of the Pumilio protein and a three par-
tite split GFP. Each Pumilio variant contains one g-strand of the
GFP fluorescent protein and thus a fluorescence signal is gen-
erated only when the target mRNA is bound by both Pumilio
variants and the detector GFP. This strategy was combined with
Fluorescence-activated cell sorting (FACS) to sort E. coli cells in
which the target mRNA was expressed from cells lacking the tar-
get mRNA.

Alternatively, endogenous RNA, such as mRNA and
microRNA, can be labeled in vivo with molecular beacons
(Sokol et al. 1998; Bratu et al. 2003; Tyagi and Alsmadi 2004;
Matsuo 1998; Guk et al. 2019). Molecular beacons are probe-like
structures made up of a binding domain that is complementary
to the RNA of interest and of two flanking regions that form
a hairpin structure when unbound to RNA (Tyagi and Kramer
1996; Zheng et al. 2015; Chen et al. 2017). At the 3’ and 5 regions
of the molecular beacon probe, a quencher and fluorophore

are attached, respectively. When the probe forms the hairpin
through intermolecular base-pairing, the fluorophore and
quencher are in close proximity, rendering the probe non-
fluorescent. Upon binding to the target sequence, the hairpin
opens and the quencher-fluorophore conjugate is broken,
resulting in the emission of a fluorescence signal (Fig. 3A). In
addition to molecular beacons, several other constructs, such
as forced intercalation (FIT) or quenched autoligation (QUAL)
probes, exist (Sando, Abe and Kool 2004; Kohler, Jarikote and
Seitz 2005; Hovelmann et al. 2013; Hovelmann et al. 2016). For
example, QUAL probes were used to discriminate between mor-
phologically similar bacterial species (Table 1) (Silverman and
Kool 2005) that hybridized in vivo to species-specific 16S rRNA
sequences of either E. coli, Salmonella enterica or Pseudomonas
putida and the detection using conventional fluorescence
microscopy for identification.

Probe systems, such as the aforementioned molecular bea-
cons, FIT probes and QUAL probes, share the same advantage.
They are in the dark state when unbound and only generate a
fluorescent signal upon binding to the RNA target, solving the
problem of background fluorescence. However, these probes can
be degraded by endogenous nucleases. Backbone modifications,
such as 2'-O-methylation or with synthetic probes, such as PNA
or LNA probes, can be used to stabilize probes in the native
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environment of a cell (Dirks, Molenaar and Tanke 2003; Wie-
gant et al. 2010; Fontenete et al. 2013). These synthetic probes are
exogenous and therefore have to be introduced into cells. Gen-
erally this is achieved by microinjection or by the formation of
transient pores in the cell membrane with pore-forming agents
(Tyagi and Kramer 1996; Matsuo 1998; Sokol et al. 1998; Bratu et al.
2003; Mhlanga 2005). These applications have been validated in
eukaryotic cultures; however, applications in bacteria for in vivo
RNA imaging have not been reported.

Live cell RNA imaging approaches have proven powerful for
the study of transcription dynamics and transcript localization.
When combined with the detection of translating transcripts,
the intertwining between transcription and translation can be
studied. Recently, the MS2 system was combined with SunTag
labeling to follow both the formation of the transcript and its
translation (Tanenbaum et al. 2014; Wang et al. 2016; Wu et al.
2016; Yan et al. 2016). The gene encoding the transcript is modi-
fied to include a tandem array of the sequence coding for GCN4
peptide epitopes in the open reading frame. Upon translation of
the transcript, short peptides are produced that act as epitopes
for a single-chain variable fragment antibody fused to a fluores-
cent protein coexpressed in the cell. Additionally, the transcript
of interest is labeled by the MS2 system with a different fluo-
rescent protein. In this way, translating transcripts will display
a fluorescence signal for both fluorescent proteins, while tran-
scribed but untranslated transcripts will only exhibit a fluores-
cence signal originating from the MS2 system. Thus, the combi-
nation of these two systems in single eukaryotic cells allowed
the simultaneous study of both transcription and translation
dynamics.

Alternative approaches focused on the labeling and imaging
of other actors involved in gene expression, such as RNA poly-
merase (RNAP), ribosomes and tRNA, and enabled the detection
of the dynamics and localization of the transcription and trans-
lation machineries, as well as their interaction with RNA or DNA,
respectively (Sanamrad et al. 2014; Stracy et al. 2015; Volkov et al.
2018). In bacteria, super-resolved single-particle tracking (SPT) is
a particularly suitable tool for distinguishing the diffusive states
of a molecule within a 3D space of a cell, thereby enabling the
distinction between freely diffusing and bound/static molecules
(Table 1) ( Stracy et al. 2015). More specifically, SPT-PALM has been
used to track both RNAP and ribosomal subunits, through fusion
of PAmCherry to the beta’ subunit of RNAP and the fusion of
mEos to the 50S ribosomal protein L1 and 30S ribosomal protein
S2, respectively (Sanamrad et al. 2014; Stracy et al. 2015). In these
studies, it was shown that both bound RNAP and bound ribo-
somes are mostly excluded from the nucleoid, while unbound
RNAP and ribosomal subunits can diffuse through the nucleoid
space. A similar technology was more recently introduced to
study translation kinetics. Codon-specific, in vitro dye-labeled
tRNA molecules were introduced into E. coli cells through elec-
troporation and tracked with super-resolved SPT to measure the
dwell times of tRNA on ribosomes as a proxy for translation rates
(Volkov et al. 2018).

Multiplexed imaging

RNA aptamer-based approaches and smFISH have proven to be
very powerful tools for the study of transcript localization and
abundance. However, the detection of multiple RNA species at
the same time in the same single cell would additionally enable
the characterization of transcriptional patterns with spatial res-
olution.
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For live cell imaging of eukaryotic systems, the multicolor
read-out of several different mRNA was reported using RNA-
binding protein systems. For instance, the MS2 system was
combined with either the PP7 system, derived from the coat
protein of bacteriophage PP7, or with the LambdaN system,
derived from the lambda bacteriophage antiterminator protein
N (Lange et al. 2008; Hocine et al. 2013). The main disadvantages
of this approach are the extensive genetic/transcriptomic mod-
ifications required and the limited number of colors that can be
detected at once. Both disadvantages limit the number of mRNA
species that can be visualized simultaneously to only a few (2-3).

Recently, advances in labeling strategies, imaging and auto-
mated analysis led to the development of several in situ sequenc-
ing (ISS) and in situ hybridization (ISH) techniques for the read-
out of tens to thousands of RNAs in fixed cells.

The first multiplexing ISH strategies that enabled the simul-
taneous measurement of tens of mRNA species relied on direct
transcript labeling schemes where target mRNA were encoded
with spectral barcodes and read-out by sequential hybridiza-
tion and imaging rounds (Levsky 2002; Lubeck and Cai 2012;
Levesque and Raj 2013; Lubeck et al. 2014). SeqFISH, the first
protocol to realize sequential FISH (Lubeck et al. 2014), can suf-
fer from high background autofluorescence when imaging thick
and opaque tissue samples, thus limiting the accurate detection
of mRNA molecules (Shah et al. 2016). This problem was circum-
vented by combining sequential imaging with single molecule
HCR (smHCR) for signal amplification (Shah et al. 2016, 2017).
Here, the complementary region of the primary probe hybridizes
to the mRNA molecule of interest in each hybridization round
and the HCR initiator sequence in the probe tail triggers the
HCRreaction. After imaging, the probes are stripped off the tran-
scripts by DNase treatment before a new round of hybridiza-
tion is started. Both seqFISH and smHCR seqFISH enable the
detection of tens to hundreds of mRNA species. Alongside seq-
FISH, another approach, called ouroboros single molecule FISH
(osmFISH), was developed to address the issue of spatial over-
lapping of different RNA species in a diffraction-limited vol-
ume (Codeluppi et al. 2018). osmFISH employs a direct labeling
scheme, similar to that of seqFISH, in which the number of target
molecules is defined by the number of hybridization rounds and
channels that are imaged. Even though the multiplexing capa-
bilities of these approaches are limited, the advantage of seq-
FISH and osmFISH is that only one target RNA species is detected
in each image, thus considerably reducing the signal overlap-
ping of closely positioned mRNA molecules and therefore greatly
facilitating the precise detection and localization of these mRNA
molecules and limiting undercounting.

Alternatively, approaches using combinatorial encoding
schemes allow the increase of the number of detected RNA
species in a manner that is not proportional to the number of
hybridization cycles. The specific combinatorial scheme imple-
mented in multiplexed error-robust FISH (MERFISH) is able to
detect and correct registration errors (Chen et al. 2015). The orig-
inal publication reported the detection of 140 RNA species with
error correction. The same study also reported the detection of
1001 RNA species but with no error correction (Chen et al. 2015).
RNA species were encoded with a 16-bit binary word where each
bit represents the on (1) or off (0) signal of the RNA molecule
in each hybridization round. Each RNA species is designed to
be labeled with a read-out probe and detected in only 4 out of
16 hybridization rounds. The use of 16-bit binary words that
are separated from each other by a Hamming distance of four
enabled robust error correction, as mutations of a single digit
could be corrected without ambiguity. Transcript identities were
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then decoded by reconstruction of the 16-bit words through the
sequential imaging and localization of the 16 read-out probes.
After decoding the transcripts, the abundance and localization
of each RNA species in the sample was obtained. MERFISH has
single-molecule detection capabilities, however, care must be
taken when imaging highly abundant species, as transcripts
located closer to each other than the diffraction limit and shar-
ing one read-out probe cannot be decoded. The spatial overlap of
RNA molecules in MERFISH was recently addressed by combin-
ing MERFISH with ExM to increase the RNA density limit (Wang,
Moffit and Zhuang 2018). In a complementary approach, abun-
dant species were decoded using a sequential instead of a com-
binatorial encoding scheme (Moffitt et al. 2018). More recently,
the multiplexing capabilities of MERFISH were increased by one
order of magnitude to detect ~10 000 RNA species (Xia et al.
2019).

Alternatively, a second combinatorial approach was devel-
oped (seqFISH+) that makes it possible to image and detect up
to ~10 000 mRNA molecules (Eng et al. 2019). SeqFISH+ employs
an indirect labeling scheme in which barcodes are sequentially
read-out using combinatorial encoding combined with multi-
color imaging. Each target RNA species was encoded with a
unique sequence of four pseudocolors. In SeqFISH+, the 60
pseudocolors were generated by including in each barcoding
round 20 hybridization cycles in which probes are imaged in
three color channels. This means that the labeling and detection
of a specific RNA species in a given hybridization round and in a
given color channel represents the pseudocolor of that barcod-
ing round. Transcript identities were decoded by reconstructing
the pseudocolor barcode through the labeling and detection of
RNA molecules for each of the four barcoding rounds. This label-
ing and imaging strategy results in 60 unique images for each
barcoding round, each representing a specific pseudocolor. Sin-
gle molecule detection efficiency in seqFISH+ is thus achieved by
detecting only a subset of the total ensemble of targeted mRNA
molecules in each image, which avoids the spatial overlapping of
different RNA species and ultimately allows for the precise local-
ization of single target mRNA by Gaussian fitting without the use
of super-resolution methods. Despite the successful application
of these FISH-based methods to a wide variety of eukaryotic sys-
tems, their use in bacterial systems has still to be reported.

A second family of technologies perform the optical read-
out of different RNA species by ISS. ISS methods allow the
direct linking of the sequencing output information to the spa-
tial localization of target RNAs. Generally, the ensemble of tar-
get transcripts are amplified in situ by using RCA-based methods
to create DNA amplicons containing a detection target (i.e. the
mRNA transcript of interest) and a sequencing target consist-
ing of either the detection target itself or a barcode incorporated
during RCA. The sequencing target is sequenced by ‘sequencing
by ligation’ (SBL) or by ‘sequencing by synthesis’ (SBS) using flu-
orescently labeled probes or nucleotides, respectively. The first
ISS development reported used reverse transcription of mRNA
to cDNA, and hybridization of padlock probes to cDNA followed
by RCA for amplification, ultimately creating a DNA amplicon
called a ‘rolling circle product’ (RCP) (Ke et al. 2013). An RCP
contains multiple repeats of the sequencing target and is thus
essential for signal amplification. Depending on the design of
the padlock probe, the detection target is directly sequenced or
a sequencing target is incorporated in the RCA, which functions
as an indirect barcode. In the original method, SBL is used to
reconstruct a four base-long sequence and to identify the target
transcript. Recently, the throughput of this approach reached a
multiplexing capability of ~100 target RNAs (Qian et al. 2020). A

variation on this original work, called ‘barcode in situ targeted
sequencing’ (BaristaSeq), employs the same strategy to gener-
ate RCPs of target transcripts and 15 nucleotide-long sequences
by SBS (Chen et al. 2018). The increase in read length in Baris-
taSeq requires an increase in the number of imaging cycles
to 15. To ensure the spatial stability of the RCP during imag-
ing, the RCP is anchored to the cellular matrix. Concomitantly,
spatially resolved transcript amplicon read-out mapping (Wang
et al. 2018) avoids cDNA synthesis by using a ‘specific amplifica-
tion of nucleic acids via intramolecular ligation’ (SNAIL) probe
system, containing a padlock carrying a unique five nucleotide-
long barcode and a primer that hybridizes partially to the tar-
get transcript and partially to the padlock probe. The primer of
the SNAIL probe can then be used to initiate RCA. The RCPs
are embedded into a hydrogel, which has the advantage that
unbound protein and lipids can be washed out of this gel, resolv-
ing any background fluorescence (Wang et al. 2018). Finally, the
barcode or sequencing target is reconstructed by SBL. A disad-
vantage of both in situ hybridization and in situ sequencing meth-
ods is that they require a priori knowledge of the RNA target
sequences to be detected. Generally, this implies that only well-
annotated transcripts can be targeted. An interesting develop-
ment, relying on the use of fluorescence in situ sequencing for
DNA amplicon sequencing (Mitra et al. 2003; Shendure et al. 2005;
Kim et al. 2007), circumvents this issue by allowing the target-
ing and sequencing of transcripts for which no a priori sequence
knowledge is available as well as of non-coding RNA species (Lee
et al. 2014, 2015). Unbiased labeling of RNA species is achieved by
using random hexamer primer sequences, which initiate reverse
transcription of the primer tagged RNA species (Lee et al. 2014).
Each of these primer sequences carries a tag, which later func-
tions as the sequencing primer. After cDNA synthesis, the cDNA
molecules are anchored to the cellular matrix, circularized by
ligation and amplified by RCA. Then SBL results in a read length
of 30 bases. By employing a partition sequencing strategy where
the RCPs are randomly sampled and only a subset is sequenced,
up to ~8000 different target RNA species can be discriminated.
Despite the powerful multiplexing capabilities of ISS methods
and their application to cultured eukaryotic cells and complex
tissue samples, ISS methods have yet to be reported in bacteria.

CONCLUSION

The large palette of imaging-based methods described in this
review have allowed researchers to gain incremental insights
into the mechanisms involved in the regulation of RNA biosyn-
thesis as well as in cellular RNA functions. The ability to either
follow RNA molecules in space and time with single molecule
sensitivity in live cells or the read-out of many RNA species
simultaneously in fixed cells enabled the investigation of RNA
dynamics, abundance and localization at the single cell level in
their native context. These methods led to several pioneering
discoveries. For example, both the MS2 system and smFISH were
used to examine the stochastic nature of bacterial gene activity
in E. coli, which underlies transcriptional bursting (Golding and
Cox 2004; Golding et al. 2005; Zong et al. 2010; So et al. 2011; Skin-
ner et al. 2013). Furthermore, smFISH has been used in B. sub-
tilis to show that stochastic gene expression can drive cell states
transitions resulting in cell competence (Maamar, Raj and Dub-
nau 2007).

Additionally, imaging-based methods have expanded our
understanding of the subcellular spatial organization of RNA
within bacterial cells that lack membrane-bound organelles.
For instance, smFISH enabled the discovery of the subcellular
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localization of small bacterial RNAs depending on their expres-
sion level (Fei et al. 2015). The use of whole-transcriptome FISH
labeling contributed to the recent understanding that mRNA
in bacteria can display specific patterns of subcellular localiza-
tions (Montero Llopis et al. 2010; Nevo-Dinur et al. 2011; Moffitt
et al. 2016; Weng et al. 2019). Finally, labeling of pre-rRNA using
smFISH and RNA polymerases using fluorescent protein tagging
was used to show that the genomic organization within the
bacterial nucleoid greatly influences the spatial organization of
RNA polymerase clusters and of rRNA transcription sites (Weng
et al. 2019).

Conversely, these important findings have also triggered
novel biological questions regarding the mechanisms underly-
ing RNA localization and its possible regulatory roles. One major
question is whether the classical hypothesis of co-transcription
and co-translation in bacteria holds true. On the one hand, local-
ization studies of transcribed gene loci, RNAP and ribosomal
subunits support a model in which active transcription seems
to drive transcription and translation machineries towards the
periphery of the nucleoid and the cytoplasmic space (Sanam-
rad et al. 2014; Stracy et al. 2015; Yang et al. 2019). On the con-
trary, imaging-based localization studies, cell fractionation and
RNAseq-based studies are rather consistent with translation-
independent patterning of a subset of mRNA species in sev-
eral bacteria (Nevo-Dinur et al. 2011; Benhalevy et al. 2017; Kan-
naiah, Livny and Amster-Choder 2019). Aside from its implica-
tions for translation, the function of subcellular RNA enrichment
remains largely unexplained. Deeper insights into the relation-
ship between gene expression, transcriptome localization and
the phenotype of the cell might uncover co-regulated and co-
localized transcripts, ultimately leading to a better understand-
ing of the molecular pathways involved and their implications
to cell physiology.

Despite these many important applications of imaging-
based RNA detection methods, many challenges remain to be
addressed. For instance, in the development of new methods
for tagging RNA without altering their regulatory function, dif-
fusion behavior or localization (Golding et al. 2005; Garcia and
Parker 2015, 2016; Haimovich et al. 2016; Heinrich et al. 2017;
Tutucci et al. 2018). Diffraction of light within a microscope,
and the intrinsically high densities of RNA in bacteria, can both
degrade our ability to discriminate and accurately quantify the
abundance and localization of large numbers of RNA species in
bacteria. Approaches combining novel RNA labeling and sam-
ple preparation strategies with super-resolution fluorescence
microscopies will likely help solve this issue in future.

Finally, while a large number of technologies to detect and
quantify RNA in single cells have been developed in the past 2
decades, to date only a subset of them have been reported in
bacteria. Established bacterial model systems can be genetically
manipulated rather easily, and have proven to play a key role in
the molecular dissection of important cellular processes, such
as transcription, translation or DNA replication and repair. Thus,
we envision that application of novel RNA imaging technologies
to bacterial model systems will likely lead to new important dis-
coveries, relevant to the study of RNA biology in general.
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