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Foreword 

Interactions between particles are the basis of the physical world. Trying to understand 

physics, chemistry and biology is trying to understand interactions. Biology aims at 

understanding interactions through different scales, from molecules to cells and 

organisms. Core elements of living cells rely on large molecular assemblies where 

covalent interactions form polymers like DNA or proteins. Weaker interactions form 

different, more dynamic assemblies like lipidic membranes and protein complexes. The 

cytoskeleton is a particular type of protein assembly. It forms filamentous structures inside 

cells through the polymeric assembly of proteinic building blocks. Three major different 

types of cytoskeleton exist, the actin filaments, the microtubules and the intermediate 

filaments. Each of them has specific features such as size, stiffness and dynamics and 

can be remodeled depending on the cellular needs. Their role in core cellular processes 

place these filaments as central in cell physiology but also pathologies. In fact, disease 

with genetic or environmental etiology can affect the cytoskeleton such as lissencephaly, 

cancer, neurodegenerative disease or psychiatric disorders. Many proteins are involved in 

cytoskeleton regulation in health and disease. During my PhD, I focused on the study of 

the Microtubule-Associated Protein 6 (MAP6) which is a major regulator of the 

cytoskeleton. Also, MAP6 knock-out (KO) mice is a model for the study of schizophrenia. 

MAP6 is known to be a stabilizer of neuronal microtubules (MTs) and actin cytoskeletons. 

To gain insights on the molecular mechanisms by which MAP6 interacts and modulates 

MT and actin cytoskeletons, I used an in vitro approach with purified proteins with three 

main goals: 1- MAP6 interaction with microtubules and its functional roles, 2- MAP6 

interaction with actin and its functional roles, 3- MAP6-mediated coordination of actin and 

microtubules simultaneously.  

I will first introduce the current knowledge on microtubules and actin filament formation 

and their regulation by associated proteins. Then, I will take the example of the neuron to 

illustrate how the cytoskeleton and its dynamics are performing core cellular processes.  

I will present my results showing that MAP6 is the first neuronal Microtubule Inner Protein 

identified so far. Then, I will show that MAP6 is a multifunctional regulator of the 

cytoskeleton through its ability to efficiently nucleate MTs and actin as well as co-

organizing actin filament and MT nucleation and growth. Finally, I will present recent data 

showing that MAP6 is able to perform protein phase separation with tubulin and how this 

feature is important for MAP6-mediated regulation of the cytoskeleton. 
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Introduction 

I. Structure, dynamic and regulation of microtubules and actin 
filaments 

I.1. Microtubules 

I.1.a Structural basis of tubulin dimers 

Tubulin is the building block of MTs. α and β tubulin are each encoded by several genes. 

For example, in mice eight genes for each are expressed (Hausrat et al., 2021). The 

expression of these genes leads to the production of quasi-native proteins of 50 kDa. 

These quasi-native polypeptides require two runs of folding by chaperones. The first one 

allows the folding the monomeric tubulin which is globular of 4 nm long and the second 

one the assembly of a polymerization competent αβ-tubulin heterodimer of 100 kDa long 

of 8 nm (Tian & Cowan, 2013). Tubulin structure can be divided in three functional 

domains: the nucleotide binding N-terminal domain, the intermediate domain and the C-

terminal domain (Fig. 1A).  

 

Figure 1. Tubulin heterodimer domain and structure.  

A. Schematic representation of a tubulin heterodimer showing the N-terminal, intermediate and C-
terminal domain as well as the nucleotide binding sites. B. Structure of the tubulin heterodimer in a 
microtubule lattice. Adapted from (Alushin et al., 2014). 

A mature αβ-tubulin heterodimer contains two nucleotide binding sites. The N site (non-

exchangeable site) contains a GTP molecule buried between the two between α and β 

subunits that cannot be hydrolyzed and plays a structural role (Fig. 1) (Menéndez et al., 

1998). The E site (exchangeable site) is exposed on β-tubulin surface and contains either 

a GTP or a GDP molecule. The binding of GTP to tubulin is favored by the presence of 
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Mg2+ (Correia et al., 1987; A. B. Huang et al., 1985). Mg2+ also changes the conformation 

of tubulin (Bhattacharya et al., 1994). Mg2+ affects GTP and tubulin to promote MT 

polymerization (Correia et al., 1987; Grover & Hamel, 1994). The intermediate domain will 

change conformation upon tubulin-tubulin interaction inside the MT lattice (Manka & 

Moores, 2018). Finally, the C-terminal domain of tubulin consists in two α-helixes ended 

by a flexible tail. This C-terminal tail contains most of the differences between isotypes of 

tubulin (Nogales et al., 1998; Tischfield & Engle, 2010) and is subjected to an important 

amount of post-translational modifications (PTMs) (Janke & Magiera, 2020). 

Overall, the presence of several genes and a large spectrum of PTMs occurring on tubulin 

lead to a wide diversity of tubulins and thus MT compositions and functions. 

I.1.b Structural basis of microtubules 

To form MTs, αβ-tubulin heterodimers assemble first head to tail into protofilaments (pf) 

that will associate laterally and form a sheet that will eventually close into a hollow tube 

(Fig. 2 and 5). The αβ-tubulin asymmetry leads to the formation of a polar filament with 

one end exposing β-tubulin surface and the other α-tubulin. β-tubulin extremity is known 

as the plus end (+) which grows faster (Walker et al., 1988) and functions as a specific 

protein signaling platform in cells (Dent & Baas, 2014). α-tubulin extremity is known as the 

minus end (-) with slow dynamics (Walker et al., 1988) and is usually capped by associated 

proteins in cells (Akhmanova & Steinmetz, 2015). MT protofilament number range from 10 

to 16 in vitro but is predominantly found to be 13 in mammalian cells (Atherton et al., 2022; 

Chaaban & Brouhard, 2017; Foster et al., 2021). Two types of MT lattices exist, the type 

A-lattice correspond to α-tubulin lateral neighbour being β-tubulin and the type B lattice 

occurs when α-tubulin laterally interacts with another α-tubulin. When a B-lattice MT closes 

on an A-lattice conformation, this leads to the formation of a seam (Fig. 2). The slight offset 

of lateral interaction between protofilaments leads to the closing of the MT with a mismatch 

between the starting pf and the closing one (Fig. 2). This mismatch can occur in different 

ways with a delta of 2, 3 or 4 tubulin monomers for the closing of the lateral helix. These 

mismatches are called 2-start, 3-start or 4-start helixes and ultimately lead to a rotation of 

the lattice as we see in the extreme case of a 15 pf MT with a 4-start helix (Fig. 3) (Chrétien 

& Wade, 1991; Amos, 2004). The canonical 13 pf 3-start helix MTs (often written 13_3) 

which are predominant in cells are straight, with no internal pitch (Chrétien & Wade, 1991; 

Amos, 2004; Chaaban & Brouhard, 2017). 
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Figure 2. Microtubule structure. 

From left to right: tubulin heterodimer, protofilament, microtubule with 13 pfs and a 3-start helix, 
highlight of a lateral helix, lattice types with a dashed line representing the seam. Created with 
BioRender.com 

 

Figure 3. Microtubule structure diversity. 

Schematic representation of microtubules with different protofilament number and helix start. The 
14_3 MT shows a slight left-handed internal twist of the microtubule lattice. The 15 or 16 pf 
microtubule with a 4-start helix shows an opposite right-handed internal twist of microtubule lattice. 
From (Amos, 2004). 
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I.1.c Microtubule dynamic instability 

One specificity of MTs compared to the other cytoskeletal elements is their particular 

intrinsic dynamics. Indeed, MTs switch from polymerization to depolymerization in an 

apparent stochastic way (Walker et al., 1988). This process is called dynamics instability 

(T. J. Mitchison & Kirschner, 1984) and is arising from the impact of GTP hydrolysis on the 

structure of the MT itself (Fig. 4).  

The longstanding model for this phase transition between growth and shrinkage works as 

follows : during MT growth, a delay on GTP hydrolysis lead to the formation of a GTP-rich 

lattice at the growing end of MTs ‒ called GTP-cap ‒ stabilizing its structure and thus 

allowing growth (T. Mitchison & Kirshner, 1984; Roostalu et al., 2020; Gudimchuk & 

McIntosh, 2021). Then, the GTP on the E site of β-tubulin is hydrolyzed via the longitudinal 

contacts made by the α-tubulin of the following dimer (Nogales et al., 1999). This 

hydrolysis induces the compaction of the longitudinal interdimer interface and reduces the 

strength of the lateral contacts between protofilaments (Alushin et al., 2014; R. Zhang et 

al., 2015; Manka & Moores, 2018). This conformational change produces accumulating 

strain on the MT lattice and finally leads to the depolymerization of MTs. Switching from 

growth to shrinkage is called a catastrophe and from shrinkage to growth a rescue (Fig. 

4). Microtubule dynamic can be modulated by several factors such as the isotypes of 

tubulins, their PTMs, and microtubule-associated proteins (Bodakuntla et al., 2019; Cleary 

& Hancock, 2021).  

 

Figure 4. Microtubule dynamic instability.  

Left: Schematic representation of a growing (top) and shrinking (bottom) microtubule. Adapted from 
(Roostalu & Surrey, 2017). Right: Kymograph of a microtubule polymerizing in vitro showing the 
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microtubule length over time alternating between growth (straight line) and shrinkage phases 
(dashed line). Catastrophes are represented by an asterisk and rescues by a round dot. Created 
with BioRender.com. 

I.1.d Microtubule nucleation 

Spontaneous nucleation 

Spontaneous MT nucleation in vitro is a thermodynamically unfavorable process. Tubulin 

dimers form oligomers that are unstable until it reaches a specific size, called critical 

nucleus. The instability of tubulin dimer association constitute a kinetic barrier explaining 

why there is a lag phase in MT assembly curve (Fig. 5) (Voter & Erickson, 1984). To 

overcome this barrier, high concentration of tubulin heterodimers (>20 µM) are needed in 

vitro but in cells several associated proteins favor this process (Roostalu & Surrey, 2017). 

A closed MT serves as a template facilitating the incorporation of tubulin at MT ends and 

thus requires less free tubulin (≈1 µM) for MT growth (Wieczorek et al., 2015).  

 

Figure 5. Spontaneous assembly of microtubules.  

Schematic representation of an assembly curve of bulk tubulin polymerizing in vitro and the 
associated molecular steps of the formation of MTs. The width and length of arrows represent the 
strength of the transition steps. Created with BioRender.com. 

A longstanding debate animates the field concerning the role of tubulin curvature and 

nucleotidic state in the formation of the MT critical nucleus (Brouhard & Rice, 2014; 

Gudimchuk & McIntosh, 2021). The first published structures of tubulin dimer showed 

distinct curvatures, straight for the Zn2+-induced tubulin sheets (Nogales et al., 1998) and 

curved for tubulin-Rb3 complex (Gigant et al., 2000). More recent data converge to the 

idea that the tubulin dimer in solution is in a curved state whether it is bound to GTP or 
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GDP (Andreu et al., 1989; Nawrotek et al., 2011; Rice et al., 2008) and a straight 

conformation when integrated in the MT lattice (Nogales et al., 1999; Alushin et al., 2014; 

Manka & Moores, 2018). The precise timing of curved to straight transition is still elusive.  

If free tubulin heterodimers bound to GTP or GDP have the same curved conformation, 

what is the role of GTP in the MT nucleation process? The use of a slowly hydrolysable 

GTP analog Guanosine-5'-[(α,β)-methyleno]triphosphate (GMPCPP) (Hyman et al., 1992; 

Wieczorek et al., 2015) or a mutation of tubulin that prevents GTP hydrolysis (Roostalu et 

al., 2020) both lead to important nucleation of MTs. These data point to the central role of 

GTP in MT nucleation and imply that the presence of GTP is improving the stability of 

nucleation intermediates. Portran et al. show that tubulin dimers interact when bound to 

GTP but not GDP using FRET analysis (Portran et al., 2017). Recent data from Etsuko 

Muto’s lab argue that αβ-tubulin oligomers contain a subpopulation of oligomers that are 

straight when bound to GTP but not with GDP. This straightening would be a crucial step 

to reach the critical nucleus size finally allowing the promotion of lateral interactions 

between nascent protofilaments (Ayukawa et al., 2021). These data are in agreement with 

previously published structures (H.-W. Wang & Nogales, 2005). 

Capturing nucleation intermediate is experimentally extremely challenging due to the 

transient nature of those oligomers. Early estimation of the critical nucleus size was 

extrapolated from MT assembly curves and different estimations were made: seven tubulin 

dimers with two protofilaments (Voter & Erickson, 1984) or between 10 and 15 tubulin 

dimers (Kuchnir Fygenson et al., 1995; Flyvbjerg et al., 1996). Consistent with these data, 

using crosslinking followed by disassembly of MTs, Caudron et al. suggest that 

heterogenous complexes of laterally associated 10-15 tubulin dimers can lead to MT 

nucleation (Caudron et al., 2002). More recently, Portran and his collaborators show that 

lateral interaction between protofilaments is crucial for proper MT nucleation (Portran et 

al., 2017). Finally, using mathematical modeling, Rice et al. challenge the current view of 

a critical nucleus kinetic barrier and rather support a model where MT nucleation occur 

through tubulin accretion in the form of rectangular sheets (Rice et al., 2021), a process 

much more continuous than the previous critical nucleus model. 

To summarize, the current view of MT spontaneous nucleation is still debated but tends 

toward the idea that GTP favors the straightening of tubulin oligomers. This straightening 

facilitates lateral interactions between nascent protofilaments that form a two-dimensional 

sheet ultimately closing to form a tube. In cells, several associated proteins are helping 

this process of MT nucleation either through templated or non-templated nucleation. 
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Associated proteins for MT nucleation 

In cells, microtubule nucleation can be facilitated through two main mechanisms. 1) The 

templated nucleation that relies on producing a template for MT nucleation via the γ-

Tubulin Ring Complex (γ-TURC) (Fig. 6) or the severing of existing MT from which new 

growth can occur (Fig. 7). 2) The non-templated nucleation that relies on generating de 

novo MTs through the stabilization of MT nucleation intermediate (Fig. 8). Most recently, 

increasing evidences show that Liquid-Liquid Phase Separation (LLPS) that locally 

concentrate soluble tubulin is a new mechanism of non-templated MT nucleation (Fig. 9). 

1) Templated nucleation 

γ-Tubulin Ring Complex  

The main MT nucleation factor in cells is the γ-Tubulin Ring Complex (γ-TURC) (Fig. 6). It 

is found at centrosomes but also at non-centrosomal MTOCs (Microtubule Organizing 

Centers) such as Golgi outposts or MT sides. This complex is a 2.2 MDa complex 

composed of 14 γ-tubulin monomers and other associated proteins. It forms a ring shape 

mimicking a MT (+) end facilitating the recruitment and incorporation of tubulin dimers to 

form a MT. γ-TURC thus caps the (-) end of the growing MT. γ-TURC is not the most 

efficient MT nucleator by itself (Zheng et al., 1995) and need other known nucleating 

proteins like Tpx2 and XMAP215 to promote its activity. Structural data using cryo-EM of 

purified γ-TURC either from X. laevi (P. Liu et al., 2020) or Hela cells (Consolati et al., 

2020; Wieczorek et al., 2020) show that γ-TURC forms a ring shape with a compact 

structure on one side of the ring and a more loose structure on the other side explaining 

the limited nucleation activity of γ-TURC alone. Very unexpectedly, an actin monomer 

unable to promote F-actin nucleation was found in the γ-TURC structure (P. Liu et al., 

2020). Additionally to their own nucleation activities, Tpx2 and XMAP215 probably stabilize 

the loose part of the complex (Alfaro-Aco et al., 2020; Consolati et al., 2020; Thawani et 

al., 2018). The HAUS/Augmin complex is another γ-TURC associated protein that 

promotes non-centrosomal MT nucleation (Cunha-Ferreira et al., 2018; Lawo et al., 2009; 

Petry et al., 2011; Sánchez-Huertas et al., 2016). This 8 subunit complex recruits γ-TURC 

to the side of a pre-existing MT allowing branched MT nucleation (Hsia et al., 2014; Petry 

et al., 2013; J.-G. Song et al., 2018). γ-Tubulin depletion in cells does not lead to a total 

loss of MT mass suggesting that additional factors can promote MT nucleation by 

themselves. 
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Figure 6. Microtubule nucleation by the γ-Tubulin Ring Complex (γ-TURC). 

Schematic representation of the γ-TURC. On the left, the full circular line shows the compact part 
of the complex and the dashed line the looser part of the complex. Created with BioRender.com. 

Severing enzymes 

By cutting MTs in several pieces, severing enzymes can increase the number of MT (+) 

ends available for growth and thus increase MT mass (Fig. 7) (Lindeboom et al., 2013). It 

is suspected to be a major way of producing new MTs in neurons (Baas & Ahmad, 1992; 

Kuo & Howard, 2021). Indeed, counterintuitively, the knockout of katanin leads to a 

decrease MT number in dendrites (Stewart et al., 2012) and spastin overexpression 

increases the number of MTs (Yu et al., 2008). Generating new microtubules from severed 

ones require the stabilization of MT pieces either by high tubulin concentration (above 

critical concentration for elongation) or by associated proteins like CAMSAP (K. Jiang et 

al., 2014, 2018). The severing enzyme katanin was shown to cut centrosomal MT in 

neurons and that this activity is important for proper axon growth (Ahmad et al., 1999). 

Another severing enzyme, spastin, was shown to increase MT number in vitro through a 

combination of severing and stabilization of MTs (Kuo et al., 2019). Modulation of katanin, 

spastin and fidgetin expression levels affects neuronal morphology (Leo et al., 2015; Yu 

et al., 2008). Since MTs were found to be transported along other MTs in axons (L. Wang 

& Brown, 2002), cutting and transporting stabilized MTs could be a way of producing new 

microtubules in axons (Guha et al., 2021; Lindeboom et al., 2019). 
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Figure 7. Microtubule nucleation by severing enzymes. 

Schematic representation of one microtubule being cut by a severing enzyme and stabilized by 
CAMSAP allowing the formation of two microtubules. Created with BioRender.com. 

2) Non-templated nucleation 

Even if γ-tubulin depletion leads to a decrease in the total amount of MTs, remaining 

microtubules were found in rat neurons and C. elegans embryos (Hannak et al., 2002; 

Strome et al., 2001; Yau et al., 2014). Also, MT nucleation events in budding yeast were 

found to be independent from γ-tubulin (Kitamura et al., 2010) suggesting that other factors 

are able to nucleate microtubules (Roostalu & Surrey, 2017). A recent study using human 

colon cancer cells and γ-TURC depletion evidenced four proteins, Tpx2, ch-TOG, CLASP1 

and CAMSAPs required for γ-TURC independent nucleation (Tsuchiya & Goshima, 2021). 

Moreover, a large screen of Microtubule-Associated Proteins (MAPs) in a cell-free system 

using a lysate-based approach suggests that 27 out of 45 candidate MAPs are promoting 

MT nucleation (Jijumon et al., 2022). Even if further research is needed to precise the 

exact nucleation mechanisms for each protein, two main mode of non-templated 

nucleation are currently known which are: MT nucleus stabilization (Fig. 8) and tubulin 

concentration through phase separation (Fig. 9). 

MT nucleus stabilization (Fig. 8) 

chTOG (aka CKAP5 and human homolog of X. laevi XMAP215) is a MT polymerase that 

tracks MT + ends (Brouhard et al., 2008) and also promotes MT nucleation in vitro through 

conserved TOG domains (B. R. King et al., 2020; Popov et al., 2002; Roostalu et al., 2015). 

These TOG domains bind soluble tubulin dimers and chTOG feeds the MT growing end 

with tubulin dimers (Al-Bassam & Chang, 2011; Ayaz et al., 2012). chTOG mechanism of 
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MT nucleation by itself is unclear but could rely on the increased longitudinal interaction of 

tubulin dimers (Roostalu & Surrey, 2017). The most striking nucleation effect is observed 

in synergy with γ-TURC with a dual effect on γ-TURC stabilization combined with chTOG 

polymerase activity (Consolati et al., 2020; B. R. King et al., 2020; Thawani et al., 2018).  

CLASP proteins (CLIP-associated proteins) possess TOG-like domains involved in soluble 

tubulin binding. However, unlike chTOG, it has a MT dynamic suppressor activity through 

the promotion of MT rescues, prevention of catastrophes and limitation of 

depolymerization speed (Al-Bassam et al., 2010). In vitro evidence of direct nucleation 

activity of MT is lacking, however strong data place CLASP protein as central for Golgi-

derived MT nucleation (Efimov et al., 2007; J. Wu et al., 2016). Structural data of the 

binding mechanism of CLASP on MTs is needed to precise the exact mechanism of MT 

nucleation. It is likely that its stabilizing effect observed at MT growing ends and its role in 

MT tube formation also takes place at the level of MT nucleation intermediates, thus 

favoring MT nucleation (Aher et al., 2018, 2020).  

DCX is a neuronal MAP that stabilizes MTs and promotes the nucleation of 13-pf MTs 

(Bechstedt & Brouhard, 2012; Gleeson et al., 1999; Moores et al., 2004, 2006). Two MT 

binding domains cooperate to promote nucleation, the NDC domain binds to MT lattice 

and prevent catastrophes whereas the CDC domain stabilizes early nucleation events 

(Manka & Moores, 2020). Tandem activity of these two domains are needed to perform 

MT nucleation (Taylor et al., 2000). The specific binding site of DCX, located between 4 

tubulin dimers, could enhance both longitudinal and lateral interaction thus facilitating the 

transition between nucleation intermediate to complete MT (Fourniol et al., 2010).  

Calmodulin-regulated spectrin-associated proteins (CAMSAP aka Nezha, Patronin) is a 

family of 3 proteins (CAMSAP1-3) (Baines et al., 2009) that tracks growing MT (-) ends 

and stabilizes microtubules in Drosophila S2 cells, mammalian cell lines and neurons 

(Goodwin & Vale, 2010; K. Jiang et al., 2014; Yau et al., 2014). Stabilization occurs through 

a CKK domain that recognizes specific (-) end lattice conformation and bridges two 

laterally associated tubulin dimers (Atherton et al., 2017, 2019). CAMSAP proteins allow 

the formation of non-centrosomal, γ-TURC independent MTs in cells (Meng et al., 2008; 

Nashchekin et al., 2016; N. Tanaka et al., 2012). Although often presented as a MT 

nucleation factors (Roostalu & Surrey, 2017), several in vitro studies of CAMSAPs report 

stabilizing activities and not nucleation of MTs per se (Hendershott & Vale, 2014; K. Jiang 

et al., 2014). Jiang et al. however show that CAMSAP can protect laser-ablated MT from 

depolymerization to serve as seeds for new growth and thus participate in templated MT 

nucleation. A recent study, show that CAMSAP2 promotes MT nucleation in vitro through 



 

19 
 

the recruitment of tubulin in protein condensates reminiscent of protein phase separation. 

Using cryo-EM imaging of their sample, they suggest that tubulin rings are MT nucleation 

intermediates (Imasaki et al., 2022), an idea supported by SAXS analysis of MT assembly 

(Shemesh et al., 2018). 

 

Figure 8. Stabilization of Microtubule nucleation intermediates by MAPs. 

Schematic representation MT nucleation intermediates that are stabilized by promoting either 
longitudinal or lateral interactions. Created with BioRender.com. 

Nucleation through phase separation (Fig. 9)  

Protein phase separation is recently emerging as a new MT nucleation mechanism 

(Wiegand & Hyman, 2020). In this idea, a debate about the classification of the main 

Microtubule Organizing Center (MTOC), the centrosome, as a specific phase separating 

compartment is animating the field (Raff, 2019; Rale et al., 2018; Woodruff, 2018). Protein 

phase separation is mediated by multivalent dynamic interaction (Banani et al., 2017) of 

intrinsically disordered proteins (IDPs) or intrinsically disordered regions (IDR). Phase 

separated proteins (or biomolecular condensates) form membraneless organelles in cells 

that organize cellular processes through the specific recruitment of client proteins and the 

exclusion of others (Banani et al., 2017). The central role of phase separation in 

physiological and pathological cell processes is getting clearer each year (B. Wang et al., 

2021). 

The first evidence for MT nucleation through phase separation was observed for the 

evolutionarily conserved Xenopus lamin-B spindle matrix protein BuGZ that was found to 

form liquid condensates in vitro able to concentrate soluble tubulin and thus promoting MT 

nucleation (H. Jiang et al., 2015). This nucleation mechanism has now been extended to 

the structural MAP Tau (Hernández-Vega et al., 2017; Hochmair et al., 2022), the mitotic 

spindle proteins Tpx2 (M. R. King & Petry, 2020) and CAMSAP2 (Imasaki et al., 2022). 

We can note the particular case of SSNA1 which induces MT branching in vitro that also 
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nucleates MT from tubulin condensate (Basnet et al., 2018). The common feature of phase 

separation-mediated nucleation is that it requires disordered proteins able to interact with 

tubulin. This function could be shared by other suspected MT-nucleating MAPs (Jijumon 

et al., 2022). However, it is not a strict rule as NuMA, which is phase separating with 

tubulin, is not promoting MT nucleation (M. Sun et al., 2021) suggesting that concentrating 

tubulin is not sufficient. Finally, the demonstration that these proteins indeed nucleate MTs 

through phase separation in cells is lacking. 

  

Figure 9. Phase separation of tubulin promotes MT nucleation. 

Schematic representation of a protein condensate that recruits and concentrates tubulin allowing 
MT nucleation. Created with BioRender.com. 

The centrosome is a membraneless organelle that recruits a specific set of proteins to 

promote MT nucleation and their spatial organization could be regulated through phase 

separation mechanisms. Using C. elegans embryo and in vitro reconstitution assays, 

Woodruff et al. showed that the centrosome-resident protein SPD5 forms condensates 

partitioning both ZYG-9 (XMAP215 homolog) and TPXL-1 (Tpx2 homolog). Finally, this 

tripartite condensate recruits soluble tubulin to nucleate MTs (Woodruff et al., 2017). 

Moreover, it is possible that MT nucleation through phase separation already existed and 

was conserved from bacteria. Indeed, the bacterial tubulin homolog Ftsz was recently 

shown to be nucleated by a LLPS mechanisms important for bacteria cell division (Ramm 

et al., 2022). Thus, phase separation is emerging as a major mechanism for MT nucleation 

in cells. 
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I.1.e Regulation of Microtubule dynamics by associated proteins 

Stability 

Neurons are long-lived cells with an important level of plasticity. MTs in neurons reflect 

this stability/plasticity balance with one of the most stable MT network that has still highly 

dynamic ends (Baas et al., 1991; Baas & Black, 1990; Brown et al., 1993; Qiang et al., 

2018) . Even if it seems contradictory, it is now clear that single MT can have a stable part 

and a dynamic one. For now, four main mechanisms of MT stabilization are known (Fig. 

10): 1) MT self-repair 2) The tubulin code (PTMs) 3) Microtubule-associated proteins 

(structural MAPs) and 4) Microtubule Inner Proteins (MIPs). For reviews on each 

mechanisms: 1) (Théry & Blanchoin, 2021) 2) (Bär et al., 2022) 3) (Baas et al., 2016; 

Bodakuntla et al., 2019) 4) (Ichikawa & Bui, 2018). 

 

Figure 10. Mechanisms of MT stabilization. 

Schematic representation of the four main microtubule stabilization mechanisms. Adapted from 
(Akhmanova & Kapitein, 2022), (Ramkumar et al., 2018) and (X. Wang et al., 2021). Created with 
BioRender.com. 

The microtubule lattice is not as perfect as initially thought and contains defects  like holes, 

protofilament number changes or transition in helix pitch as observed in vitro and in vivo 

(Atherton et al., 2018; Chrétien & Fuller, 2000; Schaedel et al., 2019). Lattice defects can 

arise spontaneously in MT lattice in vitro or tubulin can be removed from the lattice by 

walking molecular motors (Budaitis et al., 2022; Triclin et al., 2021), severing enzymes 
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(Vemu et al., 2018) as well as by mechanical deformation under forces due to growth 

against membranes or crossing MTs (Aumeier et al., 2016; de Forges et al., 2016; 

Schaedel et al., 2015). These defects can be repaired by the spontaneous incorporation 

of tubulin dimers (Schaedel et al., 2015, 2019) or through the activity of proteins such as 

CLASP (Aher et al., 2020), spastin and katanin (Vemu et al., 2018) or molecular motors 

(Triclin et al., 2021). These repair sites promote MT rescue by incorporating GTP tubulin 

in the lattice ultimately leading to longer MT lifespan (Aumeier et al., 2016; de Forges et 

al., 2016; Dimitrov et al., 2008; Théry & Blanchoin, 2021; Vemu et al., 2018). Going further, 

Triclin et al. propose that molecular motors walking on MT catalyzes MT lattice renewal by 

removing and incorporating dimers in the lattice (Triclin et al., 2021). A recent paper 

supports this hypothesis as kinesin-1 promotes tubulin damage and repair allowing MT 

rescues both in vitro and in cells (Andreu-Carbó et al., 2022).  

The tubulin code arise from the wide diversity of tubulin isotypes and PTMs (reviewed here 

: (Janke & Magiera, 2020)). MTs assembled from specific tubulin isotypes can have 

different protofilament numbers as well as different dynamic properties. For instance, β2B-

tubulin generates intrinsically more stable MTs than β3-tubulin (Pamula et al., 2016; Ti et 

al., 2018). Tubulin PTMs also affect MT stability like tubulin polyamination in neurons (Y. 

Song et al., 2013) or acetylation that makes MT flexible, protecting them from breakage 

(Portran et al., 2017; Z. Xu et al., 2017). Tyrosinated tubulin is linked to dynamic MTs 

whereas detyrosinated tubulin to stable MTs (Sanyal et al., 2021). Finally, PTMs also affect 

the binding of MAPs adding another layer of regulation (Bär et al., 2022).  

Structural MAPs like MAP1B, MAP2, Tau and MAP6 were first identified because of they 

were co-purified with tubulin from brain extracts. Later on, the family extended to more 

than 10 members (Bodakuntla et al., 2019). The common criteria to define structural MAPs 

is their ability to bind MTs and promote their stability, however this definition seems to be 

restrictive as most of these proteins share diverse MT-unrelated activities, a view that we 

illustrate in this review: Beyond neuronal microtubule stabilization: MAP6 and CRMPs, two 

converging stories. Cuveillier et al. 2021 Front. Mol. Neurosci. (see Introduction part IV). 

This review briefly summarizes data on MT stabilization by structural MAPs and gives an 

extensive view of the current knowledge on MAP6 functions at the molecular, cellular and 

behavioral levels. We also enlarge the definition of structural MAPs to Collapsin Response 

Mediator Protein (CRMP) family because of their convergent functions regarding our new 

definition of structural MAPs.  

The structural mechanism allowing MT stabilization might be different for each MAP. For 

instance, Tau binds along a pf (Kellogg et al., 2018) whereas DCX binds between four 
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tubulin dimers (Fourniol et al., 2010). However, structural data of these disordered proteins 

are experimentally difficult to obtain. Recent and very interesting experiments show a new 

mechanism of Tau binding to MTs. In fact, Tau forms “envelopes” that coat the MT lattice 

in a process reminiscent of phase separation. This condensation of Tau around MTs affect 

the movement of molecular motors and protects MTs against severing enzymes (Siahaan 

et al., 2019; Tan et al., 2019). It would be interesting to look for this type of MT binding 

with other MAPs. 

While most of the research on MT stability was done on the aspects described above, 

recent important papers also point toward a role of Microtubule Inner Proteins (MIPs) for 

MT stabilization and regulation. The presence of particles in the lumen of MTs has been 

observed several decades ago both in singlet MTs in neurons (Burton, 1984; Echandía et 

al., 1968) as well as in ciliary and flagellar doublet MTs which are both extremely stable 

microtubule entities (Nicastro et al., 2006; Sui & Downing, 2006). The difficulty to identify 

MIPs delayed our understanding of their function. However, recent advances in cryo-EM 

reconstruction led to the identification of many MIPs and point toward a role of microtubule 

inner proteins in MT stabilization (Ichikawa & Bui, 2018). Indeed, some specific MIPs were 

shown to stabilize MTs like FAP85 (Kirima & Oiwa, 2018) or FAP45 and FAP52 (Owa et 

al., 2019). Interestingly, MIPs also alter MT structure since sarkosyl treatment of doublet 

MTs leads to the removal of some MIPs and alters the compaction and curvature of the 

MT lattice (Ichikawa et al., 2019). Works from Rui Zhang’s lab allowed the identification of 

more than 50 MIPs of the central singlet MTs and the surrounding doublet MTs of C. 

reinhardtii flagella (Gui et al., 2022; Ma et al., 2019). I would like to underline two main 

ideas from these papers. The first is that the individual knock-out of all MIPs tested leads 

to functional swimming defects (Gui et al., 2022) showing their relevance in cilia function. 

The second is that the highly diverse interactions between MIPs and the luminal surface 

of the MT can modify the compaction and structure of the tubulin and protofilament. 

Ultimately, this could instruct: 1) the stabilization of MTs against mechanical constrain 2) 

the recruitment of specific proteins located either on the inside or the outside of the MTs 

thus giving MT specific identities. Data concerning the role of such MIPs in neuronal MTs 

is still lacking. Increasing cryo-EM studies of cultured neurons show the prominent 

presence of MIPs inside neuronal MTs (Atherton et al., 2018, 2022; Foster et al., 2021; 

Garvalov et al., 2006). Interestingly, a peptide of Tau was shown to bind inside MTs 

affecting MT stability (Inaba & Matsuura, 2021). More recently, a bioRxiv paper shows that 

a Joubert syndrome protein CSPP1 is localized inside MT where it promotes MT 

stabilization (van den Berg et al., 2022). While their identity and thus their role are only 
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recently emerging, MIPs seem to participate in MT stabilization and might also affect MT 

structure similarly to cilia and flagella MIPs. 

MT destabilization 

Even if MT ageing and mechanical constrains can induce MT depolymerization, cellular 

effectors leading to MT mass breakdown exists. On one hand, the severing enzymes that 

can either decrease or increase MT mass depending on the tubulin concentration and the 

presence or not of stabilizing factors. Katanin, fidgetin and spastin are the three proteins 

known to cut MTs and belong to the family of AAA-ATPases. The current model is that 

these proteins work as AAA-unfoldases (Kuo & Howard, 2021). In fact, they form 

hexamers on the MT lattice and pull the C-terminal tail of tubulin through the center of the 

oligomer. They use ATP to generate the required force (Kuo et al., 2022). Since this 

process affects one tubulin at the time, several rounds of extrusion are need for a full cut. 

In this line, removal of a few tubulin leads to MT depolymerizing activities instead of 

severing as it was shown for katanin and fidgetin (Mukherjee et al., 2012; D. Zhang et al., 

2011). Stathmin and some molecular motors also promote MT depolymerization through 

their preferential binding to curved tubulin. Stathmin binds to two tubulin in a curved 

conformation preventing correct straightening of protofilaments at the growing MT tip thus 

promoting MT catastrophes (Gudimchuk & McIntosh, 2021). In a similar manner, the 

kinesin-13 MCAK diffuses to the tip of the MT (Helenius et al., 2006) and induces 

depolymerization by binding more efficiently to curved tubulin (Gudimchuk & McIntosh, 

2021). This mechanism is also observed with the polymerase XMAP215/chTOG in specific 

conditions (Brouhard et al., 2008). 

+ TIPs 

MT dynamic is also affected by protein binding at the plus end of MTs. Several proteins 

can autonomously track MT plus end like APC, CLIP-170, XMAP215 or EB proteins with 

different activities (Akhmanova & Steinmetz, 2010). For instance, XMAP215 promotes MT 

growth rates while APC stabilizes MT dynamics. A lot of other proteins are described as 

+TIPs but cannot track MT end by themselves. Instead, they require EB proteins to be 

recruited. EB-proteins are master regulators of the MT tip network and recruit partners 

through SxIP or CAP-Gly domains (Akhmanova & Steinmetz, 2015; K. Jiang et al., 2012; 

van de Willige et al., 2016). EB proteins (EB1, EB2 and EB3) affect MT dynamics in vitro 

(Vitre et al., 2008) and control MT dynamics in cells through the recruitment of different 

+TIPs (Akhmanova & Steinmetz, 2015; Gudimchuk & McIntosh, 2021). Besides 

modulating MT dynamics, +TIP protein complexes guide MT growth along other MTs or 

actin filaments. This allows the capture of MTs at actin rich sites like focal adhesion 
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(Juanes et al., 2019), cortical actin meshwork or filopodia (Akhmanova & Steinmetz, 2010). 

MT +TIP network can also recruit signaling molecules like RHO GTPases, GEFs or 

kinases to participate in signaling events (Akhmanova & Steinmetz, 2015). This 

multiprotein complex was suspected to undergo phase separation to properly track MT 

end, exclude or recruit partners (Akhmanova & Steinmetz, 2015). A recent bioRxiv paper 

shows that the association of CLIP-170 and EB3 lead to phase separation of both proteins 

at MT tips both in vitro and in cells (Miesch et al., 2022). If this proves to be a general 

mechanism, understanding who are the scaffold proteins (making phase separation) and 

who are the client proteins (being recruited into phase separated droplets) at the tip of MTs 

could give insights on individual MT tip complex. 

I.1.f. Microtubule organizations in cells 

Microtubules adapt their intracellular organization depending on the cell needs either 

through centrosomal or non-centrosomal organizations. The centrosome is the main 

Microtubule Organizing Center (MTOC) of many cells. It is a complex structure formed by 

two centrioles surrounded by a pericentriolar matrix. Each centriole is made of 9 triplets of 

microtubules maintained together by a complex machinery (Fig. 11A) (LeGuennec et al., 

2021). The centrosome has a dual role for MT organization through nucleation and MT 

anchoring. It is duplicated during mitosis to form the spindle poles that allows chromosome 

segregation by projecting kinetochore MTs to chromosomes (Fig. 11B). In quiescent cells 

like fibroblasts, the centrosome is located near the nucleus and projects microtubules in a 

plus-end out orientation toward the cell cortex (Fig. 11B). This organization is important 

for organelle positioning and directed intracellular transport. In more complex cells like 

neurons, microtubules are organized via different MTOCs like Golgi outposts or 

endosomes independently of the centrosome. During neuronal polarization, MTs in 

dendrites adopt a mixed plus and minus-end out organization while axonal MTs keep an 

exclusive plus-end out orientation (Fig. 11B). Unicellular eukaryotes are great examples 

of unique MT organizations that can be highly specialized like the presence of helical MTs 

under the plasma membrane or in the conoid of Toxoplasma gondii (Fig. 11B) or by 

forming the motile flagella of Chlamydomonas reinhardtii for example (Fig. 11B). Cilia and 

flagella are particular microtubule-based structures that can serve mechanical role by 

generating force for motile cilia and flagella or act as antenna to receive extracellular 

signaling for non-motile cilia (also called primary cilia). To generate a cilium, the 

centrosome migrates below the plasma membrane where the centriole forms the basal 

body from which MT doublets extend away from the cell body. These are extremely 

complex structures where a very specific and organized protein system takes place. 
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Recent advances in cryo-EM reveal the complexity of this machinery (Klena & Pigino, 

2022).  

 

Figure 11. Microtubule organizations diversity in cells. 

A. Schematic organization of the microtubule network in an interphase cell with MTs extending from 
the centrosome in a plus-end out manner. Insets are showing two centrioles present in the 
centrosome (middle) and the EM picture of the transverse plane of one centriole (right). B. From 
left to right: MTs in a mitotic cell extending from two centrioles and forming the spindle poles. A 
fibroblast with centrosomal and Golgi MTs projecting to the cell cortex in a plus-end out orientation. 
A neuron with non-centrosomal neuronal MTs with an exclusive plus-end out orientation in axons 
and mixed orientations in dendrites (green MTs are plus-end out and red MTs are minus-end out). 
Toxoplasma gondii MT structures with the presence of a conoid and cortical, subplasmalemmal 
MTs. Chlamydomonas reinhardtii MT structures with two motile flagella and subcortical MTs. MTs 
in all immunofluorescence images are in green and DNA in purple or blue. Created with 
BioRender.com. 
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I.2. Actin 

I.2.a Structural basis of actin monomers and filaments 

Actin is one of the most abundant protein in eukaryotic cells and is highly conserved 

through evolution. In vertebrate, 3 main isoforms are expressed. α-actin is muscle specific, 

β-actin is found in non-muscle cells and γ-actin is ubiquitous. The actin monomer is a 

rather flat 43 kDa globular protein of around 5.5 nm in size and called G-actin. It is 

composed of four subdomains, subdomains 1 and 3 form the barbed (+) end whereas 

subdomains 2 and 4 form the pointed (-) end (Fig. 12A). This G-actin ends asymmetry 

gives rise to polar filaments with different kinetic: the barbed end is fast growing and the 

pointed end slow growing (Chou & Pollard 2019). Two clefts are present, a nucleotide 

binding cleft where ATP binds and a hydrophobic cleft making longitudinal contacts 

between actin subunits within a filament. The hydrophobic cleft is also a major site for 

associated protein binding (Dominguez & Holmes, 2011; Merino et al., 2020). Monomeric 

actin binds ATP with nanomolar affinity (De La Cruz & Pollard, 1995) and is mainly found 

bound to ATP in cells thanks to the monomer-binding protein profilin that promotes ADP 

to ATP exchange of G-actin (Porta & Borgstahl, 2012; Selden et al., 1999; Vinson et al., 

1998). Divalent cations like Ca2+ or Mg2+ promote nucleotide binding (Kabsch et al., 1990) 

which is important for the stability of actin molecule (Pollard, 2016). Actin-bound divalent 

cations affect filament polymerization dynamics possibly through a decrease in actin net 

charge (Kabsch et al., 1990) and ATPase activity (Blanchoin & Pollard, 2002; Rould et al., 

2006; Scipion et al., 2018). In physiological conditions, most actin molecules are bound to 

Mg2+ (Estes et al., 1992; Rosenblatt et al., 1995). 

 

Figure 12. Actin monomer and filament structure.  

A. Monomeric actin structure showing the four subdomains and nucleotide binding cleft (top). Below 
is shown the 3D structure of G-actin. B. Structure of G-actin in a filament. A and B are adapted from 
(Merino et al., 2020). C. Schematic representation of nucleotide associated with G-actin over time 
within a filament. Adapted from (Pollard, 2016). 
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In the presence of Mg2+/Ca2+, of ATP and at physiological ionic strength, actin subunits 

assemble into a filamentous structure called F-actin. Structurally, F-actin is a polarized 

filament consisting of two strands of subunits forming right-handed helices staggered by 

half the length of an actin monomer (2.7 nm) (Holmes et al., 1990; Oda et al., 2009) (Fig. 

12B) with a helical periodicity of 72 nm.  

Spontaneous actin polymerization in vitro occurs at much lower concentration (>0.1 µM) 

than tubulin (>20 µM). Still, a lag phase is observed in bulk assembly assays (Pollard, 

2016) suggesting that like for MT, actin nucleation is a thermodynamically unfavorable 

process (Rosenbloom et al., 2021) requiring the formation of a critical nucleus. Computer 

simulations and experimental data estimate the size of this nucleus to be of three dimers 

and that the addition of the 4th monomer stabilizes the complex (Fig. 13) (Oda et al., 2016; 

Sept & McCammon, 2001).  

 

Figure 13. Spontaneous assembly of actin filaments.  

Schematic representation of an assembly curve of bulk G-actin polymerizing in vitro and the 
associated molecular steps of the formation of actin filaments. The width and length of arrows 
represent the strength of the transition steps. Created with BioRender.com. 

Like microtubules, nucleotide hydrolysis (here ATP) is not required for actin polymerization 

since non-catalytic actin form filaments (Funk et al., 2019). However, ATP hydrolysis does 

not prevent filament elongation as ADP-Pi (Pi stands for inorganic phosphate) and ATP-

actin polymerizes with the same growth kinetics (Fujiwara et al., 2007). Still, ADP-actin 

subunits dissociate faster from the filament ends (Pollard, 2016) suggesting a structural 

role of nucleotide state on actin conformation even if little differences were observed 
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between the two structures (Kabsch et al., 1990). The release of the Pi from the nucleotide 

binding cleft is suspected to destabilize the filament (Chou & Pollard, 2019; Merino et al., 

2018). ATP hydrolysis is promoted in F-actin (Blanchoin & Pollard, 2002) but is thought to 

occur “randomly” along the filament (Jégou et al., 2011) (Fig. 12C). After ATP hydrolysis, 

the Pi dissociates very slowly from polymerized actin (M. F. Carlier & Pantaloni, 1986), 

making ADP-Pi –actin a long-lived intermediate in the filament. Overall, actin subunits 

incorporated in a filament for a long time are rich in ADP-actin whereas recently 

incorporated subunits are in an ATP or ADP-Pi state (Pollard, 2016). The nucleotide state 

can be sensed by associated proteins and participate in their recruitment on actin filaments 

(Merino et al., 2020) like coronin (Gandhi et al., 2009; Ge et al., 2014; Merino et al., 2018), 

ADF/cofilin (M.-F. Carlier et al., 1997) or Myosin V and VI (Zimmermann et al., 2015). 

I.2.b Regulation of actin dynamics by associated proteins 

Actin concentration is high in cells (50-200 µM), way above values of the critical 

concentration (> 0.1 µM) (Gordon et al., 1977; Koestler et al., 2009). To avoid uncontrolled 

actin polymerization and allow filament turnover, actin-binding proteins regulate actin 

dynamics by sequestering monomeric actin, promoting F-actin nucleation, elongation or 

disassembly (Bray & Thomas, 1976; Pollard, 2016).  

G-actin binding proteins  

Profilin and thymosin-β4 are actin-sequestering proteins abundant in cells that allow the 

maintenance of an important pool of actin monomers. Most cellular G-actin is thought to 

be associated with either profilin or thymosin-β4 (Crockford et al., 2010; Kaiser et al., 

1999). Through a binding both at barbed and pointed ends, thymosin-β4 prevents G-actin 

to polymerize (Xue et al., 2014). In contrast, profilin binds to the barbed end of G-actin and 

catalyzes ADP to ATP exchange of G-actin (Porta & Borgstahl, 2012; Selden et al., 1999; 

Vinson et al., 1998). Profilin-actin assemble only at the barbed-end of filaments thus giving 

a polarity to filament growth (Pring et al., 1992). The transition from G- to F-actin drastically 

decreases the affinity of profilin for barbed ends, leading to its detachment from F-actin 

(Courtemanche & Pollard, 2013; Funk et al., 2019). Profilin competes with thymosin-β4 for 

G-actin to provide a pool of polymerization-competent actin monomers (Pantaloni & 

Carlier, 1993; Xue et al., 2014). Profilin-actin complex can be recruited by associated 

proteins like formins and ENA/Vasp through the interaction of profilin to polyproline 

sequences, promoting the elongation of F-actin barbed ends (Archer et al., 1994; Ferron 

et al., 2007; A. Paul & Pollard, 2008). These G-actin sequestering proteins decrease free 

actin subunits below the critical concentration and thus actin nucleating proteins are 
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needed for a precise control of actin filament nucleation (Merino et al., 2020; Pollard, 

2016). 

Actin nucleation factors 

Three main families of actin nucleators have been uncovered so far: Arp2/3 complex and 

its activators to produce branched actin networks, formins that are polymerases producing 

linear networks and the growing family of tandem monomer binding nucleator that forms 

a polymerization nucleus also producing linear actin networks (Fig. 14).  

Branched actin network 

The Arp2/3 complex (220 kDa) is composed of seven subunits, Arp2, Arp3 and Arpc1-5 

that is inactivated by itself (Robinson et al., 2001). Nucleation-promoting factors (NPFs) is 

a family of proteins that activates Arp2/3 complex (Padrick et al., 2011; Ti et al., 2011) by 

changing its conformation, thus allowing its binding to the side of a pre-existing mother 

filament (Rouiller et al., 2008). Through a WH2 domain (Wiskott–Aldrich Syndrome Protein 

- WASP-homology domain 2), NPFs bring one G-actin to the Arp2/3 complex forming a 2-

subunit nascent filament that will grow with an angle of 70° from the mother one (Mullins 

et al., 1998). Arp2/3 complex can nucleate de novo actin filament only with the NPF Dip1 

(Wagner et al., 2013), otherwise, it requires a pre-existing filament. The formation of 

branched actin networks is based on Arp2/3 complex and is heavily regulated through 

nucleation (NPFs: (Campellone & Welch, 2010)), inhibition (arpin: (Dang et al., 2013)), 

stabilization (cortactin: (Weaver et al., 2001)) or dissociation of F-actin/Arp2/3 complex 

interaction (cofilin: (Chan et al., 2009) and GMF: (Ydenberg et al., 2013)) (reviewed here: 

(Campellone & Welch, 2010; Rotty et al., 2013). Nucleotidic state of Arp2 and Arp3 also 

participates in the regulation of branched networks since ATP hydrolysis of Arp2 and 3 

lead to the detachment of Arp2/3 complex from the mother filament (Le Clainche et al., 

2003; Martin et al., 2006).  

Linear actin networks 

Formins is a large family of proteins (15 in mammals) that nucleate linear actin filament 

and promote actin filament elongation through two Formin homology domains, FH1 and 

FH2 (Chesarone et al., 2010). FH2 is highly conserved and sufficient for nucleation (Pring 

et al., 2003; Pruyne et al., 2002). As FH2 does not bind actin monomers, it probably 

nucleates F-actin through the stabilization of unstable actin dimer/trimers (Campellone & 

Welch, 2010; Otomo et al., 2005). FH2 domain binds to F-actin and processively tracks 

barbed ends through the formation of a flexible ring via head-to-tail homodimerization 

(Otomo et al., 2005). FH1 domain is located N-terminal to the FH2 domain and is not 
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necessary for nucleation (A. S. Paul & Pollard, 2009). However, it recruits profilin-actin 

through polyproline domains to feed the filament with G-actin thus promoting actin filament 

elongation rates (Kovar et al., 2006; A. Paul & Pollard, 2008; Romero et al., 2004; Sagot 

et al., 2002). Some formins have a closed inactive state and an open active state that is 

regulated by Rho GTPases. Proteins of Rho family like RhoA, CDC42 or Rac1 are 

recruited near the N-terminal Diaphanous inhibitory domain to release the formin to an 

open, active conformation (Campellone & Welch, 2010; Chesarone et al., 2010). 

Interestingly, Rho activation targets formins at the cell cortex, a process important for 

filopodia formation (Chesarone et al., 2010; Gorelik et al., 2011). 

The tandem monomer binding nucleator family is very diverse and gather Spire, Cordon 

Bleu, Leimodin, JMY and APC. Except for APC, this family relies on tandem WH2 domains 

(WASP-homology 2) that bind to monomeric actin (Dominguez, 2016; Firat-Karalar & 

Welch, 2011). WH2 domains have homologies with thymosin-β4 and bind in a similar 

fashion to the barbed-end groove of actin (Chereau et al., 2005; Rebowski et al., 2010) 

with high affinity for ATP-G-actin (Mattila et al., 2003). WH2 domains are also found in 

NPFs, Ena/VASP and some formins where it will bring G-actin in close proximity of the 

filament tip (Campellone & Welch, 2010; Chereau & Dominguez, 2006; Dominguez, 2016; 

Ferron et al., 2007). Not all WH2-containing proteins are actin nucleators like ciboulot and 

MIM that participate in barbed end filament elongation but not nucleation (Hertzog et al., 

2004; Husson et al., 2010; Mattila et al., 2003). Subtle change in WH2 sequence, repeat 

number and assay conditions can lead to different activities (M.-F. Carlier et al., 2013).  

Even if structural differences exist for actin nucleation between tandem monomer binding 

nucleators, the classical view is that each WH2 domain bridge monomeric actin together, 

forming a stable nucleus that allows subsequent filament growth. Spire was the first 

member of this family identified (Quinlan et al., 2005) and contains four WH2 domains. At 

least 2 out of 4 Spire WH2 domains are needed for actin nucleation (Ducka et al., 2010). 

Interestingly, Spire-mediated actin nucleation is inhibited by profilin (Bosch et al., 2007; 

Bradley et al., 2020). Spire synergizes with the formin Capu for F-actin nucleation (Bradley 

et al., 2020; Quinlan et al., 2007). Surprisingly, Spire is able to sever actin filaments (Bosch 

et al., 2007; C. K. Chen et al., 2012). Cordon-bleu (Cobl) has 3 WH2 domains required for 

its actin nucleation activity and is important for the establishment of neuronal morphology 

(Ahuja et al., 2007). Interestingly, one WH2 domain flanked by a lysine rich region is 

enough to promote nucleation and single WH2 domains lacking this region inhibits actin 

assembly probably by sequestering G-actin (Husson et al., 2011). Similar to Spire, Cobl 

was shown to sever actin filaments (Husson et al., 2011; Jiao et al., 2014). Leiomodin is a 

muscle cell actin nucleator that has only 1 WH2 but another interacting domain (ABS2) 
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both needed for nucleation (Chereau et al., 2008). JMY is a p53 cofactor that promotes 

actin nucleation similar to Spire, with 3 WH2 and is also able to activate Arp2/3 complex 

(Zuchero et al., 2009). As discussed by Roberto Domingez, WH2 domains are now viewed 

as necessary but insufficient for nucleation. They require linker sequences or other protein 

to properly position actin monomer to form a nucleus competent for nucleation 

(Dominguez, 2016). APC nucleates actin filament without WH2 domains but with a similar 

mechanism. APC is oligomerizing and its basic ANS1/ANS2 domains bind G-actin to 

promote actin nucleation (Okada et al., 2010). Similarly to Spire, APC nucleation is 

promoted by its interaction with a formin (here mDia1) (Jaiswal et al., 2013; Okada et al., 

2010). Even if most actin nucleators use WH2 or FH2 domains, other actin binding 

domains like those in APC or Leiomodin suggest that actin nucleator using unknown G-

actin binding domains might be discovered in the future.  

 

Figure 14. Actin nucleation mechanisms. 

Schematic representation of the three actin nucleation mechanisms. Branched networks rely on 
Arp2/3 complex and its activation by proteins of the NPF family. Linear networks can be generated 
either by formins that promotes nucleation through FH2 domains as well as elongation through the 
recruitment of profilin-actin via FH1 domains or by tandem monomer binders that use WH2 for most 
nucleators or ANS1/2 domains for APC to bind G-actin and stabilize a nucleus to promote 
nucleation. Created with BioRender.com. 

It is also interesting to note that liquid-liquid phase separation (LLPS) mechanisms for actin 

nucleation have been demonstrated. Indeed, Nephrin-Nck-N-WASP form LLPS on lipid 
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bilayers allowing Arp2/3 recruitment and actin nucleation in vitro and in U2OS cells 

(Banjade & Rosen, 2014; Case et al., 2019; P. Li et al., 2012). In a manner more 

reminiscent of what has been observed for MT nucleation by LLPS, abLIM1 was shown to 

phase separate and form actin filament asters originating from these condensates (Yang 

et al., 2022). These data suggest that other actin regulators might function by phase 

separation mechanisms. 

Besides controlling actin filament generation, numerous effectors are controlling actin 

turnover either by severing/depolymerization of filament, capping filament ends to restrict 

growth, or promoting elongation. 

Elongation and capping 

In addition to formins, actin filament elongation is promoted by Ena/VASP proteins. 

Ena/VASP does not promote actin nucleation but associates with F-actin barbed-end and 

increases F-actin polymerization by recruiting profilin-actin through a WH2 domain and a 

polyproline domain (Ferron et al., 2007). ENA/Vasp is found at the leading edge of motile 

cells and at the tip of filopodia (Pollard, 2016). ENA/Vasp bundles actin filament 

(Schirenbeck et al., 2006) and is crucial for filopodia formation (Kwiatkowski et al., 2007). 

Interestingly, both formins and ENA/Vasp competes for F-actin tips with barbed-end 

capping proteins like capping protein and gelsolin (Barzik et al., 2005; Zigmond et al., 

2003).  

A precise control of actin filament length through the inhibition of G-actin incorporation at 

filament ends is important to restrict growth and promote force generation. Capping protein 

is the most ubiquitous barbed-end capper that heterodimerizes to block actin 

polymerization and depolymerization (Edwards et al., 2014). Capping protein promotes 

the formation of branched actin networks in vitro (Antkowiak et al., 2019; Funk et al., 2021) 

and in vivo (Mejillano et al., 2004) and thus indirectly controls the equilibrium between 

filopodia (linear networks) and lamellipodia (branched networks) (Antkowiak et al., 2019; 

Mejillano et al., 2004).  

Stabilization 

Cortactin is an F-actin interacting protein that is found in cells colocalizing with Arp2/3 actin 

networks in lamellipodia and membrane ruffles (Schnoor et al., 2018). Cortactin binds 

simultaneously Arp2/3 via its acidic N-terminal domain and F-actin via central repeats 

(Uruno et al., 2001; Weed et al., 2000). Cortactin is a NPF as it activates Arp2/3, promoting 

nucleation (Campellone & Welch, 2010; Uruno et al., 2001; Weaver et al., 2001). Cortactin 

also protects actin filaments by stabilizing Arp2/3 branches (Weaver et al., 2001) and 
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decreasing filament depolymerization (Scherer et al., 2018) probably via the slight 

flattening of F-actin helix due to its binding in the major groove of F-actin (Pant et al., 2006).  

Drebrin is an important actin binding protein as it is involved in neuronal cell 

morphogenesis and synaptic plasticity regulation. Splice variants of a single gene lead to 

three drebrin isoforms, drebrin E, drebrin A and drebrin sA (Grintsevich, 2021). The main 

identified activities of drebrin are its ability to stabilize actin filaments (Mikati et al., 2013), 

bundle actin filaments (Ginosyan et al., 2019; Z. Li et al., 2019; Worth et al., 2013), reduce 

F-actin elongation (Ginosyan et al., 2019) and promote MT invasion along actin bundles 

through an interaction with EB3 (Geraldo et al., 2008; Worth et al., 2013). Drebrin also 

affects the activity of other actin regulators like mDia1 by reducing mDia1-mediated 

nucleation and bundling activities (Ginosyan et al., 2019) or by competing with 

tropomyosin and α-actinin for F-actin binding or bundling (Ishikawa et al., 1994). Drebrin 

is thus a versatile actin binding and regulatory protein. 

Tropomyosin (Tpm) is a family of proteins for which the first identified role was its 

involvement in contractile force production by F-actin and myosin II. While its direct 

function on actin is to provide stability to the filament (Broschat et al., 1989), it is now clear 

that the main function of Tpms is to define a particular identity of actin filament (Boiero 

Sanders et al., 2020; Gray et al., 2017; Hardeman et al., 2020). For example, some Tpm 

isoforms prevent Arp2/3-mediated filament branching while other have no effects 

(Blanchoin et al., 2001; Kis-Bicskei et al., 2013) and cooperate with formins (Antkowiak et 

al., 2019; Skau et al., 2009; Wawro et al., 2007). ADF/Cofilin or myosin-II recruitment on 

F-actin can also be regulated differently by Tpm isoforms (Bryce et al., 2003; Gateva et 

al., 2017; Robaszkiewicz et al., 2016).  

Filament severing 

To reconstitute G-actin pool, F-actin is severed by non-enzymatic proteins like Gelsolin 

and ADF/cofilin. Gelsolin has a dual activity of severing actin filament followed by barbed-

end capping (Nag et al., 2013) and is found at filopodia in growth cones (J. Tanaka et al., 

1993). ADF/cofilin cooperatively binds to actin filaments (De La Cruz, 2005). It will sever 

actin filaments at low cofilin concentration but stabilize filaments at high concentrations 

(Andrianantoandro & Pollard, 2006). Cofilin binding to F-actin imposes a rotation between 

actin subunits changing the helical half-pitch of the filament from 36 nm to 27 nm 

(McGough et al., 1997) making the filaments more flexible (McCullough et al., 2008) and 

thus more prone to break (McCullough et al., 2011). Finally, cofilin is crucial for actin 

filament turnover (Michelot et al., 2007) and synaptic physiology (Ben Zablah et al., 2020). 

Other potential severing proteins like Spire, Cbl and the formins FRL-α and INF-2 need 



 

35 
 

more attention in order to decipher the cellular implications of their severing activities 

(Pollard, 2016).  

Filament bundling 

Organizing F-actin in bundles is important to generate protruding forces against the 

plasma membrane or contractile forces in stress fibers. Actin crosslinking proteins are able 

to link actin filament together. To do that, they either contain several actin binding domains 

or oligomerize. For example, Fascin and α-actinin are two major actin bundling proteins 

with distinct properties. Fascin contains three actin binding sites via 4 β-trefoil domains in 

tandem and forms tight bundles of closely linked actin filaments in the same orientation 

(Jansen et al., 2011; Yang et al., 2013) whereas α-actinin functions as an extended 

antiparallel dimer that bundles F-actin at varying distances in parallel or anti-parallel 

orientations (Hampton et al., 2007; J. Liu et al., 2004; Ribeiro et al., 2014; Z. Wang et al., 

2021). While fascin promotes filopodia formation (Vignjevic et al., 2006; Yang et al., 2013), 

α-actinin is found on contractile fibers, in the muscle for instance but also in non-muscle 

cells at the level of stress fibers or post-synaptic compartments (Foley & Young, 2014). 

Interestingly, a recent paper demonstrated that the spacing between filament of bundles 

induced either by fascin or α-actinin was enough to segregate each other thus giving a 

molecular identity for these bundles (Winkelman et al., 2016). Several other proteins not 

described here are known to promote F-actin bundling like fimbrin, espin (Bartles, 2000), 

ENA/Vasp (Schirenbeck et al., 2006) or even some formins (Harris et al., 2006; Lew, 2002; 

Michelot et al., 2005). 

I.2.c Actin organization in cells 

Cellular actin filaments can be organized in different networks, branched and crosslinked 

networks as well as linear networks with parallel or anti-parallel bundles. These different 

architectures generate mechanical forces needed to adapt or maintain cellular shape or 

drive motility (Fig. 13).  

The lamellipodium is a flat structure at the front of a moving cell that relies on a branched 

actin network to produce forces on the plasma membrane. As explained above, the Arp2/3 

complex and NPFs are required to form actin branches and capping protein promotes 

force generation by blocking filament growth and thus inducing the formation of a dense 

network (Antkowiak et al., 2019; Kawska et al., 2012). The lamellipodium is pervaded by 

protrusive structures called filopodia that extend away from the cell body. Parallel bundles 

of actin filaments push on the plasma membrane to shape filopodia. Formins and 

ENA/Vasp proteins direct filament growth with their barbed-end right below the plasma 

membrane. Then, actin bundling proteins like fascin coalesce filaments in a straight 
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structure. These filopodia are at the forefront of cell migration or neuronal morphogenesis 

as we will see in part III.3. The actin cortex is another actin network that is made of loosely 

crosslinked filaments right below the plasma membrane. Here, the actin filaments are 

tethered to the plasma membrane through proteins of the ERM family (Fehon et al., 2010) 

and, thanks to the presence of myosin and actin crosslinker like spectrin or fimbrin, form 

a contractile structure important for cellular shape (Reichl et al., 2008). Stress fibers are 

anti-parallel actin bundles that connect focal adhesion i.e. adhesion to the extracellular 

matrix or another cell via adhesion molecules and generates force to propel cell 

movement. Transverse arcs and some actin rings that are formed by anti-parallel actin 

filament bundles are also contractile. These anti-parallel bundles are maintained by the 

presence of actin bundler like fimbrin or α-actinin and contraction of actin rings allows 

cytokinesis while contraction of transverse arcs produce an actin retrograde flow 

(Blanchoin et al., 2014). In fact, the actomyosin network generates forces that continuously 

pull cortical actin filaments toward the cell body and induce their disassembly (Medeiros 

et al., 2006; Reymann et al., 2012). This allows a turnover of actin filaments that are 

generated close to the plasma membrane and disassembled by the transverse arcs or 

actin cortex. The balance between cell adhesion and the retrograde flow is at the basis of 

cellular motility.  

It is interesting to think that a wide diversity of actin structures is formed by the same 

building blocks and in the same environment. Understanding how actin regulators are 

assigned or excluded from a specific network is a tremendous question. Segregating the 

ABPs by giving a specific molecular identity to actin filaments by biochemical, geometrical 

or mechanical means is currently studied and will improve our understanding of actin 

dynamics (Boiero Sanders et al., 2020). 
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Figure 13. Actin organizations in a cell.  

Schematic representation of how actin filaments are organized in a cell. Insets show more precisely 
how associated proteins helps shape the structure and organization of actin filaments. On the top 
left, a focal adhesion is represented with stress fibers, below transverse arcs and a filopodia. On 
the right, cortical actin is shown on top and below the lamellipodia. Created with BioRender.com. 
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II. Crosstalk between actin and microtubules 

While actin and microtubule dynamics as well as their individual effectors have been 

extensively studied separately in the past years, the mechanism by which these 

cytoskeletons affect each other is emerging by in vitro studies. We will see in the section 

III that most cellular activities like morphogenesis, force production or cellular organization 

are the results of concerted rearrangement of both cytoskeletons. However, it is by using 

minimal systems of increasing complexities that we will reach a precise understanding of 

the crosstalk between actin and microtubule. For now, three main mechanisms exist: a 

direct effect of actin on MTs and vice versa through cytoskeletal networks organization 

and density, the presence of associated proteins that crosslinks both cytoskeletons either 

directly or by forming complexes and finally the indirect regulation by shared effectors (Fig. 

14) (Pimm & Henty-Ridilla, 2021).  

II.1. Direct effect 

While it is clear thanks to in vitro experiments that there are no direct and specific 

interactions between actin and microtubules, several reconstruction of simultaneous 

actin/MT networks show that they can influence each other. For instance, the growth of 

MTs in branched actin networks lead to their depolymerization because F-actin make a 

physical barrier while linear actin networks tend to decrease MT dynamicity (Colin et al., 

2018; Janson et al., 2003). This type of modulation is important to regulate MT length at 

the centrosome (Inoue et al., 2019), a process that could help its positioning (Yamamoto 

et al., 2022). Interestingly, the actin cytoskeleton modify the bending properties of MTs in 

cells by forming a surrounding elastic network (Brangwynne et al., 2006). Conversely, MTs 

moving through kinesin activity can imprint organization of actin filament in vitro (Kučera 

et al., 2022). Recently, it was shown in that the presence of MTs in actomyosin networks 

slows down and organizes actomyosin contraction dynamics and adjust MT and F-actin 

movement to similar behaviors (G. Lee et al., 2021). This type of homogenization effect 

on both cytoskeletons might modulate cellular actomyosin networks. 

Overall, these examples show that the physical and mechanical properties of actin 

filaments and microtubules can be means of inter-regulations.  

II.2. Actin and microtubule-associated proteins  

Two main mode of actin-microtubule crosslink can be performed by associated proteins. 

The first is mediated by direct binding of one specific effector. To do that, it should contain 

different binding sites for MTs and actin or be able to oligomerize. The second is the 

formation of complexes between MT binding proteins and actin binding proteins. Structural 

MAPs have been suspected to be able to crosslink actin and microtubules due to their 
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ability to interact also with actin (Mohan & John, 2015). However, only few direct evidences 

exist. Tau was shown to coordinate actin and microtubule growth in vitro through shared 

repeated binding domains (Elie et al., 2015) and this coordination is important for neuronal 

growth cone physiology (Biswas & Kalil, 2018). DCX also seem to crosslink F-actin and 

MTs in vitro but how this crosslink occurs in a dynamic or cellular context is lacking 

(Tsukada et al., 2005). Other proteins, not related to structural MAPs are able to crosslink 

MTs and F-actin. For instance, septins are able to crosslink F-actin and MTs both in vitro 

and in growth cones of cultured neurons affecting their morphology (Nakos et al., 2022). 

The spectraplakin family is a group of protein that contain N-terminal tandem calponin 

homology (CH) domains for actin binding and a C-terminal GAR domain for microtubule 

binding. For instance, the member of the family ACF7/MACF1 was shown to promote MT 

growth along actin bundles as well as MT capture at the actin-rich cell cortex (Kodama et 

al., 2003). Interestingly, MACF1 was also shown to directly bind EB1 through its SxIP 

motif, adding another layer of potential actin/MT crosstalk as we will see just below (Slep 

et al., 2005). More recently, Gas2L1 which also contains CH, GAR and SxIP domains was 

shown to be released from autoinhibition in the presence of MTs and F-actin and directly 

crosslink them (van de Willige et al., 2019). Several actin-MT crosslinking activities were 

observed by the formation of a MT +TIP complex that allows either MT capture at actin 

rich sites or alignment along actin bundles. For instance, a chimeric MACF1 protein with 

tandem CH domains and SxIP motif for EB binding was shown to align MT growth along 

F-actin bundles or transport small actin filament at MT tips (López et al., 2014). This type 

of crosslinking has been observed in neuronal growth cone via a +TIP complex involving 

EB1 and NAV1 (Sánchez-Huertas et al., 2020). Such +TIP localization can not only lead 

to crosslinking of both cytoskeletons but also nucleation. Indeed, by associating the +TIP 

EB1, the formin mDia1, and CLIP170, Henty-Ridilla and her collaborators showed direct 

nucleation of actin filament from a growing MT tip (Henty-Ridilla et al., 2016). This type of 

activity is also suspected for APC as it is able to localize at MT ends and nucleate F-actin 

(Efimova et al., 2020). Molecular motors are also involved in MT-actin crosslinking. For 

example, dynein needs to be attached to the actin cortex in order to slide MT in drosophila 

neurons (del Castillo et al., 2015). It was also shown that the actin molecular motor Myosin 

V directly interacts with the MT molecular motor kinesin-1 (KhcU) and found colocalizing 

in cells (J.-D. Huang et al., 1999). This proximity could allow transported vesicles to switch 

from MT to actin tracks but also to promote direct crosslinking and sliding of MTs and F-

actin.  
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II.3. Indirect effect  

Several proteins initially identified for their role toward actin or microtubules have later 

been demonstrated to impact the other cytoskeleton. An increasing number of studies 

show that a competition mechanism between MT and actin-related activities is taking 

place.  

Profilin is a good example of how complex can be the regulation of cytoskeleton dynamics. 

Initially, it was thought to exclusively modulate actin dynamics by sequestering actin 

monomers and be used by formins and ENA/Vasp for elongation (Pinto-Costa & Sousa, 

2020). However, its role as a MT regulator is emerging. Profilin is able to directly bind 

microtubule in vitro (Henty-Ridilla et al., 2017) and to localize to MTs in cells (Henty-Ridilla 

et al., 2017; Nejedla et al., 2016). This interaction increases MT growth rates and 

competes with G-actin showing the imbrication of MT and actin-related roles of profilin. 

Likewise, some formins are able to directly interact with MTs with high affinity, induce their 

bundling and stabilize them against cold- or dilution-induced depolymerization (Bartolini et 

al., 2008; Gaillard et al., 2011; Szikora et al., 2017). The actin nucleation activity of mDia1, 

mDia2 and Capu is inhibited by the presence of MTs showing, here again, the balance 

between both cytoskeletons (Gaillard et al., 2011; Roth-Johnson et al., 2014). In a similar 

fashion, APC-mediated actin nucleation is competed by the +TIP EB1 (Juanes et al., 

2020). Finally, the +TIP protein CLIP170 bundles F-actin and this activity is competed by 

the presence of MTs or tubulin (Y.-F. O. Wu et al., 2022). Thus, competition for the actin 

or MT-related activities of shared effectors is an emerging regulation mechanism of actin-

MT crosstalk. Indirect regulation of actin and microtubule crosstalk can also be mediated 

by shared signaling cascades and effectors such the small GTPases of the Rho family 

(Dogterom & Koenderink, 2019). 

An unexpected mean of direct crosstalk of actin and MT was recently uncovered by the 

imaging of actin filaments inside MTs in cells (D. M. Paul et al., 2020). The mechanism of 

entry of actin filament inside MTs and the role of such interaction is still unknown but it will 

probably affect the dynamic and mechanical properties of MTs. 
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Figure 14. Different means of crosstalk between actin and microtubules.  

Summary of the different means of crosstalk between actin and microtubules. The list of proteins 
involved is illustrative and not exhaustive. Created with BioRender.com. 
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III. Neurons: a model system for cytoskeletal organizations 
studies 

Neuronal cells are excellent models for the study of the cytoskeleton. Indeed, the 

cytoskeleton is crucial for the development of their slender, arborized morphology, for their 

migration inside the nervous tissue, the maintenance of long-lived networks and the 

remodeling of neuronal compartments during synaptic plasticity events at mature stages 

(Fig. 15). Neurons first produce several cellular protrusions called neurites. Then, in a 

process called neuronal polarization, one of these neurites becomes an axon that grows 

faster and longer than the other neurites which become dendrites. Developing axons 

produce a specific structure at its tip called growth cone that will sense environmental cues 

allowing proper navigation in the nervous tissue. Signaling molecules present in the growth 

cone environment will attract or repulse its growth until it reaches the appropriate target. 

This process called axon guidance relies heavily on cytoskeleton remodeling. Once the 

axon reaches its target, synapses are formed between the axon and dendrites of another 

neuron. This cellular polarity is crucial for neuronal function as dendrites receive electrical 

inputs before relaying to the connected neurons through the axon. The axon tip forms the 

pre-synaptic compartment whereas protrusions of the dendrites called dendritic spines 

form the post-synaptic compartment. One axon can form hundreds of synapses and 

dendrites have thousands of spines receiving signals. This intricate tissue is in constant 

change at the synaptic level with the synapses being remodeled, removed or produced. In 

this section, we will take examples of the processes described above to discuss how 

microtubules, actin filaments and their coordination allow complex cellular functions. 

Figure 15. Stages of neuronal development of neurons cultured in vitro. 

Neuronal developmental stages refer to the classification established by Dotti and his collaborators 
(Dotti et al., 1988). Created with BioRender.com. 
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III.1. Microtubule nucleation and organization in the developing neuron: 

In this section, I will describe how, where and when MTs are nucleated in neurons and 

how this correlates with specific MTs organization (Fig. 16). The way MTs are produced 

either by nucleation or transport leads to different MT orientations within the neuron. 

Dendritic MTs have a mixed polarity with equal amount of plus- and minus-end out MTs 

whereas axonal MTs have an exclusive plus-end out orientation (Akhmanova & Kapitein, 

2022; Yau et al., 2016). These differences instruct neuronal polarity at the subcellular level 

and are required for a proper organization of intracellular transport in neurons (Tas et al., 

2017). 

MT nucleation switches from centrosomal to non-centrosomal sites during neuronal 

development and morphogenesis. At early stages, MTs nucleated from the centrosome 

are severed by katanin before being transported in neurites (Ahmad et al., 1999; Ahmad 

& Baas, 1995; Yamada & Hayashi, 2019; Yu & Baas, 1994). Also, recent data suggest 

that CAMSAP could participate in MT release from γ-TURC (Rai et al., 2022). In both 

cases, these MTs need to be stabilized, either by structural MAPs or minus-end binding 

proteins like CAMSAP/Patronin. Since katanin and CAMSAP directly interact, a 

coordination of severing followed by minus-end stabilization could occur in neurons (K. 

Jiang et al., 2014, 2018). Note that the capping of MT minus-end by Patronin (Drosophila’s 

CAMSAP) maintains minus-end out MTs in dendrites (Feng et al., 2019). Stabilized MTs 

are then transported in neurites through a process called microtubule sliding that requires 

molecular motors like dynein and kinesins (Guha et al., 2021). It is now clear that this 

sliding of MTs is important to organize microtubule orientation both in axon and dendrites 

(del Castillo et al., 2019). Reducing dynein protein levels lead to misoriented axonal MTs 

(Zheng et al., 2008). In fact, dynein is tethered to the actin cortex in order to slide plus-end 

out MTs in the axon. Kinesin-1 also induces the sliding of anti-parallel MTs (del Castillo et 

al., 2015; Rao et al., 2017). Other kinesins are important factors for MT orientation. For 

instance, depletion of kinesin-14 leads to aberrant minus-end out MTs in the axon of rat 

hippocampal neurons (Muralidharan & Baas, 2019) whereas kinsesin-6 helps maintaining 

oppositely oriented MTs in dendrites (Lin et al., 2012). As the neuron matures, MT 

nucleation switches from centrosomal to non-centrosomal. In fact, the centrosome 

gradually loses its MTOC activity concomitantly with the downregulation and relocalization 

of several of its effectors like γ-Tub, Cdk5rap2, Nedd1 and Tpx2 (Mori et al., 2009; 

Sánchez-Huertas et al., 2016; Stiess et al., 2010; Yonezawa et al., 2015; X. Zhang et al., 

2016). Centrosomal proteins can still be involved in MT-based processes elsewhere in the 

cell. For instance, γ-TURC is involved in most non-centrosomal MT nucleation events. The 

HAUS/Augmin complex recruits γ-TURC on the side of pre-existing MTs where it nucleates 
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MTs in the same orientation as the mother MT (Petry et al., 2013). This is a major way of 

producing new MTs in the correct orientation both in axon, dendrites and presynaptic 

boutons (Cunha-Ferreira et al., 2018; X. Qu et al., 2019; Sánchez-Huertas et al., 2016). γ-

TURC can also be tethered to membranous compartment like Golgi outposts where it 

nucleates MTs (Ori-McKenney et al., 2012). Recently, it was shown that a γ-TURC-

independent mechanism using TPPP also promotes MT nucleation from Golgi vesicles in 

rat oligodendrocytes but its role in neuronal cells remain to be clarified (Fu et al., 2019). 

Endosomes are other membranous compartments from which MT nucleation occur in both 

orientation of dendritic growth cones (Liang et al., 2020). Concerning Tpx2, it gradually 

leaves the centrosome to localize along dendritic MTs and it will promote MT nucleation 

at the tip and base of neurites in a RanGTP dependent manner (W.-S. Chen et al., 2017). 

Interestingly, RanGTP activated Tpx2 also promotes augmin-mediated nucleation (Petry 

et al., 2013).  

A link between MT nucleation and neuronal morphogenesis can be made as knocking 

down augmin or γ-tubulin decreases the number of branches (Cunha-Ferreira et al., 2018; 

Ori-McKenney et al., 2012; Sánchez-Huertas et al., 2016). In the same idea, reducing 

spastin but not katanin protein levels affect neuronal morphology by reducing the number 

of primary branches and producing shorter axons (Yu et al., 2008). Finally, Tpx2 knock-

down reduces neurite growth (W.-S. Chen et al., 2017). These data emphasize the role of 

MT nucleation to produce a normal neuronal morphology. 
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Figure 16. Microtubule nucleation in neurons.  

On top is shown centrosomal MT nucleation occurring at early stages of neuronal differentiation 
that is followed by MT severing and sliding to provide MTs in neurites. Below is shown a schematic 
of several means of non-centrosomal nucleation in an older neuron. Created with BioRender.com. 
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III.2. Actin nucleation and organization in neuron: 

As for MTs, the neuronal actin cytoskeleton displays specific organizations that are 

reviewed below (Fig. 17).  

Recent advances in light microscopy allowed scientists to break the diffraction limit barrier 

and improve resolution from ~250 nm to ~40 nm using super-resolution microscopy 

(Schermelleh et al., 2019). Re-examination of F-actin in cultured neurons revealed a highly 

structured actin network in axons and dendrites (K. Xu et al., 2013). Actually, regularly 

spaced actin rings were observed below the plasma membrane. These unexpected actin 

structures are found in dissociated neuronal culture of several neuron types and glial cells. 

Moreover, it was observed in neurons of several animal species suggesting the 

evolutionary conserved role of such organization (D’Este et al., 2016; He et al., 2016). Two 

actin filaments adopt a braided shape to form these rings. They are regularly spaced by 

190 nm which correspond to the size of tetramers of 2 β-spectrins connected head-to-

head to 2 α-spectrins (Leterrier, 2021; Vassilopoulos et al., 2019). The actin-binding 

protein adducin directly binds and stabilizes the end of actin filament of the rings and 

participates in the regulation of its diameter (Leite et al., 2016). This protein complex is 

called the Membrane Periodic Scaffold (MPS) and seems quite stable as its components 

are not dynamically exchanged (Zhong et al., 2014). Nevertheless, MPS structure can be 

remodeled in dendrites but not axons upon neuronal activity events suggesting precise 

and timed regulation of the MPS structure (Lavoie-Cardinal et al., 2020). While the use of 

actin depolymerizing drug showed that actin rings could be dynamic on short timescale (1-

3h) (Leterrier et al., 2015; Vassilopoulos et al., 2019; K. Xu et al., 2013), the precise 

identification of actin nucleators involved in this process is not clear. It seems that both 

Arp2/3 and formins are involved (Y. Qu et al., 2017). The MPS assembles early during 

neuronal development, first at the proximal part of the nascent axon and seems to 

propagate to the distal part of the axon (Zhong et al., 2014). Different MPS identities 

probably exist since αII-spectrin associates with βIV-spectrin at the proximal axon and with 

βII-spectrin in more distal part of the axon (Leterrier et al., 2015). Moreover, dendritic 

shafts and dendritic spines neck were shown to contain MPS composed of αIIβII-spectrin 

tetramers (Bär et al., 2016; D’Este et al., 2015). This highly ordered structure of the MPS 

and its persistence over time suggested a structural role for this organization. As such, 

mechanical perturbation of axons revealed that spectrin, that link actin rings together, 

buffers mechanical strain and that coping with this perturbation requires both actin and 

MTs (Dubey et al., 2020). On top of that, the perturbation of β-spectrin in C. elegans 

neurons leads to axons more prone to breakage (Hammarlund et al., 2007; Krieg et al., 

2017). Also, the diameter of the actin rings can be regulated by actomyosin contractility 
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(Costa et al., 2020; Vassilopoulos et al., 2019; T. Wang et al., 2020). This contractility 

modulates the axonal diameter and ultimately regulates MT-based vesicular transport (T. 

Wang et al., 2020). Overall, the regulation of the MPS seem crucial for both structural and 

functional needs of the neuron.  

Opposite to the static structure of the MPS, actin waves are highly dynamic actin structures 

that emanate from the soma and propagate along neurites. The actin in those waves 

resemble growth cone actin organization by forming a large lamellipodium pervaded by 

several filopodia (Flynn et al., 2009; Winans et al., 2016). A precise analysis of their protein 

content is lacking but they contain regulators of both branched and linear networks. 

Indeed, the small GTPases Rac1 (promoting lamellipodia) and Cdc42 (promoting 

filopodia) are transported within these waves (Winans et al., 2016). Actin waves are 

generated in an apparent stochastic way from the soma and propagate along neurites. At 

the molecular level, they can be artificially triggered by local photoactivation of Rac1 at the 

proximal part of neurites (Winans et al., 2016). Strikingly, actin waves are more frequent 

in the neurite that will become the axon and promote neurite elongation when reaching the 

neurite tip (Flynn et al., 2009; Winans et al., 2016). The main role attributed to actin waves 

is its ability to bring material at the neurite tip such as fresh actin through the treadmilling 

behavior of these waves (Flynn et al., 2009; Katsuno et al., 2015) and other factors through 

the enlargement of the neurite shaft in order to make room for the progression of 

microtubules and thus, vesicular transport (Winans et al., 2016). At the functional level, 

actin waves are suspected to participate in neuronal polarization, however a clear proof is 

still lacking (Inagaki & Katsuno, 2017). 

Other actin structures like actin trails and patches were observed below the sub-

plasmalemmal actin coat (Konietzny et al., 2017), however their characterization remains 

difficult due to the lack of specific markers. For instance, the presence of actin patches 

were reported in axons, dendritic shafts or branching points (Mingorance-Le Meur & 

O’Connor, 2009; Nithianandam & Chien, 2018; Spillane et al., 2011, 2012; Watanabe et 

al., 2012) but their morphology was sometime closer to actin waves and thus might be 

different at the functional level. Axonal actin patches were reported by two groups either 

at the AIS (Watanabe et al., 2012) or along the axon (Spillane et al., 2011) and EM images 

suggests it is the same type of actin organizations. These patches are Arp2/3-dependent 

and enriched in cortactin. Their role at the AIS is suspected to be the filtering of proteins 

between dendrites and axons (Watanabe et al., 2012). For distal patches, they were 

shown to participate in filopodia and axonal branches formation (Nithianandam & Chien, 

2018; Spillane et al., 2011, 2012). Mingorance-Le Meur and O’connor report actin patches 

that are implicated in neurite branching and resemble actin waves (Mingorance-Le Meur 
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& O’Connor, 2009). Interestingly, filopodia can be generated from these patches by local 

Ca2+ uncaging (Lau et al., 1999). Actin patches were also observed at the basis of dendritic 

spines (Korobova & Svitkina, 2010) and relied on both Arp2/3 and formins to form. These 

patches are important to halt lysosomes at the basis of spines (van Bommel et al., 2019). 

Other kinds of actin patches, named hotspots and colocalizing with endosomes, were 

observed in hippocampal neurons (Ganguly et al., 2015). Actin polymerization events from 

these hotspots require formins for their formation and were named actin trails (Ganguly et 

al., 2015). These actin hotspots are thought to be important for anterograde slow axonal 

transport of actin (Chakrabarty et al., 2019), but could have several other roles (Leterrier 

et al., 2017). We could speculate that they form actin organizing centers similar to 

microtubules by nucleating actin filament from endosomes as it was also observed in vitro 

(Muriel et al., 2017).  

While a precise demonstration of actin nucleation events in neuronal cells by tandem 

monomer binding nucleator is lacking, most of them were shown to play a role in neuronal 

morphogenesis. For instance, Cobl increases the number of axonal and dendritic 

branchpoints as well as the length of these extensions (Ahuja et al., 2007). Similarly, RNAi 

treatment targeting Spire in drosophila neurons decreases the number of branches 

(Ferreira et al., 2014). Oppositely, reducing JMY expression levels promotes the formation 

of neurites in N2a cells (Firat-Karalar et al., 2011) and conditional KO of APC increases 

the number of cortical neuron branches (Y. Chen et al., 2011).  
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Figure 17. Neuronal actin assemblies. 

Schematic representations of the main neuronal actin assemblies with the different MPS present in 
axon, dendrites and dendritic spines neck, actin patches present in axons and dendritic shafts, actin 
waves and actin trails. Created with BioRender.com. 
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III.3. Actin-microtubule crosstalk in neurons 

The different MT and actin-based structures evoked above are not independent from each 

other and our understanding of how they affect one another is increasing. While actin is 

usually at the front of force production and membrane rearrangement, MTs often play a 

role as a support of these activities.  

For instance, neuritogenesis and axon formation require both dynamic actin and 

microtubules (Fig. 18). Drug treatments leading to MT stabilization or depolymerization 

impair neuritogenesis (Dent et al., 2007) suggesting that dynamic MTs are needed in this 

process. Similarly, promoting actin dynamics either by using low dose of an actin 

polymerization inhibitor Cytochalasin D or by improving cofilin activity lead to the formation 

of axons (Bradke & Dotti, 1999; Garvalov et al., 2007). Filopodia are the precursor of 

neurites (Dent et al., 2007) and are formed by sequential events. In a process called 

convergent elongation, cortical actin filaments are elongated by ENA/Vasp. In fact, 

ENA/Vasp competes with capping protein for filament tips allowing ENA/Vasp to lengthen 

and coalesce barbed-ends of several filaments (Schirenbeck et al., 2006). Then fascin is 

recruited for further bundling of the filaments (Sainath & Gallo, 2015; Svitkina et al., 2003). 

ENA/Vasp KO neurons have impaired neurite formation that can be rescued by formin 

overexpression (Dent et al., 2007; Kwiatkowski et al., 2007) suggesting that formins might 

also be involved in filopodia formation depending on the neuron type and its molecular 

environment (Mattila & Lappalainen, 2008; Young et al., 2015). In this process, MTs that 

are mostly restricted below the actin rich cortex, can invade filopodia (Dehmelt et al., 2003; 

Dent et al., 2007; Schober et al., 2007). This invasion is thought to promote maturation of 

the filopodia into neurites (Sainath & Gallo, 2015). A complex of drebrin and EB3 at the 

microtubule tip guides MTs along filopodial actin bundles (Geraldo et al., 2008; Worth et 

al., 2013). This process of filopodia invasion by MTs also occurs during axonal branching 

when actin polymerizing from actin patches are invaded by drebrin-positive MTs (Ketschek 

et al., 2016).  
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Figure 18. Filopodia formation and neuritogenesis. 

Schematic representation of filopodia formation that emerges through the elongation of cortical 
actin filaments toward the plasma membrane and their bundling. The invasion of a MT in the 
nascent filopodia promotes is maturation into a neurite. Created with BioRender.com. 

The actin patches at the basis of dendritic spines could promote MT entry into spines (Fig. 

19) (Merriam et al., 2013; Schätzle et al., 2018). In fact, synaptic activity opens NMDA 

receptors allowing Ca2+ entry in the postsynaptic compartment. Through an unclear 

mechanism, the increase in intracellular Ca2+ promotes MT entry in spines (Parato & 

Bartolini, 2021). This transient MT entry promotes actin rearrangements in the spine 

(Jaworski et al., 2009). Moreover, the presence of an active actin network at the basis of 

the spine seems to promote MT entries (Merriam et al., 2013; Schätzle et al., 2018). While 

we know that these are dynamic EB3-positive MTs, EB3 binding partners do not participate 

in spine entry (Schätzle et al., 2018). Instead, the actin regulators cortactin (Schätzle et 

al., 2018) and drebrin (Merriam et al., 2013) are involved in MT spine entry. Moreover, 

modulating actin dynamics by stabilizing F-actin using jasplakinolide promotes MT entry 

while disrupting F-actin using Latrunculin decreases MT entry (Merriam et al., 2013; 

Schätzle et al., 2018). Finally, this process is at least partially Arp2/3-dependent as its 

inhibition decreases MT entries in spines (Schätzle et al., 2018). Three important 

questions remain: 1) What is/are the factors guiding MTs into the spines? 2) Are the 

microtubules nucleated in proximity or away from the invaded spine? Two studies have 

conflicting results on this point (Merriam et al., 2013; Schätzle et al., 2018) 3) Are actin 

nucleators other than Arp2/3 involved in this process? 
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Figure 19. Actin-Microtubule cooperation for microtubule entry into dendritic 
spines.  

Schematic representation of the actin network organization in and near a dendritic spine and how 
it participates for microtubule entry inside a dendritic spine upon NMDA-R activation. Created with 
BioRender.com. 

Interestingly, the more static MPS is also impacted by MTs (Fig. 20). Indeed, MPS analysis 

in Drosophila neurons has shown a strong correlation between the MPS abundance and 

MT organization (Y. Qu et al., 2017). Conversely, using drugs to perturb MT dynamics 

affect MPS organization in hippocampal neurons. Nocodazole disrupts the MPS whereas 

taxol promotes its abundance (Zhong et al., 2014). This interdependency might hinge on 

the fact that the MTs and MPS share some effectors like ankyrin-G. Ankyrin-G both recruits 

βIV-spectrin and MTs below the plasma membrane and thus co-organizes the 

cytoskeleton at the AIS (Fréal et al., 2016, 2019; Leterrier et al., 2011, 2015). Recently, it 

was shown that the depletion of Prickle2, an Ankyrin-G binding partner, led to both actin 

and microtubule disorganization at the AIS further implicating a concerted organization of 

actin and MTs through the MPS (Dorrego-Rivas et al., 2022).  

 

Figure 20. Actin and microtubule organization at the AIS. 

Close up view of the actin and MT organization at the AIS. The adhesion molecule NF186 recruits 
ankyrin-G near the plasma membrane. Ankyrin-G next binds to spectrin tetramers allowing the 
correct organization of actin rings. Moreover, ankyrin-G interacts with EB-positive MTs that are 

further organized by the MT bundling protein TRIM46 (van Beuningen et al., 2015). Created with 
BioRender.com. 

Finally, a clear interdependency of actin and MTs was demonstrated in actin waves (Fig. 

21). By a series of well-designed experiments, Winans and her collaborators showed that 
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the progression of actin waves enlarges the neurite shaft allowing MT progression (Winans 

et al., 2016). While this hypothesis is convincing, an unknown feedback mechanism from 

MTs to the actin allowing its progression exists. In fact, blocking MT polymerization using 

nocodazole dissolves actin waves and stabilizing MTs with taxol leads to non-progressive 

bursts of actin polymerization. How MTs are sustaining actin wave’s progression is not 

clear. Are MTs able to enter waves and physically interact with actin? Or is it just that MTs, 

trailing actin waves, bring material to support actin wave’s progression? Indeed, vesicular 

transport and molecular motors are found in waves. Also, are these MTs nucleated de 

novo following actin wave triggering? And if yes, what are the molecular players involved? 

 

Figure 21. Microtubules sustain actin wave progression. 

Actin waves can be generated by Rac1 activation and progress along neurites. This progression 
widens the neuritic shaft allowing MT progression along the neurite that sustains actin waves 
progression by bringing required materials through vesicular transport and possibly through direct 
interaction with the actin cytoskeleton. Created with BioRender.com. 
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The special case of the growth cone 

The axonal growth cone (GC) is an interesting example of how the cytoskeleton is shaped 

and how it adapts its structure to allow axonal growth and pathfinding. As in actin waves 

or during neuritogenesis, actin filaments are at the front of this process by producing forces 

on the plasma membrane and thus were long thought to be the main driver of axonal 

growth and steering. However, it is now clear that MTs, by themselves and in interaction 

with actin, have instructive roles for growth cone mobility and pathfinding (Fig. 22) (Atkins 

et al., 2022).  

The growth cone is forming the tip of the developing axon. An actin rich border pushes on 

the plasma membrane. A branched actin network forms a flat lamellipodia pervaded by 

parallel actin bundles forming filopodia. This structure is called the peripheral domain (or 

P-domain). At the base of the P-domain, transverse actin arcs composed of anti-parallel 

actin bundles forms the transition zone (or T-zone). These transverse arcs are contractile 

thanks to myosin-II activity and generate an actin retrograde flow (Medeiros et al., 2006) 

that partially prevents microtubule progression to the peripheral domain by forming a 

physical barrier (Dent et al., 2011; Dupraz et al., 2019). However, a few tyrosinated MTs 

are still able to extend to the peripheral domain, often along actin bundles in filopodia. 

These MTs are called pioneer microtubules. The actin retrograde flow is a background 

activity of GC actin dynamics that leads to F-actin and MT turnover through mechanical 

severing of polymers thanks to the contractile force (Medeiros et al., 2006; Schaefer et al., 

2002). A balance between the speed of actin polymerization below the plasma membrane 

and the speed of the retrograde flow instructs GC growth (actin polymerization speed > 

retrograde flow speed) or retraction (actin polymerization speed < retrograde flow speed). 

The presence of adhesion sites through extracellular matrix binding slows down the 

retrograde flow and thus promotes growth (Suter & Forscher, 2001). The central domain 

(or C-domain), that mostly contains stable bundles of acetylated MTs, is restrained 

between the axonal shaft and the transition zone. It would be interesting to assess how 

growth cone morphology and behavior is modified in 3D environment resembling the 

developing brain such as organoids or in matrigels as it seems that MTs are not restrained 

by actin arc in those conditions allowing faster growth of axons (Alfadil & Bradke, 2022; 

Santos et al., 2020). 

The normal physiology of the growth cone relies on both actin and microtubules as they 

have distinct and complementary roles. Indeed, perturbing actin dynamics and turnover, 

for instance using jasplakinolide that stabilizes F-actin, promotes GC retraction due to 

myosin-II activity and ultimately MT bending (Gallo et al., 2002). In the same line, it was 

shown that GC myosin-II activity is controlled by RhoA to contain MTs in the C-domain 
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(Burnette et al., 2008) and defect in this pathway lead to MT invasion in the P-domain 

promoting earlier and faster axonal growth (Dupraz et al., 2019). This improved growth is 

rescued by low dose of nocodazole showing that pioneer MTs are promoting axon 

elongation. On the other hand, guidance of the growth cone also relies on reorganization 

of both cytoskeletons. Local modification of MTs or actin dynamics can promote GC 

turning toward or away from the targeted side. Indeed, local taxol uncaging attracts while 

nocodazole uncaging repulses the growth cone (Buck & Zheng, 2002). Similarly, treating 

cultured neurons with a myosin light chain kinase inhibitor (ML-7) that collapses actin 

bundles leads to MT removal from the P-domain and GC turning away from collapsed actin 

bundles (Zhou et al., 2002). Thus, stabilizing and destabilizing MTs and actin dynamics in 

a GC is central for its motile and directed behavior (Schaefer et al., 2002, 2008).  

As exemplified above, actin filaments and MTs do not work independently from each other 

and identifying the factors able to crosslink MTs to F-actin is crucial to understand how 

axons can reach their appropriate target (Cammarata et al., 2016; Coles & Bradke, 2015). 

Interestingly, two actin nucleators, the formins Fmn2 and DAAM were shown to promote 

MT stabilization in the growth cone as well as MT invasion in the P-domain by crosslinking 

MTs to filopodial F-actin bundles. This crosslinking leads to MT anchoring to the actin 

retrograde flow. Ultimately, this actin/MT crosslink in the GC is important for axonal growth 

and response to substrate changes (Kundu et al., 2021; Szikora et al., 2017). +TIP proteins 

were the first suspected to allow MT growth along F-actin of GC filopodia. Indeed, CLASP 

and APC were shown to localize at MT +TIP on actin-rich part of the growth cone (H. Lee 

et al., 2004; Zhou et al., 2004). More recently, NAV1 was shown to be recruited to MT tips 

by EB proteins allowing the coupling of pioneer MTs to the actin retrograde flow. This 

activity was linked to netrin-1 responsiveness (Sánchez-Huertas et al., 2020). Finally, 

drebrin is also recruited to MT +TIP by EB3 to guide MT growth along F-actin in growth 

cones (Geraldo et al., 2008) and is thought to play a role in neuronal polarization (Zhao et 

al., 2017). The structural MAP Tau that was shown to co-align growing MTs and actin 

filaments in vitro (Elie et al., 2015) was recently identified as a MT/F-actin crosslinker in 

growth cones that participates in GC response to Wnt5a guidance signaling (Biswas & 

Kalil, 2018).  



 

56 
 

 

Figure 22. Cytoskeletal organization of the growth cone. 

The C-domain mostly contains stable acetylated microtubule bundles. The T-zone contains 
transverse arcs of actin filaments forming a contractile actomyosin network pulling on actin 
filaments and microtubules extending in the P-domain. Several associated proteins were identified 
as MT/actin crosslinker in the P-domain and they all participate in growth cone morphology and 
response to guidance cues. Created with BioRender.com. 

An extensive body of literature explain in more detail the signaling pathways going from 

the guidance cue to the effector leading to cytoskeleton remodeling output and axon 

guidance behavior and is reviewed in several papers (Atkins et al., 2022; Coles & Bradke, 

2015; Dent et al., 2011; McCormick & Gupton, 2020; Sánchez-Huertas & Herrera, 2021). 
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IV. MAP6: Beyond microtubule stabilization  

In the broad cellular and cytoskeletal environment depicted in the introduction, the 

Microtubule-Associated Protein 6 (MAP6) is of particular interest because of its versatile 

activities. The current knowledge on MAP6 is presented in the following review by going 

from MAP6 molecular roles, through the explanation of the function of several domains as 

well as its known interactors, to integrated levels with the presentation of the 

neuroanatomy and behavior of MAP6 KO mice. MAP6, previously named STOP, (Stable 

Tubule Only Polypeptide) is known for its particular ability to stabilize neuronal 

microtubules and belong to a family of proteins. From its discovery 40 years ago, MAP6 

activities extend way beyond MT stabilization as it was shown to modulate the actin 

cytoskeleton, neuroreceptor homeostasis and be involved in signaling pathways. 

Moreover, the diversity of MAP6 interactors point toward undiscovered functions of MAP6 

linked to endocytosis or nuclear functions for instance. Overall, MAP6 KO mice reveal that 

MAP6 is a key protein for neuronal development as well as synaptic plasticity events 

ultimately leading to behavioral dysfunctions. As such, MAP6 KO mouse is an animal 

model of schizophrenia.  

To go further, we took advantage of this review to discuss how the definition of structural 

MAPs could be enlarged through the prism of versatility and make a link between MAP6 

and Collapsin Response Mediator Proteins (CRMPs). Most early studies demonstrate the 

role of CRMPs in signaling cascade during axon guidance. However, as MAP6, CRMPs 

show versatile activities by interacting with neuroreceptors, modulating the actin 

cytoskeleton and regulating MT dynamics. Finally, CRMPs, like MAP6, are involved in 

neurodevelopment and psychiatric disorders. 

 

 

 

 

 

 

 

 

 



 

58 
 

 



 

59 
 

 



 

60 
 

 



 

61 
 

 



 

62 
 

 



 

63 
 

 



 

64 
 

 



 

65 
 

 



 

66 
 

 



 

67 
 

 



 

68 
 

 



 

69 
 

 



 

70 
 

 



 

71 
 

 



 

72 
 

 



 

73 
 

 



 

74 
 

 



 

75 
 

 



 

76 
 

 



 

77 
 

 



 

78 
 

 



 

79 
 

Objectives 

As explained in the introduction, MAP6 is a MAP initially discovered for its cold-stabilizing 

properties of neuronal MTs that has crucial implications in brain function. Increasing 

knowledge on MAP6 demonstrate that it is a protein with versatile activities ranging from 

cytoskeleton regulation to implications in signaling pathways ultimately leading to the 

correct establishment of brain structures and neuronal function at mature stages. In 

particular, it is clear that MAP6 ability to stabilize MTs and actin filaments are both required 

for correct neuronal functions. However, the structural basis of how MAP6 interacts and 

regulates individually MTs or actin filaments is lacking. Moreover, this ability to interact 

either with MTs or actin filaments suggests that MAP6 could interact with both 

cytoskeletons simultaneously and thus mediate the crosstalk between both cytoskeletons. 

These versatile activities make the study of precise molecular mechanisms of interaction 

and regulation of the cytoskeleton by MAP6 extremely difficult in a cellular context. To 

overcome this issue, the use of cell-free system with purified proteins is a great tool to 

have precise structural and functional information of the protein of interest. Thanks to this 

in vitro approach, my PhD projects was to analyze in details: 

1) MAP6 interaction with microtubules 

While MAP6 interaction with microtubule is known and the domains involved in MT 

stabilization against cold- and nocodazole-induced depolymerization have been identified, 

several questions remain: How does MAP6 modulate MT dynamics? What is the molecular 

basis of MAP6 interaction with MTs?  

2) MAP6 interaction with actin filaments 

We know that MAP6 interacts with actin filaments, however how MAP6 is modulating actin 

dynamics? What are the domains involved in MAP6-actin interaction?  

3) Investigate the potential crosstalk between actin and microtubules mediated 

by MAP6 

Since MAP6 binds to MTs and actin filaments separately, the last question was: is MAP6 

able to interact simultaneously to MT and F-actin? And if yes, what is the functional 

consequences of MAP6-mediated crosstalk of actin and microtubules? 
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Results 

I. MAP6 interaction with microtubules and effect on microtubule 
dynamics 

I.1. Context and summary 

Neurons have a highly specialized morphology that require stability for the maintenance 

of neuronal networks as well as plasticity to adapt their wiring for instance during learning 

events. The balance between stability and plasticity is tightly regulated in neurons. The 

cytoskeleton, in particular microtubules, is an important effector of this balance. Neuronal 

MTs can be extremely stable thanks to associated proteins and in particular the 

Microtubule-Associated Protein 6 (MAP6) which is the main factor of neuronal MT 

stabilization against cold-induced depolymerization. Mice lacking MAP6 show important 

defects at the behavioral level with phenotypes similar to anxiety and schizophrenia, at the 

anatomical level with a reduced brain volume and the absence of a part of the fornix, and 

at the functional level with a generally altered neurotransmission. However, how these 

defects relate to MAP6-mediated stabilization of MTs is not clear. In order to better 

understand the link between MT stabilization and the defects described above, a precise 

understanding of how MAP6 stabilizes MTs is needed. To investigate this, we used a 

minimal cell-free system with purified MAP6 and tubulin. We analyzed MT dynamics in 

presence of MAP6-N with Total Internal Reflection Fluorescence (TIRF) microscopy and 

modulation of MTs structure using cryo-electron microscopy (cryo-EM). We observed that 

MAP6 produces stable MTs by decreasing MTs depolymerization speed and promoting 

rescues. Interestingly, MAP6-N promoted MT plus-end dynamicity by inducing MT 

catastrophes. Moreover, at higher concentration of MAP6-N, MTs grown in co-

polymerization with MAP6 adopt an unusual helical shape. We show that this structural 

deformation of MTs is due to MAP6-N localization in the lumen of MTs and leads to the 

formation of holes in the MT lattice. Using cryo-EM of MTs extracted from MAP6-WT and 

KO neurons, we confirmed that MAP6 is a bona fide neuronal Microtubule Inner Protein 

(MIP). Finally, we have assembled our results into a biophysical model: the helical 

deformation of MTs by MAP6 is due to its intraluminal localization that forms an elastic 

network inside the MT lumen. Upon GTP hydrolysis, tubulin in the MT lattice adopt a 

compacted state which is in part thwarted by intraluminal MAP6 ultimately leading to a 

symmetry breaking of the compaction. Since MTs with 14 protofilaments have a lattice 

skew angle, the partial compaction leads to helical deformation of the MT. This creates a 

stress in the MT wall that is relieved by the removal of tubulin dimers from the lattice.  
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I.2. Complementary figures  

Structure of MAP6-induced MT helix is dependent on the nucleotidic state 

Following this publication, I investigated further several aspects of the data presented in 

the paper. First, I wanted to test our biophysical model by playing with a key parameter of 

this model, the nucleotidic state of tubulin and GTP hydrolysis. To do that, I analysed the 

ability of MAP6 to form helical MTs in the presence nucleotide analogues like the slowly 

hydrolysable GTP analogue GMPCPP, which mimics a GTP state and beryllium fluoride 

(BeF3
-), which mimics a GDP-Pi state (Fig. 23). In order to limit the spontaneous nucleation 

of MTs in the presence of GMPCPP, I used a mixture of GTP and GMPCPP (0.8 mM GTP 

and 0.2 mM GMPCPP). In this condition, a slight curvature of MTs was present at the 

beginning of MT polymerization that gradually straightens during the imaging time (Fig. 

23A). This corroborate our model since GMPCPP is thought to keep tubulin in an extended 

state (Alushin et al., 2014) and thus, no symmetry breaking due to intraluminal MAP6 

occurs. Things are very different when MTs are copolymerized with MAP6 and BeF3
-. As 

shown in Fig. 23A, several MTs are deformed in a 2D circular manner and not the typical 

3D helix that we observe with MAP6 and GTP. Data from D. Chrétien’s lab show that MTs 

grown in the presence of BeF3
- are composed of ≈70% of 12_3 pfs and 20% of 13_3 pfs 

(Ku, 2021). The deformation of the MT as a flat circle instead of a 3D helix could 

correspond to 13_3 pfs MTs since they have no internal pitch. 12_3 MTs have an opposite 

right-handed helix skew angle leading to a 4.1 µm pitch (Wade & Chrétien, 1993). In the 

movies, helical MTs grown with MAP6 and BeF3
- have a right-handed helix, however we 

see an increased helix pitch of 9.6±2.3 µm (Fig. 23B and 23C) instead of 4.1 µm. 

Nonetheless, Zhang et al. report an effect of the nucleotide on the MT lattice skew angle, 

a factor that would affect the expected pitch of helical MT induced by MAP6 and could 

explain the discrepancy between experimental data and theoretical helix pitch (R. Zhang 

et al., 2018). Concerning the increased curvature radius (Fig. 23B and 23C), it might be 

due to a slighter compaction of the interdimer interface in the presence of BeF3-
 but no 

experimental data support this. Overall, these data demonstrate a clear role of the 

nucleotidic state and its hydrolysis on MT helix formation corroborating our model.  
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Figure 23. Structure of MAP6-induced MT helix is dependent on the nucleotidic 
state. 

A. TIRFM images of MTs grown from GMPCPP seeds in the absence (top row) and presence 
(bottom row) of MAP6. Different nucleotidic state were produced using either GTP (left), BeF3

- to 
mimic a GDP-Pi-like state (middle) and the slowly hydrolysable GTP analog GMPCPP (right). To 
avoid spontaneous nucleation of MT in presence of GMPCPP, a mixture of GTP (0.8 mM) and 
GMPCPP (0.2 mM) was used. Scale bar 10 µm. B. Schematic depiction of the parameters analyzed 
in C. i.e helix pitch and curvature radius. C. Measurement of the helix pitch of MTs deformed by the 
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presence of MAP6 (5.76±1.4 µm and 9.6±2.3 µm for GTP and BeF3
- respectively) and the curvature 

radius (2.38±0.62 µm-1 and 4.48±1.4 µm-1 for GTP and BeF3
- respectively). The curvature radius 

was analyzed using Kappa ImageJ plugin (https://imagej.net/plugins/kappa). Values are expressed 
as mean±SD. 

MAP6 is specifically enriched at MT ends 

Since MAP6 enters MTs during polymerization, the most probable entry mechanism would 

be by incorporation of MAP6 at the growing end. To investigate that, I looked more closely 

at the localization of MAP6 on MTs. We usually observe a homogenous binding of MAP6 

along the MT lattice at concentrations leading to MT helix formation (50-200 nM) (Cuveillier 

et al., 2020) preventing the identification of a preferential binding localization of MAP6 on 

MTs. Thus, I tried lower MAP6 concentrations (1 nM) and observed an enrichment of 

MAP6 at MT tips (Fig. 24A). This enrichment was observed both on GMPCPP and Taxol 

MTs suggesting that MAP6 recognizes the MT lattice independently of the nucleotidic 

state. It is different from what was observed for the +TIP proteins EBs that have a 

decreased binding for GMPCPP MTs (Maurer et al., 2011). I also observed a clear MAP6 

enrichment at MT tips on depolymerizing MTs (Fig. 24B). It has been recently suggested 

that such tip enrichment might be the consequence of a “herding” effect due to the slowing 

down of MT depolymerization by MAP6 as it has been observed for spastin (Al-Hiyasat et 

al., 2022). This type of aspecific tip enrichment is corroborated by the “wetting” of the 

neighboring MT seed in figure 24B. Such mechanism could be the basis of MAP6-induced 

MT dynamic stabilization. Indeed, upon depolymerization, MT bound MAP6 is enriched at 

the MT depolymerizing end and would become more efficient to promote MT rescue. This 

is compatible with a simultaneous binding of MAP6 on the outside and the inside of the 

MT. Indeed, it has been proposed that MIPs in neurons are enriched at the tip of 

depolymerizing MTs, thus a similar herding effect from the inside might exists (Garvalov 

et al., 2006). Also, it was shown that CLASP promotes MT rescue through the recruitment 

of tubulin dimers and I wanted to test if it could be the case with MAP6 (Al-Bassam et al., 

2010). In the same depolymerization assay as in (Fig. 24B), I used unlabeled MAP6 and 

perfused low amount of labeled tubulin heterodimers (100 nM). Doing so, I observed a 

slight enrichment of dimeric tubulin at the tip of the depolymerizing MT (Fig. 24C) 

suggesting that MAP6 is able to interact directly with tubulin dimers and recruit them at MT 

tips.  
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Figure 24. MAP6 is specifically enriched at MT ends  

A. TIRFM images of GMPCPP seeds (top row) or Taxol-stabilized MTs (bottom row) showing 
MAP6-GFP (1 nM) binding to the lattice of MTs and its specific enrichment at the tips. On the right 
are fluorescence intensity plot profiles of a representative MT and MAP6-GFP (top: GMPCPP, 
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bottom: Taxol). Scale bar 2 µm. B. Time-lapse images of a MT depolymerizing due to tubulin dilution 
induced by washing the chamber with imaging buffer containing 1 nM MAP6-GFP (left, scale bar 2 
µm) and the kymograph of the same MT (right, scale bars: vertical 2 µm, horizontal 1 min). The 
white line shows the small GMPCPP seed and the asterisk show the “wetting” by MAP6-GFP from 
the depolymerizing MT to the seed when encountered during depolymerization. Time expressed in 
min:sec. D. Time-lapse images of a depolymerizing MT same as in B. but in the presence of 10 nM 
unlabeled MAP6 and 100 nM ATTO-491-tubulin heterodimers. The associated kymograph is shown 
on the right (scale bars: vertical 4 µm, horizontal 1 min). 

As a general scheme, I propose a mechanism (Fig. 25) where MAP6 binds on the outside 

of the MT lattice and the luminal side of tubulin dimers that are incorporated at the MT tip. 

This intraluminal binding perturbs the MT tip promoting catastrophes (Cuveillier et al., 

2020). Then, MAP6 gets enriched at the MT tip during depolymerization by a herding 

effect. The locally high concentration of MAP6 promotes MT rescue by stabilizing MT 

lattice and recruiting tubulin dimers. The balance between destabilization of the MT tip and 

the stabilization of the MT lattice by MAP6 is overcome when sufficient MAP6 is present 

at the MT tip allowing MAP6 entry inside the MT. 

 

Figure 25. Hypothetical mechanism of MAP6 entry inside microtubules. 

For MAP6 drawing, the N-terminal domain is magenta, the Mc domain is dark grey, the K domain 
is red and the C-terminal domain is in light grey. A more precise explanation of the domains is 
provided in Results II.2. Created with BioRender.com. 

 

 



 

128 
 

MAP6 modulation of MT dynamics requires specific domains 

The analysis of MAP6 domains involved in MT dynamics regulation support the 

aforementioned hypothesis. MAP6 mutant lacking MAP6 intraluminal features have all one 

aspect of MT stabilization/destabilization impaired. The Mn and Mc modules are MAP6 

known MT binding domains. The Mn modules are crucial for MT rescues and the Mc for 

catastrophe induction (Fig. 26A and 26B). Similar to the Mc modules, the 4-35 domain is 

important for the promotion of catastrophes (Cuveillier et al., 2020). This suggests that it 

is the combination of a catastrophe/rescue event that allows MAP6 entry inside the MT in 

the line of the aforementioned model. It is important to note that this might also be due to 

a drastic reduction of MAP6 binding to MTs when deleted from these domains. However, 

as we will see in part II, other MT binding domains might still be uncovered in MAP6 

sequence since deletion of the 3 Mn modules or the 5 Mc modules does not abolish MAP6 

binding to MTs (Fig. 30). 
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Figure 26. MAP6 modulation of MT dynamics requires specific domains. 

A. Schematic depiction of MAP6 and the deletion mutants used. From N-terminal (left) to C-terminal 
(right), purple box: cysteine rich domain, orange box: Mn domain, dark grey box: Mc domain, light 
grey box: C-terminal repeats, black and green boxes: linker and GFP respectively. B. Parameters 
of MT dynamics analyzed in control conditions (tubulin alone) or in the presence of 30 nM of either 
MAP6-GFP, MAP6-ΔMn-GFP or MAP6-ΔMc-GFP. Condition used are the same as in (Cuveillier et 
al., 2020). Values are expressed as mean±S 
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II. MAP6: a multifunctional regulator of the cytoskeleton 

II.1. Context and summary 

The role of associated proteins for the regulation of the cytoskeleton is central for most 

cellular functions. At the molecular level, very similar mechanisms are used by these 

associated proteins to regulate either the actin or microtubule (MT) cytoskeletons. Since 

both MTs and actin filaments are polymers, their regulation by associated proteins can be 

mirrored with proteins involved in their nucleation, disassembly, stabilization or 

sequestering. After decades of study on these associated proteins, the idea that proteins, 

previously though to work exclusively either on MTs or actin are in fact able to modulate 

both cytoskeletons, is emerging. The Microtubule-Associated Protein 6 (MAP6) is a known 

stabilizer of neuronal MTs that we recently identified as a neuronal Microtubule Inner 

Protein. MAP6 is also involved in F-actin stabilization in dendritic spines. Both MT and F-

actin stabilization activities of MAP6 are linked to neuronal plasticity. As such, MAP6 

knock-out mouse is a model of schizophrenia. In this context, understanding the molecular 

mechanism of how MAP6 modulate actin, MTs and how it could participate in MT/actin 

crosstalk remained to be explored. By using an in vitro reconstruction system, we show 

that MAP6 is a multifunctional regulator of the cytoskeleton by promoting MT and F-actin 

nucleation. Moreover, MAP6 structures F-actin into tight bundles. Finally, MAP6 is able to 

crosslink F-actin and MTs as well as nucleating F-actin from MTs. 
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II.2. Complementary figures  

This publication is not published yet and I will present below the several complementary 

data that are not complete but could be incorporated for the final publication. These data 

emphasize the fact that MAP6 is a multifunctional regulator of the cytoskeleton.  

MAP6-N recruits cytoskeletal building blocks on filaments 

The ability of MAP6-N to interact simultaneously with MT and F/G-actin (Figure 4 from 

Cuveillier et al., in prep.) and previous observations that MAP6 is able to recruit tubulin 

heterodimers on MTs prompted us to look at all the possible combinations for 

MAP6/cytoskeleton interactions (Fig. 27). By perfusing cytoskeletal building blocks, i.e. G-

actin or tubulin heterodimers, on stabilized filaments, i.e. F-actin or GMPCPP MTs, we 

observed that MAP6 was able to interact at the same time with MT and tubulin or G-actin 

(Fig. 27A and 27B) or with F-actin and tubulin or G-actin (Fig. 27C and 27D). These results 

suggest that it could be possible to observe MT nucleation from F-actin or MTs similarly to 

what we saw with the nucleation of F-actin from MTs (Figure 4 from Cuveillier et al. in 

prep). In fact, we observed the nucleation of several MTs from the side of a single 

GMPCPP MT seed in previous experiments (unpresented data) and experiments of co-

nucleation suggest that MT nucleation from F-actin could be possible. However, it is 

difficult to assign these events to pure nucleation and not to the crosslink of an already 

formed MT to F-actin. Further experiments are needed to investigate this question. 

As we showed that MAP6 is able to oligomerize (Fig. S7 from Cuveillier et al. in prep.), 

one MAP6 molecule does not necessarily have to bind to two different cytoskeletal 

elements at the same time but rather several MAP6 molecules could be involved. While 

this interpretation might be true, MAP6 interaction with MT is more specific as we do not 

observe MT bundling that could be expected in presence of MAP6 oligomers. 
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Figure 27. MAP6 recruits cytoskeletal building blocks on filaments 

TIRFM images of the recruitment of G-actin (cyan) or tubulin dimers (yellow) either on GMPCPP 
MT (green) or F-actin (magenta) in the presence or absence of MAP6-N. 2 µM G-actin (in complex 
with LatA 50 µM) was perfused on GMPCPP MT (A) or phalloidin-F-actin (C) in the presence or 
absence of 500 nM MAP6-N. 4 µM Tubulin heterodimers were perfused on GMPCPP MT (B) or 
phalloidin-F-actin (D). Graphs are quantification of the recruitment of G-actin/Tubulin fluorescence 
intensity on F-actin/MT by making the ratio of building block/filament intensity. Scale bar 5 µm. 
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Analysis of MAP6 domains involved in F-actin regulation 

Such a wide diversity of interactions and functions is puzzling. To be further understood, 

it requires the precise identification of the domains involved. An important part of my PhD 

work was to identify the domains involved in MAP6 binding to F-actin, G-actin, MTs and 

tubulin and relate these interaction domains to the associated functions like nucleation of 

MTs and F-actin as well as F-actin bundling. For that, I first used the wide bank of MAP6 

deletion mutants that was present in the lab. However, most MAP6 mutants contained only 

small deletions and had strong residual activities. No clear picture was emerging except 

that MAP6 most probably contains repeated binding domains that are distributed along its 

sequence. Thus, I decided to cut MAP6 into 4 domains (Fig. 28E). The N domain contains 

the 4-35 domain that is involved in MAP6 intraluminal localization and MT nucleation 

activity as well as the Mn 1 and 2. The Mc domain contains the 5 Mc modules known to 

bind and stabilize MTs against cold-induced depolymerization (Bosc et al., 2001; Delphin 

et al., 2012), bind to F-actin and promote its bundling, stabilization and nucleation (Peris 

et al., 2018). The K domain is a basic domain rich in lysine and arginine residues that 

contains the Mn 3. Finally, the C domain contains 28 repeats and a small C-terminal tail 

of unknown function. The C domain was not involved in any of the functions and 

interactions investigated (M+C mutant of Fig. 28 and 30, data for C domain alone are not 

shown), thus we kept it in our chimeric proteins because it improved a lot the solubility of 

the proteins (Fig. 28E). Note that all MAP6 constructs are fused to a GFP at the C-

terminus. 

The figure 28 summarizes the investigation on MAP6 domains and their actin-related 

functions. First, it is important to note that the team already published that the Mc modules 

are involved in MAP6/actin related function in vivo. Moreover, the Mc modules were shown 

to bind F-actin and promote its nucleation as well as its bundling in vitro (Peris et al., 2018). 

However, the activity of the WT protein is much stronger than the Mc modules alone. 

Therefore, in my conditions, the activity of the Mc modules alone falls in the background 

(M+C mutant of Fig. 28 and 30, data for Mc domain alone are not shown) but its implication 

in the WT protein function is evident (Fig. 28). Concerning MAP6 binding to F-actin, the K 

domain emerges as the main interaction domain since its deletion leads to the most robust 

decrease in F-actin binding (∆K) and that it is the only domain that binds to F-actin alone 

(K+C compared to N+C and M+C). However, its deletion does not abolish MAP6 binding 

to F-actin (∆K) and the opposite construct (K+C) is not able to recapitulate WT protein 

binding levels on its own (Fig. 28A). A combination of MAP6 ability to oligomerize and bind 

F-actin through Mc modules could lead to this residual activity (∆K). Similarly, the binding 

of the K domain alone (K+C) is only partial because it might lack MAP6 ability to 
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oligomerize. Corroborating this hypothesis, deletion of the K domain does not prevent 

MAP6 ability to induce F-actin bundles (∆K) and even if the K+C construct show similar F-

actin bundling to WT level (Fig. 28B), the bundles are much less compact at the structural 

level as shown in Fig. 29. Since the N+C and M+C constructs do not bind F-actin (Fig. 

28A), they are not able to induce F-actin bundles (Fig. 28B) strengthening the fact that the 

K domain is the main F-actin interaction domain and that the N and Mc domains needs to 

be present together to interact with F-actin (∆K). Concerning MAP6 ability to induce F-

actin nucleation, the deletion of either the N (∆N), Mc (∆Mc) or K (∆K) domains all reduced 

MAP6 nucleation activity but only the K+C construct was able to rescue F-actin nucleation 

close to WT levels (Fig. 28C) adding on to the idea that the K domain is the main driver of 

MAP6 activity related to the actin cytoskeleton. Interestingly, when trying to cut the K 

domain further down with a deletion of either the N-terminal or C-terminal half of the K 

domain, it does not show drastic reduction of nucleation suggesting that the whole domain 

is required (data not shown). A puzzling result was the comparison between the ∆N and 

the K+C constructs concerning nucleation. Indeed, deleting the N domain abolishes 

MAP6-mediated nucleation and further deleting the Mc domain (K+C) rescues the 

nucleation effect (Fig. 28C). This suggest that the Mc domain could lead to a closed 

conformation due to intra-molecular interactions with the K domain and prevent the ability 

of the K domain to nucleate F-actin. The comparison of ∆N vs K+C vs WT (Fig. 28C) 

suggests that the N domain could be involved in keeping an open conformation between 

the K and Mc domain. The analysis of single actin filaments growth speed also revealed 

that while the WT protein has no significant effect, the K+C construct reduced F-actin 

growth speed (Fig. 28D). The fact that the K+C construct strongly promotes F-actin 

nucleation while reducing filament growth speed could be explained by two hypotheses. 

First, it could bind to several G-actin molecules to promote nucleation but the binding site 

partially overlaps with the barbed end, impairing the addition of new G-actin at the tip of 

the filament. Second, it could affect the filament structure by altering the pitch like cofilin 

(McGough et al., 1997) and thus decreasing the affinity of new monomers to the filament 

tip. Interestingly, the ∆N mutant that does not nucleate F-actin at all but binds to F-actin 

show F-actin growth speed similar to control levels (Fig. 28C and 28D). This could be due 

to the presence of Mc domain that could alter how the K domain interact with the filament 

and either release the barbed-end binding or the filament structural change hypothesized 

above. Finally, the 4-35 domain seems to be dispensable for actin-related functions and 

thus be specific to MT related ones (Fig. 28 and 30). The Mn modules participate in F-

actin binding but this does not affect the functional outcomes of the protein (Fig. 28A and 

28E) suggesting that they are not the main drivers of MAP6/actin related functions. 
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To summarize, MAP6 interacts with F-actin mostly through the K domain and to a lesser 

extend with the Mc domain. These two domains are conjointly required to induce F-actin 

bundling. The N domain seems to be important to relieve intramolecular interactions 

between the Mc and K domain and could be involved in MAP6 oligomerization. Finally, the 

K domain is the main driver of MAP6-mediated actin nucleation. 

We know that MAP6 is able to oligomerize (Fig. S7 from Cuveillier et al., in prep.) and that 

it can interact with G-actin (Fig. 4 from Cuveillier et al., in prep. and Fig. 27). However, to 

really understand the molecular mechanisms by which MAP6 promotes F-actin nucleation, 

we need to identify the domains involved in these two activities. 
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Figure 28. Analysis of MAP6 domains involved in F-actin regulation. 
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Graph of the analysis of MAP6 and deletion mutants binding to F-actin (A), bundling (B), nucleation 
(C) and filament growth speed (D). # is noted for p-values at least <0.05 when compared to Control 
and § for p-values at least <0.05 when compared to MAP6. *P<0.05; **P<0.005; ***P<0.001; 
****P<0.0001. E. Schematic representation of the construction used and a summary of the analyzed 
activities. The GFP is not represented on the drawings but is present for every construct. Signs 
correspond to the activity of the mutant compared to WT MAP6: +++ = 75-100% of WT, ++ = 50-
75%, + = 25-50%, - = 0-25%. Values are expressed as mean±SD. 

 

Figure 29. MAP6-

induced F-actin bundles 

structure requires 

specific domains. 

Electron micrographs of F-
actin (1 µM) bundles induced 
either by 0.5 µM MAP6-N or 
0.5 µM K+C and processed 
for negative staining. Scale 
bar 100 nm. Below are 
schematic representations of 
both proteins. 

 

 

Analysis of MAP6 domains involved in MT nucleation 

The same MAP6 mutants were used to understand the domains involved in MT and tubulin 

binding and how it could relate to MT nucleation activity (Fig. 30). The definition of MAP6 

MT binding domains comes from experiments where cells transfected with different 

mutants were subjected to MT depolymerization induced either by cold or nocodazole. The 

Mn modules stabilize MT against both cold- and nocodazole-induced depolymerization 

whereas Mc modules only against cold-induced depolymerization (Bosc et al., 2001). It 

was later shown that the Mc modules were not involved in MT binding at physiological 

temperature but changed conformation when exposed to cold in order to bind and stabilize 

MTs (Delphin et al., 2012). However, by doing co-sedimentation assay of taxol-stabilized 

MTs interacting with MAP6 mutants (Fig. 30A), I found that the Mn modules were not 

involved in MT binding (Fig. 30A). It is a surprising result as they are MT-stabilizing 

domains ((Bosc et al., 2001) and Fig. 26). A flaw of the experiment, that is also applicable 

to the F-actin binding assay, is that it is done at a fixed concentration of MAP6 mutant. It 

is possible that the affinity of the mutant for MTs (here ∆Mn) is reduced but not the Bmax 

(i.e. the total amount of protein bound when the interaction is saturated) thus, if the 

experiment is done in saturating concentration, I would see no difference in this type of 

assay. The concentration used were chosen to be around the Kd of WT MAP6 for MTs, F-
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actin or tubulin to avoid this type of effect. The best way, but much more expensive in 

terms of time and proteins, would be to do the Kd for each mutant to have a more precise 

understanding of the interaction. Yet, this result suggests that other domains are involved 

in the binding to MTs. The deletion of the N, Mc or K domain (∆N, ∆Mc and ∆K) all lead to 

a moderate decreased binding to MTs and the opposite interaction using N+C, Mc+C and 

K+C show that the MT binding domains are present in the N and K domains (Fig. 30A). 

Concerning MAP6 interaction with tubulin, it seems here also that several binding domains 

are distributed along MAP6 sequence. Only the K domain (K+C) is able to interact with 

tubulin by itself (Fig. 30B). The Mc domain is intriguing because values ranging from 20% 

to 200% of the WT were measured. This large distribution of binding values could be due 

to the fact that removing the Mc domain perturb the conformation of the chimeric protein 

in binding or non-binding conformations. The Mn or 4-35 domains are not required for 

tubulin binding. Overall, MAP6 interacts with MTs through its N and K domains while only 

the K domain is involved in tubulin binding.  

A striking and unexpected result was that neither the Mc nor Mn modules are required for 

MAP6-mediated MT nucleation (Fig. 30C, ∆Mc, ∆Mn). They are important since their 

deletion importantly impairs MAP6 ability to nucleate MTs but not necessary. However, 

deletion of the N or K domains (∆N and ∆K) abolishes nucleation activity and their 

counterparts (N+C and K+C) does not promote nucleation by themselves. Note that a few 

MTs were nevertheless observed with K+C mutant suggesting core implication of the K 

domain for MT nucleation similar to actin nucleation.  
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Figure 30. Analysis of MAP6 domains involved in MT nucleation 

Graphs of the analysis of MAP6 and deletion mutants binding to MT (A), tubulin dimers (B) and MT 
nucleation (C). § is noted for p-values at least <0.05 when compared to MAP6. If no sign, the 
difference is not significant. D. Schematic representation of the construction used and a summary 
of the analyzed activities. The GFP is not represented on the drawings but is present for every 
construct. Signs correspond to the activity of the mutant compared to WT MAP6: +++ = 75-100% 



 

168 
 

of WT, ++ = 50-75%, + = 25-50%, - = 0-25%. N.D = Not Determined. Values are expressed as 
mean±SD. 

MAP6 recruit tubulin on MT and forms complex in solution through its N-terminal 

domain 

I took advantage of the mutant MAP6-N-∆4-35 in order to explain the molecular 

mechanism of MAP6-mediated MT nucleation (Fig. 31A). What is the role played by this 

domain for MT nucleation and MIP functions of MAP6? An early observation that we made 

is that MAP6 is able to recruit tubulin dimers on MTs (Fig. 31B) similar to the recruitment 

of G-actin on MTs (see Figure 4E and 4F from Cuveillier et al., in prep.). Interestingly, the 

deletion of the 4-35 domain prevents the ability of MAP6-N to recruit tubulin on MTs (Fig. 

31B) even though MAP6-N-∆4-35 is still able to interact with tubulin dimers and MTs (Fig. 

30A and 30B). Thus, interacting with MTs prevents simultaneous binding with tubulin 

suggesting that MAP6 needs to oligomerize in order to recruit tubulin on MTs and that 

oligomerization is mediated by the 4-35 domain. To investigate this oligomerization aspect, 

I separated MAP6 complexes of MAP6 in solution either alone or in presence of tubulin 

using a discontinuous sucrose gradient (Fig. 31C). Doing so, I saw no striking differences 

between MAP6-N and MAP6-N-∆4-35 when incubated alone. Both are found in similar 

fractions that could correspond to small oligomeric forms of MAP6 since it oligomerizes by 

itself in solution (Fig. S7 from Cuveillier et al. in prep.). In contrast, when tubulin is present, 

MAP6 forms higher order species that shift toward higher sucrose concentrations. 

Interestingly, most tubulin remains in central fractions and does not massively shift to the 

same fractions even if some tubulin is found in the pellet. This shift is not observed for 

MAP6-N-∆4-35 suggesting that tubulin-induced MAP6 oligomerization requires the 4-35 

domain. Thus, MAP6 have two states of oligomerization. A native one with small sized 

species and another in presence of tubulin of dense species that seems crucial for MAP6 

intraluminal localization and MT nucleation. These different oligomerization states are 

reminiscent of what has been observed for Tau (Hochmair et al., 2022). 

Together, these results suggest that N and K domains act cooperatively to promote MT 

nucleation. I propose a MT nucleation model where the K domain recruit dimers of tubulin 

and through oligomerization with the N domain, MAP6 forms a nucleation nucleus. Then 

the MT binding domains in the N and K domains stabilize the nascent MT. 
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Figure 31. MAP6 recruit tubulin on MT and forms complex in solution through its 
N-terminal domain. 

A. Schematic depiction of MAP6 sequences used in the following experiments. From N-terminal 
(left) to C-terminal (right), purple box: cysteine rich domain, orange box: Mn domain, dark grey box: 
Mc domain, light grey box: C-terminal repeats, black and green boxes: linker and GFP respectively. 
B. TIRFM images of green GMPCPP MT seeds perfused with 1 nM of either MAP6-GFP or MAP6-
Δ4-35-GFP and 100 nM soluble ATTO-561-Tubulin heterodimers. Scale bar 5 µm. C. 240 nM of 
either MAP6-GFP or MAP6-Δ4-35-GFP were incubate or not with 3 µM of tubulin during 30 min 
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before high speed centrifugation on a discontinuous sucrose gradient (5-50%) and the complex 
formed were analyzed by SDS-PAGE. Below are intensity profiles of MAP6 fluorescence in the 
gels. Curves were smoothed using Lowess function in Graphpad Prism. 

MAP6-E but not MAP6-N phase separate with tubulin 

During this work, I also studied another MAP6 isoform, MAP6-E. MAP6-E is the only other 

MAP6 isoform expressed in neurons together with MAP6-N. Moreover, MAP6-E arise from 

alternative splicing of MAP6 gene and lacks the exon 4 present in MAP6-N corresponding 

to the C-terminal domain. Thus, MAP6-E could also help us understand our results as it 

would correspond to a MAP6-N ∆C mutant. From the results presented above, MAP6-N 

and E should behave exactly the same.  

However, when I first used MAP6-E-GFP in F-actin nucleation assays, MAP6-E-GFP 

formed “aggregates” in the TIRF field impairing the comparison between other MAP6 

constructs that were soluble. Thus, MAP6-E was put aside during most of my PhD. Yet, 

by performing MT nucleation experiments with untagged MAP6-E, we observed that these 

“aggregates” where in fact dynamic molecular structures reminiscent of liquid-liquid phase 

separation (LLPS). The presence of the GFP could have altered MAP6-E biophysical 

characteristic and as we will see after, the partner protein whether it is tubulin or actin 

change MAP6-E properties. LLPS is characterized by the formation of 2 distinct phases 

instead of a unique mixed dilute phase that leads to the formation of spherical liquid 

droplets since it is the best surface to volume ratio to limit contact with the other phase. 

LLPS is occurring when proteins that have dynamic multivalent intramolecular interactions 

are in specific conditions. The buffer used (salt concentrations and crowding agents like 

PEG), the concentration of the protein or the presence of partners like others proteins or 

RNAs are important factors to induce or disrupt phase separation. Phase separated 

compartments are called biomolecular condensates.  

I thus investigated MAP6-E ability to form biomolecular condensates (Fig. 32). For that I 

used unlabelled MAP6-E and ATTO-491-tubulin in the absence of GTP in order to label 

MAP6-E condensates. I observed that at fixed tubulin concentration (5 µM), increasing 

MAP6-E concentration induced the formation of bigger condensates (Fig. 32B and 32F). 

These MAP6-E/tubulin condensates display liquid-like properties since the tubulin inside 

the condensates is dynamic (Fig. 32C) and condensates are able to fuse together (Fig. 

32D). Moreover, the partition coefficient is increased with higher concentration of MAP6-

E, meaning that the amount of tubulin in the condensed phase is increased when MAP6-

E concentration increased. Interestingly, in the same conditions, MAP6-N does not form 

condensates with tubulin, however it forms LLPS condensates in the presence of 10% 

PEG when put alone (Fig. 32B and 32C). We observed that MAP6-E was also able to form 
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condensate without tubulin but in presence of 10% PEG (data not shown). MAP6-N and -

E form condensates with PEG but only MAP6-E is able to form condensate with tubulin. 

This suggests that MAP6-E requires tubulin to form condensates. By imaging unlabelled 

MAP6-E with or without tubulin with phase contrast transillumination, I observed spherical 

droplets containing tubulin that was not present in the absence of tubulin (Fig. 32E). The 

number of droplets and their size increase with increasing concentration of tubulin showing 

that MAP6-E does not form condensate by itself and requires tubulin for that.  

 

Figure 32. MAP6-E but not MAP6-N phase separate with tubulin. 

A. Schematic representation of MAP6-N and E isoforms. B. TIRFM images of phase separation 
experiments. On the left, MAP6-E forms droplets with ATTO-491-tubulin droplets with MAP6-E 
concentration-dependent effect but not with MAP6-N. On the right, MAP6-N-GFP phase separate 
alone in presence of 10% PEG. C. Left, images of a FRAP experiment on ATTO-491-Tubulin in 
MAP6-E droplets and the fluorescence recovery over time (n=18 droplets). Right, fluorescence 
recovery over time from a FRAP experiment on MAP6-N-GFP (100 nM) with MAP6-N (900 nM) in 
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droplets (n=3 droplets). D. Time-lapse images of two MAP6-E/ATTO-491-Tubulin droplets fusing 
together. E. Phase contrast images of MAP6-E in the presence (top) or absence (bottom) of ATTO-
491-Tubulin. F. Plot of the frequency distribution of MAP6-E/ATTO-491-Tubulin droplets in function 
of their size (µm2) and the concentration of MAP6-E from the experiments in B. (n=2-3 independent 
experiments). G. Partition coefficient of ATTO-491-Tubulin in MAP6-E droplets with increasing 
MAP6-E concentrations. The partition coefficient is calculated as the ration between ATTO-491 
fluorescence inside/outside the droplets. H. Number of MAP6-E/ATTO-491-Tubulin droplets per 
field of view with increasing tubulin concentrations (n=1 experiment per condition, statistics are 
done on several field of view per condition). I. Number of MAP6-E/ATTO-491-Tubulin droplets per 
field of view with increasing tubulin concentrations (n=2-3 independent experiments). All scale bars 
correspond to 2 µm. 

Phase separation improves MT nucleation efficiency by MAP6 

Does this different behaviour between MAP6-N and -E when interacting with tubulin affect 

functional outcomes like MT nucleation? First, I check MAP6-E ability to induce MT 

nucleation. I observed that in the presence of GTP, the condensates formed with tubulin 

are progressively distorted by the emergence of MTs from the droplets (Fig. 33A). A single 

droplet often gives rise to several MTs. Intriguingly, MAP6-N and MAP6-E are able to 

nucleate MTs but the mechanism involved seems different since MAP6-E is phase-

separating while MAP6-N is not. Is one mechanism more potent than the other? By 

assessing MT nucleation in limit conditions, i.e. with low amount of MAP and tubulin (500 

nM each), I observed that phase separation is an advantage for MT nucleation as MAP6-

E but not N produce MTs (Fig. 33B). Does this advantage for MT nucleation persist with 

increasing concentrations? It would be interesting to see if the presence of PEG, to induce 

LLPS of both MAP6-N and E, could rescue MT nucleation differences between both 

isoforms. This would mean that phase separation of MAP6-E is an additional feature for 

nucleation by increasing local tubulin concentrations but that the molecular mechanism 

involving the cooperation of N and K domains remains shared by both isoforms. 

 



 

173 
 

 

Figure 33. Phase separation improves MT nucleation efficiency by MAP6. 

A. Time-lapse TIRFM images of MAP6-E/ATTO-491-Tubulin droplets in presence of GTP showing 
that MT are nucleated from the droplets. B. TIRFM images of MT nucleation after 10 min with 0.5 
µM ATTO-491-Tubulin in the presence of 0.5 µM of either MAP6-E or MAP6-N (top) and 5 µM 
ATTO-491-Tubulin with 0.25 µM MAP6-E or 0.5 µM of MAP6-N (bottom). The difference between 
MAP6-E (250 nM) and MAP6-N (500 nM) is due to a lack of a comparable experiment and would 
need to be reproduced in similar conditions. On the right, quantification of the number of MTs/field 
of view of the conditions with 0.5 µM tubulin. Scale bars 5 µm. 

MAP6-E co-condensates tubulin and G-actin for cytoskeletal growth coordination 

Since MAP6-N interacts with G-actin to promote its nucleation, is MAP6-E phase 

separation also occurring with the actin cytoskeleton? To test this, I did a similar phase 

separation assay with labelled G-actin instead of tubulin. Actin was kept monomeric thanks 

to Latrunculin A. In the presence of G-actin, MAP6-E forms spherical condensates but 

increasing MAP6-E concentration did not increased the size of the condensates (Fig. 34A) 

suggesting that these complexes are different from MAP6-E/tubulin condensates and are 

not liquid-like since no fusion events were observed. As it is now clear that phase 

separation of proteins is a continuum from dilute to liquid then gel and finally solid states 

of a protein, specific experimental conditions should allow MAP6-E/Actin LLPS formation. 

Biomolecular condensates are characterized by their ability to recruit proteins (termed 

client protein), and exclude others (Banani et al., 2016). Tubulin is a co-condensate protein 
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required for MAP6-E LLPS but what happens with simultaneous presence of tubulin and 

G-actin? When adding G-actin on MAP6-E/tubulin condensates, G-actin is recruited inside 

droplets showing that G-actin is a client protein of MAP6-E condensates (Fig. 34B). 

Unexpectedly, after several minutes, MTs were emerging from the triple condensates in 

an aster fashion (Fig. 34B) showing that MAP6-E was able to nucleate MT using residual 

ATP present with G-actin. Note that not all triple condensates were able to nucleate MTs. 

Could these triple condensates be nucleation centers of both F-actin and MTs as it was 

observed for centrosomes (Farina et al., 2016)? To test that, I added 1 mM GTP and 0.2 

mM ATP to the triple condensates. MT nucleation occurred much faster and led to 

longitudinal growth of MTs instead of aster-like growth (Fig. 34C). F-actin nucleation also 

occurred inside condensates but it was not a general feature. Indeed, some G-actin 

recruited inside condensates did not produce filaments at all (Fig. 34C, arrow). 

Interestingly, F-actin nucleation from MT side was also observed with MAP6-E (Fig. 35).  
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Figure 34. MAP6-E co-condensate tubulin and G-actin for cytoskeletal growth 
coordination. 

A. TIRFM images of MAP6-E and ATTO-561-G-actin in different conditions (G-actin:LatA molar 
ratio is 1:50). Scale bar 2 µm. B. TIRFM images of MAP6-E co-condensation with G-actin and 
tubulin in absence of GTP. MT are nucleated from condensate after a several minutes due to 
residual ATP. Scale bars 5 µm. C. Time-lapse TIRFM images of MAP6-E/Tubulin/G-actin co-
condensate as in B but with 1 mM GTP and 0.2 mM ATP. The arrow shows a co-condensate where 
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actin is present but does not form filaments. The broken line on the right panel shows the bending 
of a MT due to F-actin/MT crosslinking forces. Scale bar 5 µm. 

 

Figure 35. MAP6-E nucleates F-actin from MT side.  

Left: TIRFM time-lapse images of MT seed (green) perfused with 250 nM MAP6-E then washed by 
300 nM actin (magenta) as in Cuveillier et al. in prep. Time is expressed in min:sec. Right: 
Corresponding kymograph. Scales bars: horizontal 2 µm, vertical 2 min. Asterisks correspond to F-
actin nucleation event.  

Overall MAP6-N and E share most features of cytoskeletal regulation like nucleation of 

MTs and F-actin, F-actin bundling and crosslinking of both cytoskeletons. Phase 

separation is the main difference between both isoforms. Since MAP6-E is a shorter 

version of MAP6-N, an important question remains. What is driving MAP6-E phase 

separation that is prevented with MAP6-N? Is the C-terminal domain of MAP6-N reducing 

MAP6-MAP6 interactions? Since our proteins are expressed in eukaryote cells, it is also 

possible that different PTMs on MAP6-N or MAP6-E could affect phase separation 

capacity.  

It has been recently shown that, in cells, actin filaments could be found inside MTs (D. M. 

Paul et al., 2020). Unexpectedly, when observing samples of actin and microtubule co-

polymerization in presence of MAP6-N by cryo-EM, a few MTs contained a continuous line 

in their center (Fig. 36D). This type of pattern is not observed in control MTs and probably 

correspond to an actin filament. At the moment, we cannot be certain of the localization of 

this filament. Is it strictly align on the MT outside through MAP6 crosslinking? Or is it 

possible that it is located inside the MT? To properly answer this, cryo-electron 

tomography is needed. Interestingly, the growth speed of actin filaments when co-

polymerizing with MTs is often decreased when it encounters a MT tip and start growing 

along the MT (Fig. 36A-C). This decrease of F-actin growth speed along MTs is only 

observed when done in co-polymerization but not when MAP6 nucleates F-actin from MT 

seeds (Figure 4 from Cuveillier et al. in prep.). This suggests that intraluminal MAP6 is 

required for this decreased speed and could be due to F-actin growing inside MTs. 
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Figure 36. MAP6 could allow F-actin entry inside MTs. 

A. Time-lapse of actin (500 nM of G-actin) and microtubule (5 µM of tubulin) co-polymerizing in 
presence of MAP6 (250 nM). White bars underline the two microtubules displayed in the kymograph 
in B. Time is in min:sec. B. Kymograph from the movie obtained in A. An actin filament is nucleated 
from the tip of the MT on the left (long white bar) and elongates toward a second MT (small white 
bar). The arrowhead points to the encounter of the growing actin filament with the microtubule tip. 
Note that the growth speed of the actin filament decreases as it polymerizes on the second MT. C. 
Two other examples of actin filaments encountering a MT tip inducing a decrease of the actin 
filament growth speed. Scale bars in B and C: vertical 2 min, horizontal 2µm. D. Two examples of 
cryo-EM images of actin (500 nM of G-actin) and microtubules (5 µM of tubulin) co-polymerized in 
the presence of MAP6 (1.4 µM). Drawings of the microtubule walls (green lines) and putative actin 
filament (yellow line) are shown below each corresponding image. The presence of a continuous 
line (yellow line) aligned in the center of those MTs is not observed in control conditions and 
suggests that F-actin could be inside the MT.  
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Material and methods 

The material and methods for the publications can be found within the publications 

(Results). Here are presented the material and methods used for the complementary 

results and followed by two publications of the protocol used in Cuveillier et al. 2020 

(Cuveillier et al., 2020).  

Mutant analysis for F-actin binding and bundling 

High and low-speed co-sedimentation assays were used to examine respectively binding 

and bundling activities of MAP6 mutant with F-actin. To do that, 10 μM G-actin (actin 

monomers) was polymerized for 1h at 25°C in AP buffer (20 mM Hepes pH 7.4, 50 mM 

KCl, 5 mM MgCl2, 1 mM EGTA, 4 mM DTT, 0.2 mM ATP) containing 10 μM phalloidin. 

Then F-actin was diluted to 2 µM and incubated for 30 min at 30°C with 350 nM MAP6 

mutants. F-actin was pelleted by high-speed centrifugation (250,000xg, 15 min, 25°C) on 

30% sucrose cushion and pellets and supernatants were collected and analyzed by SDS-

PAGE for F-actin binding measurement. The amount of MAP6 mutant bound to F-actin in 

the pellets was quantified by densitometry on Coomassie-stained gels using Image lab 

(version 6.0.1, Bio-Rad Laboratories). Six independent experiments were performed. For 

F-actin bundling, the same interaction was performed and the F-actin was pelleted by low-

speed centrifugation (15,000xg, 10 min, 25 °C) using low binding tubes (Eppendorf, Cat# 

0030108116). The percentage of F-actin present in the pellet was measured similarly. 

Seven to eight independent experiments were performed.  

Mutant analysis for F-actin nucleation and growth speed analysis 

TIRF experiments were done as in Cuveillier et al. in prep. Briefly, polymerization was 

initiated by adding 12-15% labeled actin mix (0.5 µM final concentration) to 70 nM MAP6 

mutant in the actin polymerization buffer (AP) (20 mM Hepes pH 7.4, 50 mM KCl, 5 mM 

MgCl2, 1 mM EGTA, 4 mM DTT, 0.2 mM ATP) supplemented with 0.25% Methyl Cellulose 

1500 cp, 0.1% BSA, 1 mg/ml glucose, 70 µg/ml catalase and 600 µg/ml glucose. Imaging 

was done at 27°C and images were taken every 5 s. Number of filaments was analyzed 4 

min after the polymerization was initiated. Single actin filament growth speed was analyzed 

as in Cuveillier et al. (Cuveillier et al. in prep).  

Mutant analysis for MT binding 

MT were polymerized from 100 µM tubulin dimers in BRB80, 1 mM GTP during 30 min at 

35°C then Taxol was added to a final concentration of 100 µM (0.1% DMSO final) and let 

to interact 15 min at 35 °C. Taxol-MTs were pelleted by ultracentrifugation (190,000xg, 10 
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min, 35°C), the supernatant discarded and the MTs resuspended to 50 µM in warm 

interaction buffer (BRB80, 50 mM KCl, 2 mM DTT, 0.05% Tween) supplemented with 50 

µM Taxol. Then 100 nM MAP6 mutants were incubated either with 200 nM of Taxol-MTs 

or interaction buffer only with for 10 min at 35°C before sedimentation at 190,000xg for 10 

min, 35°C. Supernatant was discarded and pellets resuspended in 500 nM L-arginine 

before being transferred to a black 96-well plate (Sigma-Aldrich, Greiner Cat# M4936-

40EA) and GFP signal was measured using a Pherastar FS microplate reader (BMG 

Labtech).  

Mutant analysis for tubulin binding 

The protocol is adapted from Cuveillier et al. in prep. Biotin-tubulin (30 µl at 400 nM) was 

attached to the wells of a streptavidin coated plates (Thermofisher Scientific, Cat# 15503) 

previously washed with interaction buffer (BRB80, 50 mM KCl, 0.05% Tween, 0.1 % BSA, 

4 mM DTT). Unbound tubulin was removed and wells were washed with interaction buffer. 

50 nM of each MAP6 mutants was added to tubulin or control wells (without tubulin) and 

interaction was allowed for 15 min at 30°C. Supernatants were discarded and bound MAP6 

mutant was resuspended using 500 mM L-Arginine (Sigma) and transferred in 96-well 

black plate (Sigma-Aldrich, Greiner Cat# M4936-40EA). Fluorescence intensity was 

measured using a Pherastar FS microplate reader (BMG Labtech). 

 Mutant analysis for MT nucleation 

The protocol is adapted from Cuveillier et al. in prep. MTs were polymerized in Microtubule 

Polymerization (MP) buffer (BRB80 pH 6.9, 50 mM KCl, 4 mM DTT, 0.1% BSA, 1 mM 

GTP, 0.25% Methyl Cellulose 1500 cp, 1 mg/ml glucose 70 µg/ml catalase and 600 µg/ml 

glucose oxidase) where 12 µM tubulin 10 % labelled (ATTO-561-Tubulin) was incubated 

with 300 nM of MAP6 mutant. The number of MT per field of view (118 µm2) was manually 

counted from 5-6 field of view after 10 min of polymerization. 4-6 independent experiments 

were performed. 

Complex formation with tubulin for MAP6-N-GFP and MAP6-N-∆4-35-GFP 

3 µM tubulin was incubate with 240 nM of either MAP6-N-GFP or MAP6-N-∆4-35-GFP for 

30 min at 35°C in BRB80, 50 mM KCl, 0.15% Tween before being centrifuged on a 

discontinuous sucrose gradient of 200 µL fractions ranging from 5 to 50% sucrose in the 

same buffer. Centrifugation was done using a swinging TLS-55 rotor in a TL100 Optima 

ultracentrifuge (Beckman) for 4h at 200,000xg, 35°C. 100 µL fractions were collected and 

loaded on a SDS-PAGE before transfert on LF PVDF membrane (Bio-Rad Cat 

#10026934) with a TansBlot Turbo device (Bio-Rad Cat #1704150). MAP6 was revealed 
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using 23N antibody (Rabbit, dilution 1/5000) and tubulin using α3A1 antibody (Mouse, 

dilution 1/5000). Secondary antibodies are anti-rabbit-Alexa 488 and anti-mouse-Cy5 both 

at a dilution of 1/2000. Imaging was done using a Chemidoc (Bio-Rad).  

Phase separation assay 

Tubulin was mixed with MAP6-E or MAP6-N in BRB80, 40 mM KCl, 0.1% BSA, 4 mM DTT, 

0.2% Methyl cellulose 1500 cp, 1 mg/ml glucose 70 µg/ml catalase and 600 µg/ml glucose 

oxidase and perfused in flow chambers prepared as in (Cuveillier, Saoudi, et al., 2021). 

For phase separation with actin, 10 µM of 15% labeled ATTO-561-G-actin was incubated 

with Latrunculin A (500 µM) in G buffer (50% DMSO) 10 min on ice before being mixed 

with MAP6 in BRB80, 40 mM KCl, 0.1% BSA, 4 mM DTT, 0.2% Methyl cellulose 1500 cp, 

1 mg/ml glucose 70 µg/ml catalase and 600 µg/ml glucose oxidase. 1 mM GTP and/or 0.2 

mM ATP was added for co-polymerization assays. All these experiments were imaged 

under a TIRF microscope as in Cuveillier et al in prep and the phase contraste image (Fig 

XX D) was obtained using an AxioObserver (Zeiss) equipped with an EMCCD camera 

(CoolsnapHQ2, Photometrics) under a 100x/1.46 oil objective.  

Fluorescence Recovery After Photobleaching 

Flow chambers prepared as the Phase separation assay were imaged with a confocal 

LSM710 microscope (Zeiss), 100x/1.4 oil objective. Droplets were imaged for 1s before 

being bleached in a ROI inside the droplet with 5 iterations of 488 laser (100% power) and 

images taken every 200 ms. Analysis was performed in ImageJ using Stowers ImageJ 

plugin (https://research.stowers.org/imagejplugins/zipped_plugins.html). Traces were 

normalized with the first 5 frames being 100% and the minimal intensity value (right after 

FRAP) as 0%.  

 

 

 

 

 

 

 

 

https://research.stowers.org/imagejplugins/zipped_plugins.html


 

182 
 

  



 

183 
 

I. Imaging Microtubules in vitro at High Resolution while 
Preserving their Structure 

Following our publication MAP6 is an intraluminal protein that induces neuronal 

microtubules to coil (Cuveillier et al., 2020), we were asked to report in details the protocol 

used to image MT helices induced by MAP6. Briefly, I adapted the technic used for TIRF 

microscopy imaging by removing free tubulin from the samples and simultaneously fixing 

MTs with glutaraldehyde. This protocol allowed us to use high-resolution confocal imaging 

with airyscan processing and thus obtain precise data on helical MT structure. The protocol 

is detailed below in a publication in Bioprotocol (Cuveillier, Saoudi, et al., 2021).  
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II. Cryo-EM visualization of Neuronal Particles Inside 
Microtubules 

In order to precisely identify MAP6 localization in interaction with MTs, Sylvie Gory-Fauré 

and Julie Delaroche have established two protocols based on cryo-EM imaging. The first 

is based on cryo-tomography of MTs copolymerized with MAP6 in vitro. The second uses 

MT extraction from neuronal cells in culture followed by cryo-EM imaging. Actually, 

imaging microtubules directly in neurons is technically challenging because neurons have 

to be grown directly on EM gold grids. Since they are delicate cells, it is not trivial to keep 

them alive and in good shape until freezing. Overall these two protocols can be used as a 

basis to identify any protein suspected to be a neuronal MIP.  
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Discussion 

By using minimal in vitro reconstitution systems, we showed that MAP6 has a wide 

diversity of interactions and functions toward the cytoskeleton enlarging how we picture 

MAP6/cytoskeleton interplay.  

First, by observing MAP6 inside neuronal MTs, we identify the first neuronal Microtubule 

Inner Protein (MIP). As far as we know, this intraluminal localization is a unique feature 

not reported for other structural MAPs. MAP6 has unique MT-binding and -stabilizing 

domains, the Mn modules. Mn modules are defining MAP6 family of proteins and are found 

in MAP6d1 (MAP6 domain-containing protein 1), SAXO1 and SAXO2 (for Stabilizer of 

Axonemal microtubules 1 and 2) (Cuveillier, Boulan, et al., 2021). MAP6 and MAP6d1 are 

present only in vertebrate but SAXOs are found since the first eukaryotes. Using cryo-EM 

and single-particle analysis, the lab of Rui Zhang published a series of studies 

demonstrating that SAXO proteins are MIPs present in cortical MTs of Toxoplamsa gondii 

(SPM1) (S. Y. Sun et al., 2022; X. Wang et al., 2021). Also, SAXO proteins were found in 

singlet MTs of the central pair (FAP236) (Gui et al., 2022) and in the doublet MTs of 

Chlamydomonas reinhardtii motile flagella (FAP363) (Ma et al., 2019).  

The binding of FAP363 to the luminal side of MTs was resolved at the atomic level showing 

that an α-helix of 5 amino acids binds at the tubulin intradimer interface. Since the amino 

acid sequence corresponding to this helix is present in each 3 Mn modules of MAP6 and 

that deletion of these domains prevents MAP6 intraluminal localization (Cuveillier et al., 

2020), it suggests that Mn modules are the intraluminal binding domains of MAP6. Using 

this new structural information and the Mn module consensus define by Dacheux and his 

collaborators (Dacheux et al., 2015), we find that MAP6 sequence contains 2 additional 

homologies with the helix, possibly extending the number of Mn modules from 3 to 5. 

Interestingly, the 3 Mn modules initially identified in MAP6 sequence contain 3 conserved 

residues, R, A and W (Bosc et al., 2001) that are not present in the two newly identified 

Mn modules. These 3 amino acids are present in MAP6d1 Mn module and only in a few 

of SAXO proteins Mn modules. Is it possible that the appearance during evolution of these 

3 residues provided to MAP6 the ability to bind on both the outside and the inside of MTs? 

To answer this question, it would be interesting to do mutagenesis of these 3 residues and 

observe MAP6 localization on/in MTs by cryo-electron tomography. Also, the fact that 2 

additional Mn domains are present in MAP6 can also explain why MAP6 ΔMn mutant 

(deleted for 3 Mn out of 5) retains MT binding and nucleation properties (Results II.2.).  
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While the cysteine-rich N-terminal is highly conserved only between MAP6 and MAP6d1, 

the N-terminal of SAXO proteins also contains cysteines that respond to a completely 

distinct consensus. For MAP6 and MAP6d1, these cysteines are palmitoylated to target 

them to membranous compartment (Gory-Fauré et al., 2006, 2014; Tortosa et al., 2017). 

Moreover, this N-terminal domain is required for MAP6 intraluminal localization and for MT 

nucleation activity. This gives rise to several questions: are the cysteines directly involved 

in these activities given that SAXO protein is palmitoylated in T. gondii (Caballero et al., 

2016)? Is this N-terminal domain required for SAXO proteins intraluminal localization? 

Since non-centrosomal MT nucleation in neurons can occur from membranous 

compartment like Golgi outposts or endosomes, it is tempting to think that MAP6 could be 

able to nucleate MTs at these localizations. However, we found that the N-terminal is 

crucial for MT nucleation and being tethered to membranes could prevent MAP6-mediated 

MT nucleation. Performing MT regrowth assay in cells co-labelled with different 

membranous compartment could help investigating this possibility.  

The role of MAP6 in neuronal development has been partially assigned to its relocalization 

from Golgi vesicles to MTs. In fact, MAP6 has to be depalmitoylated to relocate to MTs 

and stabilize them at the proximal part of the axon (Tortosa et al., 2017). This timing is 

consistent with the suspected role of MAP6 the formation and/or maintenance of the Axon 

Initial Segment (AIS) (Hamdan et al., 2020; Tortosa et al., 2017). I would like to improve 

this scheme by proposing that this transition from vesicles to MTs could be the timing at 

which MAP6, by promoting MT nucleation at the proximal part of the axon, enters inside 

those MTs to make them highly stable. Indeed, several experiments suggest that MAP6 

intraluminal localization in neurons occurs within the AIS. FRAP experiments on MAP6-

GFP in the proximal part of axons result in the absence of total recovery that could be due 

to the bleach of intraluminal MAP6-GFP that cannot be turned over (Tortosa et al., 2017). 

Moreover, while MAP6 staining on neuronal MTs can be observed broadly, detergent-

resistant MAP6 staining localize specifically at the AIS of neurons (Hamdan et al., 2020). 

Thus, the more stable pool of MAP6 in neurons is found within the axon initial segment. 

Cryo-EM images of the proximal axon to analyze the number of MIPs in WT and MAP6-

KO neurons could help corroborate this hypothesis. 

An important question remains: what is the functional role of MAP6 as a Microtubule Inner 

Protein? At the structural level, we demonstrate that MAP6 induces a specific MT lattice 

conformation leading to the formation of helical MTs. This helix is due to a differential 

lattice compaction between protofilaments that allosterically propagates along the MT. 

This produces strain-energy compensated by the extrusion of tubulin dimers from the MT 

lattice thus forming persistent holes. Recently, the number of MIPs in neuronal MTs has 
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been correlated with neuronal differentiation. Moreover, a higher number of MIPs are 

present on curved portions of MTs (Chakraborty et al., 2022). I do not believe that perfectly 

helical MTs as we observed in vitro exist in a cell. Numerous factors like the nucleotide 

state, isotypes of tubulins, PTMs or MAPs were shown to alter MT lattice compaction and 

structure (Cross, 2019) and thus should counteract, at least in part, MAP6 effect on MT 

shape. Also, the pitch of those helixes is quite long (5.5 µm) even for extended processes 

like axons and mechanical constrains produced by the irregular shape of neuronal 

extensions would necessarily alter these MT helixes. However, at a much smaller scale, 

in the range of tens to hundreds of nanometers, this specific lattice extension/compaction 

imposed by intraluminal MAP6 could result in MTs with a specific molecular identity. 

Accordingly, several MAPs were shown to recognize specific MT lattice compaction in 

straight or curved states, including DCX (Ettinger et al., 2016), CKAP2 (McAlear & 

Bechstedt, 2022), EB proteins (Guesdon et al., 2016), Tau (Samsonov et al., 2004) or 

molecular motors like kinesin-1 (Jager et al., 2022). Interestingly, kinesin-1 is sequentially 

moving from one neurite tip to another before accumulating at the tip of the future axon 

(Jacobson et al., 2006). This re-localization of kinesin-1 occurs before dendritic MT 

orientation has been setup suggesting that a particular signal at the proximal part of the 

future axon is present. Re-localization of MAP6 from vesicles to the lumen of MTs could 

generate this signal. By producing MTs with a particular lattice structure, MAP6 could help 

kinesin-1 enrichment to this particular neurite. Supporting this hypothesis, it has been 

shown that kinesin-1 (KIF5B) almost exclusively binds to MAP6 positive MTs in MRC-5 

cells and that MAP6 knock-down impairs KIF5B mediated transport by reducing the 

number of runs in neurons (Tortosa et al., 2017).  

MAP6 is not present on/in all MTs in neurons and work in the team indicated that MAP6 

colocalizes with stable MT populations like detyrosinated and acetylated MTs. It was 

shown that a decreased MAP6 expression reduces detyrosinated MT levels (Qiang et al., 

2018) but it is also possible that MAP6 affects acetylated MT levels. Indeed, by producing 

holes in the MT lattice, MAP6 could help the entry of the α-TAT (alpha-tubulin acetyl 

transferase) that need entry points to reach the lysine 40 in the luminal side of the MT. It 

was shown that α-TAT enters inside MTs by the ends or through holes in the lattice in vitro 

(Coombes et al., 2016), a process that might be true in cells (Nihongaki et al., 2021). 

Combining the facts that kinesin-1 itself can induce lattice damage (Andreu-Carbó et al., 

2022; Triclin et al., 2021), that it preferentially interacts with MAP6-positive (Tortosa et al., 

2017) and acetylated MTs (Reed et al., 2006; Tas et al., 2017) and that the α-TAT is 

transported on vesicles along axonal MTs to induce their acetylation (Even et al., 2019), 

we can speculate a general picture where intraluminal MAP6 introduces a positive 
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feedback loop by promoting kinesin-1 runs and α-TAT entry ultimately leading to a precise 

and timed acetylation of those MTs. Moreover, during neuronal polarization MAP6 can be 

transported on Rab6 vesicles to the distal part of neurites (Tortosa et al., 2017). Since 

Rab6 vesicles can be transported by kinesin-1 (Grigoriev et al., 2007), it could even 

provide tracks to transport MAP6 further down the neurites of the developing neuron. This 

is an example of how MAP6 could imprint molecular identity to MTs allowing the 

recruitment and/or exclusion of various microtubule-associated proteins, thus specifying a 

subpopulation of MTs. Along this line, it was recently shown that other MAPs like Tau are 

able to define portion of MT identity through the formation of external envelopes 

suggesting that means of defining MT specific identities can be diverse and unexpected 

(Siahaan et al., 2019; Tan et al., 2019). At a more structural level, it is interesting to note 

that helical MTs induced by intraluminal MAP6 have a simultaneous gradient of lattice 

compaction with expanded lattice on the outside of the helix and compacted on the inside. 

As it was demonstrated that kinesins follow the protofilament axis (Ray et al., 1993) and 

that MAP6 allosterically propagates lattice compaction, extended and compacted 

protofilaments on the same MT could provide specific tracks for motors and thus limit traffic 

jams (Leduc et al., 2012).  

Finally, on top of this hypothetic MT identity, lattice compaction state is recently emerging 

as a potential factor providing MT stability. Indeed, cryo-EM of GMPCPP and taxol MTs 

(Alushin et al., 2014) or MT kept in a GTP-bound state thanks to catalytic site mutagenesis 

(LaFrance et al., 2022) have an expanded lattice compared to unstable GDP-MT. 

Moreover, lattice expansion induced by some proteins like kinesin-1 (Peet et al., 2018) or 

more recently CAMSAP3 (H. Liu & Shima, 2022) was linked to MT stabilization. Is it the 

case for MAP6? Since MAP6 is able to stabilize MTs from outside (when added post-

polymerization or using extraluminal MAP6Δ4-35), a clear experiment demonstrating a 

benefit for MT stability from the inside is lacking.  

Altogether and in summary, these pieces of data raised several questions: is MAP6 able 

to imprint molecular identity to MTs? If yes, is it due to MAP6 MIP or MAP activity? And 

finally, what are the functional outcomes? Determining the structure of MAP6 and MT in 

interaction as well as investigating how molecular motors walk or how severing enzymes 

cut MTs containing MAP6 would be extremely interesting. 

Despite important efforts, the molecular mechanism of MT nucleation by MAP6 is still 

unclear. In fact, deletion mutants of MAP6 brought only partial information. The 4-35 and 

K domains are both necessary but insufficient to promote MT nucleation. Three aspects 

of the protein seem to be necessary: the oligomerization state, the MT/tubulin binding 



 

213 
 

domains and the flexibility/conformation of the protein. The precise identification of MAP6 

domains required for oligomerization is lacking and might be different for MAP6 

oligomerization either alone or in the presence of tubulin (which requires the 4-35 domain). 

Interestingly, a chimeric tetramer of a peptide derived from Tau that binds to the luminal 

part of MTs promotes MT nucleation (Inaba et al., 2022). In this study, the authors show 

that both intraluminal binding and tetramerization are required for nucleation. In the same 

idea, tetramerization of a positively charged peptide (seven lysines interspaced by alanine 

residues) was able to recapitulate many of MAP6 observed functions (Drechsler et al., 

2019) further pointing toward a role of oligomerization or at least, multivalency, in MAP 

functions (Braun et al., 2020). For instance, this chimeric construct tracks MT 

depolymerizing ends, just like MAP6, as well as promotes MT nucleation. MAP6 is a basic 

protein (pI= 9.5) and its K domain, rich in positively charge residues like lysines and 

arginines, is important for most of cytoskeletal-related MAP6 functions studied in this PhD. 

Microtubules, like actin filaments, can be considered as polyelectrolyte (Minoura & Muto, 

2006; Tang et al., 1997) due to the long chain of negatively charged monomers. This 

biochemical nature of these polymers allows non-specific interactions of oppositely 

charged molecules. While this non-specific interaction could seem to produce “artifactual” 

functional effects as shown by the use of chimeric proteins (Drechsler et al., 2019; Inaba 

et al., 2022; Tang & Janmey, 1996), it might be a core feature of MAPs. As such, it was 

shown that mutating charged amino acids of associated proteins like dynein and kinesins, 

even away from their MT binding site, affects their interaction and movement on MTs 

(Grant et al., 2011; Pabbathi et al., 2022). With this in mind, the function of MAP6 K domain 

might be to bring MAP6 in close proximity to the MT lattice through its positive charges 

ultimately allowing the binding of the specific and functional Mn domains. Indeed, since 

some but not all MT-related functions of MAP6 were recapitulated by this chimeric protein 

(Drechsler et al., 2019), specific binding and protein conformation are probably central for 

each MAP particular effect on MTs. This binding through opposite electrostatic charges 

can also question the data obtained concerning actin-related MAP6 activities. One could 

think that MAP6 promotes actin nucleation and bundling only because it is a positively 

charged protein as it was experimentally observed with chemicals or synthetic peptides 

(Tang & Janmey, 1996). While the only way to prove the relevance of these activities is to 

observe them in a cell, several arguments in favor of a specific effect can be made. Mc 

modules have a pI (isoelectric point) almost equivalent to WT MAP6 (9.3 and 9.5 

respectively) but are not able to recapitulate nucleating and bundling functions as strongly 

as the WT. Also, RMN and crosslinking followed by mass spectrometry of the disordered 

protein ADAP in interaction with actin reveals that short KP (lysine, proline) motives are 

required for ADAP’s ability to nucleate F-actin (Dadwal et al., 2021). Sequence analysis of 
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MAP6 shows that 10 out of 13 KP motives are present in the main actin nucleation domain 

(K domain) suggesting that MAP6 could share this novel actin nucleation mechanism. On 

top of oligomerization, protein charge and specific binding domain, the conformation of 

MAP6 protein appears crucial for its functions. It can seem of less importance for a highly 

disordered protein but since both the Mc and C domains were not interacting by 

themselves with MTs, F-actin or tubulin and that their removal is affecting MAP6 wild-type 

functions, it is likely that they affect how MAP6 is able to fold or be flexible when engaged 

in interactions. A precise determination of MAP6 conformations in solution (i.e. 

determination of its hydrodynamic radius and the molecular weight of complexes) either 

alone or in complex with tubulin/G-actin would be highly informative. Advanced 

biochemical characterization technics like SEC-MALLS, analytical centrifugation or DLS 

are great tools for this type of study.  

In the literature, the most direct evidence for actin nucleation in close relation to MTs is the 

work from L. Blanchoin and M. Théry’s lab where they show that the centrosome is not 

only a MTOC but also an actin-organizing center (Farina et al., 2016) that regulate MT 

growth in order to properly position the centrosome (Inoue et al., 2019). These results give 

rise to two hypotheses. The first is that the Golgi could show the same behavior as a 

simultaneous actin/MT organizing centers. Microtubules can be nucleated from the Golgi 

and several actin nucleators are found to participate in F-actin nucleation from Golgi 

compartments (Egea et al., 2013). As MAP6 is strongly enriched at the Golgi (Gory-Fauré 

et al., 2006, 2014; Tortosa et al., 2017), could we purify Golgi vesicles and assess 

simultaneous actin and MT nucleation from these vesicles like it was done for 

centrosomes? And in that case, could MAP6 participate in MT and/or actin nucleation? 

The second hypothesis concerns the potential role of MAP6 at the centrosome. Even if 

MAP6 is not found in proteomes of centrosomes, it has been observed colocalizing with 

centrosomal proteins by immunofluorescence in the lab (unpublished data). Investigating 

the role of MAP6 for centrosomal actin and MT organization would be interesting. Going 

further, the centrosome is repurposed at the plasma membrane to form the cilia of non-

dividing cells, in a process involving both actin and MT remodeling (Pitaval et al., 2017). 

Several lines of evidence could incite a more focused research on MAP6 function in 

neuronal cilia formation and physiology. First, MAP6 and the MAP6 family SAXO proteins 

are found in cilia when overexpressed in serum-starved RPE1 cells (Dacheux et al., 2015). 

Also, the cilium is a MT-based organelle that contains numerous MIPs potentially including 

MAP6. In neurons, the primary cilia have been implicated in the regulation of neuronal 

migration (Stoufflet et al., 2020). It is possible that the migratory deficit of MAP6-depleted 

neurons (Tortosa et al., 2017) is linked to cilia function. Moreover, neuronal primary cilia 
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of CA1 hippocampal neurons were recently shown to form synapses with serotoninergic 

neurons (Sheu et al., 2022). Is there a link between this novel type of synapses and the 

important reduction (≈50%) of serotonin (5-HT) and its recapture receptor SERT in the 

hippocampus of MAP6 KO mice (Fournet et al., 2010)? Finally, the role of cilia in 

psychiatric disorder such as schizophrenia is emerging. In fact, neuroepithelial cells from 

schizophrenic patients show a reduced number of primary cilia (Muñoz-Estrada et al., 

2018) and a dysregulation of more than 40% of brain-expressed cilia-related genes 

(Alhassen et al., 2021). Interestingly, actin is found in the axonemal part of the cilia and 

actin nucleators such as Arp2/3 and some formins are involved in cilia biogenesis and 

function (Brücker et al., 2020). All this information is tempting arguments to look at MAP6 

function in the neuronal cilia and especially its possible ability to nucleate F-actin and MTs 

in these structures. 

Only few convincing evidences of F-actin nucleation from MTs exists. First, an in vitro 

reconstitution system shows nucleation of F-actin from a MT tip by recruiting a 

CLIP170/mDia1 complex to growing MT through EB1 (Henty-Ridilla et al., 2016). Another 

also involves a MT tip complex, this time with APC, that would promote the formation of 

branched actin network from pioneer MTs in neuronal growth cones (Efimova et al., 2020). 

Both examples involve a complex of several proteins at the MT tip. Interestingly, MAP6 

works independently of +TIP proteins, at least in vitro. Specific events of F-actin 

polymerization from MT tip and side has been observed in plant cells (Arabidopsis 

thaliana) when treated with latrunculin and washed out (Sampathkumar et al., 2011). As 

MAP6 KO neurons have a decreased number of dendritic spines (Peris et al., 2018), local 

nucleation of actin filament from MTs to initiate filopodia and thus spine formation might 

be impaired. Interestingly, MAP6-interacting partner spinophilin was also shown to 

regulate spinogenesis through F-actin interactions (Terry-Lorenzo et al., 2005; Zito et al., 

2004) and is regulated by Ca2+/CAMKII signaling (Grossman et al., 2004) suggesting that 

spinophilin and MAP6 could participate in F-actin regulation downstream of CAMKII during 

spinogenesis or dendritic spine maturation.  

Following actin nucleation, MAP6 ability to bundle F-actin could participate in force 

generation against the plasma membrane and more interestingly, provide molecular 

identity to this F-actin structure. Indeed, it was shown that the spacing between F-actin in 

bundles was an important factor to include or exclude other F-actin binding proteins 

(Winkelman et al., 2016). In the same idea, cofilin decorated filaments (cofilactin) excludes 

fascin in neuronal growth cone to make distinct filament populations (Hylton et al., 2022). 

F-actin in MAP6-induced bundles are tightly packed together and could thus promote the 
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binding of other compact bundlers such as fascin (Cohan et al., 2001) or any other actin-

binding protein able to recognize this specific structure.  

For me, two important questions regarding MAP6 functions are still unresolved. First, why 

do MAP6 KO neurons have such a drastic decrease in presynaptic vesicles (Andrieux et 

al., 2002, 2006)? Second, what is the role of the C-terminal domain, the only difference 

between the two neuronal MAP6, MAP6-N and MAP6-E?  

Concerning the presynaptic vesicles, two main aspects can be involved, the transport of 

synaptic vesicles or their recycling. As explained above, MAP6 could play an important 

role in axonal transport through its MT stabilization activities and possibly intraluminal 

localization. In fact, treating MAP6 KO mice with Epothilone D partially rescues the number 

of presynaptic vesicles (Andrieux et al., 2006). Moreover, synaptic vesicles are transported 

in axons toward synaptic terminals in lysosomal-related vesicles (Vukoja et al., 2018) and 

MAP6 was shown to modulate lysosomal transport in neurons (although, this was studied 

in dendrite there) (Schwenk et al., 2014). It was shown that a defect in transport could 

increase the number of proteins related to synaptic vesicles in the soma compared to 

presynaptic terminals (Hall & Hedgecock, 1991). It would be an easy way to assess if 

MAP6 KO neurons are defective in synaptic vesicles axonal transport. Also, distal 

transport of synaptic vesicles between presynaptic terminal was shown to rely on actin 

polymerization in a PKA-dependent manner (Chenouard et al., 2020). Since MAP6 

nucleates F-actin and is phosphorylated by PKA in vitro (unpublished data), it would be 

interesting to see how phosphorylation of MAP6 by PKA affects its ability to nucleate F-

actin and if it could participate in the control of synaptic vesicles transport. Concerning the 

recycling at the presynaptic level, no direct evidence of MAP6 exists at the moment. 

However, several endocytosis-related proteins were shown to interact with MAP6 like 

SNAP25, and intersectin-1 among others (Cuveillier, Boulan, et al., 2021) and MAP6 was 

found in proteomic analysis of both pre- and post-synaptic compartments (Cheng et al., 

2006; Collins et al., 2006; Munton et al., 2007; Peng et al., 2004; Weingarten et al., 2014) 

suggesting a role of MAP6 directly at the synapse. Interestingly, actin remodeling is at the 

basis of all types of presynaptic endocytosis (X.-S. Wu et al., 2016). Could MAP6 play a 

role in synaptic vesicles recycling either by modulating endocytic effectors, actin 

polymerization or both? Finally, the reduction of presynaptic vesicle number is reminiscent 

of the synapsin triple KO (synapsin I, II and III) that show a similar reduction of presynaptic 

vesicles number (Milovanovic et al., 2018). It was shown that synapsin was able to cluster 

synaptic vesicles through phase separation mechanisms and that MAP6 partner 

intersectin-1 was promoting synapsin phase separation in vitro. Moreover, CAMKII 

phosphorylation of synapsin reverses the synapsin/synaptic vesicles phase in vitro, 
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promoting their de-clustering which could allow synaptic vesicles fusion and 

neurotransmitter release (Milovanovic et al., 2018). MAP6 is a known substrate of CAMKII 

that releases MAP6 from MTs upon phosphorylation to relocate MAP6 to actin rich regions 

as well as to the pre- (synapsin positive) and post-synaptic (homer positive) compartments 

(Baratier et al., 2006). This suggest that MAP6 could be needed after synaptic vesicles 

de-clustering following synapsin phosphorylation in order to regenerate the pool of 

synaptic vesicles through endocytosis. 

The C-terminal domain of MAP6-N is the only difference between MAP6-N and -E. Also, 

these two isoforms have different expression profiles during neuronal development with 

MAP6-E being expressed from embryonic to mature stages at the same level and MAP6-

N not expressed at birth but expressed at high levels during neuronal maturation (Tortosa 

et al., 2017). What MAP6-N does that MAP6-E does not? The intraluminal localization of 

MAP6-N as a MIP has not been observed with MAP6-E but I do not rule out the possibility 

that MAP6-E is able to enter MTs. More careful experiments to answer this question are 

required. It is also probable that several binding partners are exclusive to MAP6-N as it is 

the case for TMEM106B (Schwenk et al., 2014) and relate to specific activities for each 

isoforms. Finally, the most recent and striking difference between both isoforms is the 

ability of MAP6-E but not -N to phase separate with tubulin. A difference of phosphorylation 

during the expression of recombinant proteins in insect cells that would affect the ability to 

phase separate is a possibility and thus prevent us to claim that the C-terminal of MAP6-

N impairs phase separation events. However, we have found that keeping the C-terminal 

domain in MAP6-GFP constructs was a great asset to promote the “solubility” of the 

proteins and we used this feature for our second study (Results II.2). This suggests that 

MAP6-N and -E behave differently in phase separation assays due to the C-terminal 

domain. It is possible that in cells, specific PTMs that are not present in our recombinant 

protein system could trigger on and off states of phase separation by regulating C-terminal 

domain intra and intermolecular interactions. MAP6-E does not phase separate on its own 

and requires tubulin as a partner protein to phase separate. Is it possible that MAP6-N 

phase separate with other partner proteins? MAP6 partner α-synuclein is phase separating 

(Sawner et al., 2021) and another partner, intersectin-1, was shown to promote synapsin-

1 phase separation (Milovanovic et al., 2018). Also, the 28 repeats of the C-terminal 

domains are suspected to be RNA-binding domains and several studies show that another 

structural MAP, Tau, is phase separating with RNAs (Wegmann, 2019). Moreover, TIA1 

which is an RNA-binding protein found to interact with MAP6 was shown to promote Tau 

phase separation (Ash et al., 2021). Interestingly, bioinformatic analysis of MAP6 

propensity to phase separate using the Parse algorithm 
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(http://folding.chemistry.msstate.edu/utils/parse.html) shows a profile similar to Tau with 

small stretches of phase separation-prone amino acids. Conversely, other known phase 

separating proteins such as FUS or TDP43 possess one long sequence predicted to 

promote phase separation followed by a more folded domain. This difference might be 

linked to the need for MAP6 and Tau to bind to tubulin in order to phase separate without 

crowding agents (Hochmair et al., 2022). 

The correlation of MAP6-N expression levels with mature neuronal systems suggests that 

MAP6-N could be more especially involved in synaptic physiology than MAP6-E. Is it 

possible that MAP6-N phase separate at the synapse? It is now clear that ph ase 

separation is central in the physiology of both pre- and post-synaptic compartments (X. 

Chen et al., 2020). Phase separation of MAP6 protein could also be a more general feature 

of this family of protein. Membraneless “aggregates” of SL21 that are reminiscent of phase 

separated compartment were reported in cells using immunogold labelling and electron 

microscopy (Gory-Fauré et al., 2014). It would be interesting to look at the ability of MAP6 

family members to phase separate. However, testing this in an unambiguous way might 

be difficult because since MAP6-N phase separate in presence of crowding agent but not 

with tubulin, finding the right experimental conditions is tricky.  

I would like to end this discussion with a thought on the role of MAP6-E phase separation. 

It seems that this feature improves MAP6-E over MAP6-N ability to nucleate MTs. MAP6-

E is expressed early in neuronal development when important MT nucleation occurs 

(Yamada & Hayashi, 2019) and total MT mass was found decreased in young neurons 

depleted from MAP6 (Qiang et al., 2018). Is it possible that MAP6-E participate in MT 

nucleation at these early steps through a phase separation mechanism? The only cellular 

evidence of phase separation-mediated MT nucleation concerns the centrosome of C. 

elegans embryo (Woodruff et al., 2017) and demonstrating such a possibility in neurons 

will be extremely challenging. Finally, MAP6-E interacts with G-actin without forming LLPS 

but is able to co-condensate tubulin and G-actin. Would it be possible, by adjusting the 

buffer conditions, to artificially reproduce a minimal MT/actin organizing center similar to a 

centrosome in vitro? Such results could support the idea that the centrosome is a phase 

separation-based organelle (Raff, 2019; Woodruff, 2018). MAP6-E phase separation 

might also be involved in cellular functions unrelated to the cytoskeleton. Indeed, MAP6-

E is involved in the semaphorin-3E signaling pathway, at the level of the tripartite receptor 

composed of VEGFR2, Nrp1 and PlxD1, independently of its Mn modules (Deloulme et 

al., 2015). It was latter shown that this signaling pathway is mediated by the clustering of 

the Semaphorin-3E receptor in specific detergent-resistant membrane compartment 

(Boulan et al., 2021). Recent evidence suggest that protein phase separation could 
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participate in the formation of specific membrane compartments in vitro (I.-H. Lee et al., 

2019). This can be related to the phase separation of PSD components that leads to a 

defined clustering of postsynaptic receptors (Zeng et al., 2018). Thus, MAP6-E role in 

semaphorin-3E signaling might be to cluster the three elements of the receptor in specific 

detergent-resistant membrane compartment through a phase separation mechanism. A 

similar hypothesis can be done for the ability of MAP6 to regulate Cav2.2/N-type calcium 

channels localization (Brocard et al., 2017). 

In conclusion, we show that MAP6 is a multifunctional protein with unique activities. MAP6 

is the first neuronal Microtubule Inner Protein identified. Also, MAP6 is the only protein 

known to have dual nucleating activities of both actin and microtubules. Moreover, MAP6 

is also able to interact simultaneously with several elements of the cytoskeleton, thus 

coordinating their organization. Finally, MAP6 is able to phase separate. Most probably 

these different functions are regulated by post-translational modifications and are sensitive 

to “local” concentration of MAP6 itself within specific sub-cellular compartments (dendritic 

spines, centrosome vicinity, lipid rafts, etc..). In any case, these new results open new 

perspectives on how we picture MAP6 function as a regulator of the cytoskeleton but also 

for its cytoskeleton-unrelated functions.  
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Résumé 

Du développement d'un neurone, en passant par la morphogenèse et la migration, 

jusqu'aux stades de maturité avec des événements de plasticité, toutes les étapes de la 

vie d'un neurone nécessitent le cytosquelette neuronal. Les filaments d'actine et les 

microtubules (MT) sont les principaux éléments du cytosquelette. Ce sont des polymères 

dynamiques régulés par des protéines associées qui les aident à s'assembler, à se 

désassembler ou à se stabiliser et à s'organiser en structures spécifiques. La protéine 

associée aux microtubules 6 (MAP6) est connue pour sa capacité unique à stabiliser les 

MTs neuronaux. MAP6 régule également le cytosquelette d'actine dans les épines 

dendritiques pendant les événements de plasticité neuronale. La régulation par MAP6 des 

cytosquelettes de MTs et d'actine est nécessaire au développement et au fonctionnement 

normal des neurones et affecte le comportement et les capacités cognitives des souris. À 

ce titre, la souris knock-out MAP6 est un modèle de schizophrénie. Une compréhension 

précise de la manière dont MAP6 interagit et module le cytosquelette faisait défaut au 

niveau moléculaire.  

En utilisant des systèmes de reconstitution in vitro, nous avons montré que MAP6 est un 

stabilisateur des MTs qui induit la formation de MTs hélicoïdaux. En démontrant que la 

formation de MTs en hélices est due à la localisation de MAP6 dans la lumière des MTs, 

nous avons identifié la première protéine interne des microtubules (MIP) neuronale. Cette 

découverte ouvre la voie au décryptage du rôle physiologique des MIPs neuronales.  

Il est maintenant clair que certaines protéines impliquées dans la régulation des MTs ou 

de l'actine sont en fait capables de réguler les deux cytosquelettes. En analysant 

l'assemblage des MTs et de l'actine en présence de MAP6 dans des systèmes séparés et 

simultanés, nous identifions MAP6 comme la première protéine capable de promouvoir la 

nucléation des MTs et des filaments d'actine. De plus, la nucléation des MT et les activités 

MIP de MAP6 sont liées. MAP6 structure également le cytosquelette en formant des 

faisceaux d'actine et en réticulant les filaments d'actine avec les microtubules. Enfin, nous 

montrons que les isoformes de MAP6 régulent de manière différentielle le cytosquelette 

par des mécanismes de séparation de phase. Globalement, l'utilisation de systèmes de 

reconstitution in vitro nous a permis de démontrer que MAP6 est un régulateur 

multifonctionnel du cytosquelette.  
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Abstract 

From the development of a neuron through morphogenesis and migration to mature stages 

with plasticity events, all stages of a neuron’s life require the neuronal cytoskeleton. Actin 

filaments and microtubules (MT) are the main elements of the cytoskeleton. They are 

dynamic polymers regulated by associated proteins that helps them assemble, 

disassemble or stabilize and organize them in specific structures. The Microtubule 

Associated Protein 6 (MAP6) is known for its unique ability to stabilize neuronal MTs. 

MAP6 also regulate the actin cytoskeleton in dendritic spines during neuronal plasticity 

events. MAP6 regulation of the MT and actin cytoskeletons is required for normal neuronal 

development and function and affects mice behavior and cognitive abilities. As such, 

MAP6 knock-out mouse is a model of schizophrenia. A precise understanding of how 

MAP6 interacts and modulates the cytoskeleton was lacking at the molecular level.  

By using in vitro reconstitution systems, we showed that MAP6 is a MT stabilizer that 

induces MT coiling. By demonstrating that MT coiling is due to MAP6 localization in the 

MT lumen, we identified the first neuronal Microtubule Inner Protein (MIP). This discovery 

paves the way to decipher the physiological role of neuronal MIPs.  

It is now clear that several proteins involved in either MT or actin regulation are in fact able 

to regulate both cytoskeletons. By analyzing MT and actin assembly in the presence of 

MAP6 both in separated and simultaneous systems, we identify MAP6 as the first protein 

able to promote both MT and actin filament nucleation. Moreover, MT nucleation and 

MAP6 MIP activities are linked. MAP6 is also structuring the cytoskeleton by forming actin 

bundles and crosslinking actin filaments with microtubules. Finally, we show that MAP6 

isoforms differentially regulate the cytoskeleton through phase separation mechanisms. 

Overall, the use of minimal reconstitution systems allowed us to demonstrate that MAP6 

is a multifunctional regulator of the cytoskeleton.  

 


