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Abstract 

Decades of research have demonstrated that microbial degradation remains the major strategy used 

for bioremediation of hydrocarbons. However, in recent times, focus has shifted to improving the 

efficiency of the degradation process. This interest has further driven the search for strains with 

versatile metabolic capability to access, assimilate and degrade a wide range of hydrocarbons. 

Furthermore, understanding hydrocarbon biodegradation mechanisms and pathways has become 

crucial to designing more efficient bioremediation strategies. This can be achieved through the 

characterization of signatures metabolites, particularly carboxylic acids, produced during the 

degradation process. This interest has been reinforced by the extensive and robust developments in 

chromatographic and mass spectrometric methods.  

Three bacteria, Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5 isolated 

from a crude oil polluted soil, were studied to understand the mechanism by which they circumvent 

the very low bioavailability of long-chain alkanes in aqueous medium and utilize them. Results 

showed none of the strains produced biosurfactant, but growth occurred only when the cells had 

access to the alkane-water interface through biofilm formation. This interfacial access to alkanes 

was also supported by the ability of the strains to adhere to hydrocarbons and was an important 

property of these strains to form a biofilm and utilize hydrocarbons as carbon and energy source. 

Furthermore, the capability as well as understanding the pathway to degrading a wide range of 

hydrocarbons in the saturated fraction of Congo Bilondo crude oil by the three bacteria was 

examined. The study combined the efficiency of GC-MS and LC-MS for characterizing the 

hydrocarbons and comprehensive screening of carboxylic acid metabolites, respectively. Results 

showed that the strains can efficiently use as carbon and energy source the n-alkanes (C10 - C28) as 

well as methyl-substituted alkanes (C11 - C26). The series of mono-, hydroxy- and dicarboxylic acids 

found in this study confirmed the active biodegradation of the alkanes and suggest that their 

degradation was via the bi-terminal oxidation pathway. The results highlight the potential 

application of the strains in bioremediation of crude oil contaminated sites. Biofilm-mediated 

bioremediation is a promising approach to efficient cleanup of hydrocarbons.  

Keywords: Biofilm, Biodegradation, Gordonia, Novosphingobium, Carboxylic acids, SARA 

 

 



 

xvi 
 

 

 



Résumé 

xvii 
 

Résumé 

Des décennies de recherche ont démontré que la dégradation microbienne reste la principale 

stratégie utilisée pour la bioremédiation des hydrocarbures. Cependant, ces derniers temps, 

l'attention s'est portée sur l'amélioration de l'efficacité du processus de dégradation. Cet intérêt a 

encore poussé la recherche de souches ayant une capacité métabolique polyvalente pour accéder, 

assimiler et dégrader une large gamme d'hydrocarbures. De plus, comprendre les mécanismes et les 

voies de biodégradation des hydrocarbures est devenu crucial pour concevoir des stratégies de 

bioremédiation plus efficaces. Ceci peut être réalisé grâce à la caractérisation des métabolites 

signatures, en particulier les acides carboxyliques, produits au cours du processus de dégradation. 

Cet intérêt a été renforcé par les développements importants et robustes des méthodes 

chromatographiques et spectrométriques de masse. 

Trois bactéries, Novosphingobium sp. S1, Gordonia amicalis S2 et Gordonia terrae S5 ont été 

isolées d'un sol pollué par du pétrole brut et étudiées pour comprendre le mécanisme par lequel elles 

contournent la très faible biodisponibilité des alcanes à longue chaîne en milieu aqueux et les 

utilisent. Les résultats ont montré qu'aucune des souches ne produisait de biosurfactant, mais la 

croissance ne se produisait que lorsque les cellules avaient accès à l'interface alcane-eau par la 

formation de biofilm. Cet accès interfacial aux alcanes était également soutenu par la capacité des 

souches à adhérer aux hydrocarbures et était une propriété importante de ces souches pour former 

un biofilm et utiliser les hydrocarbures comme source de carbone et d'énergie. 

La capacité ainsi que la compréhension de la voie de dégradation d'un large éventail d'hydrocarbures 

dans la fraction saturée du pétrole brut Congo Bilondo par les trois bactéries ont été examinées. 

L'étude a combiné l'efficacité de la GC-MS et la LC-MS pour respectivement caractériser les 

hydrocarbures et identifier des acides carboxyliques métaboliques. Les résultats ont montré que les 

souches peuvent utiliser efficacement comme source de carbone et d'énergie les n-alcanes (C10 - 

C28) ainsi que les alcanes méthyl-substitués (C11 - C26). La série d'acides mono-, hydroxy- et 

dicarboxyliques trouvée dans cette étude a confirmé la biodégradation active des alcanes et suggère 

que leur dégradation se faisait par la voie d'oxydation bi-terminale. Ces résultats mettent en évidence 

l'application potentielle des souches dans la bioremédiation des sites contaminés par le pétrole brut. 

La bioremédiation par biofilm est une approche prometteuse pour un nettoyage efficace des 

hydrocarbures. 

Mots clé : Biofilm, Biodégradation, Gordonia, Novosphingobium, Acides carboxyliques, SARA 
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Crude oil is an important resource with enormous energy and economic benefits. As  population and 

modernization of society continue to grow, crude oil is predicted to remain a primary source of 

energy and feedstock for industries in decades [1]. However, crude oil pollution remains inevitable 

during exploration, production, refining, transportation, and storage. Crude oil pollution causes 

serious environmental and health problems especially in oil producing countries. Soil contamination 

leads to limited use of ground water and decreased agricultural productivity due to the alteration in 

the physicochemical properties and biological activities in the soil [2]. Contamination of water 

bodies threatens aquatic life because of reduced light and oxygen penetration [3]. Genetic damage, 

impaired visual function and decrease in both growth and fecundity have also been reported in fish 

[4,5]. Toxicity in other animals includes liver damage, cancer, genotoxicity and oxidative stress [6].  

Microbial communities are also negatively affected resulting in reduction of species richness, 

evenness and phylogenetic diversity [7]. Consequently, there is the need for improved, less 

expensive, and more eco-friendly techniques to clean up hydrocarbon spills.  

Bioremediation remains increasingly a popular technique for the cleanup of petroleum hydrocarbon 

pollution because it’s less expensive, non-invasive, and more eco-friendly. Bioremediation 

essentially depends on microorganisms to degrade petroleum hydrocarbons to CO2 and H2O, 

through intermediate degradation products. As such, the metabolic potential and genetic machinery 

of microorganisms are assets in bioremediation. Reports have shown that bacteria can effectively 

degrade hydrocarbons to less toxic metabolites [8] through diverse metabolic pathways that involve 

intra- and extra-cellular enzymes [9]. However, in recent times, focus has shifted to improving the 

efficiency of the process. It is of common knowledge that the inherent low water solubility of 

hydrocarbons limits their accessibility and availability to the degrading bacteria.  Enhancing the 

bioavailability of and bioaccessbility of hydrocarbons, which would subsequently increase the rate 

of bioassimilation and biodegradation has become a focal point for optimization of hydrocarbon 

biodegradation. To overcome the hydrophobicity of hydrocarbons during biodegradation, bacteria 

adopt two known specific mechanisms; biosurfactant production and biofilm formation. Thus, the 

need to overcome this caveat is further driving the search for strains with efficient biosurfactant 

production and/or biofilm formation capabilities to optimize bioremediation.  

Furthermore, characterization of the metabolites produced during the degradation process, which 

are considered as signatures of the effectiveness of the bacterial transformations, is gaining in 

importance. It gives an insight into the microbial processes within and outside the cell during the 

biodegradation process. Such insights are important for the elucidation of hydrocarbon degradation 

mechanisms and pathways which is useful for designing more efficient bioremediation strategies. 
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This interest has been accompanied by the extensive and robust developments in analytical 

platforms, with particular surge in chromatographic and mass spectrometric methods [10]. Suitable 

signature metabolites are produced during active biodegradation and are specific to the parent 

hydrocarbon and/or to the biological process [11]. They include various alcohols, aldehydes, 

ketones, esters and, especially, carboxylic acids. The latter are produced in significant amounts 

during both aerobic and anaerobic biodegradation processes, and often occur at the convergence of 

several degradation pathways. Hence, over the years, carboxylic acids have served as useful 

metabolites and indicators of hydrocarbon biodegradation in both field and model studies. However, 

carboxylic acids occur at low concentration in complex matrices and could be transient, which 

represents a considerable challenge to the analyst. Nonetheless, chromatography with mass 

spectrometric detection has been established as reference technique, with the continuous and on-

going improvement of the chromatographic and mass spectrometric resolution and accuracy.  

This thesis aims at studying the mechanism of hydrocarbon degradation by soil bacteria for 

bioremediation application. The objectives include: 

• Enrichment, isolation, and identification of bacteria strains that degrade hydrocarbons from 

crude oil polluted soil 

• Physiological characterization of the strategies for accessing hydrocarbons as carbon and 

energy source during degradation by selected bacteria strains 

• Analytical characterization of extracellular metabolites produced during hydrocarbon 

biodegradation by selected bacteria strains 
 

The manuscript is organized as follows: 

• Chapter 1: « Literature review » focuses on the mechanism of bacterial metabolism and 

degradation of hydrocarbons and carboxylic acids as analytical targets of hydrocarbon 

biodegradation. 

• Chapter 2: « Materials and methods » presents the crude oil-polluted soil sampling site, 

bacteria enrichment and isolation workflow, molecular biology analysis and methods used 

for the biodegradation studies of model hydrocarbons and saturated fraction of Congo 

Bilondo crude oil. 

• Chapter 3: presents the degradation of long-chain alkanes through biofilm formation by 

selected bacteria isolated from crude oil-polluted soil. 
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• Chapter 4: focuses on biodegradation of saturated fraction of Congo Bilondo crude oil and 

elucidation of the degradation pathway through analytical determination of signature 

carboxylic acids. 

• Chapter 5: the thesis manuscript ends with a general conclusion and perspectives. 
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1. Literature review 

1.1 Crude oil 

Crude oil is a natural complex mixture composed of hydrocarbons and other organic and inorganic 

compounds found in geologic formations. The non-hydrocarbons compounds include heteroatoms 

(nitrogen (N), sulphur (S), and oxygen (O))-containing analogues of hydrocarbons, inorganics such 

as sulphur and trace elements (nickel (Ni), vanadium (V), iron (Fe), copper (Cu), etc.) [12].  The 

molecular composition of crude oil varies with location, age, and depth of the oil reservoir. 

Consequently, the physical properties of crude oil such as volatility, specific gravity, viscosity, and 

colour also vary.  

Crude oil is categorized into four fractions based on solubility, polarity, and adsorption affinity of 

the components.  

(i) Saturates are hydrocarbons having their carbon atoms linked by single bonds. They 

represent the highest portion of crude oil composition [8]. The carbon chains could 

be aliphatic or branched such as in alkanes. Cycloalkanes also contain one or more 

saturated rings.  

(ii) Unsaturated or aromatic hydrocarbons contain one or more fused aromatic rings. 

Accordingly, aromatic hydrocarbons can be monoaromatic such as benzene, toluene 

and xylene or polycyclic aromatic hydrocarbons (PAHs) such as naphthalene (two-

ringed), phenanthrene (three-ringed) and chrysenes (four-ringed) etc. Aromatic 

hydrocarbons could also be substituted with linear, branched, or cyclic alkyl groups.  

(iii) Resins are high molecular weight non-hydrocarbon containing numerous polar 

functional groups formed with heteroatoms (N, S, and O) and trace metals (Ni, V, 

Fe, Cu). Resins can contain several aromatic rings or naphthenic acids and are 

abundant in heavy and non-conventional crude oils, such as bitumen [8]. Resins are 

precursors and peptizing agents for asphaltene.  

(iv) Asphaltenes are viscous, high molecular weight and the most water insoluble fraction 

in crude oil. This fraction also contains compounds with metals, predominately Ni 

and V, in porphyrin and other structures [12].  

The rapid global economic development and urbanization have driven the high demand of crude oil 

as source of energy and industrial feedstocks. Inevitably, this has led to crude oil being a major 

source of petroleum hydrocarbon pollution. Crude oil pollution is a widespread and persistent 

problem that poses serious threats to human health and the environment. Therefore, contamination 
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by oil spills often requires cleaning up of the affected site. Conventional methods involving 

mechanical and chemical techniques (such as the use of booms, skimmers, absorbents, chemical 

dispersants and burning) for the remediation of hydrocarbon-polluted environment are often 

expensive, invasive, technologically complex, and not environmentally friendly and sustainable. 

Because of these shortcomings, bioremediation has remained the viable, imperative, efficient, green, 

and economical alternative to cleaning up crude oil spill.  

 

1.2 Bioremediation of petroleum hydrocarbon pollution 

Bioremediation involves the use of biological agents and process to degrade or clean-up 

hydrocarbons present in crude oil [13,14]. It was developed in the 1940s but became popular after 

the Exxon Valdez oil spill in 1980s [15]. Microbial degradation remains the major strategy used for 

the bioremediation of hydrocarbons. Thus, the availability of microorganism with the appropriate 

metabolic capabilities is essential [16–18]. Soil bioremediation can be carried on site (in situ), or 

away from the contaminated site (ex situ).  

1.2.1 In situ techniques  

There are three basic methods of in situ bioremediation: natural attenuation, biostimulation, and 

bioaugmentation [19,20]. Natural attenuation is a passive approach that depends essentially on 

natural mechanisms such as microbial degradation, volatilization, dispersion, sorption and dilution 

to clean-up hydrocarbons [21]. Microbial degradation is the most important and preferred 

attenuation mechanism. Natural attenuation relies on the degradation activities of indigenous 

microorganisms. However, longer treatment duration is required. Over time, enhanced natural 

attenuation, such as biostimulation and bioaugmentation have become increasingly accepted 

strategies to clean up contaminated sites. These techniques aim at enhancing microbial metabolic 

activities that accelerates the biodegradation of hydrocarbons. Biostimulation involves altering the 

physical and chemical parameters of the soil by addition of nutrients or electron acceptors 

(phosphorus, nitrogen, oxygen, carbon) to boost the activities of the indigenous degrading 

microorganisms [22]. In contrast, bioaugmentation is the introduction of specific exogenous 

microorganisms with the desired metabolic/catalytic capabilities into the contaminated environment 

[23]. 

1.2.2 Ex situ techniques 

This method involves excavation of the contaminated soil and subsequent transfer to a processing 

location. Although additional cost and risk are involved with the transportation of the contaminated 
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soil,  ex situ methods allow more efficient removal of pollutants, by controlling the physico-

chemical condition of the biodegradation process, resulting in the shortening of the total time of 

reclamation [22]. The contaminated soil is treated through one of these ex situ methods; slurry 

bioreactors, land farming, composting and biopiles [24].  

 

1.3 Bacterial metabolism and degradation of petroleum hydrocarbons 

Bacteria are considered as nature’s ultimate scavenger due to their ability to acquire carbon and 

energy from numerous compounds [25]. Bacteria are considered the first responder and most active 

in crude oil degradation having developed various mechanisms for degrading hydrocarbons. Thus, 

the isolation, characterization and study of bacteria involved in crude oil degradation have been 

widely reported (Table 1.1). 

A petroleum polluted environment provides ideal repository for isolating bacteria with capabilities 

to degrade hydrocarbons [26–28]. This is because the presence of hydrocarbons in an environment 

influences the diversity of the bacterial community [29–31]. Characterizing bacteria in such 

environments requires both culture-dependent and culture-independent techniques (Figure 1.1). 

Culture-independent techniques, including metagenomics, proteomics, and transcriptomics are 

applied to analyse the richness, composition, structure and functional profile of the intrinsic bacterial 

community [32–34] within a hydrocarbon-contaminated environment. In addition, predictive 

functional and genetic biomarker analysis are useful tools in providing assessment of biodegradation 

process. Indeed, the recent and ongoing advances in molecular tools had enabled evaluation of non-

culturable microorganisms from contaminated environments [35].  Alternatively, culture-dependent 

technique involves the enrichment and isolation of hydrocarbon-degrading bacteria, their production 

and subsequent application in biodegradation [36]. Although culture-dependent methods do recover 

fewer microbial populations, it is a critical component of bioremediation development and research 

[26,37]. Furthermore, it allows in vitro assessments and characterization of isolates’ physiology, 

hydrocarbon degradation pathways and mechanisms, and efficiency [38]. Additionally, 

bioaugmentation relies on the introduction of specific exogenous bacteria with desired 

metabolic/catalytic capabilities, obtained by culture-dependent techniques, into a contaminated 

environment [23,36]. Complementarily, the environmental and ecological factors that shape 

microbial abundance, as observed from culture-independent techniques would be invaluable in 

developing culturing methods [37]. Therefore, improving enrichment and isolation of microbes are 

important to design and optimize bioremediation processes [2,32,37,39]. 
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Table 1.1: Some hydrocarbon-degrading bacteria 

 

Hydrocarbon Bacterial species Reference 

Saturates 

 

Acinetobacter pittii  

Pseudomonas, Bacillus, and Burkholderia  

Corynebacterium aurimucosum, Acinetobacter baumannii and Microbacterium 

hydrocarbonoxydan  

Bacillus pumilus  

Enterobacter, Pandoraea and Burkholderia  

Gordonia amicalis HS-11 

Aeribacillus pallidus SL-1 

Pseudomonas aeruginosa XJ16, Bacillus cereus XJ20, and Acinetobacter lwoffii XJ19 

Bacillus subtilis BL-27 

Rhodococcus sp. JZX-01 

Rhodococcus sp. T1 

Bacillus amyloliquefaciens, Staphylococcus epidermidis, Micrococcus luteus, 

Nitratireductor aquimarinus, and Bacillus pumilus 

Geobacillus thermoparaffinivorans IR2, Geobacillus stearothermophillus IR4 and 

Bacillus licheniformis MN6 

Gordonia rubripertincta CWB2 and Rhodococcus erythropolis S43 

[40]  

[41] 

[42] 

 
 

[43]  
 

[27]  

[44] 

[45] 

[46] 

[47] 

[48] 

[49] 

[50] 

 

[51] 

 

[52] 

Aromatics Haererehalobacter sp. Oceanobacillus sp., Pseudoalteromonas sp.  

Pseudomonas sp.  

Streptomyces sp.  

Chryseobacterium sp., Bacillus sp. and Pseudomonas sp.  

Aeribacillus pallidus, Bacillus axarquiensis, Bacillus siamensis and Bacillus subtilis  

Microbacterium hydrocarbonoxydan  

Aeribacillus pallidus UCPS2, Bacillus axarquiensis UCPD1, Bacillus siamensis 

GHP76 and Bacillus subtilis U277 

Sphingobacterium sp. RTSB 

Novosphingobium pentaromativorans US6-1 

Pseudomonas aeruginosa RS1 

Aeribacillus pallidus SL-1 

Sphingomonas sp. 

Rhodococcus sp. T1 

Bacillus amyloliquefaciens subsp. plantarum W1  

[53] 

[54]  

[55]  

[56]  

[57] 

 

[42] 

[57] 

[58] 

[59] 

[60] 

[45] 

[61] 

[49] 

[62] 

Asphaltenes Pseudomonas aeruginosa   

Staphylococcus saprophyticus and Bacillus cereus  

[63] 

[64] 

Heteroatomic 

compounds  

Pseudomonas aeruginosa and Acinetobacter iwoffii   [65] 
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Figure 1.1: Schematic diagram showing culture-dependent and independent strategies for bioremediation [66]. Whole 

community-level studies rely on culture-independent methods based on the direct analysis of DNA/RNA and proteins 

without any culturing step. In contrast, bacterial culturing, bioassays with hydrocarbons as sole carbon source, and 

hydrocarbon degradation profiling are applied in culture-dependent analysis to characterize the hydrocarbon 

degradation potential of isolates. 

 

1.3.1 Bacterial strategies for accessing hydrocarbons as carbon and energy sources 

1.3.1.1 The hydrophobicity of hydrocarbons 

Biodegradation requires that microorganisms grow in the presence of hydrocarbons [67] but this 

depends on the ability of the degrading bacteria to access the hydrocarbons, which are inherently 

unavailable in aqueous media. The hydrophobicity of hydrocarbons is thus often an indicator of its 

bioavailability and bioaccessibility. In this context, bioavailability is referred to the degree of 

interaction of hydrocarbons with the bacteria. It is often expressed as the fraction of hydrocarbons 

that can be readily taken up or degraded by bacteria [68]. This depends on the physical state and 

characteristics and spatial distribution of the hydrocarbons relative to the catabolically active 

bacteria.  The differentiation of immediate bioavailability (hydrocarbons being taken up) from 

potential bioavailability (hydrocarbons that may become bioavailable by dissolution, desorption, 

diffusion etc.) is called bioaccessibility.  Thus, the bioaccessible fraction comprises the amount that 

can reach the bacteria within a predefined time frame [69]. The hydrophobicity of hydrocarbons 

increases with molecular mass and the degree of saturation. Long-chain alkanes are more 
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hydrophobic than short-chains, saturated aliphatics are more hydrophobic than unsaturated 

aliphatics and aromatics of the same molecular mass, and PAHs consisting of a higher number of 

rings are more hydrophobic than those of low molecular mass [69]. To circumvent the challenge of 

hydrophobicity during biodegradation, bacteria adopt two known specific assimilation mechanisms: 

biosurfactant production and biofilm formation. The need to overcome this caveat is driving the 

search for strains with efficient biosurfactant production and/or biofilm formation capabilities. 

1.3.1.2 Biosurfactant production 

Bacteria produce surface-active compounds known as biosurfactants to enhance the solubility of 

hydrocarbons through emulsification, thereby facilitating hydrocarbons bioavailability, uptake and 

degradation [70]. Biosurfactants are amphipathic molecules, containing both hydrophilic and 

hydrophobic ends, that allows interaction at the interface between aqueous and non-aqueous 

systems. They constitute heterogeneous group of biomolecules such as glycolipids, lipoproteins 

complexes and lipopolysaccharide-protein complexes (Table 1.2). Low molecular weight 

biosurfactants are primarily used for decreasing interfacial tension at the oil-water interface while 

the high molecular weight biosurfactants are quite effective in acting as emulsifying agents [71]. 

The diversity of biosurfactants supports their potential application in degrading different class of 

hydrocarbons. Likewise, biosurfactants are preferred to synthetic surfactants because of their unique 

properties: higher biodegradability, lower toxicity, and effectiveness at extremes of temperature, 

pH, and salinity [72].   

Due to the amphiphilic structure, biosurfactants can increase hydrophobic substance surface area, 

as well as change the cell surface property of bacteria [70]. Bacteria produce biosurfactant into the 

surrounding media to decrease interfacial tension at the hydrocarbon-water interface and enhance 

the pseudo-solubilization of hydrocarbons via micelle or vesicle formation. The critical micelle 

concentration (CMC) is the lowest concentration of surfactant molecules associating micelles, 

which is a crucial parameter to the biosurfactant [73]. Above the CMC, the biosurfactant molecules 

aggregate to form supra-molecular structures like spherical micelles, bilayers, and vesicles that 

reduce the surface tension and increase solubility (Figure 1.2). Then, the pseudo-solubilized 

hydrocarbons form highly dispersed emulsions and droplets that enhance bioavailability, rate of 

assimilation and subsequent biodegradation. The uptake and accumulation of pseudo-solubilized n-

hexadecane by P. aeruginosa PU1 as intracellular inclusion bodies was monitored by SEM and 

TEM analysis [74]. Furthermore, biosurfactants enhance the cell surface hydrophobicity for easy 

adsorption to hydrocarbons thereby increase the permeability of the membrane. Such modifications 
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in the cell membrane could include change in proteins composition or the reduction of 

lipopolysaccharides [75]. 

Recent studies have shown how biosurfactants promote hydrocarbon emulsification and solubility 

during biodegradation [76–80].  

 

Table 1.2: Classification of biosurfactants produced by bacteria during hydrocarbon degradation 

 

Group Sub-group Class Microorganism Reference 

Low-

molecular 

weight 

biosurfactant

s 

Glycolipids Rhamnolipids  

Sophorolipids  

Trehalolipids  

Cellobiolipids 

Bacillus pumilus 2A  

Corynebacterium aurimucosum, Microbacterium 

hydrocarbonoxydans and Pseudomonas aeruginosa  

Micrococcus luteus BN56 

Gordonia amicalis HS-11 

Pseudomonas sp. CQ2 

Gordonia sp. BS29 

Achromobacter sp. PS1 and Bacillus sp. SLDB1 

Bacillus algicola 003-Phe1, Rhodococcus soli 102-

Na5, Isoptericola chiayiensis 103-Na4, and 

Pseudoalteromonas agarivorans (SDRB-Py1) 

Pseudomonas aeruginosa san ai 

[76] 

[42] 

 

[81] 

[44] 

[73] 

[82] 

[80] 

[79] 

 

 

[83] 

Lipopeptides 

Lipoproteins 

Surfactin  

Viscosin 

Bacillus subtilis BSS 

Azotobacter chroococcum 

Rhodococcus sp. TW53 

Pseudomonas aeruginosa 

Bacillus subtilis A1 

Planomicrobium sp., Aneurinibacillus sp. And 

Pseudomonas sp. 

Pseudomonas stutzeri NA3 and Acinetobacter 

baumannii MN3 

Aeribacillus pallidus UCPS2, Bacillus axarquiensis 

UCPD1, Bacillus siamensis GHP76 and Bacillus 

subtilis subsp. inaquosorum U277 

[84] 

[85] 

[86] 

[78] 

[87] 

[77] 

 

[88] 

 

[57] 

High-

molecular 

weight 

biosurfactant

s 

Polymeric 

biosurfactants 

Emulsan 

Biodispersan  

Alasan 

Liposan 

mannoprotein 

Acinetobacter calcoaceticus PTCC1318  

Acinetobacter venetianus RAG-1 

[89] 

[90] 

Particulate 

biosurfactants 

Vesicles 

fimbriae  

Whole cells 

Acinetobacter sp.  

Acinetobacter calcoaceticus RAG-1 

[91] 
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Figure 1.2: Schematic of hydrocarbon solubilization by rhamnolipid (RL) biosurfactants. At concentrations below the 

critical micelle concentration (CMC) monolayers of RL accumulate at the aqueous-hydrocarbon interface. When RL 

concentrations are above the CMC the hydrocarbon readily partitions into the hydrophobic core of the micelle thus 

increasing hydrocarbon bioavailability through solubilisation. RLs also induce cell surface changes that increase cell 

hydrophobicity via the release of cell associated lipopolysaccharides (LPS) [92]. 

 

1.3.1.3 Biofilm formation 

A biofilm is defined as microbial aggregates that are often embedded in a self-produced matrix of 

extracellular polymeric substances (EPS) and adhere to each other and/or to a surface [93]. Biofilm 

formation during hydrocarbon degradation is an adaptation strategy and it is typically characterized 

by attachment of cells to hydrocarbons at the hydrocarbon-water interface [94–96].  When compared 

with artificial cell immobilization, biofilm is endowed with naturally immobilized cells with self-

generation of cofactors and enzymes [97]. Dasgupta et al. [94] reported that biofilm-forming 

Pseudomonas strains degraded crude oil more readily and extensively than planktonic strains. 

Similarly, biofilm of Stenotrophomonas acidaminihila NCW-702 was able to degrade PAHs more 

efficiently than planktonic cells [98]. Recently, the effectiveness of bioaugmentation with biofilm-

forming bacteria was reported [99].  

Moreover, biofilm-forming bacteria revolves between planktonic growth and biofilm formation 

through some unique consecutive phases (Figure 1.3). Biofilm formation and planktonic-biofilm 

transition are complex and highly regulated processes [100,101]. 
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Figure 1.3: Stages of biofilm formation [102]. 

 

a) Nutrient sensing and chemotaxis 

Bacteria initiate biofilm development in response to specific physico-chemical signals, such as 

nutrient availability.  Sensing a nutritive surface requires that bacteria know they are in contact with 

a surface and recognize the nutritive character of the surface [96]. Nutrient surface sensing can be 

achieved either through appendages such as flagella, pilli, fibrils , curli, or through body contact 

[103]. Chemotaxis, in this context,  is the directed movement of bacterial cells toward a nutrient 

source along a concentration gradient [104]. Chemotaxis is important for biofilm formation by 

guiding cells towards nutrient sources. Bacterial cells with chemotactic capabilities can sense 

hydrocarbon gradient and move toward it, thereby overcoming the mass-transfer limitations in the 

biodegradation process [105]. The ability to attach to hydrocarbons stems mostly from bacteria 

inter-surface positioning and motility. Consequently, active movement is required for bacteria to 

move toward the hydrocarbon-water interface and establish contact. Furthermore, in fluid, motion 

characterized by sedimentation, diffusion, and convection is the primary mechanism of bacterial 

and mass transport along a surface [103]. The role of fluid dynamics in biofilm formation 

encompasses both motile and non-motile cells. If a bacterium is motile, its motility is facilitated by 

flagella. In contrast, non-motile cells can achieve inter-surface proximity via medium flow 

mechanisms such as convection, or vortex currents. These are most effective at low flow velocities 
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allowing circulation of nutrients and cells, with no disruption to the hydrocarbon-water interface. 

The differences in biofilm formation at the hydrocarbon-water interface under diffusion-limited 

conditions and diffusion caused by stirring have been reported [106].  

b) Bacterial attachment 

Following the hydrocarbon-water interface positioning activity, the biofilm formation process 

continues with the initial adhesion of the bacteria to the hydrocarbons. At this phase, adhesion is 

reversible, bacteria remain in a two dimensional Brownian motion and can be easily detached from 

the interface by either bacterial mobility or shearing effects of the medium flow [107]. The forces 

involved at this phase are hydrophobic, electrostatic and van der Waals interactions. Afterward,  

irreversible attachment is attained through the effects of short-range interactions such as dipole-

dipole interactions, hydrogen, ionic and covalent bonding, and hydrophobic interactions with 

involvement of bacterial structural adhesions [104]. 

The adhesion of bacteria to the hydrocarbon-water interface effectively enhances the rate of 

hydrocarbon assimilation by reducing the distance for mass transfer [108]. Attachment to 

hydrocarbons relies on bacterial cell surface properties such as hydrophobicity, charge, roughness 

and extracellular appendages [96]. Hydrophobic cellular surface facilitates adhesion to and uptake 

of hydrocarbons and is a characteristic of hydrocarbon-degrading microorganisms. The uptake of 

medium and long-chain n-alkanes such as n-hexadecane  by Rhodococcus species was shown to 

occur exclusively in cells adhering to the hydrocarbon-water interface [109,110]. Although, 

adhesion to hydrocarbons does not automatically predict utilization or degradation of the 

hydrocarbons by the adhered cells [108,111]. Additionally, it was suggested that the process of 

bacterial adsorption and biofilm formation at oil-water interfaces is not solely based on 

hydrophobicity; it is also likely promoted by metabolic factors and biosurfactants secreted by the 

bacteria to modify the interface [112–114]. Cell-bound surface active compounds and glycosylated 

peptidolipid (Gordonin) were shown to be responsible for enhanced cell hydrophobicity in 

Gordonia sp. BS29 and Gordonia hydrophobica, respectively, [115,116]. Other factors such as 

concentration of the carbon source, ionic strength, pH, and surfactant concentration affects adhesion 

of bacteria at the interface [117]. An increase in nutrient concentration is correlated with an increase 

in the number of attached bacterial cells [118]. Adhesion to hydrocarbons can also vary according 

to growth phase. Gordonia sp. cells demonstrated increased adhesion to hydrocarbons in early 

growth phase than the late growth phase [116]. 
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Thereafter, the attachment progresses through microcolonies formation and into the production of 

EPS and an organized structure entrapped in the EPS matrix [104].  

c) Microcolony formation and maturation of biofilm 

After irreversible attachment, the bacteria start growing and developing into microcolonies over the 

interface. Microcolonies are clusters of aggregated bacterial cells, that eventually develop into larger 

cellular aggregates encircled by the EPS matrix to give a mature biofilm architecture [119].  EPS is 

produced to serve as building material for the three-dimensional architecture of the biofilm, as well 

as, anchoring material for attachment to surfaces [120]. EPS is composed of total carbon (50 - 90%), 

proteins, glycoproteins and nucleic materials [121]. The cells and secreted solubilisation factors 

such as biosurfactants and exoenzymes that play important roles in hydrocarbon assimilation are 

retained and accumulated within the EPS matrix [96,122]. This retentive property of the matrix 

localizes and stabilizes solubilisation and enzymatic activities within the matrix and thus increase 

mass transfer of hydrocarbons toward the cell for degradation. Furthermore, the EPS regulate 

various metabolic and behavioural activities such as colonization, cell recognition, surface 

attachment, signalling, cell protection against environmental stress, and exchange of genetic 

materials [119].  

d) Dispersal or detachment of bacterial biofilms 

Biofilm detachment or dispersal is the final process of biofilm development. When biofilm 

formation at the hydrocarbon-water interface becomes fully matured, cells begin to strategically 

detach from the biofilm in order to colonize new hydrocarbon surfaces [108]. The detachment 

process of bacterial cells from surfaces is mainly governed by a signal transduction mechanism, 

natural signal molecules, and effectors [123]. 

1.3.2 Aerobic and anaerobic biodegradation 

Biodegradation frequently takes place under aerobic conditions, but it also does under anaerobic 

conditions. In aerobic degradation, oxygen is used as electron acceptor and as co-substrate for 

hydroxylation and ring cleavage. Anaerobic biodegradation commonly occurs where the availability 

of oxygen is limited, i.e. in  subsurface environments (soils, sediments, aquifers and reservoirs), and 

is different from aerobic biodegradation in terms of the degradation pathways and generated 

metabolites [124]. Anaerobes also use alternate electron acceptors, such as nitrate (NO3), sulfate 

(SO4
3-) or ferric ions (Fe2+). Subsurface environments were also found to support microaerobic 

growth and degradation [125]. In any case, oil reservoirs are considered habitats for bacteria 
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utilizing hydrocarbons as the sole source of carbon and energy under strictly anaerobic conditions 

[126]. 

1.3.2.1 Biodegradation of saturated hydrocarbons  

Alkanes are the oil components most susceptible to undergo aerobic biodegradation. They are 

generally activated by enzymatic incorporation of molecular oxygen or, in rare cases, peroxides 

[127] through terminal or sub-terminal oxidation to yield the corresponding primary or secondary 

alcohols. The primary alcohols are oxidized to aldehydes, which are further converted into fatty 

acids.  In some cases, fatty acids can be converted into dicarboxylic acids by ω-hydroxylation. 

Ketones are generated from oxidation of the secondary alcohols and are converted into esters, which, 

on their turn, are hydrolysed to fatty acids. Fatty acids are converted into acetyl-CoA through the β-

oxidation pathway and metabolized in the tricarboxylic acid cycle (TCA) to generate CO2 and 

reducing equivalents that are channelled into the respiratory chain to produce energy under the form 

of ATP. H2O is produced by reduction of O2 that is the final electron acceptor in aerobic respiration 

[127]. Fumarate addition is the most well-characterized activation mechanism of alkane degradation 

under anaerobic conditions [128]. It proceeds via terminal or sub-terminal addition of fumarate to 

alkanes, yielding alkyl succinate. Furthermore, alkyl succinate is degraded via carbon skeleton 

rearrangement and β-oxidation. An alternative pathway of anaerobic alkane degradation, though not 

well understood, involves subterminal carboxylation of alkanes at C-3 with removal of the two 

subterminal carbon atoms from the alkane chain terminus. This mechanism produces odd numbered 

fatty acids from even numbered n-alkanes, and vice versa [129].  

1.3.2.2 Biodegradation of aromatic hydrocarbons  

The biodegradability of aromatic hydrocarbons decreases with the increasing number of aromatic 

rings and alkylation [25] . The aerobic degradation of aromatics begins by the hydroxylation via a 

dioxygenase to form a cis-dihydrodiol, which gets rearomatized to a diol intermediate by 

dehydrogenase. A subsequent ortho- or meta-cleavage mediated by a multicomponent enzyme 

system produces intermediates, such as benzoic, phthalic or salicylic acids, that are ultimately 

converted into the TCA cycle intermediates [25]. The n-alkyl side chains of alkylated PAHs are also 

converted by β-oxidation into carboxylic acid derivatives. During anaerobic degradation, aromatic 

hydrocarbons are believed to be activated by: (i) the addition of fumarate to yield aromatic-

substituted succinates, (ii) direct carboxylation, (iii) methylation of unsubstituted aromatics, or (iv) 

hydroxylation of an alkyl group. Further degradation generates alkyl aromatic acids that are 
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converted into long-chain volatile fatty acids via ring cleavage. The fatty acids produced are 

subsequently metabolized to methane (CH4) and CO2 [8]. 

 

1.4 Carboxylic acids as analytical targets of hydrocarbon biodegradation 

Monitoring biodegradation of hydrocarbons involves the use of specific microbiological and 

chemical markers. Microbiological markers allows to characterize the richness, composition, 

structure and functional profile of the bacterial community [32–34] during hydrocarbon 

biodegradation. In addition, functional and genetic analysis of the community provides assessment 

of the biodegradation process. On the other hand, microbial activities are revealed by chemical 

analysis. Typically, the relative decrease in hydrocarbon concentrations is commonly used to 

demonstrate the occurrence of microbial degradation, and to estimate the level of biodegradation. 

However, this analysis is not sufficient to demonstrate unambiguously the occurrence of intrinsic or 

enhanced biodegradation. The relative decrease in hydrocarbon concentrations could be influenced 

by abiotic factors such as volatilization, dispersion sorption or dilution [21].  Likewise, the decrease 

in hydrocarbon concentrations cannot provide information on the biodegradation process, for 

example aerobic and anaerobic, and the biochemical pathway(s) adopted by the bacteria, which is 

essential for evaluation, design and development of efficient remediation biotechnologies [130,131]. 

Therefore,  the profiling of intermediate metabolites characteristic of bacterial transformations has 

recently become popular for assessing biodegradation [132]. It allows an insight into the microbial 

processes within and outside the cell during the biodegradation process. Such insights are important 

for the elucidation of hydrocarbon degradation mechanisms and pathways that is useful for 

designing more efficient bioremediation strategies. Useful metabolic biomarkers are produced 

during active biodegradation and are specific to the parent hydrocarbon and/or to the biological 

process [11]. They include various alcohols, aldehydes, ketones, esters and, especially, carboxylic 

acids. The latter are produced in significant amounts during both aerobic and anaerobic 

biodegradation processes, and often occur at the convergence of several degradation pathways. 

Mohler et al. [133] reported that carboxylic acids were the most frequent class of polar metabolites 

identified with high confidence in hydrocarbon contaminated groundwater. Consequently, 

carboxylic acids are common targets in field and model studies, and their characterization is 

considered an appropriate approach to study the biodegradation of hydrocarbons (Table 1.3). 

The terminal degradation pathway for n-alkanes and branched chain alkanes produces 

monocarboxylic acids and dicarboxylic acids as intermediates. Aromatic hydrocarbons undergo 

aerobic biodegradation to form key metabolites, such as benzoic acid, phthalic, and salicylic acid 
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naphthoic acid. These signature metabolites were demonstrated as a valuable tool for tracing 

microbial activity [83,126,134–136]. Fumarate addition is the most characterized activation 

mechanism of hydrocarbon degradation under anaerobic conditions [128], which now represents a 

central paradigm in anaerobic hydrocarbon degradation. Fumarate addition to alkanes proceeds via 

terminal or sub-terminal addition, yielding alkyl succinates. The addition of fumarate to aromatic 

hydrocarbons yields aromatic-substituted succinates. Thus, alkylsuccinic and 2- or 4-

methylalkanoic acids, as well as benzylsuccinic and methylbenzylsuccinic acids are unique 

metabolites indicative of in situ anaerobic biodegradation of alkanes and aromatic hydrocarbons, 

respectively [137,138]. Succinates are reported as metabolites from biodegradation of hydrocarbons 

in oil field water [126] and aquifers or ground water [139–141]. These metabolites are considered  

ideal biodegradation indicators because they are not known to be present in hydrocarbon mixtures, 

reasonably stable, transient metabolites and have an unambiguous relationship to their parent 

hydrocarbon [137]. Alternative pathway of anaerobic alkane degradation involves subterminal 

carboxylation of alkanes at C-3 with removal of the two subterminal carbon atoms from the alkane 

chain terminus. This mechanism produces odd numbered fatty acids from even numbered n-alkanes, 

and vice versa [129]. Likewise, aromatic hydrocarbons are also activated by either direct 

carboxylation, methylation of unsubstituted aromatics or hydroxylation of an alkyl group to 

generates alkyl aromatic acids that are converted into long-chain volatile fatty acids. Direct 

carboxylation of PAHs generates 2-naphthoic acid as a central metabolite [142]. The pathways 

illustrate that, though no same metabolic mechanism is exclusively present in all bacteria and/or 

environments, the production of carboxylic acids is common.  

Naphthenic acids (NAs) are complex mixture of alkyl-substituted acyclic and cycloaliphatic 

carboxylic acids, with the general chemical formula, CnH2n+ZO2, where n is the carbon number and 

Z the number of rings. They occur naturally in crude oil and oil sands bitumen because either the 

deposit has not undergone enough catagenesis or biodegradation.  NAs are widely used to indicate 

oil biodegradation or oil source maturation especially in oil reservoirs. NAs, such as 5,6,7,8-

tetrahydro-2-naphthoic acid and decahydro-2-naphthoic acids, are indicative of anaerobic 

degradation of crude oil [143]. Also, the ratio of acyclic fatty acids to cyclic naphthenic acids (A/C) 

was proposed to indicate the extent of in-reservoir biodegradation of crude oil [144]. Moreover, 

NAs are toxic and environmentally persistent components in refinery wastewaters and in oil sands 

extraction waters. The accumulation of NAs indicates partial degradation rather than complete 

degradation of hydrocarbons. Hence, NAs are designated emerging contaminant, and studies are 

focusing on their biodegradation. Biodegradation of NAs was reported to produce 1-



Chapter one: Literature review  

23 
 

cyclohexenecarboxylic acid, cyclohexylidene acetic acid and 8-hydroxyheptanoic acid under 

aerobic and anaerobic conditions [145].  

The molecular characterization of hydrocarbon and their metabolites in environmental matrices is 

challenging. Carboxylic acids occur at low concentration in complex matrices and could be 

transient, although carboxylic acids were reported to accumulate as end products of PAHs 

metabolism [146]. Carboxylic acids characterization requires rigorous sample pre-treatment, 

involving extraction and dedicated cleanup procedures. In recent years, petroleomics and 

metabolomics have driven extensive advances in analytical platforms, with a particular surge in 

mass spectrometric techniques [10]. Mass spectrometry (MS) facilitates metabolite detection, 

identification, and quantification due to its high specificity and sensitivity, and speed of analysis.  

Indeed, MS gradually enabled the characterization of complex matrices previously considered to be 

too challenging [147]. The advent of a variety of high-resolution mass analyzers, such as time-of-

flight (TOF), Orbitrap and Fourier transform ion cyclotron resonance (FT-ICR), has significantly 

expanded the capabilities of MS for structural elucidation and quantification [148]. Moreover, the 

potential of MS for the analysis of carboxylic acids could be enhanced by combining it with 

advanced chromatographic techniques such as gas chromatography (GC) or liquid chromatography 

(LC) [149]. 

 

1.5 Mass spectrometric techniques for the analysis of carboxylic acids  

The direct determination of carboxylic acids by mass spectrometry is the ultimate goal but still 

difficult to attain because of several reasons. The major concerns include the production of ions 

from carboxylic acids in complex mixtures, their separation from other ions of similar mass, and the 

identity assignment. The simultaneous analysis of abundant and easily ionized compounds 

suppresses the analyte’s signal and renders quantification difficult [150]. Therefore, it is necessary 

to develop suitable procedures to isolate and pre-concentrate the target metabolites, reducing 

ionization suppression. 

The complexity of crude oil can be simplified by separation into four fractions (saturates, aromatics, 

resins, and asphaltenes, SARA) based on solubility and polarity [151]. The fractionation could be 

time-consuming and laborious, and there is a risk of loss of more volatile compounds during sample 

processing and solvent removal. The use of a chromatographic separation preceding MS, such as 

GC and LC, is typically required to simplify the matrix and alleviate ionization suppression and 
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discrimination. Chromatographic separation also provides another dimension of information 

(retention time) [152]. 

 

 
Table 1.3: Field and model studies using carboxylic acids as biomarkers for hydrocarbon biodegradation. 

 

Hydrocarbon Carboxylic acids  Remark Reference 

Hydrocarbon 

contaminated 

groundwater 

Benzylsuccinic acids Benzylsuccinic acid and 

methylbenzylsuccinic acid isomers were 

proposed as distinctive indicators of 

anaerobic toluene and xylene metabolism 

in fuel- contaminated aquifers. 

[139] 

Hydrocarbon 

contaminated aquifers 

Alkylsuccinic acids and 

naphthoic acids 

These anaerobic metabolites of alkane and 

naphthalene signified in situ 

biodegradation. 

[140] 

Hydrocarbon 

contaminated 

groundwater 

2-Methylbenzylsuccinate 

and naphthoic acids 

These biomarkers were detected in areas 

with active biodegradation.  

[141] 

Hydrocarbon 

contaminated 

groundwater 

Naphthoic acids Naphthoic acids was found to be a 

biomarker of anaerobic hydrocarbon 

biodegradation and of natural attenuation 

[153] 

Formation water Alkanoic acids, aromatic 

acids, dicarboxylic acids and 

polyalkylated succinic acids 

these signature metabolites were 

demonstrated as a valuable tool for tracing 

microbial activity in oilfields 

[126] 

Crude oil Fatty and naphthenic acids the abundance of carboxylic acids 

increased as the degree of biodegradation 

increased 

[154] 

Crude oil Aliphatic and alicyclic acids Medium molecular weight (C10–C20) 

carboxylic acids were rapidly produced 

while after extensive biodegradation 

higher (>C20) molecular weight branched 

and cyclic carboxylic acids appeared  

[155] 

Perdeuterated 

pentadecane and 13C-

labelled hexadecane 

Fatty Acids Alkanes were oxidized to fatty acids  [135] 

Crude oil Aliphatic and aromatic acids Oxidation of hydrocarbons to carboxylic 

acids was shown during the aerobic 

biodegradation of petroleum. 

[136] 

n-Octacosane Dicarboxylic acids A range of dicarboxylic acids offered an 

insight into how anaerobic communities 

may access waxes as growth substrates in 

anoxic environments. 

[156] 
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The high complexity of matrix generates spectral overlaps with ions of interest and requires high 

resolution. A resolution of 1 M at m/z 500 is considered as a reference value for acceptable  

specificity [165]. Even then, the presence of isomers can perturb the analytical result. The high 

resolution must be accompanied by high mass accuracy (<1 ppm) for the determination of empiric 

formula and metabolite identification.  

1.5.1 Sample pre-treatment 

1.5.1.1 Blanks and controls  

Running blanks and control experiments is mandatory in studies of carboxylic acid metabolites. 

Instrumental blanks are necessary to avoid carry-over contamination. Hexadecanoic acid and 

octadecanoic acids are common contaminants from plastic labware, hands of the analyst etc. and 

BTEX (benzene, toluene, 

ethylbenzene, xylene) 

Benzyl succinic acid, toluic 

acid and benzoate 

2-(2-methylbenzyl)-succinic acid was 

found to be an important marker of 

anaerobic microbial degradation. 

[157] 

Crude oil naphthenic acids 

Organic acids 

Organic acids indicate evidence of 

microbial degradation, and 1-2 ring 

naphthenic acids are indicators for active, 

ongoing biodegradation in oil reservoirs. 

[158] 

Hydrocarbon 

contaminated aquitard 

acetate, propionate, and 

butyrate 

Accumulation of the short-chain fatty 

acids was linked to anaerobic 

biodegradation. 

[159] 

Hydrocarbon 

contaminated 

groundwater 

Several carboxylic acids Acids were the most frequently identified 

class of oxygenated metabolites. 

[133] 

Alkylbenzenes, 

naphthalene and alkyl-

naphthalenes 

Toluic acid, 2-

methylsuccinic acid and 2-

naphthoic acid 

Metabolites indicated 

active anaerobic degradation pathway. 

[160] 

Pyrene Phenanthrene-4-carboxylic 

acid, Phthalic acid and 

dicarboxylic acids 

6,6’-dihydroxy-2,2’- biphenyl 

dicarboxylic acid indicated a new branch 

in the degradation pathway of pyrene. 

[161] 

Groundwater 

contaminated with 

toluene, ethylbenzene, 

and xylene 

Benzylsuccinic acid and 

methylbenzylsuccinic acid 

Benzylsuccinic acids are useful as 

qualitative indicators of in situ 

biodegradation. 

[162] 

Benzo[a]pyrene Phthalic acid The bacterium uses the meta pathway for 

biodegrading Benzo[a]pyrene. 

[163] 

Heavy crude oil n-fatty acids and naphthenic 

acids  

n-fatty acids and naphthenic acids 

accumulated over time 

[164] 
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were reportedly detected in alkane-free controls [166]. Control experiments are mandatory in order 

to avoid the ambiguity about the source of detected carboxylic acids [134]. For instance, some 

carboxylic acids are not unique biodegradation products nor are exclusively related to their parent 

hydrocarbon. Fatty acids are natural constituents of bacterial cells. Therefore, It is essential to link 

the loss of the parent hydrocarbons to the appearance of carboxylic acids [167]. Also, biodegradation 

can be studied using stable isotope-labeled hydrocarbon substrates, such as 2D- and/or 13C-labelled 

hydrocarbons [135]. Upon biodegradation, detection of the labelled carboxylic acids would 

distinguish those produced from other sources. 
 

1.5.1.2. Extraction of carboxylic acids  

Because carboxylic acids are often present at low concentrations and the matrices of interest are 

very complex, isolation and pre-concentration is important to increase the selectivity and the 

detection limits for identification and quantitative analysis. Solvent-based and adsorbent-based 

extractions are common extraction strategy [168] as shown in Figure 1. Aliquot samples obtained 

after biodegradation (free of bacterial cells and insoluble impurities) are acidified to pH <2 for the 

preservation and protonation of carboxylic acids prior to their extraction with an organic solvent 

and GC separation. The extraction efficiency depends on the solvent, the number of extraction steps 

and the pre- and post-processing of the sample [168]. The typical extraction solvents used have been 

ethylacetate [83], dichloromethane [169] and diethyl ether [134]; several solvents can be used in a 

series [156]. The obtained extract is dried by means of anhydrous Na2SO4 and the organic phase is 

concentrated by evaporation.   

An alternative to solvent-based extraction is solid phase extraction (SPE) using membranes or 

disposable syringe-type columns or cartridges filled with sorbents [170]. The nature of the latter 

determines the interactions with the analytes. Schemeth et al. [170] discussed strategies for the 

fractionation of complex, oil-polluted environmental samples into a neutral fraction and several 

acid-class fractions. Mixed-mode anion exchangers based on a non-polar polymeric backbone 

demonstrated the best performance for a broad range of acidic oil degradation products.  

One advantage of SPE over liquid-liquid extraction is the elution of samples with small volumes of 

solvent limiting the need for evaporation. The molecular composition of water-soluble petroleum 

compounds formed through biodegradation showed that more polar compounds were extracted by 

SPE than the solvent-based extraction [158]. The ease of coupling with LC is another advantage of 

SPE. SPE acts as a pre-concentration step allowing the detection of carboxylic acids at 

concentrations down to 0.01 μg/L by LC-MS [137]. 
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1.5.1.3. Derivatization 

Carboxylic acids are polar and thus not sufficiently volatile to be amenable by GC. Therefore, they 

must be derivatized by methylation or silylation of the –COOH group. Furthermore, derivatization 

improves the thermal stability of the carboxylic acids in the hot GC injector. Derivatization is time 

consuming, laborious, and increases the risk of sample contamination. In addition, steric hindrance 

can lead to partially derivatized analytes.  

Trimethylsilylation (TMS) has been a prevalent method for the volatilization and stabilization of 

carboxylic acids during GC separation. TMS forms trimethylsilyl ethers by replacing active 

hydrogen atom of the carboxylic acids by a trimethylsilyl group. N,O-

bis(trimethylsilyl)trifluoroacetamide (BSTFA) is a commonly used trimethylsilylation reagent 

showing signature fragments [M]+, [M-15]+ and [M-89]+.  TMS derivatization is faster and offers 

higher peak resolutions than methylation by diazomethane [134] or BF3-methanol [171], the latter 

reagents suffering from instability and toxicity. In some cases,  trimethylchlorosilane (TMCS)  is 

added as a catalyst to BSTFA to increase reactivity [83].  

Esterification with alcoholic solution of sulfuric acid or hydrochloric acid (10% v/v) at 80 °C takes 

longer (ca. 1-8 h) [136]. Using this method, non-volatile organic acids were derivatized with ethanol 

and volatile organic acids with n-butanol [138]. Likewise, Ji et al. [166] reported using ethanol-

hydrochloric acid (refluxed at 80 °C for 8 h) after saponification at 100 °C for 8 h. 

1.5.2 Direct analysis by Fourier Transform Ion Cyclotron Resonance - mass spectrometry (FT – 

ICR MS) 

A direct MS analysis of carboxylic acids from complex matrices, such as crude oil, requires 

ultrahigh resolving power and high mass accuracy. FT-ICR offers a sub-ppm mass accuracy in mass 

range of m/z 100−1000 with resolution readily achieving 1,000,000 at m/z 500 [172]. This has made 

FT-ICR an established technique for the characterization of polar and less volatile hetero-atomic 

species in crude oil that are not resolved by GC [173] [174]. However, limited dynamic range, high 

cost, required technical expertise and dependence on higher field magnets remain major FT-ICR 

limitations. 

Ions have usually been produced by electrospray ionization (ESI). Carboxylic acids are more 

efficiently ionized by ESI in the negative mode, with peaks corresponding to deprotonated 

molecules [M-H]- observed. However, the selective ionization of highly acidic carboxylic acids in 

the negative mode limits the detection of weakly acidic species [175]. Alternatively, the introduction 

of atmospheric pressure photoionization (APPI), can limit fragmentation and promoting high 

sensitivity [56]. 
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The mass analyser resolves ions with different masses, and determine the latter with sufficient 

accuracy to calculate the elemental composition of the ion [176]. The ultrahigh mass resolution and 

mass accuracy of FT-ICR enables distinctive assignment of elemental composition of crude oil and 

classification considering the heteroatomic compositions (C, H, O,N and S), isotopic pattern, double 

bond equivalent (DBE) values, and the ratios H/C and N/C [177]. Oxygen-containing species, such 

as O2 (monocarboxylic acid), O3 (hydroxycarboxylic acid), O4 (dicarboxylic acids) etc. are 

commonly used to denote the various class of carboxylic acids. The changes DBE are another 

indicator for estimating the degree of biodegradation. DBE represents the degree of unsaturation 

and/or aromaticity. Biodegradation of hydrocarbon increases DBE by one for each addition of an 

organic acid group and reduces DBE by one when an aromatic ring is cleaved [178]. Thus, O2 acids 

with DBE lower than 5 are saturated chains and/or saturated rings, and aromatic acids exhibit DBE 

equal or higher than 5 [154]. 

FT-ICR MS analysis produces thousands of elemental compositions within a single mass spectrum. 

Optimized data acquisition system and data processing methods such as Kendrick mass defect 

analysis, van Krevelen analysis and DBE distribution plots are available for automated processing, 

quantitation, visualization and interpretation of the multidimensional and multi-sample FT-ICR MS 

data [179].   

1.5.3 Gas chromatography - mass spectrometry (GC - MS) 

1.5.3.1 Separation 

The methylated and silylated derivatives can be readily separated using non-polar columns. 

However, complex mixtures of similar compounds do not efficiently separate in one dimension, 

requiring two-dimensional gas chromatography (GC×GC). GC×GC separations are performed by 

two columns that are coupled by a modulator. The modulator traps, concentrates and focuses 

fractions from the first dimension (1D) column (generally nonpolar) and then, systematically, re-

introduces the collected fractions into the second dimension (2D) column (generally polar) as a 

narrow pulse facilitating comprehensive separations.  This improves signal-to-noise ratio, causing 

very narrow bands of analytes with superior peak resolution and provides extension of metabolic 

coverage in comparison with GC [180].  Another important feature is the peaks are ordered in a 

two-dimensional plane where compounds and isomers appear as distinct groups in the 

chromatogram as a result of their physicochemical properties and interaction with 2D phase [181]  

as shown in Figure 1.4. This high degree of separation orthogonality facilitates peak identification 

and quantification. In recent years, numerous instrumental advances and optimization regarding 
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column properties and configuration, and modulation have been made to achieve higher efficiency 

and selectivity [180,182]. 

Generally,  GC-based techniques are limited to compounds with volatility below ∼400 °C to prevent 

column degradation [183]. 

 

 

Figure 1.4: GC×GC–MS total ion current chromatogram of methylated acidic extract of crude oil incubated under sulfate 

reducing condition for 686 days. The expanded peak capacity of GC×GC–MS produced good resolution of aromatic 

acids from aliphatic acids (indicated by the ellipses), due to the 2D column (Y-axis)  [171]. 

 

1.5.3.2 Mass spectrometry   

Ionization of the GC effluents has traditionally been achieved by a high-energy electron impact (EI). 

The generated fragmentation patterns are highly reproducible [184]. Characteristic fragments are 

useful for fragmentation pathway prediction and structural identification of carboxylic acids [185]. 

Identification is based on the comparison with standards [169] or by matching spectral libraries 

[134]. However, the effectiveness of EI decreases significantly for high molecular weight 

compounds. Furthermore, fragmentation can be too extensive resulting in less specific fragment 

ions and reduced sensitivity. The absence of diagnostic molecular ion often hinders the 

identification of co-eluting low abundance molecules [186].  

GC-MS or GC×GC-MS are able to provide quantitative information on non-polar compounds that 

are not effectively measured by FT-ICR MS [41,174]. GC coupled to FT-ICR MS improved the 

characterization of oil sands process water and groundwater samples [187] though GC separation is 

limited by the slow acquisition rate of FT-ICR MS (<1 Hz) [188]. Non-targeted carboxylic acid 

analysis can be achieved by TOF-MS which provides an optimum combination of speed and 

sensitivity, which preserves high chromatographic resolution. Tandem Q-TOF MS is also an 
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excellent tool for structural identification of unknown carboxylic acids [189]. Data visualization in 

GC×GC is usually a 2D plot defined by retention times in both dimensions. Carboxylic acids are 

semi-quantified using the integration of the GC×GC–TOF MS base peaks ions and comparison with 

the base peak ion of an internal standard, assuming a response factor of 1 [171].  

1.5.4 Liquid chromatography – mass spectrometry (LC – MS) 

1.5.4.1 LC separation conditions 

In contrast to GC, carboxylic acids can be separated without prior derivatization by using LC. 

Reversed phase LC is usually used, after addition of a weak acid or a base to the mobile phase. 

Weak acids, such as acetic, formic or trifluoroacetic acid, keep carboxylic acids in their protonated 

state while bases, such as ammonium acetate, ammonium hydroxide and tetramethylammonium 

hydroxide, deprotonate acids and allow their retention on the column for separation [190]. The vast 

number of mobile phase combinations and acid modifiers have been used to provide suitable 

separations and ionization. The addition of formic acid, at a concentration of 0.01%, was reported 

to result in signal suppression not observed with acetic acid. Split peaks were observed at <0.2% 

acetic acid due to the pH of the mobile phase above and/or close to the pKa of the analytes. The 

concentration of 0.2% acetic acid allowed narrower peaks that did not split; however, it extended 

the retention times of the analytes [157]. Ultra-high-performance LC (UPLC) systems have been 

developed to achieve faster separation with high resolution and separation efficiency. UPLC uses 

smaller amounts of solvents required for sample elution and produces narrower and more 

concentrated bands [191]. A good example of the LC separation power can be the separation of 11 

BTEX metabolites in one run [157]. Their separation depended on the type and length of the column 

used, and the concentration of the acid modifier.  

1.5.4.2 Mass spectrometry 

The prior separation by LC simplifies mass spectrometric analysis and alleviates the negative impact 

of competitive ionization [175]. The application of high resolution mass analyzers such as TOF 

[178] or Orbitrap [192] constituted a major advancement towards the structural elucidation of 

unknown species by proposing chemical formulas that match a given exact mass. The coupling of 

LC to FT-ICR was also reported for untargeted analysis of metabolites from water-soluble fraction 

of crude oil [193].  

The LC coupling to tandem MS generates molecular fragmentation with higher specificity and 

reproducibility and increases the confidence of de novo identification [194]. MS/MS based 

fragmentation reactions are also useful for accurate determination using selected reaction 
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monitoring (SRM) or multiple reaction monitoring (MRM) modes. They are based on a selection of 

unambiguous representative fragmentation products with particular m/z value for a higher 

specificity and sensitivity. However, the strength of this technique depends on the separation power 

of the chromatographic system and a good understanding of the fragmentation of the carboxylic 

acids of interest. For example, position isomers, such as toluic acids or methylbenzyl-succinic acids 

fragmented by losing a carboxyl group and produce non-specific transitions in MRM mode with 

relatively high background noise [157]. Hence, their separation depends critically on the elution 

conditions (Figure 1.5).  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

1.6 Applications of mass spectrometry for the monitoring of carboxylic acids after 

hydrocarbon biodegradation  

1.6.1 Model systems:  saturated hydrocarbons (alkanes and cycloalkanes) 

GC-MS has been the primary technique for the degradation studies of saturated hydrocarbons (Table 

1.4). Alkylsuccinates generated from fumarate addition were described as the main products of 

Figure 1.5: HPLC separation of position isomers of toluic acids: (1) o-toluic acid (2) m-toluic acid (3) p-toluic 

acid using BEH C18 column (50 × 2.1 mm × 1.7 µm). Acetic acid concentration in the mobile phase: (a) 0.05%, 

(b) 0.1%, and (c) 0.2%. An increase in acetic acid concentration resulted in narrower peaks and extended retention 

time [157]. 
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anaerobic degradation of C9-C12 n-alkanes  [166]. Signature fragments at m/z 128, 174, [M-45]+ and 

[M-87]+ were reported to be distinctive for alkylsuccinates [166,185]. A model waxy alkane, n-

octacosane, was biodegraded under methanogenic conditions to produce long-chain fatty acids 

[156]. Additionally, dicarboxylic acids (α, ω) were also detected in concentrations ranging from 3 

to 160 µM. Theses dicarboxylic acids were speculated to be cell-associated or secreted by cells to 

act as biosurfactants.  

Sulfate-reducing bacteria degraded cyclohexane to cyclohexylsuccinic acid under anoxic 

conditions. Other metabolites detected include 3-cyclohexylpropionic acid and 

cyclohexanecarboxylic acid.  This indicates that the anaerobic degradation pathway of cyclohexane 

is similar to that of n-alkanes [169].  

 

Table 1.4: Carboxylic acids from the biodegradation of saturated hydrocarbons 

 

Hydrocarbon 
Mass 

spectrometry 

Carboxylic acids 

Reference 

(Alkyl)Alkanoic/cycloalkanoic acid Dicarboxylic acid Alkylsuccinate 

Nonane, 

decane, 

undecane and 

dodecane 

  

GC-MS Tetradecanoic acid  

Pentadecanoic acid 

Hexadecanoic acid* 

Heptadecanoic acid  

Octadecanoic acid* 

Eicosanoic acid 

Docosanoic acid 

Butanedioic acid 

Pentanedioic acid 

Hexanedioic acid 

Octanedioic acid  

Nonanedioic acid 

1-Methyloctylsuccinate 

1-Methylnonylsuccinate 

1-Methyldecylsuccinate 

1-Methylundecylsuccinate 

  

[166] 

    
    

n-Octacosane GC-MS 
 

Hexanedioic acid 

Heptanedioic acid 

Octanedioic acid 

Decanedioic acid 

Dodecanedioic acid 

 
[156] 

  
     

Cyclohexane GC-MS Cyclohexane carboxylic acid 

 3-Cyclohexylpropionic acid 

 
Cyclohexylsuccinic acid [169] 

    
    

Hexadecane 

  

GC-MS Hexadecanoic acid 

Propanoic acid 

Dodecanoic acid 

Pentanoic acid 

Butanoic acid 

  
[195] 

*also detected in the alkane-free controls 

 

1.6.2 Model systems: aromatic hydrocarbons 

GC-MS has also been the primary method used for the analysis of carboxylic acids associated with 

the biodegradation of polyaromatic hydrocarbons (Table 1.5). Benzoic acid, salicylic acid, 

protocatechuic acid, phthalic acid and naphthoic acid are principal degradation products [25].  
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Benzoic and 1,2,3-benzenetricarboxylic acids were revealed as common metabolites during the 

degradation of phenanthrene and fluorene under saline condition [195]. Pyrene degradation by 

Bacillus megaterium produced phenanthrenecarboxylic acid and phthalic acid [196].  

GC×GC-MS demonstrated that phthalate and salicylate degradation pathways played jointly a role 

in fluorene degradation by Pseudomonas aeruginosa [83]. The peak ratio of phthalic to salicylic 

acid was 1:3, implying an accumulation of salicylic acid over time. 

LC- MS/MS has been a viable alternative to GC-MS. While muconic acid was detected as a product 

from the ring cleavage of benzene, benzoic and p-toluic acids were reported for aerobic degradation 

of toluene by Bacillus amyloliquefaciens [62]. Interestingly, the detection of o-, m-, p-toluic acids 

showed the degradation of all isomers of xylene. Toluic, salicylic, benzoic, benzyl, and phenyl 

succinic acids were detected above 0.1 ng/mL as BTEX metabolites in a water sample of a deep 

aquifer hosting natural gas storage [157]. 

GC-MS and LC-MS were demonstrated to complement each other for the identification of 

carboxylic acids from phenanthrene biodegradation [54]. GC-MS analysis tentatively identified 4-

[1-hydroxy(2-naphthyl)]-2-oxobut-3-enoic acid and salicylic acid, while LC-MS allowed the 

identification of 1-hydroxy-2-naphthoic acid.  

1.6.3 Crude oil  

As it was shown in Table 1.6, GC-MS can handle the analysis of metabolites from samples of higher 

complexity, such as crude oil. GC-MS copes readily with the viscosity of crude oil and profits from 

the availability of rich mass spectral databases. In addition, GC-MS permits the concomitant 

monitoring of the residual hydrocarbons.  

The parallel determination of the residual hydrocarbons enables their linking with the corresponding 

carboxylic acids formed. Forty-four carboxylic acids were identified after degradation of 1 % crude 

oil by Gordonia rubripertincta and Rhodococcus sp. [134]. Four monoethyl-substituted and two 

methyl-substituted alkanoic acids were detected from alkane biotransformation. Additionally, 

cyclohexylalkanoic and cyclopentyl-alkanoic acids as well as phenyl-, naphthyl-, and biphenyl 

alkanoic acids were identified as metabolites of alkylcyclohexanes and alkylcyclopentanes and 

alkyl-substituted benzenes, naphthalenes and biphenyls, respectively. In another study, fatty acids, 

aromatic carboxylic acids, and unsaturated acids were recovered by esterification, confirming that 

the oxidation of hydrocarbons yields carboxylic acids, and is an important process in the aerobic 

biodegradation of petroleum [136].  
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The complexity of biodegraded crude oil leaves some carboxylic acids unresolved and unidentified 

by GC-MS [197]. FT-ICR MS and GC×GC-MS are potent techniques for carboxylic acids analysis 

in such complex samples. Aromatic acid metabolites, that were characteristic of the fumarate 

addition mechanism, were distinguished from aliphatic acids, on the basis of the high phenyl content 

of the 2D column [171]. This allowed the acquisition of EI mass spectra, relatively free of ions from 

co-eluting compounds. Likewise, more than 760 unique polar compounds, including carboxylic 

acids and their esters, were tentatively identified in 22 groundwater samples from fuel release sites 

by non-targeted GC×GC-MS [133]. 

FT-ICR MS showed that n-alkanes in crude oil were progressively biodegraded to n-fatty acids 

through β-oxidation, or to hydroxycarboxylic acids and dicarboxylic acids through ω-oxidation [41]. 

The relative concentration of the n-fatty acids increased with biodegradation, suggesting that 

carboxylic acids are the main biodegradation products of crude oils under aerobic conditions. Lui 

et al. [193] examined the evolution of carboxylic acids signatures in microbial treated PAHs of the 

water-soluble fraction of crude oil. The relative abundance of O3 compounds indicated the 

production of 3- and 4-methylsalicylic acids, which are key metabolites from PAHs degradation. 

Interestingly, these compounds decreased substantially with time suggesting they are transient, with 

production, accumulation, and degradation occurring simultaneously. Similarly, detection of 

salicylic acids and gentistic acid in archived field samples suggested that these carboxylic acids are 

viable markers for PAHs degradation.  

No single technique is for the moment sufficient for the holistic profiling of metabolite produced 

during bacterial degradation of hydrocarbons. Bias to specific chemical classes and identification 

of previously unreported carboxylic acids, especially in complex matrices, remains a challenge for 

comprehensive analysis.  The limited availability of authentic standards still presents a bottleneck 

for de novo identification. Efficient data mining and combination techniques from different 

methods, including advanced sample pre-treatment and pre-concentration procedures, are essential 

for effective analysis and data interpretation.  
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Table 1.5: Characterization of carboxylic acids from the biodegradation of BTEX and polyaromatic hydrocarbons 

 

Hydrocarbon 
Mass 

spectrometry 

Carboxylic acids 

Reference 

(Alkyl)Benzoic acid Hydroxy carboxylic acid Dicarboxylic acid 

Benzene 

 

Toluene 

 

Ethylbenzene 

Xylene 

LC-MS/MS  

 

 
Benzoic acid,  

p-toluic acid  

 
 

 
 

o-Toluic acid,   

m-toluic acid,  
p-toluic acid 

2-Hydroxy-2,4-pentadienoate,  

4-hydroxy-2-oxovalerate 

 
2-Hydroxy-2,4-pentadienoate 
 

 

2-Hydroxy-2,4-pentadienoate,  

2-hydroxy-6-oxo-octa-2,4-dienoate 

 

Muconic acid 

 

 
Maleylacetate 

3-oxoadipate 

 

[62] 

 

 

 

 

 

Benzene*, 

toluene, 

ethylbenzene 
and xylene 

LC-MS/MS  

 

Benzoic acid 
 

 

 
o-Toluic acid,   

m-toluic acid,  

p-toluic acid 

 
 

Benzyl succinic acid 
Phenyl succinic acid 

 

2-(1-Phenylethyl)-succinic acid 
 

2-(2-Methylbenzyl-succinic acid 
2-(3 -Methylbenzyl)-succinic 

acid 

2-(4-Methylbenzyl)-succinic 
acid 

[157] 

  
(Aklyl)Benzoic 

acid 
(Alkyl)Polyaromatic acid Dicarboxylic acid 

 

 Phenanthrene GC-MS 

LC-MS 

Salicylic acid 1-Hydroxy-2-naphthoic acid 

4-[1-Hydroxy(2-naphthyl)]-2-

oxobut-3-enoic acid 

 
[54] 

      
Acenaphthene GC-MS 

QTOF-MS 

Salicylic acid 

3-Formyl salicylic 

acid 

1-Naphthoic acid Naphthalene-1,8-dicarboxylic 
acid 

[58] 

      

Fluorene GC×GC-MS Protocatechuic acid 
Salicylic acid 

 
Adipic acid                  
Succinic acid 

Phthalic acid 

[83] 

      
Phenanthrene GC-MS Benzoic acid 1-Hydroxynaphthalene-2-

carboxylic acid 

 
[195] 

Fluorene    Benzoic acid   

Pyrene 
 

Benzoic acid 4-Phenantroic acid 

3,4, Dihydro-phenanthrene-4-

carboxylic acid 

Phthalic acid 

      

Naphthalene, 

Phenanthrene 

and 
Fluoranthene 

LC-MS 3,4-Dihydroxy-1,5-

cyclohexadienoic acid 

Protocatechuic acid 

2-(Hydroxymethy)-

acenaphthylene-1-carboxylic acid 

2-(Methoxymethy)-
acenaphthylene-1-carboxylic acid 

9-Fluorenone-1-carboxylic acid 

cis-1,9a-Dihydroxy-1-hydro-1-
fluorene-9-one-8-carboxylic acid 

4-Hydroxy-6-oxo-6H-

benzo[c]chromene-7-carboxylic 
acid 

2-(Hydroxy)-acenaphthene-1-

carboxylic acid 
2-Formylacenaphthylene-1-

carboxylic acid 

2-Formylacenaphthene-1-
carboxylic acid 

Phthalic acid       

Acenaphthene-1,2-
dicarboxylic acid 

 

[198] 

*Only benzene was not degraded 
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Table 1.6: Carboxylic acids detected during crude oil biodegradation 

 

 

 

 

 

Mass 

spectrometry 

Carboxylic acids 

Reference 

(Alkyl)Alkanoic/cycloalkanoic acid (Akyl)aromatic acid (Alkyl)Polyaromatic acid Dicarboxylic acid 

GC-MS 

  

  

  

  

  

  

  

  

  

Heptanoic acid 

2,3-Dimethyl-butanoic acid 

2-Ethyl-pentanoic acid 

2-Methyl-hexanoic acid 

2-Ethyl-heptanoic acid 

2-Ethyl-octanoic acid Cyclopentane 

carboxylic acid 

Cyclohexane carboxylic acid 

3-Methylcyclopentane carboxylic acid 

Cyclohexylpropanoic acid 

Cyclohexylacetic acid 

4-Methylcyclohexane carboxylic acid 

Benzoic acid 

2-Hydroxybenzoic acid 

3,4-Dihydroxybenzoic acid 

4-Biphenylcarboxylic acid 

Methylbenzoic acid 

3-Methylbenzoic acid 

4-Ethylbenzoic acid 

2,4-Dimethylbenzoic acid 

2,3-Dimethylbenzoic acid 

2,4,5-Trimethylbenzoic acid 

Phenylpropanoic acid 

Phenylacetic acid 

β-Methylphenylacetic acid 

γ-Methyl-γ-phenylpropanoic 

acid 

21-Naphthalene carboxylic 

acid 

1-Naphthylpropanoic acid 

1-Naphthylbutyric acid 

1-Naphtylacetic acid 

2-Naphthylacetic acid, 

Methylnaphthalene 

carboxylic acid 

4,4-Biphenyl-dicarboxylic 

acid  

[134] 

            

GC-MS 

  

  

  

  

  

Dodecanoic acid 

Pentadecanoic acid 

Hexadecanoic acid 

3-Hydroxydodecanoic acid 

3-Hydroxytridecanoic acid 

4-Oxopentanoic acid 

17-Methyloctadecanoic acid 

4-Methylbenzoic acid 

m-Methylbenzoic acid 

m-Tolylacetic acid 

1-Naphthalene carboxylic 

acid 

2-Naphthalene carboxylic 

acid  

Butanedioic acid 

Phthalic acid 

1,3-Benzenedicarboxylic 

acid 

[136] 

            

GC×GC-TOFMS  

  

Alkyl-benzoic acids 

Phenylalkanoic 

2-Biphenyl carboxylic acids 

3-Biphenyl carboxylic acids  

4-Biphenyl carboxylic acids 

Benzylsuccinate 

Methylbenzylsuccinates 

  

1-Naphthoic acid 

2-Naphthoic acid 

Phenanthrene-2-Carboxylic 

acid 

Methylphenanthryl 

carboxylic acid  

Benzothiophene carboxylic 

acid 

Dibenzothiophene 

carboxylic acids 

Naphthyl-2-methylsuccinic 

acid 

Alkylnaphthyl-2-

Methylsuccinic acids 

 

  

[171] 

      

 FT-ICR MS   n-Fatty acids (O2 compound)    Hydroxycarboxylic acid 

(O3 compound) 

Dicarboxylic acids (O4 

compound) 

 [41] 

      

 LC-FT-ICR MS    Salicylic acids 

3- and 4-Methylsalicylic acids 

Gentistic acid 

    [193] 
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2. Materials and methods 

All chemicals used in this study were analytical grade and purchased from Merck 

(www.sigmaaldrich.com). Water produced from a MilliQ Purification System (ELGA®, UK) was 

used throughout. 

 

2.1 Crude oil-polluted soil sampling site 

Soil sample was collected from Bodo West crude oil contaminated site (4° 37' 18.1" N, 7° 15' 53.4" 

E). Bodo is located at the southern coastal end of Ogoniland and east of the Niger Delta, Nigeria 

(Figure 2.1). It is bounded seaward to the south by the Atlantic Ocean. Bodo has over five decades 

of immense crude oil pollution affecting coastal and terrestrial environment. Incidents of crude oil 

spills in this area are compounded by pipelines leaks, sabotage, and artisanal oil refining [30,199]. 

 

 

 
 

2.2 Sampling crude oil-polluted soil 

The soil sample was collected using a soil auger at 15 cm depth and stored in a clean plastic 

container. Soil pH was measured by suspending the soil in water (1:5 w/v). The slurry was vortexed 

for 1 min and let to settle down. pH was read with a pH meter (Cyberscan 510, EUTECH 

Instruments, Singapore) at 25 C. The pH of the soil sample determined the pH of the enrichment 

media.  

Figure 2.1: Geographical location of Bodo (https://www.bbc.com/news/world-africa-14398659). 

 

http://www.sigmaaldrich.com/
https://www.bbc.com/news/world-africa-14398659
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2.3 Isolation of bacterial strains by enrichment on crude oil 

Figure 2.2 illustrates the bacteria enrichment and isolation steps adopted. 

2.3.1 Media composition  

Enrichment was carried out at pH 8.0 because the soil sample had an alkaline pH (8.3). Cultivations 

were carried out using four media that were sterilized by autoclaving at 121 C and 15 psi for 20 

min:  

(i) Rich Complete Medium (RCM) (g/L): casein (2.0), glycerol (2.5), asparagine (0.10), sodium 

propionate (4.0), K2HPO4 (0.50), MgSO4.7H2O (0.10), FeSO4.7H2O (0.001). 

(ii) Rich Incomplete Medium (RIM) as RCM but without casein and glycerol. 

(iii) Complete Mineral Medium (CMM) (g/L): starch (10.00), casein (0.30), NaNO3 (0.85), 

KH2PO4 (0.56), Na2HPO4 (0.86); K2SO4 (0.17), MgSO4.7H2O (0.37), CaCl2.6H2O (0.007) 

and 2 mL of trace element solution: ZnCl2 (0.042); MnCl2.4H2O (0.05); H3BO3 (0.30); 

CuCl2.2H2O (0.002); Na2MoO3.2H2O (0.018); CoCl2.6H2O (0.19); FeSO4.7H2O (1.1); 

NiCl2.6H2O (0.024)) at pH 8.0 (25 C).  

(iv)  Incomplete Mineral Medium (IMM) as CMM without starch and casein. 

2.3.2 Enrichment conditions  

One gram of soil sample was suspended into 10 mL of culture media supplemented or not with 1 % 

(v/v) filter-sterilized Congo Bilondo crude oil and incubated at 20 °C, 27 °C and 35 °C at 75 rpm 

for 20 days. Thereafter, 1 ml aliquot of the enrichment cultures was transferred into fresh 

corresponding media and incubated for 14 days.  

2.3.3 Isolation of bacteria 

Aliquots (10 µL and 100 µL) of the enrichment cultures were spread on the corresponding 1.5 % 

agar media and incubated for 3 days at the same temperature as that used for the enrichment. For 

enrichments grown with the incomplete media, RIM and IMM agar media were supplemented with 

glucose (5 g/L) and yeast extract (5 g/L) or peptone (5 g/L) and yeast extract (5 g/L) or lactate (20 

mM), acetate (20 mM) and yeast extract (5 g/L) as carbon source. Lysogeny broth (LB) agar, RCM 

agar and CMM agar were used for enrichments grown with RCM and CMM. Isolates were purified 

by two successive streaking on agar plates. The purity of isolates was confirmed by the 

morphological homogeneity of the colonies on agar plates, the presence of only one morphotype 

under the microscope and detection of a single 16S rRNA gene PCR product in the 16S rRNA genes 

sequencing chromatograms. 
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2.3.4 Screening of isolates on hydrocarbons  

To identify isolates capable of utilizing a hydrocarbon, 5 mL IMM supplemented with 0.2 % (v/v) 

crude oil and 0.2 % (v/v) of a 50/50 mixture of n-decane and n-hexadecane was inoculated with 1 

µL loopful cell suspension of each isolate and incubated at 30 °C and 75 rpm. The isolates were 

also incubated in 5 mL IMM supplemented with propionate (4 g/L) and asparagine (0.1 g/L) to serve 

as a positive control. Growth was monitored every 72 h by optical density (OD) at 600 nm using a 

spectrophotometer (Spectronic Camspec, UK). LB media (5 mL) was each inoculated with 1 µL 

loopful of isolates having the capability to utilize hydrocarbons and incubated at 30 °C and 75 rpm 

for 48 h. Then, aliquots (1.5 mL) of cultures were cryopreserved at -80 °C using 0.5 mL of 50 % 

glycerol while 250 µL were used for DNA extraction to identify the isolates.  

 

2.4 Molecular biology analysis 

2.4.1 Genomic DNA extraction and Illumina sequencing  

DNA was extracted from the soil sample (0.25 g) and enrichment cultures (250 µL) using DNeasy® 

Power Soil® DNA Isolation Kit (Qiagen, Hilden, Germany) following the manufacturer’s 

instructions. The extracted DNA samples were sequenced at MR DNA (www.mrdnalab.com,  

Shallowater, TX) on MiSeq following the manufacturer’s guidelines. In summary, the V1-V3 

variable region of 16S rRNA gene were amplified using the primers 8F-519R [200]  with barcode 

on the forward primer in a 30 cycle PCR. PCR amplifications were performed using the HotStarTaq 

Plus Master Mix Kit (Qiagen, Germantown, MD) under the following conditions: 94 °C for 3 min, 

followed by 30 cycles of 94 °C for 30 s, 53 °C for 40 s and 72 °C for 1 min, followed by a final 

elongation step at 72 °C for 5 min. After amplification, PCR products were checked in 2 % agarose 

gel to determine the success of amplification and the relative intensity of bands. Multiple samples 

were pooled together in equal proportions using MR DNA’s proprietary molarity model and purified 

using calibrated Ampure XP beads, before preparing the illumina DNA library. Sequence data were 

processed using version 2019_05 of MR DNA taxonomic analysis pipeline and database. 

Operational taxonomic units (OTUs) were defined by clustering at 3% divergence (97% similarity). 

Finally, OTUs were taxonomically classified using BLASTn against a curated database derived 

from RDPII and NCBI (http://rdp.cme.msu.edu, www.ncbi.nlm.nih.gov). The 16S rRNA gene 

sequences from the soil and enrichment samples were deposited to the NCBI Short Read Archive 

(SRA) under the BioProject accession number PRJNA883074.  

http://www.mrdnalab.com/
http://rdp.cme.msu.edu/
http://www.ncbi.nlm.nih.gov/
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2.4.2 Pacbio Sequel for bacterial identification 

DNA extracted from isolates having the capability to utilize hydrocarbons were sequenced for 

identification. The 16S rRNA gene PCR primers, 8F-1492R, with barcode on the forward primer 

were used for amplification. After amplification, multiple samples were pooled together in equal 

proportions and purified using Ampure PB beads (Pacific Biosciences). SMRTbell libraries (Pacific 

Biosciences) were prepared and sequenced at MR DNA on the PacBio Sequel following the 

manufacturer’s guidelines. After completion of initial DNA sequencing, each library undergoes a 

secondary analysis, Circular Consensus Sequencing (CCS), using PacBio’s CCS2 algorithm. The 

CCS2 algorithm aligns the forward ‘FWD’ and reverse ‘REV’ subreads from each template to 

generate consensus sequences, thereby correcting the stochastic errors generated in the initial 

analysis. Thereafter, sequence data was processed using version 2019_08 of MR DNA taxonomic 

analysis pipeline and database. Nucleotide sequence of 16S rRNA gene were deposited at NCBI 

GenBank under the GenBank accession numbers ON383530 - ON383535. 16S rRNA sequences of 

type strains were obtained from EzBioCloud (www.ezbiocloud.net) for evolutionary analyses 

conducted in MEGA X. 

2.5 Biodegradation studies 

2.5.1 Biodegradation of n-hexadecane 

Five millilitres of IMM inoculated with 1µL loopful of growing cell suspension of the selected 

bacteria and supplemented with n-hexadecane (0.1% v/v) as carbon source was used for 

biodegradation study. In parallel, 0.4 % (w/v) propionate as sole source of carbon was used as 

positive control while a medium supplemented with n-hexadecane with no inoculation served as 

negative control. Three replicates were incubated at 30 °C and 50 rpm. Experimental replicates of 

treatments and controls were sacrificed at day 0, 3, 6 and 10 to monitor protein concentration, 

residual n-hexadecane, and extracellular metabolites.  

http://www.ezbiocloud.net/
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Figure 2.2: Bacteria enrichment and isolation workflow.
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2.5.2 Biodegradation of saturate fraction of crude oil 

2.5.2.1 SARA Fractionation of crude oil  

Congo bilondo crude oil was  fractionated using the method described elsewhere with modification 

[201]. The oil (85.2 g) was separated into maltene and asphaltene fractions using n-heptane (1:40, 

w/v). Thereafter, 10 g of the maltene fraction was fractionated by silica gel column chromatography 

and eluted with n-hexane, toluene, and DCM/methanol (9:1, v/v) to obtain saturates, aromatics and 

resin fractions, respectively. 

 

 

Figure 2.3: SARA fractionation scheme 

 

2.5.2.2 Biodegradation of saturate fraction 

Saturate fraction (0.1 %) was added to culture medium without bacteria (Control sample) and with 

bacteria. Culture media were incubated at 30 °C and 50 rpm. Experiments were stopped at day 0, 3, 

and 5 to monitor residual hydrocarbons, extra- and intracellular metabolites and protein 

concentration as described before.  
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2.5.3 Determination of protein concentration in culture 

Ten microliters of 10 % SDS was added to 1 mL of culture and incubated at 90 ºC for 2 min to 

solubilize proteins. Insoluble cell debris were removed by centrifugation at 13,000 rpm at room 

temperature. Protein concentration in the supernatant was determined using the Enhanced Protocol 

of Pierce™ BCA Protein Assay Kit (ThermoFisher Scientific, Rockford, IL), with bovine serum 

albumin (BSA) as standard.  

2.5.4 GC-FID for residual hexadecane analysis 

Five millilitres of n-hexane containing 0.1 % n-dodecane as internal standard were added to 

treatments (5 mL) to extract the residual n-hexadecane. The mixture was agitated at 400 min-1 for 

20 min. The organic phase was separated from the aqueous phase by freezing at -20 °C and analysed 

with GC-FID. In splitless mode, 1 μL sample was introduced into the GC-FID (6850 network GC 

system, Agilent Technologies, Santa Clara, CA) fitted with a HP-1 column (30 m × 0.320 mm × 

0.25 µm i.d.) and nitrogen as carrier gas. The temperature program was: initial temperature:  50 °C, 

gradient at 20 °C /min to 130 °C, 1.50 °C /min to 150 °C, 4 °C /min to 172 °C held for 5 min.  

2.5.5 GC-MS for residual saturate hydrocarbon analysis 

An equal volume of n-hexane containing 0.1% deuterated dodecane as internal standard was added 

to media for extraction of residual saturated hydrocarbons. The mixture was agitated at 400 min-1 

for 20 min. The organic phase was separated from the aqueous phase by freezing at -20 °C and 

analysed in splitless mode using GC-MS (Thermo Scientific™ TRACE™ 1300 Series GC System, 

ThermoFisher Scientific, Illkirch-Graffenstaden, France) in EI ionization mode. The GC was fitted 

with a Zebron ZB-624PLUS column (Phenomenex, Le Pecq, France) (30 m × 0.250 mm × 1.40 µm 

i.d.) and helium as carrier gas. The temperature program was: initial temperature:  50 °C held for 1 

min, gradient at 20 °C /min to 150 °C, 10 °C /min to 250 °C, 15 °C /min to 300 °C held for 5.6 min. 

Chromeleon™ Chromatography Data System (CDS) software was used for data treatment. The 

obtained values were normalized against those of abiotic controls. 

2.5.6 Sampling extracellular and intracellular metabolites 

The culture was centrifuged at 15,300 g for 10 min. The obtained supernatant was filtered through 

0.22 µm sterile Millex® syringe-driven filters (Merck Millipore, Darmstadt, Germany), and 

collected for extracellular metabolite screening.  Likewise, the pelleted cells obtained after 

centrifugation were washed with miliQ water and sonicated for 2 min. The mixture after sonication 
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were extracted with 50 % cold acetone to precipitate proteins, and centrifuged at 14,000 rpm for 10 

min at 4 °C. The clear supernatants were collected for intracellular metabolite screening. 

2.5.7 LC-MS/MS for untargeted screening of metabolites  

The chromatographic system used was an ultimate 3000 RSLC system (ThermoFisher Scientific, 

Germering, Germany), and the detection was ensured by a Q Exactive Plus high-resolution mass 

spectrometer (ThermoFisher Scientific, Bremen, Germany) operated in negative mode. A 10 µL 

aliquot was analyzed using AccucoreTM C-18 column (150×2.1mm, 2.6µm, ThermoFisher 

Scientific). The flow rate was 0.45 mL/min, column temperature was 45 °C and the autosampler 

temperature was 5 °C. The mobile phase was (A) 10 mM ammonium acetate and (B) methanol (99.9 

%). The LC separation was carried out with the following gradient: 0-1 min, 10 % B; 1-15 min, 10 

to 95 % B; 15-18 min, 95 % B; 18-20 min, 10 % B. The resolution for MS1 and MS2 scans were set 

to 70,000 and 35,000, respectively, with mass range of 100 - 1000 m/z. Data processing was carried 

out using Compound Discoverer 2.1TM software (ThermoFisher Scientific, Waltham, MA). The 

software was fed with raw data from LC-MS/MS system, which was analyzed with a workflow and 

study factors illustrated in Figure S1 (supplementary data). Finally, Chemspider and mzCloud 

databases were consulted to assign annotation accordingly. 

2.5.8 LC-MS3 for structural elucidation of metabolites 

Targeted analysis for extracellular metabolites were carried out using the Ultimate 3000 RSLC 

system coupled to Orbitrap Fusion Lumos Tribrid mass spectrometer (ThermoFisher Scientific, 

Waltham, MA). The same column, chromatographic conditions and ionization mode used in the 

untargeted screening were applied. Two fragmentation modes, collision-induced dissociation (CID) 

and higher-energy C-trap dissociation (HCD) were applied at collision energies ranging from 40 -

100. 

2.5.9 Quantification of hydroxyhexadecanoic acid isomers 

Calibration curve was prepared with 16-hydroxyhexadecanoic acid to quantify 

hydroxyhexadecanoic acid isomers detected as extracellular metabolites. The same column, 

chromatographic conditions and ionization mode used in the untargeted screening were applied. 

2.6 Biofilm assays 

2.6.1 Biofilm formation on liquid hydrophobic substrates 

Quantification of biofilms grown at the interface between the liquid substrates (n-hexadecane and 

n-octadecane) and the aqueous phase was carried out in 100 mL bottles in 10 mL IMM containing 
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0.2 % substrate. After incubation, cultures were filtered through a nylon membrane of 33 μm 

porosity (Nitex®) using a vacuum pump. The biofilm retained on the filter was stained with 400 μL 

of 0.1 % crystal violet for 3 min, then washed with 10 ml of water. The dye was extracted with 10 

mL of 10 % acetic acid, 50 % ethanol and 40 % water and absorbance of the resultant supernatant 

was read at 595 nm after 10-fold dilution. To compare planktonic and biofilm biomass measurement, 

the relationship between crystal violet absorbance at 595 nm and OD600nm was established for each 

strain. One microlitre of bacterial culture with known OD600nm (0, 0.25, 0.50, 0.75 and 1.00) were 

centrifuged at 13,000 rpm. The pelleted cells obtained were stained with 400 µL of 0.1 % crystal 

violet and incubated at room temperature for 3 minutes. Then, the cells were washed twice with 1 

mL Milli-Q water. Cells retain the crystal violet and were decolorized with 1 mL solution of 10 % 

acetic acid and 50 % ethanol. The absorbance of the resultant supernatant was read at 595 nm after 

10-fold dilution. 

2.6.2 Biofilm formation as a mechanism to utilize n-hexadecane 

A 6-well microplate with a Thincert™ culture inserts having a transparent membrane filter of 0.4 

µm porosity (Greiner Bio-One, Germany) was used. 3 ml of culture in exponential phase that was 

re-suspended in IMM at an OD600nm of 0.05 was added to the filters and wells. The filter 

compartments were supplemented with 0.2 % n-hexadecane and covered with parafilm to avoid 

evaporation into the wells. OD600nm of culture in the filter compartments and wells was read after 

72 h. Two control experiments (A and B) were set up in parallel. Control A was to ensure bacteria 

could not cross the filters’ membrane into the wells. It had cultures in the filter compartments 

supplemented with 0.4 % propionate while the wells had IMM with 0.4 % propionate and no 

bacteria. Control B had IMM in the filter compartments supplemented with 0.2 % n-hexadecane but 

no bacteria while the wells had bacteria and no carbon source. This was to know if bacteria growing 

in the wells were using soluble metabolites secreted by the biofilm formed in filters compartment. 

2.6.3 Biofilm formation on solid hydrophobic substrates 

Biofilm formation on solid substrates (alkane: paraffin, a wax ester: hexadecyl hexadecanoate and 

a triglyceride: tristearin) was assayed in IMM in 24-well polystyrene microplates with the wells 

coated with the substrates as previously described [202]. The plates were inoculated with 1 mL of 

culture in exponential phase re-suspended in IMM at an OD600nm of 0.1. After incubation, the culture 

medium was aspirated from the wells and used to quantify the planktonic cells by reading the OD 

at 600nm. The wells were washed twice with 1 mL of IMM. Biofilms adhering to the wells were 

stained at room temperature for 3 min with 400 µL of 0.1 % crystal violet. Then, each well was 
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washed twice with 1 mL water the crystal violet was eluted with 1 mL solution (10 % acetic acid, 

50 % ethanol and 40 % water) and absorbance of the resultant supernatant was read at 595 nm after 

10-fold dilution. 

2.6.4 Microbial adhesion to hydrocarbon (MATH) assay 

MATH assays were performed as described elsewhere [203]. In brief, 1 mL of buffer-washed 

aqueous cell suspensions obtained after growth on either propionate or n-hexadecane was mixed 

with an equal volume of n-hexadecane. After 2 min of vortexing, the mixture was left until the 

phases separated. OD of the aqueous phase was measured at 600 nm, and percentage of cell 

adherence was calculated from difference in OD before and after vortex. 

2.6.5 Optical sectioning microscopy (ApoTome) of biofilm  

Biofilms were grown on microscopic slides coated with paraffin and hexadecyl hexadecanoate 

immersed in 20 mL of IMM at 30 ºC for 40 h. The slides were washed with IMM stained with 10 

µM SYTO 9 (Invitrogen) and incubated for 20 min in the dark. Biofilms on the slides were covered 

with a coverslip and observed under a Zeiss AxioObserver Z1 inverted microscope equipped with 

an Apotome to perform optical sectioning, an oil immersion Plan-Apochromat 63x, NA 1.4 

objective and the following filter sets: EX BP 470/40, FT 495, EM BP 525/50. Images were analysed 

using Zen 2.6 (blue edition) software. Biofilms were characterized using COMSTAT 2.1 

(www.comstat.dk) as a plugin to ImageJ [204,205]. 

2.6.6 Screening for biosurfactant production 

Strains were incubated in IMM with 1% (v/v) n-hexadecane at 30 °C and 50 rpm for 96 h. Thereafter, 

the culture was centrifuged at 15,300 g for 10 min, and the obtained supernatant was filtered through 

0.22 µm sterile Millex® syringe-driven filters. Biosurfactant production was screened by drop 

collapse test, oil displacement test, and emulsification index (E24) according to the methods 

described by Datta et al. [206]. Water and cell-free medium served as negative control while 1% 

SDS was used as the positive control. Furthermore, biosurfactant production was evaluated by 

measuring the interfacial tension (IFT) between culture supernatant and n-hexadecane as a function 

of time using a Trakcer pendant drop tensiometer (Interfacial Technology Concept, Quimper, 

France) [207]. 

 

 

http://www.comstat.dk/
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3. Degradation of long-chain alkanes through biofilm formation by bacteria isolated from 

oil-polluted soil 

 

3.1 Introduction 

The approaches to clean up petroleum hydrocarbon pollution have progressively moved towards the 

more eco-friendly and sustainable intrinsic and enhanced bioremediation techniques [3,208]. 

Bioremediation of hydrocarbon depends essentially on microbial metabolism that leads to the 

degradation of hydrocarbons into carbon dioxide and water. Consequently, the metabolic potential 

of microorganisms [95], and the isolation of hydrocarbonoclastic microbes [106] are essential for 

bioremediation applications. This have driven the continual search for microorganisms with the 

appropriate metabolic capabilities for bioremediation application [16–18].  

Microorganisms are considered as nature’s ultimate scavenger due to their ability to acquire carbon 

and energy from numerous compounds [25]. Bacteria are capable of degrading hydrocarbons 

because of their energy and carbon needs for growth and reproduction, as well as surviving the stress 

and toxicity caused by hydrocarbons [209]. Petroleum polluted environment provide the ideal 

repository for isolating bacteria with capabilities to degrade hydrocarbons [26–28]. This is because 

the presence of hydrocarbons in an environment influences the diversity of the bacterial community 

[29–31]. Bacterial species belonging to the phyla Proteobacteria, Actinobacteria, Acidobacteria, 

Bacteroidetes, Deinococcus-Thermus and Firmicutes etc. have been reported of degrading 

petroleum hydrocarbons using diverse metabolic pathways that are mediated by specific enzyme 

system [9,209,210]. Most bacteria can efficiently degrade certain fractions of petroleum and classes 

of hydrocarbon. For instance, Nocardia soli Y48 and Rhodococcus erythropolis YF28-1 were 

reported to grow on n-alkanes (C8-C36) portion of crude oil [211], while Bacillus cereus utilized 

mono- and polyaromatic hydrocarbons as carbon source [212]. This could be attributed to bacteria 

strains having different catabolic enzymes, the toxic effects of the hydrocarbons, and in particular, 

the bioavailability and bioaccessibility to hydrocarbons.  

Alkanes are major component of petroleum, and their solubility in water and biodegradability 

decreases with an increase in molecular weight. In aerobic degradation, alkanes are generally 

activated by enzymatic incorporation of molecular oxygen or in rare cases, peroxides [127] through 

terminal or sub-terminal oxidation to yield the corresponding primary or secondary alcohols. The 

primary alcohols are oxidized into aldehydes, which are further converted into fatty acids or ω-

hydroxy fatty acids and dicarboxylic acids by ω-hydroxylation [41,129]. Ketones are generated from 

oxidation of the secondary alcohols and are further converted to esters and hydrolysed into fatty 
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acids. The fatty acids are converted into acetyl-CoA through the β-oxidation pathway and further 

metabolized in the tricarboxylic acid cycle to generate CO2 and reducing equivalents that are 

channelled into the respiratory chain to produce energy and H2O  [127]. Chemical characterization 

of the metabolites of hydrocarbon biodegradation is very essential [213]. It gives an insight into the 

biochemical processes within and outside the cell during the biodegradation process. Such insights 

are important for the elucidation of hydrocarbon degradation mechanisms and pathways and design 

of more efficient bioremediation strategies. Moreover, characterizing extracellular metabolites 

provides crucial information about the bacterial response to the surrounding environment [214]. 

Metabolite profiling has been intensified in recent years due to the continuous development of robust 

analytical methods and instrumentation, especially mass spectrometry and chromatography,  for 

characterizing compounds in complex matrices [149].  

The low water solubility of hydrocarbons limits their accessibility and availability to bacteria as 

substrate. Hence, this necessitates specific assimilation mechanisms. Bacteria produce surface-

active compounds known as biosurfactants to enhance the solubility and availability of 

hydrocarbons through emulsification, thereby facilitating hydrocarbons uptake and degradation 

[70]. Biosurfactants are amphipathic molecules that constitute heterogeneous group of biomolecules 

such as glycolipids, lipoproteins complexes and lipopolysaccharide-protein complexes. Recent 

studies have shown how biosurfactants promote hydrocarbon emulsification and solubility during 

biodegradation [76–80]. Another significant mechanism adopted by bacteria to overcome the poor 

solubility of hydrocarbons is biofilm formation. A Biofilm is referred to as microbial aggregates 

that are often embedded in a self-produced matrix of extracellular polymeric substances (EPS) and 

adhere to each other and/or to a surface [93]. The EPS serves as building material for the three-

dimensional architecture of the biofilm and anchoring material for attachment to surfaces [120]. 

Biofilm formation during hydrocarbon degradation is an adaptation strategy and it is typically 

characterized by attachment of cells to hydrocarbons at the hydrocarbon-water interface [94–96].  

Attachment to hydrocarbons relies on bacterial cell surface properties such as hydrophobicity, 

charge, roughness and extracellular appendages [96]. The adhesion of bacteria to the oil-water 

interface effectively enhances the rate of hydrocarbon assimilation by reducing the distance for mass 

transfer [108]. Additionally, the cells and secreted solubilisation factors such as exoenzymes, 

biosurfactants or proteins. that play important roles in hydrocarbon assimilation are retained and 

accumulated within the EPS matrix [96,122]. This retentive property of the matrix localizes and 

stabilizes solubilisation and enzymatic activities within the matrix and thus increase mass transfer 

of hydrocarbons toward the cell for degradation. Dasgupta et al. [94] reported that biofilm-forming 
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Pseudomonas strains degraded crude oil more readily and extensively than planktonic strains. 

Similarly, biofilm of Stenotrophomonas acidaminihila NCW-702 was able to degrade PAHs more 

efficiently than planktonic cells [98]. Recently, the effectiveness of bioaugmentation with biofilm-

forming bacteria was reported [99]. Moreover, biofilm-forming bacteria revolves between 

planktonic growth and biofilm formation. When biofilm formation at the hydrocarbon-water 

interface becomes fully matured, cells begin to strategically detach from the biofilm in order to 

colonize new hydrocarbon surfaces [108]. Biofilm formation and planktonic-biofilm transition are 

complex and highly regulated processes [100,101].  

The aim of this study was to study the mechanism of hydrocarbon degradation in soil by 

investigating the ability of bacterial strains isolated from a crude oil polluted soil by enrichment to 

utilize long chain alkanes through biofilm formation. 

 

3.2 Materials and methods 

All chemicals used in this study were of analytical grade and purchased from Merck 

(www.sigmaaldrich.com). Water produced from a MilliQ Purification System (ELGA®, UK) was 

used throughout. 

3.2.1 Sampling crude oil-polluted soil 

The soil sample was collected using a soil auger at 15 cm depth in a Bodo West crude oil 

contaminated site (4° 37' 18.1" N, 7° 15' 53.4" E) in Ogoniland, Rivers State, Nigeria and stored in 

a clean plastic container. Soil pH was measured by suspending the soil in water (1:5 w/v). The slurry 

was vortexed for 1 min and let to settle down. pH was read with a pH meter (Cyberscan 510, 

EUTECH Instruments, Singapore) at 25 C. The pH of the soil sample determined the pH of the 

enrichment media.  

3.2.2 Isolation of bacterial strains by enrichment on crude oil 

3.2.2.1 Media composition  

Enrichment was carried out at pH 8.0 because the soil sample had an alkaline pH (8.3). Cultivations 

were carried out using four media that were sterilized by autoclaving at 121 C and 15 psi for 20 

min:  

(i) Rich Complete Medium (RCM) (g/L): casein (2.0), glycerol (2.5), asparagine (0.10), sodium 

propionate (4.0), K2HPO4 (0.50), MgSO4.7H2O (0.10), FeSO4.7H2O (0.001). 

(ii) Rich Incomplete Medium (RIM) as RCM but without casein and glycerol. 

http://www.sigmaaldrich.com/
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(iii) Complete Mineral Medium (CMM) (g/L): starch (10.00), casein (0.30), NaNO3 (0.85), 

KH2PO4 (0.56), Na2HPO4 (0.86), K2SO4 (0.17), MgSO4.7H2O (0.37), CaCl2.6H2O (0.007) 

and 2 mL of trace element solution: ZnCl2 (0.042), MnCl2.4H2O (0.05), H3BO3 (0.30), 

CuCl2.2H2O (0.002), Na2MoO3.2H2O (0.018), CoCl2.6H2O (0.19), FeSO4.7H2O (1.1), 

NiCl2.6H2O (0.024).  

(iv)  Incomplete Mineral Medium (IMM) as CMM without starch and casein. 

3.2.2.2 Enrichment conditions  

One gram of soil sample was suspended into 10 mL of culture media supplemented or not with 1 % 

(v/v) filter-sterilized Congo Bilondo crude oil and incubated at 20 °C, 27 °C and 35 °C at 75 rpm 

for 20 days. Thereafter, 1 ml aliquot of the enrichment cultures was transferred into fresh 

corresponding media and incubated for 14 days.  

3.2.2.3 Isolation of bacteria 

Aliquots (10 µL and 100 µL) of the enrichment cultures were spread on the corresponding 1.5 % 

agar media and incubated for 3 days at the same temperature as that used for the enrichment. For 

enrichments grown with the incomplete media, RIM and IMM agar media were supplemented with 

glucose (5 g/L) and yeast extract (5 g/L) or peptone (5 g/L) and yeast extract (5 g/L) or lactate (20 

mM), acetate (20 mM) and yeast extract (5 g/L) as carbon source. Lysogeny broth (LB) agar, RCM 

agar and CMM agar were used for enrichments grown with RCM and CMM. Isolates were purified 

by two successive streaking on agar plates. The purity of isolates was confirmed by the 

morphological homogeneity of the colonies on agar plates, the presence of only one morphotype 

under the microscope and detection of a single 16S rRNA gene PCR product in the 16S rRNA genes 

sequencing chromatograms. 

3.2.2.4 Screening of isolates on hydrocarbons  

To identify isolates capable of utilizing a hydrocarbon, 5 mL IMM supplemented with 0.2 % (v/v) 

crude oil and 0.2 % (v/v) of a 50/50 mixture of n-decane and n-hexadecane was inoculated with 1 

µL loopful cell suspension of each isolate and incubated at 30 °C and 75 rpm. The isolates were 

also incubated in 5 mL IMM supplemented with propionate (4 g/L) and asparagine (0.1 g/L) to serve 

as a positive control. Growth was monitored every 72 h by optical density (OD) at 600 nm using a 

spectrophotometer (Spectronic Camspec, UK). LB media (5 mL) was each inoculated with 1 µL 

loopful of isolates having the capability to utilize hydrocarbons and incubated at 30 °C and 75 rpm 

for 48 h. Then, aliquots (1.5 mL) of cultures were cryopreserved at -80 °C using 0.5 mL of 50 % 

glycerol while 250 µL were used for DNA extraction to identify the isolates.  
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3.2.3 Molecular biology analysis 

3.2.3.1 Genomic DNA extraction and Illumina sequencing  

DNA was extracted from the soil sample (0.25 g) and enrichment cultures (250 µL) using DNeasy® 

Power Soil® DNA Isolation Kit (Qiagen, Hilden, Germany) following the manufacturer’s 

instructions. The extracted DNA samples were sequenced at MR DNA (www.mrdnalab.com,  

Shallowater, TX) on MiSeq following the manufacturer’s guidelines. In summary, the V1-V3 

variable region of 16S rRNA gene were amplified using the primers 8F-519R [200]  with barcode 

on the forward primer in a 30 cycle PCR. PCR amplifications were performed using the HotStarTaq 

Plus Master Mix Kit (Qiagen, Germantown, MD) under the following conditions: 94 °C for 3 min, 

followed by 30 cycles of 94 °C for 30 s, 53 °C for 40 s and 72 °C for 1 min, followed by a final 

elongation step at 72 °C for 5 min. After amplification, PCR products were checked in 2 % agarose 

gel to determine the success of amplification and the relative intensity of bands. Multiple samples 

were pooled together in equal proportions using MR DNA’s proprietary molarity model and purified 

using calibrated Ampure XP beads, before preparing the illumina DNA library. Sequence data were 

processed using version 2019_05 of MR DNA taxonomic analysis pipeline and database. 

Operational taxonomic units (OTUs) were defined by clustering at 3% divergence (97% similarity). 

Finally, OTUs were taxonomically classified using BLASTn against a curated database derived 

from RDPII and NCBI (http://rdp.cme.msu.edu, www.ncbi.nlm.nih.gov). The 16S rRNA gene 

sequences from the soil and enrichment samples were deposited to the NCBI Short Read Archive 

(SRA) under the BioProject accession number PRJNA883074.  

3.2.3.2 Pacbio Sequel for bacterial identification 

DNA extracted from isolates having the capability to utilize hydrocarbons were sequenced for 

identification. The 16S rRNA gene PCR primers, 8F-1492R, with barcode on the forward primer 

were used for amplification. After amplification, multiple samples were pooled together in equal 

proportions and purified using Ampure PB beads (Pacific Biosciences). SMRTbell libraries (Pacific 

Biosciences) were prepared and sequenced at MR DNA on the PacBio Sequel following the 

manufacturer’s guidelines. After completion of initial DNA sequencing, each library undergoes a 

secondary analysis, Circular Consensus Sequencing (CCS), using PacBio’s CCS2 algorithm. The 

CCS2 algorithm aligns the forward ‘FWD’ and reverse ‘REV’ subreads from each template to 

generate consensus sequences, thereby correcting the stochastic errors generated in the initial 

analysis. Thereafter, sequence data was processed using version 2019_08 of MR DNA taxonomic 

analysis pipeline and database. Nucleotide sequence of 16S rRNA gene were deposited at NCBI 

http://www.mrdnalab.com/
http://rdp.cme.msu.edu/
http://www.ncbi.nlm.nih.gov/
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GenBank under the GenBank accession numbers ON383530 - ON383535. 16S rRNA sequences of 

type strains were obtained from EzBioCloud (www.ezbiocloud.net) for evolutionary analyses 

conducted in MEGA X. 

3.2.4 Biodegradation of n-hexadecane 

Five millilitres of IMM inoculated with 1µL loopful of growing cell suspension of the selected 

bacteria and supplemented with n-hexadecane (0.1% v/v) as carbon source was used for 

biodegradation study. In parallel, 0.4 % (w/v) propionate as sole source of carbon was used as 

positive control while a medium supplemented with n-hexadecane with no inoculation served as 

negative control. Three replicates were incubated at 30 °C and 50 rpm. Experimental replicates of 

treatments and controls were sacrificed at day 0, 3, 6 and 10 to monitor protein concentration, 

residual n-hexadecane, and extracellular metabolites.  

3.2.4.1 Determination of protein concentration in culture 

Ten microliters of 10 % SDS was added to 1 mL of culture and incubated at 90 ºC for 2 min to 

solubilize proteins. Insoluble cell debris were removed by centrifugation at 13,000 rpm at room 

temperature. Protein concentration in the supernatant was determined using the Enhanced protocol 

of Pierce™ BCA Protein Assay Kit (ThermoFisher Scientific, Rockford, IL), with bovine serum 

albumin (BSA) as standard.  

3.2.4.2 GC-FID for residual hexadecane analysis 

Five millilitres of n-hexane containing 0.1 % n-dodecane as internal standard were added to 

treatments (5 mL) to extract the residual n-hexadecane. The mixture was agitated at 400 min-1 for 

20 min. The organic phase was separated from the aqueous phase by freezing at -20 °C and analysed 

with GC-FID. In splitless mode, 1 μL sample was introduced into the GC-FID (6850 network GC 

system, Agilent Technologies, Santa Clara, CA) fitted with a HP-1 column (30 m × 0.320 mm × 

0.25 µm i.d.) and nitrogen as carrier gas. The temperature program was: initial temperature:  50 °C, 

gradient at 20 °C /min to 130 °C, 1.50 °C /min to 150 °C, 4 °C /min to 172 °C held for 5 min.  

3.2.4.3 Sampling extracellular metabolites 

The culture was centrifuged at 15,300 g for 10 min. The obtained supernatant was filtered through 

0.22 µm sterile Millex® syringe-driven filters (Merck Millipore, Darmstadt, Germany), and 

collected for extracellular metabolite screening by LC-MS/MS.  

http://www.ezbiocloud.net/
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3.2.4.4 LC-MS/MS for untargeted screening of extracellular metabolites  

The chromatographic system used was an ultimate 3000 RSLC system (ThermoFisher Scientific, 

Germering, Germany), and the detection was ensured by a Q Exactive Plus high-resolution mass 

spectrometer (ThermoFisher Scientific, Bremen, Germany) operated in negative mode. A 10 µL 

aliquot was analyzed using AccucoreTM C-18 column (150×2.1mm, 2.6µm, ThermoFisher 

Scientific). The flow rate was 0.45 mL/min, column temperature was 45 °C and the autosampler 

temperature was 5 °C. The mobile phase was (A) 10 mM ammonium acetate and (B) methanol (99.9 

%). The LC separation was carried out with the following gradient: 0-1 min, 10 % B; 1-15 min, 10 

to 95 % B; 15-18 min, 95 % B; 18-20 min, 10% B. The resolution for MS1 and MS2 scans were set 

to 70,000 and 35,000, respectively, with mass range of 100 - 1000 m/z. Data processing was carried 

out using Compound Discoverer 2.1TM software (ThermoFisher Scientific, Waltham, MA). The 

software was fed with raw data from LC-MS/MS system, which was analyzed with a workflow and 

study factors illustrated in Figure 3.1 (supplementary data). Finally, Chemspider and mzCloud 

databases were consulted to assign annotation accordingly. 

 

 

Figure 3.1: Workflow tree of untargeted screening of n-hexadecane metabolites using Compound Discoverer 2.1TM. The 

software detects each chromatographic peak from the data batch of HPLC-MS/MS. A peak equals signal at a given m/z 

ratio and a retention time, all within a Gaussian shape. 

 

3.2.4.5 LC-MS3 for structural elucidation of extracellular metabolites 

Targeted analysis for extracellular metabolites were carried out using the Ultimate 3000 RSLC 

system coupled to Orbitrap Fusion Lumos Tribrid mass spectrometer (ThermoFisher Scientific, 

Waltham, MA). The same column, chromatographic conditions and ionization mode used in the 
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untargeted screening were applied. Two fragmentation modes, collision-induced dissociation (CID) 

and higher-energy C-trap dissociation (HCD) were applied at collision energies ranging from 40 -

100. 

3.2.4.6 Quantification of extracellular metabolites 

Calibration curve was prepared with 16-hydroxyhexadecanoic acid to quantify 

hydroxyhexadecanoic acid isomers detected as extracellular metabolites. The same column, 

chromatographic conditions and ionization mode used in the untargeted screening were applied. 

3.2.5 Biofilm assays 

3.2.5.1 Biofilm formation on liquid alkanes 

Quantification of biofilms grown at the interface between the liquid substrates (n-hexadecane and 

n-octadecane) and the aqueous phase was carried out in 100 mL bottles in 10 mL IMM containing 

0.2 % substrate. After incubation, cultures were filtered through a nylon membrane of 33 μm 

porosity (Nitex®) using a vacuum pump. The biofilm retained on the filter was stained with 400 μL 

of 0.1 % crystal violet for 3 min, then washed with 10 ml of water. The dye was extracted with 10 

ml of 10 % acetic acid, 50 % ethanol and 40 % water and absorbance of the resultant supernatant 

was read at 595 nm after 10-fold dilution. 

3.2.5.2 Biofilm formation on solid alkanes and lipids 

Biofilm formation on solid substrates (alkane: paraffin, a wax ester: hexadecyl hexadecanoate and 

a triglyceride: tristearin) was assayed in IMM in 24-well polystyrene microplates with the wells 

coated with the substrates as previously described [202]. The plates were inoculated with 1 mL of 

culture in exponential phase re-suspended in IMM at an OD600nm of 0.1. After incubation, the culture 

medium was aspirated from the wells and used to quantify the planktonic cells by reading the OD 

at 600nm. The wells were washed twice with 1 mL of IMM. Biofilms adhering to the wells were 

stained at room temperature for 3 min with 400 µL of 0.1 % crystal violet. Then, each well was 

washed twice with 1 mL water the crystal violet was eluted with 1 mL solution (10 % acetic acid, 

50 % ethanol and 40 % water) and absorbance of the resultant supernatant was read at 595 nm after 

10-fold dilution. To compare planktonic and biofilm biomass measurement, the relationship 

between crystal violet colouration at 595 nm and OD600nm was established for each strain. One 

microlitre of bacterial culture with known OD600nm (0, 0.25, 0.50, 0.75 and 1.00) were centrifuged 

at 13,000 rpm. The pelleted cells obtained were stained with 400 µL of 0.1 % crystal violet and 

incubated at room temperature for 3 minutes. Then, the cells were washed twice with 1 mL Milli-Q 
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water. Cells retain the crystal violet and were decolorized with 1 mL solution of 10 % acetic acid 

and 50 % ethanol. The absorbance of the resultant supernatant was read at 595 nm after 10-fold 

dilution. 

3.2.5.3 Microbial adhesion to hydrocarbon (MATH) assay 

MATH assays were performed as described elsewhere [203]. In brief, 1 mL of buffer-washed 

aqueous cell suspensions obtained after growth on either propionate or n-hexadecane was mixed 

with an equal volume of n-hexadecane. After 2 min of vortexing, the mixture was left until the 

phases separated. OD of the aqueous phase was measured at 600 nm, and percentage of cell 

adherence was calculated from difference in OD before and after vortex. 

3.2.5.5 Optical sectioning microscopy (ApoTome) of biofilm  

Biofilms were grown on microscopic slides coated with paraffin and hexadecyl hexadecanoate 

immersed in 20 mL of IMM at 30 ºC for 40 h. The slides were washed with IMM stained with 10 

µM SYTO 9 (Invitrogen) and incubated for 20 min in the dark. Biofilms on the slides were covered 

with a coverslip and observed under a Zeiss AxioObserver Z1 inverted microscope equipped with 

an Apotome to perform optical sectioning, an oil immersion Plan-Apochromat 63x, NA 1.4 

objective and the following filter sets: EX BP 470/40, FT 495, EM BP 525/50. Images were acquired 

using Zen 2.6 (blue edition) software and analyzed using COMSTAT 2.1 (www.comstat.dk) as a 

plugin to ImageJ [204,205]. 

3.2.5.6 Screening for biosurfactant production 

Strains were incubated in IMM with 1% (v/v) n-hexadecane at 30 °C and 50 rpm for 96 h. Thereafter, 

the culture was centrifuged at 15,300 g for 10 min, and the obtained supernatant was filtered through 

0.22 µm sterile Millex® syringe-driven filters. Biosurfactant production was screened by drop 

collapse test, oil displacement test, and emulsification index (E24) according to the methods 

described by Datta et al. [206]. Water and cell-free medium served as negative control while 1% 

SDS was used as the positive control. Furthermore, biosurfactant production was evaluated by 

measuring the interfacial tension (IFT) between culture supernatant and n-hexadecane as a function 

of time using a Trakcer pendant drop tensiometer (Interfacial Technology Concept, Quimper, 

France) [207]. 

 

http://www.comstat.dk/
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3.3 Results  

3.3.1 Isolation and taxonomic identity of selected strains 

The soil sample used for strains isolation, contained a high diversity of bacteria as revealed by 16S 

rRNA gene sequencing (Figure 3.2). A total of 12 phyla, 33 classes, 62 orders, 127 families, and 

250 bacterial genera were detected in the soil sample. Proteobacteria (46.01 %) and Actinobacteria 

(31.34 %) constituted major proportion of the phyla while Chloroflexi (0.15 %) and Deinococcus 

(0.13 %) were the least abundant. During enrichment, 16S rRNA gene sequencing showed that 

cultures exhibited high proportion of Proteobacteria followed by Bacteriodetes and Firmicutes 

(Figure 3.3).   

 

 

Figure 3.2: Krona chart showing the bacterial diversity in the crude oil contaminated soil sample. The chart illustrates 

(from the inner core to the exterior) the bacterial diversity across the phyla, class, order, family, and genus. The 16S 

rRNA gene sequences from the soil was deposited to the NCBI Short Read Archive (SRA) under the BioProject number 

PRJNA883074 and accession number SRR21708976. 
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Figure 3.3: Relative abundance of bacterial phyla during soil enrichment carried out using four media with or without 

1 % (v/v) filter-sterilized Congo Bilondo crude oil. The 16S rRNA gene sequences from the enrichment samples were 

deposited to the NCBI Short Read Archive (SRA) under the BioProject number PRJNA883074 and accession 

numbers SRR21677267 - SRR21677274. 

 

After isolation of bacteria, 95 recovered isolates were screened for growth on 0.2 % (v/v) crude oil 

and 0.2 % (v/v) of a 50/50 mixture of n-decane and n-hexadecane. Six strains had the ability to grow 

on crude oil or the n-alkane mixture as sole carbon and energy source. These strains belong to the 

phyla; Proteobacteria, Actinobacteria and Firmicutes (Figure 3.4). Strains that exhibited the fastest 

growth, Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5 were selected for 

further study. The Novosphingobium and Gordonia genera represented 0.20 % and 4.49 %, 

respectively, of the total bacteria community found in the soil sample. The Gordonia strains 

characteristically form orange-red circular colonies while Novosphingobium sp. S1 forms yellowish 

circular colonies. The three strains are short rod shaped and non‐motile (Figure 3.5). 
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Figure 3.4: Phylogenetic tree, based on 16S rRNA gene sequences, showing the relationships between the isolated strain 

and closely related representative strains. The tree was constructed by using the Maximum Likelihood method and 

Jukes-Cantor model. The percentage of replicate trees in which the associated taxa clustered together in the bootstrap 

test (1000 replicates) are shown next to the branches. The tree is drawn to scale, with branch lengths in the same units 

as those of the evolutionary distances used to infer the phylogenetic tree. 

 

3.3.2 Biodegradation of n-hexadecane  

Figure 3.6 shows the removal of more than 70 % of n-hexadecane among the three bacteria on day 

10. Equally, the increase in bacteria growth, as expressed by protein concentration, correlates with 

the disappearance of n-hexadecane in cultures. This illustrates that n-hexadecane served as source 

of carbon and energy for the bacteria strains. Biofilm formation at the hexadecane-water interface 

of the culture was observed (Figure 3.7). Turbidity in the aqueous phase was observed only in 

Novosphingobium sp. S1, indicating the presence of planktonic cells. Consequently, studies on the 

dynamics of biofilm formation by the three strains using various hydrophobic carbon sources were 

carried out. 
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Figure 3.5: (a) Pictures of colonies of the isolated strains; Scale bar = 2 mm. (b) Microscopic images of cells of the 

isolated strains; Scale bar = 5 µm. Microscopic images were obtained with the Zeiss AxioObserver.Z1/7 microscope 

with an oil immersion Plan-Apochromat 63x/1.40 DIC M27 objective. 

 

 

Figure 3.6: Residual n-hexadecane and protein concentration in culture media of (a) Novosphingobium sp. S1, (b) 

Gordonia amicalis S2 and (c) Gordonia terrae S5. A 100 % residual n-hexadecane corresponds to 0.1 % (v/v) n-

hexadecane in culture medium. 

 

 

Figure 3.7: Images of oleolytic biofilm formed by (a) Novosphingobium sp S1, (b) Gordonia amicalis S2 and (c) 

Gordonia terrae S3 on n-hexadecane by day 3. 
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3.3.3 Biofilm formation on hydrocarbons and lipids  

To better characterise the mode of growth of the three strains in the presence of alkanes, the biomass 

in biofilm and in the aqueous phase were quantified during growth. Biofilm biomass was quantified 

using crystal violet staining (see material and methods) while the planktonic biomass was measured 

by the OD at 600 nm. To compare planktonic and biofilm biomass measurement, the relationship 

between crystal violet colouration at 595 nm and OD600nm was established for each strain (Figure 

3.8).  Biofilm development was studied on n-alkanes of different chain lengths: n-hexadecane (C16), 

n-octadecane (C18) and paraffin, a mixture of long chain alkanes (>C19 with 94 % > C22). n-

hexadecane and n-octadecane were liquid at the incubation temperature while paraffin was solid. 

As it was reported that Marinobacter hydrocarbonoclasticus SP17 can degrade alkanes as well as  

lipids through the formation of oleolytic biofilms [202], lipids; hexadecyl hexadecanoate, a wax 

ester and tristearin, a triglyceride were included in this study. Novosphingobium sp. S1 grew on n-

hexadecane and n-octadecane by forming biofilm at the hydrocarbon-water interface (Figure 3.7), 

while exhibiting an increase in OD600nm in the aqueous phase (Figure 3.9).  A faster detachment of 

cells from the biofilm could be a possible reason. On wax ester,  the cells were equaly distributed 

between the biofilm and the planktonic states. G. amicalis S2 formed biofilm on n-hexadecane,  n-

octadecane, wax ester and paraffin. However, biofilm formed by G. amicalis S2 on n-hexadecane 

was very delicate, and was poorly retained by the nylon membrane (33 μm porosity) during biofilm 

quantification. It is therefore very likely that biofilm quantification on n-hexadecane is under-

estimated. Notably, G. terrae S5 formed biofilm on n-hexadecane, n-octadecane and paraffin, as 

well as on the wax ester with very low planktonic cells increase. None of the bacteria grew on 

tristearin.  
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Figure 3.8: Calibration curve establishing the relationship between crystal violet colouration at 595 nm and OD600nm 

for (a) Novosphingobium sp S1, (b) Gordonia amicalis S2 and (c) Gordonia terrae S3. In summary, 1 mL of bacterial 

culture with known OD600nm (0, 0.25, 0.50, 0.75 and 1) were centrifuged at 13,000 rpm. The pelleted cells obtained 

were stained with 400 µL of 0.1 % crystal violet and incubated at room temperature for 3 minutes. Then, the cells 

were washed twice with 1 mL Milli-Q water. Cells retained the crystal violet and were decolorized with 1 mL solution 

of 10 % acetic acid and 50 % ethanol. The absorbance of the resultant supernatant was read at 595 nm after 10-fold 

dilution. Note that the values presented are absorbance after correction for dilution. 

 

Growth of the three strains on alkanes or lipids which are nearly insolubles in water, resulted in the 

development of biofilm and planktonic populations although at different extent depending on the 

strains and substrate. This raised the question of the relationship between the two populations. To 

gain insight on this point, cultures were performed in 6-well plates containing within each well an 

insert with 0.4 µm pore size membrane. This constituted a culture system with two compartiments: 

the insert and the well, the two being separated by a membrane. 
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Figure 3.9: Planktonic growth and biofilm formation on (A) n-hexadecane, (B) n-octadecane (C) paraffin, (D) 

hexadecyl hexadecanoate and (E) tristearin by Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae 

S5. 

 

In a first experiment, the two compartements contained IMM medium with 0.4% propionate. After 

inoculation of the inserts only at an OD of 0.05  and incubation, no cells were observed in the wells, 

indicating that they were not able to cross the membrane (Figure 3.10a).  In the second experiment, 

the inserts contained 0.2 % n-hexadecane and the wells containing no carbon source were inoculated 
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at an OD600nm of 0.1. In this configuration, cells were separated from the n-hexadecane by the porous 

membrane. After incubation, the cell populations in the wells did not increase (Figure 3.10b). This 

experiment indicated that the cells of the three strains could assimilate n-hexadecane only if they 

were able to reach the hexadecane-water interface.  In another experiment, the wells and the inserts 

were fill with the medium without carbon source and both inculated at an OD600nm of 0.1. The 

substrate, n-hexadecane, was then added only in the inserts. After incubation, a biofilm developped 

in the inserts at the hexadecane-water interface and the cell density increased in the inserts while 

the population in the wells did not change (Figure 3.10c). This indicated that the planktonic cells 

observed in culture of the three strains on n-hexadecane originated from the biofilm and hence were 

not actually growing. Moreover, the biofilm did not release water soluble metabolites that could 

feed the planktonic population.    

 

 

Figure 3.10: Comparative growth profile of Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5 in 

culture insert and well compartment separated by a membrane filter. OD600nm of culture in the filter compartments and 

wells was read after 72 h incubation at 30 °C. 

 

The structural characteristics of the biofilm formed on paraffin and hexadecyl hexadecanoate by G. 

terrae S5 were investigated by microscopy. The biofilms formed by the two other strains were too 
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weak to be imaged.  Microscopic characterization of the biofilm formed on paraffin showed a flat 

homogeneous biofilm with a low cell density (indicated by total surface coverage) with little 

increase of thickness and volume  between 24 and 40 hour   (Figure 3.11a and 3.11b). However,  

biofilm formed on wax ester was patchy with average biofilm thickness of 6.76 ± 1.66 and 6.85 ± 

2.54 µm at 24 and 40 h, respectively (Table 3.1). In comparison, results indicated that G. terrae S5 

colonized parafin more than the wax ester. Nevertheless, the hollowed surface feature of the wax 

ester could be a suggested reason (Figure 3.12). 

 

 

Figure 3.11: Maximum Intensity Projection (X:Y:Z plane) of biofilm formed by Gordonia terrae S5 on paraffin wax 

after (a) 24 h and (b) 40 h and hexadecyl hexadecanoate after (c) 24 h and (d) 40 h. Scale bar = 20 µm. Biofilms were 

stained with 0.1 % SYTO 9 (green). 
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Table 3.1: Volumetric and topological characterization of biofilms by Gordonia terrae S5 on paraffin and hexadecyl 

hexacanoate. Values are means and standard deviation of data from 5 image stacks. 

 

 

 

 

Figure 3.12: Microscopic images of the surface of Hexadecyl hexadecanoate and paraffin (a) before and (b) after biofilm 

formation by Gordonia terrae S5. Microscopic images were obtained with the Zeiss AxioObserver.Z1/7 microscope 

with an oil immersion Plan-Apochromat 63x/1.40 DIC M27 objective. Scale is 20 µm. 

 

Time 

(hour) 

Substrate 

Paraffin wax Hexadecyl hexacanoate 

Bio-volume (µm3/µm2) 24 4.7 ± 1.9 1.7 ± 0.6 

40 6.2 ± 1.1 1.3 ± 0.7 

Maximum biofilm thickness (µm) 24 26.3 ± 3.8 16.7 ± 4.2 

40 30.4 ± 4.8 21.7 ± 5.1 

Average biofilm thickness (µm) 24 17.9 ± 6.9 6.8 ± 1.7 

40 23.1 ± 4. 6 6.9 ±2 .5 

Substratum coverage (µm2) 24 5397.8 ± 1715.6 3071.9 ± 1097.9 

40 6376.1 ± 1025.5 2038.3 ± 1287.3 

Total substratum coverage (%) 24 16.9 ± 5.4 9.6 ± 3.4 

40 20.0 ± 3.2 6.4 ± 4.0 

Roughness Coefficient (Ra*) 24 1.1 ± 0.1 1.4 ± 0.2 

40 1.2 ± 0.1 1.6 ± 0.2 
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MATH test was used to assess the ability of the strains to adhere to hydrocarbons (Figure 3.13). 

Cells of G. terrae S5 and G. amicalis S2 partitioned almost completely into the n-hexadecane 

indicating a high affinity for the hydrocarbon. In contrast, Novosphingobium sp. S1 cell mostly 

remained in the aqueous phase indicating a low affinity to hydrocarbons. The properties of the cells 

of the three strains did not change in respect of the growth substrate: propionate or n-hexadecane. 

This suggests that the ability to adhere to hydrocarbons is constitutive.   

 

 

Figure 3.13: Adhesion of Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5 to hexadecane grown 

on (a) propionate and (b) n-hexadecane. Insert: images of Novosphingobium sp. (left), Gordonia amicalis (middle) and 

Gordonia terrae (right) adhering to n-hexadecane. Adherent cells rose with the hydrocarbon, forming a "creamy" upper 

layer and a clear aqueous phase after allowing to stand. 

 

 Bacteria can produce biosurfactant to facilitate interaction at the interface between the aqueous and 

hydrocarbon systems for enhanced solubility. However, as shown in Table 3.2, a negative result 

from the drop collapse and E24 tests demonstrated that the three strains did not produce biosurfactant. 

Similarly, results from oil displacement test were very low when compared to 1 % SDS. The 

lowering of interfacial tension after 180 sec observed in cultures of Novosphingobium sp. S1, G. 

amicalis S2 and G. terrae S5 were 49.7, 60.4 and 50.8 mN m-1, respectively, while that of the 
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uninoculated medium (control) was 62.5 mN m-1 (Table 3.2). This confirmed that none of the strains 

produced biosurfactant during growth on n-hexadecane. 

 

Table 3.2: Screening for biosurfactant production by bacteria. Key: + = positive, ̶  = negative and ND = not 

determined. 

 

 
Drop 

collapse  

Oil displacement 

(cm) 

Emulsification index 

(%) 

Interfacial tension 

(mN m
-1

) 

MilliQ water ̶ ̶ ̶ ND 

Cell-free medium ̶ ̶ ̶ 62.5 

Novosphingobium sp. S1 ̶ 0.5 ± 0.2 ̶ 49.7 

Gordonia amicalis S2 ̶ 0.3 ± 0.1 ̶ 60.4 

Gordonia terrae S5 ̶ 0.4 ± 0.1 ̶ 50.8 

SDS (1 %)  + 2.4 ± 0.1 75.3 ± 0.6 ND 

 

 

3.3.4. Screening for extracellular metabolites by untargeted HPLC-MS/MS 

The release of extracellular metabolites is reported to influence the exometabolome of bacteria cell 

and its microenvironment [215]. Thus, to further gain insight into the mechanism of n-hexadecane 

metabolism by the selected strains, extracellular metabolite characterization during biodegradation 

was carried out. In the process of selection of compounds specific to n-hexadecane biodegradation, 

compounds found in the instrumental blank, abiotic control, culture medium with propionate, and 

at the start of the experiment (day 0) were ignored. Compounds that were not present in the triplicate 

samples were disregarded. In addition, the area ratio between samples at different time point, which 

signifies the appearance and disappearance of a compound, was used to highlight compounds. 

Structures were assigned to selected compounds based on number of carbon atoms (C) and the ratio 

of the number of hydrogen to carbon atoms (H/C) and database match. Furthermore, FISh scoring 

(Fragment Ion Search) was carried out to match theoretical and experimental MS2 fragments. 

Particularly, we ignored hexadecanoic acid because it was found to be a carry-over contaminant 

during LC method development.  
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Untargeted screening of the extracellular metabolites revealed 8-hydroxyhexadecanedioic acid (m/z 

301.2021) and 16-hydroxyhexadecanoic acid (m/z 271.2280) as tentative metabolites (Figure 3.14). 

However, 16-hydroxyhexadecanoic acid, which was annotated with a full match on mzCloud and 

Chemspider database, was detected at two retention times, suggesting the presence of isomers. 

Furthermore, the retention time of the standard, 16-hydroxyhexadecanoic acid (RT 13.16 min) 

showed that the compounds at 12.45 min and 12.22 min were not 16-hydroxyhexadecanoic acid. 

The 8-hydroxyhexadecanedioic acid was produced by Novosphingobium sp. S1 and G. amicalis S2 

while the hydroxyhexadecanoic acid isomers were detected from G. terrae S5. These compounds 

were specific to n-hexadecane biodegradation because they were not detected in the control samples. 

To confirm the identity of these metabolites, their structures were elucidated using targeted 

MS2/MS3 analysis. 

 

 

Figure 3.14: Extracted chromatogram of (a) 8-hydroxyhexadecanedioic acid (m/z 301.2021) at RT 9.67 min and (b) 

hydroxyhexadecanoic acid (m/z 271.2280) at RT 12.22 and 12.45 min. Specific signals for the two isomers were 

extracted with specific fragments m/z 127.112. 

 

3.3.5 Structural elucidation of metabolites by targeted HPLC-MS2 and MS3 

Better fragmentation was achieved using CID. Therefore, CID was used as the preferred 

fragmentation mode.  

3.3.5.1 Structural elucidation of 8-hydroxyhexadecanedioic acid 

The metabolite, 8-hydroxyhexadecanedioic acid (m/z 301.2021), had two significant product 

fragments in MS2 (Figure 3.15) that were obtained in CID40 scans. The two fragments, m/z 

283.1916 and m/z 241.1802 were further monitored by MS3 at CID45 to elucidate the structure of 

the metabolite. Fragments of m/z 265.1810, m/z 239.2018 and m/z 221.1912 were product fragments 
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obtained from m/z 283.1916. The structure of these fragments was elucidated by also observing 

those of similar compounds on mzCloud (www.mzcloud.org). The fragment, m/z 265.1810, 

indicated the loss of two molecules of water from the precursor compound (m/z 301.2021) at both 

ends. This observation strongly supports the position of the -OH group between carbon atoms 4 and 

13. Furthermore, this was corroborated by product fragments obtained from m/z 241.1802. 

However, there was no more fragment(s) or mass spectral data to identify the exact position of the 

hydroxyl group. Therefore, the initial assigned name, 8-hydroxyhexadecanedioic acid, was retained 

for this metabolite. 

3.3.5.2 Structural elucidation of hydroxyhexadecanoic acid isomers 

The identity and structure of the isomers (m/z 271.2280) were elucidated based on specific product 

fragments in MS2 obtained at CID50 (Figure 3.16).  MS2 fragmentation showed that the isomers 

had a common fragment of m/z 253.2176 (loss of H2O) and m/z 225.225 (loss of CO). The same 

fragmentation pattern was observed for the standard, 16-hydroxyhexadecanoic acid, indicating they 

are structural isomers. Nonetheless, the peak at 12.22 min had a specific final fragment of m/z 

127.1127 and the structure of this fragment denotes that this metabolite is 8-hydroxyhexadecanoic 

acid. On the other hand, the second isomer showed these specific fragments, m/z 141.1284 and m/z 

113.0968. Likewise, the structure of the m/z 113.0968 fragment signified that this isomer is 7-

hydroxyhexadecanoic acid. Due to the lower abundance of this metabolite, there were no fragments 

obtained for MS3 scans. 

 

 

 

 

 

http://www.mzcloud.org/
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Figure 3.15: Structural elucidation of 8-hydroxyhexadecanedioic acid by MS3 fragmentation. Insert:  MS3 mass spectrum showing the product fragments from m/z 241.1802 

and m/z 283.1916. Peaks of m/z 178 and m/z 148 are regarded as artefacts. 
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Figure 3.16: Structural elucidation of 8-hydroxyhexadecanoic acid and 7-hydroxyhexadecanoic acid by MS2 fragmentation. Insert:  MS2 mass spectrum showing the product 

fragments from each isomer. Peaks of m/z 178 and m/z 148 are regarded as artefacts. 
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Therefore, 8-hydroxyhexadecanedioic, 8-hydroxyhexadecanoic acid and 7-hydroxyhexadecanoic 

acid were described as the metabolites specific of the growth on n-hexadecane (Table 3.3). 

 

Table 3.3: Metabolites detected and elucidated by HPLC-MS2 and MS3 (ESI-) during biodegradation of n-hexadecane. 

 

Bacteria strain Metabolite 

Molecular 

formular 

Molecular 

weight 

Retention 

time 

Novosphingobium sp. S1 

Gordonia amicalis S2 

8-hydroxyhexadecanedioic 

acid 
C16 H30 O5 302.209 9.67 

Gordonia terrae S5 
8-hydroxyhexadecanoic acid 

7-hydroxyhexadecanoic acid 
C16 H32 O3 272.235 

12.22  

12.45 

 

 

8-hydroxyhexadecanedioic acid was detected on day 3 of the biodegradation study with a significant 

decrease in intensity on day 6 for both Novosphingobium sp. S1 and G. amicalis S2 (Figure 3.11). 

Comparably, there was a 2.6 times intensity of 8-hydroxyhexadecanedioic acid produced by G. 

amicalis S2 on day 3. We could not detect this metabolite on day 10 for either strain. 8-

hydroxyhexadecanoic acid and 7-hydroxyhexadecanoic acid were detected on day 3 through day 

10, the intensity increased from day 3 to a maximum on day 6.  

 

 

Figure 3.17: Evolution of (a) 8-hydroxyhexadecanedioic acid abundance in culture during n-hexadecane degradation 

by Novosphingobium sp. S1 and Gordonia amicalis S2 and (b) 8-hydroxyhexadecanoic acid and 7-

hydroxyhexadecanoic by Gordonia terrae S5. Note the difference in the y-axis scales which were chosen for the best 

presentation. 



Chapter three: Degradation of long-chain alkanes through biofilm formation by bacteria isolated  from oil-polluted soil  

77 
 

Table 3.4 illustrates the estimation of 7-hydroxyhexadecanoic acid and 8-hydroxyhexadecanoic acid 

in culture from Gordonia terrae S5 using 16-hydroxyhexadecanoic acid as a standard (Figure 3.18). 

The compounds were quantified using the common fragment of m/z 225.225 (loss of CO). 

Quantification revealed that 7-hydroxyhexadecanoic acid concentration decreased from 3.4 ± 1.7 to 

2.5 ± 1 ng/mL on day 3 to day 10, although the change in concentration was not significant at p < 

0.05.   Similarly, 8-hydroxyhexadecanoic acid decreased from 1.1 ± 0.6 to 0.7 ± 0.3 ng/mL. In the 

absence of a suitable standard, 8-hydroxyhexadecanedioic acid was not quantified. 

 

 
Table 3.4: Concentrations of 7-hydroxyhexadecanoic acid and 8-hydroxyhexadecanoic acid in culture of Gordonia 

terrae S5. Data are presented as means ± standard deviations of triplicates with a limit of detection of 0.1 ng/mL. 

Means of each compound across sampling time were compared using one-way ANOVA, Tukey honestly significant 

difference (HSD) on IBM® SPSS® Statistics. Different superscript within the same row shows significant difference 

(p < 0.05). 

 

Compound Amount (ng/mL) 

 Day 0 Day 3 Day 6 Day 10 

7-hydroxyhexadecanoic acid 0 a 3.4±1.7b 2.7±0.1b 2.5±1.0 ab 

8-hydroxyhexadecanoic acid 0 a 1.1±0.6 b 0.8 ab 0.7±0.3ab 

 

 

 
 

3.4 Discussion 

The dominance of Proteobacteria and Actinobacteria among microbial communities inhabiting oil-

contaminated soils was reported elsewhere [28,39,216]. Interestingly, similar bacterial diversity was 

reported for an oil-contaminated soil sample obtained from Bodo West community [30]. These 

phyla are known to play important roles in carbon, nitrogen and other nutrition cycling in soil [217]. 

Additionally, this group of bacteria significantly influence the transformation and fate of petroleum 

hydrocarbons in the environment [209]. Whereas, several hydrocarbonoclastic taxa may be present 

in a polluted soil, bacteria with higher growth rates are likely dominant during enrichment [31]. 

Actinobacteria are considered suitable for biodegradation applications because of their high 

metabolic capability [17,52]. Gordonia species, having the ability to degrade petroleum 

hydrocarbons were isolated from soil and sediments before. G. rubripertincta SBUG 1971 and G. 

rubripertincta SBUG 1972, as well as, G. iterans Co17 were reported to degrade a wide range of 

aliphatic, alicyclic, and aromatic hydrocarbons [134,218]. Similarly, G. paraffinivorans, G. 

alkanivorans and Gordonia sp. Q8 could degrade PAHs [219–221]. Furthermore, G. amicalis HS-
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11 utilized squalene and n-hexadecane as sole carbon and energy source. On the other hand, 

Novosphingobium species are well known for their ability to degrade a variety of polycyclic 

aromatic hydrocarbons, and these were characterized recently [25,222]. However, alkane 

degradation by Novosphingobium strains are very rare [223]. 

 

 

 
Figure 3.18: Standard curve of 16-hydroxyhexadecanoic used for the quantification of 7-hydroxyhexadecanoic acid 

and 8-hydroxyhexadecanoic acid. 

 

The degradative capability of the Gordonia strains in this study is comparable with that of G. 

amicalis HS-11 [44] and G. paraffinivorans and G. sihwensis [224] isolated from a hydrocarbon 

contaminated tropical soil and compost, respectively. Biodegradation of hydrocarbons requires that 

microorganisms utilize hydrocarbons as growth substrates. But this depends on the ability of the 

bacteria to access the hydrocarbons, which is inherently unavailable in aqueous media [67]. The 

three stains isolated during this study formed biofilms at the alkane-water interface. Biofilm allow 

cells to stay in the vicinity of the alkane surface favoring mass transfer of the substrate to the cells 

[31, 58]. The interfacial access to alkanes is supported by the absence of biosurfactant in the 

supernatant of the cultures. Biosurfactant make hydrocarbons available in the aqueous phase by 

pseudo-solubilization. Biofilm formation would allow for accessing to alkane without the need of 

biosurfactant production. Similarly, in a culture of Marinobacter hydrocarbonoclasticus SP17, 

growth on n-hexadecane  occurred uniquely at the oil-water interface [225].  
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The paraffin used in this study is a mixture of long-chain alkanes (>C19 with 94 % > C22) that is 

solid at the incubation. Although these features greatly decrease bioavailability and bioaccessibility, 

G. terrae S5 and G. amicalis S2 were able to utilize it for growth through biofilm formation. 

Notably, these two strains exhibited a very high adhesion to n-hexadecane and G. terrae S5 which 

had the highest growth rate and yield on paraffin formed the biggest biofilm. In contrast, 

Novosphingobium sp. S1 which did not grow on paraffin, formed relatively little biofilm on other 

alkanes, most of the cells being in the planktonic state and exhibited a very low adhesion to n-

hexadecane. These observations point to the importance of the interaction of cells with the alkane-

water interface to overcome the low bioavailability of alkanes. The emerging trends is that 

assimilation of less soluble alkanes requires stronger interactions with the alkane-water interface 

that intervene during adhesion and biofilm development.  Another interpretation could be that the 

mechanism of biofilm formation at liquid-liquid interfaces differs from biofilm formation on solid-

liquid interfaces [112].  

Adsorption of bacteria at the liquid interface is an initial and essential step in biofilm formation, and 

could be influenced by  the surface properties of the bacteria [112,226]. G. amicalis S2 and G. terrae 

S5 exhibited adhesion to n-hexadecane capability after been grown on propionate and n-hexadecane. 

In contrast, Novosphingobium sp. S1 displayed a very low adhesion to n-hexadecane and had 

reduced biofilm formation. Nevertheless, the degradation of n-hexadecane by this strain was 

remarkable with no significant difference when compared to the degradation efficiency of the 

Gordonia strains that adhere strongly to n-hexadecane. This observation suggests that even a weak 

adhesion is enough to allow for efficient biodegradation, implying that the initial adhesion is not the 

limiting step in n-hexadecane degradation. Even if adhesion is not limiting, it is however an obligate 

step for uptake of medium and long-chain n-alkanes for bacteria that do not produce biosurfactant 

as demonstrated by [109,110].  Biodegradation of petroleum hydrocarbons by Bacillus subtilis BL-

27, a strain with weak hydrophobicity, aided by addition of surfactants was reported [47]. 

Adhesion to hydrocarbons was demonstrated for many actinobacteria such as G. amicalis that was 

reported to grow on  n-hexadecane by attachment to large droplets [227]. Adhesion of bacteria to 

hydrocarbons can be mediated by extracellular appendages (fimbriae, fibrils and pili) and molecules 

such as outer membrane lipids, and proteins present on the cell surface [112,209,210]. Once 

attached, the cell proliferates in the presence of the hydrocarbons and develop into cell agregates, 

and further into mature biofilms [113]. Cell-bound surface active compounds and glycosylated 

peptidolipid (Gordonin) were shown to be responsible for enhanced cell hydrophobicity in 

Gordonia sp. BS29 and Gordonia hydrophobica, respectively, [115,116].  
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The experiments performed with the culture system separated by a porous membrane, demonstrated 

that growth occurred only in the compartment containing the interface and hence, the formation of 

biofilm and lack of growth amongst the planktonic population. The amount of biofilm in the culture 

resulted therefore from the ratio of the growth rate at the interface to the rate of detachment from 

the biofilm. This could explain why Novosphingobium sp. S1 that made a weak biofilm, degraded 

n-hexadecane as fast as the strong biofilm formers. The exclusive growth at the interface reported 

here was also described in the case of M.  hydrocarbonoclastiucs SP17 [225] and is consistent with 

a requirement of cell adhesion to the alkane-water interface for biodegradation as demonstrated by 

[109]. This observation points to the importance of the interaction, at least at the macroscopic scale, 

of cells at the alkane-water interface to overcome the low bioavailability of alkanes. This reinforced 

the view that biofilm formation would be a strategy to overcome the poor bioavailability of 

hydrocarbons in soils. 

It was previously reported that the marine Gammaproteobacteria, M. hydrocarbonoclasticus SP17 

that utilizes long chain alkanes was also capable to assimilate a variety of lipids [39]. In this study, 

it was shown that the three strains were able to grow on the wax ester hexadecyl hexdecanoate 

through biofilm formation. The biofilms formed by G. terrae S5 on paraffin and wax ester had 

significant structural differences.  The reason of this could be differences in the structure of surface 

of the solid substrates, paraffin having a smoother surface than hexadecyl hexdecanoate that is more 

crystalline. Alternatively, it could be due to the nature of carbon source, alkane and lipid, which 

could affected the structure of biofilms as described for  Pseudomonas aeruginosa PAO1 [228]. 

Assimilation of this lipid by the three strains support the view of biofilm formation as be a general 

mechanism for assimilation of non-dissolved organic carbon and not restricted to hydrocarbons [31].  

The search for hexadecane-specific extracellular metabolites revealed the hydroxylated carboxylic 

acids, 8-hydroxyhexadecanedioic acid, as an extracellular metabolite for Novosphingobium sp. S1 

and G. amicalis S2 while 8-hydroxyhexadecanoic acid and 7-hydroxyhexadecanoic acid were 

identified for G. terrae S5 during n-hexadecane degradation. To the best of our knowledge, this is 

the first report associating these metabolites with n-hexadecane biodegradation. The presence of 

these acids in the extracellular medium could be through oxidation  of n-hexadecane outside of the 

cell (or within the EPS) prior to its uptake across the cell membrane [105]. These metabolites could 

originate from the lysis of cells [215]. Rodrigues et al. reported the production of  hydroxylated 

fatty acid by Rhodococcus rhodochrous TRN7 and Nocardia farcinica TRH1 when growing on 

hexadecane [229]. They proposed that the hydroxylation of fatty acids is a possible strategy to 
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increase the affinity of the cell surface towards hexadecane and to remain at the oil-water interface. 

Note that hydroxycarboxylic acids generated during both aerobic and anaerobic biodegradation of 

crude oil were considered to be biosurfactants [230]. Also, dicarboxylic acids were speculated 

elsewhere to be associated to or secreted by the cells to act as biosurfactants [166,231]. However, 

biosurfactant production by the strains in this study could not be detected as interfacial tension, 

emulsification index, oil displacement and drop collapse tests were negative. The evolution of 8-

hydroxyhexadecanedioic acid showed that this metabolite was transient, with no accumulation in 

the culture media after day 6. Also, 8-hydroxyhexadecanoic acid and 7-hydroxyhexadecanoic acid 

peaked on day 3, then gradually decreased. The concentration of the hydroxyhexadecanoic acid 

isomers observed in ng/mL also indicates that there was no accumulation of these metabolites in 

culture. Hence, this indicates that as the metabolites were produced, they were either assimilated by 

the cell, converted into the subsequent metabolites or their production stopped when their 

physiological role were no longer required.  

 

3.5 Conclusion 

The bioavailability and bioaccessability of hydrocarbon to the degrading bacteria is important  for 

efficient bioremediation. Our findings showed that biofilm formation was beneficial for the 

assimilation of long chain alkanes. Furthermore, the ability of G. amicalis S2 and G. terrae S5 to 

adhere to alkanes   is certainly  an important property of these strains to form a biofilm and utilize 

n-hexadecane as a carbon and energy source. Interestingly, results showed Novosphingobium sp. S1 

effectively utilized n-hexadecane and n-octadecane as a carbon source despite a poor adhesion to n-

hexadecane. The production of hydroxylated carboxylic acids substantiates the degradation of n-

hexadecane by the strains although the physiological role of these compounds remain to be 

elucidated. This highlights their potential for the development of bioremediation technologies of 

hydrocarbon-contaminated sites. Biofilm-mediated bioremediation is a promising approach for 

efficient hydrocarbon cleanup. 

 

 

 

 



 

82 
 

 

 



Chapter four: Biodegradation of Saturated Fraction of Crude oil and Signature Carboxylic acids Production 

83 
 

 

 

  

 

Chapter four 

Biodegradation of saturated fraction of crude oil and 

signature carboxylic acids production 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

84 
 



Chapter four: Biodegradation of Saturated Fraction of Crude oil and Signature Carboxylic acids Production  

85 
 

4. Biodegradation of saturated fraction of crude oil and signature carboxylic acids 

production  

 

4.1 Introduction 

Crude oil is projected to remain a major energy source and feedstock for industries in the future [1]. 

However, crude oil is considered a major source of hydrocarbon pollution that has remained 

inevitable during exploration, production, refining, transportation, and storage. Crude oil pollution 

causes environmental and health problems especially in oil producing environment. Bioremediation 

is a sustainable technique for the cleanup of hydrocarbon pollution because it’s less expensive, non-

invasive, and more eco-friendly. Bioremediation largely depends on microorganisms such as 

bacteria to degrade pollutants such as hydrocarbons into CO2 and H2O. Consequently, the metabolic 

potential and genetic machinery of microorganisms are assets in bioremediation. Additionally, there 

is now much focus on improving the efficiency of the biodegradation. Saturated hydrocarbons 

represent the highest composition in most oil types with an estimated abundance of 20 - 50 % 

compared to aromatic hydrocarbons and nitrogen-sulphur-oxygen (NSO) containing compounds 

[8,110]. Saturated hydrocarbons are characterized by low chemical reactivity and poor water 

solubility for microorganisms due to the strong and localized carbon to carbon bond, and lack of 

reactive functional groups [232]. The carbon chains could be aliphatic (n-alkanes), branched (iso-

alkanes and acyclic isoprenoids) or cyclic (cyclo-alkanes and cyclic isoprenoids) containing one or 

more saturated rings. Additionally, saturates also exist in three states at ambient temperature: 

gaseous (C1 – C4), liquid (C5 – C16) and solid (>C17). The n-alkanes are classified based on their 

chain length as short chain (<C9), medium chain (C10 – C15) and long chain (>C15).  

Few bacterial strains belonging to the genera,  Pseudomonas, Bacillus, Rhodococcus, 

Staphylococcus, Gordonia, Dietzia and Acinetobacter are reported to biodegrade a wide range of 

saturated hydrocarbons [46,233,234]. This makes the isolation and characterization of strains with 

the capacity to degrade a wide range of saturated hydrocarbon of crucial importance for 

bioremediation of oil contamination. The low molecular weight alkanes are sparingly soluble in 

water for effective mass transfer to bacteria. Also, they are toxic to bacteria and are rapidly lost due 

to their high volatility. The high molecular weight alkanes are much more insoluble in the aqueous 

medium. So, alkanes are degraded by a biosurfactant-mediated process or by biofilm formation that 

facilitate adhesion of cells to the hydrocarbon for pseudo-solubilization and assimilation [70,94,96]. 

Branched chain and long-chain alkanes  as well as  isoprenoids, hopanes and steranes are more 

resistant to microbial biodegradation [235]. Aerobic degradation of saturated hydrocarbons involves 
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terminal and/or subterminal oxidation that generates corresponding alcohols, which are 

subsequently oxidized to carboxylic acids. Both terminal and sub-terminal oxidation can co-exist in 

some bacteria, resulting in the production of isomers [232]. However, both ends of the alkane 

molecule can be oxidized through ω-hydroxylation of fatty acids producing ω-hydroxy fatty acids 

that are further converted into dicarboxylic acids [129]. The production of carboxylic acids during 

biodegradation was reported as a viable indicator for biodegradation [155]. Particularly, [126] 

established carboxylic acids as a valuable tool for tracing microbial activity in oilfields. This is 

plausible given that these metabolites are found at the intersection of the various biodegradation 

pathways. While carboxylic acids are indicative of active biodegradation, they are also descriptive 

of the mechanism or pathways adopted by the degrading bacteria.  

Collectively, the residual hydrocarbons and metabolites formed during biodegradation are useful to 

evaluating and understanding the degradation process. This is achieved by using analytical 

techniques to monitor chemical endpoints derived from the biotransformation [168]. Gas 

chromatography (GC) or liquid chromatography (LC), connected to mass spectrometry (MS) 

remains analytical tool of choice to characterize hydrocarbon biodegradation with ultra-high 

resolution and mass accuracy. Although GC-MS is the traditional technique for analysing 

hydrocarbon biodegradation, it is not amenable to the analysis of the produced carboxylic acids, 

which are polar or non-volatile metabolites, without cumbersome derivatization. Characterization 

using LC-MS provides an easy, rapid, robust, and quantitative detection of the produced carboxylic 

acids without prior derivatization [157]. Nevertheless, residual hydrocarbon analysis is generally 

preferred through GC because of their non-polar and thermally stable properties.  

Therefore, this study investigates the capability as well as understanding the mechanism to 

degrading a wide range of hydrocarbons in the saturated fraction of Congo Bilondo crude oil by 

three bacteria strains, Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5, that 

were isolated from a crude oil polluted soil. The study adopts a differential analytical approach that 

combined the efficiency of GC-MS and LC-MS for characterizing the hydrocarbons and 

comprehensive screening of carboxylic acid metabolites, respectively. 



Chapter four: Biodegradation of Saturated Fraction of Crude oil and Signature Carboxylic acids Production  

87 
 

4.2 Materials and methods 

4.2.1 Bacteria strains 

The three bacteria strains, Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5, 

used in this study were isolated from a crude oil polluted soil by enrichment with crude oil (to be 

published elsewhere).  

4.2.2 Biodegradation of saturate fraction of Congo Bilondo crude oil 

4.2.2.1 SARA fractionation of Congo Bilondo crude oil  

Congo Bilondo crude oil (85.2 g) was separated into maltene and asphaltene fractions using n-

heptane (1:40, w/v) [201]. Thereafter, 10 g of the maltene fraction was fractionated by silica gel 

column chromatography and eluted with n-hexane, toluene, and DCM/methanol (9:1, v/v) to obtain 

saturates, aromatics and resin fractions, respectively.  

4.2.2.2 Biodegradation of the saturated fraction 

Saturate fraction (0.1 % v/v) was added to culture medium without bacteria (abiotic control) and 

with bacteria (Novosphingobium sp. S1, G. amicalis S2 and G. terrae S5) in triplicate. Culture media 

were incubated at 30 °C and 50 rpm. Experiments were stopped at day 0, 3, and 5 to monitor residual 

hydrocarbons, and extratracellular metabolites.  

4.2.2.3 Sampling extracellular metabolites 

The culture was centrifuged at 15,300 g for 10 min. The obtained supernatant was filtered through 

0.22 µm sterile Millex® syringe-driven filters (Merck Millipore, Darmstadt, Germany), and 

collected for extracellular metabolite screening.   

4.2.3 Analytical analysis and identification of extracellular metabolities 

4.2.3.1 GC-MS for residual saturate hydrocarbon analysis 

An equal volume of n-hexane containing 0.1% deuterated dodecane as internal standard was added 

to media for extraction of residual n-hexadecane. The mixture was agitated at 400 min-1 for 20 min. 

The organic phase was separated from the aqueous phase by freezing at -20 °C and analysed with 

GC-MS. In splitless mode, 1 μL sample was introduced into the GC-MS (Thermo Scientific™ 

TRACE™ 1300 Series GC System, ThermoFisher Scientific, Illkirch-Graffenstaden, France) fitted 

with a 30 m × 0.250 mm × 1.40 µm Zebron ZB-624PLUS column (Phenomenex, Le Pecq, France) 

and helium as carrier gas. The temperature program was: initial temperature:  50 °C held for 1 min, 
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gradient at 20 °C /min to 150 °C, 10 °C /min to 250 °C, 15 °C /min to 300 °C held for 5.6 min. 

Chromeleon™ Chromatography Data System (CDS) software was used for data treatment.  

4.2.3.2 Evaluating biodegradation efficiency 

The quantitative analyses of n-alkanes (C10 - C24) present in the saturate fraction were obtained using 

a calibration curve of standard alkane mix (C10 - C24). Furthermore, the obtained concentration was 

used to calculate the biodegradation efficiency against those of abiotic controls using the equation 

below. 

𝐵𝑖𝑜𝑑𝑒𝑔𝑟𝑎𝑑𝑎𝑡𝑖𝑜𝑛 𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦 (%) =
𝐶𝐴−𝐶𝐵

𝐶𝐴
× 100   (1) 

where CA and CB are the concentration of the n-alkanes (C10–C24) in abiotic control and bacteria 

treated samples, respectively. 

Biodegradation efficiency of the other hydrocarbons was estimated using their Response ratio (R). 

The Response ration is defined by equation 2: 

𝑅𝑒𝑠𝑝𝑜𝑛𝑠𝑒 𝑟𝑎𝑡𝑖𝑜 (𝑅) =
𝑃𝑆

𝑃𝐼
      (2) 

PS is the peak area of each compound in the saturate fraction; and PI is the peak area of the internal 

standard (0.1% deuterated dodecane). 

Subsequently, the estimated R was used to calculate the biodegradation efficiency using the equation 

below. 

𝐵𝑖𝑜𝑑𝑒𝑔𝑟𝑎𝑑𝑎𝑡𝑖𝑜𝑛 𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦 (%) =
𝑅𝐴−𝑅𝐵

𝑅𝐴
× 100   (3) 

RA and RB are the Response ratio (R) in abiotic control and bacteria treated samples, respectively. 

4.2.3.3 LC-MS/MS for untargeted screening of metabolites  

The chromatographic system used was an ultimate 3000 RSLC system (ThermoFisher Scientific, 

Germering, Germany), and the detection was ensured by a Q Exactive Plus high-resolution mass 

spectrometer (ThermoFisher Scientific, Bremen, Germany) operated in negative mode. A 10 µL 

aliquot was analyzed using AccucoreTM C-18 column (150×2.1mm, 2.6µm, ThermoFisher 

Scientific). The flow rate was 0.45 mL/min, column temperature was 45 °C and the autosampler 

temperature was 5 °C. The mobile phase was (A) 10 mM ammonium acetate and (B) methanol (99.9 

%). The LC separation was carried out with the following gradient: 0-1 min, 10 % B; 1-15 min, 10 

to 95 % B; 15-18 min, 95 % B; 18-20 min, 10% B. The resolution for full MS1 Orbitrap (OT) and 

ddMS2 OT scans were set to 70,000 and 35,000, respectively, with mass range of 100 - 1000 m/z. 
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Data processing was carried out using Compound Discoverer 2.1TM software (ThermoFisher 

Scientific, Waltham, MA). The software was fed with raw data from LC-MS/MS system, and 

Chemspider and mzCloud databases were consulted to assign annotation accordingly. 

4.2.3.4 LC-MS3 for structural elucidation of metabolites 

Targeted analysis for extracellular metabolites were conducted using the Ultimate 3000 RSLC 

system coupled to Orbitrap Fusion Lumos Tribrid mass spectrometer (ThermoFisher Scientific, 

Waltham, MA). The same column, chromatographic conditions and ionization mode used in the 

untargeted screening were applied. The fragmentation mode, collision-induced dissociation (CID) 

was applied at collision energies ranging from CID15 to CID45 with full MS Ion trap scan mode. 

 

4.3 Results and discussion 

4.3.1 SARA fractionation of Congo Bilondo crude oil 

To obtain the saturate fraction of Congo Bilondo crude oil, SARA fractionation was employed to 

separate the oil into fractions before biodegradation study. SARA fractionation is commonly used 

to separate crude oil into fractions (saturates, aromatics, resins, and asphaltenes) based on solubility 

and polarity. This permits the study of each fraction without interference by the other fractions. The 

results from the fractionation are presented in Table 4.1. Firstly, asphaltenes were precipitated using 

n-heptane due to the irreversible adsorption affinity of asphaltenes to the stationary phase (silica 

gel). Asphaltenes precipitation yielded 0.3 % asphaltenes and 99 % maltene by weight. The low 

amount of asphaltene indicates that the crude oil is a paraffinic crude oil. Subsequent fractionation 

of the maltene (10 g) produced saturates (50.4 ± 1.7 %), aromatics (32.8 ± 1.3 %) and resin (14.4 ± 

0.8 %) by weight with 97.59 ± 1.42 % recovery.  

 

Table 4.1: Calculated weight distribution of the different fractions of Congo Bilondo crude oil 

 

Composition of fraction (%/weight) Recovery (%) 

Asphaltene Maltene  

0.3 99.6 99.9 

 
Saturates Aromatics Resin  

 50.4±1.7 32.8±1.3 14.4±0.8 97.6±1.4 
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The saturated fraction was observed as a yellowish green liquid with the lowest viscosity. The 

aromatics fraction is brownish and more viscous while the resin fraction is a very sticky dark brown 

matter (Figure 4.1). Meanwhile, the asphaltene fraction was a black dry flake.  

 

 

Figure 4.1: Picture of the fractions obtained from the SARA procedure of Congo Bilondo crude oil. 

 

4.3.2 Characterization of the saturate fraction by GC-MS 

The obtained saturate fraction was characterized by GC-MS, and the obtained chromatogram is 

shown in Figure 4.2.  

 

 

Figure 4.2: Chromatographic profiles of hydrocarbons in the saturated fraction of Congo Bilondo crude oil with 

deuterated dodecane as internal standard. 
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Saturated hydrocarbons detected in the fraction included n-alkanes (C10 - C28) and various 

monomethyl-, dimethyl, trimethyl-, and tetramethyl-substituted alkanes (isoprenoids). These 

hydrocarbons were annotated based on their characteristic fragments at m/z 43, m/z 57, m/z 71 and 

m/z 85 (Figure 4.3) and match with standards and the NIST database. The short chain alkanes were 

not detected in the fraction probably due to loss during SARA fractionation. The risk of the loss of 

more volatile compounds during sample processing and solvent removal is one limitation of SARA 

fractionation. n-Hexadecane was observed as the most abundant among the described hydrocarbons 

with a concentration of 337.7 ± 67.9 µg/L (Table 4.2). This was significantly followed by n-

dodecane (262.3 ± 45.6 µg/L) and n-tetradecane (202 ± 18.1 µg/L). n-Hexadecane was reported 

elsewhere as a major component of oil among the alkanes [74,105] and is widely used as a model 

hydrocarbon to study the biodegradation of the long-chain alkanes. The most abundant isoprenoids 

were pristane (2,6,10,14-tetramethyl pentadecane) and phytane (2,6,10,14-tetramethyl hexadecane) 

[236]. Some hydrocarbons could not be readily resolved and identified by GC-MS. 
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Figure 4.3: Ion chromatogram typical for n-alkanes and isoprenoid alkanes (m/z 43, m/z 57, m/z 71 and m/z 85). 
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Table 4.2: Hydrocarbons detected by GC-MS in the saturated fractions of Congo Bilondo crude oil. Key: ND = not determined. 

 

Hydrocarbon RT (min) 
Chemical 

formular 
Chemical structure 

Amount 

(µg/L) 

Quant. 

Ion (m/z) 

Decane 7.14 C10H22  
12.7 ± 0.6 57.0 

Undecane 8.24 C11H24  
31.7 ± 7.8 57.0 

Dodecane 9.41 C12H26  
262.3 ± 45.6 57.0 

2,3,7 Trimethyloctane 10.29 C11H24 

 

ND  

Tridecane 10.62 C13H28  
105.3 ± 9.0 57.0 

4,6-Dimethyldodecane 11.58 C14H30 
 

ND  

Tetradecane 11.84 C14H30  
202 ± 18.1 57.0 

2,6,10-Trimethyltridecane 12.61 C16H34 
 

ND  

Pentadecane 13.07 C15H32  
48.3 ± 2.1 57.0 

Hexadecane 14.26 C16H34  
337.7±67.9 57.0 

2,6,10-Trimethylpentadecane 14.82 C18H38 
 

ND  

Heptadecane 15.41 C17H36  
42.0 ± 2.6 57.0 

Pristane 15.48 C19H40 
 

ND  

6-Cyclohexyldodecane 15.89 C18H36 

 

ND  

Octadecane 16.51 C18H38  
16.3 ± 4.0 57.0 
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Hydrocarbon RT (min) 
Chemical 

formular 
Chemical structure 

Amount 

(µg/L) 

Quant. 

Ion (m/z) 

Phytane 16.62 C20H42 
 

ND  

2-Methyloctadecane 17.42 C19H40 
 

ND  

Nonadecane 17.50 C19H40  
157.7 ± 41.1 57.0 

Eicosane 18.38 C20H42  
14 ± 3.5 57.0 

Heneicosane 19.20 C21H44  
96.7 ± 19.6 57.0 

Docosane 19.96 C22H46  
152.3 ± 28.6 57.0 

Tricosane 20.26 C23H48  
68±3 57.0 

Tetracosane 21.77 C24H50  
4±1 43.0 

11-Methylpentacosane 22.14 C26H54 
 

ND  

Pentacosane 22.86 C25H52  
ND  

Hexacosane 23.54 C26H54  
ND  

Heptacosane 24.21 C27H56  
ND  

Octacosane 24.75 C28H58  
ND  
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4.3.3 Biodegradation of the saturated fraction  

Figure 4.4 presents the GC-MS chromatograms of the saturated hydrocarbons on day 3 and day 5 

of biodegradation. The chromatograms showed that the profile of the saturate fraction changed 

significantly among the bacteria in comparison to the abiotic control, although at different extents. 

An important observation is that the three strains can efficiently use as carbon and energy source 

the n-alkanes (C10 - C28) as well as the methyl-substituted alkanes (C11 - C26). This proved that the 

strains have the metabolic capabilities to biodegrade a wide spectrum of saturated hydrocarbons. 

Additionally, the three strains were observed growing at the oil-water interface by forming biofilm. 

The is believed to have enhanced the rate of hydrocarbon assimilation by reducing the distance for 

mass transfer [108]. Cells and secreted solubilisation factors such as exoenzymes were reported to 

be localized within the biofilm matrix [96,122]. 

The biodegradation efficiency of each hydrocarbon of the saturated fraction among the bacterial 

strains is shown in Table 4.3. The medium-chain n-alkanes (C10 - C15) were efficiently degraded by 

strains, with degradation rates above 70 % on day 5. Most odd-number carbon n-alkanes (C15 - C19) 

were completely degraded. This could be attributed to the loose configuration of their carbon atoms 

compared to even-number carbon n-alkanes. The later are more symmetrical, making them more 

difficult for bacteria to utilize [46]. However, the degradation rates of long-chain alkanes (C20- C28) 

were relatively higher between Novosphingobium sp. S1 and G. amicalis S2 than with G. terrae S5. 

Likewise,  Gordoniae strains were reported to degrade alkanes in the range of C8 - C36 [134,218]. 

n-Alkanes (C8 - C40) were also  significantly degraded by salt-tolerant bacteria isolated from an oil 

field [234,237]. Interestingly, Novosphingobium sp. S1 showed a high capability to degrade a wide 

spectrum of the saturated hydrocarbons even though this genus are well known to majorly degrade 

a broad range of mono- and polyaromatic aromatic hydrocarbons [222]. 

Furthermore, the methyl-substituted alkanes were efficiently degraded by the three strains. For 

instance, 2,3,7 trimethyloctane, 2,6,10-trimethyltridecane and 2,6,10-trimethylpentadecane were 

completely degraded on day 5. Although pristane and phytane are considered relatively resistant to 

biodegradation due to being highly branched, they were degraded with degradation efficiency 

reaching 87.4 ± 7.1 and 100 %, respectively, on day 5 for Novosphingobium sp. S1. Equally, 

biodegradation efficiency of pristane and phytane were 91.2 ± 3.8 and 97.9 ± 1.9 %, respectively, 

on day 5 for G.amicalis S2 but were 77.4 ± 5.4 and 69 ± 3.5 % for G. terrae S5. In contrast, pristane 

and phytane remained detected within 90 days of biodegradation using Pseudomonas aeruginosa 

XJ16, Bacillus cereus XJ20, and Acinetobacter lwoffii XJ19 [46]. Result from this study showed 

that the biodegradation of n-alkanes and isoprenoids occurred relatively at the same rate. Similarly, 
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a near complete degradation of phytane and pristane after 20 days was reported using a consortium 

of Serratia marcescens PL and Raoultella ornithinolytica PS enriched from oil contaminated soil 

[216]. Pristane and phytane are reported to be degraded mainly via mono-, di-terminal and sub-

terminal oxidation with initial activation by hydroxylation [127]. 

4.3.4 Identification of carboxylic acids metabolites and elucidation of degradation pathway 

The separation efficiency of the carboxylic acids in the culture medium and their ionization 

conditions were optimized using 10 mM ammonium acetate solution (pH 6.8) and methanol (99.9 

%). The method was validated by analyzing three standard carboxylic acids (Figure 4.5). It showed 

a good separation efficiency and sensitivity. However, hexadecanoic acid was observed to be a 

carry-over contaminant during LC method development. Therefore, this compound was ignored 

during subsequent screening and selection of metabolites. 

Furthermore, the rapid development in MS techniques has made acquired data set (m/z, retention 

times, intensities etc.) larger and complex. One way of overcoming this challenge is developing 

workflows for a focused analytical effort. As such, in selecting compounds specific to the 

biodegradation process, the area ratio between samples at different time point, that indicates the 

appearance and disappearance of a compound, was used to highlight compounds of interest. In 

addition, compounds found in the instrumental blank, abiotic control, and at the beginning of the 

experiment (day 0) were ignored. Compounds that were not present in the triplicate samples were 

disregarded. Finally, structures were assigned to selected compounds based on number of carbon 

atoms (C) and the ratio of the number of hydrogen to carbon atoms (H/C), database match and 

fragmentation pattern. 

Fourteen carboxylic acids were identified as extracellular metabolites during the degradation of the 

saturate fraction by the three strains (Table 4.4). The carboxylic acids ranged from C10 to C20 and 

comprised of monocarboxylic acids, hydroxylated carboxylic acids, and dicarboxylic acids. While 

most of the carboxylic acids were found on database search, a fragmentation pattern characteristic 

of dehydration, decarboxylation and dealkylation was observed for all compounds (Table 4.5). 

However, short chain fragments were not obtained, even in MS3, as increase of the fragmentation 

energy beyond CID45 resulted in the loss of the precursor. 

 



Chapter four: Biodegradation of Saturated Fraction of Crude oil and Signature Carboxylic acids Production  

98 
 

 

Figure 4.4: Chromatogram showing the relative changes in the distribution and abundance of alkanes on (a) day 3 and (b) day 5 of biodegradation study 
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Table 4.3: Relative biodegradation efficiency for each alkane on day 3 and day 5 of biodegradation study 

 

  

Biodegradation efficiency (%) 

Novosphingobium sp. S1 Gordonia amicalis S2 Gordonia terrae S5 

Hydrocarbon day 3 day 5 day 3 day 5 day 3 day 5 

Decane 63.5 ± 9.9 71.9 ± 9.1 79.1 ± 8.8 80.7 ± 2.7 60.5 ± 8.1 78.8 ± 18.9 

Undecane 68 ± 0.7 74.8 ± 11.6 64.2 ± 3.4 80.8 ± 14.8 59.4 ± 17.3 86.2 ± 13.4 

Dodecane 76.1 ± 21.8 87.4 ± 12.6 70 ± 21.5 81.1 ± 14.9 78.6 ± 16.3 86.8 ± 13.1 

Tridecane 44.8 ±1 2.5 75.5 ± 21.7 62 ± 17.8 81.4 ± 6.2 61 ± 9.7 82.7 ± 15.8 

Tetradecane 66.9 ± 5.2 77.8 ± 11.4 62.9 ± 15.2 82.7 ± 2.4 70.9 ± 7 80.2 ± 2.5 

Pentadecane 100 100 87.6 ± 10.7 100 79.1 ± 18.4 100 

Hexadecane 50.2 ± 16.9 75.1 ± 9.9 62.4 ± 24.8 69.3 ± 9.7 46.6 ± 17.3 59.2 ± 12 

Heptadecane 100 100 100 100 100 100 

Octadecane 80.9 ± 16.8 82.3 ± 16.3 70.3 ± 17.9 84.7 ± 4.6 68.3 ± 9.2 75.3 ± 21.6 

Nonadecane 100 100 100 100 100 100 

Eicosane 62.1 ± 12.3 67.2 ± 28.2 72.8 ± 1.7 80.2 ± 5.2 60.9 ± 1.1 65.5 ± 4.6 

Heneicosane 77.4 ± 2.9 80.2 ± 2 64.7 ± 3.2 73.4 ± 6.5 58.3 ± 6 60.1 ± 7.8 

Docosane 57.7 ± 18.3 71.9 ± 24.7 75.8 ± 12.8 81.3 ± 16.8 57.5 ± 24.9 58.9 ± 6.4 

Tricosane 55.9 ± 0.9 72.2 ± 24.1 70.9 ± 6.4 78.7 ± 20 58 ± 5.9 61.6 ± 5.7 

Tetracosane 64.5 ± 14.4 73.7 ± 22.8 71.6 ± 16.5 77.7 ± 20 55.7 ± 13.5 56.1 ± 9.9 

Pentacosane 37.1 ± 4.4 60 ± 8.2 61.6 ± 1.6 79.2 ± 4.1 32.9 ± 6.4 33.6 ± 0.5 

Hexacosane 35.9 ± 9 67.8 ± 28 65.1 ± 8.4 86.6 ± 6.1 27.7 ± 4.1 42.3 ± 8.2 

Heptacosane 41.4 ± 8.3 79.9 ± 17.4 71.1 ± 24.5 73.1 ± 28.8 31.2 ± 6.3 46.4 ± 4.1 

Octacosane 32.1 ± 10.4 70.2 ± 25.8 55.9 ± 13.2 72 ± 24.9 43.8 ± 5.3 54.8 ± 18.8 
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 Biodegradation efficiency (%) 

 Novosphingobium sp. S1 Gordonia amicalis S2 Gordonia terrae S5 

Hydrocarbon day 3 day 5 day 3 day 5 day 3 day 5 

2,3,7 Trimethyloctane 94 ± 10.4 100 94.7 ± 5.7 100 100 100 

4,6-Dimethyldodecane 80 ± 1.7 83.6 ± 16.4 91.2 ± 1 91.7±7.8 79.3 ± 3.8 80.4 ± 2.5 

2,6,10-Trimethyltridecane 100 100 95.6 ± 3.8 100 96.5 ± 3 100 

2,6,10-Trimethylpentadecane 100 100 100 100 93.9 ± 10.5 100 

Pristane 77 ± 14.5 87.4 ± 7.1 83.4 ± 10.5 91.2 ± 3.8 72.2 ± 16.3 77.4 ± 5.4 

6-Cyclohexyldodecane 29.8 ± 4.3 63.5 ± 1.3 52.2 ± 11.9 66.1 ± 1.2 8.2 ± 2.1 26.2 ± 4.3 

Phytane 73.4 ± 23.1 100 89.4 ± 6 97.9 ± 1.9 53.6 ± 2.9 62.4 ± 6.8 

2-Methyloctadecane 86 ± 24.3 87 ± 11.4 84.1 ± 9.2 98.6 ± 2.5 67 ± 6.9 69 ± 3.5 
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Figure 4.5: Optimization of the LC separation and detection of standard metabolites (1) 50 ppb benzoic acid, (2) 

200 ppb hexadecanoic acid and (3) 0.5 ppb 16-hydroxyhexadecanoic acid. Benzoic acid, in particular, was 

spiked into the mobile phase, water and culture medium to evaluate matrix effect.  

 

The appearance of C10 - C20 straight chain carboxylic acids reflects the active degradation of 

the corresponding n-C10 to C20 alkanes as illustrated in Table 4.4. For instance, undecanoic acid 

is produced from undecanoic acid while tetradecanoic, 14-tetradecanoic and tetradecanedioic 

acid are produced from the degradation of tetradecane. Bacteria are known to degrade alkanes 

through mono-terminal, bi-terminal or sub-terminal pathways, with the first found to be most 

prevalent. These pathways are catalyzed by oxygenases such as the membrane anchored AlkB 

family of alkane hydroxylases or the soluble cytochrome CYP153A enzymes [129]. However, 

the series of mono-, hydroxy- and dicarboxylic acids found in this study suggests their 

production was via the bi-terminal oxidation or dicarboxylic acid pathway. To the best of our 

knowledge, this is the first report associating these bacterial species with bi-terminal oxidation 

of alkanes. The alkane-activating monooxygenase are known to overcome the low reactivity 

of the alkanes by producing reactive oxygen species [232]. After the formation of the initial 

terminal oxidation products (Primary alcohol and aldehyde), without breaking of the carbon 

chain, the degradative pathway branches into bi-terminal oxidation (Figure 4.6). The ω-

hydroxylation of fatty acids produces ω-hydroxy fatty acids that are further converted into 

dicarboxylic acids which are then passed into β-oxidation  [129]. The production of  

hydroxylated fatty acid by Rhodococcus rhodochrous TRN7 and Nocardia farcinica TRH1 
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when growing on hexadecane was observed by Rodrigues et al. [229]. Likewise, several long-

chain α,ω-dicarboxylic acids were observed during the degradation of n-octacosane.  

 

 

 

Figure 4.6: Proposed alkane degradation pathway for the bacteria strains. monocarboxylic acids either enter β-

oxidation or be oxygenated further by the ω-fatty acid monooxygenases to form dicarboxylic acid 

 

Though the presence of these metabolites indicates active degradation of hydrocarbon, the 

essence of their presence in the extracellular matrix remains unclear. Nonetheless, the oxidation  

of n-hexadecane outside of the cell prior to its uptake across the cell membrane was reported 

[105]. Furthermore, the strains used in this study form biofilm in the presence of hydrocarbon. 

Thus, one speculation about the presence of these acids in the extracellular medium could be 

through digestion within the extracellular polymeric substance (EPS). The extracellular 

matrices of biofilm was regarded as an external digestion system that enables a tight coupling 

between external digestion or solubilization of substrates and their uptake by cells [96]. These 

metabolites could also originate from the lysis of cells involving  disruptive (lysis and cell 

death) and non-disruptive (active or passive excretion, leaky of cell envelope due to cell stress 

or cell growth/division) processes [215]. 
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Table 4.4: Extracellular metabolites produced by Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5 

 

 Day detected in culture Probable 

precursor 
Compound 

Molecular 

formular 
Molecular mass RT Novo. sp. S1 G. amicalis S2 G. terrae S5 

10-Hydroxydecanoic acid C
10

H
20

O
3
 188.14 6.45 3 and 5 3 and 5 3 and 5 Decane 

Undecanoic acid C
11

H
22

O
2
 186.16 12.44 3 and 5 3 and 5 3 and 5 Undecane 

Dodecanedioic acid C
12

H
22

O
4
 230.15 6.37 3 and 5 3 and 5 3 and 5 Dodecane 

Tridecanoic acid C
13

H
26

O
2
 214.19 13.83 3 and 5 3 and 5 3 and 5 Tridecane 

10-Propoxydecanoic acid C
13

H
26

O
3
 230.18 10.62 - 3 3 and 5  

Tetradecanoic acid C
14

H
28

O
2
 228.20 15.01 3 3 and 5 3 Tetradecane 

14-Hydroxytetradecanoic acid C
14

H
28

O
3
 244.20 11.63 3 3 3 and 5 Tetradecane 

Tetradecanedioic acid C
14

H
26

O
4
 258.18 9.40 3 and 5 3 and 5 3 Tetradecane 

15-Hydroxypentadecanoic acid C
15

H
30

O
3
 258.21 12.36 3 and 5 3 and 5 3 and 5 Pentadecane 

Hexadecandioic acid C
16

H
30

O
4
 286.21 11.37 3 and 5 5 3 and 5 Hexadecane 

8-Hydroxyhexadecanedioic acid C
16

H
30

O
5
 302.20 7.50 3 and 5 3 and 5 3 and 5 Hexadecane 

Heptadecanedioic acid C
17

H
32

O
4
 300.23 11.99 3 and 5 3 and 5 3 and 5 Heptadecane 

(15Z)-9,12,13-trihydroxy-15-octadecenoic 

acid C
18

H
34

O
5
 330.24 9.52 - 3 and 5 3 and 5 

 

Icosanedioic acid C
20

H
38

O
4
 342.27 13.76 3 and 5 3 and 5 3 and 5 Icosane 
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Table 4.5: Annotation and fragmentation pattern of detected extracellular metabolites. Most of the carboxylic acids were found on database search and a fragmentation 

pattern characteristic of dehydration, decarboxylation and dealkylation was commonly observed. 

 

Compound Formula [M-H]
-

  [M-H]
-

 (m/z) 

Mass spectral match Fragment ions (m/z) 

MzCloud Chemspider MS
2 

(loss moiety) MS
3 

(loss moiety) 

10-Hydroxydecanoic acid C
10

H
19

O
3
 187.1337 Full  Full  169.1230 (-H

2
O) 

141.1281 (-CH
2
0

2
) 

125.0967 (-CH
2
O

3
) 

113.1333 (-C
3
H

6
0

2
) 

Undecanoic acid C
11

H
21

O
2
 185.1543 Full  Full  167.0710 (-H

2
O) 

141.0917 (-CO
2
) 

123.0811 (-C
3
H

10
O) 

 

Dodecanedioic acid C
12

H
21

O
4
 229.1440 Full  Full  211.1335 (-H

2
O) 

167.1437 (-CH
2
O

3
) 

139.0811 (-C
3
H

10
O) 

Tridecanoic acid C
13

H
25

O
2
 213.1856 Full  Full  195.1023 (-H

2
O) 

169.1020 (-C
3
H

8
) 

151.1126 (-C
3
H

10
O) 

 

10-Propoxydecanoic acid C
13

H
25

O
3
 229.1803 Full  Full  211.1699 (-H

2
O) 

183.1750 (-CO) 

167.1438 (-C
2
H

6
O

2
) 

 

Tetradecanoic acid C
14

H
27

O
2
 227.2012 Full  Full  209.1178 (-H

2
O) 

183.1175 (-CO
2
) 

165.1218 (-C
3
H

10
O) 

 

14-Hydroxytetradecanoic acid C
14

H
27

O
3
 243.1960 Full  Partial  225.1855 (-H

2
O) 

197.1906 (-CH
2
O

2
) 

183.1749 (-C
2
H

4
O

2
) 

 

Tetradecanedioic acid C
14

H
25

O
4
 257.1753 Full  Full  239.1647 (-H

2
O) 

213.1855 (-CO
2
) 
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195.1750 (-CH
2
O

3
) 

15-Hydroxypentadecanoic acid C
15

H
29

O
3
 257.2117 No  Full  239.2011 (-H

2
O) 

211.2062 (-CH
2
O

2
) 

197.1907 (-C
2
H

4
O

2
) 

195.1950 (-C
2
H

6
O

2
) 

 

Hexadecandioic acid C
16

H
29

O
4
 285.2065 No  Full  267.1960 (-H

2
O) 

241.2168 (-CO
2
) 

223.2062 (-CH
2
O

3
) 

195.1950 (-C
3
H

6
O

3
) 

 

8-Hydroxyhexadecanedioic acid C
16

H
29

O
5
 301.2020 No  Full  283.1908 (-H

2
O) 

265.1803 (-H
4
O

2
) 

239.2010 (-CH
2
O

3
) 

221.1905 (-CH
4
O

4
) 

 

Heptadecanedioic acid C
17

H
31

O
4
 299.2222 No  Full  281.2116 (-H

2
O) 

255.2324 (-CO
2
) 

237.2218 (-CH
2
O

3
) 

209.1333 (-C
2
H

2
O

4
) 

(15Z)-9,12,13-trihydroxy-15-

octadecenoic acid 

C
18

H
33

O
5
  329.2333 Full  Full  311.2221 (-H

2
O) 

293.2117 (-H
4
O

2
) 

267.2322 (-CH
2
O

3
) 

249.2219 (-CH
4
O

4
) 

 

Icosanedioic acid C
20

H
37

O
4
  341.2693 No  Full  323.2587 (-H

2
O) 

297.2431 (-C
2
H

4
O) 

279.2689 (-CH
2
O

3
) 
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Figure 4.7 shows the evolution of the carboxylic acids during the study for each bacterial strain. The 

results demonstrate that the carboxylic acids were transient. In some cases, such as, 14-

hydroxytetradecanoic acid was detected only on day 3 for Novosphingobium sp. S1 and G. amicalis 

S2 but was at relatively the same level for G. terrae S5 during day 3 and 5. 10-propoxydecanoic 

acid, tetradecanoic acid and (15Z)-9,12,13-trihydroxy-15-octadecenoic acid were not detected for 

Novosphingobium sp. S1.  

 

4.4 Conclusion 

The biodegradation of a wide range of hydrocarbons is a desirable characteristic for enhancing the 

bioremediation oil pollution. This study demonstrated the high capacity of Novosphingobium sp. 

S1, Gordonia amicalis S2 and Gordonia terrae S5 to utilize a wide spectrum of the alkanes present 

in the Congo Bilondo crude oil. Furthermore, the comprehensive determination of produced 

carboxylic acids was diagnostic for specific alkanes degradation and it permitted the identification 

of the bi-terminal oxidation pathway as the most likely pathway used by the strains. Finally, the 

results highlight the potential application of the strains in bioremediation of crude oil contaminated 

sites. 
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Figure 4.7: Levels of carboxylic acids in culture medium of (a) Novosphingobium sp. S1 (b) Gordonia amicalis S2 and (c) Gordonia terrae S5 on day 3 and 5.
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5. Conclusions and perspectives 

The energy and economic benefits of crude oil as well as the health and environmental impact of 

crude oil spill cannot be overemphasized. Decades of research have clearly demonstrated that 

microbial degradation remains the viable, efficient, eco-friendly, and economical alternative to 

cleaning up crude oil spill. Consequently, in recent times, focus has shifted to improving the 

efficiency of the degradation process. This interest has further driven the search for strains with 

versatile metabolic capability to access, assimilate and degrade hydrocarbons. Furthermore, 

elucidation of hydrocarbon degradation mechanisms and pathways through the characterization of 

signatures metabolites, such as carboxylic acids, produced during the degradation process has 

become crucial to designing more efficient bioremediation strategies. This has been supported by 

the extensive and robust developments of analytical platforms, particularly in terms of 

chromatographic and mass spectrometric methods. 

The three bacteria, Novosphingobium sp. S1, Gordonia amicalis S2 and Gordonia terrae S5, 

isolated from a crude oil polluted soil showed high potential to degrade a wide range of saturated 

hydrocarbons. The isolation and characterization of bacteria with the capacity to degrade a wide 

range of hydrocarbons is of crucial importance for bioremediation of crude oil contamination. 

Although none of the strains produced biosurfactant into the culture medium, growth occurred only 

when the cells had access to the alkane-water interface through biofilm formation. This interfacial 

access to alkanes was also supported by the ability of the strains to adhere to hydrocarbons, with the 

Gordonia species exhibiting a much stronger adhesion than Novosphingobium sp. S1. Furthermore, 

the ability of G. amicalis S2 and G. terrae S5 to adhere to alkanes was an important property of 

these strains to form a biofilm and utilize hydrocarbons as carbon and energy source.  

The comprehensive determination of carboxylic acid metabolites in culture medium by LC-MS 

during degradation of alkanes provided sufficient information to elucidate the degradative pathway 

adopted. The series of mono-, hydroxy- and dicarboxylic acids found in this study confirmed the 

active biodegradation of the alkanes and suggested that their degradation was via the bi-terminal 

oxidation or dicarboxylic acid pathway. Likewise, the production of hydroxylated fatty acid was 

also suggested as a possible strategy that increased the affinity of Novosphingobium sp. S1 during 

n-hexadecane degradation. 

Finally, the study highlights the potential of Novosphingobium sp. S1, G. amicalis S2 and G. terrae 

S5 for the development of bioremediation technologies of hydrocarbon-contaminated sites. Biofilm-

mediated bioremediation is a promising approach for efficient hydrocarbon cleanup. 
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Indeed, biofilm formation and the planktonic-biofilm transition are complex and highly regulated 

processes. High-throughput genomics approaches are necessary to provide a large array of 

information on biofilm modulating genes and regulation mechanism. Understanding these 

mechanisms and the enzymes and/or gene involved would immensely contribute to the development 

of new strategies for bioremediation of hydrocarbons. 

As the development of metabolomics and petroleomics continues, further progress in MS and 

chromatographic techniques is expected.  The democratization of FT-ICR MS, as a standalone 

technique or as a detector for GC or HPLC, would result in the acquisition of comprehensive 

characterization data soon. Additionally, the ongoing developments in Orbtrap and TOF MS would 

offer attractive and effective alternatives for direct infusion ultra-high-resolution analysis. This, in 

combination with metagenomic data, is likely to facilitate the identification of metabolic pathways 

leading to the development of efficient and eco-friendly bioremediation technologies.  

The aim of crude oil bioremediation is to degrade the toxic hydrocarbons into CO2 and H2O or 

convert them into non-toxic forms. However, biodegradation can sometimes result into incomplete 

mineralization and formation of metabolites with poorly recognized or unknown chemical and 

toxicological characteristics. Moreover, these metabolites can become increasingly polar and 

bioavailable posing more danger to health and the environment. Chemical analysis does not always 

consider the effects of these metabolites and practical information on the bioavailability of these 

metabolites is also not sufficiently covered. Thus, it would be imperative to complement chemical 

analysis by monitoring ecotoxicity of biodegraded oil.  
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• Kevin Iyere Ehiosun, Régis Grimaud, Ryszard Lobinski 
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• Kevin Iyere Ehiosun, Simon Godin, Laurent Urios, Ryszard Lobinski, Régis Grimaud 
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• Kevin Iyere Ehiosun, Régis Grimaud, Ryszard Lobinski  

Hydrocarbonoclactic bacteria isolated from oil-polluted soil degrade long-chain alkanes 

through biofilm formation.  

3rd International Environmental Chemistry (EnviroChem) Congress, Kemer–Antalya, 

Turkey, 01-04 November 2021. 

 

• Kevin.I. Ehiosun and Ryszard Lobinski 

Mass spectrometry insights into hydrocarbon biodegradation: from natural bioattenuation to 
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