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Résumeé

Au sein du genre de nématodes Mesorhabditis, plusieurs especes se reproduisent par
auto-pseudogamie : les femelles asexuées produisent peu de males sexuels (amphimictiques),
qui sont necessaires a la production de femelles gynogénétiques (asexuées). Dans ce systéme,
une femelle peut produire des ovocytes haploides classiques qui, une fois fécondés par un
spermatozoide, produisent des ceufs diploides. Ces ceufs se développeront en males. Dans la
plupart des cas, cependant, les femelles produisent des ovocytes diploides, pour lesquels le
programme meéiotique est modifié. Aprés la fécondation de ces ovocytes, I'ADN du
spermatozoide est mis de cOté, et le zygote se développe uniquement a partir du génome
diploide maternel, et deviendrons ainsi des femelles (Grosmaire, et al. 2019). Mon projet de
thése s'articule en trois parties :

Je me suis demandé quelle(s) modification(s) de la méiose permet la production
d'ovocytes diploides et comment une femelle donnée peut systématiquement produire 90 %
d'ovocytes non réduits et 10 % d'ovocytes réguliers. Jai également consacré du temps au
développement d'outils techniques pour I'étude de cette espéce non-modeéle.

Caractérisation du programme méiotique lors de la production d'ovocytes

gynogénétiques

Ceci représente la partie principale sur laquelle jai travaillé pendant ma these. La
gonade femelle de Mesorhabditis belari offre une organisation spatiale idéale pour suivre la
progression méiotique. J'ai constaté que lors de la production d'ovocytes non réduits, les
chromosomes homologues s'apparient pendant la prophase méiotique et subissent des crossing-
overs. Ensuite, bien gque les bivalents ségrégent initialement en univalents au cours de la méiose
I, I'anaphase ne se déeroule pas et les univalents finissent par se reorganiser au centre du fuseau,
en préparation de la méiose 1. La méiose 11 se déroule alors normalement, donnant naissance a
des ovocytes diploides avec un assortiment de chromatides non-sceurs, qui se sont recombinées
pendant la prophase. Compte tenu de ce mécanisme et de lI'absence de contribution du génome
paternel, le génome des femelles M. belari devrait étre homozygote sur I'ensemble du génome,

sur le long terme.

12



En paralléle, nos collaborateurs du laboratoire de Nicolas Galtier (Montpellier, FR) a
réalisé le séquencage du génome entier des descendants de 10 femelles indépendantes
échantillonnées dans 10 endroits différents dans le monde, appartenant a I'espéce M. belari ou
a I'espéce sexuelle Mesorhabditis spiculigera. En utilisant la quantification du déséquilibre de
liaison, ils ont découvert dans les deux espéces une perte rapide du déséquilibre de liaison,
confirmant I'existence d'une recombinaison homologue chez M. belari. De maniére inattendue,
nous avons également identifié un niveau élevé d'hétérozygotie dans les deux espéces, environ

1%, a I'échelle du génome.

Pour réconcilier nos résultats, nous avons émis I'hypothése qu'aprés la recombinaison
homologue, seules les chromatides sceurs qui ont recombinées, ou bien, celles qui n'ont pas
recombinées, sont ségréguées dans les ovocytes, ce qui permettrait le maintien de
I'nétérozygotie a long terme. Comme preuve ultime de cette ségrégation biaisée, j'ai développé
une technique basée sur I'EdU (5-éthynyl-2'-dexosyuridine, un analogue de la thymidine) chez
M. belari, pour démontrer premierement que tous les 10 chromosomes se recombinent a chaque

génération et deuxiemement pour montrer la ségrégation des chromatides recombinées.

I1) Décrypter le mécanisme par lequel une femelle donnée est capable de suivre un
programme meéiotique classique (pour la production de males) ou incomplet (pour la
production de femelles)
La production de males varie en fonction de I'age de la femelle : les jeunes femelles produisent
plus de males que les vieilles. Partant de ce constat, I'équipe a émis I'hypothése qu'au cours de
I'ovogenese, la production de males pourrait étre biaisée par un dépot préférentiel dARNm
maternels dans I'ovocyte. Nous avons généré des données transcriptomiques a partir d'ovocytes
amphimictiques et gynogénétiques afin d'identifier ces types d'ARNm. J'ai ensuite validé les
genes candidats qui sont exprimés differemment selon le type d'ovocyte en utilisant le smiFISH
(single molecule inexpensive FISH) et la RT-qPCR sur des embryons uniques. Par la suite, j’ai

effectué une analyse fonctionnelle du géne valide en utilisant I'ARNi et CRISPR Cas9.
111) Développement de CRISPR chez M. belari

M. belari est une espéce non modele pour laquelle 1'équipe avait d’ores et déja
développé I'ARNI. Lorsque j'ai commencé mon doctorat, j'ai tenté de mettre en place la
technique CRISPR, qui a d'abord échoué en raison de la cellularisation de la lignée germinale.

Jiai trouvé un moyen de permettre a Cas9 et a I'ARN guide de se diffuser dans les cellules

13



germinales et j'ai établi des Knock-Out CRISPR chez M. belari. Par la suie, j'ai utilisé cette
astuce chez C. elegans, et j'y ai réussi a obtenir des mutants F1 a partir d'animaux ayant recu
une injection dans la téte, facilitant ainsi la transgénese pour les expérimentateurs non qualifiés.
Parallélement, j'ai usé de nombreuses techniques différentes pour obtenir des lignées Knock-in

chez M. belari, sans succes jusqu'a présent.

Abstract

Within the nematode genus Mesorhabditis, several species reproduce by auto-
pseudogamy: asexual females produce few sexual males (amphimictic), while females are
produced asseuxally and are gynogenetic. Nonetheless, the production of males is necessary to
generate asexual females. In this system, a female can produce regular haploid oocytes, which
once fertilized by a sperm, produce diploid eggs. These eggs develop as males. In most cases,
however, females produce diploid oocytes, for which the meiotic program is modified. After
fertilization of these oocytes, the sperm DNA is set aside, and the zygote develops only from
the maternal diploid genome and becomes female (Grosmaire et al., 2019). My thesis project is
articulated in three parts:

| asked which modification to meiosis allows the production of diploid oocytes and how
a given female can systematically produce 90% unreduced oocytes and also 10% regular

oocytes. | also spend time developing technical tools for studying this non-model species.

Characterization of the meiotic program during the production of gynogenetic
oocytes/future female oocytes

This is the main part | worked on during my thesis. The female gonad of Mesorhabditis
belari offers an ideal spatial organization to follow the meiotic progression. | found that during
the production of unreduced oocytes, homologous chromosomes pair during meiotic prophase
and undergo crossing-overs. And cytology supports that recombination is not limited to the tips
of the chromosomes. Next, although bivalents initially segregate into univalent during meiosis
I, anaphase fails to proceed and univalents eventually reorganize in the centre of the spindle in

preparation for meiosis 1l. Meiosis 1l then proceeds normally, giving rise to diploid oocytes
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with an assortment of non-sister chromatids, which have recombined during prophase. Given
this mechanism, and the absence of paternal genome contribution, the genome of M. belari
females should be homozygous genome wide, in the long term.

In parallel, our collaborators in Nicolas Galtier Lab (Montpellier, FR) performed whole genome
sequencing of the descendants of 10 independent females sampled in 10 different locations in
the world, belonging to the M. belari species or the sexual species Mesorhabditis spiculigera.
Using quantification of linkage disequilibrium, they uncovered a rapid loss of linkage
disequilibrium in both species, confirming the existence of homologous recombination in M.
belari. Unexpectedly, we also identified a high level of heterozygosity in both species, around

1%, genome-wide.

To reconcile our results, we hypothesize that after homologous recombination, only the
sister chromatids that have recombined, or those that have not recombined, are segregated in
the oocytes, allowing the maintenance of heterozygosity in the long term. As a final proof of
this biased segregation, | developed an EdU -based (5- ethynyl-2’-dexosyuridine, a thymidine
analogue) technique in M. belari, to demonstrate first that all the 10 chromosomes recombine

at each generation and secondly to show the co-segregation of the recombined chromatids.

I1) Deciphering the mechanism by which a given female is able to follow a regular meiotic
program (for the production of males) or an incomplete one (for the production of
females)

The production of males varies according to the age of a female: young females produce
more males than old ones. Based on this assumption, the team hypothesized that during
oogenesis the production of males could be biased by a preferential deposit of maternal mMRNAs
in the oocyte. We generated transcriptomic data from amphimictic and gynogenetic oocytes in
order to identify these types of MRNA. | then validated the candidate genes that are expressed
differently depending on the type of oocyte using smiFISH (single molecule inexpensive FISH)
and RT-gPCR on single embryos. Then | performed a functional analysis of the validated gene
using RNAi and CRISPR Cas9.

I11) Development of CRISPR in M. belari

M. belari is a non-model species for which the team had already developed RNAI. When |

started my PhD, | established CRISPR, which was initially unsuccessful due to the
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cellularization of the germline. | found a way to allow the Cas9 and guide RNA to diffuse into
the germ cells and established CRISPR Knock outlines in M. belari. I then used this trick in C.
elegans and managed to obtain F1 mutants from animals injected in the head; therefore,
facilitating transgenesis for unskilled experimenters. In parallel, 1 tried many different

techniques to obtain Knock-in lines in M. belari, without success.
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Introduction

In this thesis, | attempted to elucidate the cellular mechanism that enables a species to
reproduce asexually, i.e. to produce zygotes which inherit only one parental genome. Meiosis
is the most ancestral among eukaryotes and sexuality is the most common reproductive system
among this eukaryotes (Leonard, 2013, 2013; Maynard Smith, 1978). In metazoans, sexuality
results from the mixing of two genomes to produce a progeny. To generate a new individual
that shares the same ploidy as its progenitors, males and females must undergo a specific cell
division that results in a two-fold division of chromosomes, called meiosis. The process of
meiosis is universal, extremely conserved and ancestral (Ramesh et al., 2005; Speijer et al.,
2015). However, several forms of reproduction without sex exist (reviewed in de Meeds et al.,
2007; Suomalainen, 1950; Suomalainen et al., 1987). In this manuscript, asexuality (i.e.
parthenogenesis) will be defined as the production of new individuals from a single parental
genome. This is made possible by modifications to meiosis, which allow the production of
unreduced gametes. Asexuality has emerged multiple times in evolution from sexual ancestors,
demonstrating that the meiotic program can be modified (Avise, 2008; Delmotte et al., 2001,
Normark, 2014). The genomic consequences of some asexuals have been well studied, from an
empirical and theoretical point of view (Birky Jr, 1996; Glemin & Galtier, 2012; Mark Welch
& Meselson, 2000; Maynard Smith, 1978). However, the cellular and molecular changes at the
origin of new types of meiosis in asexuals have been less explored (Cole-Clark et al., 2017;
Terwagne et al., 2022; Triantaphyllou, 1981). Hence, many questions are still unresolved, in
particular, which modifications are possible and which ones are more constrained, what are the
genes involved in the changes, etc. To address these questions, cytological approaches are

required.

There are however difficulties in the study of meiosis in asexuals. The first one is
technical because, in many species, including sexual species, the analysis of the meiotic
divisions is complicated because the germ cells are not easily accessible. Besides, the transition
towards asexuality often occurred a long time ago and the mechanisms may have evolved since
the first changes in meiosis. In those species, through time, new constraints have been
established that potentially mask the initial changes. For these reasons, we choose to study a
species which features an interesting case of transition towards asexuality, i.e. that presents both

types of reproductive systems. In such species, the establishment of asexuality is constrained

17



by the necessity to also maintain sexuality. We anticipate that the proximal changes will be

easier to identify. We also choose species for which meiotic divisions are easy to observe.

The lab has previously described the reproductive system of the auto-pseudogamous
nematode, Mesorhabditis belari (Grosmaire et al., 2019; Launay et al., 2020). In M. belari,
females are produced asexually by gynogenesis (they inherit only the maternal genomes)
whereas males are produced sexually, also called amphimixis (by mixing of the parental
genomes). Hence, regular/canonical meiosis leads to the production of amphimictic oocytes
(the males) and alteration of meiosis generates gynogenetic oocytes (the females). In this
species, fertilization by the sperm is required to resume meiosis of both types of oocytes.
Moreover, the population of M. belari is 90% females and only 10% males. In this atypical
reproductive system, males are necessary but not for their genes, which are never passed on to

females (Grosmaire et al., 2019).

During my thesis, | asked which modification of meiosis allows a given female to
produce both reduced and unreduced gametes, and what are the consequences on the genome
of M. belari. I have first described the overall process and then investigated the underlying
mechanisms. The characterisation was possible because many aspects of Mesorhabditis meiosis
resemble the meiosis that has been extensively described in the model species Caenorhabditis
elegans. | have also established tools to develop functional approaches in this non-model
species. | have assembled my results in the form of articles, even when the projects were not
finalised. During the 2020 locked-down, I explored the literature on the cytology of asexuals. |
have summarised this work into a review which is presented in Chapter 1.

All animals perform meiosis unless proven otherwise

My work is focused on animals. The literature on asexuality in plants or fungi is vast
and I have decided to concentrate on studies performed in animals (Giraud et al., 2008; Mogie,
1992). Consequently, the vocabulary and the definitions which will be used in this manuscript

are not always adapted to the plant or fungi fields.

Sexuality is the most common reproduction system (Ashman et al., 2014; Leonard,
2013; Maynard Smith, 1978; Williams, 1975). In this thesis, sexuality is defined as the mixis

of a male and a female genome and is also called amphimixis (Figure 1). To this aim, both the
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male and the female produce haploid gametes through the highly conserved mechanism of
meiosis. It is now well-established that all asexual species derived from sexual ancestors (Bell,
1982). In asexual species, the zygote inherits only the genome of one parent and is therefore
not the product of genetic mixing. In those species, modifications of meiosis have conditioned
the emergence of asexuality. During my thesis, | studied the emergence of asexuality from a
cellular and mechanistic perspective. In this chapter, | first give background on how meiosis is
executed in sexual species and what the mechanistic constraints of meiosis and fertilisation are.
Next, | describe the actual and theoretical alterations of meiosis that have been described in
asexual species. Finally, I discuss the different advantages of sexuality and asexuality and their
consequences for the genome of the species and the current hypothesis on why asexual species

are rare compared to sexual species.
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Figure 1: Three types of reproductive systems Amphimixis, Parthenogenesis and Pseudogamy.

Female oocyte is in green and male components in orange
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What is sexuality from a cellular point of view?

Sexuality is defined as the mixis of a male and a female gamete. To achieve amphimixis,
each progenitor must produce specific reduced cells called gametes that possess half a copy of
each chromosome by contrast with other somatic cells of the progenitor. For instance, if the
progenitor is diploid, i.e. two copies of each chromosome, the gamete has to be haploid, i.e. one
copy per chromosome. In both males and females, gametes are produced via meiosis. Therefore,
sexuality is tightly linked to the meiotic process. Sexuality is also dependent on mechanisms
linked to the fusion of the gametes. Importantly, the male gamete, the sperm cell, does not only
provide a haploid genome to the oocyte but also other features which impose constraints on the

evolution of asexuality (Engelstadter, 2008).

Female meiosis, male meiosis and mitosis are fundamentally different
cell divisions

Mitosis and meiosis are two distinct types of cell division (Ohkura, 2015). They differ
in the type of cell in which they occur, in their functions and the content of the chromatids.
Mitosis ensures the proliferation and maintenance of the somatic cells and germ cell
progenitors. Mitosis is generally a symmetrical division where a mother cell generates two
daughter cells. After chromosome replication, the cell undergoes one cycle of cell division
during which sister chromatids are separated. Thus, daughter cells inherit an assortment of non-

sister chromatids and have, therefore, the same genetic content as the mother cell (Figure 2).
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C. elegans

Mitosis

Oocyte meiosis

Meiosis

Figure 2: Mitoisis and meiosis in Caenorhabditis elegans and Daphnia pulex. Left colomn shows
immunostainings of a C. elegans spindle of the first mitosis of the embryo (top) and a meiotic division
(bottom). DNA is in blue and microtubules are in green. https://sites.northwestern.edu/wignall-

lab/research/ Right colomn shows histological observation of oogenesis in parthenogenetic D. pulex.

i) First mitotic cytokinesis. a) metaphase 1 of meiosis. (Hiruta et al., 2010)

Canonical meiosis occurs only in germline cells and generates haploid gametes. Meiosis
consists of two successive divisions, without replication in between, that lead to the production
of haploid oocytes in females or sperm cells in males. In the meiotic prophase, the chromosomes
replicate, form pairs between homologs and often undergo homologous recombination. During
homologous recombination, there is an exchange of chromatid strands, also called crossing-
over. At the end of prophase I, in the diakinesis stage, recombination is observable by the
presence of chiasmata. In many species, the crossing-overs are necessary to maintain the
attachment between homologous chromosomes, although some species are achiasmatic and
have evolved alternative mechanisms to maintain the homologs together (Dernburg et al., 1998;
Engebrecht et al., 1990; Mather, 1938). During the first meiotic division (Meiosis 1), the
homologous chromosomes of a given pair are separated. The second division (Meiosis I1)
consists of the segregation of the sister chromatids. Therefore, meiosis produces four products,
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each containing a single chromatid. The mixing of the haploid gametes from the male and the

female will restore the initial ploidy in the zygote (Figure 3).

Mitosis
Symetrical 2 daughter cells
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t
Canonical Meiosis 1% Polar B°dy 2"“ P°'ar Body 2 Polar

Bodies

@[

Recombination Assymetrical Meiosis | Meiosis Il Fertlllzatlon Zygote
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Figure 3: Schematic representation of mitosis and canonical meiosis of females. Mitosis is a
symmetrical division that produces two daughter cells. Centrosomes (green stars) are present in mitosis.
Meiosis consists of two successive divisions (meiosis | and Il). Meiosis is asymmetrical and
acentrosomal. Recombination occurs in the meiotic prophase. In meiosis I, homologous chromosomes
segregate and, in meiosis I, sister chromatids are separated. This is an example of meiosis in females
where polar bodies are extruded. The mature oocyte is haploid and the diploidy is restored by
fertilization. The sister chromatids are in dark and light blue, corresponding to homologous

chromosomes. Microtubules are in dark green.

Although the segregation of chromosomes is identical in both sexes, the cell divisions
during meiosis are very different in metazoan males and females. In males, the divisions that
produce sperm cells are symmetrical: from one cell, four haploid cells are formed. They will
differentiate into small sperm cells, optimised for their movements towards the oocyte. This is
achieved by the purging of unnecessary compounds and drastic and specific modifications of
cell shape. In contrast, the meiosis that generates oocytes in metazoan females is asymmetric:
out of the four products of meiosis, only one will become the haploid oocyte. This will allow
the production of a single large oocyte, full of cellular components necessary for the early
development of the zygote (such as proteins, RNAs and yolk). In some species, this is achieved
by a very asymmetric positioning of the meiotic spindle. Hence, after cytokinesis and
asymmetric cell divisions, tiny polar bodies and one large oocyte are formed. In other species,
the segregation of chromatids during the meiotic divisions is not accompanied by cell cleavages,
leaving the large size of the oocyte intact. The four products of meiosis align and only one of

those will become the oocyte nucleus while other are degraded during embryogenesis.
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Here, we saw that meiosis and mitosis differ in their function, the type of cell where
the division occurs, the number of cell divisions, the possibility of recombination and the quality
of chromatids present in the resulting cell. As we will see later, this is an important distinction

in the context of asexuality.

Interestingly, although meiosis is an ancient mechanism, the mechanisms of meiosis
have evolved even in sexual species. For instance, homologous recombination is absent in some
species, the sequence of events during chromosome pairing changes depending on the species,
or the essential proteins for chromosome and chromatid dissociation have evolved (see Chapter
1). These are examples demonstrating that changes in the meiotic process are possible and such
variations have probably conditioned the emergence of asexuality.

Sperm cells do not only provide a haploid genome to the oocyte in sexual
species

During fertilization, sperm cells carry the genetic material of the male to the oocyte.
Once in the oocyte, the sperm DNA fuses with the oocyte DNA and the initial ploidy is restored.
In the absence of sperm cells, zygotic development is impaired but not only because of a defect
in ploidy. Indeed, besides their DNA content, sperm cells provide other essential features at
fertilization (Engelstadter, 2008).

In most species described so far, during meiosis | the oocyte undergoes an arrest of
development. For instance, in mammalian female as in jellyfish or nematodes, meiosis arrests
in prophase | (Dorée & Hunt, 2002; Huelgas-Morales & Greenstein, 2018; Jessus et al., 2020;
Mehlmann, 2005; Von Stetina & Orr-Weaver, 2011). Several hypotheses have been proposed
to explain the existence of a meiotic arrest (Mira, 1998). Meiosis can only resume when the
sperm cell fuses with the oocyte plasma membrane (Nishiyama et al., 2010). Furthermore, in
many sexual species, the sperm entry point determines either the anterior-posterior axis or the
dorsoventral axis of the future zygote (Albertson, 1984; Goldstein & Hird, 1996; Wangler &
Bellen, 2017). Hence, sperm entry is essential for the organisation of cell divisions and the

development of the zygote.

Moreover, in many sexual species, the sperm cell provides the first centrioles to the

zygote (Figure 4A). Centrioles are the structures at the core of centrosomes which once
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assembled, control the nucleation of microtubules and orchestrate them during mitotic divisions
(Figure 4).

Figure 4: Sperm cell carrying the centrosome and centrioles in C. elegans mitosis. A) Transmission
electron micrograph of the sperm cell structure.
https://www.wormatlas.org/Wardsperm/spermatozoontemleg.htm B) Nucleus of sperm cell and its

centrosome. One centriole is on top and the other on the side. C) Transmission electron micrograph of

the centriole structure. https://www.hfsp.org/hfsp-news/molecular-license-converts-daughter-

centriole-mother

In mitotic divisions, two centrosomes are located on each side of the metaphase plate.
Via microtubules, centrosomes bind the chromosomes. The spindle microtubules are necessary
for the alignment of chromosomes on the metaphase plate and, in anaphase, for the
displacement of the sister chromatids towards each future daughter cell. Each centrosome is
composed of two centrioles that duplicate at every cell cycle (Delattre & Gdnczy, 2004). In
most species, female meiosis is acentriolar, with centrioles being eliminated during oogenesis,
before meiosis Il (Dumont & Desai, 2012; Manandhar et al., 2005; Szollosi et al., 1972). The
stage of centriole elimination differs depending on the species. In mice, it occurs during the
breakdown of the oocyte nuclear envelope (Szollosi et al., 1972). In C. elegans, it occurs during
pachytene (Mikeladze-Dvali et al., 2012). In contrast, in starfish, the centrioles of oocytes are
still present during meiosis | (Manandhar et al., 2005). During male gametogenesis, however,
the centrioles are maintained in most species (Delattre & Gonczy, 2004). Therefore, at
fertilization in most species, the centrioles are provided paternally, by the sperm cell. When the
sperm is also devoid of centrioles, like in rodents, centrioles are formed de novo in the oocyte

cytoplasm, after fertilisation (Delattre & Gonczy, 2004). How asexual species trigger their
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meiotic division, generate centrioles and polarize the zygote without fertilization by sperm cells

IS an essential question.

What is asexuality from a cellular point of view?

The term asexuality in animals is usually called parthenogenesis. Parthenogenesis
originates from the ancient Greek zap8évo¢ (parthénos, “virgin) and yéveoic (génesis, “origin,

3

creation, generation”) and is often referred to as “virgin birth”. Parthenogenesis is a
reproductive system in which a zygote develops spontaneously from a single gamete. As the
zygote possesses the genetic heritage of its sole progenitor, parthenogenesis is often described
as clonal. As we will see below, clonality is not systematic in asexuals. The spontaneous
development of an unfertilised oocyte in females is called thelytoky. Whereas, parthenogenetic

females producing a male progeny is known as arrhenotoky.

During the two-step division of meiosis in sexual species, the genetic complexity is
reduced and only one chromatid per pair of homologous chromosomes is present in the gametes.
In parthenogenetic species, the process of meiosis must be modified to produce unreduced
gametes. This way, the progeny inherits two chromatids per pair of homologous chromosomes
from its mother only. Descriptions of meiosis performed in asexuals have shown that a great
diversity of mechanisms can lead to the association of two chromatids. The referencing of these
mechanisms was first initiated at the end of the 20th century by Suomalainen, who described a
large number of asexual species among metazoans (Suomalainen, 1950; Suomalainen et al.,
1987). In two rich opuses, Suomalainen classifies for the first time asexual animals according
to their mechanisms of meiosis. In the end, 18 types of meiosis alterations have been proposed
(the count includes each type of meiosis with or without recombination, Figure 5). In each case,
the underlying cellular mechanisms can vary between species. For instance, an abortive meiosis
I can result from incorrect segregation of homologs (Dumont et al., 2010; Hollis et al., 2020;
Siomos et al., 2001), from tripolar spindle poles (Yamashita et al., 1993), from incomplete
spindle rotation (McNally et al., 2016) or from a defect in polar body extrusion (Carmena et al.,
1998; K.-T. Yang et al., 2010).s

We can also try to further group these modifications according to the extent of changes
compared to the regular two-step division program in canonical meiosis: i) regular two-step

meiosis with a post-meiotic fusion of two meiotic products (Figure 5 - B and C), ii) regular two-
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step meiosis with a pre or post-meiotic chromosomes endoreplication (Figure 5 - E and F) and

1ii) meiosis with one abortive division (Figure 5 - D, G, H, 1 and J).
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Figure 5: List of 18 possible alterations of meiosis and their theoretical consequences on the
genome. A single pair of chromosomes is shown for simplicity. The count includes each type of meiosis
with or without recombination. The first line refers to canonical meiosis. The two columns on the right
show the genomic expectations in the long term with and without recombination. In the case of pre-
meitotic endoreplication (E), the assortment of two sister chromatids with recombination would also
result in LOH. The sister chromatids are in dark and light blue, corresponding to homologous
chromosomes. Recombination is represented by an exchange of colors chromatids. LOH means Loss of

Heterozygosity (LOH)

These studies on asexual species have revealed that asexuality has emerged multiple
times in the course of evolution, and many different modifications of meiosis have been
observed. We have seen that besides the modification of meiosis for the maintenance of ploidy
across generations, the production of a zygote in an asexual species must be associated with a
mechanism to release the meiotic cell cycle arrest independently of the sperm, with the
determination of the poles and axes of the zygote without the sperm, and with de novo assembly
of centrioles or maintenance of the maternal centrioles during female meiosis (Galis & van
Alphen, 2020).

Very few studies have studied how parthenogenetic animals circumvent the necessity
of sperm cells. For instance, in the parthenogenetic hymenopteran Muscidifurax uniraptor,
centrosomes are formed de novo after egg activation (Riparbelli et al., 1998). Other species as
the stick insects of the Bacillus genus, generate centrioles de novo in both sexual and
parthenogenetic species (Marescalchi et al., 2002). This suggests that the ability to generate
centrioles de novo in sexual species has favoured the emergence of new parthenogenetic species
in this genus. Concerning embryo polarisation, parthenogenetic species also successfully
bypass the absence of sperm cells. In the nematode sexual species C.elegans, the entry of the
sperm defines the posterior pole of the embryo (Goldstein & Hird, 1996). In some closely
related parthenogenetic nematodes such as Diploscapter coronatus the selection of the posterior
pole is random, suggesting an auto-organisation of the egg axis (Eweis et al., 2022; Lahl et al.,
2006). In contrast, in Diploscapter pachys, the posterior pole correlates with the position of the
meiotic spindle, suggesting the meiotic spindle serves as a polarity cue instead of the sperm
(Eweis et al., 2022).

To conclude on this part, as explained in detail in Chapter 1, when homologous
chromosomes have lost their ability to form pairs, the only possible meiotic division consists in

the segregation of sister chromatids, as it would happen during mitosis (sister chromatid
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segregation without recombination). Although this type of meiosis has been often referred to as
“ameiotic” or “mitotic-like” in the literature, we do not want to use this term. We believe it has
led to many misinterpretations and misunderstandings because it suggests that the meiotic
program has been lost. Despite being highly modified (with loss of pairing and recombination
and one abortive division), the meiotic program is still present; and still generates a gamete. We
prefer the term “non-recombining abortive meiosis I”” or “non-recombining assortment of non-

sister chromatids”.

The evolutionary paradox of sexuality

Advantages and disadvantages of sexual and asexual species

In this paragraph, | expose the different theoretical advantages and disadvantages of
being sexual or asexual and the impact of these differences on the genome and the life history
traits. We have seen that a key component of sexuality is mixis. Indeed, during meiosis, genetic
shuffling through recombination modifies the allelic arrangement within the chromosomes and
at fertilisation, genetic mixing combines the alleles from different individuals. Mixis generates
new genetic combinations that potentially favour the adaptability of a sexual species (Bell,
1982; Ghiselin, 1974; Roughgarden, 1991; J. M. Smith, 1980; Van Valen, 1973). Nonetheless,

genetic shuffling can also break beneficial allelic arrangements, which is a drawback.

Asexuality is often associated in the literature with a loss of recombination. In the
absence of recombination (genetic shuffling), combinations of beneficial alleles will be
preserved, which confers an advantage for asexual species. On the other hand, the absence of
recombination results in the irreversible accumulation of slightly deleterious mutations known
as Muller's ratchet (Muller, 1932, 1964). This accumulation of mutations is potentially
detrimental to the species, especially if the type of meiosis does not expose the mutations at the
homozygous state: the deleterious mutations cannot be counter-selected and purged. As we will
see below, many asexual species still undergo homologous recombination, and therefore, the
advantages and disadvantages of recombination cannot be systematically invoked when

comparing these two modes of reproduction.
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On the other hand, there are theoretically clear costs imposed by sexuality. Sexuality is
first associated with a “two-fold cost of sex” (Maynard Smith, 1971, 1978; Williams, 1971,
1975). If a sexual female produces 50% of sons, she invests 50% of her resources into them.
Thus, producing sons reduces the per capita birth rate of sexual females. In contrast, asexual
females invest 100% of their resources only into their daughters. Therefore, in the short term,
the per capita birth rate of asexual species should be twice as high as that of sexual species. For
this reason, in the short term, asexuality is considered largely advantageous in comparison to
sexuality. On the same line, a sexual individual gives only half of its genome to its progeny
whereas a zygote generated asexually inherits the entire genome of its single progenitor. The

genetic investment is therefore better in asexual than in sexual species.

Furthermore, there are costs associated with the production of males, the search for a
mating partner, by the sexual competitiveness in mating, but also by an unequal investment
over provisioning the progeny. Mating itself is dangerous because it exposes the individuals to
predators, or to infectious diseases. Despite all these disadvantages, sexuality is the most
abundant reproductive system across phylogenies (Ashman et al., 2014). The parthenogenetic
species are scarce in comparison to the sexual species. For instance, there are less than 0.1%
obligate parthenogenetic vertebrates (Freitas et al., 2019) and 0.1% asexual Hexapoda
(Normark, 2014; Rabeling & Kronauer, 2013). But given the costs of sexuality, it is not obvious
that genetic mixis is sufficient to overcome all these costs. Other non-exclusive mechanisms
compensating for the costs of sexuality have been proposed (Red Queen hypothesis (Van Valen,
1973) Tangle bank hypothesis (Bell, 1982; Ghiselin, 1974) or Fluctuating Selection
(Roughgarden, 1991; J. M. Smith, 1980). Nevertheless, the prevalence of sexuality remains a

paradox in today’s evolutionary biology.

Cellular constraints for the emergence of new asexual species

We have seen that the emergence of asexuality requires the implementation of various
cellular changes, concerning meiosis, egg activation, possibly egg polarisation and centriole
inheritance. For this reason, it is possible that the scarcity of asexuality in the Tree of Life is
not only due to the genomic consequences of reproduction without mixis but also to the
sophistication of the mechanisms to be established for the successful transition (Engelstédter,
2008). In other words, asexuals are maybe rare because they arise rarely. Indeed, from a

mechanical perspective, many cellular innovations are required to transition to asexuality,
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which may not occur very often in nature (Lenormand et al., 2016). In some sexual species,
including many insects, unfertilized eggs can develop: the sperm is not required to activate the
eggs, centrosomes can be formed de novo in the egg cytoplasm and the haploid cell becomes a
viable adult. In large hyper-diverse orders, such as Hymenoptera, males are produced through
such unfertilized egg development (haplo-diploid sex determination system). Not surprisingly,
many asexual species are found in Hymenoptera, most likely because relaxation on these
cellular constraints facilitates the emergence of asexuality in this specific taxon (Neiman et al.,
2014). On the other side of the spectrum, pseudogamous species, also called sperm-dependent
parthenogens (see below), are all-female species that use the sperm of males from other species
to get their eggs activated but do not use the sperm DNA (Lehtonen et al., 2013). In this case,
there is still a dependency on the sperm for egg activation, and maybe for centrosomes, but not
for ploidy restoration. Why maodifications of the meiotic divisions were facilitated while
autoactivation of eggs was not possible? Which mutations are required for these processes to
be modified and how many of them? Are these changes progressive like suggested by the case
of pseudogamous species, or do they arise synchronously? Generally, while different
mechanisms of unreduced gamete formation have been described (see above), the molecular
basis of these changes are largely unknown. The mechanisms that could enable egg
autoactivation or de novo centrosome formation are almost entirely mysterious. The reason is
most likely because asexual species are often not amenable to lab culture and experimental

approaches, thus data are missing.

Interestingly, in some orders such as mammals, no parthenogenesis is referenced,
whether obligatory, cyclic or facultative. The few cases reported (hamsters, rats, mice,
monkeys, and humans) concern parthenogenesis induced by environmental factors, chemicals,
and viruses (Kharche & Jha, 2016). The absence of non-natural parthenogenesis in mammals
could be explained by the existence of genomic imprinting. In contrast to other metazoans, the
zygote experiences genomic imprinting during embryogenesis. In eutherian mammals and
marsupials, a small proportion of genes are specifically silenced during gametogenesis in one
sex (Barlow & Bartolomei, 2014). A diploid zygote has a pool of haploid chromosomes
inherited from the mother and a second haploid pool inherited from the father. Some genes are
therefore present in two copies in the zygote but only one copy is expressed while the other
copy is genomically imprinted. Among those genes, some are specifically maternally silenced
and other paternally silenced. Of the 25,000 genes in the mouse genome, over 100 are

genomically imprinted (Li & Sasaki, 2011). Genomic imprinting is required for these genes to
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be properly expressed for normal development, fetal growth, nutrient metabolism and adult
behaviour. The sophistication of the genomic imprinting process, and the mechanical
constraints it generates, could explain why parthenogenesis does not emerge spontaneously in
mammals: because a gene inherited only from the mother, for instance, could be totally
silenced. Again, the absence of parthenogenesis in this class of metazoans may be explained by

the difficulties in bypassing the strong constraints applied to sexual reproduction.

Whether the emergence of asexuality is prevented in some taxa because of cellular
constraints, and/or whether the consequences of asexuality are too negative on the long term

for these species to be maintained remains an open question.

The paradox of heterozygosity maintenance in asexual species

Heterozygosity reflects the diversity of the genome. A gene is considered heterozygous
when, in a diploid organism, it is represented by two different alleles on the two homologous
chromosomes. Conversely, homozygous means that only one allele is present on the two
homologous chromosomes. The majority of sexual species has heterozygous genomes. It is also
well established that a loss of heterozygosity (LOH) in sexual species, for example via genetic
inbreeding, can be detrimental to the population, as it reveals deleterious recessive alleles at the
homozygous state. As expected, the majority of asexual species analysed so far display
heterozygous genomes (Birky Jr, 1996; Jaron et al., 2021). Nevertheless, some exceptions are
to be mentioned such as the parthenogenetic stick insects of the genus Timema. Interestingly,
there is no fitness decline in those Timema species (Bast et al., 2018) and they even show signs
of positive selection (Jaron et al., 2021). Importantly, that in the absence of recombination can
sustain heterozygosity and is even theoretically expected to amplify it (Dedukh, Altmanova, et
al., 2022; Fradin et al., 2017; Marais, 2012; Triantaphyllou, 1963, 1981). This phenomenon is
called the “Meselson effect”, and claims that the homologous chromosomes that are not
subjected to recombination accumulate independent mutations that increase their divergence
over time (Birky Jr, 1996; Mark Welch & Meselson, 2000).

As discussed in detail in Chapter 1, there are theoretically different genetic expectations
for all the meiosis modifications described above (Lampert et al., 2007). If we classify these

modifications according to the genetic content of the resulting gametes, we see that there are
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only four classes: association of sister chromatids (Figure 5 - B, F, H and J) or of non-sister
chromatids (Figure 5-C, D, E, G and 1), and with or without the maintenance of recombination.
Importantly, most of these modifications should theoretically lead to a total or partial loss of
heterozygosity in the genome, called LOH. Indeed, homogenisation of the genome should
happen in one generation in the case of post- or pre-meiotic chromosome duplication (Figure 5
- E and F). In the case of fusion of the two first products of meiosis (Figure 5 - B and C), or
abortion of meiosis | (Figure 5 - D, G and 1), non-sister chromatids will be assorted. If
recombination occurs and if chromatids are randomly assorted in the oocyte, some chromatids
will share the same regions, distally to the crossing-over, and therefore heterozygosity will be
lost in those regions. In the next generation, other portions with LOH will be generated. In the
long term, the genome will have large homozygous regions. Similarly, in the case of fusion of
the last products of meiosis (Figure 5 — B) or after abortion of meiosis Il (Figure 5- H and J),
sister chromatids will be assorted and LOH is expected proximally to the crossing-over in the
long term. Of note, when sister chromatids are associated in unreduced gametes, the rate of
LOH should be higher than when non-sister chromatids are assorted. The rate of LOH also
differs according to the localisation of the recombination. For intanse, in sister chromatids
assortment (Figure 5-H and J) with proximal centromere recombination, LOH occurs in one
generation. Wherease subtelemoric recombination results in a slower LOH rate. Furthermore,
the rate of LOH increases with the rate of recombination (Lynch, 1984). Only the absence of
recombination joined with an abortive step or a fusion, or the absence of chromosome pairing,
which necessarily prevents recombination, can theoretically maintain a heterozygous genome
(Figure5-C, D, E,Gand I).

Consequently, in theory, the transition to parthenogenesis should result in a genome-
wide LOH, with the rate of LOH depending on the mechanism of parthenogenesis. But, as
discussed in Chapter 1, during the evolution of asexuals, it is therefore expected that
mechanisms that prevent or slow down LOH should have been selected in the majority of cases.
This is theoretically possible by preventing homologous pairing (and consequently
recombination) (Dedukh, Altmanova, et al., 2022), by suppressing recombination, reducing the
rate of recombination which only delays LOH (Rey et al., 2011), or by limiting recombination
to the tips of the chromosomes (Oldroyd et al., 2021) causing only local stretches of LOH.
Importantly, few studies have systematically confronted the cytological evidence for changes
in the recombination landscape, and the genomic data. Therefore, other mechanisms may also

exist. As discussed in Chapter 1 and below, many asexual species have been categorised as non-
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recombining asexuals only because their genomes were highly heterozygous. Recent studies

have revealed homologous recombination for some of these iconic species (Simion et al., 2021).

To conclude here, more work combining cytology and genomics is required to
understand which cellular and molecular changes allow the transition towards asexuality while
preserving healthy genomes. Ultimately, this should help to understand the adaptive value of

Sex.

Coexistence of sexual and asexual reproductive systems

Studying the mechanisms of transition from a sexual to an asexual mode of reproduction
is a complicated task. In particular, the mechanisms that were initially responsible for cellular
changes have continued to evolve in today’s asexual species. As we will see, some asexual
species are extremely ancient, which makes the analysis even more complicated. Obligate
parthenogenesis is probably the system that has required the most modification. In addition to
the modification of meiosis, the system has evolved to cope with the absence of spermatozoa.
As | describe in this paragraph, pseudogamy or gynogenesis is an interesting case because
asexual reproduction still depends on fertilization by a sperm cell. In this sperm-dependent type
of parthenogenesis, only modifications of female meiosis are required to transition from
sexuality to asexuality. | have studied more particularly a case of auto-pseudogamy in the
species Mesorhabditis belari, where females produce females by sperm-dependent
parthenogenesis and males by sexual reproduction. Here, a given female is able to switch
meiosis to produce unreduced gametes (for the production of females) and regular haploid
oocytes (for the production of males). For this reason, M. belari constitutes an ideal model to
study which cellular and molecular modifications of meiosis can happen during the transition

towards asexuality.

Before describing the M. belari system, | present in this section examples of animals
belonging to the different categories of parthenogenesis, namely obligatory parthenogenesis,
cyclic parthenogenesis, facultative parthenogenesis and finally the main focus of my work,
pseudogamy. The lists of metazoan species presented in these sections are of course not
exhaustive. For each category, | illustrate that there is a diversity of possible modifications of
meiosis, each with its own genetic implication. More details and other examples are also

presented in Chapter 1.
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Some species reproduce by obligate parthenogenesis where only one individual is
required to form a zygote. This reproductive system is strictly asexual. Nonetheless, other forms
of parthenogenesis exist and combine both sexual and asexual modes of reproduction:
facultative parthenogenesis, cyclic parthenogenesis and pseudogamy also called gynogenesis
or sperm-dependent parthenogenesis. In these species, although both females and males are

present, some individuals are produced asexually.

In most studies, parthenogenesis is demonstrated by isolating a virgin female
(thelytoky), and assessing whether the female produces viable and fertile offspring on its own.
This sort of approach missed the other forms of parthenogenesis such as gynogenesis. Some
species have been categorised as asexual by studying the segregation of microsatellite markers,
or heterozygous specific loci, over generations. If the same genotype was observed from parents
to offspring over generations, the species was considered clonal, i.e. asexual (de Meeds et al.,
2007; Skold et al., 2009; Suomalainen, 1950). In general, cytological evidence of asexuality
remains rare. Moreover, most cytological studies were conducted before 1990 by researchers
such as Esko Suomalainen (Suomalainen, 1950; Suomalainen et al., 1987) or, in nematodes,
Anastasios C. Triantaphyllou (Triantaphyllou, 1966, 1969, 1987) using their contemporary
techniques. There is for instance only one description of the meiosis of oribatid mites from 1958
(Taberly, 1958). Before the work of the Van Doninck group in 2021, the last cytological
description of meiosis in bdelloid rotifers, the iconic ancient asexuals, dated back to 1956 (W.
S. Hsu, 1956a, 1956b). Given the evolution of cytological techniques, there will be an interest

in re-examining the parthenogenic species to better apprehend how this system might emerge.

Obligate parthenogenesis

Obligate parthenogenesis describes strict asexuality where eggs always develop in the
total absence of sperm and fertilization. Among metazoan, obligate parthenogenetic species
have been estimated at 1 in 1000 species (Beukeboom & Vrijenhoek, 1998). This estimation is
based on vertebrates. Nonetheless, obligate parthenogenesis has been described so far in
Rotifera, Crustacea, Arachnida, Hexapoda, Nematoda, and Reptilia. True obligate
parthenogenesis is extremely rare and represents, for instance, less than 0.1% of vertebrates
(Avise, 2008). Bdelloid rotifers, darwinulid ostracods and oribatid mites have long been
considered as "evolutionary scandals"”, despite the total absence of sex and genetic mixing, these
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species have persisted over millions of years (Maynard Smith, 1978). In the following sec tions,
| briefly describe the obligatory parthenogenetic system in these species as well as in Hexapoda,
Nematoda or Reptilia.

The bdelloid rotifers are iconic obligate parthenogenetic species. This bilaterian
constitutes the freshwater zooplankton. Bdelloid rotifers have long been a paradox known as
"evolutionary scandals™ (Maynard Smith, 1986). Indeed, analyses of their fossils revealed that
bdelloid species survived for over 50 million years without sex (Poinar & Ricci, 1992; Tang et
al., 2014). Moreover, 460 morphologically distinct species have been described, suggesting that
diversification is largely possible without sexuality (Segers, 2007). In these rotifers, females
are exclusively produced via parthenogenesis. The species Adineta vaga has long been
incorrectly described as apomictic, i.e. ameiotic with mitotic-like divisions (see Chapter 1).
More recent cytological studies have revealed that A. vaga is actually a recombining asexual,
undergoing an abortive meiosis |, resulting in the formation of an unreduced diploid gamete

containing non-sister chromatids (Simion et al., 2021; Terwagne et al., 2022).

Ostracods also belong to the "ancient asexuals"”. They are small bivalved crustaceans.
Whereas Cypridoidea and Cytheroidea exhibit cyclic parthenogenesis (see Cyclic

parthenogenesis), Darwinuloidea only reproduce parthenogenetically. Within this superfamily,

females give rise to females (thelytoky). Darwinula stevensoni is the most investigated
darwinulid ostracods. This species is totally asexual, and fossils have revealed their
maintenance for over 200 million years (Martens et al., 2003, 2008). Darwinulids have lower
fecundity levels and longer life cycles than other ostracods, especially in higher latitudes
(Geiger, 1998; Van Doninck et al., 2003). Cytogenetic analyses were conducted between the
1960s and 1970s, mainly by Tétart (Tétart, 1977), but they did not identify the mechanism of

meiosis in D. stevensoni.

Oribatid mites are the last emblematic 'ancient asexuals'. Indeed, studies suggest that
this group of arachnids diverged about 400 to 440 million years ago (Lindquist, 1984).
Cytogenetic studies conducted in the 50’s revealed that one step of meiosis is aborted (Figure
6) (Taberly, 1958, 1958, 1960). Because the genome of this species is largely heterozygote
(Bergmann et al., 2018; Laumann et al., 2008), Archetti proposed a complicated modification
of meiosis to reconcile the cytology and the genomics (Archetti, 2022). It involves i) an inverted
meiosis combined with abortion of meiosis 11, ii) together with a biaised segregation of the
recombinant chromatids during the first division (called Z-segregation) (Archetti, 2022).

35



However, further cytological investigations are required to prove the existence of inverted
meiosis in this species. Besides, some studies suggested that recombination is absent in these
species, in which case the maintenance of heterozygosity would not be mysterious, as shown
above (Bergmann et al., 2018; Brandt et al., 2021; Palmer & Norton, 1992; Schaefer et al.,
2006).s Oribatid mites constitute a typical example where cytological data should have been

revisited since 1956 (Figure 6).
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Figure 6: Sketches of abortive first stage of meiosis in Platynothrus peltifer, an oribatid mite. 1-3)
Side and top view of the 9 chromosomes in metaphase 1. At this stage, the chromosomes are organised
in rosette and no polar bodies are present. 4) The two sets (rosettes) of 9 chromosomes of anaphase 1.
Taberly underlines a distance between the rosettes which are separating from each other. 5-6) At
metaphase 11, 18 chromosomes are visible on the metaphase plate and no polar bodies are found. Bouin-

Duboscg-Brasil fixation and Feulgen staining. (Taberly, 1958)
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In nematodes, obligate parthenogenesis has been described in many free-living species
as well as in plant parasites (reviewed in Fradin et al., 2017; Hiraki et al., 2017; Hung & Jenkins,
1969; Merlin et al., 2003; Nigon & Félix, 2018; Triantaphyllou, 1970). Several types of
modification of meiosis have been described in this phylum. In the free-living species D.
pachys, cytogenetic evidence revealed that chromosomes do not pair. Hence, the only division
observed consists of the separation of sister chromatids in meiosis Il (Fradin et al., 2017). In
this species, recombination is abrogated. The same meiotic process is found in the closely
related species, D. coronatus (Hiraki et al., 2017). In the plant parasites Meloidogyne spp, the
parthenogenesis systems differ rapidly between species. In M. hapla, M. fallax and M.
chitwoodi, the chromosomes pair in meiosis | but meiosis Il is abortive (Liu et al., 2007,
Triantaphyllou, 1966; Van Der Beek et al., 1998). Hence sister chromatids are found in the
unreduced gametes. While, in M. incognita and M.arenaria, there is no pairing as in D. pachys
(Marais, 2012; Triantaphyllou, 1963, 1981). In 1963, Triantaphyllou argued that
parthenogenetic nematodes such as Heterodera betulae could be produced by post-meiotic
endoreplication after a regular meiosis, but the cytology is unclear (Triantaphyllou, 1963).

In Hexapoda, obligate parthenogenesis is also rare and represents 0.1% of the species
(Normark, 2014). In Holometabola, it is mentioned in six orders: Lepidoptera, Coleoptera,
Trichoptera, Hymenoptera, Strepsiptera, and Diptera (Gokhman & Kuznetsova, 2018).
Whereas in non-holometabolous, parthenogens have been reported in four orders:
Phasmatodea, Psocodea, Thysanoptera and Hemiptera (Vershinina & Kuznetsova, 2016).
Obligate parthenogenesis is mainly identified in hymenopterans. Hymenoptera species are
known to be haplodiploid. Females are diploid (XX) while males are haploid (X0). The males
are only derived from arrhenotokous parthenogenesis of unfertilized eggs, whereas the females
are derived from the sexual pathway. In this case, meiosis is not modified and remains
canonical: a haploid gamete is produced from previous diploid oocytes and a haploid male
arises from this egg. In haplodiploid animals, arrhenotokous parthenogenesis does not influence
the species' genome. Maybe because of the ability to form unfertilized egg, parthenogenesis is
frequent in Hymenoptera. In most cases, parthenogenesis is induced by the parasite Wolbachia
(Braig et al., 2002; Stouthamre, 1997; Van Wilgenburg et al., 2006). However, some species
like Venturia canescens present both thelytokous and arrhenotokous parthenogenesis with any
presence of Wolbachia (Mateo Leach unpublished data, Beukeboom & Pijnacker, 2000;
Schneider et al., 2002). V. canescens is a solitary endoparasitoid wasp of lepidopteran larvae

(Berling, 1932; Salt, 1976). In this species meiosis | is abortive, leading to the assortment of
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non-sister chromatids in the unreduced gametes (Figure 7) (Beukeboom & Pijnacker, 2000; B.
Speicher et al., 1965; B. R. Speicher, 1937).
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Figure 7: Drawings of oogenesis in thelytokous wasp. 12-14) First oocyte nucleus after synizesis. 15)
First oocyte nucleus after synizesis. 17) Section of first oocyte nucleus in diffuse stage, showing large
plasmosome and smaller granules. Staining with Strong Flemming. 18) Section of first oocyte nucleus
following the diffuse stage, with chromosomes appearing within an amphinucleolus. 19) Late first
diakenesis. Staining with Hot Kahle. 20) First metaphasic nucleus. A spindle is formed within a
complete nuclear. Staining with Warm Bouin. 21) First metaphase nucleus, polar view, with eleven
chromosomes. Staining with Warm Bouin 22-23) Nucleus from uterine egg in what is probably early
anaphase. No spindle fiber visible. Staining with Bouin 24) Nucleus from newly laid egg, haying the
same appearance as figures 22 and 23. Staining with Feulgen technique and Carnoy All drawings are
magnified about x 3000. (B. R. Speicher, 1937)
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In Reptilia, obligate parthenogenesis has been reported in various species such as a
snake, an iguana and in lizards and geckos (Abdala et al., 2016; M. Adams et al., 2003; Barley
etal., 2021; Dedukh, Altmanov4, et al., 2022; Grismer et al., 2014; Lutes et al., 2010; Pellegrino
et al., 2003; Reeder et al., 2002; Sinclair et al., 2010; Wynn et al., 1987). The vast majority of
analyses of parthenogenesis in reptiles are based on genetic and genomic findings. To my
knowledge, few studies, such as those on the whiptail lizards of the genus Aspidoscelis or of
geckos, have relied on cytology to identify the underlying mechanism of parthenogenesis
(Dedukh, Altmanova, et al., 2022; Lutes et al., 2010). In lizards and geckos, parthenogenesis
relies on premeiotic endoreplication. This means that before meiosis, the chromosomes undergo
a second cycle of replication. In these species, the meiotic process is not altered: recombination
is still present and chromosome segregation is Mendelian. Nonetheless, pre-meiotic
endoreplication enables the maintenance of ploidy in the zygote by doubling the number of
chromatids that enter meiosis. Most obligate parthenogens described in reptiles have a hybrid
origin (“Hybrid Origin Hypothesis™) with the exception of xantusiids (Sinclair et al., 2010)
where the authors hypothesised that parthenogenesis emerged via the accumulation of
spontaneous mutations (“Mutational Origin Hypothesis”, (Bullini, 1994; Suomalainen et al.,
1987).

Cyclic parthenogenesis

Cyclic parthenogenesis, or cycling parthenogenesis, refers to a reproductive system in
which females produce offspring sexually and periodically switch to asexual production in a
reversible manner. Cyclic parthenogenesis has been described in eight lineages of metazoans
and represents at least 15,000 species distributed among one order of nematodes, one of rotifers,
one of the trematodes and one of the crustaceans and in four orders of Hexapoda, Hemiptera,
Hymenoptera, Diptera, and Coleoptera (Hebert, 1978; Riparbelli et al., 2017). The shift between
the two reproductive modes is usually induced by environmental stimuli (Hebert et al., 1988;
Simon et al., 2003). Theoretically, both modes of reproduction provide benefits. Asexual
animals have a higher reproductive output than sexual animals. Asexuality, therefore, avoids
the double costs associated with sexual reproduction and is known to be beneficial in the short
term. Whereas occasional sexuality is associated with long-term benefits such as genetic mixing
and thus the ability to purge deleterious mutations (Hebert et al., 1988; Simon et al., 2003).
Furthermore, these species do not suffer from the deleterious effects of parthenogenesis. Indeed,

they are temporarily parthenogenetic and the transient accumulation of LOH may be
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compensated by sexual events, leaving the species with a reasonable level of heterozygosity
(Omilian et al., 2006). Some obligate parthenogenetic species are considered to have arisen
from cyclic parthenogens via frequency-specific allelic modulations (Dedryver et al., 2013;
Stelzer et al., 2010) or via “contagious” parthenogenesis in Daphnia pulex and pea Aphids
(Jaquiéry et al., 2014; Tucker et al., 2013; Xu et al., 2015).

The most popular example is the crustacean of fresh water, D. pulex. In water fleas,
seasonal changes, food deprivation or crowding can induce a switch to parthenogenesis (Hebert,
1978; Hiruta & Tochinai, 2012). The D. pulex female can produce both asexual (thelytoky) and
sexual female offspring, while males are exclusively produced parthenogenetically
(arrhenotoky). During the parthenogenetic stage, meiosis | is aborted and homologs are not
separated. The unreduced gamete, therefore, is diploid and contains an assortment of non-sister
chromatids. Although no clear chiasmata have been observed, the homologs pair at the first
stage of asexual meiosis, which provides an opportunity for the chromosomes to recombine
(Hiruta et al., 2010; Omilian et al., 2006). Genomic analyses have revealed stretches of LOH
confirming the existence of recombination events (Lynch et al., 2022; Omilian et al., 2006).
While in cyclic parthenogenetic Daphnia LOH can be counterbalanced by the sexual stage,

what about asexual the lineage?

Concerning Aphids (Hemiptera), a majority of species described so far are subject to
cyclic parthenogenesis. Yet, some cyclic species can evolve as obligate parthenogens such as
Sitobion avena (Dedryver et al., 2013). Aphids are haplodiploids. In summer, when the
photoperiod is longer and the environmental conditions are clement, the females reproduce
asexually. Conversely, in winter, the females switch to a sexual mode of reproduction. In the
most studied family, the Aphididae, the mode of reproduction is controlled by an asexuality-
promoting signal generated by the mother's brain. This signal is influenced by photoperiod and
is transmitted to the embryos during embryogenesis (Davis, 2012; Galis & van Alphen, 2020).
Also, in Aphididae, using exclusively genomics data, meiosis is qualified as inverted: sister
chromatids segregated first and homologs in the second round of meiotic cell division. During
the asexual stage of the species, only the separation of homologs occurs (i.e. meiosis I). The
zygote therefore inherits two non-sister chromatids and, in the absence of recombination, is a
clone of its mother (BLACKMAN, 1987; Hales et al., 2002; Srinivasan et al., 2010).

Strongyloides (Rhabditida) are both free-living and parasitic nematodes of the intestines
of vertebrates. Interestingly, during the parasitic phase in the host, the authors suggested that
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females are produced asexually via auto-pseudogamy, (see Gynogenesis) (Streit, 2008;
Triantaphyllou & Moncol, 1977). In Strongyloides ransomi, S. ratti and S. papillosus, no
homologous pairing occurs (Streit, 2008). Females can also give rise to a free-living generation.

In this case, females reproduce sexually and meiosis in canonical.

Facultative parthenogenesis

Facultative parthenogenesis is defined as accidental parthenogenesis that arises in a
sexual species. In contrast to obligatory parthenogenesis, facultative parthenogenesis does not
generally originate from a hybridisation event but occurs spontaneously in an unfertilised egg.
Events of parthenogenesis occur at low frequency in those species. Facultative parthenogenesis
is usually associated with a low proportion of hatching eggs and an even lower proportion that
develop until adulthood (Booth et al., 2012). In metazoan, facultative parthenogenesis has been
observed in both invertebrates and vertebrates. In invertebrates, facultative parthenogenesis is
described in Hymenoptera. In vertebrates, it is mainly found in fish, reptiles and very rarely in

birds. As mentioned in Cellular constraints, no emergence of parthenogenesis species is

reported in mammals. Given the number of existing facultative parthenogenesis systems, in the
following paragraphs, | only describe the most detailed ones in Hexapoda, Nematoda, Reptilia,

Aves and Fishes.

Facultative parthenogenesis is found in various orders of Hexapoda: Odonata
Orthoptera, Blattodea, Phasmatodea, Mantodea, Psocoptera, Lepidoptera, and Diptera
(Normark & Kirkendall, 2009). As for obligate parthenogenesis, facultative parthenogenesis

has been mainly investigated in eusocial insects as in Hymenoptera and Isoptera.

Isopteran clade is composed of the orders of cockroaches and termites. In both orders,
species have demonstrated the capacity to undergo facultative parthenogenesis (Khan et al.,
2022; Tanaka & Daimon, 2019). In this clade parthenogenetic differs depending on the species.
Some mechanisms promote the association of non-sister chromatids while others present an
association of sister chromatids as is the case in cockroaches (Fournier et al., 2016; Komatsu et
al., 2015; Tanaka & Daimon, 2019).

41



In Hymenoptera, the system has been described in bees Apis mellifera capensis (Cole-
Clark et al., 2017), the little fire ant Mycocepurus smithii (Rabeling et al., 2009) or in clonal
raider ants Ooceraea biroi (Oxley et al., 2014).These species are haplodiploid. In A. capensis,
under stress conditions, when a colony has lost a queen without a future queen being raised, the
workers can produce a new queen and workers via thelytoky (Cole-Clark et al., 2017). In these
species, both genetic and cytological analyses demonstrate that the ploidy is maintained by the
fusion of the first products of meiosis, leading to an assortment of non-sister chromatids (Figure

8). The same mechanism occurs in the raider ants O. biroi.

Figure 8: Meiotic events observed in worker-laid eggs of Apis mellifera capensis 0—4.5h post
oviposition. a Anaphase 1 (0-30 min); two groups of chromosomes during their separation. b Telophase
I (30-60 min); complete separation of chromosomes with clustering at the polar ends of the now-

separated pronuclei. ¢ Prophase Il (1-2 h); chromosomes are condensed. d Transitional stage between
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prophase Il and metaphase Il (2-3 h); chromosomes are condensed and lined up along the equator of
each pronucleus. e Telophase Il (4—4 % h); complete separation of the chromosomes resulting in the
formation of four haploid pronuclei. ¢ chromosomes, cr chromatin thread. All images are two-

dimensional projections of three-dimensional confocal z-stacks. (Cole-Clark et al., 2017).

Reptilia belongs to one of the classes of metazoans with the highest incidence of
parthenogenesis. Facultative parthenogenic species are found in lizards, Komodo dragons and
snakes (Figure 9) (reviewed in Booth et al., 2012; Cubides-Cubillos et al., 2020; Stock et al.,
2021). In this class, facultative parthenogenesis is also associated with low survivorship within
litters, but few individuals develop into fertile adults. Here again, evidence of the underlying

parthenogenic mechanisms has so far been supported by genetic and genomic data only.

Reptiles possess a ZW sex-determination system where females are heterozygous (ZW)
and males are homozygous (ZZ). Theoretically, a parthenogenic female can produce three types
of zygotes: (ZW) females, (ZZ) males or (WW) females. For a long time, researchers
considered the (WW) association in female progeny to be lethal. But studies performed on the
Boa Constrictor, Boa constrictor imperators, and the Brazilian Rainbow Boa, Epicrates
cenchria cenchria, suggested that (WW) females can be viable (Booth et al., 2011; Kinney et
al., 2013). However, the great majority of these parthenogenetic species undergo arrhenotokous
parthenogenesis and produce (ZZ) males, suggesting an assortment of sister-chromatids (Card
et al., 2021; Jordan et al., 2015; Kinney et al., 2013; Miller et al., 2019). However, cytological
analyses are required to validate this point. In whiptail lizards of the genus Aspidoscelis, using
cytology authors demonstrated that the association of sister chromatids in the mature associate

is ensured by premeiotic endoreplication of chromosomes (Lutes et al., 2010).

As expected in this sister-chromatids assortment scenario, genomic analyses
demonstrated that the offspring of asexual individuals were widely homozygous, with the
exception of the Burmese python, Python molurus bivittatus (Groot et al., 2003; Jordan et al.,
2015). In P. molurus bivittatus, all offspring produced are females (ZW). The analysis of
microsatellites and 700 Amplified Fragment Length Polymorphism (AFLP), revealed that the
genome of the zygote was identical to the mother’s genome. Thus, the unreduced gamete must
contain an association of non-sister chromatids. In the absence of cytological data, the authors

could not determine the underlying mechanisms and assess whether parthenogenesis is due to
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premeiotic chromosome doubling, aborted meiosis | or a final fusion of two meiotic products

that contain the non-sister chromatid.
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Figure 9: Incidence of true/constitutive parthenogenesis in Squamata. The tree is drawn at the
family level, but all analyses were performed at the species level (n = 5388). Coloured edges/tip labels
(solid purple) represent families that include parthenogenetic species. The bar plot represents the number
of parthenogenetic species per family included (solid purple) and the number of described
parthenogenetic species per family (transparent purple). Vertical grey lines and silhouettes indicate the

seven major clades. (Moreira et al., 2021)
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In birds, facultative parthenogenesis is extremely rare and evidences have been found
almost only in animals in captivity or in intensive farming: in captive female finches
Taeniopygia guttata (Schut et al., 2008), in the domestic pigeon Columba livia (Bartelmez &
Riddle, 1924), the Chinese painted quail Coturnix chinensis (Parker & McDaniel, 2009), in the
domestic turkey Meleagris gallopavo (M. W. Olsen, 1965; M. W. Olsen et al., 1968; W. W.
Olsen & Marsden, 1954) and more recently in the California condors Gymnogyps californianus
(Ryder et al., 2021). As in Reptilia, birds have a ZW chromosome system where females are
heterozygous (ZW), the males are homozygous (ZZ) and (ZWW) is lethal (Bonaminio &
Fechheimer, 1993). Only arrhenotokous parthenogenesis has been documented in birds where
virgin females give birth to males (ZZ). Therefore, the meiosis that produces parthenogenetic
males must result in the association of sister chromatids. To this aim, either meiosis Il must be
aborted or the two meiotic products containing the two sister chromatids Z must fuse. This
hypothesis is supported by the work on Californian condors. Using 21 polymorphic loci, the
authors demonstrated that the two parthenogenetic individuals born in captivity were

completely homozygous whereas the mother had heterozygous loci (Ryder et al., 2021).

Interestingly, in parthenogenic birds, embryogenesis is rarely initiated or stops during
embryological development (Schut et al., 2008). Chicks resulting from parthenogenesis are
therefore rare and fertile adults are even scarcer. Nonetheless, studies on Beltsville Small White
turkeys demonstrated that eggs produced by parthenogenesis can develop. Moreover, the
incidence of arrhenotokous parthenogenesis in poultry turkeys has increased dramatically from
16.7% to 41.5% in five generations (M. W. Olsen, 1965). In the asexual Chinese painted quail,
the females produced smaller eggs but increased the size of the clutch (Parker & McDaniel,
2009; F. E. Robinson et al., 1990, 1991). Here, the authors assisted in a genetic selection for
parthenogenesis. Nevertheless, it should be noted that this experiment took place in a battery
and not in the wild. In a battery, the animals are protected from environmental variations and
the immigration of genes from other populations. In this environment, the detrimental effect of

certain mutations could be counterbalanced by the presence of shelters or antibiotics.

Facultative parthenogenesis in fish has been documented mainly in chondrichthyans and
almost exclusively in elasmobranchs (Chapman et al., 2007, 2008; Feldheim et al., 2010, 2017,
2022; Harmon et al., 2016; Portnoy et al., 2014; D. P. Robinson et al., 2011). The Elasmobranch
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subclass consists of 96% rays and sharks. To date, no facultative parthenogenesis has been
detected in teleost fish. However, only gynogenesis has been often documented in teleost fish
(see Gynogenesis). In chondrichthyan, the homogametic sex is female (XX) and males are
heterogametic (XY). In most cases of parthenogenesis in chondrichthyan, the offspring
produced are (XX) females. Genetic analysis indicated that the female offspring were largely
homozygous (Chapman et al., 2008; Feldheim et al., 2010, 2017; Harmon et al., 2016; Portnoy
et al., 2014; D. P. Robinson et al., 2011). As explained in the previous paragraphs, to obtain
(XX) females and be homozygous, the unreduced gametes must contain an assortment of sister
chromatids. This phenomenon can result from: abortive meiosis 11, the fusion of two meiotic
products containing sister chromatids or post-meiotic endoreplication but in most cases, the

mechanisms are unknown in these species.

Studies on elasmobranchs have been facilitated by the existence of numerous fossils
(Carrier et al., 2012). These fossils provide evidence that elasmobranchs have experienced
periods of glaciation that were accompanied by bottlenecks in populations. Moreover, the
presence of these bottlenecks may have favoured the emergence of facultative parthenogenesis
in isolated populations (Dudgeon et al., 2012; Portnoy & Heist, 2012). As parthenogenesis
conferred short-term evolutionary advantages, the populations recolonised their environment
(Dudgeon et al., 2012).

Gynogenesis/Pseudogamy

Gynogenesis is a form of sperm-dependent parthenogenesis, where oocytes must be
fertilised by a sperm cell to generate an embryo. In plants, this mechanism is referenced as
pseudogamy. In most species, the sperm is provided by the male of another species. That’s why
this system is also referenced as sperm-parasitism. As we will see below, auto-pseudogamy has
also been described in the nematode from the Mesorhabditis genus. Here, both males and
females are produced. However, the sperm of males is required for egg activation at fertilization
and to provide centrioles but the male genome is not passed on to the females. Therefore,
females produce few males that are only needed for the production of more asexual females
(Grosmaire et al., 2019; Launay et al., 2020).

In species undergoing gynogenesis, the presence of sperm cells circumvents the

mechanical constraints of parthenogenesis, as explained in What is asexuality from a cellular
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point of view?. Indeed, the sperm carries the centrosomes required for the zygote mitotic cell
divisions, can trigger embryo polarization and triggers the completion of meiosis. After
fertilisation, the sperm is degraded or set aside, and does not contribute any genetic material to
the zygote. Gynogenesis has been described in seven phyla: Chordata, Nematoda, Arthropoda,
Mollusca, Plathelmintes and Annelida (Beukeboom & Vrijenhoek, 1998; Galis & van Alphen,
2020). Interestingly in teleosts (Fish) and amphibians, gynogenesis is the only mode of
parthenogenetic reproduction reported so far (Lampert & Schartl, 2010).

Gynogenesis has been mainly studied in teleost fishes, nematodes of the Mesorhabditis
genus and salamanders of the genus Ambystoma. Despite the requirement for sperm, systematic
pseudogamy can be potentially assigned to strict parthenogenesis. However, because there is a
fertilization event in the production of every individual, careful analyses are required to

demonstrate that sexual events never occur in pseudogamous species.

In 1932, the Amazon molly, Poecilia formosa, was described as the first parthenogenic
vertebrate (Hubbs & Hubbs, 1932). Amazon molly is a unisex species with only females. To
generate an embryo, P. formosa must mate with males of closely related sexual species such as
Poecilia latipunctata or Poecilia mexicana (Joachim & Schlupp, 2012). Later, cytogenetic
analyses revealed that the pairing of chromosomes in the females of P. formosa is absent and
no bivalents are formed. Thus, only the separation of sister chromatids is achieved during
meiosis Il. Unreduced gametes contain an assortment of non-sister chromatids without the
possibility of recombination (Dedukh, da Cruz, et al., 2022). Those observations are consistent
with genetic analyses that revealed that the heterozygosity level of P. formosa is 10-fold higher
than that of close sexual species (Warren et al., 2018). Interestingly studies were conducted on
the hybrid offspring of the theoretical ancestor of P. formosa, P. mexicana limantouri and P.
latipinnal. During meiosis of the female hybrid, the two cycles of divisions occur canonically
but at the end of the meiosis process, two meiotic products fuse randomly, allowing the
production of an unreduced gamete (Lampert et al., 2007). The meiosis processes described in
the hybrids is different from the mechanism found in the actual P. formosa females but this
study nicely illustrates the flexibility of meiosis and the high susceptibility of these species to

become asexual.

As with P. formosa, the parthenogenetic species of other teleost fishes described so far
originate from hybridisation events. Nevertheless, the mechanisms differ according to the

species. In Misgurnus species, meiosis is preceded by an endoreplication process that doubles
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the number of chromosomes entering meiosis (Itono et al., 2006). Whereas in hybrids of Cobitis
elongatoides and C. taenia species, the homologs do not pair during meiosis I, in the same way
as in the Amazon molly (Dedukh et al., 2020).

In the amphibians described so far, gynogenesis has evolved only in the salamanders of
the genus Ambystoma (Elinson et al., 1992). As with teleosts, Ambystoma animals undergoing
gynogenesis are unisexual and require a sperm donor from another species (A. laterale, A.
jeffersonianum, or A. texanum (Bogart et al., 2007, 2009). In unisexual Ambystoma females,
homologous pairing is absent, the offspring possess a set of non-sister chromatids (Elinson et
al., 1992).

In nematodes, gynogenesis is widespread in the Mesorhabidits genus, is induced and
accidental in the Caenorhabditis genus, and has been hypothesized in parasitic nematodes
belonging to the Strongyloides genus (see Cyclic parthenogenesis).

While several species have been described as being gynogenetic in the initial studies by
Victor Nigon (Nigon, 1949), only the Mesorhabditis genus is currently being investigated
because worms have been re-isolated in the wild (Beukeboom & Vrijenhoek, 1998; Grosmaire
etal., 2019; Launay et al., 2020; Nigon, 1949; Nigon & Félix, 2018). Among 60 Mesorhabditis
isolates collected, Delattre's team identified 12 species reproducing by auto-pseudogamy.
Phylogenetic reconstruction suggested they most likely derived from a single origin within the
Mesorhabditis genus (Launay et al., 2020). The details of the reproductive system of

Mesorhabditis species are discussed in the below section Reproductive System.

Within the Caenorhabditis genus, hybridisation can promote gynogenesis. For instance,
crosses between C. nouraguensis females and C. becei males can produce a small fraction of
offspring that develop into asexual fertile adults (Lamelza et al., 2019). Th entry of the sperm
DNA from C. becei triggers the completion of the meiosis in C. nouraguensis females.
However, the sperm DNA does not fuse with the female DNA. Moreover, meiosis | is aborted
and the unreduced gamete is diploid. Here, the C. becei sperm cells induce defects in female
meiosis but at the same time, the DNA of this sperm is badly segregated during embryogenesis.

The majority of hybrids produced are lethal because of aneuploidy, but for a small fraction,
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when the sperm DNA is properly set aside, diploid asexual individuals can be produced. This

study illustrates how asexuality can emerge from a hybridisation event.

Mesorhabditis belari

Mesorhabditis belari belongs to the same family as C. elegans

Nematodes (roundworms) are part of the most widespread phylum of metazoan and
account for 82% of the human biomass on Earth (van den Hoogen et al., 2019). Most nematodes
measure between 100 um and 2,500 um long, although the parasitic worm, in the placenta of
sperm whales (Placentonema gigantissima), is 8 m long (Carlton et al., 2022). They are
subdivided into five clades (Figure 10). Dorylaimia (Clade I) is mainly composed of vertebrate
parasites, Enoplia (Clade 1) of microbivores, Spirurina (Clade Ill) of invertebrate and
vertebrate parasites, Tylenchina (Clade IV) of microbivores and plant parasites, and Rhabditina
(Clade V) of microbivores and vertebrate parasites (Carlton et al., 2022). In 1883, the parasitic
nematode Parascaris equorum was found in horses (Clade I11). Edouard van Beneden first
studied its chromosomes and cell divisions, but the parasitic lifestyle of this species complicated
the laboratory studies (Van Beneden Edouard, 1883). More descriptions have been made on
free-living species in the 40, including the seminal work of Victore Nigon (Nigon, 1949). In
1963, Sydney Brenner found in nematodes an ideal system to study development and the
nervous system and opted for C. elegans (Clade V) as a model (Brenner, 1988). Whereas the
natural environment of this species consists of rotten fruit and litter, this tiny free-living
nematode can be easily grown on a petri dish and can be fed with Escherichia coli. Their
generation time lasts about three days and the strains can be frozen for storage and conservation.
The population is mainly hermaphrodite however males are produced at low frequency (<0.2%,
(Corsi et al., 2015). C. elegans can be grown from 12°C to 25°C. Moreover, they have
transparent bodies that facilitate microscopic analysis. C. elegans is currently considered one
of the most studied models in both behavioural and evolutionary studies, with over 1,200

scientific papers published each year (www.wormbase.org). Indeed, C. elegans is extensively

studied and serves as a model for the study of cell biology, neurobiology, developmental

biology, molecular biology, etc.
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Figure 10: Phylogenies of phylum Nematoda. (A) Inset shows the phylogenetic position of Nematoda
within a very simplified phylogeny of bilaterian animals. Recent molecular studies place Nematoda
together with its sister group Nematomorpha as the closest relatives of Panarthopoda (Arthropoda,
Onychophora, Tardigrada) in a clade often called Ecdysozoa. The phylogeny of Nematoda has been
derived mainly from ribosomal RNA (rRNA) genes and contains several well-defined clades: clades |-
V designated in like-coloured roman numerals, taxon names, and polygons; and clades 1-12 designated
in black superscripts to corresponding taxon names. Some taxa have been left out here for simplicity.
Taxa other than Rhabditina that are mentioned in this review are listed at the right. Taxa in quotation
marks are paraphyletic: “Rhabditomorpha” includes all Rhabditina except Diplogasteromorpha and
Bunonematomorpha. (B) Phylogeny of Rhabditina (clade V), almost entirely based on molecular data
from rRNA and other loci (Kiontke et al. 2007; Ross et al. 2010; Kanzaki et al. 2017). Thickness of the
lineages, as indicated in the key at lower right, indicates the approximate level of confidence estimated

from statistical tests. The systematics of ‘“Rhabditidac” was recently revised (Sudhaus 2011) based
almost entirely on the molecular phylogeny (Kiontke et al. 2007) with some consideration of

morphological characters to place taxa only known from literature descriptions (brown lineages). A few,
mostly monotypic taxa of uncertain position are not shown. Four named suprageneric clades are shown
with brackets. Despite being paraphyletic, “Rhabditidae” is a useful taxon because it includes many
free-living (rarely parasitic) species with fairly similar Bauplan and excludes three specialized parasitic
taxa (Angiostomatidae/Agfa, Strongylida, Rhabdiasidae) and Diplogastridae, a clade of species
morphologically distinguished from “Rhabditidae” that have undergone an extensive adaptive radiation.
Pristionchus pacificus and its relatives are included in the Diplogastridae. The “Rhabditidae” sister taxa
to each of these special groups provide important resources for investigating the evolutionary origins of
parasitism and other specializations that have resulted in adaptive radiations. Colored fonts indicate taxa
in which reproductive mode has evolved from gonochorism to hermaphroditism, heterogonism or
parthenogenesis (see key at lower right). Taxon names in bold font are at higher levels than the genera
otherwise depicted. For more complete information, see RhabditinaDB at rhabditina.org (Haag et al.,
2018)

Concerning M. belari, the species is for the first time described by Belar in 1923as
Rhabditis monhystera (Clade V) (Figure 10, 11) (Belar, 1923). It is a free-living nematode, also
found in rotten fruits and leaves. In 1949, after more investigations on the tail of males, Victor
Niggon attests to the dissimilarity with R. monhystera and renamed the species Rhabditis belari,
after Belar’s name (Nigon, 1949). Only in the 1990s were phylogenetic studies and in-depth
morphological analyses conducted. Finally, the species belongs to the Rhabditina family, as C.
elegans does, and does not belong to the Rhabditis genus (Félix & Sternberg, 1996). Within the
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Mesorhabditis genus, auto-pseudogamous species have been described as well as regular sexual

species, producing 50% males and 50% females (Launay et al., 2020).

M. franseni
M. littoralis
M. vernalis

— M. bifurcata

L M. cranganorensis

- M. simplex
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Figure 11: Phylogenetic tree of documented Mesorhabditis species. Auto-speudogamous are in blue

and sexual species are in black. Caenorhabditis elegans is used as the root of the tree. Scale =

substitution rate per site

Morphology of M. belari
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M. belari is 700 um long and 30 um wide (Figure 12A). M.belari animals have a
generation time of about one week and can survive more than two weeks at an optimal growth
temperature of 20°C. M. belari generates both male and female individuals. Females and males
possess only one gonadal arm (Figure 12B) (Felix & Sternberg, 1996). In contrast to the
majority of nematodes, the vulva in Mesorhabditis females is posteriorly positioned in this
species, close to the rectum (Félix & Sternberg, 1996). This morphological characteristic
simplifies the identification of species from this genus during sampling campaigns. In M. belari
females, the gonad is not a syncytium, since all germ cells are cellularized (personnal
Observation, Figure 12C, 13 and 18). The female gonad contains about 60 germ cells at a given
time, but in total, during its reproductive lifetime, one female can lay up to 100 eggs. The uterus
usually contains a single egg, which is often laid soon after fertilisation. The females generally
lay one egg per hour. In contrast, males have a syncytial gonad. On fixed specimens, we counted

approximately 300 germ cells, including mature sperm cells.

A

250 ym

Figure 12: Image of M. belari adults. A) Images of female and male adults on a Petri dish. B) DIC
picture of a M. belari female. The gonad is represented by the solid line, the mature oocyte by a dotted
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line and the star shows the position of the vulva. C) DIC image of cellularized gonad of M. belari female.

Arrows show germ cell nuclei.
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Figure 13: Schematic representation and staining of the gonad of M. belari females.

M. belari has 20 holocentric chromosomes (2n=20). After two mitotic phases (as
demonstrated in Chapter 2), the oocytes enter meiosis. In prophase I, homologous chromosomes
pair in the transition zone and recombine during the pachytene. The bivalents can be observed
during the last stage of prophase I, diakinesis, as 10 DNA-stained units. The sister chromatids

are schematized in dark and light blue, corresponding to homologous chromosomes.

The reproductive system of M. belari

The reproductive system of M. belari was analysed for the first time by Belar in 1923.
Belar noted the very low proportion of males in the species, which is also stable over time
(Belar, 1923). Later, Nigon characterized the cytology of this species in more details (Nigon,

1949). Auto-pseudogamy was later established by the team Delattre (Grosmaire et al., 2019).

In the population of M. belari, both females and males are produced (Figure 14). The
sex ratio is far from being balanced. Indeed, there are 90% females against only 10% males,
but males are essential for reproduction (Belar, 1923; Grosmaire et al., 2019; Nigon, 1949). A

single female is not able to produce offspring, because embryos must be fertilised by a sperm.
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Nevertheless, in the majority of eggs, the sperm DNA is not used after fertilisation and the
embryo will develop as a female, as in pseudogamous species. In 10% eggs, the sperm DNA
fuses with the female DNA after fertilisation. These amphimictic eggs will develop as males.
Hence, females are produced asexually and males are produced sexually. The males are
therefore produced at low frequency but their genes are never transferred to the female gene
pool. This reproductive system has been called auto-pseudogamy because the females are
produced by pseudogamy and males do no come from another species. The males are produced
only for the production of asexual females. A game theory model explained that the production
of 10% males maintains a good fitness for the species (Grosmaire et al., 2019). Below, | detail
the cellular mechanisms behind this unusual reproductive system, described by the team before
| joined the lab.

Q XX x® XY

Ny

— Homologs
= Sister Chromatids
Altered Meiosis Canonical Meiosis

One Polar Body . Sperm Cell . Two Polar Bodies
Condensed Sperm DNA ' l /® @-\\_‘ | ' Haploid mature oocyte

Diploid . Fertilization Amphimixis

Gynogenetic @ @ Amphimictic

Q XX d xy

Figure 14: Reproductive system of the auto-pseudogamous species Mesorhabditis belari. Males
(amphimictic, XY, in orange) are produced sexually. The meiosis that generates the males is canonical
and results in the formation of a haploid oocyte and two polar bodies. In amphimictic eggs, fusion with
male sperm DNA restores diploidy. Females (gynogenetic, XX, in green) are produced asexually.
Female meiosis is modified, only one polar body is produced and the unreduced gamete is diploid. The

DNA of the male (in orange) is not used in the female offspring.

All M. belari individuals are diploid. During female meiosis, a diploid cell replicates so

that all homologs have two chromatids. In nematodes, oogenesis is arrested at the end of
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prophase | of meiosis. Meiosis resumes at fertilisation when the sperm cell fuses with the
plasma membrane of the oocyte. Meiosis that produces amphimictic oocytes is canonical. The
early oocyte undergoes two successive divisions and excludes two polar bodies. Therefore, it
contains a haploid genome with only 10 chromatids. After fertilisation in those oocytes, the
haploid sperm DNA decondenses and fuses with the maternal genetic DNA, restoring the initial
diploidy (Figure 15). The team has shown that M. belari possesses an (XY) sex-determining
system where females are (XX) and males are (XY). The meiosis in males (XY) is also
canonical and males generate two types of sperm cells: 50% bearing the X chromosome and
50% bearing the Y chromosome. Surprisingly, in more than 97% embryos, the sperm DNA that
fertilized the eggs carry the Y chromosome. For this reason, amphimictic oocytes only give rise
to males (XY). The team genotyped over 1,000 females and none of them was found to be
sexually produced. Thus, the fertilization by sperm bearing the X chromosomes (3%) must be
lethal. This is consistent with the low proportion of lethal embryos (<5%) quantified in the lab
(Grosmaire et al., 2019).

Amphimictic Gynogenetic

Figure 15: Two types of embryos are produced by Mesorhabditis belari females. Images from a
representative amphimictic and a gynogenetic embryo during the reformation of the pronuclei fixed and
stained with an anti-tubulin antibody (in green) and with Hoechst to label DNA (in magenta). White
arrows heads point towards the centrosomes. Note that in the amphimictic embryo, only one aster is
visible on this focal plane. Polar bodies are shown with a white star and male DNA is shown with a blue

arrowhead. (Grosmaire et al., 2019)
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By contrast, the meiosis that will produce females, i.e. gynogenetic oocytes, is altered
compared to a canonical meiosis. Here, only one polar body is extruded and the unreduced
gamete remains diploid, with 20 chromatids. Therefore, only one complete division stage of
meiotic occurs in gynogenetic oocytes. In these oocytes, fertilisation by the sperm remains
essential, otherwise, meiosis does not resume. Also, the sperm contributes the first centrosomes
to the zygote (Figure 15). However, the sperm DNA remains condensed after fertilisation and
is set aside. Consequently, the zygote develops only from the maternal genome. Even if the
sperm DNA carries a Y chromosome, the embryo will develop as a female because it has

inherited the two X chromosomes from its mother and does not use the male DNA.

From a cellular perspective, this reproductive system raises many questions. In
particular, which step of meiosis is modified in order to produce asexual females? How can a
given female switch from the production of regular oocytes (to produce males) to the production
of unreduced gametes (to produce females)? How is the coordination between the type of
female meiosis and fate of the sperm DNA achieved? Why are Y-bearing sperm so competent

at fertilisation compared to X-bearing sperm?

Interestingly, a female produces males throughout her life. Indeed, although young
females generate more males than older ones (see Chapter 3), old females still produce both
males and females. This means that during oogenesis, the meiotic process can be switched from
altered to canonical and vice versa. In this species, modification of meiosis is therefore

constrained by the necessity to also produce oocyte through regular meiotic divisions.

Meiosis in the nematode model species Caenorhabditis
elegans

In order to analyse the meiosis in M. belari, | used a lot of analogies with C. elegans.
Indeed, the two species share a lot of features. In the below section, | describe the meiosis of
C. elegans.

Nematodes described so far, present the particularity to have holocentric chromosomes.
Holocentric organisms have evolved in several plants and animals namely arthropods and
nematodes (Heckmann et al., 2014; Mandrioli & Manicardi, 2020). In holocentric species, the

centromeres span along the chromosomes instead of being located on a single site as in
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monocentric organisms. Centromeres allow attachment of microtubules to chromosomes during
all cell divisions. Since they are found throughout the chromosomes, during mitosis the
chromosomes move in a straight line perpendicular to the metaphase plate instead of the "V"
shaped structure observed in monocentric species.

Another distinction between holocentric and monocentric species is the orientation of
chromosomes during meiosis. In meiosis I, sister chromatids must be co-oriented to the same
pole to separate only the homologs and not the sister chromatids. In contrast, during meiosis Il,
in order to separate the sister chromatids, they are oriented towards each of the two poles. This
generates a conflict for holocentric species during meiosis. Because centromeres extend along
the entire length of the chromosomes, co-orientation of sister chromatids cannot be achieved
for all attachment sites to microtubules (Figure 15). To solve this problem, chromosomes are
remodelled into a conformation that enables the sequential segregations of chromatids. The
homologous pairs display a specific cruciform structure where one axis of the cross separates
the homologs and the other one corresponds to the limit between the sister chromatids
(Schvarzstein et al., 2010) (Figure 17).
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Figure 16: Segregation of monocentric and holocentric chromosomes in meiosis. (a) Monocentric
chromosomes: Sister chromatids mono-orient at metaphase | via fused sister kinetochores, allowing
homologous chromosome segregation, whereas at metaphase |1 sister chromatids bi-orient and segregate
from each other. Note a ring bivalent configuration of metacentric chromosomes. (b—e) Holocentric
chromosomes: Several options exist to deal with a holocentric chromosome architecture and meiosis:
(b, ¢) chromosome remodelling, (d) functional monocentric chromosomes and (e) ‘inverted chromatid
segregation’. Note that rod-shaped bivalents are shown (b—€), recombination events are not indicated
(a—e) and sister chromatids are of the same colour. (b,c) One typically off-centred crossover leads to a
cruciform bivalent with a short and a long arm. Owing to progressive condensation, bivalents occur
‘rod-shaped’ at metaphase I (short and long arms are not indicated in b, ¢). The crossover location
triggers a distinct spatiotemporal protein distribution, for example, proteins including Aurora B or
chromokinesin KLP-19 form a ring around the mid-bivalent, and (outer) kinetochore proteins encase
each homologue. This distribution conditions cohesion loss at the mid-bivalent and retention at long
arms during anaphase | enabling homologue separation. During meiosis I, proteins including KLP-19

surround the ring-shaped sister chromatid interface while (outer) kinetochore proteins encase individual
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sisters. At anaphase Il, cohesion gets lost at the sister chromatid interface allowing sister chromatid
separation. (b) KLP-19 mediates a pushing force from the mid-bivalent supported by lateral
microtubules ensheathing bivalents during meiosis | and linked sister chromatids during meiosis Il. (c)
Bivalent ends facing polewards are attached by microtubules. (d) Microtubule attachment to a restricted
terminal chromosomal region. Holocentric chromosomes become functional monocentric (“telekinetic™)
enabling separation of homologues during meiosis | and of sister chromatids during meiosis Il. Active
sister kinetochores can form even at opposite metaphase Il chromosome termini. (€) Homologous sister
chromatids, attached by microtubules along nearly their entire lengths, face opposite poles during
metaphase | and separate from each other at anaphase I. Homologous non-sister chromatids are joined
by metaphase 11 and separate at anaphase 1. Hence, an inverted meiotic chromatid segregation sequence
compared to the typical meiotic segregation pattern in monocentric chromosome species occurs.
(Heckmann et al., 2014)

Sister Chromatids

Homologs

— Short arms
\_ Long arms

Figure 17: Schematic representation of a bivalent in holocentric species. Axis of the short arms (in
pink) separates the sister chromatids. Axis of the long arms (in orange) separates the homologous
chromosomes. The sister chromatids are in dark and light blue, corresponding to homologous

chromosomes.

C. elegans meiosis has been extensively investigated and is still largely studied today

(www.wormbase.org). Indeed, in nematodes, the study of meiosis is convenient because of the

following advantages: 1) nematodes have transparent organisms whose gut and gonad are easily
identifiable, which facilitates observations and 2) nematodes have an extremely stereotyped
gonad: the spatiotemporal stages of meiosis are conserved from an individual to another 3) the

different stages of meiosis have a distinct appearance.
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C. elegans have two syncytial gonads containing more than 400 germ cells. In the more distal
part (from the vulva where eggs are laid once fertilised) are the proliferative germ cells (Figure
18). After a last round of replication these cells enter meiotic prophase. At the beginning of
meiosis, the oocytes are not cellularized. Cellularisation is completed when the oocytes reach
the last stage of prophase I, the diakinesis. In prometaphase I, meiosis arrests. Once the oocytes
pass into the spermatheca, fertilisation is achieved and meiosis resumes. In C. elegans, embryos
are stored in the uterus before being laid at ~40 cell stage.

Caenorhabditis elegans

Meiosis Mitosis
Transition E S i S
zone | phase | phase

proximal

>

I
i
|
Diplotene | Diakinesis
i
i
i

Mid Late
Pachytene

Figure 18: Schematic representation and staining of the syncytial gonad of C. elegans. C. elegans

*H

has 6 chromosomes (2n=12). After a mitotic phase, the oocytes enter meiosis. In prophase I, homologous
chromosomes pair in the transition zone and recombine during the pachytene. The 6 bivalents can be
observed during the last stage of prophase I, diakinesis. The sister chromatids are in dark and light blue,

corresponding to homologous chromosomes.
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Meiosis |

Prophase |

Meiosis is preceded by an event of chromosome replication. Hence, after replication,
each homolog has two chromatids (4C in total). Meiosis I, and thus prophase | begins with a
key event of meiosis, the pairing of homologs during the leptotene/zygotene stage. Pairing is
followed by another crucial event: recombination during pachytene. This recombination event
generates genetic shuffling but also creates the bivalent which is a chromosomal structure
necessary for the proper segregation of homologs. In C. elegans the short arms distinguish the
junction between homologs (in pink in Figure 16) while the long arms separate the sister
chromatids (in orange in Figure 16). The association between sister chromatids are called

univalents.

Pairing

In C. elegans, the pairing occurs during the leptotene and zygotene stages of prophase
I, also referenced as the croissant stage due to the shape of chromosomes or also called the
transition zone. In this species, as in female Drosophila melanogaster for instance (McKim et
al., 1998) double-strand breaks (DSBs) induced by SPO-11 are not required for the synapsis
and pairing as is found in Saccharomyces cerevisiae, Danio rerio or Mus musculus (Rubin et
al., 2020). A recent study has shown that the nematode Pristionchus pacificus, close to C.
elegans, relies on SPO-11 for synapsis, suggesting rapid evolution in meiosis within the
Rhabditina family (Rillo-Bohn et al., 2021).

In C. elegans, pairing is ensured by a specific sequence found on each of the six
chromosomes called the “pairing center” (MacQueen et al., 2005). Each PC is associated with
one of four of the PC proteins (PCs): C2H2 zinc finger proteins (HIM-8, ZIM-1, ZIM-2, ZIM-
3). The chromosomes | and IV bind to ZIM-3, the chromosomes Il and 11l to ZIM-1, while
ZIM-2 only binds to chromosome V and HIM-8 to the X heterochromosome (Harper et al.,
2011; Phillips et al., 2005; Phillips & Dernburg, 2006; Sanford & Perry, 2001). The search of
homologs requires chromosome movements along the nuclear envelope (Baudrimont et al.,
2010; Sato et al., 2009). These movements are achieved by a protein complex (Figure 19) that
links chromosomes to dyneins located on microtubules in the extranuclear region of the cell
(Wynne et al., 2012). This complex is formed of inner and outer nuclear envelope proteins, and

PCs. After the PCs bond the chromosomes, these PCs nucleoprotein complex are used as
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recruitment sites for the polo kinase PLK-2 (Labella et al., 2011). And, PKL-2 induces an
organisation of the nuclear envelop. The polo kinase recognizes the inner protein of the nuclear
envelope SUN-1 which interacts with the outer proteins of the nuclear envelope ZYG-12. In
turn, ZYG-12 connects to dynein and hence to the cytoskeleton of the cell. The complex SUN-
1 ZYG-12 forms SUN/KASH interaction, broadly conserved in eukaryotes (Baudrimont et al.,
2010 (Malone et al., 2003). Once the homologs have been correctly recognized and matched,

the pairing is stabilized by the formation of the synaptonemal complex (SC).

Figure 19: Schematic diagram of the SUN-1/KASH bridge spanning the nuclear membranes. The
SUN-1/KASH bridge spans the outer and inner nuclear membranes (ONM and INM). ZYG-12/KASH
connects the molecular motor dynein whereas SUN-1 indirectly binds to the chromosomes via the
pairing center proteins (ZIMs) and PLK-2. (Woglar & Jantsch, 2014)

The Synaptonemal Complex (SC)

During pachytene, the homologous chromosomes are further linked by the
synaptonemal complex (SC). The SC is a tripartite protein complex forming a ladder from a
microscopic perspective (Figure 20B). This meiosis-specific complex is universal as it is found
in yeast, mammals, and plants (Gillies, 1975; Gillies & Moens, 1984). The SC is composed of

two lateral parts, two axial parts and one central part, in between the two homologous
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chromosomes (Figure 20A). On each side, the homologs comprise two sister chromatids that
are held together by the cohesin COH-3/-4 and REC-8 (Kohler et al., 2017; Pasierbek et al.,
2001; Severson et al., 2009; Severson & Meyer, 2014).

A

Synaptonemal Complex (SC)

== Axial element

— (Central elements

Figure 20: The ladder structure of the synaptonemal complex (SC) in C. elegans. A) schematic
representation of the SC. The sister chromatids are in dark and light blue, corresponding to homologous
chromosomes. Chromatids constitute the lateral element. Central elements are in yellow and axial
elements are in grey. B) Transmission electron microscopy image of nuclei from the late pachytene

regions of a wild-type germ line. Scale bars equal 500 nm (Colaiacovo et al., 2003)

The axial parts of the SC are constituted of four HORMA domain proteins (Figure 20)
(HTP-1, HTP-2, HTP-3 and HIM-3) and the cohesins previously cited (Woglar et al., 2020;
Zetka et al., 1999). The HORMA domain is able to recognise a specific chromatin state. Those
proteins can be distinguished biochemically and structurally, except for, HTP-1 and HTP-2
which share 82% identity at the amino acid level and cannot be differentiated by antibody
staining (Martinez-Perez & Villeneuve, 2005). Furthermore, meiosis can be accomplished in
the absence of HTP-2, suggesting the function of HTP-2 overlaps those of HTP-1. For these
reasons authors usually reference HTP-1 and HTP-2 proteins as the paralogs HTP-1/-2. HTP-3
is a scaffolding protein which recruits HTP-1/-2 and HIM-3 (Figure 21) (Kohler et al., 2017).
In vitro experiments show that HTP-1/-2 is recruited on the HTP-3 long tail and in the C-
terminal region of HIM-3. While HIM-3 binds to a more central site of HTP-3 than HTP-1/-2.
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Figure 21: Model of synapsed chromosome axes in cross-sectional view. The positions from the
midline of the SC in x and the HWHM in z of components within the chromosome axes measured by
STORM. These positions were used to construct a model of the synapsed chromosome axis. (Kohler et
al., 2017)

Cohesins are protein complexes that hold together the sister chromatids. Cohesins are
composed of two parts: the head and the hinge. In meiosis or mitosis, the head always consists
of the same two SMC (Structural Maintenance of Chromosomes) proteins: SMC-1 and SMC-
3. The hinge differs according to the type of kleisin subunit present: SCC-1 ensures sister
chromatids holding in mitosis while REC-8 and COH-3/-4 are found only in meiosis (Figure
22, 23 and 25). REC-8 is the most common meiotic cohesin (Morgan et al., 2022; Sakuno &
Hiraoka, 2022). And various species such as budding and fusion yeasts, REC-8 is only cohesin
present. In these species, the sequential removal of REC-8 is ensured by Sungoshin (Morgan et
al., 2022; Sakuno & Hiraoka, 2022).
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Figure 22: A schematic of the putative cohesin ring complex structure of REC-8 cohesins. (Kéhler
etal., 2017)

Furthermore, REC-8 and COH-3/-4 have distinct roles in C. elegans meiosis. REC-8 is
present during the replication phase and maintains the sister chromatids together. While the role
of REC-8 is well-defined, those of COH-3/-4 is still unclear. COH-3/-4 kleisin and hence COH-
3/-4 cohesin hold sister chromatids together but also hold the homologs together via the
synaptonemal complex. Indeed, in absence of REC-8, some univalents are tethered together by
the COH-3/-4 cohesin complex (Castellano-Pozo et al., 2022; Severson & Meyer, 2014). COH-
3/-4 Kkleisin and hence COH-3/-4 cohesin hold homologs together via the synaptonemal
complex. The meiotic cohesins are essential to SC assembly (Severson & Meyer, 2014). The
central part of SC is constituted of SYP-1, SYP-2, SYP-3 and SYP-4 proteins (Colaiacovo et
al., 2003; MacQueen et al., 2005; Smolikov et al., 2007, 2009). These proteins have long helical
domains and form transverse filaments that connect the axial elements of paired homologs.
Once the SC is assembled and stabilized, the homologous recombination occurs during
pachytene. The SC is disassembled after homologous recombination: only the proteins in the
centre (SYP-1, SYP-2, SYP-3 and SYP-4) are removed. Thus COH-3/-4 controls a higher
structure of chromatin than sister-sister cohesion, hypothetically by acting in the extrusion loop.
Moreover, the COH-3/-4 complex can be only detected when cells enter meiotic prophase
whereas REC-8 is detected from the mitotic S-phase (Severson et al., 2009). In prometaphase,
the two cohesins have distinct localization: REC-8 is found only between sister chromatids on
the long arms of the bivalent, while COH-3/-4 localize only between homologs on the short
arms (Figure 23) (Castellano-Pozo et al., 2020, 2022; Severson & Meyer, 2014).

66



B COH-3/4 HTP-3 HTP-3
™

diakinesis diplotene pachytene

prometa-
phase

Figure 23: Confocal micrographs showing REC-8 and COH-% localization in prophase | and
metaphase |. REC-8 and COH-3/4 adopt complementary patterns on meiotic chromosomes by
metaphase. In pachytene, REC-8 and COH-3/4 overlap with HTP-3 along the entire meiotic axis. In
diplotene, HTP-3 and REC-8 persist along the length of the axis, but COH-3/4 staining diminishes at
long arms. By diakinesis, COH-3/4 levels are substantially reduced at long arms but not at short arms.
In contrast, REC-8 levels usually remain equal at long and short arms until late diakinesis or
prometaphase. Diakinesis nuclei shown are from the third oldest oocyte. In prometaphase/metaphase I,
REC-8 and COH-3/4 occupy reciprocal domains. REC-8 is reduced or undetectable at short arms, while
COH-3/4 is detectable only at short arms. Arrowheads indicate bivalents viewed from the ‘front’, that
is with both long and short arms in the image plane. In these bivalents, HTP-3 staining is cruciform and
long and short arms can usually be distinguished by their relative lengths. Pink arrowheads indicate the
bivalent shown at higher magnification in the inset. Arrows indicate bivalents viewed from the ‘side’,
that is with short arms perpendicular to the image plane. In these bivalents, HTP-3 staining resembles a
‘figure 8°, with two loops of uniform staining (the long arms) meeting at a region of more intense

staining (the short arms). (Severson & Meyer, 2014)

Homologous Recombination
During the pachytene stage homologous recombination occurs. Here, | first describe the
general process of homologous recombination, which is highly conserved (Haber, 1999). It is

first initiated by multiple DSBs along all chromosomes, induced by the highly conserved
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topoisomerase, SPO-11 (Figure 24). Subsequently, the exonuclease MRE-11 resects the DNA
ends to generate long 3' sSDNA tails which are then coated with RAD-51 (Z. Yu et al., 2016).
The RAD-51 nucleofilament promotes homology search and strand invasion into the
homologous duplex DNA to form the displacement loop or D loop. The D-loop is a DNA loop
where the two dsDNA strands are separated by the invasion of a third strand and DNA. After
the D loop DNA formation, RAD-51 is removed by RAD-54, RFS-1 and HELQ-1/HEL308.
Then the DNA synthesis begins on the two resected strands. To generate cross-over, the D loop
has to stabilize and form a more complex structure: the double Holliday junctions. Holliday
junctions are DNA structures formed of four strands of DNA. In absence of Holliday junctions,
D loops will result in synthesis-dependent strand annealing (SDSA) pathway. This leads to a
cross-over (CO) in which part of one homolog has invaded one of the chromatids of its
corresponding homolog. The SDSA thus leads to a local homogenisation of the homologs
through gene conversion. In C. elegans, the CO designation is reinforced by COSA-1, a cyclin-
like protein. Therefore, the enumeration of COSA-1 foci under the microscope is a good proxy
for estimating the number of COs (Bohr et al., 2018; Cahoon et al., 2019; Crawley et al., 2016).
Finally, the junctions must be cleaved to resolve the double Holliday junctions into mature CO
products. This function is ensured by the scaffolding protein SLX-4/HIM-18 joined by the
resolvase XPF-1, with HIM-6/BLM helicase, and the resolvase SLX-1/MUS-81.

In C. elegans, there is only CO per chromosome pair. Indeed, in this species, the
presence of CO is ensured on the six chromosomes. The phenomenon is known as CO assurance
(Hillers et al., 2018). If there is no CO, the bivalents are not stabilized and cannot be properly
segregated during the first meiotic division. Moreover, a mechanism of CO interference
prevents the establishment of more than one CO per chromosome. While the underlying
mechanistic is still unclear, the partial depletion of the central element of SC such as SYP-1 or
inhibition of phosphorylation of SYP-4 results in increasing the number of CO (L&scarez-
Lagunas et al., 2022; Libuda et al., 2013). In addition, interference operates over the entire
length of C. elegans chromosomes (Libuda et al., 2013). Here again, double CO destabilize the
bivalents and leads to aneuploidy (Dernburg et al., 1998). It has been suggested that the
presence of one and only one CO per chromosome is a constraint due to holocentricity
(Mandrioli & Manicardi, 2020).
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Figure 24: Model depicting the key events of meiotic recombination. Homologous chromosomes are
represented in light and dark blue, and the two sister chromatids of each homolog are represented as
pairs of double stranded DNA molecules indicated by two parallel lines in close proximity. Proteins
required for specific steps of meiotic recombination are indicated on the left and right hand side of the
diagram. Note that the existence of some of the recombination intermediates represented in this diagram
has not been directly demonstrated in C. elegans, but are inferred from studies in yeast. The molecular
events of recombination are represented in temporal progression starting at the top of the diagram with
the formation of a DSB by SPO-11 in a single chromatid of one of the homologs. Resection of DNA
ends and RAD-51 loading promote the invasion of a chromatid from the homologous chromosome, the
formation of a D loop, and the start of DNA synthesis. These intermediates can be destabilized and leads

to repair as NCO products, or they can be stabilized by CO promoting factors that promote the formation
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of double Holliday junctions. Note that although COSA-1 is required for CO formation and eventually
become associated with CO-fated recombination events, there are clear differences in the timing of
loading of these proteins that are not depicted in this model. The asymmetric cleavage of double
Holliday junctions by different endonucleases promotes the formation of inter-nomolog CO events.
(Adapted from Hillers et al., 2018).

Diakinesis and formation of bivalents

After homologous recombination in pachytene, the paired and recombinant
chromosomes condense in diplotene (Figure 25). Condensation is completed in diakinesis and
six bivalents are observed. At diakinesis the bivalents have a very characteristic shape in in
holocentric species. Indeed, during this stage, the resolution of the unique CO lead to the
formation of a cross-shaped structure of chromosomes. This structure cannot be formed in the
absence of CO or the existence of more than one CO on the chromosome. This bivalent structure
is composed of two axes: the short arm that separates the homologs and the long arm that lies
along the SCs. Interestingly, HORMA domain proteins are not equitably maintained along the
chromosomes (Figure 20). HTP-3 and HIM-3 are found on both axes while antibody against
HTP-1, which stained the paralogs HTP-1/-2 is located only between sister chromatids along
the long arms of the bivalents. Similarly, as we have seen before, COH-3/-4 cohesins are located
on the short arms, between the homologs, while REC-8 cohesins which are initially found on
both axes, become restricted to the long axis (Figure: 23) (Severson & Meyer, 2014).
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Figure 25: Model of chromosomes pairing and segregation during C. elegans meiosis. Homologous
chromosomes are represented in light and dark blue, and the two sister chromatids of each homologous
chromosome by the same blue shade. In the S phase, chromosomes replicate and REC-8 (red rings) and
COH-3/-4 (purple rings) hold the sister chromatids together. The Synaptonemal Complex (SC) forms
during the leptotene/zygotene stage. SYP-1, SYP-2, SYP-3 and SYP-4 (yellow) are found in the central
part of the SC. After DBS (black star) recombination occurs in pachytene. Chromosome remodelling
generates the bivalent structure in diakinesis (see Figure 16). In diakinesis, HTP-1/-2 (pink), HIM-3
(light orange), HTP-3 (light orange) and REC-8 localise on the long arms, while HIM-3, HTP-3, COH-
3/-4 and REC-8 are found on the short arms. In anaphase I, HASP-1 phosphorylates H3T3 (green) only
on the short arms. On the long arms, phosphorylation of H3T3 is antagonised by GSP-2 which is
recruited by LAB-1. The kinase AIR-2 then phosphorylates COH-3/-4 and REC-8 of the short arms
allowing the Separase to cleave the cohesins. The cleavage of cohesin releases the cohesion between the
homologous chromosomes. In metaphase I, HTP-1/-2, HIM-3, HTP-3 and REC-8 are found between
the univalent. As in anaphase I, in anaphase 11, H3T3 is phosphorylated and AIR-2 phosphorylates REC-
8 allowing the cleavage of the cohesins by the Separase.

Prometaphase and metaphase |

The transition from diakinesis to metaphase is ensured by numerous checkpoints such
as the maturation-promoting factor (MPF) CDK-1 and cyclin B (Dorée & Hunt, 2002).
Prometaphase and metaphase I, are the meiotic stages where the bivalents align to be correctly
positioned on the metaphase plate. Each bivalent must be placed perpendicular to the
metaphasic plate (equatorial plate, Figure 26) to have each homolog on one side of the
metaphasic axis and hence ensure their correct segregation in anaphase I.

oy
IIMNES - =3
= S
®
Cage Cage
Diakinesis formation positioning Anaphase A Anaphase B
Prophase I Metaphase I Anaphase I

Figure 26: Schematic representation of C. elegans meiosis I. Homologous chromosomes are
represented in light and dark blue, and the two sister chromatids of each homologous chromosome by

the same blue shade. In diakinesis, six bivalents are observable. In metaphase |, the microtubule cage
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(green) forms and surrounds the bivalents. The bivalents are aligned on the metaphasic plate and the
cage is positioned near the cell cortex. In anaphase A of meiosis I, two sets of univalents segregate until
reaching the poles of the microtubule cage. In anaphase B, the spindle elongates, the cage is

disassembled and half of the univalents is pushed into the first polar body (grey).

In addition, meiotic divisions are asymmetric: divisions occur close to the cortex of the
cell to generate tiny polar bodies and thus maintain the size integrity of the oocyte. Microtubules
are necessary to align the chromosomes on a metaphase plate. Microtubules then form a cage
around the chromosomes. The microtubule cage is repositioned near the cortex of the cell which

will create a very asymmetric division (McNally et al., 2016).

The microtubules cage

In prometaphase, the nuclear envelope disappears, and microtubules polymerise into
tapered and elongated bipolar spindles. In female nematodes, mice, or drosophila (Albertson &
Thomson, 1993; Gueth-Hallonet et al., 1993; Theurkauf & Hawley, 1992), meiotic divisions
are acentriolar: centrioles are dissociated and disappeared during oocyte maturation. In the
absence of centrioles, and hence of microtubule organizing centres, other mechanisms are
necessary to organize the meiotic spindles. These mechanisms are not yet fully understood in
C. elegans. However, evidences show that KLP-15 /16 kinesins stabilise the microtubule bundle
and act during the clustering of minus-ends (Mullen & Wignall, 2017). The assembling of the
microtubule cage also requires the microtubule-severing enzymes MEI-1 and MEI-2 (Srayko
et al., 2000; H. Yang et al., 2003), the KLP-18 kinesin (Connolly et al., 2014; Segbert et al.,
2003; Wolff et al., 2022), one of the three CLASPS protein, CLS-2; (Maton et al., 2015) the
stabilizing protein ZYG-9 (ZYGote defective: embryonic lethal (Cavin-Meza, Mullen, et al.,
2022) whereas the pole of the cage is marked by ASPM-1 at the microtubule ends (Connolly et
al., 2015). This cage forms individual spindle channels for each bivalent, permitting the
univalents to slide through these channels towards the poles. Once the microtubule cage is
formed and positioned near the cell cortex, the alignment of chromosomes is completed by a

brief shortening of the microtubule cage toward the metaphase plate (McNally et al., 2016).

Kinetochores in holocentric species
Kinetochores are protein complexes that bind microtubules to chromosomes. While

kinetochores are essential for correct bivalent alignment in metaphase, kinetochores are not
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required for the segregation of chromosomes in anaphase of meiosis in C. elegans (Dumont et
al., 2010).

Kinetochores are bipartite protein complexes constituted of the inner and the outer

kinetochore (Figure 27) (reviewed in (Oegema & Hyman, 2006; Pintard & Bowerman, 2019).

CENP-A/C
MIS-12

CENTROMERIC DNA

Figure 27: Schematics of the kinetochore protein complex. (Pintard & Bowerman, 2019)

The inner proteins of the kinetochores are directly in contact with DNA. DNA attachment is
only achievable when a specific histone H3 variant is present, the CENP-A/HCP-3 protein
(Buchwitz et al., 1999; Monen et al., 2005). HCP-4/CENP-C and KNL-2 are the two other inner
proteins. Outer proteins of the kinetochores bind the inner proteins to the microtubules. The
KMN complex formed by the association of Ndc80, KNL-1 and Mis12, constitutes the core of
the microtubule-binding site of the kinetochore (Cheeseman et al., 2006). Independently of the
KMN complex, two other structures connect the inner kinetochore to microtubules. The
conserved protein KNL-1 also forms a complex with the kinase BUB-1, the CENP-F
(centromeric protein-F)-like proteins HCP-1/-2 and CLS-2. While the RZZ complex (ROD-
1/rough deal, CZW-1/Zeste-white and ZWL-1/Zwilch) forms a lateral attachment to
microtubules. The RZZ complex interacts with a dynein adaptor, SPDL-1 that in turn recruits

dynein-dynactin to kinetochores (Gassmann et al., 2008).
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Anaphase |

Once the bivalents and the microtubule cage are correctly positioned, i.e. the bivalents
on the metaphase plate and the microtubule cage in the vicinity of the cell cortex, anaphase |
begins (Figure 26). Anaphase | consists of the segregation of homologs, also called reductional
meiosis. As C. elegans has 6 bivalents (2n=12), in anaphase | two rosettes of six DNA bodies
are observable. At the end of anaphase I, the homologs dissociate into two sets of univalents.
The univalent is an association of two sister chromatids. One set of six univalents is extruded
into the first polar body. Anaphase 1 is subdivided into three phases. First, the cohesins that
tether the homologs together must be removed, second, the two sets of univalents must reach
the poles of the microtubule cage (anaphase A defined chromosome displacement in the
absence of spindle elongation) and finally, the microtubule polymerise between the two sets of
univalents, which ensures their complete segregation (anaphase B defines chromosome

displacement together with spindle elongation).

The precise removal of cohesins between homologs

As seen previously in prophase I, different protein complexes are established which
distinguishes the associations between homologs from sister chromatid associations. This
distinction enables the designation of the junction between homolog-homologs from the sister-
chromatids association. At this stage, the bivalents are held together by cohesins (Figure 25).
To allow segregation of homologs, the cohesins REC-8 and COH-3/-4 must be cleaved only on
the short arms, while the cohesion of REC-8 on the long arms between sister chromatids must
be maintained. Indeed, the complete removal of REC-8 leads to the dissociation of univalents
and sister chromatids at once, leaving the oocyte with 24 DNA stained bodies instead of 6
(Castellano-Pozo et al., 2022; Crawley et al., 2016; Pasierbek et al., 2001). The stepwise
removal of REC-8 depends on the presence of HTP-1/-2 (from the synaptonemal complex) on
the long arms of the bivalents (Figure 25).

The removal of the cohesins REC-8 and COH-3/-4 is achieved by their cleavage,
through the action of the Separase enzymes. Separases recognize the cohesins only if they are
phosphorylated. This happens in several steps. First, the phosphorylation of the Tyrosine 3 of
the Histone 3 (H3pT3) is mediated by the kinase Haspin (Figure 28) (HASP-1, (Dai et al.,
2005).

75



WEE-1 Temporal

|

CDK-1 (MPF)
HTP-1/2 —— LAB-1 —> PP1 l Anaphase |
\ ® ® onset
H3 T3 —> AIR-2 —> REC-8 = SCC release
(CPC) o

Separase

Spatial

REC-8

AllR-2

HTP-1/-2 LAB-1 PP1 (GSP-2)
H3T3

® Phosphorylation

Figure 28: Model of the events that control the release of SCC in C. elegans oocytes. Homologous
chromosomes are represented in light and dark blue, and the two sister chromatids of each homologous
chromosome by the same blue shade. H3 T3 phosphorylation mediated by Haspin and antagonized by
PP1 (GSP-2) regulates the spatial recruitment of AIR-2 to diakinesis bivalents, while CDK-1 exerts
temporal control. Bivalents shown at the bottom of the model indicate the sequential recruitment of
different proteins and phosphorylation events between late diakinesis and the onset of anaphase I.
Abbreviations: MPF (Maturation Promoting Complex), CPC (Chromosome Passenger Complex),

encircled “p” indicates phosphorylation even. (Adapted from Ferrandiz et al., 2018)

Once H3T3 is phosphorylated and CDK-1 (MPF) is present, Aurora B kinase (AIR-2)
positions itself on the short arms of the bivalents and phosphorylates REC-8 and putatively
COH-3/-4 (Rogers et al., 2002). AIR-2-mediated phosphorylation must be specific to the REC-
8 cohesins present on the short arms of bivalents in meiosis I, in order to remove only the
cohesion between chromosomes. This is tightly regulated also because on the long arms,
between sister chromatids, HTP-1/-2 promotes the recruitment of LAB-1 (Long Arms of the
Bivalent protein) which interacts with GSP-1, the homolog of the protein phosphatase 1 (Figure
25 and 28) (PP1, (Kaitna et al., 2002; Nadarajan et al., 2021; Rogers et al., 2002; Siomos et al.,
2001). The phosphatase GSP-1 antagonises REC-8 phosphorylation on the long arms and
therefore prevents its cleavage. In lab-1 mutants, REC-8 is phosphorylated on both short and
long arms despite the presence of HTP-1/-2 on the long arms (de Carvalho et al., 2008;
Ferrandiz et al., 2018; Tzur et al., 2012).

AIR-2 has a central role because it also belongs to the Chromosomal Passenger

Complex (CPC) with survivin, the inner centromeric protein ICP-1 (INCENP) and borealin.
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CPC is a master controller of both meiosis and mitosis (Carmena et al., 2012). AIR-2 is an
essential kinase of meiosis and in turn, AIR-2 also phosphorylates Histone 3 Serine 10 (Divekar
et al., 2021; Ferrandiz et al., 2018; J.-Y. Hsu et al., 2000). Depletion of AIR-2 induces defects
in the assembly of the microtubule cages in prometaphase | (Divekar et al., 2021) as well as

improper chromosome segregation (Ferrandiz et al., 2018; Kaitna et al., 2002).

Anaphase A

Anaphase A or early anaphase consists of the segregation of the two sets of homologs
from the metaphase plate to each pole of the microtubule cage (Figure 26) The two rosettes of
six univalents slide along the spindle channels until reaching the poles. The mechanisms by
which the univalents slide along the spindles are still debated. However, several experiments
suggest that it is a combination of two mechanisms. The first mechanism involves pushing
forces generated by the microtubules of the central spindle. As the microtubules would
polymerise, they would push on the two sets of homologs toward the pole of the spindle
(Dumont et al., 2010; Laband et al., 2017; Pelisch et al., 2019). A second mechanism involves
pulling forces from the poles of the spindle. Multiple models for pulling have been proposed.
According to the first model, the pulling forces would be generated by the lateral attachment of
short, overlapping microtubules to the kinetochores. The spindles are oriented with minus ends
towards the poles, therefore the depolymerisation of the plus ends of the spindles tracks the
chromosomes towards the poles (Danlasky et al., 2020). The second model implies that dyneins,
minus end-directed motors, mediate chromosome movement in microtubule (Muscat et al.,
2015). However, doubts have been raised about the involvement of dyneins in anaphase A
(Danlasky et al., 2020).

At the beginning of anaphase A, the kinetochores are structured in two cup structures
on each bivalent (Dumont et al., 2010). Although kinetochores are necessary for the correct
alignment of the bivalent on the metaphase plate, their absence does not interfere with
chromosome segregation in anaphase. A gap is formed between the two cups of kinetochores
in the middle of each bivalent (mid-bivalent region). This mid-bivalent region is enriched in
CPC components. Together with the chromokinesin KLP-19, this region forms the Ring
Complex or Ring-Shaped Domain. KPL-19 facilitates the bivalent congression in metaphase |

by generating forces on the plus ends of the microtubules (Wignall & Villeneuve, 2009).
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Interestingly, the kinetochore proteins BUB-1 and CLS-2 also localise to the ring
complex in anaphase (Figure 29). Those two proteins are spindle checkpoints with MDF-1
(MAD (yeast Mitosis arrest DeFicient) related, (Pelisch et al., 2019). The Ring complex is
stabilized by the action of the SUMO complex. SUMO complex creates a transient covalent
bond between the RC and SMO-1 protein (Sumo ubiquitin-related homolog) via a hierarchical
action of an E1 activating enzyme, an E2 conjugating enzyme (UBC-9), and SUMO-specific
E3 ligases (GEI-17) (Broday, 2017).

Early anaphase (Anaphase A) Mid/late-anaphase (Anaphase B)
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Figure 29: Two-step chromosome segregation model and the role of SUMO. (A) During early
anaphase, chromosomes begin to separate without MTs being present between them. This area is filled
with BUB-1 and SUMO, among other proteins, suggesting that these proteins could play a role during
this early segregation step. As anaphase progresses, MTs populate the region between segregating
chromosomes leading to the CLS-2-dependent stage. (B) The dynamic composition of the ring domain

and central spindle throughout anaphase is depicted.
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And the end of Anaphase A, the kinetochores are disassembled and the kinases BUB-
1 and AIR-2 (CPC) relocate exclusively on the RC (Davis-Roca et al., 2017; Dumont et al.,
2010; Hattersley et al., 2016; McNally et al., 2016; Pelisch et al., 2019). The presence of BUB-
1 on the RC enables the targeting of the protease ULP-1 (Ubiquitin-Like Protease) to the RC
(Davis-Roca et al., 2018). ULP-1 in turn removes SUMO modifications and the removal of

SUMO triggers RC disassembly to enter in anaphase B.

Anaphase B

Anaphase B, or late anaphase is characterised by a global reorganisation of the
microtubules: the cage of microtubules and RC are disassembled and, central spindles
polymerise to ensure the completion of the homologs segregation (Figure 26) (Chuang et al.,
2020; Davis-Roca et al., 2018; Pelisch et al., 2019; C.-H. Yu et al., 2019). In anaphase B, the
two sets of six univalents are separated by the central spindles, which proliferate in the midzone
(localization of the metaphase plate, and RC) and exert pushing forces on the chromosomes
(Figure 26) (Maddox et al., 2004; C.-H. Yu et al., 2019). Anaphase B is also subdivided into
several processes. First, the RCs are disassembled, resulting in the closure of the central spindle
channels through which the chromosomes slide in anaphase A. The closure of the channels then
enables the central spindles to elongate.

The mechanisms of central spindle polymerisation in the midzone are mainly studied in
mitosis but few authors have focused on anaphase B of meiosis in C. elegans. In mitosis, the
midzone is essential for central spindle polymerisation and chromosome segregation (Nahaboo
et al., 2015). Furthermore, the midzone via kinesin-5 activity constrains the speed of
chromosome movement (Grill et al., 2001; Saunders et al., 2007).

The RCs disassembling is initiated by BUB-1 which is modified by SUMO complex
and more specifically by GEI-1 (E3 ligase). BUB-1, in turn, mediates the deconjugation of
ULP-1 protease. UBC-1/E2 and GEI-17/E3 are removed from the RC and the deconjugated
ULP-1 disassembles the RC. AIR-2 kinase localises on the entire spindles between the two sets
of univalents (Figure 30) (Davis-Roca et al., 2017, 2018) while SMO-1 remains on the RC. In
the absence of AIR-2 and under the action of ULP-1, the RC flatten and collapses (Davis-Roca
et al., 2018; Pelisch et al., 2019). The degradation of the RC enables the microtubule channels
to close and trigger the central spindle polymerisation pathway at the previous location of the
RC in the midzone. The AIR-2 signal fades on the spindle and disappears completely. The CLS-
2 protein is recruited by another protein from the kinetochore, HCP-1/-2, to the central spindles
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and promotes antiparallel microtubule assembly (Davis-Roca et al., 2018; Dumont et al., 2010).
And KLP-18 (kinesin-12 family) acts as a microtubule spacer while ZYG-8 (ZY Gote defective:
embryonic lethal), the inducer of microtubule polymerization, supports the overlap of the
central spindles (Cavin-Meza, Kwan, et al., 2022; McNally et al., 2016).
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Figure 30: Model for kinetochore and AlIR-2/Aurora B-mediated anaphase regulation. Model
depicting DNA (blue), microtubules (green), the ring complexes with AIR-2 (orange), AIR-2 (yellow),
the ring complexes without AIR-2 (red), and kinetochores (purple). In normal meiosis (left),
kinetochores are removed from chromosomes, AIR-2 relocalizes to the microtubules, and the ring

complexes begin to disassemble by mid-anaphase. (Davis-Roca et al., 2017)

Intriguingly, KLP-18 depletion does not interfere with the movement of chromosomes
in anaphase B, suggesting that KLP-18 is not involved in the driving forces of the central
spindles and other motor proteins that are certainly the main agents (Cavin-Meza, Kwan, et al.,
2022; Wignall & Villeneuve, 2009; Wolff et al., 2022). The anaphase and the meiosis | are
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completed by the extrusion of one set of six univalents into the first polar body. The first polar

body contains 2n chromosomes, as the extruded homologs each possess two sister chromatids.

Meiosis 11

Meiosis Il is the separation of sister chromatids. Through meiosis, the chromosomes
change from 2C to 1C. For this reason, meiosis Il is usually called equational division. Few
descriptions of meiosis Il divisions are available in the literature because meiosis Il is supposed
to follow the same dynamics as meiosis I divisions (Figure 31). However, as meiosis Il is less
documented than meiosis |, some of the steps may differ from the theory. For instance,
condensins are required for the segregation of sister chromatids in anaphase Il but are
dispensable in anaphase | (Hagstrom et al., 2002), demonstrating specific differences between

these two cell divisions.
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Cage
positioning Anaphase A Anaphase B
Metaphase II Anaphase II Mature oocyte

Figure 31: Schematic representation of C. elegans meiosis Il. The two sister chromatids of each
univalent are represented by the same blue shade. At the beginning of meiosis Il, six univalents are
observable. In metaphase |, the microtubule cage (green) formed and surround the bivalent. The
univalents are aligned on the metaphasic plate and the cage is positioned near the cell cortex. In anaphase
A of meiosis I, two sets of chromatids segregate until reaching the poles of the microtubule cage. In
anaphase B, the cage is disassembled and half of the chromatids is pushed into the second polar body

(grey), generating a haploid oocyte.

In the first stage of meiosis Il, the univalents must be oriented perpendicular to the
metaphase plate to ensure the segregation of half of the sister chromatids into the second polar

body. The other set of sister chromatids is retained in the mature oocyte. In monocentric
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organisms, the sister chromatids are segregated via a modification of the microtubule
attachment. In meiosis I, they are co-oriented towards the same microtubule pole. While in
meiosis 1, sister chromatids are bioriented towards each of the two poles. In holocentric
species, and in particular, in C. elegans, the mechanism of the chromatid bi-orientation is not
known. Some authors suggested that the REC-8 cohesin is removed from one side of the
chromatids to allow alignment of the chromatids along their longitudinal axis (“Reattachment
Hypothesis”, Figure 31) (Schvarzstein et al., 2010). Another possibility is to switch the

orientation of the univalents by rotating them (“Rotation Hypothesis”, Figure 31).

Here, sister chromatids would be separated along their short axes. Regardless of the mechanism,
at the beginning of meiosis 11, the kinetochores reassemble around the univalents to ensure their
alignment on the metaphase plate and the spindle is positioned near the cell cortex.

Anaphase Il proceeds in a similar manner to anaphase I. The HORMA domain proteins,
HIM-3, and HTP-1/-2 persist between the sister chromatids but LAB-1 is not recruited (de
Carvalho et al., 2008; Martinez-Perez et al., 2008; Severson et al., 2009). In the absence of
LAB-1, GSP-1 does not exert phosphatase activity and thus enables the phosphorylation of
H3T3 between sister chromatids. The mechanism of LAB-1 recruitment release is not known.
H3pT3, therefore, localizes to the mid-univalent region. Phosphorylation of H3T3 allows REC-
8 phosphorylation by AIR-2. Phosphorylation of REC-8 releases the cohesion between sister
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Figure 32: Models of events leading to univalents reorientation in C. elegans meiosis II.
Homologous chromosomes are represented in light and dark blue, and the two sister chromatids of each
homologous chromosome by the same blue shade. According to Reattachment Hypothesis, REC-8
cohesins (red rings) with HTP-1 (pink), HIM-3 and HTP-3 (orange) are removed along the long axis of
chromatids and replaced on the short axis. The Rotation Hypothesis stipulates that no protein
rearrangement occurs. The univalents rotate to align their short axis parallel to the metaphasic plate. The

dotted line represents the metaphase plate.

chromatids. SUMO, BUB-1, CLS-2, AIR-2 and KLP-19 follow the same dynamic as in meiosis
| (Figure 33) (Monen et al., 2005; Pelisch et al., 2019; Schvarzstein et al., 2010). For this reason,
it is plausible that the dynamics of microtubules are comparable between anaphase | and

anaphase 1.
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Figure 33: Localization of kinetochore components on meiotic chromosomes. Schematic showing

the meiotic chromosomes during meiosis | and Il division. Each bivalent, from diakinesis to metaphase
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of meiosis I, consists of a pair of homologous chromosomes comprising a pair of sister chromatids.
Homologous chromosomes separate during meiosis | division and sister chromatids separate during
meiosis Il division (b — f). The localization pattern of indicated proteins on bivalents during meiosis |
and meiosis Il divisions are illustrated in red. The meiotic chromosomes (a pair of homologous
chromosomes during meiosis | and a pair of sister chromatids during meiosis Il) are shown in blue. (b)
Outer kinetochore components localize to a cup-like structure (red) surrounding the bivalent. (c) In
contrast, inner kinetochore components and condensin components localize through the chromosomal
DNA. HCP-3/Ce.CENP-A is removed from chromosomes prior to meiosis Il division. (d) The cohesin
complex (red), which localizes to cohesion between homologous chromosomes (blue) and between
sister chromatids (blue), forms a cruciform shape. (¢) The chromosomal passenger complex (red)
colocalizes with cohesin only to be resolved. (f) BUB-1 (red) colocalizes with outer kinetochore
components (shown in red in b) and chromosomal passenger proteins (shown in red in e). (Kitagawa,
2009; Monen et al., 2005)
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Objectives of my thesis

In the introduction, we saw that the nematode M. belari has an intriguing reproductive
system where males are amphimictic and sexually produced while females are gynogenetic and
therefore asexually produced. In gynogenetic oocytes, meiosis consists of only one complete
meiotic division, with the extrusion of a single polar body. In amphimictic oocytes, there is a
two-step division producing two polar bodies. Thus, during its life, a given female will undergo
two types of meiotic divisions, to generate either males or females. My thesis is subdivided into
three main parts. 1) the characterisation of the meiotic division of gynogenetic oocytes, 1) the
determination of factors defining the kind of meiosis in oocytes and Il1) the development of

tools in a new model species.

The first objective of my thesis was to describe and characterise the missing step in the
meiosis of gynogenetic oocytes. To this end, | used cytology. | proceeded by analogy with the
well-described meiosis of the closest species to M. belari, C. elegans. In parallel, our
collaborators at ISEM (Montpellier) characterized the genome of M. belari. Our results were in
contradiction, which pushed me to further explore the mechanism of meiosis in M. belari. With
this first project, we discovered a new type of chromosome segregation, involving biased
segregation of recombinant chromatids. This work is presented in Chapter 2.

The second objective of my thesis was to identify how a given female can produce two
different meiotic programs. The team had previously shown that the proportion of males varied
with the age of the mothers: a young female produces more males than an older one. This
suggested that alternation in the meiotic process could be under maternal control. We, therefore,
hypothesized that a differential maternal deposit of mMRNA or proteins could determine the fate
of the oocytes and the execution of meiosis. Before my arrival in the team, single embryo
transcriptomes had been obtained and analysed. | developed the smiFISH (single molecule
inexpensive Fluorescent In Situ Hybridization) technique in M. belari as well as RT-gPCR on
single oocytes and performed functional analysis with RNAI and CRISPR/Cas9 to validate
some candidates. This project, still ongoing, is presented in_Chapter 3.

All my projects would have benefited from efficient tools to manipulate the genome of
M. belari, namely RNAI, knock-out and transgenic lines expressing fluorescent reporters. As
described below, RNAI is not very efficient in M. belari. I, therefore, concentrated my efforts
to implement the CRISPR/Cas9-based editing techniques in this species. Although I succeeded
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in establishing knock-out lines this way, | failed to generate knock-in lines, despite many

attempts. This work is summarised in_Chapter 4.

Finally, | decided to summarize my readings on asexuality and cytology, including my
findings on M. belari, in a review. This part of my work is presented in Chapter 1 because it
complements the information presented in the introduction. Nevertheless, it is not necessary to

read this first Chapter to understand the results presented in Chapters 2 to 4.
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Material and Methods

Nematode strains and culture

M. Dbelari species JU2817 (PRJEB30104, genome ID: UZWAO01000816.1) is
maintained at 20°C on NGM plates seeded with E. coli OP50, following C. elegans protocols,

as described in (Grosmaire et al., 2019).

Immunostainings on gonads and embryos

Immunostainings were performed as described in Grosmaire (2019). Gravid females
were dissected on slides coated with 0.25%poly-lysine in 0,5X M9 (diluted 1:1 in H20). After
freeze-cracking, the fixation of samples was performed by immersing slides into methanol at -
20°C for at least 5 min. Commercial primary antibodies (dilution indicated in brackets) were as
follows: mouse anti-a-tubulin (Sigma DM1A, 1:2000), rabbit anti-H3pT3 (07-424; Merck
Millipore, 1:1000) and mouse anti-SMO-1 (DSHB SUMO 6F2, 1:3000). Mb.HORMA and
Mb. BUB-1 were used at 1:700 and 1:3000 dilution, respectively. As secondary antibodies, we
used a Cy3 donkey anti-rabbit secondary antibody (Jackson ImmunoResearch #711-165-152,
1:1000) and an Alexa488 donkey anti-mouse secondary antibody (Jackson ImmunoResearch,
#715-545-150, 1:2000). All antibodies were incubated at room temperature for 45 min except
for Mb.HORMA when co-stained with H3pT3 which was incubated at +4°C overnight. DNA
was stained using Hoechst 33258 at 0,5 ul/ml (Merck Sigma-Aldrich, 94403). For co-staining
of Mb.HORMA and H3pT3, we used the FlexAble kit (anti-mouse, CoralLite Plus 488,
Proteintech) to directly label Mb.HORMA, which was used as a pure solution. Images were
acquired using a confocal microscope (Oil immersion 63X objective - LSM800 Airyscan,
Zeiss). Z-stacks of embryos were acquired every 0.15 um. Finally, acquired images were treated

using ImageJ 1.53t software.

Antibody production

Specific antibodies against Mb.HORMA (g17455) were produced by injecting rabbits
with two synthetic peptides: KTYRLDKSTPGV and YDTKTLYDFDHPDAL (Covalab,
Lyon). Polyclonal antibodies were affinity purified from serum obtained at day 74 post-
injection. Specific antibodies against BUB-1 (g12204) were produced as described above, also
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using two synthetic peptides: SPIVEDQDHENSTNG and SLMAQNQQEEQKGTA (Covalab,
Lyon).

EdU Pulse/Chase
EdU sample preparation

The protocol was adapted from Almanzar (Almanzar et al., 2021). In order to obtain
diakinesis oocytes and early embryos for which only one chromatid per chromosome was
labeled with EdU, we had to optimize the protocol for M. belari. First, we synchronized worms
using axenization, as described in (Grosmaire et al., 2019). Briefly, worms were collected and
treated with bleach and NaOH in order to dissolve all individuals except the embryos. The
embryo pellet was then washed and placed on plates without bacteria, allowing L1 larvae to
hatch. Without food, all L1s were arrested at the same stage after 2 days. L1s were then placed
back on food and allowed to grow for 72h at 20°C. At this stage, young L4 syncrhonized worms
were collected and washed in 1X PBS, 0.1% Triton X . A pellet of ~300ul of worms was
transferred into 200 ul of 10 mM EdU diluted in water (ThermoFisher A10044) to obtain a final
concentration of 4 mIM EdU. The tube was transferred on a tube rotator for 4h at room
temperature. After whashesics) in M9, animals were plated onto fresh NGM plates seeded with

E. Coli and placed at 25°C for 48 before embryos were collected for fixation.

EdU Click-it labeling

Cytology was performed following the instructions provided by the EdU Click-it kit
(ThermoFisher C10337). Embryos and adults were collected and treated with bleach and
NaOH, as described above, to recover only embryos. Embryos were placed on poly-lysine
coated slides, freeze-cracked and fixed in -20°C methanol. Samples were incubated with BSA
2% for 20 min. The slides were then washed twice with PBS. Following the instructions of the
kit, slides were washed for 30 min at room temperature in PBS with 1% Triton X (v/v) and
labelled with Alexa 488-azide for 30 min at room temperature. Samples were washed twice
with PBS and incubated in a tank with Hoechst 33258 for 20 min at RT. Finally, slides were
mounted using ProLong™ Diamond Antifade Mountant (ThermoFisher P36965) and sealed

with nail polish.
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SmiFISH

SmIiFISH protocol is adapted from Tsvanov’s and Hubsentenberger’s protocol
(Hubstenberger et al., 2017; Tsanov et al., 2016).

Design of the probes

Probes are designed using the R script Oligostan (Nucleic Acids Res. 2016 Dec 15;
44(22): e165): https://bitbucket.org/muellerflorian/fish_guant/src/master/Oligostan/. We used

the following parameters: GC content, 40% < X< 60%, dG37 probes Minimum score ScoreMin
< 0.9; PNAS option #1 #2 and #4; Size of the probes, 24 < X <32.

Labelling with smiFISH probes

On the first day, gravid females were dissected in 15 pl of PB buffer (Na;HPO4 1N,
NaH2PO4 1N, H20) on slides coated with poly-K. Dissection enables the release of the embryo
from the gonad. After dissection, 15 ul of PFA 8% was added to the slides. And the slides were
freeze-cracked and fixed in -20°C methanol. After adding 4% PFA to the slides, they were
incubated in 70% EtOH at +4°C overnight. On day 2, slides were washed in 1X PBS and two
times washes in 1X SSC with 15% of formamide. Then, slides were incubated in a dark tank
overnight at +37°C in the Hybridization buffer that contains probes and Stellaris buffer. Probes
were prepared as in the Tsanov protocol (Tsanov et al., 2016). On day 3, slides were washed
successively in 1XSSC with 25% of formamide and 1XSSC. DNA was labeled using Hoechst
33258 at 0,5 ul/ml (Merck Sigma-Aldrich, 94403). Finally, slides were mounted in ProLong®
Diamond Antifade Mountant (Merck Sigma-Aldrich, P36965) and sealed with nail polish.

Airyscan and ImageJ 3D analysis

As with immunostaining, confocal airyscan images were acquired using the Zeiss
LSM800 Airyscan and LSM980 Airyscan using a 63x oil objective and 0.15um interval
between slides. Images were subsequently processed by the airyscan processing method (Blue
2., 3D analysis, automatic low stringency). Processed images were treated using ImageJ 1.53t
software. For EAU experiments, in the inset chromosome images, Z-projection was adjusted for
each chromosome in a given image using the maximum intensity. Analyses were combined

with the 3D projection on the Y-axis using the brightest point method and interpolation.

RT-gPCR
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Quantitative PCR experiments were performed on single embryos. Embryos lysis,
reverse transcription and pre-amplifaication were achieved following the Smart-Seq2 protocol
(Picelli et al., 2014). Samples were purified on beads using JetSeq™ Clean (Bioline, BIO-
68031). Two housekeeping genes were used (g22258 and ¢8248) and validated using
BestKeeper and geNorm (Mestdagh et al., 2009; Pfaffl et al., 2004)). The concentration samples
were normalized according to the target gene. The probes were designed to generate amplicons
of 150 to 200 bp. Quantitative PCRs were performed as presented in the protocol for Takyon™
No Rox SYBR® MasterMix dTTP Blue (Eurogentec, UF-NSMT-B0701). Standard curves
were obtained of population cDNA and ranged from 1ug to 0.064 ng (1:5 dilution). Deposit of
samples was performed in duplicates and duplicates with delta CT> 0.3, were excluded from
the analyses. All genes were normalized with the two housekeeping genes and analysed using
the 2 (-Delta Delta C(T)) method (Livak & Schmittgen, 2001). Boxplots of the relative
expression of each gene were achieved using ggplot2 3.4.1, Rstudio (Wickham, 2016).

Microinjections of antibody or CRISPR complex

Antibody injections

Females were injected with a secondary antibody conjugated with Cy3 (A emission: 565
nm, Jackson ImmunoResearch, approximately 160 kDa, #711-165-152). The antibody was
either diluted in water at a final concentration of 0.7 mg/ml or diluted in HEPES (20 mM final
concentration) at a final concentration of 0.56mg/mL. After injection, worms were immediately
placed on an agar pad 2% in M9 and images were taken with a fluorescent Zeiss A1 microscope,

equipped with a Kappa camera.

CRISPR editing in C. elegans and M. belari

All CRISPR-Cas9 components (crRNAs, tracrRNAs, IDTE #11-05-01-05, IDT
Duplex buffer #11-05-01-03 Cas9, Cat#1081058) were furnished by IDT DNA (Coralville, 1A).
The guides were designed to be 20nt long and have a GC content between 50 and 75%. We
favored PAMs with GGNGG or GNGG sequences. To target the M. belari unc-22 gene
(mbelari.g26112), two guides separated by 85nt (distance between PAMs) were designed on
the forward strand of the 96th exon (5’-GAGAGCTGCCGGAAAGCACG-3’ and 5°-
TGGAGAGTACACATGTGAGG-3’). To target dpy-1 in C. elegans, only one guide was
designed on the reverse strand (5’-GCTACCATAGGCACCACGAG-3’) on the third exon, as
described in (Paix et al., 2014, 2015)
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Species Gene Guide #1 Guide #2 Distance N° exon
strand strand between
forward or forward or guides
reverse reverse
C. elegans dpy-10 - - 3
5’-
GCTACCAT
AGGCACCA
CGAG-3’
reverse
M. belari 85nt 96
unc-22 5’- 5¢-
(mbelari.g261 | GAGAGCTG | TGGAGAGT
12) CCGGAAAG | ACACATGT
CACG-3’ GAGG-3’
forward forward
01126 5’- CGCGGATC 26 nt 1
TGCGGATC | CGCATGAT
CGCGATTT GTCG
GTTG-3’ forward
reverse
04082 5’- 5’- 89nt 2and 3
TATCTACCT | GTGAGCGT
CTGAACGA | CGAGCTGA
GGG-3’ TCGG-3’
reverse reverse
014314 5’- 5’- 5nt 7
TCTCCATTG | TGAACCAA
GGGCTTCT | GAGAAATC
CGG-3’ GGGG-3’
forward reverse
023490 5’- 5’- 233nt 2and 3
CTCCATCA | GCCCGATC
ACTCCAAA | GATCACTG
TCGG-3° GAAG-3’

reverse

reverse
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g3341 5’- 5’- 247nt 1and 2
ATGTGGGA | AGTGGAGG
GTCATCGG | ACGAAGAA
CCGG-3’ GCGG-3’
forward forward

Table 1: Guides RNAs used for the CRISPR technique in C. elegans and M. belari.

CRISPR injections

Firstly a guide RNA was prepared by mixing 3uL of tracrRNA (100 uM, Sigma) and
3uL of crRNA (100 puM) in 4 uL of Duplex Buffer (IDT) and placed 5 min at 95°C followed
by 45min at RT (20-25°C). Before the injections, 2.5 uL of the guide RNA was added to 0.5uL
Cas9 purified protein (10mg/mL, Sigma CAS9PROT-50UG) and the mix was heated for 10
min at 37°C. In the case of C. elegans knock-in, 1 uL of ssDNA repair (250 M) was added to
the mix before being placed for 20 min on ice. To increase the HEPES concentration, 1 pl of
80 mM HEPES was added to the mix, to obtain a final concentration of 20mM. In all cases, the
final mix was centrifuged for 10 min at 4°C before filling the needle. Importantly, without the
addition of HEPES to the mix, the basal concentration of HEPES is 18mM because it is already
present in the Duplex buffer and the Cas9 buffer.

Microinjections

Microinjections of C. elegans and M. belari were conducted using a FemtoJet 4i and an
InjectecMan 4 Manipulator (Eppendorf). Gravid adult females were placed on a dried agarose
pad 3% (w/v) and covered with Halocarbon oil 700 (Merck Sigma-Aldrich, 9002-83-9) to avoid
worm desiccation (as described in (Evans, 2006). Femtotips Il microcapillary needles
(Eppendorf) were filled with 2 uL of CRISPR or antibody mix (see above). Depending on the
experiments, females were injected either towards the gonad in the case of M. belari, inside the
syncytial gonad in the case of C. elegans, or near the pharynx using an input gas pressure of
900 hPa balance pressure. After injection, animals were transferred to a fresh NGM plate
seeded with OP50 by pipetting the worms in a small amount of M9 buffer. For each injected
animal, the F1 progeny was screened for the appearance of DPY or UNC/twitching worms,

depending on the targeted gene.
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RNAI

To produce target-specific dsSRNA, we used a gene-specific PCR product as templates.
For each gene with performed PCR with primers containing the T7 promoter sequence (5'-
TAATACGACTCACTATAGGG-3") at the 5’ end of the primer sequences. PCRs were
performed with TagPolymerase and purified on a column with NucleoSpin Gel and PCR
Clean-up (Macherey-Nagel, 740609.50). In vitro transcriptions were achieved using
MAXIscript™ T7 Transcription Kit (ThermoFisher, AM1312). To anneal the transcript into
dsDNA, samples were heated for 10 min at 72°C and 30 min at 37°C in a thermocycler. The
microinjection mixture was produced by incubating the dsRNA and 12%
Lipofectamine® RNAiMax reagent (ThermoFisher, 13778150) at room temperature for 20 min.

Animals were microinjectied as explained in Microinjections.
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Chapter 1: Alteration of meiosis in asexual
animals

Introduction

This chapter is devoted to the study of the different types of meiosis encountered in
parthenogenetic species. Meiosis is an extremely conserved mechanism present in every species
described to date. As explained in Introduction, while the main steps of meiosis (reductional
and equational division) are conserved, the underlying mechanisms that enable these steps to
be achieved vary. It is these variations that might have permitted the production of unreduced
gametes, which in turn contributed to the emergence of asexuality in parthenogenetic species.
Indeed, in parthenogenetic species, the offspring possess the same ploidy than their progenitor.
During canonical meiosis, the number of copies of each homologue is reduced to a single copy
in the gamete. In parthenogenetic species, female meiosis must be modified to maintain ploidy
from the progenitor to the progeny. But what alterations to meiosis are found in nature?

In the Introduction, we also saw that among these variations, some species have lost
the ability to recombine. Recombination is a determinant event that promotes mixing by
generating new allelic combinations. In parthenogenic species, if recombination occurs, it will
result in some local homogenisation of the genomes, also known as loss of heterozygosity
(LOH). The question, therefore, arises as to the impact on the genome of the different types of
alteration of meiosis. By studying the meiotic process, we are able to infer the theoretical
consequences of a given reproductive system on the genome of the species. While heterogeneity

is assessed by genomic analyses, what could be the contributions of cytology in the analyses?

In this chapter, we define the different categories of meiosis alterations in
parthenogenetic species. We also discuss the impact of a given type of meiosis on the genome
of the species concerned. Furthermore, we highlight the importance of the contribution of

cytology in the study of parthenogenetic systems.
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Abstract

Asexuality is a derived character and asexual species have emerged multiple times
independently over the course of evolution. In animals, asexuality, whereby a zygote inherits
only its mother genome, requires modification of female meiosis, to produce unreduced
gametes. A wide range of changes in the meiotic steps has been described so far. Upon
maintenance of recombination, most of these modifications should theoretically lead to loss of
heterozygosity (LOH). However, a lot of asexuals avoid LOH, strongly suggesting that a
necessary step in the emergence of asexuals is the ability to modify meiosis in a way that
maintains heterozygosity. Deciphering these mechanisms of LOH avoidance is required to
understand the constraints at the origin of asexuality. With this review, we describe some of
these mechanisms. We emphasize that for most species the mechanisms are unknown and there
is a clear need to revisit, with state-of-the-art imaging techniques, the old literature. For that, as
a community, we also need to find a way to convince cell biologists to explore meiosis in
asexuals. Overall, we speak for a simplification of the nomenclature in the field, because in its
current form, it has led to many misinterpretations and may constitute a barrier to further

cooperation between disciplines.
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Glossary

Ameiosis, Apomixis, Parameiotic division, Mitotic-like division or Mitotic
parthenogenesis: Meiosis with a single complete division consisting of the separation of the

sister chromatids.

Amphimixis: Sexual reproduction where the gametes of two individuals fuse to

generate a genetically new zygote.

Automixis: Mechanism of meiosis in parthenogenetic species where the ploidy is

maintained from a progenitor to its progeny.

Equational division: Second stage of meiotic division where sister chromatids are

segregated.

Reductional division: First stage of meiotic division where homologous chromosomes

are separated.

Parthenogenesis: Asexual mode of reproduction in which a new zygote is generated

from a single gamete of a single individual.

Ploidy: Number of copies of each homologous chromosome found in a species.
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Introduction

Meiosis is a universal and specific type of cell division that allows all sexual eukaryotes
to reproduce. This mechanism is highly conserved as it is found in animals, protists and plants.
Meiosis results in the production of haploid gametes. In most cases, the ploidy is re-established
upon fertilization by the fusion of the haploid gametes of two individuals, thus generating an

individual with a mixed genome.

In this review, we will talk about asexual animals. Here, asexuality is defined by the
absence of mixing of the parental genomes. We will discuss only about asexual females which
produce asexual females. Other forms of asexuality exist, for instance, haplo-diploidy and
hybridogenesis (Kennedy, 2021; Lavanchy & Schwander, 2019). It is now well established that
asexuality is a derived character and that sexuality is the ancestral state in eukaryotes (Bell,
1982). Also, asexuals are rare, they represent less than 0.1% of vertebrates and insects (Avise,
2008; Normark, 2014). This scarcity is a paradox in evolutionary biology because, for many
reasons, which have been very clearly exposed in other reviews, asexuality confers a lot of
advantages over sexuality (Maynard Smith, 1971, 1978, 1986; Neiman et al., 2014).

None of the asexual females described so far are haploid, demonstrating that the process
of meiosis has been modified in these species in order to produce unreduced gametes. These
modifications have made the rise of asexuality possible. Which modifications were possible
and which ones were favored? Because asexuality has emerged multiple times independently,
it offers an ideal opportunity to explore the mechanistic and genomic constraints in meiosis.

Although many aspects of sexual meiosis are tightly constrained, other steps in meiosis
show large variations even within sexual species, already showing that changes are possible, at
least in some clades. For instance, in Saccharomyces cerevisiae, Danio rerio or Mus musculus,
Double-Strand Breaks (DSBs) are required to pair homologous chromosomes, whereas DSBS
occur after homologous pairing in Caenorhabditis elegans or females Drosophila melanogaster
(reviewed in (Rubin et al., 2020). In other species, as in males of D. melanogaster, homologous
chromosomes pair but do not recombine (Morgan, 1914). This shows that recombination is not
a necessary step for meiosis (Haag et al.,, 2017) and that for instance evolution in the
recombination machinery could be at the root of the emergence of asexuality. Nevertheless, not
all variations in the process of meiosis are possible and many may cause direct or indirect
lethality of the progeny. If modifications in the meiotic program are not so simple, this might

explain the scarcity of asexual species (Engelstadter, 2008; Neiman et al., 2014).
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Suomailanen in its 1987 opus has given an exhaustive list of asexual species, and the
accompanying modifications of meiosis, when available (Suomalainen et al., 1987). These
many types of modifications can nevertheless be grouped into a handful of categories, which
we will define later. Importantly, the genetic prediction is that, except if recombination is totally
abolished or in other modifiyng the recombination, all types of modifications occurring with
recombination will lead to a total or partial loss of heterozygosity (LOH) in the genomes of

asexuals.

Some parthenogenetic species are indeed homozygous genome-wide, which is puzzling
because homozygosity is expected to reveal deleterious mutations and therefore be detrimental
to fitness (Maynard Smith, 1978). Surprisingly, the parthenogenetic species of the stick insect
genus Timema are entirely homozygous but do not exhibit lower average fitness, moreover, the
species undergo positive selection at a lower rate than closely related sexual Timema (Bast et
al., 2018; Jaron et al., 2022). The reason why some species tolerate becoming homozygous
while others are detrimental has not yet been identified. In the crustacean Daphnia pulex and
Daphnia obtusa, during the asexual phase, the emergence of high LOH levels was recorded
(Omilian et al., 2006; Xu et al., 2011). In the same manner, a drastic homogenisation of the
genome has been reported in sharks (Chapman et al., 2008; Feldheim et al., 2010, 2017; Harmon
et al., 2016; Portnoy et al., 2014; Robinson et al., 2011). However, Daphnia are cyclical
parthenogens and sharks exhibit facultative parthenogenesis, so those species are temporarily
parthenogenetic. Therefore, such transient LOH may be compensated by sexual events, leaving

the species with a reasonable level of heterozygosity (Omilian et al., 2006).

A real paradox arises from the existence of obligate parthenogenetic species that
nevertheless carry widely heterozygous genomes, despite meiotic modification expected to lead
to substantial LOH. Strikingly, few mechanistic explanations exist to reconcile these
contradictions. For a long time, the literature has propagated the idea that most asexual species
are “ameiotic” or mitotic-like” suggesting they do not undergo meiotic recombination anymore,
which indeed would naturally preserve heterozygosity. However, a recent revisit of some iconic
asexual species has demonstrated that recombination is at work (Omilian et al., 2006; Simion
et al., 2021; Terwagne et al., 2022). As we will show in this review, a lot of these assumptions
and classifications are based on old cytological observations which are often unclear and require
re-investigations. Therefore, although asexuality probably arose with mechanisms of LOH

avoidance, such mechanisms have most often not been identified.
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In order to start solving this long-lasting question with modern tools, it is necessary to
combine state-of-the-art cytological techniques developed by cell biologists and state-of-the-
art genomic approaches developed by evolutionary biologists. Such cooperation between
disciplines will greatly benefit from standardization and simplification of the nomenclature,
which has evolved and often drifted from the initial definitions, leading to misleading
descriptions. Consequently, the concepts are not simple for cell biologists and the mechanisms

are difficult to understand for evolutionary biologists.

The outline of our review is: 1) describe why meiosis and mitosis are different and why
ameiotic sex does not exist, i.e. all species undergo meiosis, 2) which categories of
modifications have been described, and propose a simple way to classify them. Show the
paradox because LOH is theoretically expected for most of them but LOH is in fact rare. 3)
show, through examples, why a revisit of the old cytology is necessary, also highlight the few
known mechanisms of LOH avoidance that have been uncovered so far. Throughout the text,
we show why paying attention to the nomenclature is important, and is not only a semantic

point.
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Mitosis and Meiosis are two very different types of cell divisions;
“ameiosis” does not exist in animals, unless otherwise proven

Mitosis is the somatic cell division that ensures the proliferation and maintenance of the
somatic cells. Upon mitosis, sister chromatids (SCs) are segregated into the two daughter cells.
For this purpose, the SCs are attached to the microtubules and bi-oriented towards each of the
two poles of the mitotic spindles. Consequently, daughter nuclei inherit one chromatid per
homologous chromosome, i.e. an assortment of non-sister chromatids (NSCs). In most cases,
mitotic divisions generate two daughter cells of equal size because the spindle is positioned in
the center of the cell. Asymmetric mitosis exists although the asymmetry in size remains limited
in most cases (Betschinger & Knoblich, 2004).

Meiosis is a very different type of division. It occurs only in germline cells and generates
gametes. Meiosis involves two successive divisions with no replication in between (Figure 1).
During meiosis |, the homologous chromosomes (homologs) which have been paired during
meiotic prophase, separate from each other. During meiosis I, the sister chromatids separate
from each other. The orientation of the attachment to the microtubules of the SCs changes
according to the stage of meiosis to specifically separate homologs in meiosis | and SCs in
meiosis Il. In meiosis I, within a given pair of homologs, the SCs are co-oriented to the same
pole, whereas in meiosis I, SCs are bi-orientated to both poles. Thus, in females, meiosis
produces one haploid cell (containing 1 chromatid per homolog) while mitosis generates two
diploid daughter cells each carrying an assortment of NSCs. As we will see below, asexual
species undergo a modified meiosis, which may affect the number of divisions and/or the
assortment of chromatids. For some asexual species, the production of gametes is achieved after
a single cell division and leads to the assortment of non-sister chromatids, exactly as found after
mitosis. However, we argue that these types of meiosis cannot be assigned to mitosis, because

meiosis is different from mitosis for two other essential cellular features.
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Figure 1: List of 20 possible alterations of meiosis and its theoretical consequences on the genome.

The count includes each type of meiosis with or without recombination. The first line refers to canonical
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meiosis. The two columns on the right show the genomic expectations in the long term with and without
recombination. In the case of pre-meitotic endoreplication (E), the assortment of two sister chromatids
with recombination would also result in LOH. The sister chromatids are in dark and light blue,

corresponding to homologous chromosomes. Loss of Heterozygosity (LOH)

First, in contrast to mitosis, meiotic divisions in females do not lead to cell size reduction
of the oocyte (Figure 1). In some species, this is achieved by a very asymmetric positioning of
the meiotic spindle. Hence, after cytokinesis and asymmetric cell divisions, tiny polar bodies
and one large oocyte are formed. In other species, the segregation of chromatids during the
meiotic divisions is not accompanied by cell cleavages, leaving the large size of the oocyte
intact. The four products of meiosis align and only one of those will become the oocyte nucleus.
These are mechanisms allowing the production of large female gametes, full of maternally
contributed material (such as proteins, RNAs and yolk). A second main difference resides in
the composition and organization of the meiotic chromosomes compared to the mitotic
chromosomes. At the early stage of meiosis in prophase I, specific cohesins are loaded on the
chromosomes to ensure sister chromatids association (Severson & Meyer, 2014). The
distinction between mitotic and meiotic cohesins is based on the kind of kleisin present. Kleisin
forms the hinge part of cohesin, the phosphorylation of Kkleisin results in the opening and
removal of cohesin from the DNA. The most conserved meiotic kleisin is the protein REC-8, it
is found between the two homologs and sister chromatids only during meiosis. Premature
removal of REC-8 hinders the integrality of the meiotic process. Another specificity of meiosis
is the pairing of homologous chromosomes. Without pairing the first meiotic division leads to
aneuploidy. Indeed, because the sister chromatids are co-oriented, each chromosome (pair of
chromatids) can move in either direction, instead of segregating away from its homolog.
Successful division in the absence of pairing is only possible provided a change in the
orientation of the sister chromatids. Depending on the species, pairing is mediated by different
sequences (reviewed in (Rubin et al., 2020). In C. elegans, homolog recognition is initiated in
sequences called "pairing centers™. In S. cerevisiae, S. pombe and D. melanogaster, the synapse
originates at the centromeres. Whereas, in males M. musculus and D. rerio, the recognition is
initiated at the telemoric and subtelomeric regions. After correct recognition, homologous
pairing is achieved by the formation of another meiosis-specific element, the synaptonemal
complex. The synaptonemal complex is a ladder-like tripartite structure that physically connects
the homologs. The lateral parts of the synaptonemal complex are attached with meiotic cohesins
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(Woglar et al., 2020). In absence of the synaptonemal complex, pairing is prevented. In many
organisms, the pairing of homologs before meiosis | goes along with recombination.
Recombination is the reciprocal exchange of part(s) of chromatids between homologs, upon
Double Strand Breaks (DSB) induced by the meiotic specific, and highly conserved,
topoisomerase-like protein, Spoll. This exchange creates a cohesive structure, the crossing-
over, that stabilizes the association between homologs. The cytological manifestation of the
crossing-over is the chiasmata. In the absence of crossing overs, as found when chromosomes
fail to pair, the segregation of homologs during meiosis | is abnormal and leads to aneuploidy.
Depending on the species, DSBs are induced before or after homologous pairing. In S.
cerevisiae, Clytia hemisphaerica, D. rerio or M. musculus, for instance, DSBs are necessary for
initiating the pairing of homologs (Munro et al., 2023; Rubin et al., 2020). In contrast, in C.
elegans or S. pombe, homologous chromosomes are first paired, and next DSB and crossing
overs are initiated. The number of recombination events per chromosome is also highly
variable. Indeed, some species, such as C. elegans, Drosophila, mouse, and humans, one or
two recombination events per homolog pair are found, whereas others, such as S. cerevisiae
present an average of six crossing-overs per pair (Chakraborty et al., 2017). Some species
nevertheless show achiasmatic bivalents, i.e. chromosomes that are able to pair but do not
undergo crossing over. Hence, although pairing is essential for proper segregation of
homologous chromosomes during meiosis I, crossing over are dispensable in some cases
(Lenormand & Dutheil, 2005).

In species with holocentric chromosomes, differences between mitotic and meiotic
chromosomes are even more striking. Chromosomes of monocentric species have a single
attachment site to the microtubules. Therefore, in order to separate only the homologs during
meiosis | and not the sister chromatids, the latter must be co-oriented to the same pole. In
contrast, during meiosis I1, in order to separate the sister chromatids, they are oriented towards
each of the two poles. In holocentric species, there is a conflict during meiosis. Because
centromeres extend along the entire length of the chromosomes, co-orientation of sister
chromatids cannot be achieved for all attachment sites to microtubules. To solve this problem,
chromosomes are remodelled into a conformation that enables the sequential segregations of
meiosis. The homologous pairs display a specific cruciform structure where one axis of the
cross separates the homologs and the other corresponds to the limit between SCs. Thus, in
metaphase I, chromatids are not all oriented on the same axis and only the homolog pairs are

perpendicular to the metaphase plate. Of note, holocentricity is compatible with an inversion in

103



the order of segregation events: sister chromatids can separate first, followed by a segregation
homolog during the second meiotic division. Such inverted meiosis has been clearly
demonstrated for instance in the plant Rhynchospora pubera (Cabral et al., 2014).

Some asexual species, as shown below, have lost pairing and homologous
recombination. Consequently, a single division segregating away sister chromatids leads to the
production of an unreduced oocyte. Because such a modified meiosis is genetically identical to
mitosis, these animals have been often categorized as “ameiotic”, “mitotic parthenogens”. We
claim that this nomenclature is really misleading because it suggests the meiotic program has
been lost in these asexuals. However, such species have meiotic-like chromosomes and produce
the oocyte through a typical meiotic-like asymmetric cell division. Switching from meiosis to
a mitotic program during gamete production sounds very unlikely, because meiosis is a very
ancient and overly sophisticated multi-step program. We want to stress that this is not only a
semantic point (see Box 1). This is an important distinction when it comes to deciphering the
mechanistic changes at the origin of asexuality. Hence, unless proven otherwise, all asexual
animals described so far undergo meiosis, although meiosis is modified to various extent

depending on the species, as described below.

All asexual animals undergo meiosis, most modifications theoretically
lead to LOH

In asexual animals, ploidy is maintained, despite the lack of paternal genome
contribution, by the production of unreduced gametes. Many modifications to meiosis have
been described, in particular in exquisite detail by Suomalainen (Suomalainen et al., 1987)
(Figure 1). From a cytological point of view, all these modifications fall into three broad
categories. From the least modification compared to the regular two-step meiosis found in
sexual species to the most number of changes, we find: i) two-step meiotic divisions
compensated by chromosome doubling prior to divisions or after divisions (Figure 1 - E and
F), ii) two-step meiotic divisions followed by a final fusion of two of the meiotic products
(Figure 1- B and C), iii) one-step meiotic division due to abortion of one division (Figure 1- D,
G, H, I and J). In each case, recombination between homologous chromosomes may, or may

not be conserved. Below, we briefly describe these “cytological” categories and in doing so,
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emphasize that the theoretical genetic expectation for most of these modifications is a long-

term loss of heterozygosity (LOH) (Figure 1).

Two-step meiotic divisions with chromosomes endoreplication

One more round of DNA replication can occur in some species, before meiosis (Figure
1 - E, F). This has been called pre-meiotic endoreplication (Luthes 2010, Newton Development
2016, Cuellar 1971, Dedukh et al 2022). Each chromosome being in two copies, the end product
of the two-step meiosis is a gamete with two chromatids per chromosome. Depending on how
the four chromosomes have formed the two pairs, the gamete will inherit two identical
chromatids (SCs) or one chromatid per homolog (NSCs). Upon recombination of the
chromosomes, and because of the random segregation of chromatids at each chromosome, some
chromosomes will have homozygous regions. In the next generation, chromosomes with small
parts of LOH recombine again, increasing the size of LOH. Hence this mechanism
progressively leads to LOH. Note however that if pairing occurs only between the two recently
duplicated chromosomes (identical chromosomes), the recombinant and non-recombinant
chromatids are identical, which is genetically identical as an absence of recombination. In this

case, there is no LOH expected, the zygote will be a clone of its mother.

In other cases, the extra replication step occurs after the two-step meiotic divisions, in
a process called gamete duplication (Stouthamer & Kazmer, 1994; Zhang et al., 2015) (Figure
1F). This modification results in the presence of two identical chromatids in the gamete.
Whether the recombination is maintained or not in the earlier steps, the zygote will immediately
be homozygous genome-wide, i.e. immediate LOH.

Two-step meiotic divisions followed by fusion of the meiotic products

In some species, the two regular meiotic divisions occur without cell cleavage (no polar
bodies are extruded). The four products of meiosis are therefore present, often in a row, within
the oocyte, only one of those will fuse with the sperm DNA. This is the case for instance in
fungi or insects (see Box 1). Asexual species that have emerged in these groups, can restore
ploidy by the fusion of two of these meiotic products, which is facilitated by the absence of
cytoplasmic membranes surrounding the four meiotic products. The mechanism of fusion is for

now still unknown. If the products of meiosis Il fuse, it leads to sister chromatid assortment.
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Cytologically, it corresponds to the fusion of the terminal product of meiosis and has been called
‘terminal fusion’ (Figure 1B). This is found for instance in the insect Pristiphora pallipes
(Comrie, 1938). If the central products fuse, here the products of the first division, it leads to
the assortment of non-sister chromatids, i.e. called “central fusion” (Figure 1C). The term has
been first used by Carson in 1961, who described the mechanisms of facultative
parthenogenesis in Drosophia parthenoegentica, D. robusta with D. mangabeirai (Carson,
1961; Murdy & Carson, 1959; Stalker, 1954). Apis mellifera capensis, Cerapachys biroi are
other examples of insects undergoing a typical central fusion (Cole-Clar, et al. 2017; Oxley, et
al. 2014). If recombination is maintained in these species, LOH is expected distally to the
crossing-over in the case of “central fusion” or proximally in the case of “terminal fusion”. In
the absence of homologous recombination during meiotic prophase, only “terminal fusion”

should lead to immediate and genome-wide LOH.

The term “fusion”, is extensively used in the current literature on asexuals, whereby the
cytological phenomenon is used to describe a genetic content: “terminal fusion™ is used in the
case of “assortment of sister chromatids” whereas “central fusion” means “assortment of non-
sister chromatids”. As discussed in Box 1, it is based on initial descriptions made in specific
taxa, namely fungi and insects (Doty & Menez, 1960; Stalker, 1954). For many species, as
shown below, the products of meiosis are extruded into a polar body (separated from the oocyte
by a cell membrane), and most likely cannot undergo fusion to restore ploidy. Beyond the
semantic point, the classification based on such a cytological description has generated a lot of
confusion in the field. For instance, if a fusion was not observed, authors have concluded that
the division was “apomictic”, which literally means “without fusion”. However, “apomixy” is
also associated with “mitotic-like parthenogenesis” based on the plant nomenclature (see Box
1). This way, some species, such as Artemia and Daphnia, have been wrongly classified for a

long time as species which have “‘lost meiosis”.

Abortion of one meiotic division

Abortive Meiosis |
In abortive meiosis I, the segregation of homologous chromosomes fails, and only sister

chromatids segregate during a single division. It leads to the assortment of non-sister chromatids
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(Figure 1 - D, G and I). There are multiple causes for an abortive meiosis I, such as incorrect
segregation of homologs (Dumont et al., 2010; Hollis et al., 2020; Siomos et al., 2001), tripolar
spindle poles (Yamashita et al., 1993), incomplete spindle rotation (McNally et al., 2016) or a
defect in polar body extrusion (Carmena et al., 1998; Yang et al., 2010). Regardless of the
mechanism, abortion of meiosis | in the presence of recombination, will lead to LOH distally
to the crossing-over, i.e. only the central region of chromosomes maintains some
heterozygosity. If the CO is very close to chromosome ends, LOH is restricted to small regions

at the tip of chromosomes (Oldroyd et al., 2021).

Abortive meiosis | is also occurring when chromosomes are unable to pair during the
early step of meiotic prophase, or if pairing is unstable in the absence of a crossing-over. Indeed,
segregation of chromosomes during meiosis | would lead to aneuploidy if the chromosomes are
not initially bound, because of the co-orientation of the sister chromatids. Therefore, species
for which pairing is lost can restore ploidy only by skipping meiosis | and segregating sister
chromatids away during a single meiotic division. Because an absence of pairing induces an
absence of recombination, the assortment of non-sister chromatids ensures a high level of
heterozygosity genome-wide. This is expected theoretically and has been empirically confirmed
for Poecillia formosa, Meloidogyne incognita and Diploscapter pachys for instance (Abad et
al., 2008; Fradin et al., 2017; Warren et al., 2018). As discussed above, because this type of
modified meiosis is genetically identical to mitosis (segregation of sister chromatids in the
absence of recombination), it has been often called “ameiosis” or “mitotic-like” (see Box 1).
We have seen that this is only an extreme case of modified meiosis, whereby the first steps of
meiotic prophase are skipped (pairing of homologs). We prefer using the term “assortment of
NSC without recombination” to describe such type of meiosis modification. Cytologically, it is
also not very different from an abortive meiosis | due to failure to extrude the first polar body

for instance. As illustrated in Box 2, there are ways to distinguish the two, and the cytological

distinction is essential to understand the theoretical genetic consequences.

Importantly, the mechanisms of meiosis abortion are generally unknown. Yet, for some
species it is clear that the very first step of meiosis during which the synaptonemal complex is
loaded on chromosome axis is absent (Dedukh et al., 2022; Fradin et al., 2017; M. Marais,
2012). In other species, the synaptonemal complex is properly assembled but chromosomes still
fail to complete pairing (Amazon molly (Dedukh et al., 2022)). More work is needed to
understand which molecular changes prevent chromosome pairing in all these species. Other

obvious candidates are the meiotic cohesins whose destabilisation could lead to premature
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release of chromosomes. REC8 has been associated with transition from cyclic parthenogenesis
to obligate parthenogenesis. Three polymorphic RECS8 loci are identified in Daphnia species.
Interestingly, all asexual females carry the same RECS8 insertion upstream of a transposon,
which could interfere with REC8 function (Eads et al., 2012; Molinier et al., 2021). The exact
mechanism is unclear because loss of REC-8 may lead to a total dissociation of all chromatids,
preventing any division. In Cape Honey Bee, a single locus is the major determining factor for
parthenogenesis (Oldroyd et al., 2021). Interestingly, this locus shows similarity with SMC
proteins, a protein family to which REC-8 belongs. Overall, whether many molecular changes

can lead to abortion of meiosis or only very few are tolerated remains an open question.

ex: fish Carassius auratus, the crustacean Procambarus virginalis, the amphibian
Ambystoma, in the rotifer A. ricciae, Rotaria macrura, R. magnacalcarata, and the, M.
enterolobii, and the amphibian Ambystoma (Elinson et al., 1992; Kato et al., 2016; M. and de
W. K. Marais, 1991; Rebecchi, 1991; Triantaphyllou & Moncol, 1977; Yamashita et al., 1993)

Abortive Meiosis 11

In some asexual species (Chapman et al., 2008; Feldheim et al., 2010, 2017; Harmon et
al., 2016; Liu et al., 2007; Portnoy et al., 2014; Robinson et al., 2011; Triantaphyllou, 1966;
Van Der Beek et al., 1998), homologs are properly segregated during meiosis | but the
subsequent separation of SCs fails (Figure 1 - H and J). These phenomena can also be the
consequences of incomplete spindle rotation (McNally et al., 2016) or a defect in polar body
extrusion (Carmena et al., 1998; Yang et al., 2010), as well as a defect in cohesion release of
SCs (Kaitna et al., 2002; Rogers et al., 2002; Siomos et al., 2001). This time, oocytes containing
an assortment of SCs will be produced, thus the genome will become rapidly homozygous.
However, here, the presence of recombination will slightly slow down LOH in comparison to
abortive meiosis Il without recombination, leaving stretches of heterozygosity distally to the

crossing-over (Figure 1- H and J). Here, again, the mechanisms are unknown.

The isopteran clade of Hexapoda is composed of the orders of cockroaches and termites.
In both orders, species have demonstrated the capacity to undergo facultative parthenogenesis.
(Khan et al., 2022; Komatsu et al., 2015; Tanaka & Daimon, 2019). Interestingly in termites,

studies using genetic markers revealed that the mechanism differ according to the species
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(Fournier et al., 2016; Tanaka & Daimon, 2019). In some cases, an association of sister
chromatids is observed (“terminal fusion”). In other, association of non-sister chromatids is
achieved, but through several mechanisms: abortive meiosis I or “central fusion” This example

shows how flexible the meiotic program is in some clades.

The specific case of inverted meiosis

Some sexual species with holocentric chromosomes undergo a two-step meiosis,
although the order of events are inverted (Figure 1 - G and H). SCs chromatids are first
segregated while homologs are separated in the second round of cell division. Demonstrating
an inverted meiosis is a complicated task, which requires the existence of dimorphic
chromosomes (Cabral et al., 2014), in order to distinguish the segregation of chromatids to
chromosomes at each division. Theoretically, abortion of one meiotic division in the case of
inverted meiosis is also possible for an asexual species, generating “assortment of SC " if the
first division fails and ‘assortment of NSC’ if the second division fails. Here again, if
recombination is maintained, LOH is expected. Inverted meiosis with abortive meiosis | have
so far been demonstrated in asexual Coccids and the plant Luzula elegans (Bongiorni et al.,
2004; Heckmann et al., 2014). Inverted meiosis with abortive meiosis Il has been proposed for
Oribatid mites, as discussed below (Archetti, 2022).

Interestingly, the three different categories of meiosis are mediated by distinct
mechanisms, but ultimately have similar features in terms of chromatid content in the unreduced
gamete. Furthermore, the meiosis of parthenogenetic species can be classified according to their
content in chromatids (sister chromatids or non-sister chromatids) and the presence of
recombination (Figure 2). Indeed, the presence of recombination results in LOH (Figure 2 — A,
B). In contrast, association of non-sister chromatids with the absence of recombination ensures

the maintenance of heterozygosity (Figure 2D).
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Figure 2: Influence of recombination and assortment of chromatids on the genome. The assortment
of sister chromatids leads systematically to LOH, as well as the assortment of non-sister chromatids with

recombination.

Mechanisms of LOH avoidance in asexual animals, cytology revisited

We have seen that regardless of the modification of meiosis that has been selected in
the different branches leading to asexuality, most are theoretically expected to generate partial
or total LOH for the asexual animals. In the absence of recombination however, no LOH is

expected and the genome should show a high level of heterozygosity.

LOH is supposedly not good for fitness, and therefore, being an asexual with LOH is
probably counter selected in most cases (although exceptions exist), this could explain why
asexuals are rare (Avise, 2008; Normark, 2014). In agreement with the expectation, a lot of
asexuals show little or no LOH. Is it because most of them have lost recombination? In this

case, it would suggest that loss of recombination is one of the few efficient strategies to
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transition towards asexuality from a regular meiosis. The literature has propagated this idea for
a long time. First because the cytology was often imprecise and has categorized species as
“mitotic-like” suggesting they do not undergo recombination. Second, many studies were based
on the analysis of genetic and genomic analysis alone, and used circular arguments: because
the species is highly heterozygous, it must have lost recombination, but there was no cytological
data to support these conclusions. Such lack of confrontation, or not rigorous enough, between
the cytological and genomic empirical data has led to many misinterpretations. Recent revisits
have shown that many asexuals, even the most famous ones, have not lost homologous
recombination. Hence, the question remains: which mechanism allows the maintenance of
heterozygosity in recombining asexual animals? The question is essential for the field because
it questions at the same time the mechanistic and the genetic constraints in the asexual world.

At the beginning of the 20th century, most asexual species were studied using
cytological approaches, as witnessed by Suomalainen (Suomalainen, 1950; Suomalainen et al.,
1987). With the development of genomic techniques, many authors then sought to understand
how asexuality affects the genome. In many organisms, cytological studies are laborious and
have been discontinued over time. For this reason, there is often little contemporary cytological
evidence of asexual meiosis exploiting up-to-date techniques. Below we describe some species
for which evidence of a lack of pairing and recombination has been clearly demonstrated in the
past. We next present some of these recent revisits, as well as few cases for which a mechanistic
basis of LOH avoidance has been revealed.

True non-recombining asexual/apomictic

The Amazon molly, Poecilia formosa, was described as the first parthenogenic
vertebrate (Hubbs & Hubbs, 1932). Cytogenetic analyses revealed that the pairing of
chromosomes in the females of P. formosa is absent and no bivalents are formed. Thus, only
the separation of sister chromatids is achieved during meiosis Il. Unreduced gametes contain
an assortment of non-sister chromatids without the possibility of recombination (Dedukh, da
Cruz, et al., 2022). Those observations are consistent with genetic analyses that revealed that
the heterozygosity level of P. formosa is 10-fold higher than that of close sexual species
(Warren et al., 2018).
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This is also true for the nematodes D. pachys and M. incognita. Conclude by saying that
in most other cases the conclusions are not so simple and have led to misinterpretations. For
instance, in D. pachys, using cytology authors revealed that homologous pairing is absent in
meiosis I. In absence of pairing, homologs are unable to segregate and the only division
observed consists of the separation of SCs in meiosis Il (Fradin et al., 2017). In addition, the
lack of pairing prevents recombination is abrogated. The same meiotic process is found in the
close species, D. coronatus (Hiraki et al., 2017). In nematodes pairing is also absent in M.
incognita and M. arenaria (M. Marais, 2012; Triantaphyllou, 1963, 1981).

Apomixy revisited, recombining asexuals with LOH, no paradox

The emblematic crustacean Daphnia pulex nicely illustrates the matter. D. pulex is a
cyclical parthenogenetic species that can be maintained as an obligate parthenogen. In this
species, LOH is observed during the asexual phase and might be counterbalanced by sexual
events (Omilian et al., 2006). During the asexual phase, the meiosis of D. pulex has long been
described as apomictic/ameiotic, i.e. non-recombining asexual (Kuhn, 1908; Ojima, 1954,
Zaffagnini & Sabelli, 1972). This was based on the presence of a single polar body. As
explained in Box 1, cytological studies used the observations made in fungi and insects as
reference. In these species, the first step of meiosis produces two haploid polar bodies, (because
the first polar body also divides into two cells after being extruded) (Tremblay & Caltagirone,
1973), while the second step produces a single polar body. For this reason, the authors
concluded that meiosis | was not present in D. pulex and only sister chromatids segregated.
Therefore, the authors assumed that the mechanism was genetically similar to mitosis and
indirectly that chromosomes should not recombine. This led to a contradiction because the
absence of recombination should prevent LOH. Reinvestigations using detailed cytology have
revealed that during the asexual phase, homologous chromosomes are paired at the onset of
meiosis |. Next, the segregation of homologs is initiated but aborted. Consequently, univalent
chromosomes align on the metaphase plate and a second meiotic division occurs, segregating
sister chromatids away. The unreduced gamete therefore contains an assortment of NSCs and
one polar body is produced (Hiruta et al., 2010, 2012). Genomics analysis confirmed that
chromosomes recombine (Omilian et al., 2006; Xu et al., 2011). Hence, the contradiction was
solved: assortment of non-sister chromatids upon recombination leads to LOH, in agreement

with the observed genomic pattern.
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Apomixy revisited: recombining and no LOH: an unsolved paradox

Adineta vaga is another interesting example. Here, the old cytology was in agreement
with the genomics (Hsu, 1956a, 1956b), but as Simion & al. revisited the cytology, they
revealed a paradox (Simion et al., 2021; Terwagne et al., 2022). A. vaga is a bdelloid rotifers
also known as an “asexual scandal " because despite its obligate asexuality, it is probably
asexual for more than 50 million years (Poinar & Ricci, 1992; Tang et al., 2014). Bdelloid
rotifers have been also qualified for decades as “apomictic”, meaning pairing is prevented thus
no recombination can occur (Melone & Ricci, 1995). Genomic data revealed that A. vaga has a
largely heterozygous genome which was consistent with an absence of recombination.
However, recent cytological investigations have demonstrated that during the meiosis of A.
vaga, homologous chromosomes form pairs and that a unique meiotic division segregate sister
chromatids apart, i.e. abortive meiosis | (Simion et al., 2021; Terwagne et al., 2022).
Importantly, joined cytology and genomics revealed that the six pairs of homologous
chromosomes recombine (Simion et al., 2021). This work has highlighted a paradox because A.
vaga is an ancient recombining asexual, which nevertheless maintains a highly heterozygous
genome. At this stage, the mechanism of LOH avoidance is unknown but hypotheses on the
displacement of crossing-overs at the tip of chromosomes or implication of horizontal gene

transfer have been proposed (Hespeels et al., 2014; Simion et al., 2021).

Recombining asexual and LOH at the tip: no paradox, displaced CO

A. mellifera capensis, the Cape honey bee, is a facultative parthenogenetic species.
When the queen of a colony is lost, workers spontaneously produce queens and workers via
parthenogenesis. Joined cytology and genomics revealed that, in A. mellifera capensis, diploidy
is maintained by assorting NSCs and recombination is present, although the genome is
heterozygous (Baudry et al., 2004; Cole-Clark et al., 2017; Goudie et al., 2012). Interestingly,
the recombination differs according to the fate of the eggs. In future queens, recombination is
comparable to sexually produced queens. In contrast in future workers, the rate of
recombination is lower and limited to the tips of chromosomes. Hence, only the subtelomeric
regions suffer from LOH without affecting the coding genes. In this species, homologous
pairing and chiasmata are required for the popper segregation of chromosomes (Oldroyd et al.,

2021). This raises a question: how does the decrease in recombination rate translate
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cytologically when chiasmata are necessary for segregation? In this context, cytology and

microscopy are valuable tools for deciphering genomic evidence.
Recombining asexual and no LOH due to directed chromatid assortment

In the nematode Mesorhabditis belari, asexual females are produced upon abortive
meiosis | (Blanc et al., 2023). Here, chromosomes (which are holocentric) are paired and form
a cross-shape structure resembling the chiasmata found in other holocentric species. Evidence
of recombination was confirmed by the use of EdU, which allowed the labeling of one
chromatid out of the two of a given chromosome. If two chromatids of a different color
recombine (which statistically happens in 50% of the combination), a bicolor chromatid should
be visible. Using this approach, the authors demonstrated that all chromosomes recombine and
also that recombination is not restricted to the tip of chromosomes, in the subtelomeric region,
but spans all along the chromosomes. Recombination was also confirmed by a genomic
approach, using the analysis of linkage disequilibrium between loci. M. belari females are
therefore recombining asexuals with an assortment of non-sister chromatids. In such a scenario,
LOH distally to the crossing-over is theoretically expected. However, the genome of M. belari
is heterozygous genome-wide with no signs of LOH, even locally. The authors thus
hypothesized that the NSCs segregation was not Mendelian, but led to the assortment of
chromatids with complementary genetic contents. In other words, that heterozygosity could be
maintained is the recombinant chromatids of a given chromosome pair co-segregated, either in
the egg or in the polar body. By following the segregation of the recombining EdU bicolor-
chromatids, they confirmed such a bias segregation of chromatids. This mechanism, named
Directed Chromatid Assortment, prevents LOH in a recombining asexual. How the
recombinant chromatids become co-oriented during division is for the moment unknown.
Interestingly, distal CO destabilizes the bivalents in the holocentric species C. elegans
(Dernburg et al., 1998), strongly suggesting that distal CO, the other mechanism preventing
LOH, would face difficulties evolving within a holocentric species. Whether DCA is restricted

to holocentric species remains to be demonstrated.

A mechanism based on asymmetric segregation of chromatids has also been proposed
for the other “asexual scandal” Oribatid mites. Cytological observations have revealed that the
species Platynothrus peltifer for instance, has holocentric chromosomes, which form bivalents
at the onset of meiosis, strongly suggesting the chromosome do recombine. From fixed samples,

Taberly has reconstituted the different steps of meiosis and concluded that the second meiotic
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division was abortive (Taberly, 1958, 1960). Oribatid mites would therefore belong to the
category of recombining asexuals, where SCs are assorted. A largely homozygous genome is
expected in this case, although little heterozygosity is expected distally to the CO. However,
Oribatid mites show only a small difference in heterozygosity between sexual and
parthenogenetic strains (Bergmann et al., 2018; Brandt et al., 2021; Palmer & Norton, 1992;
Schaefer et al., 2006)). To reconcile these results, it has been proposed that Oribatid mites may
undergo an inverted meiosis (this is possible because these are holocentric species), combined
with a biased segregation of chromatids (called Z segregation) whereby the recombinant
chromatids cosegregate (Archetti, 2022). In this case, as in the case of M. belari, heterozygosity
would be maintained. However, at this stage, there is no evidence of an inverted meiosis in
Oribatid mites. As mentioned earlier, heterologous chromosomes are needed to formally prove
such an inversion in the divisions (Senaratne et al., 2022). Moreover, the descriptions of the
sequence of events by Taberly in the 60s are limited to a one page article and a single drawing
(Taberly, 1958), so that at this stage, the demonstration that meiosis Il is abortive rather than
meiosis | is really questionable. Therefore, it could very well be that similar to M. belari,
Oribatid mites recombine, fail meiosis I and use DCA as a mechanism of LOH avoidance. The
case of Oribatid mites illustrates very well how important a revisit of the old cytology is
required, although, as pointed out by Taberly himself, exploring meiosis in these tiny animals
is a real challenge.

Conclusion

Here we have seen different possibilities for long term maintenance of asexuals: either
the species does not suffer from becoming homozygous as in the genus Timema (Bast et al.,
2018; Jaron et al., 2022) or because they are transient asexuals, or mechanisms of LOH
avoidance have been selected. So far, two categories of mechanisms are distinguished: those
that influence recombination and those that modify chromatid segregation during meiosis.
Heterozygosity can be preserved by completely suppressing recombination as mentioned
before, e.g. by preventing homologous pairing, by reducing the rate of recombination which
only delays LOH, or by displacing the CO to the tips of the chromosomes. We have seen that
maintenance of heterozygosity can also be ensured by selecting the chromatids which are
inherited by the zygote. By sorting the two recombinant chromatids or the two non-recombinant
chromatids in unreduced gametes using Directed Chromatid Assortment, heterozygosity is
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preserved from mother to daughters and over generations (Archetti, 2022); Blanc et al.,
2023(Archetti, 2022). For now, this mechanism has been demonstrated only in Mesorhabditis
belari (Blanc et al., 2023). It remains hypothetical in the case of Oribatid mites (Archetti). DCA,
or yet to be discovered other mechanisms may exist in other species. All the recombining
asexuals with no signs LOH should be re-examined in this context. This will undoubtedly reveal

other fascinating rewiring of the meiotic program.
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BOX 1: Why does the current nomenclature refer to apomixis, central

fusion and terminal fusion?

In 1973, Tremblay and Caltagirone in “Fate of polar bodies in insects" describe
two classes of modified meiosis: In apomictic (or ameiotic) parthenogenesis the eggs usually
undergo only one mitotic or parameiotic division, which is equational, with expulsion of only
one diploid polar body. In meiotic (or automictic) parthenogenesis maturation is reductional,
and a haploid pronuclei and one or two polar bodies are formed; the somatic number of
chromosomes is restored by fusion of two of the haploid nuclei resulting from maturation, or

by fusion of two cleavage nuclei.

These terms and definitions are widely used for describing asexual animals. We argue
that they have generated a lot of confusion and misunderstanding in the field. In insects, the
two meiotic divisions occur successively without cytokinesis. Hence, the four products of
meiosis, or polar bodies, are aligned in a row within the oocyte. Only the most central haploid
product of meiosis will become the oocyte nucleus (Figure 1C). In asexuals, ploidy can be
restored by the fusion of these meiotic products, by either the assortment of the SCs as for
terminal fusion (fusion of the products of the last division) or an assortment of NSCs in the case
of central fusion (fusion of the products of each initial division). Here, the term automixis is
used because there is indeed a fusion of the meiotic products and after fusion, two products are
left aside. However, if one meiotic division is skipped or is abortive, only two polar bodies are
generated, one of which will become the diploid oocyte nucleus. Semantically, this
modification can be indeed called “apomixis”, because ploidy is not restored by a fusion event.
If the division that is abortive is the first one, there is only an equational division, maintaining
together the non-sister chromatids, which is genetically equivalent to mitosis. For an obscure
reason, over the years, the term “Apomixis”, has been systematically associated with the term
“Ameiosis”, although an absence of fusion does not mean that meiosis is lost, it also does not
mean that an equational division is expected (if meiosis I is abortive for instance). Importantly
also, the assortment of NSC is genetically identical to a mitotic division provided there is no
recombination but, in most species, studied, the loss of homologous recombination has not been

demonstrated.
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BOX 2: Using pairing to assess LOH

The theoretical genetic expectation strongly depends on the presence or not of
recombination. In the absence of recombination, the genome of asexuals will not suffer from
LOH (Figure 1, 2,3). When recombination is maintained, the absence of LOH is not expected
and mechanisms of LOH avoidance must be identified. As demonstrated above, this is not a
simple task, because for many species, following the different steps of the meiotic division is a
real technical challenge. Nevertheless, there is a way to first identify whether there is a
contradiction between the cytology and the genomics, by simply assessing whether
recombination is maintained or not. Achiasmatic chromosomes exist, whereby homologous
chromosomes are paired in the absence of crossing-over/recombination. Proving the absence of
a chiasmata in this context can be a complicated task. However, for sure, if the homologs are
not paired, recombination is impossible. Therefore, identifying whether homologs are paired or
not in an asexual species is a first step to assess recombination. A simple way to evaluate pairing
is to compare the number of chromosomes in mitosis, in any somatic cell, to the number of
chromosomes prior to the meiotic division (i.e. diakinesis stage) (Figure 3). If these numbers
are similar, the pairing does not occur. Conversely, if there are half as many chromosomes in

mitosis as in meiosis, the homologous chromosomes are paired and recombination is possible.
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Figure 3: Evaluation and Influence of pairing on the loss of heterozygosity. A) Schematic
representation of the difference in the number of chromosomes between mitosis and meiosis and
according to pairing. Somatic cells are in grey and germline cells in light orange. Loss of Heterozygosity
(LOH). B-C) Chromosomes of the plant Rhynchospora pubera are paired in meiosis (2n=10). B shows
the 10 chromosomes present during mitosis and C shows the 5 bivalents of meiosis. DNA is in grey.
Images adapted from (Cabral et al., 2014; Vanzela & Guerra, 2000)
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Conclusion

In this chapter, we saw that in parthenogenetic species there are 18 possible manners in
which meiosis can be modified while maintaining the original ploidy. These alterations can be
classified according to the existence of recombination and the content of sister chromatids in
the reduced gamete. We emphasise that the presence of recombination results in at least a local
if not total homogenisation of the genome of the parthenogenetic specie. In addition, we outline
the different mechanisms used to maintain heterozygosity. This underlines the importance of
cytological studies in the exploration of asexual systems. Indeed, these data are crucial for
understanding the cellular and molecular constraints of a given reproductive mode and how
these constraints affect the species’ genome. We also point out the importance of combining
cytology with genomic data and, therefore, the interest in revisiting some cytology performed

with old techniques.
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Chapter 2: Mechanism of heterozygosity
maintenance despite recombination in M.
belari

Introduction

In this chapter, we will focus on the characterization of the meiosis that produces unreduced
oocytes, hence the asexual females. It will be compared to the regular meiosis found in the
oocytes giving rise to amphimictic eggs. We will also explore the consequence of this meiosis
on the genome of the species. There is a direct impact because the contribution of males to the
diversity of the genome is potentially null. Indeed, the males do not contribute any gene to the
gene pool of females and at each generation their DNA is diluted two fold in the genome of

males (Grosmaire et al., 2019).

In gynogenetic oocytes, one polar body is extruded and the resulting egg is diploid. Thus,
several alterations of meiosis can be applied to this system (Figure 33). These alterations are
presented in Figure 34. As also illustrated in Chapter 1, the type of meiotic process affects the
genome content and thus the evolutionary capacity of the species. For instance, in the absence
of pairing, recombination is prevented and initial heterozygosity of the individual is maintained
over generations (Figure 34b). For these reasons, it is necessary to characterize the meiosis M.

belari.
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composition of a zygote, and of a population, upon different types of modifications of the meiotic
program (b-d). Canonical meiotic division as found in regular sexual species is shown on the top (a).
Each bar represents a chromatid. The paternal chromatid is in orange. The maternal chromatids are in
dark and light blue, corresponding to homologous chromosomes. The level of heterozygosity in the
population is shown in the right column. Heterogeneous heterozygosity underlines a disparity in the
level of heterozygosity along the chromosomes. In contrast, homogeneous heterozygosity demonstrates
uniformity in the level of heterozygosity. The coefficient of inbreeding (Fis) corresponds to the expected
level of heterozygosity compared to Hardy-Weinberg's expectation (in a randomly mating population).
Positive Fis indicates a deficit in heterozygous individuals.

In the first part of this chapter, | present our findings on the characterisation of meiosis
in gynogenetic oocytes (Blanc et al., 2023). The cytological results are confronted with the
genomic data, performed by our collaborators (Team Galtier, ISEM, Montpellier). This

approach allowed us to uncover, and next demonstrate, a new type of chromosome segregation.
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While understanding the consequences of unreduced meiosis on the genome of an asexual
species is crucial, it is also important to understand the mechanisms at the origin of this modified
meiosis. In the second part of this chapter | have tried to identify which specific step of meiosis
I, and which molecule is affected in M. belari unreduced oocytes. These results are very
preliminary and further sampling will be required to validate the conclusions.
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Results

Co-segregation of recombinant chromatids maintains genome-

wide heterozygosity in an asexual nematode
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One sentence summary

Genome wide heterozygosity in the asexual nematode Mesorhabditis belari is achieved

by directed assortment of recombinant chromatids during female meiosis
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Abstract

In asexual animals, female meiosis is modified to produce diploid oocytes. Associated
with recombination, this is expected to lead to a rapid loss of heterozygosity, with adverse
effects on fitness. Many asexuals, however, have a heterozygous genome, the underlying
mechanisms being most often unknown. Cytological and population genomic analyses in the
nematode Mesorhabditis belari revealed another case of recombining asexual being highly
heterozygous genome-wide. We demonstrated that heterozygosity is maintained because the
recombinant chromatids of each chromosome pair co-segregate during the unique meiotic
division. A theoretical model confirmed that this segregation bias is necessary to account for
the observed pattern and likely to evolve under a wide range of conditions. Our study uncovers

a new type of cell division involving Directed Chromatid Assortment.
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Introduction

Asexual animal species are composed of females, which produce diploid daughters
without paternal genome contribution. Asexuality requires the production of diploid oocytes
and hence, a modified female meiosis. Asexuality, which is derived from sexuality, has
emerged multiple times and independently over the course of evolution and many routes to
producing diploid oocytes have been documented (1-3).

Depending on the type of cellular modification, different genetic outcomes are expected
(Figure 1A). A common prediction is that most modifications should lead to loss of
heterozygosity (LOH). For some species, the entire meiotic program is achieved as in sexual
species, however the final haploid nucleus undergoes a duplication event (gamete duplication),
which immediately generates a homozygous individual (Figure 1A). When there is homologous
recombination and one of the two meiotic divisions fails, either because the division is abortive
or because the product of meiosis fuse back, LOH is also expected either distally or proximally
to the crossover location (Figure 1A). Hence, maintenance of heterozygosity is theoretically

expected only in species for which meiotic recombination is largely reduced or totally abolished
(4).

LOH is expected to negatively affect fitness due to the exposure of recessive deleterious
mutations at diploid state. This has been suggested as a potential cause of the relative scarcity
of asexual organisms in nature (5), and a selective pressure for reduced recombination rates in
asexuals (6). Species that maintain some level of heterozygosity do not expose deleterious
mutations and as such may circumvent some of the drawbacks of asexuality. In agreement with
this expectation, a number of asexual lineages display appreciable amounts of heterozygosity
(7-10). Yet, except in species for which a total loss of recombination has been demonstrated
(for instance (11, 12)), the mechanisms of heterozygosity maintenance are still debated (7).
Therefore, there is still a need to confront the cytological description and empirical genome

data to reach a clear understanding of the genomic and cellular constraints in asexual animals.

We explored the mechanism of meiosis in the auto-pseudogamous nematode
Mesorhabditis belari (Figure 1B) (13). In this species, a female produces a majority of diploid
oocytes, which although fertilized by a sperm, develop only from the maternal DNA and
become females (gynogenetic embryos). The same female also produces ~10% of haploid
oocytes through regular meiosis, which once fertilized undergo fusion of the parental genomes.

These amphimictic diploid embryos will give rise to males because active sperm cells always
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carry a'Y chromosome (13). Hence, this species produces 90% asexual females and 10% sexual
males. In M. belari females, which most likely have maintained recombination for the
production of regular oocytes (for the rare males), we asked which modification of meiosis has

been selected to produce the asexual females and with which genomic consequence for the
species.
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Materials and Methods

Nematode strains and culture

Mesorhabditis species are maintained at 20°C on NGM plates seeded with E. coli OP50,

following C. elegans protocols, as described in (13).

Immunostainings on gonads and embryos

Immunostainings were performed as described in (13). Gravid females were dissected
on slides coated with 0.25%poly-lysine in 0,5X M9. After freeze-cracking, fixation of samples
was performed by immersing slides into methanol at -20°C during at least 5 min. We used a
mouse anti-tubulin antibody as primary antibody (Sigma DM1A, 1:2000) and an Alexa488
donkey anti-mouse secondary antibody (Jackson ImmunoResearch, #715-545-150, 1:2000).
Both antibodies were incubated at room temperature for 45 min. DNA was stained using
Hoechst 33258 at 0,5 ul/ml (Merck Sigma-Aldrich, #94403). Images were acquired using a
confocal microscope (Oil immersion 63X objective — LSM800 and LSM980 Airyscan, Zeiss).
Z-stacks of embryos were acquired every 0.15 um. Finally, acquired images were treated using

the ImageJ 1.53t software.

EdU Pulse/Chase protocol

The protocol was adapted from (15). In order to obtain diakinesis oocytes and early
embryos for which only one chromatid per chromosome was labeled with EdU, we had to
optimize the protocol for M. belari. First, we synchronized worms using axenization, as
described in (13). Briefly, worms were collected and treated with bleach and NaOH in order to
dissolve all individuals except the embryos. The embryo pellet was then washed and placed on
plates without bacteria, allowing L1 larvae to hatch. Without food, all L1s were arrested at the
same stage after 2 days. L1s were then placed back on food and allowed to grow for 72h at
20°C. At this stage, young L4 synchronized worms were collected and washed in 1X PBS, 0.1%
Triton X. A pellet of ~300ul of worms was transferred into 200 ul of 10 mM EdU diluted in
water (ThermoFisher A10044) to obtain a final concentration of 4 mIM EdU. The tube was
transferred on a tube rotator for 4h at room temperature. After washes in M9, animals were

plated onto fresh NGM plates seeded with E. Coli and placed at 25°C for 48 before embryos
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were collected for fixation. As summarized in Figure S2, we deducted that two rounds of S

phase precede meiotic prophase during M. belari oogenesis.

EdU Click-it labeling

Cytology was performed following the instructions provided by the EdU Click-it kit
(ThermoFisher C10337). Embryos were collected after axenization, as described above.
Embryos were placed on poly-lysine coated slides, freeze-cracked and fixed in -20°C methanol.
Samples were incubated with BSA 2% for 20 min at room temperature. Slides were then
washed twice with 1X PBS. Following the instructions of the kit, slides were washed for 30
min at room temperature in 1X PBS with 1% Triton X (v/v) and labeled with Alexa 488-azide
for 30 min at room temperature. Samples were then washed twice with 1X PBS and were
incubated in a tank with Hoechst 33258 for 20 min at room temperature. Finally, slides were
mounted using ProLong™ Diamond Antifade Mountant (ThermoFisher P36965) and sealed

with nail polish.

Airyscan and ImageJ 3D analysis of EdU-labelled recombinant chromatids

As with immunostaining, confocal airyscan images were acquired using the Zeiss
LSM800 Airyscan and LSM980 Airyscan using a 63x oil objective and 0.15um interval
between slides. Images were subsequently processed by the airyscan processing method (3D
analysis, automatic low stringency, Zen Blue 3.3). Processed images were treated using ImageJ
1.53t software. 1Analyses of each chromosome were done using a combination of Z projection

and 3D projection on the Y-axis using the brightest point method and interpolation.

DNA and RNA preparation for sequencing

We performed DNAseq on 10 strains of the auto-pseudogamous species M. belari
coming from different locations in Europe. For each strain, one gravid female was initially
collected in the wild and left to lay eggs in a Petri dish. This constituted a single strain, which
was frozen in our collection. For sequencing, we amplified the animals and extracted the DNA
for each strain. Briefly, mixed stage worms were collected, washed in M9 and a pellet of ~300

ul of worms was frozen in liquid nitrogen. After thawing, 600 ul of Cell Lysis Buffer (Qiagen
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Cell Lysis Solution #158906) was added, as well as 6 ul of proteinase K at 17 ug/ul and
incubated for 3h at 65°C. We next incubated the mix for 1h at 37°C, supplemented with 40 ul
of RNAseA (at 5 mg/ml). 200 ul of Protein Precipitation Solution (Qiagen #158912) was next
added and after 5min on ice, the mix was centrifuged for 10 min at 13000 rpm at 4°C. 600 ul
of isopropanol was added to the supernatant. After 10 min at room temperature, the mix was
centrifuged at maximum speed and the pellet was rinsed twice in ethanol 70°C. The pellet was
dried and resuspended in nuclease free water.

For the analysis of genotype inheritance in sisters, we isolated gravid females, for each
species, let they lay eggs and after few days isolated 3 virgin daughters. The mRNAs of each
single female were extracted using the SmartSeq2 protocol, as described in (30).

For all samples, genomic libraries (insert sizes of ~550 bp) were prepared using
TruSegNano and the libraries were sequenced on a HiSeq4000 with 100 bp paired-end read
length.

Heterozyqosity analysis

For each of the 10 strains of M. belari, reads were mapped to the assembled genome of
M. belari with BWA (31). BAM files were produced with SAMtools (32) and heterozygosity
was estimated for each strain using ANGSD (18) using the SFS estimation for a single sample.
Recombination at the extremities of the chromosomes could explain a limited decrease in
heterozygosity, the rest of the chromosome remaining non-recombining. To test this,
heterozygosity was calculated on 5000 bp windows. A decrease in heterozygosity at the ends
of the contigs was then looked for, graphically. At first, we detected homozygous portions in
the JU2817 strain. But these portions were twice as low in coverage as the rest of the contigs,
which could be explained by an assembly error due to too much divergence between the two
alleles. A similarity search with blastn allowed to detect the presence of indels between the two
alleles, preventing a unique assembly of these regions. This pattern was not found in the other
strains and therefore explains the lower heterozygosity of this strain compared to the others (i.e.

haplotype divergence).

Genotype inheritance
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RNAseq was performed for three sisters in each of the two auto-pseudogamous species
M. belari and M. monhystera and the two sexual species M. spiculigera and M. longespiculosa.
For each species, reads from the three individuals where pooled to assemble a transcriptome:
adapters were clipped from the sequences, low-quality read ends were trimmed (phred score
<30) and low quality reads were discarded (remaining length <36bp) using trimmomatic (v0.39

(33)). Paired-end transcriptomes were de novo assembled using Trinity v2.13.2 (34).

Reads were mapped on their respective assembled transcriptome with BWA (31), BAM
files were produced with SAMtools (32) and SNPs were called using reads2SNP (35) focusing
on sufficiently covered contigs (minimum contig average coverage = 15X) and positions
(minimum = 20X). In each species, we selected positions in which not only the called genotypes
but also read frequencies varied significantly among sisters. Specifically, for each position, two
multinomial models were fitted to read counts. Model MO (three degrees of freedom) assumed
a common frequency of A, C, G and T in the three sisters. Model M1 (9 degrees of freedom)
rather allowed each of the three sisters to have its own frequencies of A, C, G and T reads. A
likelihood ratio test was performed and we only positions in which MO was rejected (p-val<1.e-
8). This was intended to exclude positions for which the genotype varied among sisters due to

uncertainty in genotype calling.

Measure of linkage disequilibrium

To test for the existence of recombination, we estimated the linkage disequilibrium
using the ten strains of M. belari. For each of the 10 strains reads were mapped to the assembled
genome with BWA (31). BAM files were produced with SAMtools (32) and SNPs were called
with reads2SNP (35). To phase haplotypes, we first used WhatsHap (36) to extract the phase
information contained in reads. Phasing was then completed using Beagle V5.3 (37). Linkage
disequilibrium was computed on 5000 pb windows with LDhelmet V1.10 (20) using

recommended parameters.
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Table S1: Measure of heterozygosity in 10 strains of M. belari

Strain Country Location Heterozygosity
JU2856 France Angles-sur-I'Anglin, Indre 0,01381808
JU2859 |United Kingdom Cambridge 0,01531046
Juz2817 France Orsay 0,00735625
JU3129 |United Kingdom Coventry 0,01419700
JU3151 France Saint-Aigny, Indre 0,01280673
JU3152 France Saint-Aigny, Indre 0,01240229
JU3157 Germany Heidelberg 0,01400762
JU3158 Germany Heidelberg 0,01366134
JU3159 Germany Postdam 0,01459582
JU3388 Ireland Inis Mor, Aran Islands 0,01361719

Results

Diploid oocytes of M. belari are formed after failure of the first meiotic division

We first asked which steps of meiosis were modified to produce diploid oocytes in M.
belari. We followed meiosis, making use of the spatio-temporal organization of the gonad, as
found in the well-studied Caenorhabditis elegans species and other Rhabditidae nematodes
(Figure 2A). We had previously shown that this species is diploid and carries 2n=20 holocentric
chromosomes (13). First, analysis of oocytes in diakinesis revealed that the 20 chromosomes
were always paired into 10 units (n > 200 oocytes). Moreover, many bivalents had a crossed-
shape structure (Figure 2A), which resemble the chiasmata of holocentric chromosomes found
in C. elegans (14, 15), strongly suggesting that chromosomes undergo homologous

recombination in M. belari.

Next, we reconstructed the different steps of meiotic divisions (Figure 2B, C). We
found, as is the case for C. elegans, that oocytes are arrested at prometaphase of meiosis I and
meiosis resumes after fertilization. The long axis of the bivalents is oriented parallel to the

spindle axis, as expected for holocentric chromosomes in regular meiosis (Figure 2C) (14). In
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the Rhabditidae sexual species studied so far, a polar body is extruded at each meiotic division.
The polar bodies are easily recognizable as tiny cells at the edge of the embryo (16). We had
previously shown that all gynogenetic embryos in M. belari had only one polar body
demonstrating that one meiotic division is suppressed (13). We reasoned that if meiosis | was
abortive, the 10 bivalents should dissociate into 20 univalents and no polar body should be
detected at this stage. These univalents should next enter anaphase of meiosis |1, showing two
times 20 DNA stained bodies (Figure 2B). On the contrary, if meiosis | was successful, a polar
body would be extruded, and the 10 univalents would disassemble into 20 units corresponding
to 20 sister chromatids after failure of meiosis Il (Figure 2B). We found many cells showing a
metaphase plates containing 20 DNA stained bodies. We also detected anaphase figures with
two times 20 DNA stained bodies (Figure 2C). Importantly, none of these cells had produced a
polar body. Of note, we also found images of metaphase with only 10 DNA stained bodies,
which we interpret as being either figures of regular meiosis (~10% are expected) or the initial
step of meiosis | before abortion. From these results, we concluded that diploid oocytes in M.
belari are formed after failure of the first anaphase of meiosis I. This modification will lead to
the assortment of non-sister chromatids in the oocytes (equational division only). In the
presence of recombination for all chromosomes, this pattern of inheritance should progressively

lead to LOH, distally to the crossing-over.

M. belari has a widely heterozygous genome

We analyzed the level and the distribution of heterozygosity in the genome of M. belari
females, from our lab strain JU2817 and nine other wild strains, which had been sampled in
different locations around the world (17). We sequenced mixed stage animals from each strain
and mapped the short reads on the assembled genome of M. belari JU2817. Genome-wide
heterozygosity was computed by counting the proportion of heterozygous positions relative to
the total number of positions using ANGSD (18). Each strain being isofemale (see Material and

Methods), the genotype of a strain corresponds to the genotype of a single individual.

We found that all ten strains had approximately the same level of heterozygosity of
about 1,3% [sd = 0.2] (i.e. one residue every 75nt is heterozygous), demonstrating that the
strains behaved similarly in the wild and in the lab (Figure S1 and Table S1). This level of
heterozygosity is unexpectedly high for a meiotic asexual experiencing regular recombination;

itis 10 times as high as in the self-fertilizing nematode Caenorhabditis elegans (19) and similar
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to natural populations of the fruitfly Drosophila melanogaster (20), for instance.
Heterozygosity could be maintained in most parts of the chromosomes and lost only in
subtelomeric regions if crossing-overs were restricted to chromosome ends but we found that

heterozygosity was uniform along all contigs (Figure S1).

To further confirm the maintenance of heterozygosity, we performed a genome-wide
analysis of genotype inheritance, from mother to daughters in M. belari JU2817. We performed
this analysis on the transcriptome which can be easily obtained from single worms. We
analyzed three female individuals descended from the same mother. RNAseq reads were
mapped to the previously assembled M. belari JU2817 transcriptome, genotypes were called,
focusing on sufficiently covered contigs and positions. Under the assumption of active
recombination and random segregation of chromatids, large chromosomal segments - and
therefore a substantial number of SNPs and contigs - are expected to be homozygous in some
of the females (Table 1). In contrast to this prediction, we found only a small minority of SNPs
for which at least one daughter had a homozygous genotype (Table 1). These SNPs were most
often surrounded by SNPs, for which all three daughters were heterozygous, suggesting there
was no real stretch of homozygosity in any female. Among the >3200 contigs with more than
two SNPs, only 9 contigs carried > 2 SNPs homozygous in the same daughter. Similar
proportions were found when the same analysis was performed in another autospeudogamous
species, M. monhystera. As a control, we also analyzed two sexual Mesorhabditis species M.
longespiculosa and M. spiculigera. In these species, we found a large fraction of SNPs with
homozygous genotypes (Table 1), as expected under random mating of gametes, with 737 (out
of 1423, ~52%) and 1371 (out of 2953, ~46%) contigs, respectively, carrying >2 SNPs
homozygous in the same daughter. This analysis indicates that the modified meiosis in
autopseudogamous species of Mesorhabditis (almost) entirely preserves heterozygosity, from

one generation to the next, and in the population overtime.

These results seem to contradict our initial cytological observations. We therefore asked
if despite the presence of structures, which resemble chiasmata, homologous recombination
might be absent, which would then explain the maintenance of heterozygosity in the short and

long term upon assortment of non-sister chromatid.

All homologous chromosomes recombine during female meiosis
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We wished to directly visualize crossing-over as a formal proof that homologous
recombination occurs during M. belari female meiosis. To this end, we used the thymidine
analog EdU, which is incorporated into replicating DNA during oogenesis and can be
fluorescently labelled. M. belari females were bathed in EdU (pulse phase) and then allowed to
recover (chase phase) so that cells next divided and replicated without EdU. We optimized the
pulse and chase periods to obtain chromosomes harboring only one EdU-labelled chromatid
(Figure S2). Upon recombination, we then expected a strain exchange between one EdU-
labelled (shown in pink in Figure 3) and one non EdU-labelled chromatid (shown in blue in
Figure 3, labelled with Hoechst) in 50% of cases, generating bicolor chromatids (blue/pink)
(Figure S2, Figure 3). We first analyzed the color of chromatids in diakinesis oocytes, in which
homologous chromosomes form chiasmata, i.e. bivalents. The expected figures of crossing-
over in holocentric chromosomes has been described in (21) and is depicted in Figure 3A. From
8 oocytes, we identified 26 bivalent chromosomes whose orientation allowed us to
unambiguously distinguish the chromatids within the chiasma. For 12 of them, the two opposed
chromatids had the same color and could not be analyzed. Among the 14 showing opposed
chromatids of different colors, 13 bivalents, showed an exchange of chromatids and only one
showed no exchange (Figure 3A). We also analyzed chromosomes in the female pronuclei of
gynogenetic eggs during the first or second cell-cycle, when chromosomes are condensed and
chromatids clearly visible. Cycles of DNA replication and mitosis had occurred in the absence
of EdU in embryos, generating many chromatids devoid of EdU. Nevertheless, we counted 49
bicolor chromatids from 12 embryos (one representative embryo shown in Figure 3B). This
analysis also revealed that chromatid exchange is not restricted to chromosome ends, as many
chromosomes show large portions of EAU positive chromatids (Figure 3B). These results
demonstrate that exchanges of strands between homologous chromosomes during meiosis are
frequent, and that recombination- not restricted to telomeric regions- does occur in M. belari

during the production of unreduced oocytes.

As another evidence that recombination is maintained in M. belari, we analyzed patterns
of linkage disequilibrium (LD) across loci. In the absence of sex and recombination, alleles are
expected to be strongly associated among loci, with haplotype blocks extending over long
stretches of DNA. Recombination, if at work, breaks allele associations, leading to a decay of
LD as the physical distance between SNPs increases (22). To assess the extent of LD in M.
belari, we analyzed the genomic data previously obtained from the ten strains. We called SNPs

and used the LDHelmet program to estimate the genome-wide distribution of the effective
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population recombination rate p. This analysis indicated that in both species the estimated p
was homogeneously high across the genome (Figure S1), with a point estimate of the average
p of 0.038 per base pair. This implies that LD is lost as the distance between the considered loci
exceeds ~100 bp. The average estimated p in M. belari was similar to estimates reported in
sexual species of arthropods, such as Drosophila melanogaster (20), and indicative of a high

effective population recombination rate in this auto-pseudogamous species.

Chromatid segregation is biased during the unique meiotic division of M. belari

embryos

Our cytological and genomic data are contradictory because recombination and random
assortment of non-sister chromatids should lead to LOH. We reasoned that maintenance of
heterozygosity from mother to daughters, and at the population level, can be achieved despite
recombination, if either the two recombinants, or the two non-recombinant chromatids of a
given chromosome pair co-segregate into the egg during the unique division of meiosis. We
validated this hypothesis using our EdU experiment. Because M. belari chromosomes cannot
be distinguished cytologically (i.e. pairs cannot be recognized), we used a statistical approach.
We reasoned that under the hypothesis of co-segregating recombinant chromatids, we should
always find an even number of recombinant chromatids in the nuclei of one-cell stage embryos,
before the first mitosis. Such a pattern would be obtained very rarely in the case of random
segregation of the 20 chromatids (p-value 0.00048, binomial test, n=11, p=0.5). We reanalyzed
a new set of one-cell embryos, selecting only those in which chromosomes were well spread
out at prometaphase, so that chromosome axis was unambiguously identified. In the 11
embryos analyzed, we always found an even number of bicolor chromatids, ranging from 4 to
8 (Figure 3C and Figure S3). This result strongly supported that the single meiotic division of

M. belari females is unique, as it leads to Directed Chromatid Assortment (DCA).

Modeling the reproductive strategy of M. belari and Directed Chromatid Assortment

during meiosis

To assess whether DCA could reconcile cytological and genomic data, we developed a
population genetics model. As output parameters, we considered the level of heterozygosity

and the Linkage Disequilibrium LD (as measured above) but also the inbreeding coefficient
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Fis. In a randomly mating species (Hardy-Weinberg expectation), Fis equal 0. Fis is negative if
there is an excess of heterozygosity compared to the Hardy-Weinberg expectation, as found in
asexuals that have lost recombination, and positive if there is a deficit of heterozygosity, as in
selfers for instance (23, 24). By analyzing the heterozygosity found in the 10 independent wild
strains of M. belari, we revealed a Fis close to 0, i.e. Fis=0.019 throughout the genome. Such a
value was unexpected for a species with a rate of sexual reproduction close to 0. We had
previously shown that out of 1000 females, no sexual females were produced (13).

We modeled the life cycle of M. belari, including the production of sexual males and
asexual females with a biased sex ratio, the inbreeding mating structure (brother-sister mating
or strong family structure as proposed by (13)), and the modified meiosis with variable
segregation bias (Figure 4A-B). We also allowed for rare production of sexual females.
Although no sexual females have been observed under laboratory conditions, they may exist at
low rate in natural populations and it is an intermediate stage that necessarily occurred in the
transition from sexuality to asexuality. We looked for conditions that could explain the

observed genomic pattern: high heterozygosity, Fis~0, low LD.

First, analytical results and multilocus simulations confirmed that DCA is needed to
explain the absence of LOH. Second, considering deleterious mutations throughout the genome
broaden the conditions that can explain the observed genomic patterns: strict DCA is not
required and sexual females can be produced at low rate (Figure 4C and Supp. Text). Actually,
the production of sexual females at very low rate better explains the low and flat LD pattern
than pure asexuality (Supp. Text). The comparison of results without and with deleterious
mutations also illustrates the central role that recessive deleterious mutations likely play in the
system. Highly homozygotes individuals that should be produced by imperfect DCA or leaky
sex (that should lead to Fis > 0, Figure 4C neutral) are selected against, maintaining Fis close
to zero for a large range of conditions (Figure 4C with deleterious mutations). This also supports
the idea that LOH should be costly and suggests that DCA could be selected as a LOH-

preventing mechanism.

We tested this hypothesis via a modification of the initial model whereby the proportion
of biased chromatid segregation can evolve. We first simulated a sexual species with no
segregation bias, and added a locus controlling the proportion of asexual females produced. We
assumed one mandatory crossover per chromosome. Hence, the asexual females experienced

LOH with associated fitness reduction due to the expression of recessive deleterious mutations
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in homozygotes, a form of inbreeding depression. If inbreeding depression was higher than 0.5
it compensated for the advantage of not producing males and pseudogamy could not evolve. If
inbreeding depression was lower than 0.5, pseudogamy rapidly evolved. Next, we introduced
mutations at a second locus controlling DCA during asexual meiosis (in both directions:
recombinants could be more positively or more negatively associated than at random). We
found that mutations leading to positive association between recombinants were selected for
and that the population rapidly evolved towards complete DCA, preventing the deleterious
effects of LOH. Interestingly, we also found that when mutations affecting pseudogamy and
chromatid assortment were introduced at the same time, the two mechanisms co-evolved,
speeding up and broadening the conditions for the evolution of pseudogamy (Figure 4 and Supp.
Text). On the one hand, the occurrence of some asexual females enabled the evolution of DCA.
On the other hand, once DCA started to evolve, it partly prevented the deleterious effect of
LOH, favoring the evolution of pseudogamy, even when inbreeding depression was higher than
0.5 (Figure 4D).

Our modeling approach thus confirmed that all a priori contradictory observations can be
reconciled by the mechanism of DCA during the unique meiotic division of females and
proposed a selective explanation for the evolution of such a peculiar mechanism from a sexual

ancestor.

142



Discussion

In this study, we found that M. belari asexual females are produced in the presence of
recombination and assortment of non-sister chromatids, which should lead to rapid LOH,
distally to the crossing-over. Our genomic analysis, however, revealed a surprisingly high level
of heterozygosity throughout the genome and no sign of LOH, even locally. Using a
combination of cytological, genomic and modeling approaches, we demonstrated that this
pattern is possible provided the recombinant chromatids of each chromosome pair are not
randomly assorted but instead co-segregate during the unique meiotic division. We named this
new type of non-Mendelian inheritance Directed Chromatid Assortment (DCA). With DCA,
specific pairs of chromatids are chosen during cell division such that the whole set of maternal

alleles is transmitted to offspring (Figure 5).

Most asexual animal models have been characterized either by cytology or genomics,
rarely both, whereas such a combination of approaches was here decisive. We suggest that DCA
may exist in other asexuals displaying highly heterozygous genomes. For instance, DCA is
compatible with the absence or very reduced LOH found in the recombining parthenogenetic
water flea Daphnia magna (25), the asexual females produced by Cape Honey Bee workers
(26) or the Rotifer Adineta vaga (9,46).

During their reproductive life time, M. belari females produce 10% reduced oocytes via
regular meiotic divisions, which develop into sexual males, males being essential for sperm-
dependent parthenogenesis (13). Hence, the meiotic program is intact in this species. This is a
constraint for the evolution of asexuality because upon recombination, asexual females should
experience LOH. We discovered DCA, as a new mechanism of LOH avoidance despite
recombination. Another mechanism of LOH avoidance have been previously proposed for
recombining asexuals, which relies on distal crossing-over location (6, 26). However, distal
crossing-overs are very unstable for the C. elegans holocentric chromosomes and often lead to
aneuploidy (27), suggesting that such mechanism of LOH avoidance could not have been
selected in a holocentric species such as M. belari. A mechanism involving inverted meiosis
(which is compatible with holocentricity), failed meiosis Il and biased chromatid segregation
has been proposed for the maintenance of heterozygosity in Oribatid mites (28, 29). Although
such biased segregation of chromatids remains hypothetical in the absence of further cytological

description, it is conceptually similar to the DCA we describe in our study.
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How did DCA emerge mechanistically during the evolution of auto-pseudogamy in
Mesorhabditis? One hypothesis is that the abortion of meiosis | was first fixed in the population.
If sexual females were initially still produced, it compensated for LOH in the asexuals. Once
DCA appeared, LOH was prevented, next allowing the loss of most sexual females.
Alternatively, a modification of the meiotic program could have generated simultaneously a
defect in anaphase | and a biased segregation of chromatids. At this stage, it is difficult to
speculate on a molecular mechanism, and on a sequence of events, because to our knowledge
no such phenotype has been described in mutants of model species. Yet, it is not inconceivable
that some of the proteins that are loaded on chromatids during recombination remain
specifically attached to the recombinant chromatids, contributing to a directed orientation
during division, or that chromosomes experience an incomplete resolution of the crossing-
overs. More work on the mechanistic basis of meiosis in M. belari is required to address this

question.
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Table 1. Patterns of shared heterozygosity among sisters in four species of

Mesorhabditis.

pseudogamous | pseudogamous | sexual sexual
species M. belari M. monhystera M. spiculigera M.
longespiculosa

#contigs 8381 8632 7099 7564
mean coverage 37X 28X 42X 40X
#polymorphic sites | 34,867 29,664 43,543 20,243
one-heterozygote? 1.44 % 0.42 % 45.3 % 23.5%
two-heterozygoteb 0.89 % 0.99 % 22.1% 27.6 %
three-heterozygote® 97.5% 98.5 % 22.4 % 39.4 %
otherd 0.1% 0.06 % 10.2 % 9.5%

a proportion of polymorphic sites at which exactly one of the three sisters was
heterozygous

b proportion of polymorphic sites at which exactly two of the three sisters were
heterozygous

C proportion of polymorphic sites at which all three sisters were heterozygous

dno heterozygote or unexpected allele call
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Figure 1: Genetic expectation upon modification of meiosis in asexuals and reproductive system
of Mesorhabditis belari. A) Description of the expected genetic composition of a zygote, and of a
population, upon different types of modifications of the meiotic program (b-d). Canonical meiotic
division as found in regular sexual species is shown on the top (a). Each bar represents a chromatid. The
paternal chromatid is in orange. The maternal chromatids are in dark and light blue, corresponding to
homologous chromosomes. Upon recombination, assortment of chromatids after modification of
meiosis generate stretches of homozygosity, shown with hatching. Consequently, the level of
heterozygosity in the population (right column) is decreased. Heterogeneous heterozygosity underlines
a disparity in the level of heterozygosity along the chromosomes. In contrast, homogeneous
heterozygosity demonstrates uniformity in the level of heterozygosity. The coefficient of inbreeding
(Fis) corresponds to the expected level of heterozygosity compared to Hardy-Weinberg expectation (in
a randomly mating population). B) Schematic representation of the reproductive system found in M.
belari as described in (13). Females (in green) produce two types of oocytes. Through canonical meiosis,
a single chromatid per chromosome is transmitted to the oocyte (in blue). The sperm provides in single
chromatid (in orange). The resulting diploid individuals give rise to males. 90% of the oocytes are
however diploid (incomplete meiosis, on the left) in which case the sperm does not contribute DNA.

The individuals give rise to females.
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Figure 2
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Figure 2: Cytological evidence of abortive meiosis | in M. belari females. A) Gonad of a M. belari
female stained for DNA, showing the progression of meiotic cells along the tract. Oocytes in diakinesis
are found on the distal part, with chiasmatic chromosomes. DNA is in blue. Scale bar is 20 um. The
holocentric bivalent chromosomes show a typical cross shape. The bivalents are schematized in blue,
one chromosome is in dark blue and its homolog is shown in light blue. B) Expected figures of
chromosome organization upon failure of meiosis | or meiosis Il in M. belari. A canonical meiosis is
shown on the top. At metaphase, chromosomes orient as a ring. During anaphase, chromosomes
(Anaphase 1) or chromatids (Anaphase 1l) segregate as two rings. PB represent the polar body. C)
Reconstitution of M. belari meiosis in amphimictic (canonical meiosis) and gynogenetic (incomplete
meiosis) embryos from fixed samples. On the bottom, representative gynogenetic embryos, from which
the images are taken, are show. A sperm DNA is visible although it will remain condensed and will fuse
with the female DNA. Tubulin is in green and DNA is in blue. M. belari is diploid carrying 2=20
chromosomes. The dotted line represents the long axis of the meiotic spindle along which the bivalent

chromosomes align. Scale bar is 5 pum.
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Figure 3.
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Figure 3: Evidence of recombination and Directed Chromatid Assortment. Fixed embryos after an
EdU experiment, where one chromatid out of the two is stained with EdU (in pink). DNA is in blue.
Scale bar is 5 um. A) Embryo in metaphase of meiosis | (i.e. no polar body is extruded). The metaphase
plate is perpendicular to the glass slide. Few chromosomes are visible on this lateral view. The expected
exchange of chromatids, as described in (21) is shown as well as the actual images in the inset. B) Two-
cell stage embryo during prometaphase. Most chromosomes have a bicolour chromatid (half blue/half
pink, demonstrating recombination) and an unlabelled chromatid because it has replicated during the
previous S phase in the absence of EdU (entirely blue). C) One representative one-cell embryo in
prometaphase. All 20 chromosomes are shown in the insets. 8 chromosomes are bicolour (#14 is shown
twice). The table summarizes the count of recombinant chromatids from eleven embryos (also shown in
Figure S3).
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Figure 4

A. Life cycle ~ - C. Asexual females with the segregation bias explains the zero Fi5 along
£
Mutations g 2 RIS the chromosomes
S Migration % of sexual female
N diploid
inclvidals in 2 7 ataratem | (1-piN males Fis 0% 5% 0% 5%
subpopulation ’ 1
Segregation
0.5 1 1 J bias (%)
— 50
0 — fs el IN T 4
Reproduction 10
with non-stochastic 3‘, > 1
rates @ and o 05 1 1 1 0.1
E —0
Selection
of breeders 0 25 50 75 100 0 25 50 75 100 0 25 50 75 100 0 25 50 75 100
with fithess W/ " ) .
Position along chromosome (in thousands of loci)
Neutral With deleterious mutations
B. Reproductive pathways D. Evolution of the segregation bias helps the evolution of asexuality
Female
A without LOH Fixed segregation bias Evolving segregation bias Cost of LOH
Automixis Asexually
produced — 0d
o 1.8 Female individuals 03
with LOH 05
0.6
— 08
1-o 1-0 Female
.- Sexually — Gynogenesis
Amphimixis
. ::;3:‘::;5 ! ___ Segregation
@ 0 100 200 300 400 500 O 100 200 300 400 500 bias

Male
Time (in thousands of generations)

Figure 4: Modeling the genomic consequences and evolution of DCA in M. belari A) Simulated life
cycle with associated parameters. The generations are discrete and non-overlapping and we assumed an
island model to simulate the high level of consanguineous mating of natural population of M. belari: the
lower the local population size (N) and the migration rate (m), the higher the level of consanguineous
mating. B) Reproduction can occur either by automixis at rate s or sexually by amphimixis at rate 1 —s.
During automicxis, the rate of LOH is b. b = % corresponds to random assortment of chromatids whereas
b = 0 corresponds to strict DCA. Under sexual reproduction, females are produced at rate f. f is close to
zero in natural population. s and f determine the sex-ratio, r, in the population. C) Fis along a
chromosome as a function of the level of consanguineous mating, with or without sexually produced
females and with or without deleterious mutations. The total population size is 1000 and the migration
rate is m = 0.0005. N = 1000 corresponds to a single population, N = 200 to five large breeding groups,
and N = 20 to 50 small breeding groups. D) Evolution of pseudogamy from an initially sexual population

with different costs of LOH when the segregation bias is fixed or allowed to evolve.

Figure 5
TRANSMISSION POPULATION
I . Mature oocyte Zygote qosi g
Replication Recombination possibilities PRI Heterozygosity Fis
Directed Chromatid Assortment

[ [ ' [] @

W High

[ 2 and 0

J ! U @ Homogeneous

. .

154



Figure 5: Mechanism of heterozygosity maintenance via DCA in M. belari. Schematic representation
of meiosis and DCA during the production of diploid oocytes in M. belari. Homologous chromosomes
(in blue) are initially heterozygous in the mother (shown in nuances of blue). After recombination and
failure of meiosis I, non-sister chromatids do not segregate randomly during meiosis Il. Instead, co-
segregation of recombinant chromatids (in orange) maintains heterozygosity in the progeny and in the

population.
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Figure Supplementary 1: Quantification of heterozygosity and estimation of r. Heterozygosity (A) and
recombination (B) estimated along a representative contig (contig 110) and distribution of heterozygosity (C)
and recombination rates (D) computed on 5000bp windows. Genome-wide average heterozygosity and

recombination rate r are represented by a red bar. Other sexual species, taken from the literature, are depicted
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with a blue bar: a) Homo sapiens (38, 39); b) Gasterosteus aculeatus (40); c) Mus musculus (41, 42); d)
Drosophila melanogaster (20); €) Taenopygia guttata (43); f) Heliconius melpomene (44, 45).
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Figure Supplementary 2: Design and expectations for the Edu experiment. A) Design of EdU pulse-
chase method. Sketch of M. belari gonad showing the number of homologs present at each stage of oogenesis
and optimal EdU incorporation during mitotic S phase (replication phase). B) Expectations for EdU labelling
on the bivalents according to the number of miotic S phases and the duration of EdU incorporation (pulse
phase). An account of the different EdU labels is provided on the right. EdU is pink and DNA is blue. The
observed pattern of EdU incorporation is consistent with EdU exposure during 2 rounds of S phase.

156



Figure S3
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Figure Supplementary 3: Evidence of Directed Chromatid Assortment. 11 images of fixed embryos at

one-cell stage. EdU is in pink and DNA is in blue. The count of bicolored chromosomes is summarized in
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Figure 3. The dotted line shows the chromosome longest axis. Scale bar is 5 um. Some chromosomes are

shown twice, on the transverse and lateral view to better show the chromatid axis.

Supplementary Text Population genomics and evolution of

reproduction in Mesorhabditis

Population genetic structure under the Mesorhabditis life

cycle

Model

General presentation and definition of parameters

The aim of the model is to predict population genomic patterns expected under the
Mesorhabditis life cycle. We consider a single neutral locus with an infinite allele model (IAM)
of mutation. We consider a subdivided population with K demes, each of size N. The total
population is thus Nr= KN. The life cycle is as follows (Figure 1 redrawn from the main text.).
The generations are discrete and non-overlapping. Migration occurs before reproduction
according to the island model at rate m. This simple population structure allows modelling the
breeding structure of Mesorhabditis with high level of consanguineous mating: the lower the

deme size and the migration rates, the higher the level of consanguineous mating.

158



A. Life cycle Mutations ?

at a rate y Q P AR pN females
N diploid N 3
individuals in a < ¥ \ (f (1 — p)N males
subpopulation — Migration
at aratem U )
N(
Reproduction 3
with non-stochastic = \ 5 c)
rates ¢ and o < z </
Selection
of breeders
with fitness W
B. Reproductive pathways '
3 § Female
: without LOH
Automixis Asexually
> g produced
4 i—8 '@ B Fomale individuals
4 with LOH
l-0o @ Female g
Sexually produced
Amphimixis individuals

Male

Figure 1: Mesorhabditis life cycle and parameters of the model.

Automictic reproduction that leads to gynogenetic females occurs in proportion o and
sexual reproduction 1 - ¢. Under automixis, the rate of loss of heterozygosity (LOH) is £ and
depends on the underlying mechanism. With standard central fusion 8 = 1/2 after one crossover
and random assortment of chromatids, and g = 0 if there is no recombination or in the proposed
model of directed chromatid assortment (DCA, hereafter). Under sexual reproduction, the
proportion of females and males is ¢ and 1-¢, respectively. So far, no sexually-produced
female has been observed (corresponding to ¢=0). However, it is possible that they are
produced at low rate in natural populations. If we set o = 1 and 8 = 0, this is equivalent to a fully

clonal model. If we set 0 = 0 and ¢ = 1/2, this is equivalent to a fully sexual model.

To obtain measures of genetic diversity and population structure (F-statistics) we derive
recursions on a set of probabilities of identity by descent (IBD), Qi which leads to

heterozygosity and F-statistics measure of the form [5]:

Hi=1-Q: (1)
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and

Qi — Q;

1-0Q; ©)
To fully describe the model, we need to follow eight probabilities of IBD, noted Qbwhen

the two genes are sampled in the same individuaI,Q'f when they are sampled in two individuals

of the same population, and Qé’, when they are sampled in two individuals from different
populations. The superscript k stands for the sex of sampled individuals (see Figure 2).

Fij =

Q,m
A
[ )
Q" Qf |
) S o I $ $
\ ] ) ) ‘ o |
Y Y Y \_Y_J
! le lef Qlf ’
\ Z szf
\ J
Y
Q,f

Figure 2: Definition of the eight probabilities of IBD. The grey boxes corresponds to demes.

From the parameters describing reproductive pathways (Figure 1) we obtain the
proportion of males, sexual and gynogenetic females as:

p=(1-0)(1-¢) (3a)
xr=(1-0)p (3b)
Xg=0 (3¢c)

from which we obtain the number of males and females in the populations and the proportions
of gynogenetic females among females

Ny = pN (4a) (4b) (4c)
Ny = (1—p)N
(4d) = xgﬂ)
I, oay

We also need to introduce the following compound parameters:

Y = (1 - u)? (5a)
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m? (5b) (5c)

a=(1-—m)*+

1—a
K -1

Y corresponds to the probability that the two sampled genes have not mutated in one generation,
a, respectively b, corresponds to the probabilities that two individuals sampled in a same

population, respectively in two different populations, were in the same population before
migration.

Recursions

We can now write the recursions of the Qi(t + 1) as a function of the Qi(t). At equilibrium

Qi(t + 1) = Qi(t) so we remove the time subscript and directly give the equations at equilibrium:

Q) =Y(R,(3+(1-B)QS) + (1- R,)Q}) (6a)

Qy =T (6b)
+2R,(1 - Rg)(%(%(l BQE:) +(1- %)Q{) + ng)
(e b G - b+ e

2f [ ol , @ Q@
+(1—(1) RQQQ+RQ(1_RQ)(Q2+Q2 )‘|‘(1_Rg) (T‘I‘T 9 )
(6c)
(continued on next page)
(continued from previous page)
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+(1—b)<Ry(7 22)+(1—R)(i+T 92 ))) (6h)

As an example, the rationale of the derivation is given for@) (f + 1), The two copies
sampled in a female are IBD first if none has mutated (Y). Then we must consider that this
female is gynogenetic (Ry) or sexual (1 — Rg). If it is gynogenetic, if heterozygozity has been

lost () the two copies are IBD with probability one, otherwise (1 - ) the probability of IBD is

the same as for the mother, so Q3(t). 1f the female come from sexual reproduction, the two

162



copies are IBD with the same probability as of a random male/female pair at the previous

generation,QTf. The terms in 1/Nm and 1/Nyrthat appear in equations for the@’ and@5
correspond to the probability that two different individuals have the same father or mother,
respectively.

This system of recursions can be written in the matrix form:

Q@ ="1(GJ+C) )

where Q™ is the vector of probabilities of IBD,G is a matrix and C™ a vector, both depending of

the parameters of the model. The solution can be written on the form:

Q" =(I-YG)YC” (8)

where I is the identity matrix.

The Fis statistics measured on genomic data corresponds to Foz in our model as we
compare the IBD of two gene copies sampled either within an individual or at random over the
whole population. It can be defined either for males, females, or for the whole population by

weighting as a function of the sex-ratio:

m Bn B QTQH
-y
f_of
Ff . QD B Q‘Z
s — I3
1 =@y

§ = onQf (1 —am)Q () (@~ 78— (L= 2n)Qy

tm 1 — Tm 5“ - (1 - JI*.m.)Qg 1 - Tm TQR - (1 - j:'m)Qg
(9a) (9b) (9¢)

Simulations

In addition to analytical derivations, an individual-based, multi-locus model was
implemented using the SLiM software [3], where each individual’s genome is explicitly
defined. It allowed to simulate genomic patterns along a chromosome and to introduce
deleterious mutations in the model. Each individual is represented by a unique pair of autosome.
This chromosome consist of L = 105 loci, with a rate of recombination per locus r equal to 1/L
= 10-5, so that on average one recombination event is observed per gametogenesis. Since M.

belari has holocentric chromosomes (there is no specific centromere), the location of the

163



chiasma is randomly drawn according to a uniform distribution along the chromosome. Two
types of mutations are introduced, either neutral (no effect on fitness) or deleterious ones, with
selection coefficient s, set to 0.01, and dominance coefficient h, set to 0.25, and acting
multiplicatively across the genome. The life cycle was the same as described above. Various
population sizes and migration rates were explored to modulate the level of inbreeding and we

specifically studied the effect of the rate of production of sexual females, ¢ and the rate of LOH,
B.

By adjusting the parameters of the model, we also compared the M. belari life cycle with
more standard reproductive modes: full sexuality (o = 0 and ¢ = 1/2), full clonality (¢ = 1 and
r=0), and central fusion automixis (o = 1, and g = 1/2).

From the simulations we computed Fisand the linkage-disequilibrium measure r2 on
neutral mutations at the scale of the whole population:

=1— Ho
Fis H. (10)

with H, the observed heterozygosity (percentage of heterozygous sites) and Hethe expected

heterozygosity :
Ho=23 f0- )
- LT h (112)
a sum over all the n mutations present in the population with fitheir respective frequencies.
r? = 7D2
TAT T BT (12)

where D = map —mams With a and mq the allelic frequency at a first locus A and msand m»at a
second locus B. Only mutations in frequency higher than 5% in the population were used. r2

was calculated for pairs of loci as the function of their distance on the simulated chromosome.

Results

Fis

The general solution of equation (8) can be obtain with the help of Mathematica [6] but
it is formidable, so useless for direct biological interpretation. We thus performed numerical

explorations in the general case. We also obtained approximations under two limit conditions:
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¢ = 0 (no sexually-produced females) and = 0 (no LOH). Under these two conditions we also
used the standard diffusion limit. First we used the following scaling parameters: 6 = 4Nru, ®
= 2Nr¢, B=2Nr[5. Then, we assumed an infinite number of local populations so K,Nr—oo but
that the scaled parameters terms tends towards constant: 6,®,B — cte. We also noted M = 4Nm,

where migration is scaled with the local, N, which can be small.

Assuming no sexually-produced females we obtained:

s 2B+ 6
IS %B+0)+M(oB+00+1) (13a)

IS™ 9B +60)+ M(ocB+ 00 +1) (13b)
_2B+0(1 —0)+oM(oB 1)
PTBAO) + MeB+0o+1)  (13¢)

Assuming no LOH we obtained:

A (1—0)P+ 00
IS™ (1 —0)®(1+ Mo) + o(20 + M(1 + o6)) (14a)
(1—0)®—0oM
Fifs* ~

T (1-0)®(1+ Mo) + (20 + M(1 + 00)) (14b)
(1—0)(c0+ ®) — Mo*?

Frs ~
(1—0)®(1+ Mo) +o(20 + M(1 + 00)) (14c)
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Figure 3: Fisfor the different reproductive modes as a function of the rate of sexually produced females

(2KN¢) for different levels of population structure (KN = 1000, so N = 1000 corresponds to a single
populations and N =20 to a highly structured one).
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We give the three expressions for completeness but we can concentrate on the
expression for the average FisIn natural populations, there is a strong family structure with most
matings occurring between kins. In our model, it corresponds to low migration between demes,

so M close to 0. Then, equations (13c) and (14c) become:

_2B+0(1 —o0)

Hs = B +0) (15)
o (1 —0)(cf + D)
T 1= 0)® + 200 (16)

which both reduce to Fis= (1 - 0)/2 when B=0 or ® = 0. As o = 0.9 in natural populations it
corresponds to Fis~ 0.05, so close to the observed value (Fis= 0.19, see main text). In an
unstructured population (M —oo, and see N = 1000 on figure 3), Fistends to -1 with no LOH
(B = 0) (see also [1]). Here, this is compensated by the strong family structure leading to Fis"
close to 0 as illustrated on figure 3 (see also [2]). It is worth noting that just a little bit of sex or
LOH (higher than the mutation rate: ¢,B > 0) rapidly leads to Fis’close to 1. This is confirmed
by simulations as presented (3 and Figure 4 in the main text). This result is thus very sensitive
to the occurrence of sexually produced females and to low level of LOH. For comparison,

However, simulations showed that because of deleterious mutations, the range of

parameters leading to Fffs close to 0 can be much wider, even when some females are sexually
produced and when the DCA is not complete (Figure 4). This is explained by the selection
against highly homozygotes individuals. This is an important result as a non-zero proportion of
sexually produced females is required to explain the low level of linkage disequilibrium

observed genome wide as presented below.
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Figure 4: Fisfor automixis with different level of DCA (f =0 corresponds to full assortment and § =1/2
to random pairing).

For comparison, figures 3 and 4 also shows the results for full sexuality, full clonality

and standard central fusion automixis (without DCA).
Linkage disequilibrium

Analytical derivations for linkage disequilibrium would require recursion equations for

40 IBD probabilities. We thus only relied on simulations.
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Figure 5: Pattern of linkage disequilibrium as a function of physical distance (in number of loci) for
different rates of sexually produced females (2NK¢ = 0.001,1,100) and for different reproductive
modes.

To understand the specific effect of the DCA we first considered a single unstructured
population. As expected, LD is low and rapidly decreases with physical distance under sexual
reproduction (Figure 5). In contrast, LD is high and independent of physical distance along
chromosome under both full clonality because recombination does not occur, and under
standard central fusion because recombination is not efficient as individuals are mostly
homozygotes. Under complete DCA and without sexually produced females, LD pattern is
intermediate: much lower than under clonality or standard central fusion but higher than under
full sexuality, and decreasing with physical distance (Figure 5). The reason is that, although
new haplotypes are generated by recombination within individuals, they are never associated

together through mating, so recombination is not as efficient as under full sexuality.

When we also consider the effect of population structure, LD is globally higher and the
difference among reproductive modes are less clear under pure neutrality. However, when
deleterious mutations are added the differences become stronger. In particular a very low rate
of sexually produced females is sufficient to make DCA similar to full sexuality whereas much
higher rates are necessary to erase the signature of clonality or standard central fusion (Figure
6).
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Figure 6: Pattern of linkage disequilibrium as a function of physical distance (in number of loci) for different
rates of sexually produced females (2NK¢ =0.001,1,100) and for different reproductive modes.

Conclusion

Overall, the observed genomic pattern is well predicted by the strong family structure
of M. belari populations directed chromatif assortment, sexually produced females at low rate

(which can be unobserved in natural conditions), and the occurrence of deleterious mutations

genome wide.

Evolution of the reproductive system
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In the second model, we study the evolution of the atypical reproductive system of M.
belari from a standard sexual population. Compared to the previous model, the parameters o
(proportion of asexually produced offspring) and S (segregation bias) are no longer fixed but
under the control of two independent evolving loci. Among sexually produced individuals the
proportion of females is set to ¢ = 1/2. Additional simulations where the sex-ratio can also
evolve do not change the results and a sex ratio biased towards males evolved in a second step

(not shown).

We started with a burn-in period where the population evolved under sexual
reproduction. Then mutations are introduced at one or at the two loci controlling the
reproductive mode. Each evolving locus is unlinked with any other locus. Transmission from
parents to children of an evolving locus follows the same rules as transmission of loci on the
focal chromosome, taking into account the potential loss of heterozygosity through
chromosome segregation during gynogenesis. It can take two different values, a resident value,
gr, or a mutant value, gm = gr+ 6. We used 6 = 0.1 to avoid too long simulations. We assumed
additivity between the two alleles so the genotypic value is the sum of the two alleles. At the
beginning of simulations, all individuals are homozygous for the resident allele and a mutant
allele is randomly introduced in one individual of the population. If this mutant becomes fixed
in the population, this mutant allele becomes the resident allele. If the mutant disappears,

another mutant is directly reintroduced into the population at random.

Genotype to phenotype map

The value of o is constrained between 0 and 1 and the value of 8 between 0 and 1/2. The
gynogenesis rate starts at 0 and can theoretically go up to 1, the segregation bias and the
segregation bias start at 0.5 and can reach 0 or 1. So, to map allelic values from ] —oo,+oo[ to

[0,1] we used the following functions:

Ps == (1- f(Gpg))

bo | =

Ps =f(Ga) ; (17)
with

v T b
f 1— (1 — ﬁtan 1((1:1:)) »if g >0 flx) =(18) »
k(l — 2tan~Y(—az)) —1 , otherwise
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The parameters a and b define whether the function tends more or less quickly to 1 as x
increases. We used a = 0.1 and b = 15 but equilibrium results are not sensitive to chosen values.

The gynogenesis rate and the segregation bias are controlled by the maternal genotype.
Inbreeding depression

The supposedly strong barrier to the evolution of asexuality (assuming that automixis
mechanisms can emerge) is inbreeding depression (ID) due to LOH that leads to the exposure
of recessive deleterious alleles. It is calculated as 1 — wi/wo with wo the fitness of sexually

produced individuals and w1 the fitness of asexually produced individuals.

A strong ID should hold back the evolution of automixis if the chromosome segregation
bias is not strong, preventing LOH. Since we only modelled a single chromosome and central
fusion leads to a LOH in only half of offsrpings, the maximum ID is 50%, which is the minimum
value preventing the evolution of asexuality. Asexuality should always evolved under such a
conditions. To allow a broader range of ID values we assumed an additional cost of LOH and

corrected wi to§”" = (1 — )’ Ywy \where n is the number of chromosomes (fixed to 10)

and c is the mean fitness decline caused by LOH per chromosome.

Extinction-recolonisation cycle of subpopulations

In this model, a higher migration rate is set, allowing the evolving loci to be transmitted
not too slowly from one population to another. It should also be noted that here the parameters
controlling reproduction are no longer fixed rates. It is thus possible that populations may
stochastically run out of males, especially if gynogenesis evolves and the percentage of males
decreases. If a population has no more males, it becomes extinct. An extinct population is
recolonised in the generation following its extinction by a male and at least one female randomly
selected from the other population. This pair reproduces and together they form the next

generation of the subpopulation.
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The production of asexual females in Mesorhabditis belari

relies on defective Anaphase B during meiosis |

Authors: Caroline Blanc, Eva Wenger, Marie Delattre

Abstract

The nematode Mesorhabditis belari produces parthenogenetic females. In such females,
diploidy is maintained by the abortion of one step of meiosis. Here we characterized which
aspect of the division is perturbed during the production of the unreduced oocytes. To this end,
we used immunostaining of the meiotic spindle with antibodies against proteins known to
participate in the meiotic divisions in C. elegans. In particular, microtubule staining suggested
that the central spindle fails to form at the end of anaphase | in M. belari. This was confirmed
by the SUMO analysis, which localises between the separating chromosomes in anaphase I,
but not in anaphase 1. Collectively, these results suggest that chromosomes enter anaphase |
without having completed anaphase B. In parallel, our result suggested that M. belari possesses
a HORMA domain protein, whose dynamics contrast with those of C. elegans.

Keywords: asexuality, meiosis, central spindles, H3pT3, BUB-1, SUMO
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Introduction

The nematode Mesorhabditis belari is an auto-pseudogamous species that undergoes
two types of meiotic programs. Canonical meiosis produces reduced oocytes, which will later
develop as males after amphimixis. Females however arise from unreduced oocytes which do
not inherit a paternal genome (gynogenesis) (Grosmaire et al., 2019). We previously
demonstrated that abortive meiosis | maintains diploidy in gynogenetic eggs (Blanc et al.,
2023). In the present paper, we investigate which step of meiosis I is interrupted and the possible

causes of this interruption.

Canonical meiosis is a two-step cell division that results in the formation of a haploid
gamete. After replication, each chromosome has two sister chromatids and the homologous
chromosomes (homologs) are paired to form the bivalent. The formation of a ladder-like
structure, the synaptonemal complex, stabilises homologous pairing. In C. elegans, the
synaptonemal complex consists of four SYP (SYnaPsis in meiosis abnormal) proteins, four
HORMA domain proteins and cohesins (Colaiacovo et al., 2003; Kohler et al., 2017; MacQueen
et al., 2002; Pasierbek et al., 2001; Severson et al., 2009; Severson & Meyer, 2014; Smolikov
et al., 2007, 2007; Woglar et al., 2020). In the individual absence of some of these proteins
(HTP-1/-2; HTP-3, HIM-3, SYPs), pairing is inhibited and homologous chromosomes are not
segregated in meiosis | (Bohr et al., 2016; Cahoon et al., 2019; Severson et al., 2009).

Moreover, no recombination occurs if the homologs are not paired.

In C. elegans, when pairing is achieved, the bivalents form a cross-shaped structure.
The short arms axis delimits the separation of homologs while the long arms axis indicates the
separation between sister chromatids. In metaphase, I, the bivalents are aligned so that the axis
of the short arms is parallel to the metaphase plate. The positioning of the bivalents is ensured
by microtubules that bind to the chromosomes via kinetochores (Dumont et al., 2010)). These

microtubules form a cage that encapsulates the chromosomes.

Anaphases (I and 1) are subdivided into two main phases. Anaphase A is characterised
by a primary separation of the two sets of chromosomes that slide along the microtubule cage
until reaching the pole of the microtubule cage (Dumont et al., 2010; Laband et al., 2017;
Pelisch et al., 2019b)). This is followed by anaphase B, during which the segregation of

chromosomes is completed by the polymerisation of microtubules in the central spindle,
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between the two chromosome plates (Chuang et al., 2020; Davis-Roca et al., 2018; Pelisch et
al., 2019b; Yu et al., 2019)). The central spindle generates pushing forces capable of relocating
a set of chromosomes in the nascent polar body. In addition, in late anaphase I, the cage of
microtubules is disassembled and reassembled in metaphase Il and finally disappears

completely in anaphase I1.

During anaphase, homologous separation requires the cleavage of cohesin-holding
homologs (Ferrandiz et al., 2018; Kaitna et al., 2002). The kinetochores must also disassemble
and some kinetochores proteins are loaded on the Ring Complex (Dumont et al., 2010;
Hattersley et al., 2016; Monen et al., 2005). The Ring Complex, also called the ring domain, is
a dynamic protein complex positioned at the metaphase plate. It is involved in cohesin cleavage,
spindle formation and cytokinesis (Davis-Roca et al., 2018). The Ring Complex is not specific
to meiosis and is also present in mitosis. At the end of anaphase B, half of the homologs are
extruded into the first polar body. Meiosis Il proceeds similarly to the canonical meiosis and
results in half of the sister chromatids extrusion into the second polar globule (reviewed in
(Kitagawa, 2009).

To address the issue of aborted meiosis in gynogenetic oocytes, we based our analysis
on the extent of knowledge about meiosis in C. elegans. In addition, M. belari undergoes both
canonical and altered meiosis. Comparing these two types of division helps to identify the

missing steps in gynogenetic oocytes.
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Material and Methods

Nematode strain, culture and genome

M. Dbelari species JU2817 (PRJEB30104, genome ID: UZWAO01000816.1) is
maintained at 20°C on NGM plates seeded with E. coli OP50, following C. elegans protocols,

as described in (Grosmaire et al., 2019).

Antibody production

Specific antibodies against Mb.HORMA (g17455) were produced by injecting rabbits
with two synthetic peptides: KTYRLDKSTPGV and YDTKTLYDFDHPDAL (Covalab,
Lyon). Polyclonal antibodies were affinity purified from serum obtained at day 74 post-
injection. Specific antibodies against BUB-1 (g12204) were produced as described above, also
using two synthetic peptides: SPIVEDQDHENSTNG and SLMAQNQQEEQKGTA (Covalab,
Lyon).

Immunostainings on gonads and embryos

Immunostainings were performed as described in Grosmaire (2019). Gravid females
were dissected on slides coated with 0.25%poly-lysine in 0,5X M9 (diluted 1:1 in H20). After
freeze-cracking, the fixation of samples was performed by immersing slides into methanol at -
20°C for at least 5 min. Commercial primary antibodies (dilution indicated in brackets) were as
follows: mouse anti-a-tubulin (Sigma DM1A, 1:2000), rabbit anti-H3pT3 (07-424; Merck
Millipore, 1:1000) and mouse anti-SMO-1 (DSHB SUMO 6F2, 1:3000). Mb.HORMA and
Mb. BUB-1 were used at 1:700 and 1:3000 dilution, respectively. As secondary antibodies, we
used a Cy3 donkey anti-rabbit secondary antibody (Jackson ImmunoResearch #711-165-152,
1:1000) and an Alexa488 donkey anti-mouse secondary antibody (Jackson ImmunoResearch,
#715-545-150, 1:2000). All antibodies were incubated at room temperature for 45 min except
for Mb.HORMA when co-stained with H3pT3 which was incubated at +4°C overnight. DNA
was stained using Hoechst 33258 at 0,5 ul/ml (Merck Sigma-Aldrich, 94403). For co-staining
of Mb.HORMA and H3pT3, we used the FlexAble kit (anti-mouse, CoraLite Plus 488,
Proteintech) to directly label Mb.HORMA, which was used as a pure solution. Images were
acquired using a confocal microscope (Oil immersion 63X objective - LSM800 Airyscan,
Zeiss). Z-stacks of embryos were acquired every 0.15 um. Finally, acquired images were treated

using ImageJ 1.53t software.
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Results

H3pT3 dynamics reveal a defect in terminating anaphase | in gynogenetic oocytes

In C. elegans, during anaphase I, homologs segregate while sister chromatids' cohesion
remains intact (Figure 1). This is made possible by the removal of the cohesin REC-8, through
its phosphorylation, specifically on the short arms of the bivalent. The phosphorylation of REC-
8 by the kinase AIR-2 is mediated by Histone 3 Tyrosine 3 specific phosphorylation (H3pT3).
AIR-2 also phosphorylates Histone 3 Serine 10 (Divekar et al., 2021; Ferrandiz et al., 2018;
Hsu et al., 2000). In metaphase of meiosis I, both H3pT3 and H3pS10 are found only on the
short arm of the bivalents. Hence, REC-8 is removed only between homologs. During anaphase,
the H3pT3 and H3pS10 signals persist in between the separating units but progressively vanish
at the end of anaphase. The signal comes back between sister chromatids at metaphase of
meiosis I, allowing the separation of sister chromatids during anaphase. Therefore, H3pT3 and
H3pS10 have a particular dynamic pattern and both histone phosphorylations are well-
conserved histone modifications. However, in M. belari, H3pS10 is not specific and is found
everywhere on all chromosomes at any stage. Thus, we used only an antibody against H3pT3

to reconstitute the dynamics of events during M. belari meiotic divisions.

Figure 1

C. elegans

Metaphase | Anaphase | Metaphase Il Anaphase Il
B A B
- E:—g - @ [+ d |re==0
:—:—% 0o 0B 1==18

REC 8 Microtubule
BUB-1 HTP-1/-2 Chromosome
H3pT3

Figure 1: Schematic representation of the dynamics of seven key meiotic proteins of C. elegans.
REC-8 is in red, BUB-1 is in turquoise, H3T3 phosphorylation is in pink, SUMO (SMO-1) is in yellow
HTP-1 and HTP-2 are in orange, HTP-3 and HIM-3 are in grey, microtubules are in green and
chromosomes are in blue. Homologs are distinguished by the shades of blue (light and dark). Sister

chromatids within a chromosome have the same color.
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First, we found that the antibody is very specific in M. belari. M. belari has 10
chromosomes (2n=20, Figure 2). At the end of prophase I, in diakinesis, 10 units -corresponding
to the 10 bivalents- are observable, each unit possessing H3pT3 in the midvalent region (n=22)
(Figure 2). In metaphase I, the 10 bivalents are organized in a rosette structure and H3pT3 is
aligned parallel to the metaphase plate (h=133 metaphase observed). Anaphase I is defined by
the presence of two rosettes of 10 univalents (each being an association of two sister
chromatids) and by the absence of a polar body. We had previously found that meiosis | fails
because we detect metaphase figures with 20 units forming a ring in the absence of a polar body
(Blanc et al., 2023). These 20 units then separate into two rings of 20 units each, corresponding
to the segregation of sister chromatids during anaphase Il. This division is successful with the
production of a polar body containing 20 units. During this last division, the pattern of H3pT3
was consistent with its dynamic localisation in C. elegans. Indeed, the signal was initially
present at the mid-region of every unit (n=56) and progressively disappeared as anaphase
progressed (n=60). During anaphase | however, different H3pT3 localisations were found: i)
two rosettes with H3pT3 between the two rosettes plates (n=45), ii) two rosettes with no H3pT3
staining (n=20) and iii) two rosettes with H3pT3 staining on the midvalent region of each
univalent (n=55). The two first categories are consistent with the dynamic staining of H3pT3
with a progressive loss of H3pT3 staining between the separating chromosomes. However, the
figures showing H3pT3 in the middle of each chromosome strongly suggested that the signal
was coming back between sister chromatids, as it would do at the very end of anaphase,
although here chromosomes were still close to each other. From this, we concluded that at the
end of anaphase | the univalents come back on the metaphase plate instead of being extruded
in a polar body in the gynogenetic oocytes. Thus, all 20 univalents participate in meiosis Il
which results in the segregation and the extrusion of half of the sister chromatids. The failure

of the first meiotic division is therefore due to a failure to terminate anaphase.
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Figure 2

Male oocyte

Gynogenetic oocyte

DNA
H3pT3

Figure 2: Dynamics of H3pT3 during oogenesis of M. belari. The top image corresponds to a
schematic representation of the chromosomes in amphimictic and gynogenetic oocytes. The homologs
are in light and dark blue and the sister chromatids have the same color. The lower panel shows fixed
gynogenetic oocytes at different stages of meiosis. Anaphase | is not initiated but is abortive. DNA is in
blue and H3pT3 is in pink. * we found 60 images in total, combining these two steps of anaphase

A HORMA domain protein co-localizes with H3pT3

The synaptonemal complex is a tripartite protein complex that stabilizes homologous
pairing in meiosis I. On the lateral sides, sister chromatids are held to the synaptonemal complex
by cohesins and the HORMA domain proteins. In C. elegans, HORMA domain proteins are
loaded on the DNA when the synaptonemal complex is assembled in the transition zone
(leptotene/zygotene stages of prophase 1). They, therefore, testify to the presence of the
synaptonemal complex. The HORMA domain proteins are later removed sequentially from
chromosomes during the two successive divisions. We asked if the same dynamics is observed
in gynogenetic oocytes of M. belari. In C. elegans, there are four HORMA domain proteins
(Figure 1): HTP-1 (Him-Three Paralog), HTP-2, HTP-3 and HIM-3 (High Incidence of Males).
The HORMA domain proteins diverge considerably from one species to another, making it
challenging to find orthologs. Using Blast alignments, we identified 10 genes (mbelari.g17455,
mbelari.g3100, mbelari.5766, mbelari.g12784, mbelari.16537, mbelari.20214, mbelari.g21106,
mbelari.22436, mbelari.25111, mbelari.2546, Figure S1) containing a HORMA domain (Figure
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2A). Among those genes, mbelari.g17455.t1 shows the highest identity in amino acid with the
HORMA Domain protein of C. elegans (respective pairwise Identity with HTP-1:
mbelari.g17455: 18%, mbelari.g3100: 13%, mbelari.5766: 12%, mbelari.g12784: 4%,
mbelari.16537: 11%, mbelari.20214: 9%, mbelari.g21106: 9%, mbelari.22436: 10%,
mbelari.25111: 5%, mbelari.2546: 10%, Figure S1). We named the corresponding protein
Mb.HORMA in the rest of the text. We compared this Mb.HORMA protein to the four proteins
of C. elegans. Pairwise analyses show that the Mb.HORMA protein and the C. elegans proteins
share a low amino acid identity (Figure 2A, S2) although HTP-1 remains the best hit. (Figure
2A, S2). We, therefore, raised an antibody against this putative HORMA domain protein in M.
belari.

We found that the antibody has a very precise signal at the transition zone along the
chromosomes, which is expected from a HORMA protein (Figure 3B). The Mb.HORMA
protein is loaded before the pachytene stage, in the transition zone, and remains present until
metaphase | (Figure 3C). In early prophase I, the Mb.HORMA exhibits the same localisation
as the four HORMA domain proteins of C. elegans.

In addition, in diakinesis and at metaphase | of C. elegans, HTP-1 and HTP-2 which
share 82% of acid nucleic similarity, are found only on the long arms between the sister
chromatids. HTP-3 and HIM-3 co-localise, and are found on the long and short arms without
distinction. HTP-1/-2 staining is not detectable in meiosis Il while HTP-3 and HIM-3 persist
until anaphase Il. The Mb.HORMA protein shows none of these patterns. In diakinesis and
metaphase I, the antibody against Mb.HORMA is found strictly on the short arms of the
midvalent region (Figure 3C). Also, the Mb.HORMA protein and H3pT3 co-stain in the midline
region (Figure 3D). In anaphase |, the Mb.HORMA protein vanishes but is reloaded in
metaphase Il (Figure 3C). Thus, despite initial similarities, Mb.HORMA protein dynamic is not
comparable to those of C. elegans HORMA domain proteins.

In conclusion, the Mb.HORMA-like protein is apparently loaded on the synaptonemal
complex during the leptotene/zygotene stages, as expected. Nonetheless, the Mb.HORMA
protein has unexpected dynamics because it is loaded onto the midvalent region in meiosis |

and Il metaphases.
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Whether this reflects a difference in HORMA protein regulation between species or
whether the antibody recognises another protein linked to the synaptonemal complex remains

an open question.

Figure 3
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Figure 3: New role of a HORMA domain protein in M. belari. A) Nucleic acid alignments in the
HORMA region between Mb.HORMA and the four HORMA domain proteins of C. elegans. The
percentage pairwise identity of all sequences compared to Mb.HORMA is shown on the right of the
image. Squares indicate the matches between Mb.HORMA protein and C. elegans proteins B) Fixed
gonad with the labeling of Mb.HORMA protein. DNA is blue, Antibody against Mb.HORMA is pink.
Scale bar = 20um. C) Fixed oocytes with the labelling of Mb.HORMA protein. In the inset, the dashed
lines surround three chromosomes. DNA is blue, Antibody against Mb.HORMA is pink. Main scale bar
=5um and inset scale bar = 1um. D) Fixed oocytes with co-labelling of Mb.HORMA protein and H3pT3
in diakinesis. DNA is in blue, H3pT3 is in pink and Antibody against Mb.HORMA is in yellow. Scale
bar = 5um.
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In Meiosis | chromosomes are correctly positioned to segregate

In some asexual species (Komaru et al., 2000), and also in mutants of C. elegans
(Laband et al., 2017; McNally et al., 2016), anaphase can abort if the meiotic spindle is not
properly positioned relative to the cell cortex. Indeed, for the proper extrusion of the tiny polar
body, it is essential the spindle is close to the cortex and is oriented perpendicular to the cortex.
We then asked whether defects in spindle positioning during anaphase of meiosis I in M. belari
gynogenetic embryos could explain the abortion of meiosis I. Analyses of seven metaphases |
and eight anaphases | show that the meiotic spindle is always located closer to the cell cortex
than it is to the centre of the oocyte (Figure 4A and 4B, Table 1). Moreover, for all 15 samples,
the pole-to-pole axis of the spindle microtubule cage is always oriented perpendicularly to the
cell cortex (Figure 4A and 4B, Table 1). From this result, we concluded that in the gynogenetic
oocytes of M. belari, the meiotic spindle is correctly oriented to ensure the segregation of
homologues in anaphase I. Abortion of meiosis | is therefore not due to defects in spindle

positioning.

Figure 4
A

Tubulin

Figure 4: Method of evaluating the positioning of the microtubule cage in gynogenetic oocytes of
M. belari. A) Image of a fixed oocyte in anaphase I. The oocyte corresponds to “Ana 2” in Table 1.
DNA is in blue and microtubules are in green. Scale bar = 5um. B) Schematic representation of the
oocyte above with the four different distances measured in Table 1. The orientation of the spindle

relative to the cell cortex is assessed qualitatively, no quantification has been performed.
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Table 1

sample long axis short axis closest distance closest distance correct
n° length length to the cortex to cell tip rotation
SN & [
YES NO
Meta 1 60 26 2 25 YES
Meta 2 60 26 2 30 YES
Meta 3 56 24 3 28 YES
Meta 4 38 18 0 19 YES
Meta 5 50 22 0 25 YES
Meta 6 60 30 9 25 YES
Meta 7 55 21 0 23 YES
Ana 1 47 16 7 14 YES
Ana 2 50 24 0 20 YES
Ana 3 41 20 7 17 YES
Ana 4 64 31 0.7 30 YES
Ana 5 40 17 6 12 YES
Ana 6 66 29 0 31 YES
Ana 7 43 17 0 21 YES
Ana 8 60 21 1 15 YES

Table 1: Position of meiotic structures in metaphase | and anaphase | of gynogenetic oocytes of
M. belari. The numbers correspond to the distances shown in Figure 3. All measures are in um. Meta,

metaphase 1; Ana, anaphase I.

Persistence of the microtubule cage in anaphase |

In C. elegans, the segregation of chromosomes during anaphase of meiotic division
occurs in two phases, during which the microtubules in the spindle have a different organization
(Figure 1, 5A). In anaphase A, a cage of microtubules encloses the chromosomes, the spindle
does not elongate but chromosomes slide along the microtubules until they reach the pole of
the cage. In anaphase B, the cage is dismantled and central spindle microtubules polymerise

between the two chromosome plates, generating a pushing force which further displaces the
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chromosomes (Danlasky et al., 2020; Dumont et al., 2010; Laband et al., 2017; Maddox et al.,
2004; Muscat et al., 2015; Pelisch et al., 2019b; Yu et al., 2019). We asked whether defects in
the spindle microtubules could contribute to the abortion of meiosis I in M. belari gynogenetic

embryos.

In fixed oocytes of M. belari, we find a cage of microtubules in all metaphase I figures
(n=35, Figure 5B). During anaphase I, where we cannot distinguish amphimictic and
gynogenetic eggs, the cage is still detected in both early and late anaphase (n=42) but no central
spindles were seen. The cage is also seen in metaphase 11 of gynogenetic oocytes (showing 20
units) (n=12) and metaphase Il amphimictic oocytes (10 units and a polar body) (n=4). In both
gynogenetic and amphimictic oocytes, the cage persists in early anaphase Il (n=9 and n=2,
respectively) but is not detected in late anaphase Il (n=16 and n=1, respectively). In addition,
at the end of anaphase I, we observe an agglomeration of microtubules between the two

chromatid plates that correspond to the central spindles (arrows, n=16 and n=1, respectively).

These results show that in M. belari, a microtubule cage persists throughout anaphase
I. In contrast, in late anaphase Il, the microtubule cage is absent in both amphimictic and
gynogenetic oocytes. These results, although preliminary, suggest that in gynogenetic oocytes,
the maintenance of a microtubule cage prohibits the completion of anaphase I. However, we
should have detected 10% of late anaphase | figures with a regular central spindle,
corresponding to the 10% regular meiosis found in this species. We may have missed these

images because of undersampling.
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Figure 5
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Figure 5: Microtubule cage and central spindles in fixed oocytes of C. elegans and M. belari. A)

Formation of microtubule cage and central spindles in C. elegans. Images from (Mullen & Wignall,
2017). B) In gynogenetic oocytes of M. belari, the microtubule cage is always present in anaphase |,
whereas the cage is disassembled in gynogenetic and amphimictic anaphase Il. Dashed circles delineate
the plates of chromosomes and the arrows show the central spindle. DNA is in blue and microtubules
are in green. PB I, polar body I; PB II, polar body Il. Scale bar =5 pm. * we found 42 images in total,

combining these two steps of anaphase

SUMO is absent in meiosis |

The Ring Complex is a transient and dynamic protein complex of meiosis. This complex
is required for cohesin cleavage in anaphases and locates the cleavage position of the cell to
extrude polar bodies. The assembly, maintenance and stability of the Ring Complex depend on
the small ubiquitin-related modifier (SUMO). Indeed, the balance between the conjugation and
deconjugation activities of SUMO indirectly and directly mediates the progression of meiosis
(Davis-Roca 2018). The ortholog protein of the SUMO complex in C. elegans is SMO-1
(referred to as SUMO in the text) and its sequence is highly conserved in nematodes (Al-
Yazeedi et al., 2022). In C. elegans, the SUMO protein witnesses the progression of meiosis.

In metaphase I, SUMO is present only at the midvalent region (Figure 1). In early anaphase I,
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SUMO localizes to the Ring Complex until the two plates of univalents reach the microtubule
poles. In late anaphase I, the Ring Complex disassembles and SUMO diffuses along the central
spindles. The same dynamics occur in meiosis Il. In order to assess whether the Ring Complex
is properly disassembled during anaphase | of gynogenetic oocytes, we analysed the dynamics
of SUMO. A commercial antibody also recognizes the Ring Complex in the nematode species
Auanema rhodensis (Al-Yazeedi et al., 2022). This species being as distant to C. elegans as M.
belari is, we hypothesized that this antibody could also recognize SUMO in M. belari. Using
this antibody, we found that in M. belari, SUMO shows a very faint signal in meiosis I in the
vicinity of chromosomes (Figure 6). In both metaphase | and anaphase I, there is no SUMO
signal at the midvalent region (n=1, n=2, respectively). Conversely, in metaphase I, SUMO is
present at the midvalent region between sister chromatids (n=3). In anaphase Il, SUMO co-

localises with the central spindles (arrow, n=3).

These results show that SUMO has a similar dynamic as in C. elegans concerning
meiosis Il. However, during meiosis I, the division which is abortive in M. belari, we found a
different pattern than those described for C. elegans. From these preliminary results, we
concluded that defects in Sumoylation during anaphase | might be responsible for abortion of
meiosis | of gynogenetic embryos. Whether this is specific to the Ring Complex or whether
other targets of SUMO are involved remains to be determined.
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Figure 6
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Figure 6: Dynamics of SUMO in gynogenetic oocytes of M. belari. SUMO is found at the Ring
Complex only in metaphase 1. DNA is in blue, BUB-1 is in pink, SUMO is in yellow and microtubules
are in green. Scale bar = 5 um. * we found 3images in total, combining these two steps of metaphase

BUB-1 follows the same dynamics in meiosis | and 11

During meiosis, the SUMO complex plays a crucial role by conjugating with the Ring
Complex (Pelisch et al., 2019b). SUMO acts on another key protein, BUB-1. SUMO both
regulates the localisation of BUB-1 in metaphase | and modifies BUB-1 to relocate it on the
central spindle (Pelisch et al., 2019a). The BUB-1 kinase is a structural component of the
kinetochores which is involved in chromosome segregation (Dumont et al., 2010; Pelisch et al.,

2019b). Kinetochores are protein complexes that connect the microtubules to the chromosomes.

In meiosis, the BUB-1 kinase undergoes a particular dynamic in C. elegans. In
metaphase I, BUB-1 surrounds each bivalent to form a cup and is also located at the midvalent
region. Once the chromosomes are aligned on the metaphase plate, this midvalent determines
the position of the Ring Complex that, for instance, establishes the position of the cleavage site
of the cell during cytokinesis. In anaphase I, kinetochores are disassembled and BUB-1 is
relocated on microtubules between the two univalent plates (Dumont 2010). The BUB-1 signal

gradually vanishes during the progression of anaphase. In metaphase 11, BUB-1 is reloaded onto
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the cup and midvalent region between sister chromatids. Similarly to anaphase I, in anaphase
I, BUB-1 relocates to the microtubules between the chromatid plates and progressively fades
(reviewed in (Kitagawa, 2009). We asked whether defects in BUB-1 loading may be

responsible for the abortion of anaphase I.

The BUB-1 protein is poorly conserved in the nematode order. Using Blast alignment,
we identified an ortholog: mbelari.g12204.t1 (referred to as BUB-1 in the text). BUB-1
possesses 22% of amino acid similarity with C. elegans BUB-1 (Pairwise analyses, Figure S2).
We raised an antibody against this M. belari protein and found the expected localisation signal.
In mitosis, BUB-1 nicely localizes along chromosomes in a dotted pattern (Figure S2). In
metaphase of meiosis |, BUB-1 is found around the bivalent and forms a cup (n=5, Figure 7).
However, there is no BUB-1 signal at the midvalent region. In anaphase I, BUB-1 shows two
different patterns. The first pattern is the same as in metaphase | where BUB-1 forms a cup
around univalents (“#1”, n=2). Whereas, in the second, BUB-1 is absent from kinetochores and
is only found between the two univalent plates (“#2”, n=7). Metaphase II is similar to metaphase
I, the BUB-1 signal is found around the univalents and there is no signal in the midvalent region
(n=2). In both early and late anaphase Il, BUB-1 is only located between the two plates of 20

chromatids (n=1, n=3).

M. belari BUB-1 does not present the same dynamics as the BUB-1 protein of C.
elegans. In gynogenetic oocytes of M. belari, BUB-1 is not found at the midvalent region.
However, both BUB-1 of M. belari and C. elegans, in anaphases, relocate on the microtubules
between the chromosome plates. M. belari data reveals no distinction in the dynamics of BUB-
1 between anaphase | and Il. Because we did not find differences in the localisation of BUB-1
between amphimictic and gynogenetic eggs, we concluded that BUB-1 dynamics is probably

not involved in the defects in anaphase | found in M. belari.
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Figure 7
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Figure 7: Dynamics of M. belari BUB-1. There is no distinction between meiosis | and Il. DNA is
blue, BUB-1 is pink and microtubules are green. Scale bar = 5 um.* we found 2 images in total,
combining these two steps of metaphase
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Discussion

M. belari is a species presenting two types of female meiosis. In this species, the meiosis
of amphimictic (future males) oocytes is canonical whereas, the meiosis of gynogenetic (future
females) oocytes is altered. In gynogenetic oocytes, the abortion of meiosis | promotes the
maintenance of diploidy in females. In this article, we explored which aspect of anaphase 1 is
disrupted in gynogenetic oocytes and maintained in amphimictic oocytes.

In gynogenetic oocytes, anaphase | is incomplete

H3pT3 is a common phosphorylation that causes cleavage of cohesin during meiosis
and mitosis. This phosphorylation is highly conserved as it is found in human cells, mice and
nematodes (Nguyen et al., 2014; Wang & Higgins, 2013). The presence of H3pT3 thus indicates
the site of cohesion removal within chromosomes. Our data show that in gynogenetic oocytes,
H3T3 is properly phosphorylated during metaphase and early anaphase | (Figure 1). Indeed, the
signal in the midvalent region progressively fades away in the early phases of anaphase until it
disappears completely. In late anaphase, the re-emergence of the H3pT3 signal at the midvalent
region of the univalents indicates that the chromosomes enter meiosis 11, although no polar body
has been extruded. Therefore, in gynogenetic oocytes, anaphase | is not completed and all
univalents enter meiosis Il and are realigned on the metaphase plate. Consequently, there is no

reductional meiosis.

Anaphase B is absent during anaphase |

In the second step, we investigated the causes of abortive anaphase I. Anaphase

abortions can occur as a result of various abnormalities.

In the closest model species C. elegans, defects in the positioning of the meiotic spindle
result in the non-extrusion of one-half of homologs (McNally et al., 2016). In prometaphase, a
cage of microtubules polymerises and encloses the bivalents (Figure 5A). This structure helps
the chromosomes to align on the metaphase plate and, at the same time, positions itself near the
cell cortex. The positioning of the meiotic structure is completed by rotation so that the pole-
to-pole axis of the cage is perpendicular to the cell edge. Therefore, defects in both positioning
and rotations lead to missegregation and non-extrusion of chromosomes. However, we showed
that no such defects exist in gynogenetic oocytes (Figure B, Table 1). To define precisely what
happens in anaphase I, we then examined which phase of anaphase is problematic. Anaphases

are subdivided into anaphase A and B. In anaphase A, cohesins between homologs (in meiosis
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I) are cleaved and removed. The loss of cohesion enables the two plates of univalents to slide
along the microtubule cage to the poles. Kinetochores disassemble and BUB-1 kinase
relocalizes on the Ring Complex with the SUMO complex (Dumont et al., 2010). In anaphase
B, SUMO is deconjugated from the Ring Complex which collapses. At this stage, the central
spindles polymerise between the two chromosome plates and exert pushing forces that drive
the chromosomes into the polar body. Our findings indicate that in gynogenetic oocytes there
is no central spindle polymerisation (Figure 3). Thus, we hypothesized that in those oocytes,
anaphase B is absent in meiosis I. It is important to note that, we should observe cases with the
central spindles in anaphase I. Indeed, the population of M. belari is 10% of males (Grosmaire
et al., 2019) which are produced via canonical meiosis. Thus, we should at least observe 10%
of anaphase | with central spindles. Nonetheless, given the scarcity of males in the population,
it is conceivable that among the 42 oocytes screened, we did not find any amphimictic oocytes
(Figure 3).

Intriguingly, our data reveal that the dynamics of SUMO is similar between M. belari
and C. elegans only during meiosis Il (Figure 6). In C. elegans, the depletion of the protease
ULP-1 inhibits the deconjugation of SUMO (Davis-Roca et al., 2018). The persistence of
SUMO in the Ring Complex leads to the maintenance of the Ring Complex. The cage collapses
and meiotic division is impeded. Our data show that in meiosis I, there is no SUMO signal at
the midvalent region or in the putative site of the Ring Complex. However, in metaphase I,
SUMO labels the midvalent region and is relocated to the central spindles in late anaphase II.
Our results are consistent with the absence of anaphase B in gynogenetic oocytes. Indeed, the
absence of SUMO in meiosis | can impede the completion of anaphase by preventing anaphase
B. Analyses of other proteins involved in anaphase B are needed to validate whether the meiotic
process enters anaphase B without completing it or whether only the completion of anaphase is
hindered.

As explained above, kinetochores disassembly is required in the transition from
anaphase A to B. MEL-28 docks the protein phosphatase I, PP1c, on the chromatids. This
docking triggers the disassembly of kinetochores in the middle anaphase (Hattersley et al.,
2016). The depletion of mel-28 prevents the kinetochores disassembly and the polymerization
of central spindles in anaphase B. Moreover, in mel-28 RNA.I, all the univalents enter meiosis
I. Thus, defects in kinetochores removal could explain abortive anaphase B of gynogenetic
oocytes. For these reasons, we investigated the dynamics of the BUB-1 kinase protein during
meiosis. First of all, the pattern observed is not similar to C. elegans. In both metaphases I and
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I1, no signal was detected at the midvalent region. Given the rate of divergence between species,
it is conceivable that the BUB-1 function may also deviate. However, BUB-1 orthologs are
found in both mammals and budding yeast and show a similar function to C. elegans BUB-1
(Fernius & Hardwick, 2007; Skoufias et al., 2001). Thus, another possibility in our case, is that
the antibody raised for M. belari BUB-1 is not able to label the midvalent region. Secondly, in
M. belari, immunostainings of BUB-1 is similar between aborted meiosis | and complete
meiosis I1. As only meiosis | is aborted, meiosis Il is a reference for complete meiosis. Because
the pattern of BUB-1 is the same between meiosis | and I, it is difficult to deduce the influence
of the kinetochore on the progression of anaphase. Further analysis of the kinetochore proteins

could answer this question.

M. belari has an unconventional HORMA domain protein

Proteins containing the HORMA domain are conserved as they are described in
humans, plants, mice, budding yeast, fission yeast and nematodes (reviewed in (Muniyappa et
al., 2014). Depending on the species, they are involved in homologous pairing, formation of
double-strand breaks, synaptonemal assembly and checkpoint activation. HORMA domain
proteins are, thus, necessary to the meiotic process. C. elegans possesses four HORMA domain
proteins which in metaphase | exhibit distinct patterns. HTP-3 and HIM-3 are located between
both sister chromatids and homologs. Immunostainings of those proteins label a cross in the
bivalent. Whereas, HTP-1 and HTP-2 are only found between sister chromatids on the long
arms. The presence of HTP-1/-2 on the short arms is crucial to prevent early sister chromatid
separation. Indeed, HTP-1 recruits the LAB-1 protein which interacts with the GSP-1
phosphatase ((Kaitna et al., 2002; Nadarajan et al., 2021; Rogers et al., 2002; Siomos et al.,
2001)). GSP-1 antagonises the phosphorylation of H3pT3 by HASPIN and thus the cleavage of
cohesins that maintain sister chromatid association. In the absence of these proteins, sister
chromatids are dissociated during anaphase | (de Carvalho et al., 2008; Ferrandiz et al., 2018;
Tzur et al., 2012). Our data indicate that Mb.HORMA is the ortholog of HTP-1 (Figure 2A).
While the pachytene staining is consistent with this interpretation, the diakinesis and metaphase
immunostainings remain intriguing (Figure 2B, 2C). Indeed, at these stages, Mb.HORMA is
located in the midvalent region. Therefore, it is located on the short arms between homologs in
diakinesis and metaphase I. No HORMA domain proteins of C. elegans exhibit this pattern.
This raises the question of the identity of Mb.HORMA: is Mb.HORMA the direct ortholog of
HTP-1? Why does Mb.HORMA colocalises with H3T3 phosphorylation (Figure 2D)? How are
sister chromatids kept associated during meiosis | in the absence of this Mb.HORMA? And
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lastly, why is Mb. HORMA reloaded in metaphase Il between sister chromatids, again
colocalising with H3pT3 (Figure 2C)? If confirmed, this would be the first evidence for the
reuse of a HORMA domain protein during meiosis. These findings, although preliminary,
suggest an unexpected role for Mb. HORMA in the bimodal reproductive system of M. belari.
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Figure S1: Amino acid alignments of 10 M. belari putative orthologs against C. elegans HTP-1.
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Figure S2: Amino acid alignments of Mb.HORMA (g17455.t1) and the four HORMA domain

proteins of C. elegans
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Figure S3: Amino acid alignments of the putative M. belari BUB-1 protein (g12204.t1) and the C.
elegans BUB-1 protein
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Conclusion

| have demonstrated in this Chapter that during meiosis in gynogenetic oocytes of M.
belari, homologous recombination is preserved but meiosis | is aborted leading to the
association of non-sister chromatids in the unreduced gametes. Preliminary results suggest that
he abortion of meiosis | is due to defects in anaphase B, maybe because the central spindle is
not properly assembled. More work will be required to precisely identify the molecular changes
involved. The theory predicts that recombination combined with the association of non-sister
chromatids in the unreduced gamete causes homogenisation of the genome. Unexpectedly the
genome of M. belari is widely heterozygous. We hypothesized and next demonstrated that this
is possible provided the recombinant chromatids of a given pair of chromosomes co-segregate
during the unique division of meiosis. We named this biased segregation Directed Chromatid
Assortment (DCA). DCA, therefore, constitutes a novel mechanism allowing heterozygosity
maintenance in recombining asexuals. As discussed in Chapter 1, heterozygosity maintenance
has so far been demonstrated only in cases where recombination is totally abolished, or reduced
because displaced to the tip of chromosomes. Our results demonstrate a third strategy that

allows asexual species to maintain a heterozygous genome on the long term.
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Chapter 3: Investigation of the mechanisms
allowing the switch from regular to
unreduced gamete production in M. belari

Introduction

The second objective of my thesis was to identify how a given M. belari female can
produce two types of gametes. The team had previously shown (unpublished data) that during
its life, a given female produces both amphimictic (males) and gynogenetic (females) oocytes.
Interestingly, they also reproduced results previously obtained by V. Nigon (Nigon, 1949):
young females lay more males than older ones (Figure 35). This result strongly suggests that
the meiotic program is more often regular in young females (to produce males) than in older
females, which produce mainly unreduced oocytes (females). The observation was made at

constant temperature (+20°C) and food availability.

Percentage male per female according to age

[ Fa

Da'r' 1 Da'r' 2 Da'r' 3 Da'r' = Da'r' 5 Da'r' & Da'r' 7 Da'r' 8 Da'r' 9 Da'r' 10 Da'r' 11

Figure 35: Percentage of males laid according to the age of the mother. n=5 females (mothers) ,
n=2 males (fathers), n=288 F1 (Grosmaire, PhD thesis, 2018)

Although V. Nigon had shown that the production of males was also higher at a low
temperature of 12°C (Nigon, 1949), the team could not reproduce this result. The team noted
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that neither food deprivation nor variations in temperature (lower and higher) resulted in
changes in male production. Nonetheless, other environmental factors may influence the type
of oogenesis: i.e. type of nutriments, crowding, specific pheromones, etc. In any case, the
previous results strongly suggest that a factor of maternal origin dictates the meiotic program.
Oocytes are large cells that contain all the maternally provided components required for the
development of the embryo such as proteins, mRNAs, small RNAs, or simple chemical
compounds. Therefore, we tested whether during oogenesis, differential deposits of certain

MRNAs could trigger either canonical or altered meiosis.

This chapter is divided into three sub-sections. In the first part, | explain how the team
proceeded to identify genes expressed differently between amphimictic and gynogenetic
oocytes. Next, | describe the techniques I used to validate the differential expression of a few
candidate genes. In the last part, | describe the functional analyses that | have performed on a

few candidate genes.

Results

Transcriptomic analyses reveal 15 genes differentially
expressed between amphimictic and gynogenetic eggs

Many mRNAs are deposited into the oocytes during oogenesis. We hypothesised that
some mMRNASs are more expressed in the oocytes destined for an amphimictic development
compared to those developing through gynogenesis, or vice versa. Such maternal factors may
be progressively degraded as the embryo develops. Thus, the team decided to extract the mRNA
of amphimictic and gynogenetic eggs, as early as possible. At the one-cell stage, soon after
fertilisation, the two types of eggs are easily recognized because they show a single large
pronucleus in the case of gynogenetic eggs. In contrast, two pronuclei are visible in amphimictic

eggs (Figure 36).
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Amphimictic Gynogenetic

Pronuclei
migration

Figure 36: Two types of embryos are produced by M. belari females. Representative amphimictic
and gynogenetic embryos. Still images from DIC recordings showing the male and female pronuclei

before the first cell division of the embryo. Scale bars= 5 um. (Grosmaire et al., 2019)

After the fusion of the parental nuclei, it is however difficult to distinguish the two
phenotypes. For these reasons, the amphimictic and gynogenetic eggs were isolated manually
at the one-cell stage. One-cell stage embryos were mounted under a DIC microscope. The
embryos were recovered and separated into single tubes before being processed for single-cell
RNA extraction and sequencing (adaptation of the Smart Seq2 protocol by an engineer in the
team (Picelli et al., 2014). After curation, the data obtained were processed using DESeg2 (Love
et al., 2014). Analyses were conducted on 13 gynogenetic samples and 16 samples of
amphimictic oocytes. Figure 37 shows the 20 genes with a significantly adjusted p-value.

Estimation of the sample age was conducted using RAPToR (Bulteau & Francesconi, 2022).
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Figure 37: 20 genes differentially expressed between gynogenetic and amphimictic oocytes. The
left panels represent the normalized RNA-seq reads according to the type of oocytes. The corresponding

ortholog of C. elegans is indicated in the facet. On the right panels are represented the normalized RNA-

seq reads according to the estimated relative age of the samples. Each dot is an oocyte. Gynogenetic
oocytes (G) are blue and amphimictic oocytes (A) are red



Among the 20 genes, 15 genes drew our attention (Table 2) because the differential expression
was high (g3500; g12534; g23490; g14314; g17609; g8245; g25532; g4082; g3464; g17482;
g4955; g21312; g3341 and g19315; Figure 37) or because the genes involved were ortholog to

relevant genes in C. elegans (g1126).

Gynogenetic > Amphimictic Gynogenetic < Amphimictic
N® Candidate C. elegans Candidate C. elegans
gene ortholog gene ortholog
1 g3500 - g4082 -
2 g12534 - g3464
3 223490 Y53F4B.11 g17482
4 614314 lec-8 64955 eph-2 famlly- m|f:rotubu|c end
binding
5 i . - ) -
81126 swm-1 far_mly Sperm_ activation 621312 gft-2H2C General transcription
without mating factor
6 g17609 eif-3.C eukaryote initation factor] g3341 Hsp-90 family
7 dolk-1 involved in co- . . L. .
g8245 traductionnal N-glycosylationin] gl19315 pdi-2 fanlnlv Protein disulfide-
. isomerase 2
the form dolichol pyrophosphate]
8 g25532 pph-6
Total 8 7

Table 2: 15 genes differentially expressed between amphimictic and gynogenetic oocytes in M.

belari. The table shows the C. elegans. ortholog

The g1126 gene in particular caught our interest. BLAST analysis revealed that M.
belarig1126 is the ortholog of the swm-1 gene (Sperm activation Without Mating) of C. elegans.
In C. elegans, swm-1 is only expressed in males and is involved in the inhibition of the
decondensation of the sperm DNA. Depletion of swm-1 results in premature decondensation of
the sperm DNA, which becomes precociously mobile and unable to be transported into the
female vulva (Chavez et al., 2018; J. R. Smith & Stanfield, 2011; Stanfield & Villeneuve, 2006).
Interestingly in M. belari, the g1126 gene is mostly expressed in gynogenetic eggs, in which
the sperm DNA does not decondense. This suggested that the sperm DNA fails to decondense
in gynogenetic eggs because unexpectedly, an excess of SWM-1 is deposited maternally in the
oocytes.

The Mbelari.g14314 gene also caught our attention. This gene is ortholog to the C.
elegans lec-8 gene (gaLECtin), which has glycolipid binding activity and thus is involved in
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various processes. This function is not particularly informative but interestingly we found that
the first seven exons of the gene were only expressed in gynogenetic eggs (Figure 38). The
gene 914314 might thus undergo alternative splicing depending on the type of oocytes.

BO0.000 B2 500 85,000
mitsdan gRe314 11 N
rribelari.g 4314

—- - =
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I "o

Figure 38: Coverage of RNA-seq reads of g14314 gene. G, gynogenetic; A, amphimictic.

Validation of the 15 candidate genes

Among the 15 genes selected, eight genes were more expressed in gynogenetic than
amphimictic eggs (“up” in the text; g3500; g12534; g1126; g23490; g17609; g8245; 925532
and 914314, Table 2) and seven genes were found more expressed in amphimictic than in
gynogenetic eggs (“down” in the text; g4082; g3464; g17482; g4955; g21312; g3341 and
g19315, Table 2). I first validated the sequence of each candidate by PCR joined to Sanger
sequencing. To validate the differential deposit of the maternal mRNAs, | developed two
techniques in M. belari: smiFISH (single molecule inexpensive FISH) and single embryo RT-
qPCR.

The smiFISH is a single molecule RNA FISH technique that labels each targeted
molecule of MRNA (Tsanov et al., 2016). Each probe is composed of two subunits: the primary
probe which is complementary to a part of the sequence of an mRNA and that possesses a
common 5’ extension (FLAP sequence), and the secondary probe which matches the FLAP
sequence and is coupled to two fluorophores. We design probes that cannot overlap, to have a
“single molecule signal”, hence, there is no choice as to the number of probes per genes. The
protocol by Arnaud Hubstenberger was not adapted for embryo stainings, which in worms is
problematic because the eggshell must be removed by freeze-cracking to access the cells.
Therefore, | adapted the protocol for the embryos (see Material and Methods). Still, | faced a
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major problem which is that embryos must stick on a poly-lysine coated slide for the freeze-
cracking method. However, for a reason that | have not been able to solve, the stickiness of
embryos was very low after the smiFISH procedure, most likely due to the specific buffers
used, and very few embryos were present on the slide at the end of the process. Because |
wanted to compare gynogenetic eggs to amphimictic eggs, which are very rare, | often failed to

conclude because | lost the amphimictic eggs.

As a control gene to establish the technique, | used the scc-1 gene (the ortholog of the
C. elegans mitotic cohesin). | chose this gene because it was highly expressed in our
transcriptomic data and because the gene is quite long which allowed me to design 30 probes.
As shown in Figure 39, the transcripts are well detected for this gene in young embryos and in
the germline, each dot corresponding to one mRNA molecule. Due to the complexity of the
experiment, | was able to acquire only a few oocytes per gene, with many genes showing no
signal at all (g3500, g14314; 921312, g3464; g23490). A signal was detected in three up-
regulated genes (g12534; g1126; g17609; Figure 39) and three down-regulated genes (g3464;
g4082; g4955; 917482, Figure 39).
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g1126 "G" “f gm2erar

g4955 "U" g 917609 "G" g17482"G"

Figure 39: smiFISH of seven candidate genes. Each pink dot is a molecule of MRNA of the concerned
gene. scc-1 is a control gene. Sperm DNA is present in gynogenetic (“G”) oocytes. Arrows show the
polar body. The category of eggs is determined depending on the number of polar bodies produced
and/or the decondensation of the sperm DNA. G, gynogenetic; A, amphimictic, U, undetermined

category. mRNA probes are in pink and DNA is in grey.

For the gene g1126, gynogenetic oocytes present more mRNAs molecule than
amphimictic ones. Therefore, this confirms that those genes are upregulated in gynogenetic
oocytes. There were not enough images acquired for g4082 to determine a preferential
expression. For the other genes (g12534; g4955), | could not find images of amphimictic eggs,
and could not conclude. For genes g17609 and g17482 oocytes, the quantification of the signal

was hampered by labelled globules on the edges of the cell membrane (arrows, Figure 38). |
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finally discovered that the bleach treatment of the eggs before the experiment was causing this

artefact. Unfortunately, | had no time to repeat these experiments (see Material and Methods).

Single embryo RT-gPCR

In parallel, I chose to confirm the differential expression of genes by RT-qPCR for four
upregulated genes (g1126; g8245; 923490 and g3500; Figure 40) and three down-regulated
genes (g17482; g4955 and g3341; Figure 40). To this end, | modified the Smart-Seq2 protocol
by removing the tagmentation and the subsequent repair and purification steps (Picelli et al.,
2014). Analyses were conducted on 25 single gynogenetic eggs and 26 single amphimictic
eggs, which | also manually selected (as described above). | used two housekeeping genes
orthologs to the C. elegans mitotic cohesin scc-1 (g22258) and the C. elegans cyclin dependent
kinase cdk-12 g8248). After checking the validity of the two housekeeping genes (BestKeeper
and geNorm (Mestdagh et al., 2009; Pfaffl et al., 2004), | used them to normalize my
experiments. All genes were analysed using the 2 (-Delta Delta C(T)) method (Livak &
Schmittgen, 2001). Among the seven genes analysed only g23490 was significantly differently
expressed between gynogenetic and amphimictic oocytes (Wilcoxon test p-value = 0.01271
Figure 40). As expected g23490 is more expressed in gynogenetic oocytes than in amphimictic
ones. For g3500, the non-significant result may be explained by an outlier “A25” (amphimictic
n°25) that is also aberrant for the genes g3341, 98245, g17482 and 91126 (Figure 40).
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Figure 40: RT-gPCR of seven candidate genes. The relative expressions are normalized by two
housekeeping genes scc-1 and cdk-12. Each dot corresponds to one embryo. Gynogenetic (G) are grey

and amphimictic (A) are green. The p-value obtained with a Wilcoxon test.

Functional analysis

Because the validation by smiFISH or RT-gPCR was more complicated than expected,

| decided to go on with functional validation, regardless of these results (Table 3).

Gynogenetic > Amphimictic Gynogenetic < Amphimictic
N° Candidate smiFISH RT-gPCR Candidate smiFISH RT-gPCR
ene Validation Validation gene validation Validation
1 g3500 No signal Not confirmed 84082 Can not evaluate
2 gl2534 Can not evaluate Not confirmed g3464 No signal
3 g23490 No signal g17482 Can not evaluate| Not confirmed
4 gla314 No signal g4955 Can not evaluate| Not confirmed
5 gl126 g21312 No signal
6 gl7609 Can not evaluate g3341 Not tested Not confirmed
7 g8245 Not tested Not confirmed g19315 Not tested
8 g25532 Not tested
Total 8 7

Table 3: Summary of the results for candidate genes. Two techniques were used: smiFISH and RT-

gPCR. The orange colour highlights the seven validated genes: g23490 and g1126

| made the hypothesis that the inactivation of the genes involved in the
amphimictic/gynogenetic decision should affect the early embryo development, for instance,
because there is no more coordination between the execution of meiosis and the fate of the
paternal DNA. Thus, | tested the viability of embryos after the inactivation of the candidate
genes. It could also be that the embryos are viable but more (or less) individuals develop as

males. Therefore, | also examined the sex ratio after the inactivation of the candidate genes.

In the lab, we had shown that some genes could be easily inactivated by RNAI in M.
belari. After the microinjection of double-strand RNA in the gonad of females, the F1 progenies
showed a mutant phenotype. It was the case for instance for the well-conserved nematode gene
unc-22, which causes a twitcher phenotype. I could also inactivate very efficiently three genes
involved in the formation of the permeability barrier which protects the eggs (the perm genes,

perm-1, perm-2 and perm-4, Gonzalez et al., 2018; Olson et al., 2012). Of note, the RNAI was

214



so efficient for these genes that the embryos were dying because of osmotic shocks. I, therefore,
started to inactivate the genes of interest by RNAI. | injected adult females with dSRNA and
assessed lethality and sex ratio in the F1 generation. Lethality was only observed for RNAI
against g12354 (Table 4).

As the experiment was ongoing, other members of the team were testing the inactivation of

T B Conetion s
g23490 46 9None
93500 33 11|None 100ng/ul
Gyno > Amphi g14314 29 12None 70ng/ul
g12534 25 17|Growth delay and lethality 70ng/ul
g1126 23 14|Virgin F1 27.8 ng/uL
Gyno < Amphi g4082 26 11[None 100ng/ul

Table 4: Summary of RNAI injection for six differential expressed genes.

other genes of M. belari by RNAI. Surprisingly, they found that many highly conserved genes,
which had very clear phenotypes in C. elegans, showed no phenotype in M. belari. This was
the case for instance for the par genes. This strongly suggested that some genes cannot be
inactivated by RNAI in M. belari, either because of redundancy between genes, because of the
strong stability of the protein or because of some species-specificity of the RNAiI machinery.
Because of this uncertainty, I did not pursue these RNAI experiments.

As explained in Chapter 4, | developed in parallel the CRISPR/Cas9 technique in M.
belari. Therefore, | tried to generate knockout mutant lines for five differentially expressed
genes: g1126; g14314; g23490; g4082 and g3341. We targeted the first or second exon of each
gene to produce hypomorphic genes that have completely lost their function. To control that
the CRISPR/Cas9 was operational, we performed co-CRISPR experiments with the unc-22
gene. Mutations in unc-22 induce a macroscopic phenotype that is easy to screen (as shown
with the RNAI approach above). Females are injected with a mix containing the Cas9 protein,
a guide RNA against unc-22 and a guide RNA against the gene of interest. Only females giving
rise to UNC-22 F1s are maintained and further analysed because they prove that Cas9 was
efficient in these gonads. The expected phenotypes for the genes of interest (embryonic lethality
and/or modified sex ratio) were screened in the F2s. In this way, we avoid any maternal effects
that might be present in F1, i.e. the deposit of wild type maternal MRNA in oocytes that produce
functional proteins. Of the five genes tested, only the g1126 experiments showed a lethal

phenotype (Figure 41). Indeed, in several independent lines, we quantified many dead embryos
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in F2. Nonetheless, Sanger sequencing of the g1126 in the F1 females generating these dead
embryos did not reveal any mutations in the targeted gene. A possible explanation of the
phenotype could be that the mutation did not affect the F1 females but the F1 males, generating
a paternal effect. This would have been a very interesting result but unfortunately, I did not

have time to repeat this experiment to confirm this hypothesis.

For the other genes, it could be that mutations in the genes do not produce the expected
macroscopic phenotypes. However, because | did not systematically sequence the F1s in these
experiments, I cannot conclude on the phenotypes because I don’t even know if the genes have

been really inactivated.
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Figure 41: Knock-Out results for g1126 Each dot represents a box where one F1 lays.

Conclusion

In this project, | successfully validated three genes that are differentially expressed in
gynogenetic and amphimictic eggs. Indeed, g23490 and 91126 are more expressed in
gynogenetic oocytes (Table 3). My first attempt to inactivate g1126/swm-1 by CRISPR/Cas9 is
encouraging but needs to be repeated. This gene is of particular interest because its ortholog in
C. elegans is normally expressed only in males, and is involved in sperm DNA decondensation.
More work will be required to confirm its involvement in controlling paternal DNA in

gynogenetic eggs of M. belari.
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Chapter 4. Establishment of the
CRISPR/Cas9 technique in M. belari

Introduction

In this chapter, we discuss the importance of developing gene editing tools in non-model
species and the difficulties encountered. M. belari is a fascinating species. To investigate in
depth how female meiosis is modified, we need to be able to modify genes to inactivate them,
to replace them, or fuse them with GFP for instance. For that, we need to develop genetic tools.
The CRISPR/Cas9 technique is a powerful genome editing technology that proved its efficiency
in many model species. However, this technique remains difficult to implement in new species

because, for each species, optimization is required.

In this method, the Cas9 protein is coupled to a specific guide RNA to form the Cas9
complex. This complex, once in the cell, allows sequence specific binding (through the guide
RNA) and double strand break of the DNA (through the Cas9 enzyme). Repair of the double
strand break relies on universal and highly conserved mechanisms: repair by Non-Homologous
End Joining (NHEJ) or repair by Homologous Repair (HR). Upon NHEJ, small mutations or
indels can be generated, or specific insertions can be made in the case of HR. Therefore, genome
editing with the Cas9 complex can be considered universal. However, a major constraint for
the technique is the transport of the Cas9 complex into the cell. The transport of the complex
differs depending on the species. In Drosophila for instance, the young syncytial embryo can
be harvested and microinjected. In other species, the transfer requires electroporation of cells,
or microinjection of the fertile adult. In cell culture, the Cas9 complex is often delivered by
virus-like particles. In C. elegans, the complex is microinjected in the syncytial gonad of the
females. Hence, the complex is easily transported inside the germ cell nuclei, each giving rise
to a potential mutant progeny. In the nematodes Auanema rhodensis and Pristionchus pacificus,
addition of lipofectamine to the CRISPR Cas9 mix is necessary before microinjection in the
gonad, potentially because it helps the transport through cell membranes (S. Adams et al.,
2019).

The gonad of M. belari females is not syncytial, which should prevent the diffusion of
the Cas9/CRISPR complex. Although M. belari males have a syncytial gonad, they do not
transfer any genes to the females. Therefore, they cannot be used for transgenesis.
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| have tested several strategies and finally established the CRISPR/Cas9 technique for
gene knock-out in M. belari females. The results are presented in the section below.
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Results

HEPES: a CRISPR-Cas9 courier in nematodes

Introduction

The CRISPR-Cas9 system is currently the most widely used genome editing tool (Adli,
2018; Doudna & Charpentier, 2014; Gao, 2018). The CRISPR-Cas9 complex is composed of a
Cas9 endonuclease, which generates DNA double-strand breaks, and two small RNAs: the
CRISPR RNA (crRNA) which is complementary to the target sequence and the trans-activating
CRISPR RNA (tracrRNA) that binds to both crRNA and Cas9 protein. This system, which
provides sequence specificity of DSB and hence repair, has been successfully used in various
organisms, including the model organisms Caenorhabdits elegans, Drosophila melanogaster,
Mus musculus, in yeasts and human cells, but also the squid (Doryteuthis pealeii), the butterfly
(Bicyclus anynana) or the raider ants (Ooceraea biroi) (Cho et al., 2013; Cong et al., 2013;
Crawford et al., 2020; DiCarlo et al., 2013; Dickinson et al., 2013; Ding et al., 2013; Gratz et
al., 2013; Jinek et al., 2013; Mali et al., 2013; Trible et al., 2017, 2017; Wang et al., 2013;
Zhang et al., 2017). Initially, researchers used plasmid-based expression of the Cas9 protein in
order to facilitate the incorporation of the CRISPR-cas9 complex into the target cell. However,
this method is not applicable to all species. Fortunately, the development of injection using
purified Cas9 protein and the establishment of in vitro synthesis of guideRNA has allowed the
establishment of the CRISPR system in more species such as Clytia hemisphaerica, the zebra
fish and Gryllus bimaculatus (Bai et al., 2023; Bono et al., 2015; Hruscha & Schmid, 2015;
Munro et al., 2023). Nevertheless, for some species, delivery is a major issue and has prevented
the use of the CRISPR-Cas9 system for genome editing. Collecting young embryos and/or
injections inside embryos can be challenging. The gonad is also not often accessible for targeted
microinjections. Even in the model species C. elegans, microinjection requires specific skills
and high precision which has prevented the automatization of microinjection, despite the
generalization of the CRISPR-Cas9 technique for genome engineering. In addition, Cas9
endonuclease creates double-stranded Breaks (DSB) that can be repaired by Non-Homologous-
End-Joining (NHEJ), a repair mechanism generating random mismatches of small indels, or
Homologous Direct Recombination (HDR), a precise repair mechanism (Lieber, 2010).

Whereas NHEJ repair occurs at any point in the cell cycle, HDR repair takes place mainly
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during the S or G2 phases of the cell cycle (Liu et al., 2019). Hence, genome engineering by
CRISPR-Cas9 remains limited to a limited number of species.

In the model species C. elegans, microinjections consist in injecting the CRISPR Cas9-
guide RNA complex directly into the distal part of the syncytial gonad: guide RNA, purified
Cas9 protein and the repair in the case of knockin experiments. Such an approach should
theoretically be applicable to other nematode species, except that some species do not have a
syncytial gonad. Depending on the species, germ cells are partially or entirely cellularized
during meiotic prophase (Fig. 1). Microinjection into these types of gonads leads at best to one

injected cell and in the worst case to partial destruction of the gonad.

Figure 1: DIC image of cellularized gonad of M. belari female. Arrows show some oocytes.

We wished to establish CRISPR-Cas9-based genome editing in the nematode M. belari,
whose female gonad is not syncytial. Our first attempt to generate mutants by CRISPR where
therefore unsuccessful. Previous work performed on several other nematode species showed
that the addition of lipofectamine to the Cas9-guide RNA complex improves the efficiency of
genome editing (Adams et al., 2019; Dockendorff et al., 2022). In our hand, however,
lipofectamine was ineffective on Mesorhabditis belari. Because lipofectamine is a nucleic acid
rather than a protein carrier, we proceeded to test other macromolecular carriers, usually used
for protein transfection in human cells, in the hope to facilitate the diffusion of the Cas9-guide
RNA complex through plasma membranes. Inspired by the works of Chen (Chen et al., 2019)),
who showed that a high concentration of 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid
(HEPES) facilitates protein transfection in human cells, we tested the impact of HEPES in M.
belari gonads. We found that adding a minimum of 20 mM HEPES to the Cas9-guide RNA
complex is necessary and sufficient to generate a CRISPR-based knock-out (KO) mutant in a
nematode species with a cellularized gonad. We next tested the HEPES-assisted transport of
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the Cas9-guide RNA complex by microinjecting C. elegans outside its syncytial gonad.
Microinjection of a guide RNA/Cas9 complex near the pharynx of C. elegans allowed us to
obtain mutants in the F1 progeny, provided 20 mM HEPES was added to the injection mix.

Our work reports strong evidence that a high concentration of HEPES allows a guide
RNA/Cas9 complex to cross cell membranes in some nematode species and hence allows
genome editing regardless of injection skills and gonad organization. Our findings open the
way to the automatisation of microinjection in C. elegans and also offer a tool for the generation

of CRISPR mutants in other non-model species.
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Materials & Method

Strains and Culture

We used C. elegans N2 strains and M. belari JU2817 (Grosmaire et al., 2019). Both
species were grown at 20°C on Nematode Growth Media (NGM) seeded with Escherichia coli

OP50-1 strain, following standard procedures for C. elegans (Stiernagle, 2006).

CRISPR editing in C. elegans and M. belari

All CRISPR-Cas9 components (crRNAs, tracrRNAs, IDTE #11-05-01-05, IDT
Duplex buffer #11-05-01-03 Cas9, Cat#1081058) were furnished by IDT DNA (Coralville, 1A).
The guides were designed to be 20nt long and have a GC content between 50 and 75%. We
favored PAMs with GGNGG or GNGG sequences. To target the M. belari unc-22 gene
(mbelari.g26112), two guides separated by 85nt (distance between PAMs) were designed on
the forward strand of the 96th exon (5’-GAGAGCTGCCGGAAAGCACG-3’ and 5°-
TGGAGAGTACACATGTGAGG-3’). To target dpy-1 in C.elegans, only one guide was
designed on the reverse strand (5’-GCTACCATAGGCACCACGAG-3’) on the third exon, as
described in (Paix et al., 2014, 2015)

Microinjections of antibody and of the CRISPR complex

Antibody injections

Females were injected with a secondary antibody conjugated with Cy3 (A emission: 565
nm, Jackson ImmunoResearch, approximately 160 kDa, #711-165-152). The antibody was
either diluted in water at a final concentration of 0.7 mg/ml or diluted in HEPES (20 mM final
concentration) at a final concentration of 0.56mg/mL. After injection, worms were immediately
placed on an agar pad 2% in M9 and images were taken with a fluorescent Zeiss A1 microscope,

equipped with a Kappa camera.

CRISPR injections

Firstly a guide RNA was prepared by mixing 3uL of tracrRNA (100 uM, Sigma) and
3uL of crRNA (100 uM) in 4 uL of Duplex Buffer (IDT) and placed 5 min at 95°C followed
by 45min at RT (20-25°C). Before the injections, 2.5 uL of the guide RNA was added to 0.5uL
Cas9 purified protein (10mg/mL, Sigma CAS9PROT-50UG) and the mix was heated for 10
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min at 37°C. In the case of C. elegans knock-in, 1 uL of ssDNA repair (250 M) was added to
the mix before being placed for 20 min on ice. To increase the HEPES concentration, 1 pl of
80 mM HEPES was added to the mix, to obtain a final concentration of 20mM. In all cases, the
final mix was centrifuged for 10 min at 4°C before filling the needle. Importantly, without the
addition of HEPES to the mix, the basal concentration of HEPES is 18mM because it is already
present in the Duplex buffer and the Cas9 buffer.

Microinjections

Microinjections of C. elegans and M. belari were conducted using a FemtoJet 4i and an
InjectecMan 4 Manipulator (Eppendorf). Gravid adult females were placed on a dried agarose
pad 3% (w/v) and covered with Halocarbon oil 700 (Merck Sigma-Aldrich, 9002-83-9) to avoid
worm desiccation (as described in (Evans, 2006). Femtotips Il microcapillary needles
(Eppendorf) were filled with 2 uL. of CRISPR or antibody mix (see above). Depending on the
experiments, females were injected either towards the gonad in the case of M. belari, inside the
syncytial gonad in the case of C. elegans, or near the pharynx using an input gas pressure of
900 hPa balance pressure. After injection, animals were transferred to a fresh NGM plate
seeded with OP50 by pipetting the worms in a small amount of M9 buffer. For each injected
animal, the F1 progeny was screened for the appearance of DPY or UNC/twitching worms,

depending on the targeted gene.

Image acquisition

As with immunostaining, confocal airyscan images were acquired using the
Zeiss LSM800 Airyscan and LSM980 Airyscan using a 63x oil objective and 0.15um interval
between slides. Images were subsequently processed by the airyscan processing method (Blue
2., 3D analysis, automatic low stringency). Processed images were treated using ImageJ 1.53t

software
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Results

HEPES allows the diffusion of large proteins into the cellularized gonad of M. belari females

Secondary antibodies conjugated with fluorochromes have a comparable molecular
weight (approximately 150kDa) to that of the Cas9 protein (163kDa). Hence, to evaluate the
capacity of HEPES to facilitate the delivery of the RNA-Cas9 complex, we microinjected
fluorescent secondary antibodies in M. belari females. Because the autofluorescence of M.
belari worms is strong in the green and blue wavelengths, we choose a secondary antibody
coupled to the red Cyanine3 (A emission: 565 nm). Females were injected either near the gonad
or around the pharynx, with a pure solution of antibody (at 0.7 mg/ml in HEPES 0 mM) or with
antibodies diluted in HEPES (at 0.56 mg/ml in 20 mM HEPES). In contrast to human cultured
cells where transfection requires 4-6 hours, the results of microinjections in nematodes are
measurable within minutes. In the absence of HEPES, the red signal from the antibody was
detected only at the site of microinjection (Fig. 2A, Fig. 2C). In the presence of HEPES, the
antibody signal was detected in the entire worm, regardless of the site of microinjection (Fig.
2B, Fig. 2D). Therefore, the addition of HEPES helps the diffusion of 150 kDa proteins through

the cell membranes of M. belari.
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Without HEPES With 20mM HEPES

Fluorescence - Fluorescence

Injection
in Gonad

Fluorescence

Injection
in Pharynx

Figure 2: Images of M. belari females after microinjection of a fluorescent antibody in the presence
or absence of HEPES. The triangles show the microinjection site. Gonads are stained only with the
addition of HEPES. The inset in for D) shows an oocyte stained filled with the antibody in the cytoplasm

(and not the nucleus)

HEPES is necessary for CRISPR-Cas9-based gene knock-out in M. belari

We next tested the possibility that HEPES could help the delivery of the guide-RNA
Cas9 complex inside M. belari oocytes, despite the complete cellularisation of the gonad. We
choose to target a gene whose knock-out should give a visible locomotion phenotype, by
analogy with C. elegans and other nematodes. Homozygous mutants for the unc-22 gene in C.

elegans display a characteristic phenotype of twitching worms (Moerman & Baillie, 1979). The
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unc-22 gene is largely conserved in nematodes of the Rhabditidae family and twitchers have
also been obtained after the knock-down of unc-22 in both Auanema rhodensis and A.
freiburgensis (Adams, et al. 2019). We thus hypothesized that the knock-out of unc-22 in M.
belari should also generate twitcher progenies. We targeted the M. belari putative unc-22
ortholog (mbelari.g26112) with two guideRNA. Injected females were isolated on a plate and
the F1 and F2 progenies were observed. Without the addition of HEPES to the guide-RNA Cas9
mix (final concentration of HEPES 38 mM), injection in the vicinity of the gonad or the pharynx
did not retrieve any UNC phenotypes in the progeny (34 animal injected, 1539 F1s screened)
(Table 1). The absence of mutations was confirmed by randomly sequencing 7 F1s for a 693nt
locus around the targeted PAM site. By contrast, after the addition of HEPES to the guide RNA
Cas9 mix (final concentration of HEPES 20 mM) we found twitcher F1s in the progeny of 10
injected females, out of 97 injections. We confirmed the specificity of the knock-out by
sequencing the unc-22 locus in some twitcher F1s. We sequenced 17 twitchers that all presented
mutations in the vicinity of the targeted PAM, generating a frameshift in the unc-22 sequence
(Fig. S1). Among them, 9 twitchers had two distinct mutations on both chromosomes while 8
presented the same mutation. Hence, twitcher F1s are bi-allelic mutants. For these 10 injected
females, 16% of their F1s were twitchers (Table 1), demonstrating the efficiency of CRISPR-
Cas9 in M. belari. Importantly, in this experiment we underestimated the efficiency of genome
editing by referencing exclusively the twitchers in F1s, meaning the animals with biallelic

mutations, and not the heterozygote mutants.

PO fertile (>10 F1) PO with F1 F1twitcher total F1 twitcher in

twitcher twitcher box
Without 34 0 0% (0 out of 1539) ND
HEPES
With 97 10 2.55% (72 out of 16.10% (72 out of
HEPES 2815) 447)

Table 1: Count of twitchers found in F1s M. belari

Our result demonstrates that increasing the concentration of HEPES in the guide RNA
Cas9 mix is necessary and sufficient to allow genome editing in a nematode with a cellularized

gonad.
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HEPES allows CRISPR-Cas9-based knock-out in C. elegans following microinjection in the
head

To determine whether the addition of HEPES could facilitate the delivery of the
CRISPR-Cas9 complex in C. elegans too, we deliberately microinjected a guide-RNA Cas9
mix outside the gonad and searched for mutants in the progeny of the injected animals. Here
we choose to target the dpy-10 gene which encodes a collagen protein and is involved in the
development of the cuticle (Levy et al., 1993). Dpy-10 mutants show a severe phenotype of
dumpy worms and have been used many times as a target gene to improve the CRISPR-Cas9
technique C. elegans. We designed the same guide RNA as those described in (Paix et al.,
2014, 2015).

First, we performed a control experiment and microinjected the dpy-10 guide-RNA
Cas9 mix into the syncytial gonad of C. elegans without additional HEPES buffer. We screened
the progeny for the presence of DPY animals in F1s (bi-allelic or homozygous mutants) or the
F2s (from heterozygous mutants F1s). Forty-eight per cent of the 28 microinjected females
produced some DPY progeny (Table 2, 1723 F1s and 6200 F2s scored). Microinjection of the
same mix supplemented with HEPES inside the gonad had no impact on the efficacy of gene
editing, with 34.7% of the 20 injected females producing DPY progenies. We then
microinjected the guide RNA-Cas9 mix near the pharynx with or without the addition of
HEPES. We found that in the absence of added HEPES, none of the 28 injected females gave
DPY progenies (1660 F1s and 35550 F2 scored). However, injection of the same mix
supplemented with HEPES near the pharynx dramatically increased the percentage of dumpy
offspring: 18,4% of the 28 females injected gave rise to F1 or F2 mutants (respectively 1.27%
and 0.86%, Table 2).

Hence, similar to our results obtained for M. belari, we show that HEPES helps the
diffusion of the guide RNA-Cas9 complex through the cell membranes in C. elegans. This result
further demonstrates that precise microinjection inside the syncytial gonad of C. elegans is not
an absolute requirement to obtain knock-out mutants, provided the injection mix contains a
minimum of 20 mM HEPES.
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Type of N % PO with % F1 % F2in % F2in % F2
Injection injected dpy Dpy dpy F1 non-dpy dpy
progeny box F1 box
Pharynx 28 0 0 (out of 0 (out of 0 (out of 0 (0 out
without 1660) 3503) 3503) of
Hepes 3503)
Pharynx 27 18.42 1,27 (15 1,05 (47 out 2,36 (106 0,86
with out of of 4489 F2) out of 4489 (153
Hepes 1180 F2) out of
F1) 1787)
Gonad 28 48.39 8.94 7,69 (477 1,87 (116 1,48
without (154 out out of 6200 out of 6200 (593
Hepes of 1723 F2) F2) out of
F1) 39938)
Gonad 20 34.72 8,11 (71 0,85 (34 out 2,10 (84 out 1,64
Hepes out of of 4007 F2) of 4007 F2) (118
875 F1) out of
7182)

Table 2: Influence of the presence of HEPES on the CRISPR success in C. elegans.
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Discussion

HEPES (4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid) is a zwitterionic
compound brought to light by Good's laboratory in the 1980s (Good et al., 1966). Ever since
this molecule has been used extensively as a buffer in biochemical research or more specifically
as a physiological buffer in cell culture because it stabilises the pH. More recently, the Wang
lab discovered that HEPES could also be an asset in protein delivery (Chen et al., 2019). They
demonstrated that the addition of 20mM to a transfection mix is sufficient to facilitate the
transport of large molecules, such as antibodies (approximately 150kDa) across the plasma
membrane of mammalian cells. According to their work, HEPES allows the internalization of
proteins by modifying the charge of these proteins, thus promoting endocytotic absorption. In
agreement with their findings, our results show that HEPES also enables the cellular
internalization of antibodies in living animals. We successfully proved that 20 mM HEPES is
sufficient to ensure protein incorporation into oocytes, whether the mixture is injected directly
into the gonad or completely outside the gonad, in the pharyngeal region.

To go further, we demonstrated that HEPES facilitates not only the delivery of large
proteins but also RNA-protein complex to pass the cytoplasmic membranes of living
nematodes. We have shown that with the addition of HEPES, knock-outs can be achieved in
nematodes whether their gonads are syncytial or fully cellularized from the beginning of
gametogenesis. In M. belari, which has a completely cellularized gonad, we successfully obtain
16% mutants in F1s (Table 1). Nevertheless, we scored only the F1s presenting a twitcher
phenotype. This phenotype is induced by bi-allelic mutations (one mutation for each
homologous chromosome). We missed the F1s animals harboring mutations on a single
chromosome because we did not score the or did not sequence the non-twitcher F1s. Thus, we
underestimated the efficiency of CRISPR Cas9. Therefore, we estimate that the CRISPR yield
is superior to 16% of F1 which is comparable to unc-22 knock-outs in other non-model
nematode species, such as Panagrolaimus PS1159 (Hellekes et al., 2023) but lower than the
Auanema species that reached 100% when injected with lipofectamine in Adams' work (Adams,
et al. 2019).

In the model species C. elegans, we obtained both knock-outs when microinjected
outside the gonad. So far, in nematode species with syncytial gonads, microinjections had to
target the distal part of the gonads where germ cells are not cellularized. In C. elegans, we have
shown that injection inside the gonad remains more efficient than injections outside the gonad.
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Nevertheless, our results show that it is no longer necessary to have special microinjection skills

to obtain a decent yield of mutants in the progeny, provided HEPES is added to the mix.

All these findings presented here, bring us to a simplification of the CRISPR cas9
microinjection methods, making them easier and more efficient. Thus, our discovery opens the

way to full automatization of microinjection in C. elegans.

In summary, the addition of HEPES is the key factor in the successful delivery of the
CRISPR Cas9 complex in both model and non-model nematode species. It remains to be tested

whether this technique can also be applied to other species, nematodes and others.
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Individuals guideRNA 1 PAM guideRNA 2 PAM
B —— B ——

W-r ARATGGGAGAGAGCTGCCGGAAAGCACGAGGTATCGCTTCGARGCTCATGATGGAGTCTACAAATTCACGAT TAAAGAAGTCTGGGACATTGACGC TGGAGAGTACACATGTGAGGTGGCAAATGTGTT

AAATGGGAGAGAGCTGCCGGAAAGCACGAGGTATCGCTTCGRAGCTCATGATGGAGTCTACARATTCACGATTARAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGA -~~~ ——~
1 ARATGGGAGAGAG AAGAGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAGT TCACGAT TARAGAAGTCTGGGACAT TCACGCTGGAGAGTACACATGTGAGGTGGCARATGTGTT

2 ARATGGGAGAGAGCTGCCGGARRGCACGAGETATCGCTTCGAAGCTCATGATGGAGTCTACAAGTI TCACGAT TARAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGCGE -
ARATGGGAGAGAGCTGCCGGARAGCTCGAGGTATCGCTTCGAAGC TCATGATGGAGTCTACAAGT TCACGATTAAAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGCTEECAMATETETT

CACATGTG' GTCCATGTCCCAGACTTTCTTTAATCGTAACTTGTAGACTCCATCATGAGCTTCGAAGCGTACCCTOGGTGGCARATGTGTT

3 AMATGGGAGAGAGCTGCCGGAAAGCACGAGGTATCGCTTCGAAGCTCATGATGGAGTCTACARATTCACGATTARAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCAARTGTGTT
CGTGTGTTTCAGATCGAAGCTCATGATGGAGTCTACAA GTTCACGATTARAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCARATGTGTT

4 AAATGGGAGAGAGCTGCCGGARC- -ACGAGGTATCGCTTCGARGCTCATGATGGAGTCTACAAGT TCACGATTARAGAAGTC TGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCAAATGTGTT

5 ARATGGGAGAGAGCTGCCGGAA- -~~~ -AGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAGTTCACGATTARAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCAARTGTGTT
GTCTACAAGTTCACGATTARAGAAGTCTGGGACATTGACGCTGGAGAGTACACA - - ~GATGTGGCAAATGTGTT

GNNNTATCGCTTCGAAGCTCATGATGGAGTCTACAAATTCACGATTAAAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCARATGTGTT

6 ARATGGGAGAGAGCTGCCACCAAG
======TTCGCTTCGAAGCTCATGATGG-GTCTACARRTTCACGAT TAAAGAAGTCTGGGACATTGACGC TGGAGAGTACACAT

ARATGGGAGAGAGCTGCCGGARR -

ARATGGGAGAGAGCTGCCGGAAAG CATCGTTCGCAGCTAEGEMAAATTTGEMCACGTTETAGMAEGTTAAATCGAGAGT‘TTACTGTAEGAGTMGAETATGAGTMGMAAAACTGAuCTEAAM
CTTACTCTCCACAATCCCTGAGGCCAGCGATTCGCACATTGTTCTCCTTGACAATATCTCTACCCACAGTCATCCACTTTCCAACATTCACATCACGATATTGCACCACATAACCCAAARTCT'
CATCGTGCGGGGTTTECCMTTGAGATCGATCCMGTTCGMGEGAT}!CGRGGTATCGCTTCGA}\GCTCATGHTGGAG—CTACMGTTCACGAT"MACAAGTCTGGGACATTCACGCTGGAGAGTACACA'T
7 GTGTTTGGCAAATGTGCAGGTGGCARATGTGTT

AAATGGGAGAGAGCTGCCGGARAGCATCGTTCGCAGCT: ARGAAATTTGGAACACGTTCTAGARACGTTAAATCGAGAGTTTACTGTACGAGTAAAGACTATGAGTAARAGAAAAAACTGAGCTGARRR
CTTACTCTCCACAATCCCTGAGGCCAGCGATTCGCACATTGTTCTCCTTGACAATATCTCTACCCACAGTCATCCACTTTCCARCATTCACATCACGATATTGCACCACATAACCCARRATCTTC
CATCGTGCGGGGTTTCCCAATTGAGATCGATCCAAGTTCGAAGCGATACGAGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAGT TCACGATTAAAGAAGTCTGGGACAT TGACGCTGGAGA!
GTGTTTGGCAAATGTGCAGGTGGCARATGTGTT

CACAT

8 ARATGGGAGAGAGCTGCCGGAAAGATGCGACCGAACGCACGAGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAGTTCACGAT TAAAGAAGTCTGGGACATTGG: GGCGTGTACACATGTGATGIGGCAAATGTGTT
ARATGGGAGAGAGCTGCCGGAAAGCACGAGGTATCGCTTCGAAGCTCATGATGGAGTCTACARATTCACGATTARAGAAGTCTGGGACATTGA - -~ ~GGAGAGTACACATGTGAGGTGGCAARTGTGTT

9 AAATGGGAGAGAGCTGAACCTACTATAGATCGCAAATCA - - ~--GGCAAATGTGTT
ARATGGGAGAGAGCTGCCGGAAA - - - —--GGCAAATGTGTT

1 D AAATGGGAGAGAGCTGCCGGAAAGCATGAGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAATTCACGATTAAAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCARATGTGTT

ARATGGGAGAGAGCTGCCGGCAAGCACGAGGTATCGCTTCGARGCTCATGATGGAGTCTACAARTTCACGAT TAAAGAAGTCTGGGACATTGACGC TGGAGAGTACACATGTGAGGTGGCAAATGTGTT

11 AAATGGGAGAGAGCTGCCGGAAATGGL:
ARATGGGAGAGAGCTGCCGGAAATGGC-~

~GGTGGCAAATGTGTT
~GGTGGCAAATGTGTT

~AGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAATTCACGATTAAAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTTGGGTGGCARATGTGTT
~-AGGTATCGCTTCGARGCTCATGATGGAGTCTACARATTCACGATTARAGAAGT CTGGGACAT TGACGCTGGAGAGTACACATGTTGGGTGGCAAATGTGTT

12 ARATGGGAGAGAGCTGCCGGAAR-
ARATGGGAGAGAGCTGCCGGARA-

13 ARATGEGAGAGAGE TECCGGAAR T GG~ — = = = = == == = = o o GGTGGCARRTGIGTT
ARATGEGAGAGAGCTECCGGAART GG - = == = = = = = == = = = = = = = = o e e e e e GGIGGCARATGTGTT

AARTGGEGAGAGAGCTGCCGGARATGEE GGTGGCARATGTGTT
14 ARATGGGAGAGAGC TGCCGGAARTGEC = = == = = = = = o GGIGGCARATGTGTT

1 5 ARATGGGAGAGAGCTGCCGGAA- ~AGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAATTCACGATTAAAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCAAATGTGTT
AAATGGGAGAGAGCTGCCGGAA- -AGGTATCGCTTCGAAGCTCATGATGGAGTCTACARATTCACGATTAAAGAAGTCTGGGACATTGACGCTGGAGAGTACACATGTGAGGTGGCARATGTGTT
1 B AAATGGGAGAGAGCTGCCGGAAAGCACGAGGTATCGCTTCGAAGCTCATGATGGAGTCTACAAATTCACGATTARAGAAGTCTGGGACATTGACGCTGGAGAGTACACAT GGGGACACATGTGTT
ARATGGGAGAGAGCTGCCGGARAGCACGAGGTATCGCTTCGAACCTCATGATGCAGTCTACAAATTCACGATTARAGAAGTCTGGGACATTGACGCTGGAGAGTACAC - ———— -~~~ ~—~ ATGTGTT
AAATGGGAGAGAGCTGCCGGAAAGAA GAGGTGGCARATGTGTT
1 7 ARATGGGAGAGAGCTGCCGGAARGAA. GAGGTGGCAAATGTGTT

Figure S1: Sequencing alignment of 17 F1 twitchers. For each 17 individuals both chromosomes are
represented. Individuals 1-4 are from the same mother (P0). Individuals 5-17 are from the same mother
(PO). Individual n°3 present a inversion. PAM sequences are in yellow, mutations in orange and
polymorphic site in blue.
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Conclusion

In this chapter, we investigated the impact of the zwitterionic molecule HEPES on the
efficiency of CRISPR Cas9. We demonstrated that in M. belari, a minimum of 20 mM HEPES
is necessary to obtain CRISPR/Cas9-based mutants in the F1 generation. We went on to show
that the addition of HEPES to the injection mix facilitates the transport of the CRISPR complex
also in C. elegans. Indeed, in the presence of 20 mM HEPES, CRISPR/Cas9-based mutants
were obtained after microinjection outside the gonad.

Next, | used the same strategy to establish CRISPR/Cas9-based homologous repair, in
order to insert specific sequences, such as fluorescent tags, into the genome of M. belari. | have
tried to repair a double strand break using a single strand oligo, containing 50 bp homology
regions on each side of the break. | have also tried to insert plasmid by NHEJ using the
CRISPaint technigque (Schmid-Burgk et al., 2016). | used different strategies to screen for the
insertion: insertion of a restriction site for PCR/digestion detection, PCR detection with specific
primers in the repair template, systematic Sanger Sequencing of the region, etc. Unfortunately,
despite hundreds of injections and PCR, none of the techniques I have tried worked. Generally,
in all species tested so far, repair by HR is more difficult to achieve than repair by NHEJ. For
this reason, in cell culture lines for instance, elaborated strategies have been established to
downregulate the NHEJ pathway to increase the frequency of repair by HR. Another important
point is that HR occurs mainly during S phase, whereas NHEJ happens at all times in the cell
cycle. The gonad of M. belari is extremely small and contains very few proliferative cells
compared to those of other nematodes, in particular C. elegans. This is probably a major
constraint for the establishment of knock-in techniques through HR in this species.
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General Discussion

M. belari is an intriguing species at the boundary between sexuality and asexuality.
While both sexes are present in the population, females are largely predominant in the
population, accounting for 90% of individuals. Interestingly, although some sexual females

might be produced in the wild (see Model in Chapter 2), these females are exclusively asexually

produced. The population is therefore composed of 90% asexual females and 10% sexual males.
The contribution of males to the genome of the species is most likely null since they represent
only 10% of the individuals and their genome is diluted by two at each generation into the
female genome. Only the Y chromosome represents the male genome.

The contribution of males is clearly not genetic, but their existence remains crucial.
Indeed, by providing essential components for the development of the embryo, the sperm cell
is necessary to induce both female and male development. Most likely in this species, the
transition to strict parthenogenesis has not occurred because the oocytes depend on the sperm
for being activated and to find a source of centrosomes. The importance of maintaining both
sexes compels females to produce asexual and sexual individuals. Nonetheless, from a genetic

point of view, M. belari can be qualified as an asexual species.

In M. belari, the meiosis that generates future males is canonical and results in the
formation of a haploid gamete. In this case, diploidy is restored by the fusion of male and female
haploid DNA after fertilization. This type of oocyte is, therefore, called amphimictic. In
contrast, the meiosis that generates future females is altered from the canonical state and results
in the formation of a diploid or unreduced gamete. Since the males do not contribute any gene
to the female progeny, these eggs are named gynogenetic. As discussed in Chapter 1, there are
multiple manners to generate unreduced gametes. | have found that in the unreduced oocytes
of M. belari, meiosis | is abortive. My results further suggest that anaphase B is absent during

meiosis | (Anaphase B is prevented). It is still not known whether the chromosomes enter

anaphase B and arrest or whether anaphase B is not initiated. However, anaphase B is present
in meiosis | of amphimictic and in meiosis Il of both amphimictic and gynogenetic oocytes.
Therefore, during meiosis I, females are able to switch on and/or off the ability to perform
anaphase B. This ability could be under the control of mMRNAS, proteins or small RNAs that are

preferentially deposited by the mother during oogenesis. Further experiments are needed to
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understand how anaphase B is prevented or activated and which factors enable this

phenomenon.

M. belari species has a widely heterozygous genome (presented in Co-Segregation in

Chapter 2). In unreduced oocytes, the abortion of meiosis | leads to the assortment of non-sister
chromatids in the gynogenetic eggs. As Chapter 1 argues, in absence of recombination, the
assortment of non-sister chromatids promotes the maintenance of heterozygosity. However,
both cytological and genomic evidence (presented in Co-Segregation in Chapter 2)

demonstrated that all chromosomes recombine and this, at each generation. Importantly,
recombination events are not restricted to the tips of chromosomes. The presence of
recombination raised a paradox in M. belari that could be resolved by combining cytology and
genomics analyses. With this combination, we hypothesised the existence of a new mechanism
for maintaining heterozygosity, the Directed Chromatid Assortment. We proved that during the
meiosis of gynogenetic oocytes, the two recombinant chromatids of a pair of chromosomes are
associated to be either expelled into the pole body or retained in the unreduced gamete. In
addition, modeling demonstrated that Directed Chromatid Assortment is rapidly selected in an

asexual population where the loss of heterozygosity is detrimental.

Directed Chromatid Assortment is to our knowledge a novel mechanism of chromosome
segregation. Regardless of its impact on understanding the emergence and maintenance of
asexual species, it reveals how flexible is meiosis and how much remains to be discovered by
the study of asexual species. Modeling suggests that this segregation bias appeared at the same
time as asexuality and thus contributed to the invasion of asexuality in the population. Indeed,
in absence of Directed Chromatid Assortment (DCA), an even with rare events of sexuality, the
genome of M. belari would rapidly suffer from a loss of heterozygosity, which is most likely

detrimental for the species.

The existence of DCA raises many questions on the underlying molecular mechanisms.
In order to associate recombinant chromatids, the cell must be able to distinguish between
recombinant and non-recombinant chromatids within a given pair of chromosomes. Before
recombination, future recombinant chromatids are specifically marked for crossover.
Consequently, we hypothesise that during recombination, specific ornamental proteins may be
maintained on the DNA of recombinant chromatids which allows their identification. Later, for
DCA, a biased orientation of these labelled chromatids must occur. Alternatively, the

recombinant chromatids may still be connected and linked, which favours their co-orientation
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during the next division. There is still a lot of work to be conducted to demonstrate the

mechanism behind the process of Directed Chromatid Assortment.

Our work highlights the power of the Directed Chromatid Assortment mechanism.
Thus, given the penetrance of the Directed Chromatid Assortment in parthenogenetic

populations, this mechanism may not be limited to the M. belari species.

As described in Chapter 1, many asexual species have a heterozygous genome although
there is no mechanistic explanation for that. Often, the cytology is missing or unclear.
Therefore, many asexuals have been considered non-recombining asexuals because only the
absence of recombination offers a simple explanation for the maintenance of heterozygosity in
the long term. For some recombining asexual, however, it has been shown, that a displacement
of the crossing over at the tip of the chromosome maintains a largely heterozygous genome.
We propose DCA could have been selected as an alternative mechanism to avoid LOH in
several lineages and is probably not restricted to M. belari. Indeed, Directed Chromatid
Assortment could also promote heterozygosity in oribatid mites, the bee Apis mellifera capensis
and the rotifer Adineta vaga. In these species, modifications in meiosis may also have caused
meiosis abortion and biased chromatid segregation. The combination of these two
modifications could be a major event in the emergence of asexuality. Furthermore, sister
chromatid assortment associated with Directed Chromatid Assortment could sustain the asexual

lineage in the long term.

With regard to the fascinating findings reported in M. belari, it is now undeniable that
these works could not have been done without the combination of several disciplines such as
cytology, genomics and modeling. Therefore, in the last sentence of my manuscript, after four
magnificent years of work, I invite all readers of my work to re-evaluate the contribution of

Cell Biology to the study of the wonderful world of asexual species evolution.
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Abstract

Sexuality is the most ancestral and common reproductive system but several forms of
reproduction without sex exist. This requires modifications of female meiosis, for the
production of unreduced gametes. The genomic consequences of asexuality have been well
studied but much less is known about the cellular and molecular changes at the origin of new

types of meiosis in asexuals.

In my thesis, | first explored how asexual females are produced in the nematode species
Mesorhabditis belari. | discovered that during meiosis, homologous chromosomes undergo
crossing-overs. However, meiosis | is abortive due to a default in anaphase B. Meiosis Il next
proceeds normally giving rise to diploid oocytes with an assortment of non-sister chromatids.
The theory predicts that species undergoing such modified meiosis with recombination should
have a widely homozygous genome. However, our collaborators demonstrated that the genome
of M. belari is widely heterozygous, which raised a paradox. Using a combination of cytology
and genomics we uncovered this species undergoes a new type of meiosis, which we named
Directed Chromatid Assortment (DCA), whereby the two recombinant chromatids of a given
pair of chromosomes co-segregate during the meiotic division. We demonstrated that DCA

allows the maintenance of genome-wide heterozygosity in an asexual, despite recombination.

In parallel, | searched for genes involved in oocyte determination, using molecular and
cytological tools. In doing so, | developed the CRISPR Cas9 technique in M. belari. Finally, I
wrote a review which summarizes my readings and thoughts on the importance of cytological

approaches for the study of asexuality.
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