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Preamble 

The discovery of the molecular structure of DNA (Franklin and Gosling, 1953; Watson and Crick, 1953) 

provided essential insights into how it could carry out its function of heritable information storage. This 

led to the idea that the order of the four bases of the otherwise identical nucleotides acted as a code, and 

the zipper-like organization into two complementary could provide the means for a semi-conservative 

replication, as shown later experimentally. Next, the first level of chromatin organization with the 

packing of DNA around histones into nucleosomes, forming ‘beads-on-a-string’, and its link with 

transcriptional output opened up a whole range of additional questions. When considering the 

arrangement of chromatin at the scale of the nucleus, early observations showed that it is clearly non-

random (Rabl, 1885; Boveri, 1888). However, attempts to bridge the gap between the nucleosomal and 

the nuclear scale have only begun succeeding recently. This has been possible thanks to the combined 

progress in the development of powerful sequencing techniques, as well as improvements in microscopy 

and automation. Furthermore, when examining these different scales, the dynamic nature of chromatin 

organization throughout the life of a cell should be considered. Chromatin undergoes major 

reorganization during each cell cycle: it is entirely duplicated upon replication in S phase, incorporating 

new histones; it forms highly condensed chromatids in mitosis to facilitate cell division and then it de-

compacts as cells enter G1, allowing RNA polymerases and other proteins to access DNA and prepare 

for S phase re-entry. In the context of development, chromatin also undergoes major changes in its 

composition and arrangement. During gametogenesis, this contributes to the formation of highly 

specialised gametes, while upon fertilization extensive reprogramming occurs to establish the totipotent 

zygote and subsequently commit to distinct cell lineages in early embryogenesis. 

Understanding the relationships between different levels of chromatin organization and the mechanisms 

that drive them is an exciting and still open question. We do not know to what extent chromatin structure 

contributes to the regulation of the various processes exerted onto DNA, including replication, repair 

and transcription, and whether this role is context-specific. Conversely, while there is ample 

documentation concerning how these activities disrupt nucleosome organisation, the investigation on 

their impact on the higher-order arrangement of chromatin is still under way.  

During my Ph.D., I aimed to address this gap of knowledge by investigating how changing the 

composition of the nucleosome affects higher-order organization of the genome. I then asked whether 

this is linked to chromatin function, focusing on DNA replication.  

In the following introduction, I will provide an overview of chromatin and its main components. I will 

describe the key features of its organization in interphase cells and the methodologies used to discover 

them, before diving into the process and control of DNA replication. I will then present my results on 

the role of the H3.3-specific chaperone HIRA on chromatin organization. Finally, I will discuss my 

findings in the context of current literature to open up perspectives beyond this work.  
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1. Chromatin organization: from nucleosomes to nuclei 

1.1. Foreword 

The term ‘chromatin’ introduced by Walter Flemming (1882, 1879) described the linear dye-stained 

structures he observed in the nucleus of mitotic cells (Figure 1A). He suggested that it corresponded to 

the ‘nuclein’ isolated by Friedrich Miescher (1871) from lymphocyte nuclei, which was the first 

purification of deoxyribonucleic acid (DNA). Along with the negatively charged nuclein, Miescher 

isolated positively charged proteins, which he termed ‘protamines’ from salmon sperm. In 1884, 

Albrecht Kossel biochemically purified histones from avian erythrocytes for the first time, thus defining 

chromatin as a nucleic acid complexed with proteins. They hypothesized that chromatin was the 

hereditary material of the cell, a theory proven right and further developed in the early 1900s with the 

re-discovery of the principles of Mendelian genetics (de Vries, 1900a, 1900b; Sutton, 1900), with the 

idea of genes as units of heredity (Morgan, 1910) and the discovery of a ‘transforming principle’ 

(Griffith, 1928). However, it was not until 1944 that DNA was identified as the carrier of genetic 

information (Avery et al., 1944). 

In terms of molecular insight, following the discovery of the structure of the DNA double helix (Franklin 

and Gosling, 1953; Watson and Crick, 1953; Wilkins et al., 1953), it is the description of its organization 

with a set of histones to define the basic unit termed ν (‘nu’) body, and their appearance as ‘beads on a 

string’ that set the stage only 20 years later (Olins and Olins, 1974; Woodcock et al., 1976, Figure 1B). 

Figure 1. Early visualizations of chromatin 

A. Drawings of mitotic chromosomes (chromatin) by Walter Flemming, 1882. B. Electron micrographs of 

ν bodies (nucleosomes) arranged as ‘beads on a string’ from chromatin spreads at low ionic strength, scale 

bar = 30m (adapted from Olins and Olins, 2003). C. Drawings of heterochromatin of the Pellia epiphylla 

by Heitz (1928).  
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In the meantime, biochemical (Johns et al., 1960) and structural (D’Anna and Isenberg, 1974; Roark et 

al., 1974) characterisation of histones proceeded, while work on nuclease-treated chromatin revealed 

that association with histones protected DNA from digestion (Sahasrabuddhe and Van Holde, 1974). 

These studies culminated in a model of the nucleosome (Oudet et al., 1975), comprising ~200bp DNA 

and an octamer of histones (Kornberg, 1974).  

However, it had been already established that at a chromosomal level, chromatin structure was not 

homogenous. Studying moss cells, (Heitz, 1928) observed that several chromosomes contained darkly 

stained condensed regions persisting after mitotic exit, which he termed ‘heterochromatin’, as opposed 

to ‘euchromatin’, which could not be observed in interphase (Passarge, 1979, Figure 1C). Furthermore, 

light (euchromatin) bands of Drosophila melanogaster salivary gland polytene chromosomes were 

shown to be gene-rich (Heitz, 1935), transcriptionally active (Pelc and Howard, 1956) and early-

replicating (Fujita, 1965; Pelling, 1964), establishing a correlation between chromatin structure and 

function. Chemical modifications of histones like acetylation and methylation were linked to 

transcription (Allfrey et al., 1964) and chromatin compaction (Grunstein, 1997). In addition, a role for 

nucleosome positioning was put forward in the regulation of gene expression (Jiang and Pugh, 2009). 

In the 1990s, chromatin research merged with the broader field of ‘epigenetics’. The term introduced 

by the embryologist Conrad Waddington in 1942, derived from the early concept of ‘epigenesis’ 

(Aristotle, William Harvey, 1651) whereby complexity emerges progressively during the development 

of an organism starting from a naïve entity, the egg. According to Waddington (1942), epigenetics 

established the connection between ‘genotype and phenotype’, which required the integration of 

inherited (genetic) information and environmental signals. In this context, he proposed that in 

development, cell fate determination is a process of canalisation during which a cell will follow a path 

down an ‘epigenetic landscape’, shaped by the action of specific genes (Waddington, 1957, Figure 2). 

Since then, the definition of epigenetics has undergone several changes and is still a matter of debate. 

In a molecular context, it has been defined as ‘the study of mitotically and/or meiotically heritable 

changes in gene function that cannot be explained by changes in DNA sequence’ (Russo et al., 1996). 

Here, I will consider epigenetics as adaptations of chromatin components (DNA, RNA, and histones) 

and its higher-order organization, as to register, enforce and maintain changes in activity (Bird, 2007). 

In the following section, I will describe how chromatin is organized across multiple scales in the 

nucleus, from its basic unit, the nucleosome, to its arrangement in the nucleus. I will then detail how 

this organization is dynamically altered during the cell cycle, in development and in disease, and what 

is its functional importance in these contexts. 
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1.2. DNA 

DNA is a long nucleic acid polymer which encodes the hereditary genetic information in all living 

organisms. Its right-handed double helix structure is formed by two strands of nucleotides running anti-

parallel to each other (Franklin and Gosling, 1953; Watson and Crick, 1953; Wilkins et al., 1953). Each 

strand has a sugar-phosphate backbone, and the two are held together by pairing of the complementary 

bases adenine (A) and thymine (T) or guanine (G) and cytosine (C) (Chargaff, 1950). In eukaryotic 

nuclei, DNA is organised in several linear molecules, termed chromosomes (Waldeyer, 1888), which 

are typically present in two copies (homologues) in most cell types, making them diploid.  

Like histones, DNA can be chemically modified (Greenberg and Bourc’his, 2019), and the most 

common modification detected in mammalian cells is 5mC, the addition of a methyl (-CH3) group to a 

cytosine 5’-carbon (Razin and Cedar, 1977), although others (5hmC, 5-hydroxymethyl-C, 6-mA, N6-

methyl on adenine) have been more recently detected (Liyanage et al., 2014). In early embryonic 

development, 5mC methylation (DNAme) is established de novo by the DNA methyltransferases 

(DNMT) DNMT3A, DNMT3B and their co-factor DNMT3L (Bourc’his et al., 2001; Okano et al., 1999, 

1998), after global erasure of parental DNAme patterns after fertilization (Monk et al., 1987; Sanford 

et al., 1987). In somatic cells, hemi-methylated DNA is produced because of semi-conservative DNA 

replication as unmodified nucleotides are incorporated in the daughter strands. In this context, DNAme 

of the daughter strand is catalysed by DNMT1, which is recruited to hemi-methylated palindromic CG 

di-nucleotides, also called CpGs (Bird, 1978; Doskočil and Šorm, 1962) by its interactor UHRF1 

(Bostick et al., 2007; Nishiyama et al., 2013). For a long time, it was thought that DNAme could only 

be lost through dilution over cell division in the absence of DNMT1 in a process termed ‘passive 

demethylation’, until the discovery of ten-eleven translocation (TET) dioxygenases (He et al., 2011; Ito 

Figure 2. Waddington landscape of epigenetics 

A. The cell (represented by the ball) at the top of the diagram can follow different developmental 

trajectories (paths down the slope), but changing or reverting cell fate requires overcoming a threshold. B. 

The surface of the epigenetic landscape is modelled by the underlying genetic factors (represented by the 

pegs) interplaying with environmental cues (adapted from Waddington, 1957). 
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et al., 2011, 2010; Tahiliani et al., 2009). TET enzymes can catalyse several consecutive oxidations of 

5mC and its products until its conversion to 5caC (5-carboxy-C), which is recognised and exchanged 

with an unmodified base by base excision repair (BER, Maiti and Drohat, 2011; Weber et al., 2016).  

CpGs are sparsely distributed along the mammalian genome, except for CpG islands (CGIs), which are 

CpG clusters of ~1kb in size, commonly found near gene promoters (McKeon et al., 1982). The majority 

(70-80%) of non-CGI CpGs are methylated (Bird et al., 1985), contributing to repression of 

transposable elements. Conversely, CGIs are largely unmodified, except at imprinted, germline-specific 

or inactive X genes, where their methylation is key for stable repression (Li and Zhang, 2014). DNAme 

can directly inhibit binding of transcription factors, preventing activation of their target genes, but it 

often acts in concert with other repressive mechanisms, including histone deacetylation (Razin, 1998) 

and histone H3 lysine (K) 9 trimethylation (H3K9me3, Hashimshony et al., 2003).  

In addition to modulating the state of histone post-translational modifications (PTMs), DNAme has also 

been reported to change the physical properties of nucleosomes, increasing their rigidity (Choy et al., 

2010) and the amount of DNA wrapping around the histone core (Lee and Lee, 2012) in vitro. In a 

recent study, Buitrago et al. (2021) introduced DNMTs in Saccharomyces cerevisiae, normally absent 

in this species, demonstrating that DNAme alone is sufficient to decrease chromatin flexibility. 

However, data suggesting DNAme can increase nucleosome accessibility has also been reported, 

although differences may be due to the various techniques and sequences used (Shuxiang Li et al., 

2022). Nevertheless, it is important to consider how methylation impacts the physical properties of 

DNA and consequently, its organisation into chromatin. 

1.3. The nucleosome: the basic unit of chromatin 

The length of the haploid human genome is ~3 billion base pairs, or about 2m DNA. Its compaction 

allows it to fit in a nucleus of average size of 10um yet it retains the ability to carry out processes like 

transcription and replication in a highly regulated manner. This is achieved by organising DNA into 

chromatin, the basic unit of which is the nucleosome (Figure 3, Olins and Olins, 2003). 
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The nucleosome core particle (NCP) consists of an octamer of four histones, H2A, H2B, H3 and H4, 

with ~146bp DNA wrapped around it ~1.65 times in a left-handed helix (Figure 4A, Luger et al., 1997). 

Core histones are small (~20KDa), positively charged and among the most highly conserved proteins 

throughout eukaryotes. Each exhibits a characteristic ‘histone fold’ motif: 3 alpha helices connected by 

flexible loops (1-L1-2-L2-3) forming a U-shape, flanked by extending N- and C-terminal tails. 

H2A-H2B and H3-H4 dimers are formed through the ‘handshake’ interaction of their histone fold 

domains (HFDs) in an anti-parallel orientation. The H3-H4 tetramer is established through a bundle of 

the two 2 and 3 helices of H3, whereas a similar interaction between H4 and H2B enables the 

formation of the octamer. This results in a histone core with a pseudo-dyad (two-fold) symmetry, whose 

central axis is at the H3-H3’ interface (Luger et al., 1997).  

Nucleosomes comprise the NCP and the 20-90bp linker DNA which connects them to one another (Van 

Holde, 1989). Linker DNA can be bound by histone H1, which is non-nucleosomal and the least 

conserved of the histones (Figure 4B). It contains a globular domain and positively charged tails (Allan 

et al., 1980; Ramakrishnan et al., 1993). H1 is thought to associate with DNA at the entry/exit site of 

the nucleosome, found at the dyad axis (Bednar et al., 2017; Noll and Kornberg, 1977; Simpson, 1978). 

Thus, H1 binding is proposed to reduce nucleosome mobility, promote compaction and stabilise higher-

order chromatin organization (Prendergast and Reinberg, 2021). 

Figure 3. Chromatin folding: from nucleosomes to nuclei 

The first level of chromatin organisation is the formation of the basic unit, the nucleosome, followed by 

the assembly of higher-order structures. This allows the genome to be contained in the nucleus and to fulfil 

its functions. Nucleosomes themselves are versatile entities whose composition, post-translational 

modifications and occupancy provide opportunities for regulation of both the structure and the function of 

chromatin (image from Yadav et al., 2018). 

Figure 4. Insights into nucleosome structure 

A. Crystal structure of the nucleosome core particle, viewed from the top (left) and the side (right), at 2.8Å 

resolution (adapted from Luger et al., 1997). B. Schematic (left) and crystal structure of the globular domain 

of X. laevis H1.0 at 5.5Å resolution (adapted from Bednar et al., 2017). 
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Although the entire genome is packaged into nucleosomes, they are not all the same: their positioning 

and stability can be influenced by the underlying DNA sequence, its methylation status and the variants 

or modifications of the core histones. This makes nucleosomes a versatile unit which can contribute to 

the regulation and/or execution of processes using DNA as a template, in addition to the higher-order 

arrangement of chromatin. 

1.3.1. Histone post-translational modifications 

Histones, like other proteins, are subject to post-translational modifications (PTMs), which can affect 

nucleosomal structure and/or function. Many histone marks are specifically deposited, recognised, or 

removed by dedicated proteins, termed ‘writers’, ‘readers’ and ‘erasers’, respectively. These are often 

part of large multi-protein complexes and their activity along the genome is controlled via regulation of 

their expression or interaction with accessory subunits or chromatin-associated factors like histone 

chaperones, chromatin remodellers, transcription factors and RNA polymerase. The dynamic deposition 

and removal of histone PTMs, coupled with nucleosome turnover and histone variant exchange, enables 

the establishment, maintenance, and modification of distinct chromatin states throughout the cell cycle 

and in response to developmental cues, external stimuli, and stress (Loyola and Almouzni, 2007). 

Among the most widely studied marks are acetylation, methylation, and phosphorylation, although 

many more PTMs have been detected (Millán-Zambrano et al., 2022).  

Following their synthesis, histones undergo specific modifications prior to their incorporation into 

chromatin with a few exceptions. Notably, newly translated H4 is acetylated at K5 and K12, which is 

quickly removed after incorporation into chromatin, providing a proxy to follow histone dynamics. 

Additionally, the two H3 variants, H3.1 and H3.3 exhibit different modifications on K9 (H3.1K9me1 

vs H3.3K9ac), priming them for interactions with distinct readers after nucleosome assembly (Loyola 

et al., 2006). Once on chromatin, histones can be further modified depending on their surrounding 

environment or the binding of trans-acting factors which recruit writers or erasers. The establishment 

of chromatin states is mediated by the initial recruitment of histone modifiers by a cell-type specific 

combination of TF/DNA-binding protein occupancy, genome sequence (e.g. Polycomb responsive 

elements in D. melanogaster) and non-coding transcripts (e.g. Xist from the inactive X or Major satellite 

RNA from PHC, Allshire and Madhani, 2018).  

Once established, PTMs can spread from the site of nucleation and/or be maintained through cell 

division by coupling of their read/write mechanisms. This has been well-characterised for the 

heterochromatin marks H3K9me3 and H3K27me3. H3K9me3 is ‘read’ by HP1a, which recruits its 

writers SetDB1 and Suv39h1/2 (Allshire and Madhani, 2018). H3K27me3 is recognised by the PRC1 

complex, which deposits another mark, H2AK119ub, recognised by the H3K27me3 writer complex 

PRC2 (Schuettengruber et al., 2017). H3K9me3 and H3K27me3 also allosterically stimulate the activity 

of their respective writers, thereby promoting their maintenance in the absence of the original trigger 
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(Escobar et al., 2021). This positive read/write feedback allows the formation of domains bearing 

H3K9me3 or H3K27me3 covering large regions of the genome and is thought to contribute to their 

function in stable repression throughout the cell cycle (Allshire and Madhani, 2018, Schuettengruber et 

al., 2017). It also argues they function as bona fide epigenetic marks, unlike other PTMs with high 

turnover, often associated with activity (Escobar et al., 2021).  

Although both H3K9me3 and H3K27me3 are associated with repression, they display distinct genomic 

distribution (Peters et al., 2003). H3K9me3 is enriched at constitutive heterochromatin like repetitive 

DNA sequences (pericentromeres, telomeres, retroviral elements) (Mikkelsen et al., 2007; Nicetto and 

Zaret, 2019; Peters et al., 2001), whereas H3K27me3 decorates developmental genes in facultative 

heterochromatin like the inactive X in females in mammals (Aranda et al., 2015; Bernstein et al., 2006). 

Other modifications have been rather associated with activity. For instance, H3K36me3 is found at gene 

bodies, where it is deposited co-transcriptionally due to the interaction of RNA polymerase II (RNAPII) 

with the methyltransferase SetDB2 (Edmunds et al., 2008; Yoh et al., 2008). H3K4me1, H3K4me3 and 

H3K27ac are found at active regulatory elements (Heintzman et al., 2009; Rada-Iglesias et al., 2011) 

due to the recruitment of their modifiers (MLL3/4, SET1A/B and p300/CBP, respectively) by DNA-

bound TFs, also facilitated by the presence of already established active marks (Schuettengruber et al., 

2017; Shahbazian and Grunstein, 2007). 

Histone modifications have been suggested to exert either direct (by influencing charge-dependent 

DNA-histone or histone-histone interactions) or indirect (via recruitment of ‘readers’) effects on 

chromatin organization and subsequently, genome function. An example of PTMs with a direct effect 

is acetylation of lysines in the nucleosome core (H3K56, H3K64, H3K122), which result in reduced 

nucleosome stability and/or increased spontaneous DNA unwrapping (‘breathing’, Millán-Zambrano et 

al., 2022). Indeed, histone acetylation was the first type of histone PTM shown to correlate with 

increased RNAPII activity (Allfrey et al., 1964). Further studies have shown increase transcription rate 

in vitro with these modifications (Protacio et al., 2000; Tropberger et al., 2013). In vivo, acetylation at 

various positions in the histone core (H3K64ac, Di Cerbo et al., 2014) and the N-terminal tail is 

observed at active promoters (H3K9ac, Wang et al., 2008) and enhancers (H3K27ac, Creyghton et al., 

2010; Heintzman et al., 2009). Unlike acetylation, methylation does not change the charge of the residue 

it is added to, and there is no general relationship between transcription and histone methylation, 

indicating its potential effects on genome function are more likely indirect. This is also supported by 

the association of different methylation levels (me1/2/3) with distinct genomic features, and the fact 

that N-terminal tail PTMs do not impact nucleosome stability (Millán-Zambrano et al., 2022). 

Despite the strong correlation between combinations of histone PTMs and specific chromatin states 

(Figure 5), whether the marks instruct genome function or result from genome activities in vivo has 

remained an ongoing debate. Considering the promoter mark H3K4me3 (Bernstein et al., 2005; 

Pokholok et al., 2005) functional studies showed that it is dispensable for transcription in many cases 
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(Henikoff and Shilatifard, 2011), although it may contribute to reinforce expression programmes  

(Millán-Zambrano et al., 2022). Mechanistically, recent work demonstrated how it may impact RNAPII 

promoter-proximal pausing and elongation (Wang et al., 2023), yet its writer SET1A/B can also regulate 

expression independently of its methyltransferase activity (Hughes et al., 2023). Thus, this histone 

PTMs may simply reflect an epigenetic memory of the binding of their writers, which contribute to 

genome function through non-catalytic functions (Henikoff and Shilatifard, 2011). On the other hand, 

the presence of H3K4me3 inhibits de novo DNA methylation (Ooi et al., 2007), which takes place in 

early development: a stage at which H3K4me3 exhibits a broader genome-wide enrichment pattern, 

thought to prevent from inappropriate DNAme (Zhang et al., 2016). Conversely, DNAme prevents 

H3K4me3 deposition by MLL2 in oocytes (Hanna et al., 2018), highlighting the fact that histone PTMs 

can interplay with other mechanisms of epigenetic regulation. This also showcases that a PTM may not 

necessarily recruit readers to actively stimulate a process like transcription, but rather prevent the 

binding of inhibitory factors (Millán-Zambrano et al., 2022, Schuettengruber et al., 2017). Finally, the 

role of a PTM should not be considered in isolation, but in the context of its surrounding chromatin 

landscape: despite the link of H3K4me3 with expression, it can also co-occur on the same nucleosome 

with the repressive H3K7me3 mark, forming ‘bivalent’ chromatin (Bernstein et al., 2006). Bivalency 

maintains genes in a poised state in early development before lineage commitment, at which point genes 

become fully expressed or repressed and the bivalent domains are resolved, becoming solely H3K4me3 

or H3K27me3-marked, respectively (Vastenhouw and Schier, 2012). 

In summary, modifying histones once they are incorporated into chromatin can contribute to the 

regulation of DNA-templated processes or the establishment of chromatin landmarks. However, the 

modified nucleosomes are not static: histones turn over and may be exchanged for different variants 

which may contain unique modifiable residues, providing an additional layer of complexity. 

Figure 5. Histone PTM distribution at genes 

Profiles of histone PTM enrichment at active (top) and inactive (bottom) genes (adapted from Barth and 

Imhof, 2010). 
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1.3.2. Histone variants  

All core (Franklin and Zweidler, 1977) and linker H1 (Kinkade and Cole, 1966) histones exist as several 

non-allelic variants, which can be highly similar in amino acid (AA) sequence, but are subject to 

different expression regulation, chromatin incorporation and/or eviction and modifications. Due to their 

basic nature, free histones tend to form cytotoxic aggregates, so throughout their cellular life they are 

escorted by dedicated chaperones (Gurard-Levin et al., 2014, discussed in detail in Histone chaperones). 

The incorporation of each histone variant into chromatin plays a key role in establishing distinct 

epigenetic states, thus contributing to the control of genome organisation, transcriptional activity and 

cell identity (Mendiratta et al., 2019; Yadav et al., 2018).  

Histone variants (Table 1) can be classified in two main groups: replicative and non-replicative (also 

called replacement for H3.3), based on their expression pattern during the cell cycle and mode of 

incorporation into chromatin. Replicative variants (often referred to as ‘canonical’ histones) have a peak 

of expression in S phase and their deposition is DNA synthesis-coupled (DSC), ensuring the immediate 

assembly into chromatin of newly replicated DNA (Alabert and Groth, 2012; Corpet and Almouzni, 

2009) and protecting it from damage (Ye et al., 2003). The tight coupling between cell cycle progression 

and replicative histone expression is mediated in part by their unique gene organization. Firstly, in 

mammals, replicative histone genes show the following characteristics: they have short UTRs, no 

introns and a conserved stem loop at their 3’ end. Their mRNAs are not polyadenylated and are instead 

processed by specific factors like stem-loop binding protein (SLBP), required for cleavage of their 3’ 

stem loop. Moreover, replicative histone genes are organised in clusters (HIST1, 6p22, HIST2, 1q21 

and HIST3, 1q42 in human), which are spatially compartmentalised in the nucleus in foci termed histone 

locus bodies (HLBs, Liu et al., 2006). HLBs are present throughout S phase and enriched for factors 

required for the transcription and processing of replicative histone genes (Mendiratta et al., 2019). 

Conversely, expression of non-replicative variants does not peak in S phase, and their deposition onto 

chromatin is DNA synthesis independent (DSI). This is important for the maintenance of chromatin 

integrity, as nucleosomes can be evicted during transcription or DNA repair outside of S phase, and they 

need to be re-assembled (Ray-Gallet et al., 2011). Incorporation of non-replicative variants is also key 

for defining chromatin landmarks: for example, the presence of the centromeric H3 variant CENP-A 

(CenH3) defines the position of the centromere in mammalian cells. Additionally, CENP-A 

demonstrates that replacement variant expression and dynamics can also be subject to tight cell cycle 

control, as its transcription and deposition are restricted to G2/M and G1, respectively (Müller and 

Almouzni, 2017). 
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 Table 1. Core histone variants in mammals 

Histone Chaperones (function) Function (genome distribution) 

H2A     

H2A 

(replicative) 

NAP1 (import & deposition) 

FACT, Nucleolin (deposition & exchange) 

POLA1 (recycling at replication fork) 

chromatin integrity  

(genome-wide) 

H2A.X FACT (deposition & exchange) DNA damage response, chromatin remodelling  

(genome-wide) 

H2A.Z.1 p400/SRCAP (deposition) 

ANP32E/INO80 (eviction) 

POLA1 (recycling at replication fork) 

binding of regulatory complexes  

(regulatory regions (promoters, enhancers), 

heterochromatin) 

H2A.Z.2.1 p400/SRCAP (deposition) 

ANP32E (eviction) 

POLA1 (recycling at replication fork) 

H2A.Z.2.2 

macroH2A1.1 ATRX (antagonises deposition) 

FACT (eviction) 

gene silencing and higher-order compaction 

(heterochromatin) macroH2A1.2 

macroH2A2 

H2A.B 

(H2A.Bbd) 

NAP1 (deposition and removal) nucleosome destabilization, transcription and 

splicing (euchromatin), testis and brain only 

H2A.L NAP2L4 (H2A.L2 splice form) histone-to-protamine transition,  

absent in human, testis-specific 

H2B     

H2B 

(replicative) 

co-chaperoned with H2A as a dimer chromatin integrity  

(genome-wide) 

H2B.W 

(H2BFWT) 

SWI-SNF (remodelling) testis-specific 

H2B.1 

(TH2B) 

 
histone-to-protamine transition, testis-specific 

H3     

H3.1, H3.2 

(replicative) 

NAP1 (import) 

NASP1 (protection from degradation) 

ASF1 (transfer to CAF-1) 

CAF-1 (de novo deposition at DNA synthesis sites) 

Spt2 (deposition) 

FACT (exchange) 

MCM2/POLE3-4/POLA (replication fork recycling) 

chromatin integrity  

(genome-wide) 

H3.3 NAP1 (import) 

NASP1 (protection from degradation)  

ASF1 (transfer to HIRA),  

HIRA (de novo deposition & recycling at active sites) 

DAXX-ATRX (deposition at heterochromatin),  

DEK (supply to DAXX-ATRX at PML bodies),  

Spt2 (deposition) 

FACT (exchange) 

MCM2/POLE3-4/POLA (replication fork recycling) 

transcriptional activation  

(active genes and regulatory regions);  

heterochromatin formation and telomere 

stabilization  

(repetitive elements) 
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The number and diversity of variants differ substantially between histone families (Table 1). Linker 

histone H1 has many variants, in addition to the five replicative H1.1-H1.5. Notably, there is 

considerable sequence variability between its replicative variants, which is conserved among species, 

suggesting they carry out different functions (Prendergast and Reinberg, 2021). H1 has long been linked 

with gene repression and chromatin compaction, but disentangling the biological functions of its 

variants has been challenging due to their different expression levels and distinct enrichment patterns 

depending on the variant, cell state and stage of the cell cycle. Generally, replicative H1 variants are 

enriched in heterochromatin, whereas its two somatic replacement variants, H1.0 and H1x tend to be 

found in more GC-rich, open chromatin regions (Millán-Ariño et al., 2016). H1 also has three testis-

specific (H1t, H1T2, HILS1) variants, which are expressed during different stages of spermatogenesis 

and contribute to progressive chromatin compaction prior to the histone-to-protamine exchange. 

Finally, the oocyte-specific H1oo which is required for chromatin compaction and development of the 

female gametes persists until ZGA and is incorporated in the paternal pronucleus at the protamine-to-

histone transition (Pérez-Montero et al., 2016). 

Concerning H4, only one hominidae-specific H4 variant, H4G, has been identified to date. Localised in 

the nucleolus, it is thought to promote rDNA transcription through chromatin decompaction, leading to 

increased proliferation of breast cancer cells (Long et al., 2019; Pang et al., 2020).  

In mammals, H2B has few variants: subH2B (H2B.L, in rodents and primates, but not humans), H2B.E 

(expression restricted to olfactory neurons in mouse, Santoro and Dulac, 2012, and down-regulated in 

human neoplastic keratinocytes, Rotondo et al., 2015), and H2B.W and H2B.1, both of which are testis-

Table 1. Core histone variants in mammals 

Histone Chaperones (function) Function (genome distribution) 

H3     

CENP-A HJURP (deposition) 

MCM2 (recycling at replication fork) 

centromere identity and genome stability 

(centromeres) 

H3.Y 

(H3.Y.1) 

HIRA (deposition)  regulation of cell cycle genes (euchromatin), 

primate-specific, testis and brain only 

H3.X 

(H3.Y.2) 

primate-specific, testis and brain only 

H3.4  

(H3T, H3.1t) 

NAP2 (deposition at euchromatin) histone-to-protamine transition, testis-specific 

H3.5 
 

H4     

H4 

(replicative) 

co-chaperoned with H3 as a dimer chromatin integrity  

(genome-wide) 

H4G Nucleophosmin/NPM1 upregulation of rDNA transcription 

The role of the chaperones is specified in brackets and in bold (column 2), the genome distribution is given in brackets 

and in bold (column 3). Tissue-specific expression and species specificity is in italics (column 3). Adapted from Martire 

and Banaszynski, 2020. 

 



23 

 

specific. Functionally, H2B.1 proved important for the histone-to-protamine transition in early 

spermatocytes, as well as the protamine-to-histone exchange after fertilization (Montellier et al., 2013). 

Recent phylogenetic studies have also identified H2B.K and H2B.N, specifically expressed in the 

maternal germline (Raman et al., 2022). These findings emphasise the importance of histone variants 

in highly specialised post-mitotic cells and in development.  

Unlike H2B, H2A has three main variants (H2A.X, H2A.Z and macroH2A) broadly expressed across 

cell types which contribute to the maintenance of normal genome function at different regions, in 

addition to a set of testis-specific isoforms (Bönisch and Hake, 2012). Among those, H2A.X, found 

genome-wide, differs from replicative H2A at few amino acids. Most notably, its C-terminal extension 

includes a unique Serine (S) at position 139. Phosphorylation at this site, referred to as H2A.X, occurs 

at sites of DNA damage and is required for the recruitment of downstream repair proteins (Martire and 

Banaszynski, 2020; Piquet et al., 2018; Talbert and Henikoff, 2014). MacroH2A has a distinct large C-

terminal (macro) domain connected by a short unstructured linker to its HFD and has been associated 

with repression due to its absence at active genes and link with chromatin condensation. Finally, H2A.Z 

also differs from replicative H2A at its C-terminal tail sequence, which also varies between its three 

isoforms (H2A.Z.1, encoded by H2AZ1, and H2A.Z.2.1 and H2A.Z.2.2, splice isoforms of H2AZ2). 

H2A.Z, enriched at active regulatory regions (promoters and enhancers), can form double-variant H3.3-

H2A.Z-containing nucleosomes. They showed less thermodynamic stability than nucleosomes bearing 

only one or neither of the replacement variants due to steric hindrance of the H2A.Z tail with the H3.3 

acidic patch (Jin et al., 2009; Jin and Felsenfeld, 2007). This property has been suggested to promote 

open chromatin formation at these sites, facilitating their transcription. More recently, H2A.Z has also 

been linked to licensing and firing of replication origins in early S phase by recruiting the 

methyltransferase Suv420h1, which deposits H4K20me2, promoting association of the origin 

recognition complex (ORC) protein ORC1 (Long et al., 2020). Surprisingly, H2A.Z can also be enriched 

at inactive regions (Hardy et al., 2009; Rangasamy, 2003), where it can promote acquisition of the 

inactive H3K27me3 mark (Banaszynski et al., 2013), and in turn be ubiquitinylated at K119 (another 

repressive modification, Draker et al., 2011; Sarcinella et al., 2007). Finally, H2A.Z is also important 

for normal centromere function, contributing to their silencing and spatial organization (Boyarchuk et 

al., 2014; Greaves et al., 2007; Rangasamy et al., 2004). 

Finally, mammalian H3 exists as at least 6 non-replicative variants: H3.3 and CENP-A, which are 

expressed across tissues and the most well-studied (Figure 6), H3.4 and H3.5, which are testis-specific, 

and the recently discovered H3.X and H3.Y present only in primates. There are also two replicative H3 

variants: H3.1 and H3.2, which differ from each other at a single AA at position 96 in the α2 helix of 

its HFD. The presence of a Cysteine (C) in H3.1 instead of a S in H3.2 has been suggested to enable the 

formation of sulphur bridges in H3.1-containing nucleosomes (Hake and Allis, 2006). In human cells, 

distinct methylation on K9 and K27 has also been detected between the two using mass spectrometry 
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(Hake et al., 2006). Due to their extreme similarity, antibodies cannot distinguish between H3.1 and 

H3.2 but tagged versions have been used to profile their genome-wide occupancy by chromatin 

immunoprecipitation (ChIP) followed by sequencing (ChIP-seq). This has demonstrated H3.1 is 

enriched in broad domains corresponding to inactive chromatin (Clément et al., 2018; Deaton et al., 

2016; Ray-Gallet et al., 2011) in human and mouse cells. H3.2 showed a similar pattern in mouse 

embryonic stem cells (mESCs, Deaton et al., 2016; Goldberg et al., 2010), but not in mouse myoblasts 

(Maehara et al., 2015; Yukawa et al., 2014). They also show distinct incorporation dynamics in early 

mouse development (Akiyama et al., 2011; Nashun et al., 2011), despite their common deposition 

pathway involving chromatin assembly factor 1 (CAF-1, Histone chaperones). Thus, further studies 

along with the development of adequate tools will be required to understand their functional differences. 

The non-replicative or replacement variant H3.3: balancing dynamics and stability 

The main non-replicative or replacement H3 variant H3.3 is most similar to the ancestral form and only 

non-centromeric H3 protein present in S. cerevisiae (Baxevanis and Landsman, 1998). In mammals, 

H3.3 is encoded by two unique multi-exon genes, H3F3A and H3F3B, which produce the same protein 

(Akhmanova et al., 1995; Albig et al., 1995; Brush et al., 1985). Although both are expressed throughout 

the cell cycle and in quiescence (Wu et al., 1983; Wu and Bonner, 1982, 1981), they have distinct 

patterns throughout development and cell differentiation (Mendiratta et al., 2019). In terms of protein 

sequence, H3.3 differs from the replicative H3.1 only by 5 AA, sufficient to confer its unique function. 

Four of these fall in the HFD: one is S96, which is identical to H3.2, whereas the other three are A87-

I89-G90, instead of the S87-V89-M90 present in H3.1/2. These three residues constitute the ‘chaperone 

recognition’ motif of the variants and enable the differential handling by their respective chaperones 

(Ahmad and Henikoff, 2002; Liu et al., 2012; Ricketts et al., 2015), resulting in their distinct modes of 

deposition (Tagami et al., 2004, Histone chaperones), dynamics and enrichment pattern on chromatin 

(Goldberg et al., 2010, discussed in detail below). Finally, H3.3 also differs from the replicative variants 

at position 31 in its N-terminal tail, containing a Serine that can be phosphorylated unlike the Alanine 

in H3.1/2. This is key for H3.3-specific phosphorylation in mitosis (Hake et al., 2005; Hinchcliffe et al., 

Figure 6. Cell cycle dynamics and 

genomic distribution of H3 variants 

A. Representation of expression and 

deposition timing of H3.1, H3.3 and CenH3  

B. Enrichment pattern along chr18: p11.21-

q21.1 for H3.1, H3.3 (data from Clément et 

al., 2018) and CenH3 (data from Lacoste et 

al., 2014) in HeLa cells, shown as 

log2IP/input (adapted from Mendiratta et 

al., 2019). 
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2016; Wong et al., 2009) and proved essential for gastrulation in Xenopus laevis development (Sitbon 

et al., 2020; Szenker et al., 2012).  

Importance in normal cell function 

The availability of H3.3 throughout the cell cycle, coupled with its DSI mode of incorporation into 

chromatin (Drané et al., 2010; Tagami et al., 2004), enables nucleosome turnover in cycling cells outside 

S phase, as well as in quiescent and post-mitotic cells.  

H3.3 levels correlate with gene transcription (Ahmad and Henikoff, 2002; Goldberg et al., 2010; Jin et 

al., 2009; Mito et al., 2005; Ray-Gallet et al., 2011) and turnover at active regulatory elements (Deaton 

et al., 2016; Ha et al., 2014; Schlesinger et al., 2017), where it is deposited by its chaperone HIRA 

(Goldberg et al., 2010; Tagami et al., 2004). Despite this association, crystal structure of core particles 

containing H3.3 did not show different characteristics compared to H3.1 (Tachiwana et al., 2011b). 

However, under high ionic strength conditions, H3.3 nucleosomes show reduced stability compared to 

H3.1 (Jin and Felsenfeld, 2007; Thakar et al., 2009). The co-occurrence of H3.3 with H2A.Z is linked 

with reduced nucleosome stability (Jin et al., 2009), although not on in vitro assembled nucleosomes 

(Thakar et al., 2009), and increased nucleosome unwrapping (Wen et al., 2020). H3.3 can also 

antagonize H1 association with chromatin, preventing its compaction, in several organisms 

(Braunschweig et al., 2009; Loppin and Berger, 2020). Thus, whether the presence of H3.3 facilitates 

nucleosome dynamics or simply reflect this property is still an open question.  

On one hand, several studies in mESCs have shown that H3.3 is dispensable for the maintenance of 

basal transcriptional activity (Banaszynski et al., 2013; Goldberg et al., 2010; Jang et al., 2015; Martire 

et al., 2019). However, the loss of H3.3 leads to changes in chromatin accessibility of promoters and 

enhancers (Tafessu et al., 2023; Yang et al., 2021), where phosphorylation of H3.3S31 has recently been 

shown to promote p300-mediated H3K27ac, contributing to efficient induction of gene expression upon 

differentiation (Martire et al., 2019) or hormonal stimulation (Morozov et al., 2023). In stimulated 

macrophages, H3.3S31phos becomes enriched along the bodies of stimulus-responsive genes (Armache 

et al., 2020). There, it promotes the methyltransferase activity of SETD2, resulting in increased K36me3 

(Armache et al., 2020), whose maintenance is dependent on H3.3 recycling (Torné et al., 2020). Higher 

K36me3 results in increased gene transcription due to eviction of ZMYND11, a protein which 

recognises the H3.3-specific combination of unmodified S31 and K36me3 and reduces RNAPII 

elongation rate when bound to chromatin (Wen et al., 2014). This indicates H3.3 can play an important 

regulatory role for rapid induction of gene transcription upon stimulation both due to its mode of 

deposition and its unique S31 residue. 

H3.3 has also been linked with repression of heterochromatin regions like telomeric or pericentromeric 

repeats and transposable elements, where the ATRX/DAXX complex ensures this enrichment (Drané et 

al., 2010; Elsässer et al., 2015; Goldberg et al., 2010; He et al., 2015; Navarro et al., 2020; Udugama et 
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al., 2015). In mESCs, the presence of H3.3 in these regions is required for their H3K9me3, preventing 

their expression and recombination (Elsässer et al., 2015; He et al., 2015; Navarro et al., 2020; Udugama 

et al., 2015)). At telomeres, H3.3S31phos inhibits the demethylase activity of KDM4B, promoting 

H3K9me3 retention (Udugama et al., 2022). Finally, several studies have reported changes in 

accessibility of heterochromatin (mESCs, Navarro et al., 2020) and at regulatory elements upon loss of 

H3.3 (mESC, Yang et al., 2021, Tafessu et al., 2023) or its chaperone HIRA (mESC, Yang et al., 2021, 

Tafessu et al., 2023, human prostate cancer cells, Morozov et al., 2023), indicating its importance for 

chromatin organization. However, it remains to be understood if the contribution of H3.3 to accessibility 

is due to the possibility to be deposited independently of replication, or due to potential PTM interplay 

with its unique Serine 31. 

H3.3 also contributes to several important aspects related to cell cycle progression. In mitosis, 

H3.3S31phos occurs at peri-centromeres in various differentiated cells (Hake et al., 2005) and at mESC 

telomeres (Wong et al., 2009), where it contributes to their normal organization. It also plays a key 

signalling role by marking lagging and mis-segregated chromosomes, triggering p53-mediated cell 

cycle arrest (Hinchcliffe et al., 2016). In S phase, both H3.1 and H3.3, but not CENP-A, are deposited 

de novo on newly synthesized DNA. In this context, H3.3 has been proposed to serve as a placeholder 

for CENP-A until its deposition in the following G1 phase (Dunleavy et al., 2011). Finally, there is 

emerging evidence for a role of H3.3 in replication control. Strobino et al. (2020) showed that in 

Caenorhabditis elegans (C. elegans) grown in temperature stress conditions, H3.3 is required for 

normal replication fork progression and re-start. Recent work from our team (Gatto et al., 2022) in HeLa 

cells demonstrated that early replication initiation zones are defined by the boundaries of H3.1 and H3.3 

established by the dual deposition mode of the variants, but independently of transcription. 

Thus, H3.3 is key for several aspects of normal cell function: induction of transcriptional programmes, 

maintenance of genome and chromatin integrity, and replication initiation and/or progression. These 

functions depend on either its DSI incorporation, the presence of its unique S31 residue, or both.  

Importance in development 

In mammals, H3.3 is an essential protein for normal development: deletion of both H3F3A and H3F3B 

in mice results in embryonic lethality around embryonic day (E) 6.5, considered to be the result of 

aberrant chromosomal segregation (Jang et al., 2015). Conversely, single H3.3 gene deletions results in 

a variety of growth and reproductive defect phenotypes in mice, attributed to the different animal strains 

used, as well as differential regulation of the two H3.3 genes (Bush et al., 2013; Couldrey et al., 1999; 

Tang et al., 2015, 2013). In D. melanogaster, loss of H3.3 leads to infertility with mutant flies remaining 

viable, although their early development may be supported by the presence of maternally provided 

histones (Sakai et al., 2009). Thus, replicative H3 can compensate for the absence of H3.3 to some 

extent from larval stage onwards (Hödl and Basler, 2009; Sakai et al., 2009). 
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In mammalian spermatogenesis, a small number of nucleosomes bearing H3.3 are retained after the 

histone-to-protamine transition (Erkek et al., 2013; Hammoud et al., 2009), although their functional 

importance is unclear. During mouse oogenesis, continuous HIRA-mediated H3.3 incorporation is 

required to maintain normal nucleosome density, transcriptional activity, DNA methylation and oocyte 

viability (Nashun et al., 2015). Notably, H3.3 exhibits a ‘non-canonical’ pattern in oocytes, where H3.3 

becomes broadly distributed along the genome, showing weak enrichment in inactive chromatin 

(Ishiuchi et al., 2020). Somatic cell nuclear transfer (SCNT) experiments have also shown that upon 

injection, the H3 histones of the donor somatic cell chromatin are exchanged for H3.3 derived from the 

oocyte, resulting in shift of somatic-to-oocyte expression pattern (Jullien et al., 2012; Nashun et al., 

2011). 

Upon fertilization, the epigenetic landscape of the two parental gametes undergoes major rearrangement 

to generate a totipotent zygote able to give rise to all embryonic and extra-embryonic tissues. One of 

the first steps in this process is the protamine-to-histone transition of the paternal pronucleus, which 

depends on deposition of maternally stored H3.3 (Akiyama et al., 2011; Jang et al., 2015; Loppin et al., 

2005; Smith et al., 2021; Tang et al., 2015; Torres-Padilla et al., 2006). This results in a ‘non-canonical’ 

H3.3 enrichment pattern on the paternal genome, similar to the one inherited on maternal chromatin. 

De novo establishment of the ‘canonical’ H3.3 distribution takes place during S phase of 2-cell-stage 

embryos in mice and relies on replication-coupled H3.1 deposition, but the significance of these re-

organizations is unclear (Ishiuchi et al., 2020). The incorporation of H3.3 during the protamine-to-

histone transition is also essential for proper heterochromatin establishment (Liu et al., 2020; Loppin et 

al., 2005; Santenard et al., 2010) and transcription at the stage of zygotic genome activation (ZGA) of 

the paternal genome (Kong et al., 2018). Going one step further, Sitbon et al. (2020) used the X. laevis 

early gastrulation as a model system to disentangle the importance of H3.3 variant identity versus mode 

of incorporation. H3.3 had been previously determined to be essential at this stage of development 

(Szenker et al., 2012) and Sitbon et al. (2020) revealed that it is the presence of S31, and not the 

deposition pathway of the variant, which is key for its function. These experiments showcase that either 

the identity of H3.3, its DSI deposition or both can be important for the establishment of new chromatin 

states in early development. 

In the context of cell fate decisions, H3.3 is required for acquisition of H3K27me3 at developmentally 

induced genes in mESCs, contributing to their bivalent state and preventing expression of extra-

embryonic gene. Thus, H3.3 contributes both to restrict expression of other cell lineages and to maintain 

the capacity of the cells to differentiate (Banaszynski et al., 2013). In mESCs, H3K27ac at enhancers is 

promoted by H3.3S31phos (discussed above) and required for efficient cell state conversion upon 

induction of differentiation (Martire et al., 2019). Notably, (Sankar et al., 2022) recently demonstrated 

that changes of methylation, rather than acetylation of this residue, are key for restricting or promotog 

cell fate transitions using panH3K27R mutant mESCs. The role of H3.3 for maintenance of 
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reprogramming capability is also evidenced by the impairment of mESC differentiation upon H3.3K4A 

substitution, which decreases nucleosome turnover at regulatory elements (Gehre et al., 2020). 

Conversely, H3.3K36A mutants showed dysregulation of expression only after differentiation into 

neurons, indicating a distinct role for H3.3 in the de novo establishment of transcriptional programmes 

after cell fate commitment (Gehre et al., 2020).  

The presence of two distinct roles of H3.3: safeguarding vs facilitating transition of cell states, is also 

supported by following its dynamics during reprogramming in several contexts: generation of induced 

pluripotent stem cells (iPSCs) or haematopoietic cells (iHPs) from mouse embryonic fibroblasts (MEFs) 

and mESC differentiation to neurons (Fang et al., 2018). Notably, this study also identified K4 and K36, 

but not K9 and K27 as key for H3.3 function in their systems (Fang et al, 2018). This is in agreement 

with an importance of H3.3 to respond to stimuli, including heat shock (Kim et al., 2011) and interferon 

signalling (Armache et al., 2020; Tamura et al., 2009). Finally, H3.3 accumulates in post-mitotic 

neurons (Maze et al., 2015; Piña and Suau, 1987) and several studies have shown its critical role for 

normal differentiation and synaptic excitation, contributing to maintain cognitive function (Maze et al., 

2015; Michod et al., 2012; Xia and Jiao, 2017).  

In summary, H3.3 plays a dual role in cell reprogramming: its re-distribution is required to change cell 

fate, whereas its retention at cell type-specific genes safeguards their identity. This underpins its critical 

role in early development and gametogenesis, when cells undergo major epigenetic reprogramming. It 

also explains why it is dispensable for normal cell function in fast-cycling mESCs, but not post-mitotic 

neurons where H3.3 is the only histone available for DSI deposition. 

Importance in disease 

Given the importance of H3.3 for maintenance of cell state, differentiation and normal development, it 

the dysregulation of H3.3 expression and/or deposition linked with disease is not surprising. 

Developmental conditions like DiGeorge syndrome (deletion of 22q11, Lamour et al., 1995) and X-

Linked Mental Retardation with -Thalassemia (ATR-X syndrome, Gibbons et al., 1995) are 

characterised by deletion of HIRA or mutations in ATRX, respectively. However, the main driver of 

DiGeorge syndrome is the loss of another gene, Tbx2, and in the case of ATRX it is not clear whether 

the disease due to the absence of its H3.3 chaperone function or unrelated activities. As mentioned 

above, H3.3K36me3 deposition in gene bodies regulates ZMYND11 recruitment and plays a role in 

tumour suppression (Wen et al., 2014). Recently, Gomes et al. (2019) also linked the switch between 

incorporation of H3.1/2 with H3.3 to increased aggressiveness and metastatic potential due to changes 

in the chromatin landscape in breast and non-small cell lung cancer. 

Finally, a driver role in cancer has been attributed to missense mutations in both H3.1 and H3.3, termed 

‘oncohistones’ (Behjati et al., 2013; Schwartzentruber et al., 2012). These substitutions, typically found 

on the N-terminal histone tail are gain-of-function mutations acting in a dominant negative manner. 
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They can modulate the activity of histone modifying enzymes (Fang et al., 2016; Jiao and Liu, 2015; 

Justin et al., 2016; Lu et al., 2016), which can lead to a global re-distribution of PTMs and re-

organization of the chromatin landscape. The most well-known example is the genome-wide decrease 

of H3K27me3 and reciprocal increase in H3K27ac due to reduced PRC2 activity in the presence of the 

K27M oncohistone (Bender et al., 2013; Chan et al., 2013; Lee et al., 2019; Lewis et al., 2013; Stafford 

et al., 2018; Venneti et al., 2013). The mode of action of this mutation is mimicked by the small protein 

EZHIP (EZH inhibitory protein) (Jain et al., 2020, 2019) which normally regulates PRC2 in 

gametogenesis (Ragazzini et al., 2019). Notably, the effect of the mutation depends not only on its 

position, but also on the identity of the new residue (Brown et al., 2014; Lewis et al., 2013). 

Furthermore, the two H3.3 genes have a distinct mutation spectrum and are linked to different tumour 

subtypes, typically of paediatric brain and bone cancer (Behjati et al., 2013; Schwartzentruber et al., 

2012; Yuen and Knoepfler, 2013). H3.1 oncohistones can have the same substitutions as H3.3, but do 

not lead to the same phenotypes, emphasizing again the significance of the variants’ identity and 

incorporation (Mitchener and Muir, 2022). 

The centromeric variant CenH3: a paradigm for epigenetic definition of chromatin landmarks 

CenH3 (called CENP-A in mammals, Earnshaw and Rothfield, 1985) is the most divergent H3 variant 

(Palmer et al., 1987, 1991; Sullivan et al., 1994), sharing only ~50% sequence identity with the 

replicative H3.1 and with low conservation across species as compared to H3.1 and H3.3 (Malik and 

Henikoff, 2009). CENP-A is generally assembled in homotypic (2x CENP-A–H4 dimers) nucleosomes, 

which compact only 121bp DNA (Hasson et al., 2013; Lacoste et al., 2014; Tachiwana et al., 2011a) in 

a manner which is less stable than H3.1 or H3.3-containing particles (Ali-Ahmad et al., 2019; Arimura 

et al., 2019; Panchenko et al., 2011; Sekulic et al., 2010; Tachiwana et al., 2011a).  

In most eukaryotes, CENP-A is the epigenetic determinant of the centromere (Barnhart et al., 2011; 

Fachinetti et al., 2013) defining the point of kinetochore assembly during mitosis (Howman et al., 2000; 

Oegema et al., 2001). Although in normal cells the centromere is specifically enriched in CENP-A, this 

variant comprises only ~10% of all nucleosomes there and is interspersed with H3.1 and H3.3-

containing particles (Dunleavy et al., 2009). Unlike H3.3, CENP-A expression and incorporation are 

tightly regulated with respect to the cell cycle: it is transcribed from a single gene (Régnier et al., 2003; 

Sullivan et al., 1994) in late G2/M (Shelby et al., 1997), and it is deposited at centromeres by its 

chaperone Holliday junction recognition protein (HJURP, Dunleavy et al., 2009; Foltz et al., 2009) in 

early G1 (Jansen et al., 2007). 

CENP-A is required for the recruitment of other core centromeric proteins (Foltz et al., 2006; Westhorpe 

et al., 2015). This enables the formation of the kinetochore, which connects the chromosomes to the 

mitotic spindle through microtubule attachment, ensuring their alignment at the metaphase plate 

(Cleveland et al., 2003). Therefore, CENP-A plays a key role for ensuring normal chromosomal 
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segregation and maintaining genome stability. This is demonstrated upon its experimental upregulation 

by the accumulation of mitotic defects (Shrestha et al., 2017) and sensitivity to DNA damage (Lacoste 

et al., 2014), or when downregulated (Howman et al., 2000; Maehara et al., 2010), leading to 

chromosome segregation defects.  

CENP-A overexpression is observed in many >44% human cancer types (Jeffery et al., 2021; Lacoste 

et al., 2014) and is associated with aggressiveness and metastasis (Renaud-Pageot et al., 2022). Recent 

work from the team has shown this can be due to the role of CENP-A overexpression in promoting 

epithelial-to-mesenchymal (EMT) transition (Jeffery et al., 2021). Thus, CENP-A is key for maintaining 

chromosome stability, genome integrity and cell state. 

Other non-replicative H3 variants 

H3 has two testis-specific variants, H3.4 (also known as H3t, Tachiwana et al., 2010; Witt et al., 1996) 

and H3.5 (hominid-specific, Schenk et al., 2011). Both promote a more open chromatin structure, could 

contribute to early spermatogenesis, enabling proper histone-to-chromatin transition (Ueda et al., 2017; 

Urahama et al., 2016). Finally, there are also two primate-specific variants, H3.Y.1 (H3.Y) and H3.Y.2 

(H3.X), both of which contain an A87-I89-G90 motif and are expressed in several cell lines and human 

brain (Wiedemann et al., 2010). Structural studies of H3.Y have revealed it forms either homotypic of 

heterotypic (H3.Y– H3.3) nucleosomes, which are more susceptible to nuclease digestion compared to 

homotypic H3.3 and prevent histone H1 binding, impairing chromatin compaction (Kujirai et al., 2016). 

Additionally, H3.Y is only recognized by HIRA and not DAXX due to a V46L substitution (Zink et al., 

2017), also present in H3.X. H3.Y is overexpressed in stress conditions in U2OS cells, and knock-down 

of H3.Y alone or H3.X and H3.Y resulted in significant decrease in cell growth (Wiedemann et al., 

2010). Finally, expression of both was induced by the early embryo transcription factor (TF) DUX4, 

resulting in their incorporation at DUX4 target genes (Resnick et al., 2019). This enabled their faster 

re-expression, showing a potential link between their effect on nucleosome packing, mode of 

incorporation and induction of transcription. 

1.3.3. Histone chaperones 

As described above, the versatility of histone variant function can be attributed to their gene expression 

control, amino acid identity, which impacts nucleosome stability and PTMs, but also to their mode of 

deposition and/or eviction from chromatin. The latter, as already alluded to in the previous section, is 

mediated by histone chaperones – proteins which escort the histones and mediate their transfer to and 

from other proteins or DNA ‘without being part of the final product’ (De Koning et al., 2007). In vitro, 

all histone chaperones are defined by their capability to reconstitute nucleosomes on naked DNA, even 

if this is not necessarily their function in the cell. In vivo, histone chaperones also contribute to the 

maintenance of a reservoir of soluble histones, preventing their aggregation or inappropriate 

interactions with other proteins, which may arise due to their highly basic nature (Dilworth et al., 1987; 
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Loyola and Almouzni, 2004). Indeed, the first histone chaperone described by Laskey et al. (1978) was 

nucleoplasmin. This chaperone is required for the storage of maternal H2A-H2B dimers in X. laevis 

eggs. Histone chaperones can be classified based on several criteria: selectivity (H2A-H2B and/or H3-

H4, general or variant-specific, de novo synthesised or recycled histones), stage of the life of the 

histones they manage (nuclear import, storage, transfer to other chaperones or onto DNA, eviction from 

chromatin) or process they are involved in (replication, transcription, repair). In Figure 7, I present a 

brief overview of the steps of the supply chain of H3-H4 dimers (Hammond et al., 2017) before 

describing in more detail the H3 variant-specific chaperones and their functions below. 

Figure 7. The histone supply chain 

After translation, H3 and H4 

monomers associate with the heat 

shock proteins HSC70 and HSP90, 

followed by dimerization of H3-H4, 

which form a complex with the 

somatic nuclear autoantigenic sperm 

protein (sNASP) chaperone, and 

acetylation of H4 on K5 and K12, a 

highly conserved ‘new’ histone mark. 

sNASP can store H3-H4 dimers, 

contributing to the maintenance of a 

soluble histone pool (Campos et al., 

2010; Carraro et al., 2022; Cook et al., 

2011) or hand them to another general 

chaperone, ASF1 (C.-P. Liu et al., 

2021; Tyler et al., 1999), which plays 

a pleiotropic role in regulating the H3-

H4 supply (Hammond et al., 2017).  

ASF1 in mammals is encoded by two paralogues, ASF1a and ASF1b, which have distinct interaction 

preferences and expression regulation in different cell types and cell cycle stages but are partially redundant 

(Abascal et al., 2013; X. Wang et al., 2021). ASF1 can interact with importin 4 (IPO4), which shuttles H3-

H4 into the nucleus (Alvarez et al., 2011; Bernardes et al., 2022; Campos et al., 2010; Jasencakova et al., 

2010), and with MCM2 (Huang et al., 2015) and TONSL (Saredi et al., 2016), which shield different parts 

of the histone dimer, preventing improper tetramerization. In the context of de novo nucleosome assembly 

coupled to DNA synthesis, ASF1b transfers H3.1-H4 to CAF-1 and ASF1a hands H3.3-H4 to the HIRA 

(Grover et al., 2018; Tang et al., 2006) complex. ASF1 is also required for H3-H4 recycling: during DNA 

replication together with MCM2 (Groth et al., 2007), and during transcription, coordinated by HIRA (Torné 

et al., 2020). The spatial redistribution of histone variants and PTMs upon ASF1 depletion in S phase 

highlights the role of histone recycling for the maintenance of chromatin states (Clément et al., 2018). 
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CAF-1 complex 

The chromatin assembly factor 1 (CAF-1) complex was discovered for its unique ability to promote 

chromatin assembly coupled to DNA synthesis in the context of DNA replication (Smith and Stillman, 

1989) and repair (Gaillard et al., 1996; Martini et al., 1998). CAF-1 comprises three subunits: p150, 

p60 and p48 (Smith and Stillman, 1989) which carry out distinct functions. The largest subunit, p150, 

interacts with the proliferating nuclear antigen (PCNA) component of the replisome, linking de novo 

H3.1-H4 incorporation with replication fork progression (Moggs et al., 2000; Shibahara and Stillman, 

1999), whereas the p60 subunit handles the H3.1-H4 dimers (Abascal et al., 2013). The role of the 

smallest subunit, p48, which is also part of several chromatin remodelling (NuRD, NURF), modifying 

(HDAC, PRC2) or repressive (DREAM) complexes, remains unclear. Its presence in complex with the 

replicative H3 enabled to demonstrate that H3.1 is deposited in a DNA synthesis-coupled manner on 

chromatin (Tagami et al., 2004, Figure 8). 

The DSC mechanism of nucleosome deposition by CAF-1 ensures the efficient chromatinization of 

newly replicated DNA (Almouzni and Méchali, 1988a, 1988b). It plays a key role in supporting S phase 

progression (Hoek and Stillman, 2003), preventing DNA damage (Ye et al., 2003), and promoting new 

histone deposition at DNA repair sites (Polo et al., 2006). CAF-1-mediated H3.1 deposition is also 

required for epigenome integrity and lineage commitment, as knock-down of CAF-1 subunits makes 

cell state changes easier (Cheloufi et al., 2015, Ishiuchi et al., 2015; Franklin et al., 2022, Nakatani et 

al., 2022). This may be due to its role in constitutive (H3K9me3) heterochromatin establishment through 

its interaction with HP1a (Quivy et al., 2004) and SetDB1 (Loyola et al., 2009). Indeed, CAF-1 null 

embryos arrest at the 16-cell stage due to a defect in heterochromatin maturation (Houlard et al., 2006), 

and CAF-1 in the female germline contributes to LTR repression by H3K9me3 stages (Ishiuchi et al., 

2020; C. Wang et al., 2018). Recent work has also shown CAF-1 promotes the establishment of 

facultative (H3K27me3) heterochromatin and gene silencing upon induction of mESC differentiation 

(Cheng et al., 2019). CAF-1-mediated H3 deposition can contribute to transcriptional repression even 

Finally, recent work from the team revealed that ASF1 also regulates the histone supply by affecting 

replicative histone RNA processing during S phase, emphasizing the importance of proper histone-

chaperone balance (Mendiratta et al., 2022).In the context of DNA replication, several components of the 

replisome, including MCM2, POLE3-4 and POLA have been recently shown to play a role in H3-H4 

recycling, ensuring a symmetrical distribution of ‘new’ and ‘old’ histones on the two daughter strands 

(Stewart-Morgan et al., 2020, discussed in detail in Chromatin replication). During transcription, several 

factors like FACT (Tsunaka et al., 2016), Spt6 (Bortvin and Winston, 1996; Nourani et al., 2006) and Spt2 

(Chen et al., 2015; Osakabe et al., 2013) have also been put forward as general H3-H4 chaperones, enabling 

the disassembly of nucleosomes ahead of RNAPII and histone recycling after its passage, thought to 

prevent cryptic transcription (image adapted from in Hammond et al., 2017). 
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in the absence of histone PTMs, as was shown recently in Schizosaccharomyces pombe (S. pombe, Chen 

et al., 2023), emphasizing the importance of maintaining nucleosome density.  

HIRA complex 

Histone regulator A (HIRA, Lamour et al., 1995), discovered as a candidate gene for the DiGeorge 

syndrome by positional cloning was found to function as a histone chaperone to promote chromatin 

assembly independently of DNA synthesis (Ray-Gallet et al., 2002). It is found as a complex together 

with calcineurin-binding protein 1 (CABIN1, Balaji et al., 2009; Rai et al., 2011) and ubinuclein 1or 2 

(UBN1/2, (Aho et al., 2000; Banumathy et al., 2009). The discovery of its presence in complex with 

H3.3 and the specific deposition of H3.3 in a DNA synthesis-independent manner identified it as a key 

H3.3-specific chaperone (Tagami et al., 2004), The HIRA protein (~112KDa) acts as an assembly 

scaffold for the rest of the complex (Rai et al., 2011) and is required for the stability of the other 

components, as its depletion results in a concomitant decrease in CABIN1 and UBN1 protein levels 

(Ray-Gallet et al., 2011). HIRA also mediates the interaction with other partners like ASF1a, whereas 

the UBN1 subunit is the one that interacts with H3.3, recognising its A87-I89-G90 motif (Ricketts et 

al., 2015). HIRA also promotes recruitment of H3.3 at sites of UV damage to enable transcription 

recovery (Adam et al., 2016). Structural and biochemical work from the lab has shown that in vitro 

HIRA forms a homotrimer, which is required for the binding of two CABIN1 subunits, although this is 

mediated by a different domain of HIRA (Ray-Gallet et al., 2018). Homotrimerization is required for 

de novo H3.3 deposition (Ray-Gallet et al., 2018), as is binding to UBN1 in the context of transcription 

(Torné et al., 2020). However, recycling old H3.3 at transcribed regions requires only the interaction of 

HIRA with ASF1, indicating the HIRA trimer may act as a platform to coordinate the de novo deposition 

and recycling of H3.3 at sites of chromatin disruption (Torné et al., 2020).  

HIRA targets H3.3 incorporation to transcriptionally active sites (Golberg et al., 2010, Banaszynski et 

al., 2013) and regulatory elements (Martire et al., 2019, The non-replicative or replacement variant 

H3.3: balancing dynamics and stability) through its interaction with RNAPII (Ray-Gallet et al., 

2011), transcription factors (Pchelintsev et al., 2013; Soni et al., 2014), the insulator CTCF (Pchelintsev 

et al., 2013; Weth et al., 2014) or RPA (Zhang et al., 2017). As discussed above (Histone variants), 

HIRA-mediated H3.3 deposition can contribute to transcriptional regulation, as is the case in terminally 

differentiated mouse neurons, where this turnover is required for normal function (Maze et al., 2015). 

This is additionally supported by the fact that depleting HIRA in human cells leads to a modest reduction 

in nascent RNA levels (Torné et al., 2020). Finally, our laboratory found most recently that HIRA is 

critical for the definition of early initiation replication zones by establishing a balance between H3.3 

and H3.1 both at expressed regions and independently of transcription (Gatto et al., 2022). 

In D. melanogaster, the chromatin remodeller CHD1 also recruits HIRA to chromatin, which is 

important for normal gene expression (Konev et al., 2007; Schoberleitner et al., 2021). In human cells, 
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it can instead be recruited by CHD2 at double-strand breaks (DSBs), where it deposits H3.3, promoting 

DNA repair by non-homologous end-joining (NHEJ, Luijsterburg et al., 2016). HIRA is also important 

for transcriptional restart after nucleotide excision repair of UV-induced DNA damage, where it deposits 

H3.3 (Adam et al., 2013). Surprisingly, a follow-up study revealed a role for HIRA in transcriptional 

re-start after UVC damage genome-wide in a manner independent from its H3.3 chaperone activity, but 

on the presence of its UBN2 subunit and down-regulation of the transcriptional repressor ATF3 (Bouvier 

et al., 2021). 

All components of the HIRA complex can bind naked DNA in vitro individually and the complex is 

responsible for partially compensating nucleosome assembly in the absence of CAF-1 (Ray-Gallet et 

al., 2011). These observations, along with the fact that sites of H3.3 visualized by immunofluorescence 

showed a broad distribution (Ray-Gallet et al, 2011), has led to the hypothesis that HIRA could also 

function in a ‘gap-filling’ mechanism. This is also supported by studies showing increased sensitivity 

to DNaseI digestion upon HIRA knock-down (Ray-Gallet et al., 2011) and increased promoter and 

enhancer accessibility in the absence of HIRA (mESC, Tafessu et al., 2023; Yang et al., 2021, human 

prostate cancer cells, Morozov et al., 2023). These data demonstrate the contribution of HIRA to the 

maintenance of nucleosome density and thus to chromatin integrity, genome protection and 

transcriptional control. 

Figure 8. H3 variant-specific chaperones 

De novo deposition of H3 variants by their dedicated chaperone in the context of the genomic processes 

and locations they are associated with. CAF-1 promotes DSC H3.1-H4 incorporation in DNA replication 

in S phase and in DNA repair. The HIRA complex deposits H3.3-H4 at active genes and regulatory 

elements, at sites of DNA repair and also performs a gap-filling role throughout the cell cycle. 

ATRX/DAXX contribute to H3.3 enrichment mainly at pericentric and telomeric regions but may also 

promote its deposition at regulatory elements. HJURP targets CENP-A incorporation at the centromere in 

late M/G1(adapted from Ray-Gallet and Almouzni, 2021). 
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Deletion of HIRA in mice leads to growth retardation and embryonic lethality (Roberts et al., 2002). In 

the context of cell differentiation, deposition of H3.3 by HIRA largely contributes to its dual role in 

restricting cell lineage, while also providing an opportunity to change state (The non-replicative or 

replacement variant H3.3: balancing dynamics and stability). In mESC, the alternative association 

of the HIRA complex with UBN1 or UBN2 acts redundantly to deposit H3.3 at promoters and enhancers 

(Xiong et al., 2018), with UBN2 more specifically required for retrotransposon silencing through 

H3K9me3 (Zhang et al., 2022). Furthermore, HIRA interacts with PRC2 (depositing H3K27me3, 

Banaszynski et al., 2013) and the remodeller SRCAP (depositing H2A.Z, Yang et al., 2021) at mESC 

promoters, contributing to the control of developmental gene expression. HIRA is also key for the 

normal function of the nerve cells, which can be related to its H3.3 chaperone function (Maze et al., 

2015) or interactions with the SetD1A methyltransferase (depositing H3K4me3 at promoters, Li and 

Jiao, 2017).  

Thus, the HIRA complex is required for normal cell function and development. This is likely relying 

on its DSI H3.3 chaperone function to promote cell plasticity, but one should also consider other H3.3-

independent roles through linkns with other subunits or other interactors.  

DAXX/ATRX complex  

The second main H3.3-specific chaperone complex in mammals is Death domain-associated protein 

(DAXX, Yang et al., 1997) / -thalassemia mental retardation syndrome X-linked (ATRX, Gibbons et 

al., 1995). DAXX directly interacts with H3.3, depositing it in a DSI manner at pericentric regions 

(Drané et al., 2010; Elsässer et al., 2015; Goldberg et al., 2010) and at telomeres (Lewis et al., 2010). 

DAXX is targeted to heterochromatin through interaction with ATRX (Goldberg et al., 2010; Tang et 

al., 2004; Wong et al., 2010), allowing the incorporation of H3.3 required for heterochromatin 

maintenance and repression of transcription (Chang et al., 2013; Elsässer et al., 2015; Goldberg et al., 

2010), retroelement transposition (Sadic et al., 2015) and telomere recombination (He et al., 2015). 

Recognition of specific retroelement (Sadic et al., 2015) or repeat-associated G-rich sequences (Clynes 

et al., 2015) by ATRX directs binding of the complex, preventing G-quadruplex formation and 

contribute to genome stability (Teng et al., 2021). Additionally, telomeric repression by DAXX/ATRX-

mediated H3.3 incorporation also relies on H3.3 phosphorylation of the unique S31 residue which 

inhibits KDM4A demethylase activity at these sites (Udugama et al., 2022, Histone variants). 

Heterochromatin maintenance also relies on DAXX/ATRX using the SetDB1 methyltransferase axis to 

promote H3K9me3 and binding of the transcriptional repressor KAP1 (Elsässer et al., 2015; He et al., 

2015; Hoelper et al., 2017; Udugama et al., 2015). Recently, Carraro et al. (2023) showed DAXX bound 

to H3.3-H4 can interact with SetDB1 and Suv39h1, thereby promoting H3.3K9me3 prior to deposition 

on chromatin. This is similar to the way H3.1 has been involved in heterochromatin propagation during 

chromocenter replication, where its chaperone CAF-1 also interacts with SetDB1 to provide H3K9me1 
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to Suv39h1/2 (Loyola et al., 2009). It is also interesting to note that previous work showed that H3.3 

associated with HIRA but not DAXX/ATRX can be acetylated at K9 (Elsaesser and Allis, 2010), thus 

indicating that the choice of the chaperone can be critical. Overall, these studies emphasize that both 

the choice of ATRX/DAXX and the nature of H3.3 once incorporated specifically contribute to 

maintaining heterochromatin and telomere integrity. 

Notably, DAXX-mediated H3.3 incorporation has been linked to gene activation upon stimulation of 

terminally differentiated neurons (Michod et al., 2012), in line with the importance of H3.3 in induction 

of new transcriptional programmes (discussed above). It also suggests that in addition to their specific 

functions, different chaperone complexes may have partially redundant roles. Alternatively, it could 

indicate chaperones can perform cell type-specific functions due to different expression levels or control 

mechanisms available. 

Promyelocytic leukaemia (PML) bodies are marked with both DAXX and ATRX (Nan et al., 2007; Xue 

et al., 2003), and are suggested to act as a reservoir for de novo synthesized H3.3. Accumulation of the 

variant there depends on DAXX and ASF1a, but not ATRX, indicating the two components of the 

complex can have distinct chromatin-related functions (Corpet et al., 2014; Delbarre et al., 2013). 

Conversely, knock-down of DAXX led to the enrichment of HIRA at PML, which in physiological 

conditions is observed only in senescence, viral infection, and immune signalling bodies (Kleijwegt et 

al., 2023). The intricate interplay between variant and chaperone levels is further illustrated by the fact 

that H3.3 is required for DAXX and HIRA, but not ATRX recruitment to chromatin (Banaszynski et 

al., 2013), and reduced H3.3 levels associate with a decrease in DAXX, but not ATRX or HIRA 

(Elsässer et al., 2015; Hoelper et al., 2017). Importantly, ATRX also has many other interactors 

(Aguilera and López-Contreras, 2023) and is a member of the SWI/SNF chromatin remodeller family 

(Chromatin remodellers) which can shift nucleosomes along DNA in vitro in complex with DAXX 

(Lewis et al., 2010) or HP1 in D. melanogaster (Emelyanov et al., 2010). It can act independently of 

DAXX to prevent macroH2A accumulation on chromatin at the α-globin locus (Ratnakumar et al., 

2012), whereas in its absence macroH2A1.2 is lost from telomeres upon replication stress, resulting in 

DSBs and telomere recombination in the context of alternative lengthening of telomeres (ALT) cancers 

(Kim et al., 2019). Thus, it is important to consider the function of the distinct chaperone complex 

subunits independently and beyond their capacity to handle a specific variant. 

HJURP 

Holliday junction recognition protein (HJURP), originally identified in the context of DNA repair (Kato 

et al., 2007) has been demonstrated to be the CENP-A-specific chaperone (Dunleavey et al., 2009, Foltz 

et al., 2009). Both de novo CENP-A deposition in G1, which ensures the maintenance of centromere 

identity through mitosis (Jansen et al., 2007), and recycling of parental CENP-A during replication 

require HJURP (Zasadzińska et al., 2018). HJURP is recruited to centromeres via its interaction with 
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DNA (Müller et al., 2014) and the MIS18 complex (Wang et al., 2014), allowing the timely deposition 

of CENP-A-H4 (Müller and Almouzni, 2017). The dimerization of HJURP (Müller et al., 2014) further 

enables the assembly of homotypic CENP-A nucleosomes (Zasadzińska et al., 2013). While some 

ectopic CENP-A deposition at active sites along chromosome arms can occur in G1 in normal cells, this 

CENP-A is removed during S phase, presumably replaced by H3.1 deposited by CAF-1 (Nechemia-

Arbely et al., 2019). 

CENP-A and HJURP, stand out as a uniquely co-regulated pair both at the mRNA (Chen et al., 2013; 

Fischer et al., 2016; Wang et al., 2005) and protein level (Bassett et al., 2012; Filipescu et al., 2017). 

Maintaining their balance is essential for proper targeting of CENP-A to the centromere, as evidenced 

by overexpression experiments (Filipescu et al., 2017), which leads to aberrant localization along 

chromosome arms (Athwal et al., 2015; Gascoigne et al., 2011; Jeffery et al., 2021; Lacoste et al., 2014; 

Shrestha et al., 2021, 2017; Van Hooser et al., 2001). This incorporation is mediated by the H3.3 

chaperone DAXX (independently of ATRX) and results in the formation of heterotypic CENP-A–H3.3-

containing nucleosomes at sites of H3.3 enrichment (Lacoste et al., 2014), including active gene 

promoters, regulatory regions (Athwal et al., 2015; Lacoste et al., 2014; Saha et al., 2020), 

pericentromeric and sub-telomeric regions (Athwal et al., 2015; Nye et al., 2018). 

In summary, histone chaperones escort histones from their synthesis to their deposition onto DNA and 

contribute to the establishment of distinct chromatin states due to their variant selectivity, temporal 

control during the cell cycle and interaction with different factors. 

1.3.4. Chromatin remodellers 

Nucleosome repositioning or dissociation (partially or fully) occurs in the context of transcription factor 

(TF) or other protein binding, RNA and DNA polymerase passage or DNA repair. This process of 

nucleosome sliding and/or eviction involves chromatin remodellers: multi-protein complexes 

characterized by the presence of an ATPase domain. They use the ATP hydrolysis to generate tension 

and break DNA-histone interactions, leading to displacement of nucleosomes along the DNA or their 

complete expulsion from chromatin (Clapier et al., 2017). There are four main classes of chromatin 

remodellers: switch/sucrose non-fermentable (SWI/SNF), chromodomain helicase DNA-binding 

(CHD), imitation switch (ISWI) and inositol requiring 80 (INO80), grouped based on the conservation 

of their ATPase domain and association with accessory subunits, which can regulate their enzymatic 

activity or targeting (Hargreaves and Crabtree, 2011).  

SWI/SNF remodellers are largely involved in sliding nucleosomes and eviction of histone dimers or 

whole nucleosome particles. Thus, they allow access to the underlying sequence for other DNA-

templated processes, including transcriptional activation and DNA repair (Clapier et al., 2017). As a 

member of this class, the ability of ATRX to displace nucleosomes has been suggested to contribute to 

its role in promoting H3.3 accumulation at telomeres (Aguilera and López-Contreras, 2023). CHD 
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family members can be part of both activating and repressing complexes, owing to their function of 

repositioning nucleosomes along the DNA (Clapier et al., 2017). HIRA colocalises with SWI/SNF 

(BRG1, BRM, INI1) subunits at transcription start sites (TSSs, Pchelintsev et al., 2013), and with CHD 

remodellers in the context of H3.3 exchange in the male pronucleus (D. melanogaster CHD1, Konev et 

al., 2007) and DNA repair (CHD2, Luijstreburg et al., 2016). ISWI remodellers instead use their 

capacity to mobilize nucleosomes to promote the establishment of evenly spaced arrays, important for 

TF binding and transcription (Clapier et al., 2017). In vitro, CHD1 (CHD family) and ACF (ISWI 

family) also contribute to space nucleosome regularly post-deposition by the chaperone NAP1, with 

ACF also promoting linker histone H1 association to the DNA (Lusser et al., 2005; Torigoe et al., 2011). 

Finally, INO80 members show variant-specific remodelling activities: INO80 promotes H2A.Z-H2B 

exchange with H2A-H2B, whereas p400 and SRCAP catalyse the opposite process (Clapier et al., 2017; 

Magaña-Acosta and Valadez-Graham, 2020). p400 also promotes H3.3 occupancy at enhancers in 

U2OS cells and exchanges H3.1 for H3.3 in an ATP- and chromatin-dependent manner in vitro (Pradhan 

et al., 2016). In mECS, SRCAP can be recruited to target promoters by HIRA (Yang et al., 2021). Thus, 

the interplay and coordination between chromatin remodeller and histone chaperone activities further 

contribute to the establishment and maintenance of the chromatin environment  (Klein and Hainer, 

2020). 

1.4. Higher order chromatin organization in interphase 

I will now describe the different levels of chromatin organization in the nucleus based on approaches 

used to study this topic over the years. While early studies on mitotic chromosomes documented them 

as highly condensed and rigid structures (Flemming, 1882; Heitz, 1928), interphase chromatin showed 

many differences between cell types and organisms (Cremer and Cremer, 2006a, 2006b). Since cells 

spend the majority of their life in interphase where they show variable transcription, DNA replication 

timing and repair profiles, understanding how chromatin varies in nuclear space and in time can provide 

insights into how cells control DNA-templated processes.  

1.4.1. Where am I? Defining chromatin landmarks and nuclear positioning by fixed cell 

imaging 

The use of light microscopy along with chromatin-staining dyes already suggested over a hundred years 

ago that in interphase individual chromosomes would occupy distinct territories corresponding to their 

mitotic counterpart (Boveri, 1902). Studying moss cells after mitotic exit, Heitz (1928) could 

distinguish heterochromatin which remained densely stained. He documented the clustering of 

heterochromatin from different chromosomes in chromocenters in plants (Heitz, 1929) and linked high 

gene density with euchromatin in D. melanogaster cells (Heitz, 1933), a first connection between 

chromatin structure and function. Applying electron microscopy (EM) to ultra-thin rat liver cell slices 

Monneron and Bernhard (1969) characterised the organization of the nucleus, demonstrating the 
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enrichment of heterochromatin at the nuclear periphery and around the nucleolus, in addition to 

describing nuclear substructures like coiled (Cajal) bodies (Cajal, 1903). Going from the entire nucleus 

to individual chromatin fibres, electron microscopy also enabled the discovery of the packing of DNA 

into nucleosomes as ‘beads-on-a-string’ (Olins and Olins, 1974), which organised into a higher-order 

structure (‘30nm fibre’) when assembled on purified DNA in vitro (Finch and Klug, 1976; Rattner and 

Hamkalo, 1979). At the same time, fluorescence microscopy enabled the visualization of banding 

patterns on mitotic chromosomes stained with quinacrine mustard, a DNA-intercalating compound 

which preferentially binds AT-rich regions (Caspersson et al., 1972). As stained regions typically 

corresponded to heterochromatin (Caspersson et al., 1970), these results provided a first link between 

DNA sequence and its chromosomal arrangement (Figure 9A). Furthermore, comparing this AT-rich 

banding on condensed chromosomes to the patterns visualized in mitosis obtained after labelling 

replicating DNA with a pulse of nucleotide analogue incorporation in S phase further connected genome 

function (replication timing) and its organisation (Jackson and Pombo, 1998; Zink, 2006).  

However, connecting the sequence identity of chromatin to a particular pattern of organization only 

became possible with the advent of in situ hybridization (ISH) methods (Pardue and Gall, 1969). The 

combination with probes conjugated to biotin or fluorescent moieties (FISH, Bauman et al., 1980; 

Langer et al., 1981; van der Ploeg, 2000) enabled the visualization of several regions at a time, from 

painting entire chromosomes (Bolzer et al., 2005; Lichter et al., 1988) to following individual genes 

(Lawrence et al., 1990). This confirmed interphase chromosomes were organised in discrete territories 

(Bolzer et al., 2005, Figure 9B) which intermingled little (up to 20%, Branco and Pombo, 2006) and 

revealed their stochastic positioning in the nucleus with some radial preferences. In human cells, 

smaller, gene-rich chromosomes tended to be in the nuclear interior, whereas larger, gene-poor 

chromosomes were preferentially found near the lamina (Boyle, 2001; Croft et al., 1999). Activation or 

repression of single genes correlated with their re-location to the nuclear centre or lamina, respectively 

Figure 9. Chromatin landmarks in the nucleus 

A. Electron micrograph of a rat glial cell with darkly stained heterochromatin and lightly stained 

euchromatin (scale bar = 1μm, adapted from Pueschel et al., 2016). B. Chromosome territory organization 

of chr6 and 8 in human lymphoblasts visualizes by FISH (scale bar = 2μm, adapted from Boyle et al., 

2001). C. H3K9me3 Ab labelling (top) and DAPI (bottom) in mESCs (adapted from Peters et al., 2003). 

D. Early (E), mid (M) and late (L) S phase patterns of 10min BrdU incorporation (top) and DAPI (bottom) 

in mouse 3T3 cells (adapted from Quivy et al., 2004). 
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(Takizawa et al., 2008) and active genes were typically found at the periphery of chromosome territories 

(Osborne et al., 2004; Schoenfelder et al., 2010). However, this was not always the case, indicating a 

somewhat tenuous functional connection between genome activity and spatial organization (Bickmore, 

2013). 

In parallel, methods using specific antibodies (Abs, Köhler and Milstein, 1975) enabled the 

development of immunofluorescence methods to visualise non-nucleic acid epitopes and map the 

distribution of nuclear proteins. This allowed the molecular characterization of many nuclear entities 

previously observed like Cajal bodies (Cajal, 1903; Pueschel et al., 2016). By detecting histone 

modifications, it was possible to observe the enrichment of inactive marks like H3K9me3 (Peters et al., 

2001; 2003, Figure 9C) at chromocenters in mouse cells, whereas the use of GFP-tagged H3.3 showed 

its association with active marks in chromatin, distributed broadly throughout the nuclear interior in D. 

melanogaster cells (Ahmad and Henikoff, 2002). When examining replication, by labelling newly 

synthesized DNA by BrdU pulse, early-replicating regions marked the interior whereas late-replicating 

were at the periphery of the nucleus (Dimitrova and Berezney, 2002; Fox et al., 1991, Figure 9D), 

indicating a spatial compartmentalisation of chromatin states and genomic processes.  

Even with the advent of FISH, three main limitations to access genome organization from the scale of 

entire chromosomes to small loci remained: the method of production of the probes (resulting in 

maximal genomic resolution of 10s of kilobases), the spectral overlap of fluorophores (leading to the 

inability to distinguish many different regions simultaneously in the same cell) and the diffraction limit 

of light (resulting in maximal optical resolution ~200-300nm).  

These issues have been largely tackled in the past decade due to the development and combination of 

Oligopaints, microfluidics and super-resolution microscopy (Boettiger and Murphy, 2020). Oligopaints 

comprise libraries of short (20-50nt) DNA oligos which tile a sequence of interest and are either 

fluorescently labelled (Beliveau et al., 2012; Schmidt et al., 2015) or have a unique barcode which can 

be used to label them with a fluorescent complementary oligo in a second hybridization step (Beliveau 

et al., 2015). This allows the labelling of much smaller targets, improving genomic resolution, and 

combined with microfluidic devices that control the flow of oligos, enables sequential labelling of the 

same cells with multiple colours at a time to trace the path of long stretches of chromatin step (Beliveau 

et al., 2017).  

Imaging techniques, such as super-resolution microscopy, resolve individual objects closer than 200nm 

apart, going beyond the light diffraction limit. These include stochastic optical reconstruction 

microscopy (STORM, Rust et al., 2006) and structured illumination microscopy (SIM, Schermelleh et 

al., 2008). Their rationale is based on excitation of different subsets of all the fluorophores in the sample 

at any one moment, combined with recording the distinct emissions over time and reconstructing a 

single image, thus avoiding the problem of spatially dense labelling (Boettiger and Murphy, 2020). 
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The application of STORM coupled to the labelling of histone variants and PTMs evidenced the 

heterogeneous organisation of nucleosomes in the nucleus, which instead of an ordered 30nm fibre form 

‘clutches’ or ‘conglomerates’ with varying compaction (Ricci et al., 2015), density and/or volume 

throughout the cell cycle (Clément et al., 2018) or depending on their nuclear position and chromatin 

state (Xu et al., 2018, Figure 10). Oligopaints (Wang et al., 2016) have been combined with super-

resolution imaging (Bintu et al., 2018; Nir et al., 2018) in methods for chromatin tracing like optical 

reconstruction of chromatin architecture (ORCA, Mateo et al., 2019), high-throughput multiplexed 

sequential imaging (Hi-M, Cardozo Gizzi et al., 2019) and fluorescence in situ sequencing of barcoded 

Oligopaint probes (OligoFISSEQ, Nguyen et al., 2020). They not only allowed to probe chromatin 

folding at different scales and unprecedented resolution, bridging the gap between the nucleosomal and 

nuclear scale, but have also been instrumental in aiding the interpretation of results from bulk genomic 

assays, developed in the years prior as an alternative method to interrogate 3D genome organization (Is 

this real life? Is this just bulk Hi-C? (adapted from Mercury, 1975)). 

1.4.2. Who am I? Identifying genomic enrichment of chromatin marks and DNA 

interaction patterns by sequencing-based methods 

In parallel with imaging approaches, methods for molecular characterisation of chromatin structure, 

mapping of chromatin-associated/interacting proteins and DNA-DNA contacts also progressed. The 

organization of specific sequences isolated by restriction enzyme (RE) digestion and gel electrophoresis 

was interrogated by digestion with endonucleases like DNase I and micrococcal nuclease (MNase), 

demonstrating the presence of ‘open’, nucleosome-free hypersensitive sites (HSs) at the 5’ end of genes 

(corresponding to TATA box/promoter, Wu, 1980) and origins of replication (SV40 minichromsome, 

Varshavsky et al., 1978). These HSs were shown to be cell-type specific and to change upon stress (e.g. 

heat shock), linking gene expression control with local chromatin organization (Wu, 1984). 

Furthermore, experiments inserting D. melanogaster heat shock protein (hsp) genes and their flanking 

Figure 10. Chromatin organisation at super-resolution 

STORM imaging of A. H2B Ab labelling in human fibroblasts (Ricci et al., 2015). B. H3.1-SNAP labelled 

with TMR in HeLa cells outside of S phase (scale bar = 5μm, Clément et al., 2018). C. Active (H3K4me1, 

top left, H3K4me3, top right) and inactive (H3K27me3, bottom left, H3K9me3, bottom right) histone 

PTMs, in MCF-10A cells (scale bars = 2μm, adapted from Xu et al., 2018). 
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sequence into S. cerevisiae showed that they retained their HSs, indicating nucleosome positioning may 

be sequence-dependent (Costlow and Lis, 1984).  

Chromatin immunoprecipitation (ChIP) boosted the study of specific proteins association with DNA 

(Solomon et al., 1988). In cross-linked (X)-ChIP method, cells cross-linked with formaldehyde prior to 

chromatin isolation, mechanical or enzymatic shearing, are subjected to immunoprecipitation with 

target-specific Ab, followed by isolation of associated DNA fragments. Conversely, for proteins 

associated tightly with chromatin (e.g. nucleosome components), native (N)-ChIP can also be used 

(Hebbes et al., 1988). There, chromatin obtained from non-fixed cells is digested with a nuclease prior 

to immunoprecipitation (O’Neill and Turner, 2003). Using the hsp70 gene as a model system, Solomon 

et al. (1988) demonstrated the presence of histone H4 both at the hsp70 HS and throughout the gene 

even when transcribed, contrary to previous nuclease digestion studies. These results highlight the 

importance of using different methods to map nucleosome or protein occupancy on chromatin as they 

may have distinct technical biases (Simpson, 1999). With the aim of avoiding potential fixation 

artefacts, van Steensel and Henikoff (2000) established DamID as an alternative approach to monitor 

protein association with DNA. DamID is based on fusion of a protein of interest with the bacterial DNA 

adenine methyltransferase Dam (modifies A in GATC motifs, a non-eukaryotic DNA mark), which 

results in methylation of sequences proximal to the protein of interest that can be recognized by 

methylated A-specific Abs or digestion with methylation-dependent enzymes (Steensel and Henikoff, 

2000).  

In addition to protein-DNA, detection of DNA-DNA contacts could provide information about the 

higher-order structure of chromatin. It could also help to address long-standing questions about the 

mechanisms of transcriptional regulation by distal regulatory elements and insulators, one model for 

which was loop formation (Grosveld et al., 1993). The approach devised by Dekker et al. (2002), 

chromosome conformation capture (3C), relies on cross-linking of intact nuclei with formaldehyde, 

followed by chromatin isolation, RE digestion and ligation in extremely diluted conditions. This results 

in preferential ligation between DNA strands within cross-linked fragments, generating chimeric 

molecules that contained (potentially) linearly distant genomic loci, reflecting their physical proximity 

in 3D nuclear space (Figure 11, left). This procedure results in a genome-wide library of contacts, from 

which interactions between specific loci could be evaluated using quantitative polymerase chain 

reaction (qPCR) with primers that would only generate a product from these chimeric molecules, but 

not linear DNA as template (Dekker et al., 2002). Used in S. cerevisiae, this technology recapitulated 

known features of its chromosome organization like their Rabl configuration (centromere clustering on 

one side of the nuclear lamina) and telomere clustering (Dekker et al., 2002). Using the same method 

in mammals, Tolhius et al. (2002) demonstrated that, the regulatory HSs (enhancers) in the locus control 

region (LCR) of the β-globin locus come in proximity with the β-globin gene promoter and a distal 

(~130kb away) 3’ HS only when the gene is expressed. This work provided evidence in support of the 
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looping model where the β-globin LCR, 3’ HS and 

active gene cluster together in space only in 

expressing cells (Tolhuis et al., 2002).   

Even though at the time of their conception, these 

techniques inherently allowed the detection of all 

DNA-protein or DNA-DNA interactions, the number 

of loci analysed was limited by the methods of DNA 

detection available (Southern blot and (q)PCR) and 

the scarcity of genome sequence maps and 

information. However, the development of 

microarrays (Pease et al., 1994; Schena et al., 1995) 

and later, short-read/next generation sequencing 

(NGS, Bentley et al., 2008; Margulies et al., 2005; 

Rothberg et al., 2011), along with the publication of 

the human genome (Lander et al., 2001; Venter et al., 

2001) increased the throughput of these approaches 

from (sets of) individual, pre-selected genes to the 

whole genome from a single sequencing (-seq) 

experiment. Further modifications on many of these 

methods have been implemented to improve recovery 

of material, signal-to-noise ratio, maximal resolution 

and other parameters (Table 2). Below, I will discuss 

how they have complemented the imaging studies 

described above to further document organization of 

the genome across scales. 

Mapping beads along the string 

MNase-seq has been one of the most prevalent 

methods to study nucleosome occupancy (how often a 

fragment is protected) and positioning (how 

specifically localised a nucleosome is in a population 

of cells), due to the ability of MNase to digest free DNA, resulting in fragments corresponding to mono-

, di-, tri- and oligo-nucleosomes, depending on digestion time and enzyme concentration (Clark, 2010). 

In mammals, while nucleosomes generally show a stochastic positioning along the genome, a 

dinucleotide periodicity reflects DNA bending around the histone octamer (Voong et al., 2017). While 

nucleosome positions do not appear to be sequence-driven, they can be affected by the binding of some 

TFs like CTCF leading to well-positioned flanking nucleosomal arrays (Fu et al., 2008). Histone 

Figure 11. Chromosome conformation capture 

(3C) and high-throughput adaptation (Hi-C) 

Schematic representation of 3C (left, Dekker et 

al., 2002) and Hi-C (right, Lieberman-Aiden et 

al., 2009) workflows (adapted from Kempfer and 

Pombo, 2019). 
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variant-specific ChIP-seq further revealed that CTCF-occupied sites are flanked by H3.3-containing 

nucleosomes (Lacoste et al., 2014).   

  

Table 2. Commonly used methods for mapping protein occupancy on chromatin 

Approach Principle Advantages Disadvantages 

Chromatin 

immuno-

precipitation 

followed by 

sequencing 

(ChIP–seq) 

Cross-linked (e.g. with 

formaldehyde) (X-ChIP) 

and sonication or 

micrococcal digestion; or 

native (N-ChIP) and 

micrococcal digestion 

Single-nucleotide resolution is possible 

with ultra-low-input material (ULI-

NChIP). For many years ChIP–seq was 

the gold standard: countless reference 

data sets and many ChIP-grade 

antibodies are available. 

X-ChIP is well suited for transient 

interactions 

High background noise; 

standard protocols require high 

cellular input and high 

sequencing depth; 

in X-ChIP cross-linking can 

mask epitopes recognized by 

antibodies; 

time-intensive protocol 

DamID 

Expression of a fusion of 

the bacterial adenine 

methylase (Dam, targets 

GATC sequences) with a 

protein of interest coupled 

with methylation-sensitive 

PCR 

No cross-linking or DNA digestion 

Does not require stable interaction of 

target with chromatin, used to map 

proximity to lamina and nucleolus 

Can be used at single-cell level 

Requires the design and 

expression of a fusion protein 

for each new target 

Cleavage 

under targets 

and release 

using 

nuclease 

(CUT&RUN) 

Recombinant MNase 

fused to protein A and/or 

protein G binding to 

specific antibody against 

PTM of interest 

Avoids cross-linking and fragmentation 

of DNA, reduced background noise, 

possible with low input, fast protocol, 

only low sequencing depth required, 

used for single cells. 

CUT&RUN ChIP used to assess histone 

PTM co-occupancy 

MNase digestion needs careful 

optimization. 

In addition to cleaving DNA 

next to PTMs, Mnase can also 

cleave DNA that is far away 

but close in three dimensions. 

Often antibodies are only 

validated for X-ChIP; transient 

interactions might be missed 

Cleavage 

under targets 

and 

tagmentation 

(CUT&Tag) 

Recombinant Tn5 

transposase fused to 

protein A and/or protein 

G binding to specific 

antibody against PTM of 

interest 

No cross-linking and library preparation 

step, sensitive, easy workflow, low 

sequencing depth required, can be 

performed at single-cell level and used 

for multiple chromatin targets or PTMs 

in the same assay (MulTI-Tag), single-

cell genome-wide spatial-CUT&Tag 

possible 

Tn5 enzyme biases: 

Tn5 preferentially tags 

accessible chromatin; 

potential background from 

mitochondrial DNA 

References: ChIP-seq (Barski et al., 2007; Brind’Amour et al., 2015; Hebbes et al., 1988); CUT&RUN (Brahma and 

Henikoff, 2019; Hainer and Fazzio, 2019; Skene and Henikoff, 2017); CUT&TAG (Deng et al., 2022; Gopalan et al., 

2021; Kaya-Okur et al., 2019; Meers et al., 2023); DamID (van Steensel and Henikoff, 2000, Guelen et al., 2008); 

Adapted from Millán-Zambrano et al. (2022). 
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Transcription start sites (TSSs) of active genes are usually preceded by a nucleosome-depleted region 

(NDR) with well-positioned -1 and +1 nucleosomes. The downstream array of nucleosomes 

progressively lose periodicity in the gene body. The occupancy of the NDR by a nucleosome has been 

linked with lower gene activity, potentially due to occlusion of the TATA box in the core promoter, 

preventing pre-initiation complex assembly (Schones et al., 2008). However, alternative methods of 

mapping nucleosome occupancy independent of enzyme digestion have not corroborated these findings, 

as they were able to detect a nucleosome at the NDR of active genes (Voong et al., 2016). This 

discrepancy may arise due to the composition of the nucleosomes found in the NDR, which contain 

H3.3-H2A.Z (Jin et al., 2009), resulting in reduced stability and increased susceptibility to MNase 

digestion (Voong et al., 2017). 

To identify and characterise regions of ‘open’ vs ‘closed’ chromatin, DNase-seq and more recently, 

assay for transposase-accessible chromatin (ATAC)-seq, which relies on a Tn5 transposase directly 

inserting sequencing adaptors to ‘tagment’ accessible chromatin, have been extensively used. They have 

been combined with mapping of histone variants, PTMs and other chromatin-associated proteins by 

ChIP-seq, CUT&RUN, CUT&TAG and DamID (Table 2). A series of studies showed a general 

correlation between open chromatin and gene activity/early replication as opposed to closed chromatin, 

associated with repression and replication in mid/late S-phase. More specifically, sites of high 

chromatin accessibility tend to be discrete, enriched in active PTMs, H3.3 and H2A.Z, have high histone 

turnover and often correspond to active promoters (H4K4me3), enhancers (H3K4me1, H3K27ac) or 

early replication origins. In contrast, inactive chromatin is typically organised in larger domains 

associated with the nuclear lamina and/or the nucleolus, and broadly classified as either facultative 

(marked by H3K27me3, bound by PRC1 and/or PRC2 and covering developmental genes) or 

constitutive (enriched in DNAme, H3K9me3, bound by HP1a, spread over telomeres, centromeres and 

repetitive elements, Millán-Zambrano et al., 2022, Histone post-translational modifications). 

Importantly, one should bear in mind that these relationships are correlations and not absolute. This was 

illustrated in a recent study of mESC heterochromatin of intracisternal A-type particle (IAP) repeats, 

which dynamically incorporate H3.3, enriched in the repressive mark H3K9me3 and inaccessible 

(Navarro et al., 2020). 

The general association between histone PTMs and accessibility, in line with observations about the 

distribution of chromatin marks by imaging, was corroborated by LaminB1- (Kind and Van Steensel, 

2010) and nucleolar-DamID (Bersaglieri et al., 2022), which sequences in proximity to these nuclear 

landmarks. However, these methods provide only one-dimensional information about protein 

distribution along the genome but do not assay the 3D organization of chromatin. 
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Adding dimensions to connect the dots 

To address this challenge, a wide variety of increased throughput modifications of 3C have been 

developed (Table 3). They allow the detection of interactions of: one region (‘viewpoint’) with the rest 

of the genome (4C-seq) (Simonis et al., 2006; Zhao et al., 2006), many pre-defined regions with one 

another (5C-seq) (Dostie et al., 2006) and all genomic regions with each other (Hi-C, Figure 11, right). 

Hi-C has been the most widely used approach to study genome organization globally, ranging from the 

scale of whole chromosomes to individual enhancer (E) – promoter (P) contacts (Figure 12). More 

recently, digestion with MNase instead of REs improved maximal resolution (micro-C) (Hsieh et al., 

2020, 2016, 2015), whereas oligo-based pull-down of regions of interest (Capture-HiC) (Mifsud et al., 

2015; Schoenfelder et al., 2015b, 2015a) or immunoprecipitation of sequences associated with a protein 

of interest (ChIA-PET/PLAC-seq) (Fang et al., 2016; Fullwood et al., 2009) allowed to focus on 

functionally important sites while reducing library size and sequencing costs. Detection of contacts 

between 3 or more loci has been enabled by improved analysis methods (Tavares-Cadete et al., 2020) 

and the use of crosslinking-independent approaches like SPRITE (Quinodoz et al., 2018) and GAM 

(Beagrie et al., 2017), while radial distribution of chromatin in the nucleus has been assayed by GPSeq 

(Girelli et al., 2020), reviewed in (Jerkovic and Cavalli, 2021; Kempfer and Pombo, 2019). 

Chromosome territories 

In mammalian cells, Hi-C detects chromosome territories, demonstrated by the higher probability of 

regions to be in contact when on the same chromosome (in cis, even up to 200Mb apart) compared to 

between chromosomes (in trans, Lieberman-Aiden et al., 2009, Figure 12A). Hi-C also detects higher 

trans contacts between small-gene rich chromosomes known by FISH studies to cluster in the nuclear 

interior (Lieberman-Aiden et al., 2009). Finally, Hi-C can also recapitulate trans interaction patterns in 

species with centromere (D. melanogaster, Sexton et al., 2012) or telomere (S. cerevisiae, Dekker et al., 

2002, Duan et al., 2010) clustering or alignment of the chromosomes on a centromere-to-telomere axis 

(Hoencamp et al., 2021). 

Compartments 

On the scale of megabases (Mb), mammalian Hi-C maps exhibit a characteristic plaid or checkerboard 

appearance, whereby the genome is split in two interspersed sets of large segments, which show 

interactions within, but not between sets (Lieberman-Aiden et al., 2009, Figure 12B). These sets, termed 

A (accessible, active, early-replicating) and B (closed, repressed, late-replicating) compartments 

(Lieberman-Aiden et al., 2009; Pope et al., 2014) broadly correspond to eu- and heterochromatin as 

identified by imaging (Monneron and Bernhard, 1969). This is also corroborated by the differences in 

A/B compartment of up to 50% of the genome between various cell types in accordance with changes 

in epigenetic state and transcriptional activity (Bonev et al., 2017; Dixon et al., 2015; Lieberman-Aiden 

et al., 2009). However, despite the general correlation between compartments and genome function, 
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these associations are neither absolute nor necessarily causal: B compartments can contain active genes 

and conversely, not all genes in compartment A are transcribed (Kempfer and Pombo, 2019; Rowley 

and Corces, 2018). 

  

Assay Description 
Contacts per 

experiment 

Multiplicity 

of contacts 

Single-cell 

information 

3C-based methods 

3C 
Proximity ligation and selection of target regions with 

primers, detection by quantitative PCR 
One vs one 

Pairwise 

No 

4C 
Proximity ligation and enrichment for contacts with one 

bait region by inverse PCR, detection by sequencing 
One vs all 

5C 
Proximity ligation and enrichment for larger target 

region with primers, detection by sequencing 

Many vs 

many 

Hi-C 
Proximity ligation after RE digestion and enrichment for 

all ligated contact pairs, detection by sequencing 
All vs all 

micro-C 
Proximity ligation after MNase digestion and enrichment 

for all ligated contact pairs, detection by sequencing 
All vs all 

ChIA-PET 
Proximity ligation and pull- down of specific protein- 

mediated contacts, detection by sequencing 

Many vs 

many 

Capture-C, 

cHi-C 

Proximity ligation and target enrichment using probes 

for genomic regions of interest, detection by sequencing 
Many vs all 

single-cell 

Hi-C 

Proximity ligation and enrichment for all ligated contact 

pairs, detection by sequencing 
All vs all Yes 

Ligation-free methods 

GAM 

Cryosectioning of fixed cells, DNA extraction from 

nuclear sections and sequencing, inferring spatial 

distances from co- segregation of genomic regions in 

nuclear sections 

All vs all 

Many 

Yes 

SPRITE 
Fixation of cells, identification of crosslinked chromatin 

fragments by split- pool barcoding and sequencing 
All vs all No 

GPSeq 

Timecourse of RE digestion followed by ligation of 

barcodes enabling visualization by FISH and sequncing 

of radial fractions (from centre to periphery) 

N/A, provides 

radial 

positioning 

N/A 
No (only by 

FISH) 

3C, chromosome conformation capture; 4C, circular chromosome conformation capture; 5C, chromosome conformation 

capture carbon copy; ChIA-PET, chromatin interaction analysis by paired-end tag sequencing; cHiC, capture HiC; GAM, 

genome architecture mapping; GPSeq, Genomic loci positioning by sequencing; Hi-C, high-throughput chromosome 

conformation capture; micro-C, MNase-digested Hi-C; SPRITE, split-pool recognition of interactions by tag extension; 

Adapted from Kempfer and Pombo, 2019. 
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Figure 12. Hi-C reveals interaction patterns across genomic scales  

Features of chromatin organisation (1st column) represented on Hi-C maps (actual data, schematic 

representation, middle) and identified by imaging methods (last column) across genomic scales. A. 

Chromosome territories are visible on Hi-C maps at the 100s Mb scale as enrichment of contacts within 

chromosomes (in cis) and few interactions in trans. 3D-FISH of chr2 (red) and chr9 (green) in mESCs 

show territoriality observed by imaging B. Compartments are detectable as a plaid pattern at the Mb scale, 

reflecting chromatin is spatially segregated in two. A (active) and B (inactive) compartments largely 

correspond to eu- (blue) and heterochromatin (yellow), respectively, originally identified based on 

differences in electron density (left). C. Topologically-associating domains (TADs) were identified from 

Hi-C as a sub-Mb scale feature as regions of the genome enriched in contacts within and depleted in 

interactions with neighbouring regions. Subsequent super-resolution imaging work demonstrated they can 

exist as physical domains (for example the average distance map of chr21 obtained by multiplexed FISH 

from single cell, left). However, TADs are highly dynamic and heterogenous over time and between cells. 
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To confirm their Hi-C results, Lieberman-Aiden et al., 2009 used 3D FISH of regions which are linearly 

adjacent but belong to a different compartment to show that their spatial proximity is reflected by their 

Hi-C contacts rather than genomic arrangement. Furthermore, calculating the frequency of interaction 

between loci within A and B compartment separated by similar linear distance revealed consistently 

higher contacts between B compartment regions, indicating they may be more highly compact, in line 

with what is expected for heterochromatin (Lieberman-Aiden et al., 2009). Thus, at the Mb scale, Hi-C 

describes characteristics of chromatin organization already detected by imaging. Additionally, it 

provided sequence information for the interactions within the whole genome, although it did not reflect 

nuclear positioning with respect to the interior or lamina. 

To infer A and B compartment locations, dimensionality reduction approaches like eigenvector (EV) 

decomposition are applied on a normalised Hi-C matrix. The result of this mathematical operation is 

that the matrix can be described as a sum of eigenvectors (1D representation of a feature of the matrix) 

multiplied by their respective eigenvalue (weights, Figure 13). The 1st eigenvector (EV1) summarises 

the most dominant feature of the matrix, which on the Mb scale for mammalian genomes is usually 

compartmentalization (Lieberman-Aiden et al., 2009; Open 2C et al., 2022). A cut-off at 0 has been 

used to separate the genome into two compartments, and additional information (GC content, gene 

Figure 13. Compartment calling  

A. Observed data is divided by expected 

matrix, computed from the observed 

assuming equal decay of contacts with 

distance from the diagonal for each 

genomic bin. This results in an 

observed/expected (O/E) normalised 

matrix used for compartment calling in 

B. Eigenvector decomposition of the 

O/E matrix). C. The 1st eigenvector 

(EV1) typically represents compartment 

segregation in mammalian Hi-C. To 

assign the nature of the compartment 

(A/B), EV1 track is phased by 

comparing to any genomic feature 

correlated with activity, e.g. GC content 

(adapted from Open2C et al., 2022). 

D. E-P contacts can be detected as dots of enrichment on maps from higher resolution genome-wide 

methods like micro-C, or by lower-throughput approaches focusing on a single locus like 4C. They can 

also be detected by imaging, for instance live-cell imaging in Drosophila embryos (left, adapted from 

Kempfer and Pombo, 2019 and Szabo et al., 2019) 
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density, PTM ChIP-seq) is required to orient the sign of EV1 and identify which regions are A (active) 

and B (inactive). With increasing resolution and improved analytical tools, compartments can now be 

called from up to 0.5k-binned maps, allowing to investigate the organization of smaller features like 

individual genes, promoters, and enhancers (Harris et al., 2023).  

Incorporating information from matrix decomposition beyond EV1 enabled the identification of 

subcompartments within A and B with distinct interaction preferences associated with different types 

of chromatin or functional state in several cell types (Liu et al., 2021; Rao et al., 2014; Spracklin et al., 

2022). For example, A1 and A2 are both active and gene-dense, but A1 shows earlier replication timing 

(Rao et al., 2014), an association with nuclear speckles and higher transcriptional activity (Spracklin et 

al., 2022). The three studies also detect a different number of B subcompartments, but among those, 

they all identified one enriched in H3K27me3 and one in H3K9me3/HP1, corresponding to facultative 

and constitutive heterochromatin, respectively (Rao et al., 2014, Liu et al., 2021, Spracklin et al., 2022). 

Beyond revealing the various ways in which cells can organise their heterochromatin, Hi-C can thus 

identify different chromatin subtypes based on interaction patterns alone. 

We interrupt your programme with a burning question: How is this happening? 

A question which remains open in the field is what drives the formation and maintenance of 

compartments (Hildebrand and Dekker, 2020). One widely discussed hypothesis is that 

compartmentalization is the consequence of phase separation: the segregation of two entities when 

mixed due to their physical properties (Figure 14A, Erdel and Rippe, 2018; McSwiggen et al., 2019). 

In this framework, chromatin is considered as a block copolymer, composed of alternating segments of 

monomers of different kinds (i.e. regions of the genome with a distinct chromatin state or A/B 

compartment identity). This idea is consistent with the fact that chromatin subcompartments exhibit 

distinct epigenetic profiles, including histone variants (e.g. H3.3, H2A.Z) and PTMs (e.g. histone 

acetylation) which may (i) confer different physical properties to the nucleosomes they form and/or (ii) 

recruit specific readers which could interact with other chromatin segments or each other.  

With respect to the former, in vitro assembled chromatin forms liquid droplets when using unacetylated 

histones, with the extent of compaction depending on linker DNA length and the presence of histone 

H1 (Gibson et al., 2019). While droplets dissolved if acetylated histones were used, they reform upon 

addition of BRD4 (transcriptional co-activator with a bromodomain that recognises lysine acetylation), 

which led to the establishment of a separate phase (Figure 14B, Gibson et al., 2019). In cells, BRD4 

and MED1 (subunit of the transcriptional co-activator Mediator) are enriched at super-enhancers (SE, 

kb-long domains of H3K27ac) and can be observed as puncta by IF. Both proteins contain intrinsically 

disordered regions (IDRs): unstructured amino acid stretches which have been implicated in the 

formation of multivalent protein-protein interactions involved in LLPS. Indeed, both BRD4 and MED1 

form droplets in vitro and treatment with 1,6-hexanediaol (1,6-HD, a compound disrupting LLPS 
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condensates) results in dissolution of BRD4 and MED1 puncta in cells (Sabari et al., 2018). This is also 

true for RNAPII, which can form condensates in cells due to its C-terminal domain (CTD, Boehning et 

al., 2018; Guo et al., 2019), although other work has shown RNAPII can cluster in a manner not driven 

by LLPS (McSwiggen et al., 2019a). However, inhibition of transcription or depletion of RNAPII 

components does not disrupt A/B compartmentalization (Barutcu et al., 2019; Hsieh et al., 2020; Jiang 

et al., 2020; Xie et al., 2022), indicating that active chromatin segregation is not dependent on 

transcriptional activity or the presence of RNAPII-mediated condensates. On the other hand, depletion 

of the co-activator BRD2 (Xie et al., 2022) or the nuclear speckle component SRRM2 (Hu et al., 2019) 

results in weakening of A compartment interactions, although it is unclear whether this is due to 

disruption of phase separation. Thus, proteins associated with active chromatin can impact the 

association of A compartments but the mechanism of this remains unclear. 

Phase separation has also been proposed to explain segregation of B (sub-)compartments (Figure 14B, 

Erdel, 2023). Developmental genes in facultative heterochromatin (H3K27me3-marked) can be 

organised in foci, known as Polycomb bodies, via the establishment of long-range contacts between 

them when bound by the PRC1 complex (Bantignies et al., 2011; Noordermeer et al., 2011; Ogiyama 

et al., 2018; Schoenfelder et al., 2015). CBX2, one of its subunits, has been shown to form droplets in 

vitro, whereas mutating it results in loss of Polycomb puncta (Plys et al., 2019; Tatavosian et al., 2019) 

and reduced nucleosome compaction (Lau et al., 2017) in vivo. However, another PRC1 subunit, PHC1 

which enables PRC1 oligomerisation through its sterile alpha motif (SAM), is also required for 

Polycomb clustering and the local insulation, compaction, and long-range interactions of target genes 

(Kundu et al., 2017; Wani et al., 2016).  

Constitutive heterochromatin (H3K9me3-modified) is bound by HP1a, which also contains an IDR and 

assembles into condensates in vitro (Larson et al., 2017; Strom et al., 2017). In human HCT-116 cancer 

cells, knock-out of DNMT1 and DNMT3b leads to loss of DNAme and strong reduction of H3K9me3 

and HP1 binding in heterochromatin in the B4 subcompartment. This resulted in loss of the preferential 

homotypic interactions between B4 domains, accompanied by a shift to a different B subcompartment 

(Spracklin et al., 2022). Another study using the same cell line also observed decreases strength of B 

compartment strength (Du et al., 2021), indicating a role for HP1 in promoting self-interactions between 

regions where it is bound. In agreement with these results, Wijchers et al. (2016) showed that in mESCs, 

anchoring either WT or mutant Suv39h1 (lacking H3K9me3 recognition and HP1a interaction domains) 

to a region could induce result in its H3K9me3, but only the WT Suv39h1 could promote its switch 

from A to B compartment, potentially due to its interaction with HP1a. Conversely, knock-down (KD) 

of all HP1 isoforms impaired Rabl configuration, decreased B compartment strength and increased 

compaction along chromosome arms in cis in transcriptionally inactive D. melanogaster embryos, but 

not somatic S2 cells, indicating it is important for the establishment, but not maintenance of constitutive 

heterochromatin organization (Zenk et al., 2021). Indeed, in mouse cells double deletion of Suv39h1/2 
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abolishes H3K9me3 at pericentromeric heterochromatin (PHC), leading to loss of HP1 binding without 

disrupting their clustering into chromocenters (Peters et al., 2001). Erdel et al. (2020) have confirmed 

these findings and shown HP1a does not form droplets on chromatin, suggesting it might instead form 

bridging interactions through its capacity to oligomerise (Machida et al., 2018).  

Another feature of heterochromatin organization is its enrichment at the lamina and/or nucleolus, in 

what have been termed lamina-/nucleolus-associated domains (LADs (Guelen et al., 2008)/NADs 

(Németh et al., 2010; van Koningsbruggen et al., 2010), respectively). Indeed, the vast majority of 

Figure 14. Phase separation as a mechanism for chromatin compartmentalization 

A. There are different types of phase separation, but two of the main ones considered in the context of 

chromatin organization are polymer-polymer and liquid-liquid phase separation (PPPS and LLPS, 

respectively). PPPS (left) could be the result of bridging factors directly binding distant regions of 

chromatin and bringing them together, whereas LLPS (right) would occur if chromatin-associated proteins 

form unspecific, multi-valent interactions with each other, forming high-concentration liquid-like droplets 

(adapted from Erdel and Rippe, 2018). B. Formation of subcompartments (detected by Hi-C) by phase 

separation mediated by distinct chromatin-interacting factors (adapted from Hildebrand and Dekker, 2020). 
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LADs are found in compartment B in differentiated cells (Luperchio et al., 2018). A large proportion 

(~50%) of NADs and LADs overlap, although there are also sequences that are found exclusively either 

at the nucleolus (NAD-only, Vertii et al., 2019) or the lamina (LAD-only, Kind et al., 2013), and the 

three types of regions have distinct combinations of PTM enrichment (Bersaglieri et al., 2022). While 

the nucleolus exhibits some droplet-like properties, suggesting it might be phase-separated (Erdel et al., 

2020; Frottin et al., 2019; Lafontaine et al., 2021), the sequestration of heterochromatin at the periphery 

has been suggested to be mediated by specific protein-protein interactions between HP1 with 

components of the lamina like the lamin B receptor (LBR, Ye et al., 1997). However, it remains unclear 

how regions can be differentially targeted the nucleolus or the lamina considering their similar 

enrichment of H3K9me3 (Bersaglieri et al., 2022). Finally, localization to the lamina is not required for 

the formation of B compartment (Falk et al., 2019), although it can affect its strength (Bertero et al., 

2019). 

Computational modelling of biological phenomena is a powerful tool to test and generate new 

hypothesis that could explain the observed data. Based on another dominating feature of Hi-C maps, 

the decay of contacts with distance from the diagonal, which follows a power law and reflects the fact 

that linear proximity is also a strong determinant of how often regions will interact, Lieberman-Aiden 

et al. (2009) suggested chromatin can be modelled as a polymer, organized as a fractal (unentangled) 

globule. This approach has been extended to understand what drives genome compartmentalization by 

modelling chromatin as a long co-polymer consisting of several types of monomers (typically two, 

corresponding to A and B compartment) that alternate linearly along the chain, avoid each other and 

experience self-attraction (between the same kind, Di Pierro et al., 2017; Jost et al., 2014). The aim is 

to fit a model, from which an in silico Hi-C map can be produced to compare to experimental 

observations, such that it fits the data best while requiring the least number of parameters (Abdulla et 

al., 2023; Haddad et al., 2017; Jerkovic and Cavalli, 2021).  

Using three states, A (euchromatin), B (heterochromatin) and C (constitutive pericentromeric/telomeric 

heterochromatin), for modelling chromatin in a confined space, Falk et al. (2019) have demonstrated 

that attraction between B compartments is sufficient to drive compartmentalization, whereas A 

compartment interactions are dispensable. Furthermore, they show that interactions between B 

compartments and lamina are required to ‘orient’ chromatin organization, but not to segregate 

compartments (Falk et al., 2019). A similar model has also been employed by Zenk et al. (2021) to 

distinguish between the role of HP1a enrichment at pericentric regions, where it contributed to the 

establishment of Rabl configuration of chromosomes and heterochromatin condensation, in contrast to 

binding along chromosome arms, which could prevent their compaction and promote B-B interactions. 

However, this model is not able to discern the mechanism by which HP1a performs its function (Zenk 

et al., 2021). Finally, another type of polymer modelling has been used to predict 3D compartment 

organization based on tracks of 1D epigenetic information (mainly histone PTMs) with the aim of 
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uncovering interactions between which sets are the most important for accurate recapitulation of real 

Hi-C maps from the same cells (rev in Jerkovic and Cavalli, 2021, Abdulla et al., 2023). While some 

studies have put forward particular marks and/or their interactors as sufficient for compartment 

definition (Nichols and Corces, 2021), others have concluded that it is the combinatorial information 

that distinguishes different states and promotes their 3D organization (Esposito et al., 2022).  

In conclusion, both experimental evidence and modelling results suggest that chromatin 

compartmentalization can be driven by its activity and epigenetic state. However, it is likely that this 

scale of organization is controlled by several mechanisms, which may operate in concert, but also to 

different extent at distinct regions of the genome. 

Returning to your scheduled (sequence) identity crisis: TADs and loops 

Increasing sequencing depth allowed analysis of Hi-C maps on the sub-Mb scale (binned at ~40kb, 

Dixon et al., 2012; Hou et al., 2012; Nora et al., 2012; Sexton et al., 2012). This revealed the presence 

of contiguous domains which were enriched in interactions within, but depleted of contacts (~33% less, 

Rao et al., 2014) with their neighbouring sequences, even though they are linearly adjacent (Dixon et 

al., 2012, Nora et al., 2012). These self-associating regions, termed topologically associating domains 

(TADs, Figure 12C, 15), are demarcated by boundaries enriched in the insulator protein CTCF (~75% 

boundaries, mESCs), active promoters and/or house-keeping genes (~35% boundaries, mESCs) and 

repeat elements in both mammalian (Dixon et al., 2012; Nora et al., 2012) and D. melanogaster genomes 

(Hou et al., 2012; Sexton et al., 2012). Mammalian TADs have a median size of ~880kb (mESCs, Dixon 

et al., 2012) and their boundaries are shared between cell types (60-90%, Dixon et al., 2012). 

Furthermore, differences in short-range contacts between cell types are usually within TADs (Dixon et 

al., 2012) and upon cell differentiation, entire domains switch compartment concordant with gene 

expression changes (Dixon et al., 2015), whereas few new boundaries are established (Bonev et al., 

2017), suggesting TADs may be stable structural and functional units of genome organization (Beagan 

and Phillips-Cremins, 2020; Szabo et al., 2019). 

Improvements of the Hi-C protocol (Rao et al., 2014) enabled the examination of maps at 1kb 

resolution, revealing that mammalian TADs were nested structures containing smaller subdomains, 

termed subTADs (Phillips-Cremins et al., 2013). About 50% their boundaries were common between 

cell lines and their median size was 185kb, much closer to the TADs originally identified in D. 

melanogaster (median length ~100kb, Hou et al., 2012; Sexton et al., 2012). A subset (~40%) of these 

smaller domains exhibited a ‘corner dot’: a high-frequency focal interaction away from the diagonal, 

corresponding to contact enrichment specifically between the two boundaries (Figure 15). This was 

interpreted to reflect the presence of a loop anchored at the two domain boundaries, predominantly 

(>85%) co-occupied by CTCF in convergent orientation together with the cohesin complex (Rao et al., 

2014). Finally, in addition to ‘loop domains’, the authors also described ‘ordinary’ or ‘compartment’ 
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domains, which corresponded to a 

single epigenetic state, indicating 

different processes may be 

responsible for their establishment 

(Rao et al., 2014).  

Notably, loop domains were only 

40% out of all loops detected: 

another ~30% were interactions 

between CTCF/cohesin-bound sites 

within domains, and the remaining 

30% corresponded instead to 

enhancer-promoter (E-P) contacts, 

~half of which also were enriched 

for CTCF and cohesin (Rao et al., 

2014). Like loop domains, loops are 

well-conserved (55-75%) between 

cell lines (Rao et al., 2014) and cell 

type-specific loops tendentially smaller, within TADs and predominantly between enhancers and 

promoters in a manner related to differential regulation of gene expression (Grubert et al., 2020; 

Phillips-Cremins et al., 2013). Thus, loops can be broadly classified as structural, when associated only 

with CTCF/cohesin co-occupancy, and functional, including E-P, P-P and Polycomb-mediated loops, 

which are more likely to fall within TADs and be linked with transcriptional control (Hsieh et al., 2020). 

Loops and compartments: one of those things is not like the other 

Mechanistic understanding of how loops and loop domains are formed came from the combination of 

polymer modelling and rapid protein depletion experiments (Beagan and Phillips-Cremins, 2020; Szabo 

et al., 2019). The idea of loop formation in the context of E-P communication had already been put 

forward to explain control of expression by distal regulatory elements (Grosveld et al., 1993), and 

experimental evidence suggested the cohesin complex may interplay with Mediator to promote E-P 

contacts (Kagey et al., 2010; Phillips-Cremins et al., 2013). Cohesin, identified for its role in 

maintaining sister chromatid cohesion after replication, is one of the three structural maintenance of 

chromosomes (SMC) complexes in mammals, together with condensin (I and II) and Smc5/6 (Davidson 

and Peters, 2021). All SMC complexes have a common ring-like pentameric organisation (Figure 16), 

which allows them to bind DNA and translocate along it in an ATP-driven manner. Unlike cohesin, 

condensins are required in mitosis for the formation of tightly compacted, linear chromosomes, which 

polymer modelling demonstrated could be mediated by the process of extrusion of nested loops 

Figure 15. TADs and loops  

Schematic representation of distinct classes of TADs. Compartment 

domains refer to TADs demarcated by compartment shifts. Corner-

dot or loop domains refer to regions where the point of interaction 

between the two boundaries is focally enriched in contacts. Loops 

are characterised by the presence of corner dots at their base, and by 

stripes/flames emerging from one or both anchors, which can 

contain several weaker dots (cohesin pause sites) and may continue 

beyond the loop anchor (adapted from Beagan and Phillips-

Cremins, 2020).  



56 

 

(Goloborodko et al., 2016; Naumova et al., 2013), as hypothesized previously (Alipour and Marko, 

2012; Nasmyth, 2001).  

Thus, an active ‘loop extrusion’ mechanism in interphase was proposed, where cohesin is loaded onto 

chromatin and translocates bi-directionally in an ATP-dependent manner, forming a loop, until it reaches 

a barrier element (CTCF-occupied site in the correct orientation), where it becomes arrested until it is 

released (Figure 17, Fudenberg et al., 2016, 2017). This model could recapitulate the emergence of TAD 

and loop-like structures (domains and ‘corner dots’, respectively) on Hi-C maps at the resolution that 

had been achieved at the time (Fudenberg et al., 2016), but also predicted the presence of ‘stripes’ or 

‘flames’, emanating from the boundary on diagonal and proceeding until or even past the other loop 

anchor, which were only observed later when higher-resolution Hi-C (Fudenberg et al., 2017) and 

micro-C (Hsieh et al., 2020; Krietenstein et al., 2020) maps were generated. Furthermore, this model 

made testable predictions on the consequences of loss of CTCF or cohesin, which were experimentally 

confirmed by multiple studies in the following year (Fudenberg et al., 2017) thanks to the use of near-

complete, rapid and reversible protein depletion via the auxin-inducible degron (AID) system.  

Depletion of CTCF led to the loss of CTCF/cohesin-dependent loops and strongly reduced the insulation 

of most (~80%) TADs (mESCs, Nora et al., 2017, Hela, Wutz et al., 2017), in agreement with previous 

observations that some TADs are not CTCF-dependent (Rao et al., 2014), without affecting 

compartmentalization. On the other hand, depletion of the cohesin loader NIPBL (mouse hepatocytes, 

Figure 16. SMC complex structure  

All SMC complexes consist of two SMC subunits, comprising ~50nm-long coiled coil with a hinge domain 

on one end, which enables heterodimerization, and an ATPase head on the other end, which participates in 

translocation. The two ATPase domain are connected by a kleisin subunit, which completes the formation 

of the ring. Two additional subunits, termed HEAT repeat proteins associated with kleisins (HAWKs), 

which can play regulatory roles are part of the final complex. A. Condensin I and II share the SMC2/4 

proteins but have distinct kleisin (CAP-H/H2, respectively) and HAWK (CAP-D2, CAP-G for condensin 

I and CAP-D3, CAP-G2 for condensin II) subunits. B. Extruding and C. cohesive cohesin share SMC1/3 

and Rad21 (kleisin). Extruding cohesin associates with the NIPBL-MAU2 complex, required for loading 

and extrusion, and STAG1 or 2. In cohesive cohesin, NIPBL is replaced by PDS5A or B, making it unable 

to extrude loops (adapted from Davidson and Peters, 2021). 
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Schwarzer et al., 2017) – MAU2, which also stimulates cohesin’s ATPase activity and is required for 

extrusion (HAP1 cells, Haarhuis et al., 2017) or its kleisin subunit RAD21 (HeLa, Wutz et al., 2017, 

HCT-116, Rao et al., 2017) resulted in complete ablation of loops and TADs and was also accompanied 

by stronger compartmentalization. Conversely, rapid loss of the cohesin release factor WAPL (Haarhuis 

et al., 2017; Wutz et al., 2017) or PDS5A/B, which may cooperate with it (Wutz et al., 2017) resulted 

in increased retention of cohesin on chromatin, leading to the formation of highly compacted 

‘vermicelli’ chromosomes, which exhibited weaker compartments, larger TADs and stronger loops.  

Higher resolution (micro-C) maps have demonstrated that while CTCF and cohesin are required for 

many E-P loops (El Khattabi et al., 2019; Grubert et al., 2020; Krietenstein et al., 2020; Thiecke et al., 

2020), some E-P, P-P and Polycomb target contacts are retained, while some enhancer interactions are 

strengthened in their absence (Rao et al., 2017, Thiecke et al., 2020). Developing region capture micro-

C (RCMC) to obtain nucleosome-level resolution and ultra-high coverage on a set of regions, Goel et 

al. (2023) show that many enhancers and promoters form nested microcompartments, largely resistant 

to either cohesin or transcription loss. These results are in agreement with extremely deeply sequenced 

Hi-C, where computing compartmentalisation at 500bp resolution shows promoters and enhancers tend 

to be engaged in precise compartment A interactions even when in generally B (inactive) domains 

(Harris et al., 2023). This supports the idea that cohesin and CTCF are involved in the formation of 

larger structural loops, whereas contacts associated with gene expression regulation can take place 

independently.  

Figure 17. Loop extrusion model 

A. Illustrative examples of a loop 

extruding factor (LEF, in orange), likely 

cohesin, binding randomly, extruding 

loops and releasing from chromatin (in 

grey). Several cohesins can bind along 

chromatin and potentially interfere with 

each other’s movement. Cohesin may 

also pause or arrest if it meets a barrier 

(in red), often corresponding to an 

occupied CTCF site in the correct 

orientation. RNAPII and pre-replicative 

complexes (discussed below) may also 

function as barriers.  

B. Example of a Hi-C map generated based on simulated data including loop extrusion. Key features like 

TADs, corner dots and stripes are recapitulated. C. Schematic of LEFs and barriers along the genome 

(adapted from Fudenburg et al., 2016). 
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Despite their different effects on compartmentalization, no PTM spreading was detected upon either 

CTCF (Nora et al., 2017) or cohesin depletion (Rao et al., 2017), in agreement with the idea that 

compartments may be driven by PTM distribution while also showing that TAD borders are not key for 

regulating chromatin state. Loss or increased retention of cohesin on chromatin, unlike changes in 

CTCF binding, led to a change in chromatin compaction, observable visually on Hi-C maps and 

detectable as a change in the shape of the power law relationship between contact frequency and 

genomic distance (P(s), Wutz et al., 2017). This indicated that in the absence of CTCF, cohesin is likely 

still binding and extruding loops, but without being blocked at particular sites, which could explain the 

unique role of cohesin in counteracting compartmentalization and the stronger effect its depletion has 

on TADs and loops compared to the loss of CTCF (Nuebler et al., 2018). 

Is this real life? Is this just bulk Hi-C? (adapted from Mercury, 1975) 

While the results from these and a number of follow-up studies provide support for the loop extrusion 

model, they are all based on the detection of TADs and loops from ensemble Hi-C, which provides an 

average snapshot of the genome organization of millions of cells. Thus, as TADs had not been 

previously observed by imaging, it was unclear whether they represent actual physical structures or 

were a technical consequence due to the bulk nature of Hi-C assays (Beagan and Phillips-Cremins, 

2020). The first evidence in support of TADs as physical entities came from single-cell Hi-C (scHi-C), 

which demonstrated that in individual cells, contacts tended to be enriched between regions that were 

found in the same TAD defined by ensemble Hi-C (Nagano et al., 2013). However, TADs in individual 

cells could not be called due to the sparsity of the data, and later studies revealed a large cell-to-cell 

heterogeneity of contacts at the sub-Mb scale (Flyamer et al., 2017; Giorgetti et al., 2014; Stevens et 

al., 2017). Conversely, A/B compartment interactions were consistent between single cells (Stevens et 

al., 2017), potentially reflecting the different dynamics of the processes that establish loops and 

compartments.   

While the vast majority of mammalian TADs are CTCF/cohesin-dependent, this is not the case in D. 

melanogaster. High-resolution Hi-C has shown that D. melanogaster TADs could be as small as 10s of 

kbs, corresponding to clusters of transcribed genes forming distinct compartment domains. Indeed, 

despite the presence of CTCF and other insulator proteins, TAD demarcation in D. melanogaster is 

linked to epigenetic state transitions rather than loop extrusion (Rowley et al., 2017; Ulianov et al., 

2016; Q. Wang et al., 2018), which makes it a well-suited model to investigate the organization of self-

associating domains. Super-resolution imaging combined with Oligopaints has clearly demonstrated 

that consecutive TADs in three distinct states (active, inactive, Polycomb) are physically separated and 

exhibit characteristic levels of compaction associated with their epigenetic profile despite cell-to-cell 

heterogeneity (Figure 18A, Cardozo Gizzi et al., 2019; Mateo et al., 2019; Szabo et al., 2018). Thus, 

TADs in D. melanogaster are strongly associated with compartmentalization and are organized in 
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distinct nanodomains (Szabo et al., 2019), indicating TADs can be identifiable structural units of 

genome organization. 

Super-resolution imaging has also been used in to trace TADs in human cells, the results of which can 

be compared to Hi-C by computing 2D maps where 3D distances between each pair of loci imaged per 

chromosome is plotted (Bintu et al., 2018; Finn et al., 2019; Nir et al., 2018). Average distance maps 

(from all cells) showed high similarity to ensemble Hi-C maps, and individual (sub)TADs could be 

observed as globular structures delimited by CTCF sites in some single cells. Nevertheless, individual 

chromosomes exhibited a variety of conformations, including many where several TADs were 

intermingled with each other and loci across a TAD boundary were closer than ones within the same 

domain (Figure 18B, Bintu et al., 2018). Moreover, upon cohesin depletion structures became 

undetectable on average, but not single cell distance maps, reflecting the persistence of chromatin 

folding into domains. While preference for CTCF boundary positions was abolished in cohesin-depleted 

cells, this was not the case for A/B compartment transition borders, indicating their independent 

association with domain formation, similar to observations in Drosohpila (Bintu et al., 2018).  

Subsequent work in mESCs demonstrated that cohesin is important for promoting enrichment of 

contacts within TADs, whereas CTCF is key for boundary demarcation (Szabo et al., 2020). It also 

corroborated that mammalian TADs tend to be composed of several globular sub-structures (termed 

‘chromatin nanodomains’ (CNDs) due to their similarity to the ones observed in D. melanogaster), 

which persist in the absence of CTCF 

and cohesin, but are disrupted upon 

histone hyperacetylation (Szabo et 

al., 2020). Curiously, another study 

in human HCT-116 cells showed that 

the presence of cohesin also 

promotes intermingling of loci 

across TAD boundaries, which is 

counteracted by CTCF and WAPL 

(Luppino et al., 2020). This suggests 

that cohesin can bypass some 

boundaries, in agreement with micro-

C data showing stripes which can 

contain several dots (sites of pausing) 

and even extend past them (Hsieh et 

al., 2020, Krietenstein et al., 2020). 

Finally, recent imaging work by 

Hafner et al. (2023) has shown that by 

Figure 18. Super-resolution imaging illuminates kb-scale 

chromatin folding in individual cells 

A. Super-resolution imaging of TADs of different chromatin states 

reveals they are distinct physical entities with packing density 

linked to their epigenetic marks. B. Tracing of individual TADs in 

100s-1000s cells with Oligopaints demonstrates TAD boundaries 

reflect statistically frequent separation between globular domains 

(from Boettiger and Murphy, 2020). 
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extruding loops, cohesin promotes interactions at distances <4Mb, resulting in the clustering of CTCF-

bound anchors of multiple loops, which extend from this cluster in a ‘rosette’ arrangement. This results 

in stronger separation of regions >4Mb apart, providing another potential mechanism for cohesin to 

antagonise compartmentalization by preventing homotypic A-A or B-B interactions of distant loci 

(Hafner et al., 2023). 

In summary, mammalian TADs are a population-derived feature with highly dynamic and 

heterogeneous organization in single cells, which is only partially driven by loop extrusion. They can 

be composed of one or several nanodomains, which also vary between cells and are dependent on 

nucleosomal interactions rather than CTCF and cohesin, indicating epigenetic mechanisms or phase 

separation may also be important for this level of chromatin organization.   

1.4.3. What am I doing? Adding dynamics by live-cell imaging 

One question that cannot be definitively answered by either the imaging or sequencing fixed cell 

approaches described above is if cohesin can actually extrude loops on chromatin. Work in vitro has 

demonstrated that condensin (Ganji et al., 2018), cohesin (Davidson et al., 2019) and Smc5/6 (Pradhan 

et al., 2022b) can extrude loops on naked DNA. Condensins can also traverse each other (Kim et al., 

2020) and other large roadblocks, similarly to cohesin (Pradhan et al., 2022a), and form loops on 

supercoiled DNA in vitro (Kim et al., 2022). Davidson et al., (2023) have further demonstrated that 

CTCF can not only act as a barrier to cohesin-mediated extrusion, but it can also reverse its direction in 

a manner dependent on DNA tension. Thus, in addition to supporting the loop extrusion model, these 

experiments have also provided insight into the way SMC complexes can interact with CTCF and DNA, 

although it remains to be seen how they would translocate along a chromatin substrate.  

Conversely, two recent studies have examined CTCF and cohesin dynamics in vivo by live-cell imaging 

of fluorescently labelled pairs of loci in mESCs (Gabriele et al., 2022; Mach et al., 2022). They have 

shown that cohesin-mediated loops are rare and highly dynamic: 3-6.5% cells for 10-30min for a 

~500kb loop (Gabriele et al., 2022), and ~27% cells for 5-15min for a 150kb loop (Mach et al., 2022). 

Mach et al. (2022) also demonstrate that extrusion by cohesin results in reduced chromatin mobility and 

that, together with the presence of CTCF sites, also decreases the variability of physical distances 

between linearly proximal loci. Thus, they suggest that loop extrusion can promote less variable 

chromatin organization, in line with previous super-resolution studies (Bintu et al., 2018, Szabo et al., 

2020, Hafner et al., 2023). Finally, these data suggest that it may be the dynamics of the extrusion 

process and the ‘reproducible’ generation of many transient contacts, rather than stable structures, which 

is functionally important. 
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1.5. Chromatin organization during the cell cycle 

The dynamics of chromatin organization should be considered not only on the minute time scale, but 

also with respect to the cell cycle, during which the genome goes through several major re-

arrangements: (i) the decompaction of mitotic chromosomes at the entry of G1 (Zhang and Blobel, 

2023), (ii) the 2-fold dilution of parental histones (Stewart-Morgan et al., 2020) and sister chromatid 

cohesion (Peters and Nishiyama, 2012) during S phase and (iii) condensation of chromosomes 

following the G2/M transition (Batty and Gerlich, 2019). While understanding how these processes are 

regulated and executed are interesting questions in their own right, here I will focus on what they reveal 

about the relationship between genome organization and function. 

After mitosis, chromosomes are decompacted, expanding into their territories, and interphase genome 

organization is gradually reestablished (Zhang and Blobel, 2023). The length of interphase imposes a 

limit on the time chromosomes have to diffuse and intermingle, although CTs are readily detected in 

post-mitotic cells (Burns et al., 1985; Cremer and Cremer, 2006a). Unlike CTs, compartments and TADs 

are thought to be formed by active processes, dependent on chromatin state and CTCF/cohesin, 

respectively (as detailed above). Indeed, many histone PTMs are retained on chromatin during mitosis, 

acting as epigenetic bookmarking factors for transcriptional activity (Gonzalez et al., 2021), and likely 

contribute to compartment re-establishment. Conversely, the extent of CTCF binding in mitosis varies 

dramatically between cell types (Chen et al., 2019; Oomen et al., 2019; Owens et al., 2019). However, 

even when fully evicted from mitotic chromosomes in somatic cells, it is reassociated with chromatin 

already in ana/telophase, providing TAD boundary demarcation (Oomen et al., 2019) prior to cohesin 

reloading, which happens at a markedly slower rate (H. Zhang et al., 2021) starting at cytokinesis 

(Abramo et al., 2019). 

Several studies have shown that compartments are reestablished rapidly (in ~30min) upon G1 entry, 

followed by a progressive increase in their strength over ~4 hours (Abramo et al., 2019; Pelham-Webb 

et al., 2021; Zhang et al., 2019). Notably, segregation of B compartments appears to precede increase 

in A-A contacts (Abramo et al., 2019), potentially reflecting different kinetics of binding or propensity 

to cluster together of the distinct proteins that bind them. Analysing the restoration of heterochromatin 

organization from the perspective of nuclear positioning revealed that future LADs first cluster together 

in the interior (Kind et al., 2013, Luperchio et al., 2018) before becoming anchored at the lamina through 

recognition of H3K9me2 (Poleshko et al., 2019; See et al., 2020), indicating that relocation to the 

periphery is not required for compartmentalization. Finally, setting up the replication timing (RT) 

programme in early G1 takes places concomitantly with compartment reemergence, but while G1 

chromatin organization is maintained through S phase into G2, RT information is erased, implying that 

genome architecture is not sufficient to instruct replication (Dileep et al., 2015b). 
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TADs and CTCF/cohesin loops are also gradually re-formed in a broadly similar timeframe to 

compartments, although the exact kinetics reported differ between studies, potentially due to variability 

in the synchronization protocol and/or the cell types used (Zhang et al., 2019, Abramo et al., 2019, 

Pelham-Webb et al., 2021). Conversely, E-E/E-P/P-P contacts are re-established before CTCF loops 

(Zhang et al., 2019, Abramo et al., 2019, Pelham-Webb et al., 2021) and can be detected even in the 

absence of cohesin (H. Zhang et al., 2021), indicating they may be dependent on the binding and/or 

spatial association of RNAPII or transcriptional activators. However, global genome reactivation takes 

place already in ana/telophase (Hsiung et al., 2016), prior to loop and TAD emergence, and is not limited 

to the specific E-P pairs (Zhang et al., 2019, Pelham-Webb et al., 2021). Loss of mitotic H3K27ac 

(preventing transcriptional re-activation, Pelham-Webb et al., 2021) or inhibition of RNAPII in M/G1 

(Zhang et al., 2021) did not impair the restoration of 3D organization, suggesting its relationship with 

transcription is not necessarily functional. In contrast, Pelham-Webb et al., 2021 also showed that rapid 

activation of genes after mitosis was associated with E-P looping and expression kinetics corresponded 

to TAD boundary insulation increase. Furthermore, another study found that long-term (14h) RNAPII 

depletion in G2-arrested cells prior to mitosis and G1 re-entry globally perturbed the refolding of the 

genome due to impairment of cohesin re-loading (S. Zhang et al., 2021), suggesting the picture is more 

complicated. 

In summary, reestablishment of genome organization after mitotic exit is gradual and better coordinated 

with replication timing definition rather than transcriptional re-start. Furthermore, 3D organization is 

neither required for, nor driven by the restart of gene expression in this context, suggesting it may be 

independently restored based on epigenetic memory mediated by PTMs and chromatin-binding factors. 

No major reorganization of the genome takes place in the progression from G1 to G2 (Gibcus et al., 

2018; Nagano et al., 2017; Naumova et al., 2013; Wutz et al., 2017), despite two key events which occur 

as the genome replicates in S phase: the two-fold dilution of histone variants and their PTMs on nascent 

chromatin (Stewart-Morgan et al., 2020, Chromatin replication: maintain genome integrity and 

epigenetic states) and sister chromatid cohesion (Peters and Nishiyama, 2012). Nevertheless, Nagano 

et al. (2017) showed, using scHi-C, that compartments get stronger from G1 to G2, whereas insulation 

of TAD boundaries gets weaker as they are replicated. Developing sister chromatid-sensitive (scs)Hi-C 

to differentiate between the conformation of the two sister chromatids, Mitter et al. (2020) later 

demonstrated that while the sister chromatids were overall aligned, they could have regions of local 

separation of up to 3Mb in G2. TAD boundaries were typically enriched in contacts between the sisters, 

whereas pairing between sister TADs varied, with H3K27me3-marked domains showing the highest 

levels. The authors show that this enrichment of trans-sister contacts at boundaries and their depletion 

within TADs is driven by extruding cohesin (Mitter et al., 2020). This indicates that loop extrusion in 

G2 by non-cohesive cohesin can contribute to partial separation of the two sisters prior to entry in 

mitosis, which has been recently shown (Batty et al., 2023).  
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It would be interesting to investigate the strength of TAD boundaries from cis-sister data only (Mitter 

et al., 2020) in order to understand if the weaker insulation detected in previous work with S phase 

progression (Nagano et al., 2017) reflects the pairing between the sister chromatids. Another 

unanswered question is whether the contribution of sister chromatid contacts can be the reason for the 

increase in compartment segregation detected in G2 (Nagano et al., 2017). This observation is somewhat 

counterintuitive, considering the dilution and slow restoration kinetics of inactive PTMs (Stewart-

Morgan et al., 2020), which are important for B-B compartment interactions, thought to be key for A/B 

segregation (Falk et al., 2019). 

Finally, interphase chromatin organization is rapidly dismantled (5-10min) upon entry in mitosis, when 

chromosomes are re-organised into rod-like shapes due to the concerted activity of condensin I and II, 

resulting in the formation of nested loops (Gibcus et al., 2018, Batty and Gerlich, 2019). One of the 

proteins required for this process is WAPL, which enables the release of extruding cohesin from 

chromosomes (Gandhi et al., 2006; Kueng et al., 2006). Notably, condensins are not required for the 

compaction of mitotic chromosomes, which is dependent on histone PTMs (Schmitz et al., 2020). 

H3S10phos interferes with HP1a binding to H3K9me3 (Fischle et al., 2005; Hirota et al., 2005), 

whereas global deacetylation promotes general chromatin compaction (Wilkins et al., 2014; Zhiteneva 

et al., 2017). This process demonstrates that how quickly and synchronously genome structure can be 

disassembled, compared to the much longer process of restoration after mitosis, emphasizing the 

complex interplay that takes place during its restoration in G1. 

1.6. Structure-function relationship: What is the role of 3D genome 

organization in regulating genome function? How do genomic processes 

affect its organization? 

Following the reshaping of chromatin architecture over the cell cycle already suggests that while it may 

be functionally linked to transcription and replication, this relationship is not straightforward. To 

disentangle the interplay between genome structure and activity, I will provide an overview of the roles 

suggested for chromatin organization at different scales, their proposed role in development and 

differentiation and the impact of their perturbation. 

Chromosome territories: Keep it to yourself 

Localisation of genes at the periphery of or beyond their CT (Mahy et al., 2002; Volpi et al., 2000; 

Williams et al., 2002) and clustering in space (Osborne et al., 2004) of genes from the same or different 

chromosomes (i.e. intermingling, Branco and Pombo, 2006; Maharana et al., 2016) has been associated 

with expression. Indeed, transcriptional inhibition changes CT intermingling patterns without disrupting 

overall chromosome organization, indicating transcription may play instructive role in the positioning 

of sequences within CTs and their spatial overlap (Branco and Pombo, 2006). However, this effect may 
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depend on the genes in question, as other work has shown transcriptional activation can take place 

without gene relocation (Bickmore, 2013; Morey et al., 2007). Intermingling also correlates with 

translocation patterns between chromosomes in normal (Engreitz et al., 2012) and cancer cells (Branco 

and Pombo, 2006; Roix et al., 2003), indicating CT organization can have an impact on genome 

stability. Indeed, a recent study in D. melanogaster showed that the extent of chromosome intermingling 

(controlled by the levels of condensin II in this system) corresponded to the capacity to generate inter-

chromosomal translocations following DNA damage (Rosin et al., 2019). Thus, CTs are a structural 

rather than functional feature of genome organization but can impact the outcome of processes like 

recombination/repair. 

Compartments: I can do it on my own 

Compartments are already present at 1-cell stage zygotes on the paternal pronucleus (Flyamer et al., 

2017) and gradually emerge on the maternally-inherited chromatin, increasing in strength on both 

genomes until they equalize around the 8-cell stage (Gassler et al., 2017), after which they become 

similar to the ones in mESCs (Du et al., 2017; Ke et al., 2017). Then, with ESC differentiation, B 

compartments consolidate into larger domains (Dixon et al., 2015) and interact more strongly with each 

other (Bonev et al., 2017; Miura et al., 2019). This corresponds to the reduced dynamics (Meshorer et 

al., 2006), increased compaction (Ricci et al., 2015) and stronger repression (Wen et al., 2009) of 

chromatin and loss of ESC-characteristic ‘promiscuous transcription’ (Efroni et al., 2008) that 

accompany the exit from pluripotency (Lim and Meshorer, 2020; Schlesinger and Meshorer, 2019). In 

addition to changes in strength, ~36% genome shifts A-to-B/B-to-A compartment in a manner 

associated with decreased/increased expression of the contained genes, respectively (Dixon et al., 2015; 

Miura et al., 2019). While compartment switches can occur prior to transcription (Stadhouders et al., 

2018) or RT (Dileep et al., 2019; Miura et al., 2019) changes, they can themselves be preceded by gain 

or loss of histone PTMs (Stadhouders et al., 2018) or nuclear repositioning (Miura et al., 2019), making 

it difficult to assess the significance of the compartment shift. Furthermore, as the majority of imaging 

studies so far have investigated relocation with respect to nuclear landmarks or looping in and out of 

CTs, it is still difficult to compare results as it is unclear to what extent these events correspond to 

compartment switching. Thus, there are two distinct relationships to be considered: (i) compartments 

and genome function (transcription/replication) and (ii) compartment switching and nuclear 

repositioning.   

Are genome function (transcription and replication) and compartments interdependent?  

The establishment of compartments in the early mouse embryo takes place prior to zygotic genome 

activation (ZGA, Du et al., 2017; Flyamer et al., 2017; Gassler et al., 2017) and is not affected by 

transcriptional inhibition at this stage, although it may require going through replication (Ke et al., 

2017). Transcriptional inhibition in mESCs and more differentiated cells also does not disrupt 
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compartmentalization (Barutcu et al., 2019; Hsieh et al., 2020; Jiang et al., 2020; Xie et al., 

2022)implying expression is not required for A/B compartment establishment or maintenance. On the 

other hand, depletion of RIF1, a protein thought to be key in organising the RT programme (RIF1: 

Show them who’s boss?) results in changes in short/long-range contacts in mESCs (Foti et al., 2016) 

and leads to A/B switching and weaker A-A interactions (Klein et al., 2021), indicating that the 

coordination of replication may be important for genome organization. 

Considering the effect of compartmentalization on transcription, in 2- to 8-cell stage mouse embryos, 

compartments correlate worse with transcription than LADs, suggesting they are not important for 

transcription at least at this stage (Borsos et al., 2019). In mouse embryonic fibroblasts, pericentromeric 

heterochromatin repression by HP1a can occur without formation of physical domains (Erdel et al., 

2020). Conversely, tethering Suv39h1 to a lacO array results in deposition of H3K9me3 and switching 

to B compartment of the array and its flanking sequence but does not reduce expression of genes in the 

region that switches in mESCs (Wijchers et al., 2016). Finally, knock-down of all HP1 isoforms in 

transcriptionally silent D. melanogaster embryos strongly perturbs genome organization and B-B 

compartment strength but does not affect gene expression before or after ZGA (Zenk et al., 2021). Thus, 

the segregation of genome compartments is not required for normal transcription.  

Are nuclear repositioning and compartment switching corresponding events? 

Using early mouse embryogenesis as a model, Borsos et al. (2019) have shown that compartment and 

LAD establishment proceed at the same time, but between 2- and 8-cell stage, many LADs are not in B 

compartment, indicating a disconnect between repressive chromatin and peripheral positioning. During 

differentiation of mouse eye rod cells, and ‘inverted’ nuclear organization emerges, with 

heterochromatin clustered in the nuclear interior, flanked by euchromatin positioned near the nuclear 

lamina (Solovei et al., 2013, 2009). Polymer modelling based on Hi-C data from these cells indicates 

that B-B compartment interactions are what drives compartmentalization independently of contacts 

with the lamina (Falk et al., 2019). Indeed, reduction of lamin A/C in cardiac cells leads to stronger, 

rather than weaker compartment segregation and upon differentiation, these cells experience A/B 

compartment switches which do not necessarily become repositioned with respect to the periphery 

(Bertero et al., 2019).  

As we still do not understand the mechanisms that drive compartmentalization, it is difficult to disrupt 

it directly and investigate how that affects cellular processes. However, it has become clear that despite 

the general correlation with transcription, compartmentalisation is not driven by it and, conversely, 

weaker segregation of compartments and A/B switches do not necessarily result in changes in 

expression. Furthermore, despite the good correspondence between B compartments and LADs, 

association with the lamina is not required for B compartment segregation and A/B compartment 

switching does not necessarily correspond to relocation to the nuclear periphery. 
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TADs: ‘Lean on me’ 

When initially characterized, TADs were found to have conserved boundaries across many cell types 

(Bonev et al., 2017; Dixon et al., 2012, 2015; Rao et al., 2014) and to often contain clusters of co-

regulated genes (Shen et al., 2012; Symmons et al., 2014), hinting they may be stable regulatory units. 

This was further supported by observations that the majority of E-P contacts take place within TADs 

(Bonev et al., 2017; Dowen et al., 2014; Hsieh et al., 2020; Ji et al., 2016; Lupiáñez et al., 2015; 

Noordermeer et al., 2008; Ramírez et al., 2018) and that entire domains switch between A/B 

compartment in differentiation concordantly with changes in gene expression (Dixon et al., 2015, Bonev 

et al., 2017). However, as the understanding of what TADs are and how they are established has 

developed, the question now is how can they function as regulatory units if they do not have a stable 

structure? 

Elegant work from Zuin et al. (2022) has revealed that E-P contact frequency within a TAD translates 

non-linearly to transcriptional output, providing a potential explanation for why E-P proximity does not 

necessarily correlate with transcription in single cells (Looping: ‘Should I stay or should I go?’). It 

also showed that the presence of CTCF between the enhancer and promoter can strongly reduce 

expression without a major effect on E-P contact probabilities (at least within a TAD), suggesting 

CTCF-mediated insulation is not simply dependent on modulating physical interactions (Zuin et al., 

2022). In agreement with this, stripes on micro-C data evidence that loop extrusion by cohesin can 

bypass boundaries, generating inter-TAD contacts (Hsieh et al., 2020, Krietenstein et al., 2020). This 

has also been confirmed by super-resolution imaging in Luppino et al. (2020), which also demonstrate 

boundary-proximal genes are among the ones most strongly affected by cohesin loss due to reduction 

in transcriptional bursting. Thus, the accumulation of CTCF and cohesin at TAD boundaries may have 

a functional impact on gene expression beyond their role in genome organization. 

In development, TAD boundaries play a key role in preventing ectopic enhancer-promoter contacts at 

particular loci with precise developmental timing (Franke et al., 2016; Hnisz et al., 2016; Lupiáñez et 

al., 2015; Spielmann et al., 2018). Conversely, cancer cells exhibit disruption of CTCF association with 

the genome due to binding site methylation (Flavahan et al., 2016) or mutations (Katainen et al., 2015), 

mutations of CTCF itself (Debaugny and Skok, 2020), as well as structural variants (deletions, 

inversions, translocations) resulting in improper E-P communication and proto-oncogene activation 

(Beroukhim et al., 2017; Gröschel et al., 2014; Hnisz et al., 2016). In contrast, a study in D. 

melanogaster carrying highly re-arranged balancer chromosomes showed that the gross re-organization 

of short- and long-range E-P contacts did not predict the expression differences detected from the 

affected alleles (Ghavi-Helm et al., 2019). In agreement with this, in mammalian cells depletion of 

CTCF (Nora et al., 2017) or cohesin (Schwartzer et al., 2017; Wutz et al., 2017) does not result in global 

gene expression dysregulation, indicating this level of organization is not required to maintain 

transcriptional programmes. Conversely, the absence of cohesin impairs the activation of ~40% LPS-
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induced genes in macrophages (Cuartero et al., 2018). Thus, TADs may provide a dynamic scaffold 

required not for maintenance, but efficient induction of changes of the transcriptional state (Karpinska 

and Oudelaar, 2023). 

Activation of developmental genes could lead to the establishment of new TAD boundaries and 

increased transcription of boundary-proximal genes increases insulation (Bonev et al., 2017; 

Stadhouders et al., 2018), indicating transcription could play a role in TAD organization. These effects 

are suggested to be mediated by the binding of and/or progression of RNAPII, which can act as a moving 

barrier (Brandão et al., 2019; Valton et al., 2022; Zhang et al., 2023) and/or also push cohesin (Banigan 

et al., 2023; Busslinger et al., 2017; Davidson et al., 2016). However, ectopic induction of transcription 

alone is not sufficient to generate a TAD boundary, indicating there are other factors at play (Bonev et 

al., 2017). Indeed, in early mouse embryogenesis, TADs are not (Du et al., 2017; Flyamer et al., 2017; 

Ke et al., 2017) or barely (Collombet et al., 2020) detectable in zygotes and emerge gradually, while 

ZGA is a single event at the 2-cell stage, suggesting they are somewhat independent. Furthermore, 

TADs can partially consolidate even if ZGA is blocked, de-coupling them partially from transcription 

(Du et al., 2017; Ke et al., 2017).  

From the point of view of replication, TAD boundaries have also found to be enriched in early 

replication origins (Akerman et al., 2020; Giles et al., 2022; Petryk et al., 2016) whose extent of 3D 

connectivity has been shown to correlate with their efficiency (Jodkowska et al., 2022). TADs also show 

a good correspondence with replication domains (RDs): regions of the genome that replicate at the same 

time (Vouzas and Gilbert, 2021, Organization of RT). Some mechanistic understanding of these 

observations can be provided by investigations of the interplay between cohesin and the 

minichromosome maintenance (MCM) complex, part of the replicative helicase loaded at replication 

origins (The mechanics of DNA replication). About 10-100x more origins are licensed in G1 than the 

one that fire in S phase, when MCM is converted to its active helicase conformation (Hu and Stillman, 

2023). Dequeker et al. (2022) demonstrated that MCM can pause extrusion by cohesin by directly 

interacting with it in G1 HCT-116 cells and mouse oocytes. In the same human cell line, Emerson et al. 

(2022) showed that the presence of cohesin in G1 improves the precise position of early initiation zones 

(IZs, clusters of origins) at TAD boundaries, and that deletion or insertion of CTCF sites can lead to the 

disappearance or emergence, respectively, of an early IZ, accompanied by changes in insulation. Thus, 

they propose that cohesin can either reposition MCM complexes to TAD boundaries by pushing them 

when extruding, or that it could somehow promote the activation of origins specifically positioned there 

(Emerson et al., 2022). However, similar boundary deletion experiments in mESCs do not result in loss 

of early replication at these sites (Sima et al., 2019), and global CTCF (Sima et al., 2019) or cohesin 

(Cremer et al., 2020) depletions do not affect RT. Thus, the relationship between CTCF/cohesin-

mediated chromatin organization and replication may vary between species or cells of different 

potential.  
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Finally, TAD boundaries have also been found to restrict the spread of the signalling PTM gH2A.X in 

DNA double-strand break repair (Arnould et al., 2021). However, depletion of CTCF (Nora et al., 2017) 

or cohesin (Rao et al., 2017) does not result in PTM spreading, in line with the absence of gene 

expression changes. In HAP1 cell, WAPL KO led to a reduction of K9me3 at heterochromatin domains, 

potentially due to the accumulation of loops preventing phase separation and inhibiting spreading of 

the mark rather than a defect of TAD boundaries (Haarhuis et al., 2022).  

In light of the recent evidence demonstrating the transient and dynamic nature of TADs in mammals 

and the lack of strong impairment of transcriptional regulation upon global disruption of boundary 

insulation, the organization of the genome in TADs is not required for maintaining expression, 

replication or chromatin modification patterns. However, TADs may provide a flexible framework for 

gene induction upon stimuli and throughout development as an additional regulatory layer. 

Looping: ‘Should I stay or should I go?’ 

Cohesin-mediated loop extrusion and (temporary) blockade at CTCF sites have been suggested to 

promote more ‘reproducible’ contacts between distal elements in the genome (Mach et al., 2022), 

thereby limiting expression heterogeneity (Hafner et al., 2023). It has also been proposed to act as a 

mechanism to facilitate E-P searches, although how much CTCF and cohesin promote or antagonise 

contacts between regulatory elements or Polycomb targets is still an open question (Karpinska and 

Oudelaar, 2023, Loops and compartments: one of those things is not like the other). However, 

considering the lack of transcriptional dysregulation upon loss of CTCF or cohesin, this raises the 

question of whether E-P loops are necessary for transcriptional regulation. 

Several studies have demonstrated the importance of E-P proximity in driving expression in D. 

melanogaster (Chen et al., 2018) and mouse (Kragesteen et al., 2018) development. However, there is 

also evidence that (i) the presence of a loop does not indicate the gene is expressed (Ghavi-Helm et al., 

2014; Jin et al., 2013; Montavon et al., 2011; Paliou et al., 2019) and that (ii) promoters and enhancers 

can actually increase physical distance (Alexander et al., 2019; Benabdallah et al., 2019) and, 

counterintuitively, contact frequency (Gómez Acuña et al., 2023) upon induction of expression. This 

emphasizes the bias that may be introduced by the cross-linking step in C-based methods and cautions 

against direct translation of interaction frequencies into physical distances (Gómez Acuña et al., 2023). 

Long-range contacts can also be associated with silencing, as is the case with Polycomb bodies 

(Schuettengruber et al., 2017). In this setting, the physical interaction between target loci is functionally 

important for repression by PRC1 in D. melanogaster, although loop formation in this case is likely the 

consequence of PRC1 phase separation rather than extrusion by cohesin (Ogiyama et al., 2018). Recent 

work in mouse oocytes (Du et al., 2020) and early embryo (Collombet et al., 2020) has demonstrated 

the presence of H3K27me3-rich Polycomb-associating domains (PADs), which self-associate at short-

ranges (unlike typical Polycomb-mediated interactions, which can span Mbs). They become weaker 
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until becoming undetectable at ~8-cell stage, although their genes remain repressed (Collombet et al., 

2020). However, it is unclear whether this means their structure is not important or if its loss is 

compensated for by compartmentalization and LAD emergence at the same time (Du et al., 2017; 

Flyamer et al., 2017; Gassler et al., 2017; Ke et al., 2017). The loss of PRC2 in early oogenesis does 

not lead to loss of PADs in mature oocytes, where ~10-20% H3K27me3 levels are maintained in the 

same genome-wide pattern. Conversely, loss of PRC1 leads to de-repression of target genes and loss of 

long-range PAD interactions, as well as reduced insulation of their boundaries (Du et al., 2020). Thus, 

it remains unclear whether PRC1 binding or bridging of long-range contacts is important for silencing 

in this context. 

In conclusion, the process of loop extrusion can be a mechanism to bring together distal elements from 

the genome, facilitating searches between enhancers and target promoters and either promoting or 

opposing PRC1-mediated clustering. However, the functional importance of this remains an open 

question, and its answer may depend on the cellular and developmental context. 
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2. Chromatin replication: disrupting organization every doubling  

Every cell cycle, to ensure that the two daughter cells inherit equivalent genetic information, the genome 

has to be fully and accurately duplicated in S phase. The fidelity of DNA polymerases is key to faithfully 

copy the genomic sequence along with a proper replication machinery. However, the maintenance of 

distinct epigenomic states needed to preserve cell identity and its normal function during multiple 

division in a cell lineage requires other components.  

2.1. The mechanics of DNA replication  

DNA must be replicated once and only once per cell cycle. For this, DNA replication uses specific 

initiations sites in S phase, termed origins of replication (Attali et al., 2021; Costa and Diffley, 2022; 

Hu and Stillman, 2023). These sites are already occupied by the multi-subunit pre-replicative complex 

(pre-RC) assembled in late M/G1 but firing occurs later. In yeast both genetics (Hartwell, 1976; 

Hereford and Hartwell, 1974; Maine et al., 1984) and biochemical work (Bell and Stillman, 1992) 

advanced the field. In parallel, the biochemical power of extract derived from eggs of X. laevis (Harland 

and Laskey, 1980) provided a lot of important information. Together this allowed the identification of 

the key components (Hartwell, 1976; Hereford and Hartwell, 1974; Maine et al., 1984), mechanism 

(Bell and Stillman, 1992) and regulation (Harland and Laskey, 1980) of this process in eukaryotes. 

Homologous factors identified in mammals enabled to explore conservation of these processes (Vashee 

et al., 2001). However, despite the evolutionary conservation of the components of the initiation 

machinery, there are considerable differences in the mechanisms employed in S. cerevisiae compared 

to other complex eukaryotes. The most striking difference lies in how origins of replication are defined. 

Licensing: The first step of the initiation process is origin licensing (Fragkos et al., 2015, Figure 19A) 

in which the origin recognition complex 1 (ORC1) binds to all potential origins (RT establishment: 

definition and selection of origins of replication) at the M/G1 transition (Okuno, 2001). Then, the 

remaining subunits of the complex (ORC2-6, Kara et al., 2015) become associated, followed by cell 

division cycle 6 (CDC6) and CDC10-dependent transcript 1 (CDT1, Takisawa et al., 2000). This in turn 

allows the recruitment of the replicative helicase minichromosome maintenance (MCM2-7), loaded as 

a hexamer in an ‘open’ conformation that encircles the dsDNA (Evrin et al., 2009). Then, a series of 

ATP hydrolysis reactions and conformational changes lead to ejection of CDC6 and CDT1 while ORC 

remains bound. Structural studies with S. cerevisiae complexes could show how the entire process (from 

ORC1 binding or CDC6 recruitment onwards) is repeated, resulting in the formation of a head-to-head 

oriented MCM 2-7 double hexamer (DH). This is the final step of assembly of the pre-RC, comprising 

ORC and MCM2-7 DH (Attali et al., 2021; Costa and Diffley, 2022). Notably, this MCM2-7 double 

hexamer, while inactive as a helicase at this stage, diffuses along the DNA non-directionally in vitro 

(Evrin et al., 2009). In vivo molecular motors like RNAPII can push it without compromising its ability 

to promote initiation (Foss et al., 2019; Gros et al., 2015; Scherr et al., 2022). Cohesin potentially does 
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the same thing (Emerson et al., 2022). Thus, the final locations of replication initiation may not exactly 

correspond to the ones of pre-RC assembly. 

Figure 19. DNA replication 

initiation 

A. Origin licensing (pre-RC 

formation) is restricted to G1 

phase and comprises the 

sequential association of ORC, 

CDC6, CDT1 and MCM2-7 with 

origins of replication. The 

outcome of this process is the 

loading of MCM2-7 DH in large 

excess (x10-100), providing 

licensed origins capable of being 

activated in S phase. B., C. Origin 

firing comprises pre-IC 

conversion (B.) and initiation 

(C.). Firing can only take place 

upon entry into S phase, as it is 

dependent on the activity of S-

CDK and DDK, which 

phosphorylate several proteins, 

enabling pre-IC conversion, 

splitting of the MCM2-7 DH and 

assembly of two active CMG 

helicases. This is followed by the 

binding of other initiation factors 

(MCM10) and replisome 

components (PCNA, CTF4). C. 

Upon initiation, two active 

replisomes start progressing bi-

directionally from the origin. This 

inhibits the activation of nearby 

origins in a process termed 

negative interference (adapted 

from Fragkos et al., 2015). 



73 

 

Pre-initiation: After the G1/S transition, the conversion of the pre-RC into to a pre-initiation complex 

(pre-IC) is part of the origin firing process (Figure 19B). Phosphorylation of the helicase MCM2-7 DH 

and binding of other factors like Treslin/TICCR (Sld3 in yeast) and the leading strand polymerase Pol 

ε facilitate the recruitment of Cdc45 and go-ichi-ni-san (GINS) complex (Yeeles et al., 2015), 

respectively. This results in the separation of the MCM2-7 DH into individual hexamers, each 

participating in the formation of an S-phase helicase CDC45-MCM2-7-GINS (CMG) complex. The 

two CMG helicases, oriented tail-to-tail, unwind 6-7bp DNA concomitantly with their formation. The 

final step in origin firing requires the binding of MCM10 and ATP hydrolysis to complete CMG 

activation. This results in the displacement of one (the lagging) strand of DNA from the helicase channel 

(Costa and Diffley, 2022). Several additional factors are also recruited, among them replication protein 

A (RPA), which coats the lagging single stranded DNA (ssDNA) and replication factor C (RFC), which 

promotes the binding of proliferating cell nuclear antigen (PCNA) and CTF4 (chromosome 

transmission fidelity 4, also called AND-1 in human). This enables the formation of the replisome, the 

multi-subunit machine that ensures all aspects of DNA replication, where both proteins act as 

coordination hubs. While PCNA is important for the tethering and processivity of the leading and 

lagging strand polymerases on the DNA template, CTF4 orchestrates the activity of the priming 

polymerase Pol α on the two strands (Attali et al., 2021). 

Tight cell cycle control exerted over this process ensures that all DNA is replicated completely and 

exactly once. The key players in this regulation are the E3 ubiquiting ligase Anaphase-promoting 

complex/cyclosome (APC/C), cyclin-dependent kinases (CDKs) and Dbf4-dependent kinase (DDK). 

Their concerted action ensures the association of firing factors with the pre-RC only after the G1/S 

transition until the end of S phase and inhibits the licensing of new origins in S/G2, preventing re-

replication (Siddiqui et al., 2013). 

Replication initiation: In S-phase, the final step of this process is replication initiation (Figure 19C). It 

starts from the pre-IC, with the bi-directional progression of the two replisomes, forming two replication 

forks. At each fork, replication on both strands is initiated by the generation of a short RNA primer by 

Pol α and proceeds in 5’-3’ direction. This results in processive de novo DNA synthesis on the leading 

strand by Pol ε, and the discontinuous synthesis of Okazaki fragments on the lagging strand by Pol δ. 

The CMG helicase precedes both leading and lagging strand polymerases until replication of the region 

is completed (Burgers and Kunkel, 2017). As Cdc45 is present in limiting amounts and needs to be 

recycled to a different origin after replication termination, this can contribute to the spatiotemporal 

control of origin firing (Tanaka et al., 2011, The efficient bird gets the worm, RIF1: Show them 

who’s boss?).  



74 

 

2.2. Chromatin replication: maintain genome integrity and epigenetic 

states 

Cells replicate not only their DNA, but also duplicate their chromatin, and restoring features associated 

with the pre-existing chromatin state is important to maintain genomic and epigenomic integrity in a 

given cell lineage. This is accomplished by the concerted recycling of parental (old) histones and the 

deposition of de novo synthesised (new) histones (Ray-Gallet and Almouzni, 2021, Figure 20), 

supported by the peak of replicative histone expression in S phase to maintain nucleosome density. This 

enables the restoration of full nucleosome occupancy, protecting DNA from damage, but also results in 

a two-fold dilution of the parental histone variants and PTMs. Thus, the time of replication provides a 

challenge to the maintenance of the epigenomic state and a window of opportunity for cellular 

reprogramming (Stewart-Morgan et al., 2020). 

2.2.1. De novo histone deposition in S phase 

In vitro experiments indicated early on that H3-H4 dimers are assembled onto chromatin almost 

immediately after replication, followed by H2A-H2B (Almouzni et al., 1990; Worcel et al., 1978). 

Further work demonstrated that unlike new H3-H4, new H2A-H2B did not exhibit preferential 

association with replicated DNA (Jackson and Chalkley, 1981, 1981), reflecting their higher levels of 

replication-independent exchange (Jackson, 1990; Kimura and Cook, 2001). Thus, H3-H4 have been 

considered as the main carrier of epigenetic memory and most of the work discussed below will focus 

on them. 

Figure 20. Histone H3 dynamics at the replication fork 

Nucleosomes ahead of the replisome are disassembled due to a combination of torsional stress and the activity 

of histone chaperones like FACT. H2A-H2B dimers dissociate first, followed by the H3-H4 tetramer, which is 

recycled intact or after splitting into dimers randomly on the two strands. New H3-H4 dimers are deposited in 

a DSC manner to ensure a full complement of nucleosomes on nascent chromatin (adapted from Ray-Gallet and 

Almouzni, 2021). 
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Newly synthesized histones prior to incorporation show distinct PTMs compared to their incorporated 

forms. These PTMs have been involved in their processing, nuclear import and differential recognition 

by histone chaperones, directing their assembly pathway on chromatin (Annunziato, 2015; Burgess and 

Zhang, 2013, Histone post-translational modifications). Work in yeast (Ejlassi-Lassallette et al., 

2011) and human (Alvarez et al., 2011; Campos et al., 2010) has shown that new H4K5acK12ac 

modified by HAT1 promotes efficient nuclear import (Annunziato, 2012). Furthermore, HAT1-

mediated acetylation of both new H3 (K9, K18) and H4 is required for DSC incorporation and genome 

stability in mouse embryonic fibroblasts (Nagarajan et al., 2013). Following deposition on chromatin, 

H4 is deacetylated within 20-30min (Cousens and Alberts, 1982; Jackson et al., 1976; Ruiz-Carrillo et 

al., 1975). This is accompanied by a concomitant gain of monomethylation at H4K20 by PR-Set7 

(Scharf et al., 2009). Prior to this maturation, unmodified H4K20 is recognized by DNA repair factors 

like TONSL-MMS22L (Saredi et al., 2016) and BRCA1-BARD (Nakamura et al., 2019), but not 53BP1 

(Pellegrino et al., 2017). Thus, this distinct marking promotes repair by homologous recombination of 

post-replicative chromatin. PTMs on new histones may also have variant-specific effects: the 

enrichment of H3K9me1 on H3.1 (Loyola et al., 2006) compared to H3K14acK8ac on H3.3 (Alvarez 

et al., 2011) may bias the subsequent establishment of inactive (Loyola et al., 2009)/active chromatin, 

respectively. Finally,  Kang et al. (2011) have proposed that the non-nucleosomal H4S47phos mark 

promotes H3.3-H4 interactions with HIRA and prevents H3.1-H4 association with CAF-1 to regulate 

the assembly of particular chromatin states. 

DNA synthesis-coupled assembly is 

promoted by CAF-1 (Smith and Stillman, 

1989), which deposits the new replicative 

H3.1/2-H4 (Tagami et al., 2004, Figure 21). 

This coordination involves the direct 

interaction of the CAF-1 subunit p150 with 

the replisome component PCNA (Moggs et 

al., 2000; Shibahara and Stillman, 1999, 

CAF-1 complex). The capacity of p150 to 

dimerise has been proposed to promote 

H3.1-H4 tetramer formation on chromatin 

(Quivy, 2001) following the transfer of 

individual H3.1-H4 dimers from ASF1 to 

the p60 subunit (Abascal et al., 2013) in 

mammalian cells. In yeast, CAF-1 

preferentially interacts with new H3K56ac 

histones (Li et al., 2008), a mark that is rare 

Figure 21. De novo histone deposition at the replication 

fork 

Deposition of newly synthesized histones onto nascent 

DNA is mediated by the CAF-1 complex, which receives 

new H3.1-H4 dimers from ASF1. This process is coupled to 

fork progression through the interaction of CAF-1 with 

PCNA (adapted from Ray-Gallet and Almouzni, 2021). 
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(<1%) in mammals (Jasencakova et al., 2010; M. Xu et al., 2010). Thus, how CAF-1 in mammals may 

favour de novo synthesized rather than recycled histones handed from ASF1 remains unclear, although 

it may simply be mass action. Recent work has shown that CAF-1 recruitment to PCNA requires its 

interaction with DNA and histones in fission yeast (Ouasti et al., 2023) and metazoans (Rouillon et al., 

2023). Curiously, Rouillon et al. (2023) also show that CAF-1 and Polε compete for PCNA binding 

without impairing de novo DSC assembly. Thus they may bind one at a time enabling enough DNA to be 

synthsized before CAF-1 can deposit histones. 

In addition to replication-coupled, although largely underappreciated, DSI assembly of nucleosomes 

using newly synthesized H3.3-H4 mediated by HIRA also takes place in S phase (Gatto et al., 2022). 

In normal conditions, HIRA continuously targets H3.3 to its pre-existing sites of enrichment (Gatto et 

al., 2022). Additionally, HIRA may perform a ‘gap-filling’ function, depositing new H3.3 to maintain 

nucleosome density (Ray-Gallet et al., 2011). This may be important when CAF-1 can be limiting. 

2.2.2. Recycling of parental histones during replication 

As mentioned above, once incorporated into chromatin, histones rapidly lose the marks indicating they 

were newly synthesized. During this process of chromatin maturation, histones can also accumulate 

distinct sets of PTMs dependent on the region they are placed in. After eviction from chromatin, histones 

retain their PTMs, preserving a memory of the local epigenetic state and providing an opportunity to 

maintain it. In the context of replication, this can be accomplished if (i) old histones are recycled on 

both daughter strands and (ii) close to their original location, and (iii) PTMs can be used as a seed for 

read-write mechanisms, so they would be propagated on nearby de novo assembled nucleosomes 

(Escobar et al., 2021; Probst et al., 2009; Stewart-Morgan et al., 2020). 

Early in vitro experiments indicated that during replication, chromatin-bound histones are randomly 

recycled to the two daughter strands (Jackson and Chalkley, 1985; Russev and Hancock, 1982). During 

nucleosome assembly, H3-H4 tetramers contain either two new or recycled dimers but could ‘mix’ with 

newly synthesized H2A-H2B (Jackson, 1988; Yamasu and Senshu, 1990). Subsequent work confirmed 

this for H3.1-H4 tetramers but revealed that a small fraction ~10% H3.3-H4 split in a manner associated 

with replication over the course of one cell cycle (M. Xu et al., 2010). Overall, the passage of the fork 

leads to a two-fold dilution of histone variants and their PTMs, as confirmed by assessing their levels 

on nascent chromatin using stable isotope labelling in culture (SILAC, Alabert et al., 2015). 

More recently, two methods to genomically map histone deposition in a strand-specific manner have 

been developed: sister chromatids after replication by DNA sequencing (SCAR-seq) in mESCs (Petryk 

et al., 2018) and enrichment and sequencing of protein-associated nascent DNA (eSPAN) in yeast (Yu 

et al., 2018). Both rely on combining nascent DNA labelling and Ab pull-down of new/old PTMs 

(H4K5ac/H4K20me2, Petryk et al., 2018, H3K56ac/H3K4me3, Yu et al., 2018) followed by strand-

specific sequencing. Integrating the obtained histone segregation information with initiation zone 
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(Petryk et al., 2018) / origin (Yu et al., 2018) locations enabled genome-wide investigation of histone 

deposition with respect to the path of the replication fork. These studies confirmed that genome-wide, 

new and old histones are largely randomly and symmetrically deposited on the leading and lagging 

strand at the replication fork (Gan et al., 2018; Petryk et al., 2018; Yu et al., 2018).  

Whether recycling of parental histones is performed locally has important implications about the 

maintenance of distinct epigenetic states along the genome. Work in yeast using a tag-swapping strategy 

of H3 combined with ChIP-seq at different timepoints revealed the recycling of parental histones within 

400bp of their original location (Radman-Livaja et al., 2011). This was later corroborated by profiling 

strand-specific H3K4me3 occupancy (as a mark of parental histones) on nascent DNA genome-wide 

(Yu et al., 2018) and by biotinylating histones in a locus-specific manner pre-replication and tracking 

their fate (Schlissel and Rine, 2019). Local histone recycling has also been demonstrated by in vitro 

chromatin replication assays in X. laevis egg extracts (Gruszka et al., 2020; Madamba et al., 2017). 

Finally, the combination of the SNAP tag and a pulse-chase strategy to label parental H3.1/H3.3-SNAP 

in HeLa cells revealed their distribution with respect to nascent DNA by super-resolution imaging 

(Clément et al., 2018).  

To examine the local recycling in mammalian cells, Reverón-Gómez et al. (2018) developed chromatin 

occupancy after replication (ChOR-seq) by using a short EdU pulse to label newly synthesized DNA, 

followed by ChIP for the PTM of interest and the by pull-down of nascent DNA fragments associated 

with it. This approach showed that the levels of both active (H3K4me3) and repressive (H3K27me3) 

chromatin-associated PTMs undergo a two-fold dilution post-replication, while their occupancy profiles 

are maintained genome-wide in HeLa cells (Reverón-Gómez et al., 2018). In contrast, Escobar et al. 

(2019) engineered a mESC line which allowed them to specifically biotinylate H3.1/2 at target loci in 

G1 and follow their behaviour post-replication. This revealed ~2-fold dilution at repressed genes, 

compared to an almost 90% reduction in levels at active regions 12h post-release in S, even when 

transcription was inhibited (Escobar et al., 2019). This led the authors to conclude that H3.1/2 is 

faithfully recycled only at repressed, but not active domains, and explain the maintenance of active 

mark profiles observed by Reverón-Gómez et al. (2018) with rapid re-establishment due to 

transcriptional re-start rather than local recycling. However, Escobar et al. (2019) did not follow the 

fate of parental H3.3 which may be part of a large proportion of nucleosomes at active sites and may be 

continuously re-targeted there even in the absence of transcription (Gatto et al., 2022). Furthermore, the 

higher mobility of core histones in ESCs compared to differentiated cells (Meshorer et al., 2006), may 

also explain this discrepancy. Thus, whether distinct recycling strategies are employed depending on 

the chromatin domain or the time of its replication remains unclear. 

The first histone recycling factor identified, ASF1 (Figure 22), found in complex with an H3-H4 dimer, 

can form a bridge with the MCM2 subunit of the replicative helicase from both nuclear and cytosolic 

extracts (Groth et al., 2007). Notably, the chromatin-associated H3K9me3 and H4K16ac marks detected 
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on the H3-H4 handled by ASF1, indicated an interaction with parental histones. Disrupting the balance 

between histone supply and ASF1 levels (either by ASF1 knock-down or overexpression of H3.1 and 

H4) impaired DNA unwinding, highlighting the importance of coordination between DNA replication 

and histone dynamics at the fork (Groth et al., 2007). In agreement with these findings, Clément et al. 

(2018) later demonstrated that ASF1 depletion led to a reduced retention of parental histones at sites of 

DNA synthesis. Additionally, this led to recycling of parental H3.3 at a distance from the nascent DNA 

only in mid/late, but not early S phase, whereas the recycling of H3.1 was shifted distally in all cases 

(Clément et al., 2018). This implies that another chaperone contributes to the local recycling of H3.3 in 

early S.  Since more recent work from the team has shown the de novo deposition activity of HIRA in 

early-replicating regions (Gatto et al., 2022), it is tempting to speculate that HIRA represents a strong 

candidate for this faithful recycling. However, recycling of H3.3 in the context of transcription requires 

interaction with ASF1 (Torné et al., 2020), and it is unclear how and if this may be equally required at 

the replication fork. 

Importantly, the seminal work by Groth et al. (2007) also suggested that parental H3-H4 tetramers must 

be split transiently during recycling, in agreement with earlier studies showing mammalian ASF1 

binding to H3-H4 dimers is mutually exclusive with tetramer formation (English et al., 2006; Mousson 

et al., 2005; Natsume et al., 2007). This presented a challenge to the idea that parental H3-H4 are re-

incorporated without splitting, which remains unclear although potential mechanisms to avoid mixing 

of old and new dimers have been proposed (Clément and Almouzni, 2015). Further insights were 

brought by structural work characterising the complexes of ASF1 and MCM2 with histones (Huang et 

al., 2015; Richet et al., 2015). This revealed that MCM2 can bind an H3-H4 tetramer by disrupting its 

Figure 22. Histone recycling at the 

replication fork  

Parental H3-H4 histones displaced from 

nucleosomes ahead of the replication fork 

are efficiently and largely symmetrically 

recycled onto nascent DNA on the leading 

and lagging strands through several 

replisome components. Leading strand 

recycling is mediated by the POLE3-4 

subunits of the leading strand Pol ε. On the 

lagging strand MCM2 and Pol α, 

coordinated through CTF4, ensure 

reincorporation of old histones, potentially 

supported by the interaction of MCM2 with 

ASF1 (adapted from Ray-Gallet and 

Almouzni, 2021). 
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contacts with DNA and H2A-H2B, potentially facilitating nucleosome disassembly ahead of the fork 

(Huang et al., 2015; Richet et al., 2015). This may also be enabled by interaction with the general 

chaperone FACT, which associates with chromatin-bound MCM2-7 and promotes DNA unwinding at 

initiation in human cells (Tan et al., 2006). 

Notably, Huang et al. (2015) also showed that full-length MCM2 exhibits chaperone activity in vitro, 

in agreement with previous work (Ishimi et al., 2001), indicating a potential pathway for recycling of 

intact tetramers. Addition of ASF1 to the MCM2-tetramer complex destabilises the H3-H4 dimer-dimer 

interactions, resulting in a heterotetrameric complex of MCM2-H3-H4-ASF1 at 1:1:1:1 stoichiometry 

(Huang et al., 2015; Richet et al., 2015), consistent with the data from Groth et al. (2007). MCM2, likely 

in its soluble form, can also chaperone new dimers together with ASF1, contributing to histone supply 

maintenance, but as Huang et al. (2015) showed it is not required for CAF-1-mediated de novo 

nucleosome assembly. Finally, Huang et al. (2015) demonstrated that MCM2 can bind all H3 variants, 

including replicative H3.1/2, non-replicative H3.3 (corroborated by Xu et al., 2022) and the centromeric 

CENP-A, together with its dedicated chaperone HJURP (corroborated by Zasadzińska et al., 2018). 

Thus, the chromatin-associated MCM2-(H3-H4)2 complex provides a mechanism to couple histone 

recycling to replication progression genome-wide, whereas the soluble MCM2-H3-H4-ASF1 complex 

may contribute to both recycling of old dimers and buffering the storage of old and new histones. 

Subsequent functional studies interrogated whether MCM2 fulfils its chaperone function on both DNA 

strands using SCAR-seq (Petryk et al., 2018) and eSPAN (Gan et al., 2018; Li et al., 2020) in cells 

encoding an MCM2 histone binding mutant. This work revealed that MCM2 favours recycling of 

parental histones on the lagging strand (Petryk et al., 2018), in a complex with Ctf4 and Polα (Gan et 

al., 2018; Li et al., 2020). Notably, Polα can also bind H2A-H2B dimers (Evrin et al., 2018) and recycle 

parental H2A-H2B on the lagging strand (Flury et al., 2023). Around the same time, Bellelli et al. 

(2018a) discovered two subunits of the leading strand Polε, POLE3-4 can handle H3-H4 tetramers in 

human cells, while Yu et al. (2018) used eSPAN in POLE3-4 mutant yeast cells to demonstrate that they 

help recycling parental H3-H4 on the leading strand. Work in yeast has also documented a role for RPA 

(Liu et al., 2017) and FACT (P. Wang et al., 2021) in parental histone recycling, although such 

observations have not been made yet in mammalian cells.  

Thus, the local and symmetric re-incorporation of parental histones is coupled to fork passage through 

the interaction of histone chaperones (ASF1, FACT) with the replicative helicase subunit MCM2, and 

the chaperone activities of key replisome components.  

2.2.3. Re-establishment of the chromatin landscape 

Following replication, restoration of the nascent chromatin landscape to re-establish its pre-replication 

state before the next S phase is needed to maintain epigenetic information throughout cell generations. 
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This re-establishment involves several aspects, including the re-association of chromatin-bound 

proteins, restoration of nucleosome positioning, variant occupancy and PTM levels. 

Work in yeast (Gutiérrez et al., 2019; Vasseur et al., 2016) and D. melanogaster (Ramachandran and 

Henikoff, 2016) demonstrated that nucleosomes are deposited over NDRs, promoters and enhancers 

post-replication and ordered nucleosome arrays within gene bodies are lost. The restoration of these 

features correlated with RNAPII and chromatin remodeller binding and exhibited locus-specific 

dynamics (Gutiérrez et al., 2019; Ramachandran and Henikoff, 2016). For example, recovery of cell 

type-specific enhancers was barely evident 1h post-replication, unlike general enhancers and promoters 

where it was readily detectable, but incomplete (Ramachandran and Henikoff, 2016), supporting the 

idea that replication provides an opportunity to re-wire the epigenetic state. Notably, hir1 (yeast HIRA 

orthologue) but not the remodellers CHD1 or ISWI1a is required during chromatin maturation to 

increase nucleosome packing (Vasseur et al., 2016), which may rely on its capacity to deposit H3 in a 

DSI manner.  

Stewart-Morgan et al. (2019) investigated this question in mESCs using repli-ATAC-seq, which allowed 

them to profile nascent (10min EdU pluse) or mature chromatin accessibility and follow maturation 

dynamics. They demonstrated that recovery of chromatin accessibility is concomitant with 

transcriptional restart and detected faster a recovery of super- and house-keeping gene enhancers 

compared to ones specific for mESCs (Stewart-Morgan et al., 2019), in agreement with Ramachandran 

and Henikoff (2016). Furthermore, inhibition of transcription initiation and elongation confirmed that 

RNAPII binding alone can promote chromatin maturation, but elongation is required for complete re-

establishment of the pre-replicative state (Stewart-Morgan et al., 2019). Quantitative proteomics of 

factors associated with nascent and maturing chromatin over the cell cycle revealed that 50% proteins 

re-bind chromatin within 15min post-replication, while 15% are incompletely restored until the 

following G1 (Alvarez et al., 2023). Strikingly, restoration of protein binding at heterochromatin 

proceeded faster than euchromatin, likely driven by efficient read-write repressive mechanisms 

(Alvarez et al., 2023), consistent with the faster heterochromatin maturation observed in yeast 

(Gutiérrez et al., 2019). 

Among proteins with delayed re-association with chromatin, Alvarez et al. (2023) identified some 

histone variants and modifiers, reflecting earlier studies that demonstrated that the kinetics of PTM 

recovery after 2-fold dilution following replication vary between marks (Alabert et al., 2015; Barth and 

Imhof, 2010; Scharf et al., 2009; Xu et al., 2012). More specifically, H3.3 and H2A.X, but not H2A.Z 

are similarly enriched on nascent and total chromatin, likely reflecting not only efficient recycling, but 

also de novo deposition (Alabert et al., 2015). This is in line with the HIRA-mediated de novo H3.3 

incorporation in S phase that we detected (Gatto et al., 2022). Furthermore, Alabert et al. (2015) show 

that most methylation marks examined (including mono- and di-methylation on H3 K9, K27, K36, K79 

and H4K20) are restored within 2-24h, mainly through modification of new histones. In contrast, tri-
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methylation of H3 K9 and K27 on new histones alone is not sufficient to reach mature chromatin levels 

within 24h and the two residues are also modified on recycled old histones (Alabert et al., 2015).  

The different kinetics of PTM restoration post-replication likely reflect the distinct modes for imposing 

or removing these marks, their genomic distribution, and the processes they are associated with. Bona 

fide repressive PTMs like H3K9me3 and H3K27me3, usually distributed in broad domains with low 

nucleosome turnover, are thus maintained thanks to their read-write mechanisms. In contrast, 

modifications linked to transcription like H3K4me3 and H3K36me3, which mark smaller, more 

dynamic regions, are continuously replenished due to the presence of TFs or RNAPII, respectively 

(Escobar et al., 2021). Indeed, Reverón-Gómez et al. (2018) show H3K4me3 is restored to mature 

chromatin levels at 50% sites within 1hr post-replication, with the remaining sites recovering within 

6hrs, whereby restoration rate is linked to transcriptional activity. This is in line with the rapid turnover 

of this mark, recently described by (Wang et al., 2023). Conversely, only ~20% H3K27me3 domains 

were recovered 10hr post-replication, and these included domains with the highest enrichment of the 

mark and its writer, EZH2 (Reverón-Gómez et al., 2018). The reestablishment of H3K9me3 and 

H3K27me3 domains can also be aided by additional features recruiting their writers. The de novo 

assembly complex CAF-1 interacts with the H3K9me3 reader HP1a (Quivy et al., 2004) and the 

methyltransferase SetDB1 to provide H3K9me1 as substrate for Suv39h1 during replication of 

pericentric heterochromatin in mouse (Loyola et al., 2009). With regards to H3K27me3, recent work 

demonstrated that H2A-H2B dimers are locally recycled and provide short-term memory of Polycomb-

mediated repression, as PRC2 recognises H2AK119ub (Flury et al., 2023). 

In summary, different aspects of chromatin maturation after replication can take from minutes (TF 

binding, H4K5K12diac removal) up to several hours (H3K4me3, H4K20me2 recovery) and even until 

the subsequent S phase (H3K9me3, H3K27me3 restoration). The dynamics of this process depend on 

the genomic context and on the chromatin feature in question. Curiously, binding of chromatin-

associated proteins is restored first in inactive regions, despite their slow rate of PTM re-establishment. 

Thus, replication causes a major disruption to the epigenetic landscape which may provide an 

opportunity for cell reprogramming, but also result in aberrant phenotypes if the mechanisms involved 

in histone deposition, recycling or modification fail. 

2.2.4 Importance of maintenance of the histone landscape for genome and epigenome 

integrity 

Genome integrity is dependent on efficient de novo deposition and recycling of histones. POLE4 

deficiency is embryonic lethal in mice, leads to increased replication stress and dormant origin firing 

and promotes tumorigenesis (Bellelli et al., 2018b). Conversely, in the absence of adequate new histone 

supply for de novo nucleosome assembly due to down-regulation of CAF-1 (Hoek and Stillman, 2003; 

Ye et al., 2003), ASF1 (Groth et al., 2007, 2005) or histones (Mejlvang et al., 2014; Nelson et al., 2002) 
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replication forks slow down, DNA damage checkpoints are activated, and S phase progression is 

impaired. Furthermore, POLE3 or POLE4 deletion and MCM2 histone binding mutants in mESCs lead 

to increased mitotic defects, with double mutants (POLE3/4 deletion/MCM2 mutants) resulting in 

exacerbated phenotypes (Xu et al., 2022). 

Restoring nucleosome density post-replication is critical for the maintenance of cell state, as evidenced 

by the enhanced reprogramming upon CAF-1 depletion in mESCs (Ishiuchi et al., 2015), mouse 

embryonic fibroblasts (Cheloufi et al., 2015) and myeloid progenitors (Franklin et al., 2022). This may 

rely on the interaction of CAF-1 with HP1a/SetDB1 (Loyola et al., 2009; Quivy et al., 2004) or EZH2 

(Cheng et al., 2019) to promote heterochromatin establishment and maintenance. However, in S. pombe 

CAF-1 promotes repression independently of such mechanisms (Chen et al., 2023), indicating that 

nucleosomal occupancy alone can also contribute to preserve cell state. Indeed, reducing replication 

fork speed by HU treatment, limiting the dNTP pool, or USP7 knock-down in mESCs promotes 2CLC 

emergence, which may be a consequence of changes in the dynamics of nucleosome assembly or 

chromatin maturation (Nakatani et al., 2022). The positioning of nucleosomes may also be important, 

as Alvarez et al. (2023) detected increased enrichment of chromatin remodellers and a subset of TFs on 

nascent compared to mature chromatin, supporting the idea that replication can facilitate changes in cell 

state. 

Ensuring symmetric local recycling is also required to maintain the epigenetic landscape. Deletion of 

POLE3-4 in yeast results in impaired heterochromatin silencing without affecting overall nucleosome 

occupancy (He et al., 2017; Iida and Araki, 2004; Yu et al., 2018). Polα (Evrin et al., 2018, Gan et al., 

2018) and MCM2 (Foltman et al., 2013; Gan et al., 2018; Saxton and Rine, 2019) histone binding 

mutants alone or in combination (Li et al., 2020) give similar aberrations. Conversely, MCM2 mutants 

lacking POLE3/4 displayed even stronger heterochromatin re-activation, though curiously not in a 

manner correlated with the number of nucleosomes inherited (Saxton and Rine, 2019). In mESCs, Polα 

and MCM2 histone binding mutants lead to de-repression of repetitive elements due to local reduction 

of H3K9me3 (Li et al., 2020). Furthermore, Polα is required to recover H3K27me3 post-replication due 

to its H2A-H2B recycling activity (Flury et al., 2023). Finally, ASF1 depletion in human cells resulted 

in nuclear re-distribution of both H3K9me3 and H3K27me3, whereby their enrichment at the nuclear 

and nucleolar periphery was lost (Clément et al., 2018). Thus, safeguarding the stability of repressive 

domains and promoting the maintenance of established transcriptional programmes is mediated by 

replication-coupled de novo histone deposition and faithful recycling of parental histones. This 

generates a nascent chromatin environment which allows the reestablishment of the histone variant and 

PTM landscape through the reassociation of TFs, RNAPII and the action of PTM read-write 

mechanisms. 

There are some notable exceptions to symmetric histone recycling, which have been linked to 

asymmetric cell division producing two daughter cells with different potential (Urban et al., 2022). The 
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first evidence was observed in male D. melanogaster germ stem cells, where upon asymmetric division, 

parental histones are preferentially retained in the stem daughter, whereas new histones are inherited by 

the differentiating gonidoblast (Tran et al., 2012). Notably, only replicative H3.1-H4, but not H3.3-H4 

(Tran et al., 2012), H2A-H2B or H1 (Wooten et al., 2019) demonstrated asymmetric inheritance 

patterns, potentially reflecting the different dynamics of the histones. However, no H2A asymmetry was 

detected on nascent DNA from the sister chromatids, while old H3-H4 were enriched on the leading 

strand (Wooten et al., 2019), arguing that the difference between H2A-H2B and H3-H4 is not due to 

different dynamics post-replication. This would be in line with the fact that recycling of both H3-H4 

(Gan et al., 2018) and H2A-H2B (Flury et al., 2023) on the lagging strand is executed by Polα, whereas 

POLE3-4 deposits specifically parental H3-H4 on the leading strand (Bellelli et al., 2018a, Yu et al., 

2018).  

Strand bias alone cannot ensure asymmetric histone inheritance as forks proceed from origins 

bidirectionally, but Wooten et al. (2019) showed that unidirectional fork progression was ~3-fold (from 

17% to 42%) increased in germline stem cells compared to symmetrically dividing cells. To understand 

the different behaviour of H3 and H3.3, Chandrasekhara et al. (2023) swapped their unique residue at 

position 31, which does not impact chaperone recognition, but has important function on chromatin in 

development (Sitbon et al., 2020), induction of gene expression (Martire et al., 2019) and mitosis 

(Hinchcliffe et al., 2016). H3A31S mutation disrupted the asymmetric H3 inheritance and become more 

enriched at promoters, whereas H3.3S31A resulted in increased turnover of parental histones and was 

more often found at repressed regions. Notably, the two mutations had opposing phenotypes, with 

H3A31S leading to expansion of the stem cell population and H3.3S31A decreasing it (Chandrasekhara 

et al., 2023).  

Furthermore, Kahney et al. (2021) documented asymmetric histone inheritance in female D. 

melanogaster germ cell divisions only at differentiation and stemness-related genes and for both H3.1 

and H3.3. Asymmetric inheritance of the centromeric H3 variant detected in D. melanogaster intestinal 

stem cells showed that parental CENP-A together with the inner kinetochore protein CENP-C 

segregated into the stem progeny (García Del Arco et al., 2018). Finally, Zion et al., (2020) showed that 

new and parental H3-H4 distributed asymmetrically between daughter cells of asymmetrically dividing 

intestinal stem cells, and mutations (H3T3A) disrupting this distribution could lead to uncontrolled 

proliferation. 

In mESCs, asymmetric division of single cells prompted by culture on Wnt3a-coated beads showed that 

parental H3.1-H4, but not H3.3-H4 or H2A-H2B are preferentially recycled on the leading strand (Ma 

et al., 2020), in agreement with the findings in D. melanogaster discussed above. However, during 

asymmetric division of mouse muscle stem cells no such bias of H3.1 or H3.3 inheritance occurred 

(Evano et al., 2020). Thus, asymmetric inheritance of a variant in certain contexts proved critical for 

normal development and differentiation, yet how this is established remains unclear. 
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2.3. Spatiotemporal organization of replication: replication timing (RT) 

programme 

Due to the size of mammalian genomes, with an average fork speed of ~2kb/min (Conti et al., 2007), it 

would take ~3 years for the haploid human genome (~3100Mb) to replicate with a single origin. Instead, 

the normal S phase duration is about ~6-8 hours (Ciemerych and Sicinski, 2005). This is consistent with 

replication initiation using many origins (Cairns, 1966; Huberman and Riggs, 1968) in a specific 

spatiotemporal order. This is termed the replication timing (RT) programme and it is set in early G1 at 

the timing decision point (TDP) coincident with the re-establishment of nuclear organization (Dimitrova 

and Gilbert, 1999). Notably, this takes place after MCM loading, but prior to the origin decision point 

(ODP), when specific initiation sites in early or late-replicating regions are selected to be used as active 

origins (Wu and Gilbert, 1996). The establishment, regulation and functional role of RT are far from 

well understood and many open questions remain. Below, I will focus on three of them: (i) how is the 

RT programme established, (ii) how is it organized with respect to other genome functions and (iii) is 

it functionally linked to them? 

2.3.1. RT establishment: definition and selection of origins of replication 

As described above, the initiation of DNA replication begins at origins of replication, but this does not 

happen simultaneously at all licensed origins at the entry into S phase. Furthermore, it does not occur 

at all licensed origins. Indeed they are assembled in large excess and only a small fraction (1-10%) of 

them fire in any one cell in a given S phase, while the rest remain dormant (Cayrou et al., 2011; 

Friedman et al., 1997; Taylor, 1977). Furthermore, firing patterns are not random: individual sites (in 

budding yeast, Czajkowsky et al., 2008) or initiation zones comprising several origins (in metazoans, 

Besnard et al., 2012; Cayrou et al., 2011; Dellino et al., 2013; Petryk et al., 2016; W. Wang et al., 2021) 

have a characteristic probability to be used across a cell population. This feature is termed firing 

efficiency and correlates with the timing of replication initiation in S, which has given rise to the idea 

that genome-wide RT patterns can be explained by a stochastic model of origin firing (Rhind, 2006; 

Rhind et al., 2010). This model posits that each initiation site/zone has an intrinsic probability to fire 

which determines its RT. The more efficient a region is, the more likely it will fire in early S phase 

(Vousaz and Gilbert, 2021). 

Thus, two questions have dominated in the field: how are only a fraction of origins selected to initiate 

and how is the timing of origin firing controlled? To answer them, the first thing to determine is how 

origins are defined and distributed along the genome. 

In the beginning, there was sequence 

In budding yeast, specific regions termed autonomous replication sequences (ARSs) were identified as 

origins of replication when inserted into plasmids (Stinchcomb et al., 1979) and in chromosomes 
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(Brewer and Fangman, 1987; Huberman et al., 1987). ARSs comprise a repeated 11-nt core sequence 

(ACS, Palzkill and Newlon, 1988), part of an A element, and three B elements (Marahrens and Stillman, 

1992), which are recognised by ORC (Bell and Stillman, 1992). This is mediated by a loop in Orc2 and 

a helix in Orc4 (Li et al., 2018; Yuan et al., 2017). In many other eukaryotes, including in human the 

absence of such elements explains the lack of sequence-defined origins (Schaarschmidt et al., 2004; 

Vashee et al., 2003). 

In metazoans, the two main types of approaches used to define origins relied on mapping pre-RC 

components or nascent DNA, both of which have distinct caveats (Table 4). The potential of the pre-

RC to move from its assembly location (The mechanics of DNA replication, Emerson et al., 2022; 

Table 4. Methods for mapping origins of replication 

Method Description Data Ref 

2D gel assays and 

fork direction 

analysis 

uses distinct gel migration patterns to 

characterize replication intermediates and detect 

origin firing efficiency 

population-

based data 

Brewer and Fangman, 

1987, Huberman et al., 

1987 

ChIP-seq 
identify locations of ORC and MCM binding 

sites to predict the location of replication origins 

Lucas and Raghuraman, 

2003, MacAlpine et al., 

2004, 2010, Belsky et al., 

2015, Long et al., 2020 

Initiation site  

(ini-seq) 

label nascent DNA with DNA analogs and either 

immuno-precipitate the labeled nascent DNA or 

separate the labeled nascent DNA from 

unreplicated DNA using density difference 

Langley et al., 2016, 

Guilbaud et al., 2022 

Okazaki fragment 

(OK-seq) 

isolate and sequence Okazaki fragments to map 

replication fork direction in asynchronous 

population of cells 

Petryk et al., 2016 

short nascent 

strand  

(SNS-seq) 

identify nascent RNA-primed DNA synthesized 

at origins by the primase DNA polymerase a (Pol 

α) 

Cadoret et al., 2008, 

Cayrou et al., 2011, 

Besnard et al., 2012, 

Picard et al., 2014 

Repli-seq 

label nascent DNA with BrdU; look for the 

enrichment of BrdU-immunoprecipitated DNA in 

late S cells compared with early S cells 

Zhao et al., 2020 

scRepli-seq 
uses a commercial whole genome amplification 

kit (SeqPlex,Sigma) to prepare libraries 

single-cell 

data 

Miura et al., 2019, 

Takahashi et al., 2019 

DNA combing 

fluorescently label nascent DNA; DNA 

molecules stretched and aligned along a slide and 

visualized by fluorescence microscopy  

single-

molecule 

data from 

population 

of cells 

Bensimon et al., 1994, 

Michalet et al., 1997, 

Pasero et al., 2002 

ORM (optical 

replication 

mapping) 

fluorescent nucleotide analog pulse-labeled 

nascent DNA in combination with the optical 

mapping method (Bionano Genomics) to map 

long individual DNA molecules 

W. Wang et al., 2021 

Adapted from Hu and Stillman, 2023. 
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Scherr et al., 2022) means that its occupancy may not be an accurate reflection of origin positions. 

Furthermore, there are technical challenges in generating antibodies appropriate for pull-down 

experiments, so these methods have not been so widely used. Alternatively, techniques based on 

detection of replication forks or nascent DNA are only able to identify active origins, which are only a 

small fraction of all licensed sites. Furthermore, most of these approaches are applied on bulk cell 

populations, which further biases the mapping towards more efficient, early origins, as they will be used 

in a larger proportion of cells. Thus, it has been challenging to disentangle what is important for origin 

definition and firing in metazoans (Hu and Stillman, 2023). 

Strength in numbers 

Early studies in mammalian cells could identify either distinct active origin sites (0.5-2kb in size) or 

initiation zones (IZs) tens of kbs in length, based on nascent DNA strands (NS) or replication bubble 

analysis, respectively (DePamphilis, 1999). Higher resolution genome-wide NS studies resolved this 

discrepancy, showing that individual active origins tend to be clustered in IZs (Besnard et al., 2012; 

Cadoret et al., 2008; Cayrou et al., 2011). Recent mapping of early initiation events in an in vitro 

reconstituted system (ini-seq2) has indicated the organization of origins in ‘ini domains’ (median size 

205kb) may be hierarchical, with origins near the borders showing higher efficiency (Guilbaud et al., 

2022). Origin clustering was also detected in IZs of 20-40kb in size identified by Okazaki fragment 

sequencing (OK-seq, Petryk et al., 2016, Figure 23). IZs of similar length are also observed by optical 

replication mapping (ORM, W. Wang et al., 2021). ORM is a single-molecule approach, which reveals 

that several origins can be fired in one IZ at a time if spaced >15kb apart (W. Wang et al., 2021), an 

estimate somewhat lower than previous work (>30kb, Lebofsky et al., 2006). This is due to a 

phenomenon termed origin interference, whereby the presence of two origins too close to one another 

results in the firing of only one of them and the passive replication of the other (Brewer and Fangman, 

1993). Finally, thanks to the increased throughput of their fibre analysis, W. Wang et al. (2021) show 

that initiation in neighbouring early IZs (median distance of 168kb) is independent, unlike previous 

work which had suggested nearby IZs fire synchronously (Marheineke and Hyrien, 2004). 

With respect to genome features and function, Cadoret et al. (2008) showed active origins were enriched 

in DHSs and active PTMs (H3K4me, H3ac, H4ac) and overlapped CpG islands (CGIs), promoters, 

regulatory elements, and binding sites of potent transcriptional activators, in agreement with previous 

work (Beall et al., 2002; Bosco et al., 2001). Subsequent studies reinforced the colocalization of origins 

with open chromatin (MacAlpine et al., 2010), promoters (Dellino et al., 2013) and CGIs (Cayrou et 

al., 2012, 2011, independently of promoters). Despite the link with transcriptional activity, origins could 

also be found in inactive chromatin, associated with HP1a (MacAlpine et al., 2010). Cadoret et al. 

(2008) also showed increased clustering of origins with higher GC content, in line with the occurrence 

of origins at CGIs and/or promoters. Dellino et al. (2013) demonstrated that ORC1-bound sites are 

enriched in open chromatin, with detectable RNA produced from 82% of them in HeLa cells. Higher 
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transcription correlated with earlier replication timing, although ~50% origins that replicated in early S 

had no or low expression. Thus, the authors suggest this may reflect their passive replication in early S 

instead of being fired (Dellino et al., 2013). This was in agreement with pioneering work in D. 

melanogaster showing ORC1 binding partially overlaps RNAPII binding sites, whereas transcriptional 

activity and early replication correlated at the scale of broad domains (MacAlpine et al., 2004). A 

subsequent study profiled the organization of active origins with respect to chromatin features in mESC 

(Cayrou et al., 2015). This demonstrated that early firing is associated with both active enhancer and 

promoter marks, but also bivalent chromatin (H3K4me3/H3K27me3, Cayrou et al., 2015). These data 

suggest that efficient firing/early replication is not necessarily dependent on expression but is more 

likely affected by the chromatin state (Masai et al., 2010). Indeed, the conflict between transcription 

and pre-RC assembly (Martin et al., 2011; Nieduszynski, 2005) may explain why highly efficient 

origins are found at TSSs, whereas origins at the end of transcriptional units are less efficient (Donato 

et al., 2006).  

How to define an origin? 

Characterization of origin sequences of animal viruses (DePamphillis, 1999) and individual metazoan 

genes (Altman and Fanning, 2004; Paixão et al., 2004; Wang et al., 2004) shows that they contain 

distinct DNA features like DNA-unwinding elements (DUEs), AT-rich tracks, matrix attachment 

regions (MARs, Debatisse et al., 2004; DePamphilis, 1999) or negative supercoiling (Remus et al., 

2004), suggesting that origin definition in metazoans may partially rely on sequence or DNA properties.  

Figure 23. Organisation of origins of replication  

Schematic representation of the genomic architecture of replication origins in metazoans and the 

correspondence with other features (genes, chromatin accessibility, RT). Origins are clustered in initiation 

zones (IZs, 20-40kb) with more efficient origins found at their borders. They are found in regions of 

accessible chromatin and upstream of active TSSs, minimising the chance of transcription-replication 

conflicts. In S phase, one of the origins within an IZ fires stochastically, which results in passive replication 

of the rest. The more efficient an origin is, the earlier in S it fires. Thus, the clustering of efficient origins 

results in consistent early firing IZs, whereas less efficient origins dispersed along the genome tend to 

replicate late (adapted from Guilbaud et al., 2022). 
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Genome-wide short NS (SNS) analysis has demonstrated the colocalization of mouse and D. 

melanogaster origins with CpG islands (CGIs), with a particular organization: origins overlap AT-rich 

sequences that flank GC-rich regions, termed G-rich repeated elements (OGREs, Cayrou et al., 2011, 

2012). OGREs were predicted to be either nucleosome-occupied (Cayrou et al., 2012) or to form G-

quadruplexes (G4, Cayrou et al., 2011; Prorok et al., 2019), which are 4-stranded loops of ssDNA that 

may favour protein binding or DNA unwinding (Huppert and Balasubramanian, 2005). In human cells, 

the same approach revealed only partial overlap between origins and CGIs (Besnard et al., 2012; 

Cadoret et al., 2008) but showed an enrichment of G4 motifs at origins (Besnard et al., 2012), or up to 

1.5kb upstream (Akerman et al., 2020). In avian DT40 cells, deletion of G4 motifs from endogenous 

origins ablates initiation, whereas their inversion affects origin position in concert with other cis-acting 

elements (Valton et al., 2014). In mESCs, deletion of G4/OGRE also prevents origin firing, whereas 

insertion of such elements or their stabilization leads to new initiation events (Prorok et al., 2019) 240bp 

away from the motif (as described in Cayrou et al., 2012). However, there is not a 1:1 correspondence 

between OGRE/G4 motifs and origins, indicating that factors beyond DNA sequence also contribute to 

origin determination (Cayrou et al., 2011, 2012).  

Mapping components of ORC has shown it binds DNase I-sensitive chromatin decorated with active 

PTMs and/or H3.3 (MacAlpine et al., 2010) in a sequence-independent manner in D. melanogaster 

(Eaton et al., 2011) and human cells (Dellino et al., 2013; Miotto et al., 2016). This is in agreement with 

yeast studies, which have shown ARSs are nucleosome-depleted (Lipford and Bell, 2001; Nieduszynski 

et al., 2006) but flanked by ordered nucleosome arrays (Berbenetz et al., 2010; Eaton et al., 2010). The 

establishment of these arrays may rely on intrinsic ORC remodelling activity (Sai Li et al., 2022) or 

interaction with remodellers, and be important for origin function (Chacin et al., 2023). Mapping origins 

based on MCM, Sugimoto et al. (2018) show MCM7 is also enriched in open chromatin, whereas Li et 

al., (2023) demonstrate MCM2-7 DH are organised in clusters, flanked by ORC. MCM2-7 clusters are 

also depleted in RNAPII and nascent RNA, confirming the physical separation of transcription and 

replication machinery previously shown (Cadoret et al., 2008, Cayrou et al., 2011). 

Somewhat unexpectedly, human ORC subunits have been pulled down with histones bearing the 

repressive H3K9me3, H3K27me3 and H4K20me3 marks (Vermeulen et al., 2010). This association 

may be mediated through ORCA/LWRD1, which can bind H3K9me3 and recruit ORC1 there (Gómez 

and Brockdorff, 2004; Shen et al., 2010; Wang et al., 2017). Interestingly, human ORC1 already binds 

chromosomes in late mitosis, but then exhibits distinct spatial distributions throughout G1 as detected 

by immunofluorescence. In early G1, ORC1 shows a punctate pattern in the nuclear interior, while in 

late G1 it appears more enriched in larger foci (Kara et al., 2015; Wu and Nurse, 2009). These are 

reminiscent of the early and mid/late S-phase patterns of nascent DNA, corresponding to active and 

inactive chromatin, respectively (Vouzas and Gilbert, 2021, Organization of RT).  
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It is unclear what controls this spatiotemporal aspect of ORC1 binding, but it may be affected by 

differential chromatin accessibility or levels of inactive marks (fully recovered only in late G1, Re-

establishment of the chromatin landscape). Similar dynamics of ORC have also been observed in 

fission yeast (Wu and Nurse, 2009), where the authors suggest that the different kinetics of ORC1 

association with the genome at active compared to inactive chromatin result in earlier completion of 

pre-RC assembly in euchromatin and thus, more efficient origins. In line with this observation, Mei et 

al. (2022) reported that in human cells, MCM loading occurs at euchromatin in early G1 and 

heterochromatin in mid G1, which is likely precluded in early G1 by the lack of histone acetylation. In 

this system MCM loading accelerated with G1 progression at an increasing rate at hetero- compared to 

euchromatin. This led to a comparable enrichment of MCM at inactive chromatin by the end of G1 (Mei 

et al., 2022), in a manner promoted by ORCA. However, the authors could not differentiate between 

loading of single MCM2-7 and DH formation. Thus, their data does not exclude the possibility that by 

the time pre-RCs are assembled on heterochromatin, cells have reached the G1/S transition and limited 

pre-IC components like Cdc45 (Wong et al., 2011; Wu and Nurse, 2009) or Treslin/TICCR (Collart et 

al., 2013; Mantiero et al., 2011; Tanaka et al., 2011) have bound euchromatic pre-RCs. 

The efficient bird gets the worm 

In addition to playing a role in the definition of origins, chromatin can also impact firing efficiency and 

subsequently, replication timing. Detailed below are the proposed mechanisms of how some histone 

PTMs and/or their readers can affect replication initiation, but the potential function of many others has 

been discussed in Fragkos et al. (2015). 

The histone acetylase KAT7 (HBO1 in yeast) promotes origin licensing although it is unclear whether 

this is due to direct interaction with ORC1 (Iizuka and Stillman, 1999), modification of licensing factors 

(Miotto and Struhl, 2008), histone substrates (Miotto and Struhl, 2010), or a combination of these 

activities. Increased histone acetylation alone can increase origin efficiency and thus lead to earlier 

firing (Pasero et al., 2002) due to increased Cdc45 recruitment in budding yeast (Vogelauer et al., 2002). 

In X. laevis, higher acetylation of a discrete origin increases its efficiency without affecting ORC 

occupancy (Danis et al., 2004), indicating that an active chromatin state can facilitate firing as well as 

licensing. In addition to acetylation, the extent of chromatin accessibility is also linked to origin 

efficiency, as demonstrated by the higher DNase I sensitivity of active compared to dormant origins 

(Sugimoto et al., 2018, Figure 23). In mESCs, Sima et al. (2019) have identified a set of cis-acting early 

replication control elements (ERCEs), which are highly acetylated, but not origins themselves. ERCEs 

contact each other in a CTCF-independent manner and are required for the early replication of the 

domain they are a part of (Sima et al., 2019). Although it is unclear how they fulfil their function, it is 

possible that they are bound by the acetyl readers BRD2/4, which can interact with Treslin/TICCR 

(Sansam et al., 2018), promoting origin firing (Vousaz and Gilbert, 2021).  
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As another example, Kuo et al. (2012) showed that metazoan ORC1 can recognise H4K20me2, which 

is required for loading of the complex on chromatin and efficient G1/S transition. Increased levels of 

Pr-SET7, one of the H4K20 methylases, results in re-replication, indicating its importance for origin 

licensing (Tardat et al., 2010). Recent work by Long et al. (2020) has further elucidated this mechanism, 

showing that the histone variant H2A.Z (linked with active transcription but also found in 

heterochromatin, Histone variants) is bound by SUV420H1, which deposits H4K20me2. They also 

link H2A.Z with origin firing, showing H2A.Z-H4K20me2-ORC1 co-occupied origins tend to be more 

efficient and initiate earlier compared to the rest (Long et al., 2020). However, H4K20me2 is one of the 

most abundant histone PTMs, present on >95% nucleosomes, which makes it difficult to understand 

how it may direct specific origin assembly or firing (Prioleau and MacAlpine, 2016). 

Recent work from the lab has demonstrated that the histone variant H3.3 also plays a role in regulating 

early replication initiation in mammals (Gatto et al., 2022). This study demonstrated that the different 

deposition modes of the replicative H3.1 and replacement H3.3 variants (Histone variants) lead to the 

establishment of H3.3-enriched sites, flanked by H3.1. The H3.3/H3.1 boundaries of these regions 

define early replication IZs, which is mediated by the H3.3-specific chaperone HIRA (Gatto et al., 

2022). Notably, in the absence of HIRA two classes of sites can be differentiated, termed blurred and 

buried. Blurred sites are transcribed and in HIRA KO, they remain relatively H3.3-enriched and early 

initiation still takes place at their boundaries, but the patterns of both H3.3 and nascent DNA synthesis 

become fuzzy. Buried sites, on the other hand, have low or no transcriptional activity, and completely 

lose H3.3 enrichment and stop replicating early in the absence of HIRA (Gatto et al., 2022). Although 

it remains unclear how the H3.3/H3.1 balance affects initiation, it shows that HIRA is critical for a 

chromatin-based definition of early IZs in a transcription-independent fashion (Gatto et al., 2022).  

Chromatin-associated factors can also play a role in decreasing origin efficiency, thereby promoting 

late initiation. Upon global disruption of replication timing in the absence of RIF1 (RIF1: Show them 

who’s boss?), late replication is maintained specifically at H3K9me3 domains in HCT-116 cancer cells, 

but not in hESCs, where large regions of H3K9me3 are absent (Klein et al., 2021). In D. melanogaster, 

the presence of the H3K9me3 reader HP1a at centromeres is required for their replication in late S 

phase, but its association with pericentromeric and interspersed repeats promotes initiation there in early 

S (Schwaiger et al., 2010). This is in concordance with earlier work in fission yeast, where the HP1 

homologue Swi6 facilitates Treslin/TICCR recruitment to the pre-IC (Hayashi et al., 2009). 

Additionally, H3K9me3-independent recruitment of HP1a to D. melanogaster promoters is required for 

their early replication (Figueiredo et al., 2012), potentially due to its interaction with ORC (Hiratani et 

al., 2008; Pak et al., 1997; Schübeler et al., 2002). Thus, chromatin context may be an important 

modulator for particular factor to function. 

As histone acetylation, open chromatin and H2A.Z/H3.3 enrichment are common features of active 

promoters and enhancers (Millán-Zambrano et al., 2022, Histone variants), KAT7 itself acts as a 
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transcriptional co-activator (Miotto et al., 2008), and promoters often contain GC-rich elements (How 

to define an origin?), this can underlie the strong correlation between early origin firing in S phase and 

transcriptionally active chromatin in metazoans (Hiratani et al., 2008; Schübeler et al., 2002, 

Organization of RT). In contrast, the enrichment of H3K9me3/HP1 in heterochromatin links 

repression with late replication. Importantly, the work discussed above argues that the connection of 

pre-RC assembly and origin efficiency with transcription is mediated by the state and binding factors 

present on chromatin. 

RIF1: Show them who’s boss? 

So far, RIF1 is the only protein known for its role in the global orchestration of the RT programme 

(Blasiak et al., 2021; Cornacchia et al., 2012; Hayano et al., 2012). RIF1 was originally identified in 

yeast, where its recruitment to telomeres prevents their elongation by telomerase (Hardy et al., 1992; 

Kanoh and Ishikawa, 2001). In human cells, under normal circumstances RIF1 does not associate with 

telomeres, but it becomes enriched there upon DNA damage (Xu and Blackburn, 2004) or dysfunction, 

dependent on the DNA repair factors ATM and 53BP1 (Silverman et al., 2004). Follow-up work 

demonstrated that RIF1 is specifically important for replication fork re-start upon stalling (Buonomo et 

al., 2009; D. Xu et al., 2010). In D. melanogaster RIF1 neither associates with telomeres, nor 

participates in the DNA damage response, but instead accumulates at heterochromatin (Sreesankar et 

al., 2012). Xu and Blackburn (2004) reported a similar observation in human cells, where RIF1 shows 

some accumulation at the lamina and broad nuclear enrichment with some foci. 

RIF1 exhibits the same nuclear pattern in mouse embryonic fibroblasts (MEFs) in G1 or G2, whereas 

it dynamically redistributes in S phase (Cornacchia et al., 2012). RIF1 first becomes enriched in 

chromocenters prior to their replication, co-localising briefly with MCM3, re-localises to chromocenter 

interior as their periphery begins replicating, and then completely dissociates from them without co-

localising with nascent DNA. Loss of RIF1 resulted in cells with aberrant replication patterns which 

cannot be clearly classified as early or late as detected by labelling newly synthesized DNA by EdU 

incorporation. This indicates that RIF1 is involved in RT regulation, complemented by Repli-seq 

analysis showing both early-to-late and late-to-early transitions (Cornacchia et al., 2012). Similar results 

were obtained upon loss of human RIF1 (Yamazaki et al., 2012). Work in fission yeast further supported 

this conclusion with inappropriate activation of dormant origins and reduced firing of normally efficient 

origins in RIF1 deletion strains (Hayano et al., 2012). Notably, RIF1 deletion in mouse cells also 

resulted in impairment of G1/S transition and organization of chromocenter, which became less 

compact, but did not change their PTM enrichment (Cornacchia et al., 2012). This points to the 

importance of the RT programme not only for normal cell cycle progression, but also chromatin 

organization. 
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In mESCs, RIF1 could be immuno-precipitated with H3K9me3 writers and readers, and its knock-down 

resulted in reduced H3K9me3 at heterochromatin, although the authors did not assess RT (Dan et al., 

2014). Conversely, Foti et al. (2016) show that RIF1 ensures the late replication of non-lamina-

associated heterochromatin and prevents its interactions with other genomic regions in 3D space 

independently of histone PTMs. More recently, rapid depletion of RIF1 in hESCs and HCT-116 cells 

combined with single-cell (sc)Repli-seq showed that RIF1 is required to maintain the global RT 

programme (Klein et al., 2021). In its absence, rather than discrete shifts in timing, there is a general 

loss of RT pattern in hESCs, whereas H3K9me3 domains retain late RT in HCT-116, indicating that 

additional mechanisms ensure late replication of heterochromatin. RT disruption in this context is 

associated with both histone PTM and genome organization changes in a replication-dependent fashion, 

suggesting that RT can be important for the maintenance of the epigenetic state. 

In addition to RT regulation, another line of research focused on the role of RIF1 in DNA repair 

(Mattarocci et al., 2016). RIF1 is important for replication fork protection and re-start (Mukherjee et 

al., 2019) by preventing nascent DNA degradation (Garzón et al., 2019). RIF1 also inhibits resection of 

double-strand breaks (DSBs), promoting repair by non-homologous end-joining (NHEJ, Isobe et al., 

2021). Interestingly, this role requires RIF1 interaction with ASF1a, although the requirement for its 

chaperone activity is unclear (Feng et al., 2022; Tang et al., 2022). Feng et al. (2022) further show that 

RIF1-ASF1 handles H3K9me1-H4 dimers and promotes heterochromatin formation and chromatin 

condensation at DSBs or at discrete loci if exogenously recruited there. This data suggests that RIF1 

may exert its function at heterochromatin beyond preventing early firing of origins and that some effects 

of its depletion may relate to the disrupted interactions with its other partners.  

How does RIF1 perform these diverse functions? In fission yeast, RIF1 associates with late-replicating 

chromatin at M/G1 and prevents firing in early S phase by inhibiting Cdc45 incorporation and pre-IC 

formation (Hayano et al., 2012). Work in human cells later revealed that RIF can interact with protein 

phosphatase 1 (PP1), which allows to counteract the modification of both cell cycle and DNA repair-

associated kinases. In the context of repair, the PP1 interaction mediates the role of RIF1 in fork 

protection (Mukherjee et al., 2019, Garzón et al., 2019) and prevention of DSB resection (Isobe et al., 

2021). Furthermore, the RIF1-PP1 complex plays a dual role in replication control (Hiraga et al., 2017). 

In S phase, RIF1-PP1 reduce MCM4 phosphorylation, limiting origin firing (also shown by Alver et 

al., 2017), whereas in G1, the complex acts on ORC1 and prevents its untimely degradation, promoting 

origin licensing (Hiraga et al., 2017). Comparing the spatio-temporal organization of ORC1 at late 

M/G1 to RIF1 and assaying if it is affected in RIF1-depleted cells may give interesting hints as to how 

RIF1 can control RT. Disrupting the domain of RIF1 responsible for its association with ASF1a may 

also be of interest, as ASF1a predominantly handles H3.3-H4, which Gatto et al. (2022) have shown to 

play a role in early IZ definition. This may also be interesting, as Strobino et al. (2020) have 
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demonstrated that H3.3 is required for efficient fork re-start in C. elegans grown at restrictive 

temperatures.  

2.3.2. Organization of RT 

The non-random distribution of origins along the genome and their characteristic firing efficiency can 

be influenced by transcription, chromatin state and other DNA-binding factors, resulting in a cell type-

specific spatial and temporal pattern of DNA replication. As described above, efficient early-firing 

initiation zones are enriched in active chromatin, providing an explanation for the well-established 

general correlation between early/late RT with active/inactive chromatin, respectively (Fujita, 1965, 

Zink, 2006, Vousaz and Gilbert, 2021). What does this mean for the spatial organization or RT?  

Analysis of stretched DNA fibres isolated from cells following a short pulse of radio-labelled thymidine 

(Huberman and Riggs, 1968) or an analogue (Jackson and Pombo, 1998) reveals 75kb-150kb regions 

of newly synthesized DNA replicated from a single location. There were termed replicons (Berezney et 

al., 2000; Jackson and Pombo, 1998) and may correspond to the more recently defined IZs (described 

above, Figure 23, Vousaz and Gilbert, 2021). Often, several (2-10) replicons initiate synchronously, 

clustered (Edenberg and Huberman, 1975; Hand, 1978) in replication domains (RDs) of 400kb-1Mb in 

size, which have a good correspondence to chromosome bands (White et al., 2004; Zink, 2006). About 

half of RDs replicate at the same time in S across different cell types, whereas the other half change RT 

in at least one (Marchal et al., 2019). RT shifts are typically linked to transcriptional reprogramming 

(Hiratani et al., 2008; Ryba et al., 2010), suggesting they can be a functional unit of RT control (Dileep 

et al., 2015a; Rivera-Mulia et al., 2015). 

Visualizing de novo synthesized DNA in intact nuclei demonstrates that RDs are organized in 

replication foci (Jackson and Pombo, 1998; Nakamura et al., 1986). During S phase, these foci exhibit 

characteristic patterns: in early S, they are spread throughout the nucleoplasm and were estimated to be 

up to ~1000 in number (Jackson and Pombo, 1998; Ma et al., 1998), whereas in mid/late S they organize 

in larger structures around the nuclear periphery and nucleolus (Berezney et al., 2000; Nakayasu and 

Berezney, 1989). RDs have recently been characterised by super-resolution microscopy, which provided 

estimates for their radius (150nm) and number of replicons (4), corresponding to ~70kb labelled DNA 

(Xiang et al., 2018). Notably, an early study in X. laevis elucidated that replicon length correlates with 

the size of nuclear matrix-anchored DNA loops that remain after high salt and detergent extraction to 

remove nucleoplasmic proteins and histones from DNA (Buongiorno-Nardelli et al., 1982). This was 

confirmed in the same system (Lemaitre et al., 2005) and in Chinese hamster ovary cells (Courbet et 

al., 2008), suggesting that chromatin folding was related to RT organization. This was also supported 

by data in D. melanogaster (MacAlpine et al., 2010) and HeLa cells (Guillou et al., 2010) showing that 

cohesin subunits interact with pre-RC components and are enriched at origins of replication. 
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More recently, the connection between 3D genome organization and RT has been investigated by 

integrating analysis of Hi-C and Repli-seq (Pope et al., 2014; Ryba et al., 2010, Figure 24) with 

increasing temporal resolution (Zhao et al., 2020) or at the single cell level (Dileep and Gilbert, 2018; 

Miura et al., 2019). Early work demonstrated a strong correlation between A/B compartments and 

early/late RT across cell types (Ryba et al., 2010, Dileep et al., 2019, Miura et al., 2019), indicating 

chromatin organization and RT experience coordinated changes during differentiation. On the kb scale, 

RDs correspond well to TADs identified by Hi-C, although there is not 1:1 correspondence between 

their borders (Dang et al., 2023; Pope et al., 2014). On the other hand, Petryk et al. (2016) showed that 

TAD borders are enriched in early origins of replication, in agreement with the previously observed 

cohesin enrichment there (Guillou et al., 2010; MacAlpine et al., 2010). Furthermore, TAD emergence 

upon G1 entry takes place in the same timeframe as the set-up of the RT programme (Dileep et al., 

2015a), although it is not clear if the two processes are related. Indeed, both TADs and compartments 

persist in G2, whereas RT control information is absent (Dileep et al., 2015a; Lu et al., 2010), indicating 

genome structure alone is not sufficient to instruct RT. 

From a developmental perspective, after fertilization in early D. melanogaster and X. laevis embryos 

most origins fire with high efficiency, enabling extremely rapid cell divisions (4min in D. melanogaster, 

Blumenthal et al., 1974, 30min in X. laevis, Callan, 1974; Graham and Morgan, 1966). After zygotic 

genome activation (ZGA), when embryonic transcription begins, replication initiation re-localises to 

intergenic regions as spatiotemporal order of firing is established (Hyrien et al., 1995). ZGA is also the 

time in D. melanogaster embryos when genome organization (on the scale of compartments and TADs) 

is established (Hug et al., 2017, Zenk et al., 2021). Notably, this is independent of transcription, although 

the TF Zelda is required for the emergence of TAD borders (Hug et al., 2017). In mammals, S phase 

length in early embryos is similar to differentiated cells (Howlett and Bolton, 1985), and spatiotemporal 

Figure 24. Organisation of RT and correspondence to 3D genome organization features 

Replication timing (RT, purple track) is highly correlated with A/B compartments identified from Hi-C 

(EV1 track, light green). Furthermore, late-replicating regions are enriched in lamina (dark green LaminB1) 

and nucleolus (DamID, yellow) interactions. Tracks show a representative 15Mb region from K562 cells 

(adapted from Vouzas and Gilbert, 2021). 
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RT patterns are observed in 1 cell stage mouse embryos (Ferreira and Carmo-Fonseca, 1997). Thus, the 

RT programme may already be established pre-ZGA, as is the case in C. elegans (Pourkarimi et al., 

2016), when compartments and TADs are weakly detectable (Du et al., 2017; Flyamer et al., 2017; Ke 

et al., 2017). In early mouse (Miura et al., 2019) and human (Dileep et al., 2019) ESC differentiation, 

B-to-A compartment switches are either followed or preceded by late-to-early RT changes, respectively. 

Thus, developmental studies indicate that the RT programme and genome architecture are not 

systematically linked.  

This is also confirmed by depletion of CTCF (Sima et al., 2019) and cohesin (Cremer et al., 2020), 

which disrupt TAD organization without affecting RT. However, ERCE (The efficient bird gets the 

worm) deletion that result in early-to-late shifts of discrete RDs also result in A-to-B compartment 

switching and disrupt local TAD organization, indicating RT can impact genome organization (Sima et 

al., 2019). Indeed, RIF1 depletion in mouse (Foti et al., 2016) cells lead to increased inter-domain 

interactions, whereas in human (Klein et al., 2021) cells, it decreased A-A compartment contacts and 

was accompanied by PTM re-distribution and compartment switching. Notably, late-replicating regions 

located at the lamina in mESCs (Foti et al., 2016) or part of large H3K9me3-marked domains in 

differentiated human cells (Klein et al., 2021) were resistant to RT dysregulation, indicating that their 

3D organization may contribute to their replication regulation. Indeed, perturbing B compartments by 

depleting DNMT1 and DNMT3b in HCT-116 (We interrupt your programme with a burning 

question: How is this happening?) resulted in coordinated A-to-B switching, reduced H3K9me3, 

increased gene expression and advanced RT as reported by Du et al. (2021), although RT seemed 

unaffected in Spracklin et al. (2022). 

Collectively, these data indicate that the RT programme and genome architecture do not always behave 

concordantly. Further work is needed to understand what underlies the connection between the two, to 

disentangle the effects of transcription and chromatin state, and investigate their respective functional 

importance. 

2.3.3. Impact of replication timing on other processes 

Does this spatial and temporal segregation of replication impact other DNA-related processes? Data 

from scRepli-seq has suggested that despite the stochastic nature of origin firing, the RT programme is 

highly similar on a cell-to-cell basis, indicating possible functional importance (Dileep and Gilbert, 

2018; Takahashi et al., 2019). 

First, the fact that a large proportion of origins are dormant but can be activated upon replication stress 

is key mechanism to maintain genome integrity (Blumenfeld et al., 2017; Ge et al., 2007; Ibarra et al., 

2008; Lengronne and Schwob, 2002; Shreeram et al., 2002; Tanaka and Diffley, 2002; Woodward et al., 

2006). Indeed, one characteristic of sites of frequent chromosome breakage under replication stress, 

termed common fragile sites (CFSs) is scarcity of origins (Ozeri-Galai et al., 2014). Hence, CFSs are 
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typically late-replicating and it has been hypothesized that they cannot finish replicating prior to M 

(Beau et al., 1998). However, a new class of early-replicating CFSs overlapping long expressed genes 

was identified (Helmrich et al., 2011), where instability is thought to be a consequence of transcription-

replication collisions (Barlow et al., 2013). From this perspective, the participation of RIF1 in both 

origin licensing/firing control and fork stabilization is an interesting coincidence, as the connection 

between its two roles is unclear (RIF1: Show them who’s boss?, Alavi et al., 2021).  

Differential expression of DNA repair enzymes in S phase, for example downregulation of mismatch 

repair (MMR) proteins in mid-S, leads to a mutational signature of single base substitutions in late-

replicating regions (Supek and Lehner, 2015). Similarly, shifting from DSBR by homologous 

recombination (HR) in early S to NHEJ in late S results in distinct CNV profiles (Koren et al., 2012). 

Larger scale re-arrangements like amplifications and translocations tend to occur in early-replicating 

regions in human cancers, although this may vary depending on cell type and organism (Blumenfeld et 

al., 2017). Finally, shared RT of loci found on different chromosomes can increase the probability of 

their translocation and promote tumorigenesis in B cells (Peycheva et al., 2021). 

Finally, having spatially and temporally separated replication may facilitate the maintenance of 

epigenome integrity. As evicted histones are recycled locally, replicating different types of chromatin 

in distinct foci and S phase stages could limit mixing of parental histones. This would ensure they would 

be re-incorporated in a similar type of environment, even if they diffuse further from their replication 

focus in conditions of replication stress (Clément et al., 2018). Finally, Nakatani et al. (2022) showed 

that slowing down fork speed in mESCs results in increased number of origins that fire and promotes 

the emergence of totipotent 2 cell embryo-like cells (2CLCs). This was accompanied discrete RT 

changes, only ~30% of which corresponded to induction of 2CLC-specific transcripts. At one of those, 

the authors detect increase in H3.3 enrichment, which they interpret because of its earlier RT and 

increased expression (Nakatani et al., 2022). However, it is also possible that reduced replication rate 

and increased origin firing affect chromatin maturation after fork passage. This may allow more time 

for H3.1-H3.3 exchange and establish new boundaries between the variants, which could create an 

epigenetic memory of initiation changes and/or facilitate expression of regions shifting to earlier RT.  
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The dynamic organization of chromatin in the nucleus at all scales contributes to the regulation of 

genome function throughout the cell cycle and during cell fate transitions. To date, disentangling how 

the multiple scales of chromatin organization affect each other, from packaging into nucleosomes up to 

the formation of higher-order structures in nuclear space remains a major challenge. Major processes 

acting on DNA, including transcriptional activation, repression or recombination, repair and replication 

are in fact exerted on chromatin. Thus, in each case changes in nucleosome composition, histone post-

translational modifications (PTMs) and nuclear positioning of chromatin should be considered as they 

occur concomitantly with the DNA transaction. Furthermore, the pre-existing chromatin state may also 

influence how the transaction can be exerted.  

Thus, in my PhD I aimed at understanding the functional interplay between nucleosome composition, 

higher-order genome architecture and regulation of chromatin-templated processes with a focus on 

replication. The choice was motivated by the tight regulation that operates on replication initiation in 

mammals to ensure a complete genome duplication, especially because no sequence specific sites have 

been identified to date. Furthermore, recent work from the team revealed the critical importance of the 

balance between H3 variants in defining early replication initiation zones independently of 

transcription.  

During the course of my PhD, I have tried to address these fundamental questions: 

How are histone H3 variants organized in 3D genome space? 

How are H3.1 and H3.3 distributed with respect to features of 3D genome architecture across scales? 

Do H3 variants become spatially repartitioned if their deposition is impaired? 

Is targeted H3.3 deposition important for 3D chromatin architecture? 

Is 3D genome organization affected when H3.3 is redistributed along the genome? 

Is H3.3 reorganization associated with a change of post-translational modifications patterns? 

Is the role of H3 variant balance in defining early replication initiation zones related to an impact 

on their spatial arrangement?  

How are early replication initiation zones organized in space? 

Is the spatial organization of initiation zones affected when H3 variant balance is disrupted, impairing 

their early firing? 

Does the balance of H3 variants promote early firing at initiation zones by modulating their 3D 

arrangement?  
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During my PhD, I aimed to understand the interplay between the H3 variant composition of chromatin, 

its multi-scale higher-order organization in space, and their link to the control of early replication 

initiation. I provide a summary of the general approach and methodology I used below. My results are 

included in the form of a manuscript ready for submission, titled ‘HIRA-mediated H3.3 deposition 

impact on 3D genome organization and early replication’. Furthermore, I investigated this relationship 

at additional scales, and in other organisms during differentiation, and I present the outcome of this 

analysis in the section titled ‘Additional results’. 

General approaches and methodology 

How to map histone H3 variant distribution? 

To characterise the occupancy of H3 variants along the genome, I needed an approach that would allow 

me (i) to distinguish between the highly similar H3.1 and H3.3 and (ii) to profile their enrichment prior 

to S phase, when their distribution is most clearly reflected. This was particularly important for H3.1, 

whose enrichment pattern in asynchronous cells would arise as a mix of its steady state occupancy and 

new deposition coupled to fork progression (Tagami et al., 2004), which can be highly dissimilar (Gatto 

et al., 2022). Using HeLa cells as a model, I exploited a combination of G1/S synchronization with use 

of the SNAP-tag system (Jansen et al., 2007; Keppler et al., 2003), which has been well-established in 

the lab to follow H3.1 and H3.3 by imaging (Clément et al., 2018; Ray-Gallet et al., 2011; Torné et al., 

2020) and more recently by sequencing methods (Gatto et al., 2022, Forest et al., in prep). The SNAP 

is a 20KDa self-labelling enzyme, which binds covalently and irreversibly to its benzylguanine 

substrate. Fused to a protein of interest, it allows labelling with fluorescently-tagged moieties and 

visualization by microscopy (Torné et al., 2018), as well as SNAP capture by magnetic beads followed 

by sequencing of associated DNA (SNAP-seq, Gatto et al., 2022, Forest et al., in prep). Combined with 

cell synchronization at the G1/S boundary and quench-chase-pulse labelling strategies (Torné et al., 

2018), SNAP-seq presents a powerful approach to map the genomic distribution of total and de novo 

synthesized H3 variants during S phase progression, which the lab recently published (Gatto et al., 

2022, Figure 25).  

Thus, I could integrate previously generated H3 variant-specific information (Gatto et al., 2022) with 

publicly available Hi-C data (Wutz et al., 2017) to show that H3.1 and H3.3 exhibit distinct enrichment 

patterns at 3D genome organization features on the Mb (compartments) and sub-Mb (TAD borders) 

scale in WT cells. I further combined this with analysis of H3 variant profiled from cells where the 

H3.3-specific chaperone HIRA was knocked out (KO). This revealed a re-distribution of the variants at 

3D organization features at both scales. Gatto et al. (2022) had previously established the importance 

of HIRA for early initiation zone (IZ) definition, while 3D organization, chromatin state and replication 

have also been linked (Klein et al., 2021; Vouzas and Gilbert, 2021). I thus asked if disrupting H3.3 
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targeting in HIRA KO impacts genome architecture and if that was linked to the replication defect we 

observed.  

Is targeted H3.3 deposition important for 3D chromatin architecture globally and at early IZs? 

To understand the impact of HIRA KO on chromatin folding, I performed Hi-C (Figure 11, right) in 

HIRA WT and KO cells. This allowed me to analyse the impact of HIRA loss both on genome 

architecture globally and to focus specifically on the organization of HIRA-dependent early IZs. On the 

Mb scale, I could observe an effect on compartments, whose segregation has been linked to histone 

marks (Hildebrand and Dekker, 2020). Thus, I also optimised a native ChIP-seq protocol in the lab to 

map a selection of active (H3K4me1, H3K4me3, H3K27ac) and inactive (H3K9me3, H3K27me3) 

PTMs in order to further disentangle the effects of H3.3 redistribution on epigenetic states. To deepen 

the genome-wide Hi-C analysis, I collaborated with Leonid Mirny at MIT, Harvard, while he was at 

sabbatical at Institut Curie. To focus on the arrangement of early IZs, I collaborated with Marc Marti-

Renom at CNAG-CRG, Barcelona, who recently developed an approach to assess the spatial correlation 

of chromatin-associated proteins called METALoci (Mota-Gómez et al., 2022). 

Figure 25. SNAP-seq strategy 

HeLa cells constitutively expressing H3.1/H3.3-SNAP are synchronised at the G1/S boundary by a double 

thymidine block A. Capture of total H3-SNAP following MNase digestion of native chromatin by SNAP 

capture beads. B. Quench-chase-pulse strategy to selectively label new H3.1/H3.3. Quench: all reactive 

H3-SNAP (old histones) is blocked (2h). Chase: SNAP block is removed for 0.5h to allow synthesis of 

reactive H3-SNAP prior to release in S phase (2h), when new histones are deposited on chromatin. Capture: 

Native chromatin is MNase-digested to mononucleosomes before pull-down by SNAP capture beads 

(adapted from Gatto et al, 2022). 
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Is the role of H3 variant balance in defining early replication initiation zones related to an impact 

on their spatial arrangement?  

To disentangle whether the importance of HIRA for early replication initiation relates to nucleosome 

composition, genome folding or both, I performed rescue experiments. Re-supplying HIRA for 48 hours 

in asynchronous or G1/S-arrested cells, coupled with SNAP-seq, EdU-seq after 2h release in S phase, 

and Hi-C allowed me to simultaneously assess the impact on H3 variant distribution, early replication 

and chromatin architecture.   
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Abstract 

In each cell, genome replication, chromatin states and 3D architecture are intimately related. Much 

progress has been made to determine where to initiate replication, where to place histones, how to fold 

chromatin. However, integrating all three aspects to understand their functional interrelationships 

remains a puzzle. Here, we aimed to follow simultaneously, early replication, H3 variant distribution 

and 3D genome organization while manipulating H3 deposition.  For this, we combined KO and rescue 

experiments focusing on the histone chaperone HIRA recently linked to the definition of early-

replication initiation zone. Our findings show first that at Mb scale, HIRA promotes, H3.3 incorporation 

in A compartment and stabilizes interactions within compartments independently of histone marks. 

Second, on the sub-Mb scale, we focused on early replication initiation zones (IZ) heavily affected upon 

HIRA KO. We found that A compartment identity was compromised for the disrupted non-transcribed 

early IZs in HIRA KO. However, rescue experiments with HIRA showed a recovery of early IZ without 

necessarily restoring A compartment identity. We thus propose that the nature of the variant at a local 

scale is dominant to control early initiation over the compartmentalization of the genome. We discuss 

the implication of a hierarchy between various scales in chromatin organization to impact cellular 

programs such as replication and transcription.  

mailto:genevieve.almouzni@curie.fr
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Introduction  

The synthesis of new DNA starts at the origins of replication: estimated 30,000-50,000 sites in the 

mammalian genome, which are recognised by ORC1 and licensed by loading MCM2-7 helicase in G1 

before only a small subset are fired stochastically in S phase (Méchali, 2010). While in S. cerevisiae 

initiation sites are sequence-specific (Brewer and Fangman, 1987; Huberman et al., 1987), how origins 

are defined and selected to fire in metazoans is much less clear. This is partially due to the technical 

challenges to map them, biased predominantly towards efficient, early-firing origins (Hu and Stillman, 

2023). Mammalian origins, usually clustered in initiation zones (IZs) of 20-40kb (Cadoret et al., 2008; 

Cayrou et al., 2011), do not fire at the same time: IZ containing higher efficiency origins tend to fire 

early, whereas less efficient IZs are activated later in S phase (Rhind et al., 2010). In mammals, origin 

definition combines properties of DNA sequences (Cayrou et al., 2011; Dellino et al., 2013) and 

epigenetic features (Cadoret et al., 2008; MacAlpine et al., 2010; Miotto et al., 2016). Additionally, 

firing efficiency correlates with transcription (Dellino et al., 2013), active histone PTMs (Cayrou et al., 

2015), chromatin accessibility (Sugimoto et al., 2018) and H2A.Z enrichment (Long et al., 2020). Early 

origins also show a particular organisation in space as measured by Hi-C: they are enriched at the 

borders of insulated, topologically-associating domains (TADs) (Akerman et al., 2020; Giles et al., 

2022; Petryk et al., 2016), and are often close to each other in space (Jodkowska et al., 2022). 

The spatiotemporal pattern or origin activation in S phase, termed the replication timing (RT) 

programme, is cell type-specific and strongly correlates with chromatin state and its three-dimensional 

(3D) organization (Vouzas and Gilbert, 2021). Typically, early-replicating regions are decorated by 

active histone marks and correspond to compartment A identified by Hi-C, while late-replicating 

domains are enriched in heterochromatic PTMs and largely coincide with B compartments (Hansen et 

al., 2010; Pope et al., 2014; Rivera-Mulia et al., 2015). Given these extensive correlations and the poor 

understanding of what governs RT (Vouzas and Gilbert, 2021) and genome compartmentalization 

(Hildebrand and Dekker, 2020), it has been a major challenge to understand the functional connections 

between RT control, epigenetic state, and 3D chromatin organization. However, emerging evidence 

indicates that they may be separable in particular contexts, although their functional interdependence 

remains a puzzle. Indeed, during differentiation of human embryonic stem cells (ECSs) late-to-early RT 

switches take place without B-to-A compartment changes, although the PTM enrichment at these 

regions is likely modified (Dileep et al., 2019). Conversely, in mouse ESC differentiation B-to-A 

switches precede both late-to-early RT shifts and gene activation (Miura et al., 2019). Using HCT-116 

cells with a double knock-out (DKO) of maintenance (DNMT1) and de novo (DNMT3B) DNA 

methylases as a model system, (Du et al., 2021) demonstrate that DNA hypomethylation leads to 

coordinated shifts in RT and compartment identity in a small proportion of the genome (~3% changes 

RT). However, these regions also experienced PTM re-distribution and gene expression changes, 

making it difficult to disentangle cause and consequence. In contrast in the same DKO HCT-116 cells, 
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(Spracklin et al., 2022) showed that changes of interactions between compartment B sub-types are not 

accompanied by RT switches, although in this case the regions investigated remain in compartment B 

overall. Thus, the role of compartmentalisation in RT control remains to be further explored. 

Conversely, disrupting 3D organization on the sub-Mb scale by CTCF (Sima et al., 2019) or cohesin 

(Cremer et al., 2020) depletion did not impact RT, indicating that TADs are not important for its 

regulation.  

Alternatively, experimentally enforcing changes in RT can reveal if it is important to maintain chromatin 

state and/or spatial organization. A specific class of cis-acting sequences (3-40kb in size), likely 

corresponding to super-enhancers but distinct from IZs, were found to confer early replication of a 5Mb 

domain in mouse ESCs (Sima et al., 2019). These regions, termed early replication cis elements 

(ERCEs), also promoted transcriptional activity, A compartment identity and TAD border insulation of 

the domain (Sima et al., 2019). In this context however, it is difficult to disentangle whether the changes 

observed on chromatin organisation are a consequence of the RT switch, potential changes in histone 

marks, which were not evaluated, or the absence of DNA-binding proteins that would normally occupy 

these ERCEs. In a more global approach, several studies have depleted RIF1, considered to be a key 

regulator of the RT program, in mouse (Cornacchia et al., 2012; Foti et al., 2016) and human cells (Klein 

et al., 2021; Yamazaki et al., 2012). This resulted in changes in inter-TAD interactions in G1, followed 

by RT shifts in S phase in mouse embryonic fibroblasts without impacting histone PTMs (Foti et al., 

2016). In human ES or cancer cells, RIF1 loss induced RT disruption, accompanied by compartment 

switches, weaker A compartment interactions and histone mark re-distribution (Klein et al., 2021). 

Notably, the impact on both chromatin organization and PTMs in this system required passage through 

S phase, indicating proper RT may be important for maintenance of chromatin state and genome folding. 

However, the results from these studies also emphasize the potential of species- or cell type-specificity 

of the functional relationships between genome folding, chromatin state and RT. 

Considering histone variants, we established a first link with RT showing that the enrichment pattern of 

the histone variants H3.3 and H3.1 followed early versus late RT respectively (Clément et al., 2018). 

The replicative H3.1 variant, produced at high levels at S phase entry, is deposited in a DNA-synthesis-

coupled manner (DSC) mediated by the CAF-1 complex (Tagami et al., 2004). This mechanism ensures 

deposition over the entire genome (Deaton et al., 2016; Gatto et al., 2022; Goldberg et al., 2010) in S 

phase. In contrast, the replacement variant H3.3 is incorporated in a DNA-synthesis-independent (DSI) 

manner throughout the cell cycle (Drane et al., 2010; Tagami et al., 2004). The first identified chaperone 

involved in this DSI pathway is the HIRA complex (Tagami et al., 2004). Enrichment of H3.3 mapped 

to active regions (Mito et al., 2005), regulatory elements (Goldberg et al., 2010; Jin et al., 2009) and 

sites of high turnover (Deaton et al., 2016) depends on HIRA (Goldberg et al., 2010; Ray-Gallet et al., 

2011). At other sites, H3.3 can be incorporated via gap-filling (Ray-Gallet et al., 2011) by HIRA. 

Finally, HIRA proved important for the establishment of bivalent domains at developmental gene 
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promoters in mouse embryonic stem cells (Banaszynski et al., 2013). In addition, H3.3 can accumulate 

at telomeres, pericentromeric and repetitive regions, but in this case relying on the activity of 

ATRX/DAXX (Elsässer et al., 2015; Goldberg et al., 2010).  

However, only recently development of the the SNAP-tag technology for the mapping of the de novo 

incorporation of both H3.1 and H3.3 along the genome in S phase allowed to follow their respective 

deposition during replication (Gatto et al., 2022). These data showed that in S phase, new H3.3 

deposition occurred systematically at pre-existing H3.3-enriched sites identified in early G1/S, 

preserving their genomic distribution. In contrast, new H3.1 deposition followed the replication fork 

movement, changing as replication proceeds. This dual deposition mechanism resulted in the 

establishment of H3.3/H3.1 boundaries, corresponding to locations of early replication IZs. Notably, 

HIRA knock-out (KO) cells disrupted not only these boundaries defined by the variants’ distribution 

but also the corresponding replication initiation zones (Gatto et al., 2022). The next major issue was 

thus to understand which functional relationships could link H3.3 deposition and early replication. 

Given the links between RT and high order chromatin organization, we thus aimed to explore in 

combination all three aspects: H3.3 deposition, early replication, and higher-order chromatin 

organization. For this, we combined KO and rescue experiments focusing on the histone chaperone 

HIRA recently linked to the definition of early-replication initiation zones. 

We show first that on the Mb scale, HIRA promotes H3.3 incorporation in A compartment, which is 

important for its interactions independently of PTMs. Second, on the sub-Mb scale, we focused on early 

replication IZ heavily affected upon HIRA KO. We found that HIRA KO compromised compartment 

identity of non-transcribed early IZs initially in A compartment as they lost capacity to initiate 

replication. However, rescue experiments with HIRA showed a recovery of early IZ without necessarily 

restoring their compartment A identity. We thus propose that the nature of the variant at a local scale is 

dominant to control early initiation over the compartmentalization of the genome. 

  



107 

 

Results 

H3.3 redistributes in A/B compartments without changing histone PTMs in absence of HIRA  

To examine how histone H3 variants distribute in wild-type (WT) cells with respect to 3D genome 

organization features, we first compared our unique H3.1 and H3.3 SNAP ChIP-seq data (Gatto et al., 

2022) with publicly available Hi-C from HeLa cells (Wutz et al., 2017).  This enabled us to call A and 

B compartments at 50kb resolution and to demonstrate that H3.3 was enriched in A and depleted in B 

compartment regions regardless of their size (Figure 1A, Supplementary Figure 1A). In contrast, H3.1 

was weakly depleted in A and showed a clear enrichment only in large (>2Mb) B domains 

(Supplementary Figure 1B). These results proved consistent with our previous observations showing 

H3.3 enriched in early-replicating, active regions through targeted deposition by HIRA, whereas the 

genome-wide H3.1 pattern reflects its DSC incorporation by CAF-1 combined with eviction from active 

regions (Clément et al., 2018; Gatto et al., 2022). We then explored how the knock-out (KO) of the 

H3.3-specific chaperone HIRA affected the distribution patterns of each H3 variant. We observed a 

striking re-distribution of H3.3, which diminished throughout all A compartment domains, while 

increasing specifically in large B regions (>2Mb, Figure 1A, Supplementary Figure 1A). In contrast, 

H3.1 showed weaker changes and no significant decrease in large B regions (Supplementary Figure 

1B). Given the substantial H3.3 re-distribution detected, we investigated if this resulted in a re-

distribution of H3 PTMs. This was relevant to consider given the reports showing that phosphorylation 

of the H3.3-specific S31 residue can promote H3K27ac deposition by p300 (Armache et al., 2020; 

Martire et al., 2019) and inhibit H3K9me3 removal by KDM4A (Udugama et al., 2022). To investigate 

this, we performed native ChIP-seq for a panel of selected active (H3K4me3, promoter and H3K4me1, 

H3K27ac, enhancer) and inactive (H3K9me3, constitutive and H3K27me3, facultative 

heterochromatin) H3 marks. Our analysis did not reveal significant corresponding changes in their 

pattern in A/B compartments (Figure 1B, C, Supplementary Figure 1C). Thus, we can conclude that on 

the Mb scale, it is the chromatin environment of where a particular histone variant is placed, rather than 

the identity of the variant, which is dominant to impact post-translational modifications. We conclude 

that lack of HIRA leads to a general decrease of H3.3 in all A compartments while it increases in large 

B compartment without affecting enrichment in PTMs. 
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Figure 1 
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Figure 1. Loss of HIRA leads to re-distribution of H3.3 from A to large B compartments without 

corresponding PTM changes 

A. Left: Schematic of A and B compartments. Right: Total H3.3 enrichment (z-score of log2 IP/input) 

at 10kb bins from G1/S-arrested cells at A and B compartment domains called from WT HeLa cells 

(Wutz et al., 2017), sorted by size and centred at their middle 2.5Mb. 

B. Compartment assignment (based on WT HeLa Hi-C, Wutz et al., 2017) and enrichment of H3.3 

(G1/S-arrest), active (H3K4me1, H3K4me3, H3K27ac) and repressive (H3K9me3, H3K27me3) 

PTMs from HIRA WT and KO cells (chr13: 45-80Mb). ChIP-seq (z-score of log2 IP/input ratio of 

cpm) is shown at 10kb bins smoothed over 3 non-zero bins. 

C. Active (H3K4me1, H3K4me3, H3K27ac) and repressive (H3K9me3, H3K27me3) histone PTM 

enrichment from HIRA WT and KO cells quantified in A and B compartments per indicated domain 

sizes. Two-tailed Mann-Whitney U test adjusted for multiple testing by FDR (5% cut-off) was used 

to determine significance of differences between WT and KO. Significance was noted as: * 

(p<=0.05), ** (p<=0.01), *** (p<=0.001). 
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Minor identity switch for A and B compartments in the absence of HIRA but decreased 

interactions in compartment A domains  

To understand if the genome-wide repartitioning of H3.3 in HIRA KO cells affected 3D genome 

organization, we performed Hi-C in HeLa HIRA WT and KO cells, using two independent lines bearing 

exogenous H3.1 or H3.3 fused with a SNAP-tag (established and characterized in Ray-Gallet et al. 

(2018). We first confirmed that Hi-C maps from the H3.1-SNAP and H3.3-SNAP cell lines had high 

similarity of genome-wide matrices (SCC > 0.98), cis/trans ratios and distribution of short- to long-

range interactions (Supplementary Figure 2A-C). Calling A/B compartments at 50kb resolution showed 

very few compartment changes between the two cell lines (0.7% A-to-B and 0.7% B-to-A, 

Supplementary Figure 2D). In contrast, Hi-C maps from HIRA WT and KO cells had lower genome-

wide correlation than the two cell lines (Supplementary Figure 2A). However, we did not detect obvious 

changes in the cis/trans ratio, decay of interactions with genomic distance or checkerboard pattern 

(Supplementary Figure 2B, C, E), indicating that the loss of HIRA did not affect genome architecture 

in a major way. Indeed, most of the genome (96.9%) remained in the same compartment in HIRA KO 

cells (Figure 2A). Nevertheless, we could detect a proportion of changes (2.1% A-to-B and 1% B-to-A) 

that exceeded the background levels of compartment switching between the two cell lines indicating 

some specific changes only in the cells with the KO of HIRA.  

We then questioned if the strength of interactions within compartments could be affected, even if their 

identity remained largely unaffected. To evaluate this, we computed differential maps at 1Mb resolution 

(Figure 2B). We found reduced contact frequency between A-A and A-B in parallel with increased 

interactions between B-B regions in cis. Genome-wide analysis by saddle plots confirmed this 

observation (Figure 2C, D, Supplementary Figure 2F, G). Furthermore, we found that in B domains the 

increased contact frequency occurred between regions of different compartment strength. Thus, HIRA 

is important for maintaining (i) compartment identity in a small proportion of the genome (3.1 %), and 

(ii) strength in compartment interactions without major change in H3 PTMs. 
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Figure 2 

Figure 2. Compartment A domains show a decrease in interactions, but largely maintain their 

identity in the absence of HIRA 

A. EV1 (1st eigenvector, indicating compartment) of 50kb-binned Hi-C matrices from H3.1-SNAP 

HIRA WT vs KO cells. Bins which change from A-to-B (lower right quadrant) or B-to-A (upper 

left quadrant) in the same direction in both cell lines are coloured (red and blue, respectively) and 

quantified. 

B. Differential Hi-C observed/expected (O/E) map (log2 ratio HIRA KO/WT) at 1Mb resolution of 

chromosome 5:50-170Mb from 0-50Mb away from the diagonal. Tracks below show EV1 (HIRA 

WT in grey, KO in red). 

C. Differential saddle plot (log2 ratio of O/E contacts) of H3.1-SNAP HIRA KO/WT at 50kb resolution 

based on EV1 percentiles. Red squares denote the regions used for B-B (top left), A-A (bottom 

right) and A-B (top right) quantifications (Fig. 1D). 

D. Difference (log2 HIRA KO/WT ratio) of O/E contact frequency between the sets of strongest A/B 

compartment bins (top/bottom quartile EV1 value, respectively) based on H3.1-SNAP differential 

saddle-plot (cf. Fig. 1C).   
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Switching from A-to-B compartment in absence of HIRA affects specifically early replication 

initiation zones associated with low transcriptional activity  

We previously found that disrupting HIRA-mediated deposition leads to loss of precise H3.3 targeting 

to pre-existing enriched sites in G1, resulting in two scenarios. First, in broadly active regions, which 

are typically transcribed, we find a blurring of H3.3 pattern (blurred sites) along with a fuzziness of the 

corresponding early replication IZs at the boundaries of the site. Second, in inactive domains with 

no/low transcriptional activity, a complete disappearance of singular H3.3 peaks (buried sites, Figure 

3A) occurred along with abrogation of replication initiation at the early IZs at their flanks (Gatto et al., 

2022). Given the link between early replication and A compartment, we focused on these regions and 

investigated their compartment identity in HIRA WT cells and how it was affected upon HIRA KO 

(Figure 3B). Blurred sites corresponded predominantly to compartment A in WT cells and remained 

largely in A compartment in HIRA KO cells (83% A-to-A, Figure 3C), as expected given their active 

transcription and early replication in both conditions. As both the control of early replication initiation 

(Long et al., 2020; Van Rechem et al., 2021) and compartment switching (Klein et al., 2021) have been 

associated with histone PTMs, we also profiled the enrichment of the marks we tested (Supplementary 

Figure 3A). However, we did not observe any change in the enrichment pattern of the active (H3K4me1, 

H3K4me3, H3K27ac) or inactive (H3K9me3, H3K27me3) PTMs that would correspond to the fuzzier 

H3.3 enrichment at blurred sites in HIRA KO (Supplementary figure 3B). 

In contrast, only a small proportion of buried sites were in A compartment and stayed there in HIRA 

KO despite losing both H3.3 enrichment and early replication initiation at their boundaries (20% A-to-

A). In fact, buried sites were mainly in compartment B, where they remained (65% B-to-B) in HIRA 

KO. Notably, 14% buried sites switched from A-to-B in HIRA KO (Figure 3C, Supplementary Figure 

4A). This fraction was significantly above what one would expect for a random switch (Supplementary 

Figure 4B). As was the case for blurred sites, we did not observe drastic changes in PTM distribution 

that would echo the loss of H3.3 enrichment at buried sites (Supplementary figure 3A). We then focused 

specifically on the A-to-B buried sites and quantified the changes in PTM enrichment from HIRA WT 

to KO cells (Supplementary figure 3B). This analysis demonstrated there was a significant decrease in 

H3K4me1, accompanied by an increase in both H3K9me3 and H327me3 at A-to-B buried sites upon 

HIRA KO, whereas A-to-A buried sites gained H3K27ac. However, the extent of these changes was 

much smaller than the ones for H3.3. From this, we can conclude that the role of HIRA for defining 

early replication initiation zones is not mediated by the PTMs on H3.3. 

Given the association of compartment A with gene expression, we also investigated the relationship 

between compartment switching and transcription at blurred and buried sites (Figure 3D). Most blurred 

sites were actively transcribed, and the proportion which switched from A-to-B was not higher than 

expected by chance. Nevertheless, A-to-B blurred sites had lower RNA-seq signal than the ones that 

remained in A (A-to-A, Supplementary Figure 4C). Conversely, most buried sites had low or 
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undetectable levels of transcription, especially A-to-B compared to A-to-A sites (Supplementary Figure 

4C). Importantly, there was no significant difference in expression for either type of sites 

(Supplementary Figure 4C) between HIRA WT and KO. Therefore, our data reveal that HIRA is 

essential to maintain A compartment identity for non-transcribed buried sites. Conversely, transcription 

in the absence of H3.3 deposition at A-to-A buried sites cannot solely ensure the maintenance of their 

compartment identity in HIRA KO cells. 

Figure 3 
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Figure 3. A-to-B compartment switching occurs specifically at early replication initiation zones 

associated with low transcriptional activity in absence of HIRA  

A. Left: Classification of early replication initiation zones defined by H3/3/H3.1 boundaries as defined 

in Gatto et al., 2022. Right: Schematic representation of the change in compartment interactions in 

HIRA KO, reflecting the reduced A-A and A-B cis interactions. 

B. Compartment assignment (HIRA WT, top and KO, bottom), H3.3 site positions (blurred in dark 

green and black, buried in light green and red), EV1 (WT in grey, KO in red), H3.3/H3.1 ratio, H3.3 

enrichment, early-replicating DNA (EdU 2h) and transcription (RNA-seq) at representative regions. 

Shown are a set of blurred sites in A compartment that remain A in HIRA KO (A-to-A, left), and 

buried sites that switch from A-to-B (middle) or that were in B and remain there (B-to-B, right). 

H3.3/H3.1 ratio, H3.3 ChIP-seq and EdU-seq (z-score of log2 IP/input ratio of cpm) and RNA-seq 

(log2(cpm + 1)) are shown at 10kb bins smoothed over 3 non-zero bins. 

C. Distribution of blurred and buried sites by A/B compartment shifts from HIRA WT to KO. A set of 

randomised sites was quantified as control.  

D. Mean EV1 value at blurred (left) and buried (right) sites from HIRA WT vs KO cells. Colour 

represents transcriptional activity (log2(cpm + 1) RNA-seq) from HIRA WT G1/S-arrested cells. 

Proportion of sites which change from A-to-B (lower right quadrant) or B-to-A (upper left quadrant) 

compartment in the same direction in both cell lines are quantified. 
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Local re-partitioning of H3.3 at early IZ does not associate with changes in local folding 

We next wished to visualize the local organisation of early initiation zones considering our classification 

in blurred and buried sites to determine if this level of organization was affected by the absence of 

HIRA. To achieve this, we used METALoci (Mota-Gómez et al., 2022), which generated 2D spatial 

layouts from 10kb-binned data of 2Mb-long segments of chromatin centred on the blurred and buried 

sites, coloured by their H3.3 enrichment (Figure 4A, left). We could, for each bin, compare its H3.3 

enrichment with that of its neighbours in space (Figure 4A, right), and calculate the correlation between 

the two for the whole region. This analysis showed that in HIRA WT cells, H3.3 partitioned in space in 

the 2Mb segments flanking blurred and buried sites. In HIRA KO, H3.3 better segregated in space 

(Figure 4B), in agreement with the blurring or complete loss of individual H3.3 peaks at blurred and 

buried sites, respectively. 

To compare the similarity of H3.3 enrichment at the sites and their surroundings in space from HIRA 

WT and KO cells, we calculated the distance between the mid-point of each site between HIRA WT 

and KO conditions from the scatterplots in Figure 4. Thus, buried sites underwent a larger change in 

their spatial H3.3 organisation compared to blurred sites, which behaved as random control (Figure 4C). 

Notably, this took place without significant changes to local structure of the 2Mb segments 

(Supplementary Figure 5A). As an alternative approach, we also computed pile-ups of distance-

normalised matrices centred on the starts of the blurred and buried sites, which confirmed they did not 

change their local interaction pattern with flanking sequences (Supplementary Figure 5B). Indeed, 

calculating insulation score at 10kb resolution showed similar correlation between the two cell lines 

and between HIRA WT and KO cells (Supplementary Figure 5C). These results indicate that the local 

spatial re-partitioning of H3.3 upon the loss of HIRA does not impact genome organisation on the kb 

scale at the blurred and buried sites or genome-wide. 
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Figure 4 

Figure 4. Re-partitioning of H3.3 at blurred and buried sites it not associated with changes in 

local folding 

A. Left: Gaudi plot representing H3.3 enrichment mapped onto a Kamada-Kawaii spatial layout of a 

2Mb example region. The centre is the mid-point (green dot) of an A-to-B buried site based on 

10kb-binned Hi-C data from HIRA WT cells. ChIP-seq signal is computed as z-score of log2 

IP/input ratio of cpm at 10kb bins. 

Right: Local Moran Index (LMI) scatterplot of H3.3 enrichment (x axis) vs spatial lag (y axis), 

representing the H3.3 enrichment of the neighbouring bins in space for each 10kb bin in the 2Mb 

representative region. Mid-point of the buried site is contoured in green. 

B. Same as in A. using HIRA KO data (H3.3 enrichment and Hi-C). 

C. Distribution of distances between the midpoints of each blurred or buried site (top) or random 

control (bottom) from scatterplots of HIRA WT and KO, representing the amount of repositioning 

of the site locally within the spatial layout. 
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HIRA rescue re-establishes typical H3.3 pattern at early initiation zones and restores timing of 

EdU incorporation in early S 

To disentangle the causal relationship between H3.3 deposition, early replication initiation and genome 

organization, we then performed rescue experiments. We aimed to test if re-establishing precise H3.3 

deposition can restore both timely firing at early replication sites and 3D genome organization. We 

performed rescue by transient transfection of HIRA (HIRA-YFP) or control (YFP) plasmid for 48h, in 

H3.1-SNAP and H3.3-SNAP HIRA KO cells followed by G1/S-synchronization (Figure 5A). We first 

evaluated the restoration of H3.3 and H3.1 enrichment at blurred and buried sites by SNAP-Capture 

ChIP-seq. Rescue with HIRA, but not control plasmid, restored both the pattern and levels of H3.3 at 

blurred sites (Figure 5B, C, top, Supplementary Figure 6A). It also re-established the pattern of H3.1 

enrichment at their flanks, although without the same extent of depletion within the sites 

(Supplementary Figure 6A-C). Notably, HIRA add-back was also sufficient to target H3.3 incorporation 

in buried sites, despite their complete loss of H3.3 upon HIRA KO and low or absent transcriptional 

activity (Figure 5B, C, bottom). Additionally, although H3.3 enrichment at buried sites was not restored 

to WT levels, it was accompanied by a significant decrease in H3.1 (Supplementary Figure 6A-C). This 

resulted in remarkable recovery of the H3.3/H3.1 ratio (Supplementary Figure 7A-C), reflecting both 

reduced blurring and re-emergence of H3.3 peaks at blurred and buried sites, respectively. Thus, adding 

back HIRA even if H3.1 is not restored perfectly, enables the re-establishment of H3.3 and at blurred 

and buried sites. 

Next, we examined whether the recovery of the H3 variant pattern was sufficient to drive restoration of 

firing in early replication zones in S phase. To test this, we released G1/S-arrested HIRA rescue cells 

for 2h in S phase and performed 30min EdU incorporation pulse to label early-replicating sequences 

(Figure 5A) as in Gatto et al. (2022). We then assayed EdU incorporation in early S phase by two 

approaches: imaging and EdU IP followed by sequencing (EdU-seq). Counting the proportion of EdU 

positive cells showed an increase in the fraction that could enter S phase 2h after release in cells 

transfected with HIRA, indicating a reversal of the phenotype we observed upon its loss (data not 

shown). To investigate if this was due to increase in early firing specifically at the blurred and buried 

sites, we used EdU-seq (Supplementary Figure 7A, bottom tracks). This demonstrated that at blurred 

sites, the EdU incorporation became restricted to H3.3 sites, although the signal was enriched 

throughout the sites without peaking at the boundaries as in WT cells. Additionally, at buried sites we 

detected a significant increase in EdU incorporation (Figure 5D, E, Supplementary Figure 7D). Our 

data support the view according to which the restoration of early replication firing follows the extent of 

H3.3/H3.1 balance re-establishment. 
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Figure 5 
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Figure 5. HIRA rescue can re-establish H3.3 pattern and early replication initiation at both 

blurred and buried sites 

A. Scheme of experimental strategy to perform HIRA rescue combined with G1/S synchronization to 

assay total H3.1/H3.3-SNAP by ChIP-seq and new DNA synthesis in early S phase (2h release). 

Asynchronous cells constitutively expressing H3.1- or H3.3-SNAP were transfected with YFP 

(control) or HIRA-YFP plasmid. Cells were then arrested at the G1/S boundary by double thymidine 

block (starting 6h post-transfection). Total H3.1- and H3.3-SNAP were assayed by SNAP-Capture 

ChIP-seq of native MNase-digested chromatin, with matching inputs collected. For EdU-seq, cells 

were released in S phase for 1.5h, followed by 30min EdU pulse and collection at 2h in S phase, 

followed by EdU IP.  

B. H3.3 (G1/S-arrest) and D. EdU at 2h in S enrichment profiles from HIRA WT (as reference), and 

HIRA KO rescue with YFP (control) and HIRA plasmid at blurred sites (top) and buried sites 

(bottom), centred at their middle 0.5Mb and sorted by size.  

C. H3.3 (G1/S-arrest) and E. EdU at 2h in S mean signal at blurred (top) and buried (bottom) sites 

between 60-160kb in length, centred in their middle 0.5Mb, is summarized in the bottom panel.  

Enrichment relative to input was calculated at 10kb bins as z-score of log2 IP/input. 
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HIRA rescue recovers H3.3 distribution within compartments and their interaction patterns, but 

does not lead to reversal of compartment switches 

Next, to assess if changes in genome organization also reverted upon HIRA rescue, we performed Hi-

C in asynchronous H3.1-SNAP and H3.3-SNAP HIRA KO cells transfected with HIRA (HIRA-YFP) 

or control (YFP) plasmid for 48h (Supplementary Figure 8A). First, we validated the re-establishment 

of H3 variant patterns by SNAP-capture ChIP-seq (Supplementary Figure 8B). This demonstrated H3.3 

targeting was effectively re-established to blurred and buried sites, although restoration of the H3.1 

pattern was not yet detectable, likely due to the mix of cells in different stages of the cell cycle. We then 

performed global assessment of 3D genome folding upon HIRA rescue. As before, we observed good 

concordance between the H3.1-SNAP and H3.3-SNAP cells per condition (Supplementary Figure 9A-

D). Notably, HIRA KO + YFP and HIRA rescue Hi-C maps had higher genome-wide similarity than 

what was observed between the two cells lines, and found a lower proportion of compartment-switching 

bins (Supplementary Figure 9A, D), indicating that HIRA rescue may not be sufficient to restore 3D 

genome changes in this timeframe.  

Upon HIRA add-back, we detected a significant increase in H3.3 enrichment throughout compartment 

A regions, at the expense of a decrease in large (>2Mb) B domains (Figure 6A, B), making the HIRA 

rescue more similar to the situation in HIRA WT cells. We also observed an increase in contacts between 

A-A and A-B compartments along with a decrease between B-B in cis (Figure 6C, D, Supplementary 

Figure 9E), opposing the effect of HIRA KO. Thus, the simple add back of HIRA could also restore 

global changes in compartments induced by HIRA loss. Finally, we focused our analysis on the early 

replication IZ at the blurred and buried sites. As expected, blurred sites maintained their prevalence in 

compartment A (89% A-to-A), whereas buried sites predominantly remained in compartment B (Figure 

7A, B, Supplementary Figure 9F). Indeed, only 2% buried sites switched from B-to-A, despite 

increasing H3.3 enrichment and EdU incorporation in early S phase in both B-to-A and B-to-B sites to 

comparable levels (Figure 7C). Thus, these analyses showed that the role of precise H3.3 deposition by 

HIRA at early replication initiation zones is separable from its effect on 3D genome organization. 
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Figure 6 

 

Figure 6. HIRA rescue recovers H3.3 distribution within compartments and their interaction 

patterns 

A. Total H3.3 from G1/S-arrested cells at A and B compartment domains called from HIRA KO + YFP 

and KO + HIRA rescue cells, sorted by size and centred at their middle 2.5Mb. 

B. H3.3 from G1/S-arrest of HIRA KO + YFP (control) or HIRA quantified in A/B compartments per 

indicated domain sizes. 

C. Differential O/E Hi-C map (log2 ratio HIRA + HIRA/ + YFP (control)) at 1Mb resolution of 

chromosome 5:50-170Mb from 0-40Mb away from the diagonal. Tracks below show EV1 (HIRA 

KO + YFP (control) in pink, HIRA KO + HIRA in light green). 

D. Difference (log2 HIRA KO + HIRA/YFP ratio) of O/E contact frequency between the sets of 

strongest A/B compartment bins (top/bottom quartile EV1 value, respectively) based on cis 

saddleplots from H3.1-SNAP cells (cf. Suppl. Fig. 9E).  

Enrichment relative to input was calculated at 10kb bins as z-score of log2 IP/input. Two-tailed Mann-

Whitney U test corrected for multiple testing by FDR (5% cut-off) was used to determine significance 

of differences between KO + YFP and KO + HIRA. Significance was noted as: * (p<=0.05), ** 

(p<=0.01), *** (p<=0.001) for all comparisons.  
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Figure 7 
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Figure 7. HIRA rescue does not reverse compartment switches of buried sites despite increased 

H3.3 enrichment and early firing 

A. Compartment assignment, H3.3 site positions (blurred in dark green and black, buried in light green 

and red), H3.3/H3.1 ratio, H3.3 and early-replicating DNA (EdU 2h) enrichment at representative 

regions from HIRA WT, KO and KO + HIRA rescue. Shown are a set of blurred sites in A 

compartment that remain A in HIRA KO (A-to-A, left), and buried sites that switch from A-to-B 

(middle) or that were in B and remain there (B-to-B, right, cf Fig. 3A).  

B. Distribution of blurred, buried and random sites by A/B compartment shifts from HIRA KO + YFP 

to HIRA KO + HIRA rescue cells. 

C. H3.3 (G1/S arrest) and EdU 2h in S enrichment from HIRA KO + YFP and KO + HIRA cells at 

buried sites switching from B-to-A or B-to-B from KO + YFP-to-HIRA rescue. Number of sites per 

compartment switch category is noted below. Differences between KO + YFP and KO + HIRA are 

significant (***) for both H3.3 and EdU 2h.  

Enrichment relative to input was calculated at 10kb bins as z-score of log2 IP/input. H3.3/H3.1 ratio, 

H3.3 ChIP-seq and EdU-seq (z-score of log2 IP/input ratio of cpm) are shown at 10kb bins smoothed 

over 3 non-zero bins. Two-tailed Mann-Whitney U test corrected for multiple testing by FDR (5% cut-

off) was used to determine significance of differences between KO + YFP and KO + HIRA or between 

different compartment-switching behaviours in HIRA KO + HIRA. Significance noted: * (p<=0.05), 

** (p<=0.01), *** (p<=0.001) for all comparisons.  
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Discussion 

In this study, we examined the organization of histone H3 variants across genomic scales and 

investigated the role of the H3.3-specific chaperone HIRA on chromatin folding and early replication 

initiation. First, we observed that H3.3 is enriched in A and depleted in B compartments, whereas H3.1 

showed a weak depletion in A and strong enrichment only in large B compartments. In HIRA KO cells, 

H3.3 redistributed from A to large B regions without a corresponding change in H3.1 or H3 PTMs. With 

respect to genome organization, we find that the targeted H3.3 deposition by HIRA impacts (i) the Mb 

scale, where it is important for A compartment interactions in a PTM-independent manner (Figure 8A). 

On (ii) the sub-Mb scale, HIRA-mediated H3.3 incorporation contributes to maintaining A compartment 

identity of early IZs in the absence of transcription without impacting their local folding. Importantly, 

our rescue experiments revealed that the role of HIRA in ensuring proper early replication initiation is 

separate from its effect on 3D genome organization and does not depend on A-to-B compartment 

switching (Figure 8B). Below, we discuss the implications of our findings with respect to the role of 

HIRA in genome compartmentalization and regulation of replication initiation in cellular models and 

in the context of development. 

HIRA-mediated H3.3 incorporation is important for chromatin organization on the Mb scale 

independently of PTMs 

Our experiments demonstrated that in the absence of HIRA, H3.3 redistributed from A to large B 

compartment domains without a corresponding mis-localisation of H3 PTMs including active 

(H3K4me1, H3K4me3, H3K27ac) and inactive (H3K9me3, H327me3) marks in the context of higher-

order genome organization (Figure 1). This was surprising given that H3.3 with its unique H3.3S31 

residue and phosphorylation can impact the activity of several histone modifying enzymes, including 

p300 (depositing H3K27ac, Martire et al., 2019; Morozov et al., 2023), SETD2 (depositing H3K36me3, 

Armache et al., 2020) and KDM4B (removing H3K9/K36me3, Udugama et al., 2022), resulting in 

redistribution of the modifications they impose. However, both Martire et al. (2019) and Armache et al. 

(2020) examined modifications at promoters and enhancers after induction of new gene expression 

programmes, while we investigated PTMs at a larger scale at a steady state in the HeLa cell model. 

Also, we did not examine repetitive regions where there are possible changes. Indeed H3.3S31phos 

affects the absolute levels of H3K9me3 and KDM4B only at telomeres, which accumulate H3.3 due to 

the action of another chaperone complex, ATRX/DAXX (Udugama et al., 2022). Nevertheless, we can 

safely conclude that at the scale of compartments, in unchallenged human cells, the pre-existing 

chromatin environment and not the choice of H3 variant dictate H3 PTM distribution. This is consistent 

with previous reports showing that modifications on both H3.1 and H3.3 from oligonucleosomes show 

the same features and rather relate to the chromatin environment (Loyola et al., 2006).  
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Figure 8 

 

Figure 8. HIRA-mediated H3.3 deposition impacts 3D genome organisation and early replication 

A. On the Mb scale, HIRA mediates H3.3 enrichment in A compartments. In the absence of HIRA, 

H3.3 redistributes from A to large B regions, concomitantly with decrease in A-A and A-B contacts, 

but without changes in PTM patterns. HIRA rescue restores both H3.3 enrichment and compartment 

A interaction patterns. 

B. On the kb scale, HIRA establishes H3.3/H3.1 boundaries which define early replication initiation 

zones. Blurred sites, which are transcribed and continue firing early in HIRA KO also maintain 

their A compartment identity. Buried sites, which lose H3.3 enrichment and early S firing in the 

absence of HIRA, are predominantly in B compartment. In HIRA KO, compartment A buried sites 

further switch to B in the absence of transcription. HIRA add-back recovers the H3.3 enrichment 

and early initiation at buried sites without promoting B-to-A switch, indicating that early initiation 

is not dependent on compartment identity.  
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In HIRA KO cells, compartments largely maintained their identity, but we observed a decrease in 

contacts between A compartments with each other and the rest of the genome (Figure 2). Global 

alterations of A/B compartment interactions of a similar magnitude have been reported upon depletion 

of the histone acetylation reader BRD2 in mESCs (Xie et al., 2022) and the H3K9me3 reader HP1a in 

Drosophila embryos, but not cell lines (Zenk et al., 2021). Compartmentalisation was also affected upon 

DNMT1/DNMT3B KO in HCT-116 cells, where it was accompanied by the redistribution of several 

PTMs (H3K4me1, H3K4me3, H3K9me3, H3K27me3) (Du et al., 2021). Indeed, polymer modelling 

could recapitulate the changes in compartment interactions upon loss of PTM reader binding (Xie et al., 

2022; Zenk et al., 2021). The absence of PTM re-distribution in compartments upon HIRA KO suggests 

that either the identity of H3.3 or the process of its deposition by HIRA throughout interphase at A 

compartments may be what promotes their interactions. HIRA depletion has been shown to result in 

decreased H3.3 on chromatin (Ray-Gallet et al., 2018, 2011), increased DNase I sensitivity (Ray-Gallet 

et al., 2011) and changes in enhancer and promoter accessibility  (Morozov et al., 2023; Tafessu et al., 

2023; Yang et al., 2021). These features may reflect differences in nucleosome occupancy at active 

regions, impacting contacts between A compartments. Transient downregulation of HIRA has also been 

shown to result in ~20% global reduction in transcriptional activity (Torné et al., 2020), although this 

is unlikely to explain the reduced A compartment interactions, as global transcriptional inhibition 

(Barutcu et al., 2019; Hsieh et al., 2020) and acute RNAPII component depletion (Jiang et al., 2020) do 

not disrupt compartmentalization. Thus, our work emphasises that nucleosomes are not static entities 

decorated by a set of PTMs, but dynamic units which can exchange histone dimers throughout the cell 

cycle. Thus, it will be important to consider these dynamics when trying to understand the processes 

underpinning the segregation of the genome in compartments in the future. 

Reestablishment of H3 variant balance, but not compartment identity is required for the recovery 

of initiation zone firing in early S phase 

Restoration of the H3.3 pattern upon HIRA rescue was accompanied by a partial re-establishment of 

H3.1 distribution and recovery of the firing at early replication IZs (Figure 5). Strikingly, this restoration 

took place regardless of the transcriptional status of the IZ although expressed regions showed better 

recovery. We hypothesize that HIRA may be recruited there more efficiently due to its interaction with 

RNAPII, while its association with non-transcribed IZs may occur via its ‘gap-filling’ mechanism (Ray-

Gallet et al., 2011), if in its absence they have a reduced nucleosome density, as observed in other 

settings  (Ray-Gallet et al., 2011; Yang et al., 2021). In our experimental set-up, HIRA expression varied 

between cells and lasted only for 48 hours, allowing the completion of one S phase at most. As H3.1 

incorporation is coupled to DNA synthesis (Tagami et al., 2004), this would allow only one round of 

new deposition, which may be insufficient for the full re-establishment of the H3.1 enrichment pattern. 

Subsequently, the balance between H3.3 and H3.1 would not be fully restored, leading to an incomplete 

rescue of the early firing in S phase.  
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RT and compartmentalization are highly correlated across cell types, although changes in the two can 

be discordant during early mouse (Miura et al., 2019) and human (Dileep et al., 2019) ESC 

differentiation. Furthermore, in human cells depletion of the RT control factor RIF1 leads to loss of 

temporal organization of the replication programme, accompanied by reduced active marks at A 

compartments, weaker A-A interactions and A-to-B switching (Klein et al., 2021). Passage through S 

phase was required for the reorganization of both PTMs and compartments and independently of gene 

expression changes (Klein et al., 2021), leading the authors to conclude that proper RT is required for 

the maintenance of chromatin state and 3D organization. In our system, we have demonstrated that 

impairing early IZ firing by HIRA KO results in compartment switching only in the absence of 

transcription (Figure 3). Furthermore, non-transcribing IZs can regain both H3.3 enrichment and firing 

in early S phase without switching back from B-to-A compartment (Figure 7), despite the global 

recovery of A compartment interactions (Figure 6) in the timeframe we examined. This demonstrates 

that early IZ firing is independent of both their transcriptional activity and compartment identity. It also 

implies that the role in HIRA in defining early IZs is separate from its impact on compartment 

interactions and independent of histone PTMs, unlike RIF1. It would be interesting to examine the 

H3.3/H3.1 balance upon RIF1 loss and investigate whether RIF1 may function with HIRA, especially 

since it has been shown to interact with the general H3-H4 chaperone ASF1 in the context of DNA 

repair (Feng et al., 2022; Tang et al., 2022). Furthermore, RIF1 showed a preference for the ASF1a 

paralogue (Feng et al., 2022), which interacts with HIRA (Daganzo et al., 2003; Tagami et al., 2004; 

Zhang et al., 2005) and preferentially associates with H3.3 (Wang et al., 2021). 

On the sub-Mb scale, the absence of HIRA did not disrupt the local organization of early IZs (Figure 4, 

Supplementary Figure 4), despite the complete loss of firing in the absence of transcription. This is in 

line with the maintenance of TAD border positions observed upon RIF1 loss, although Klein et al. 

(2021) reported an increase in border strength in this condition. Early-firing origins have been shown 

to be enriched at TAD borders (Akerman et al., 2020; Giles et al., 2022; Petryk et al., 2016) and often 

contacting each other in 3D space (Jodkowska et al., 2022). Thus, our experiments demonstrate that 

maintaining spatial organization on this scale does not suffice to ensure the timely firing of early IZs. 

Insights into the importance of HIRA in development: beyond transcriptional control?  

HIRA (Roberts et al., 2002) is essential for normal mammalian development, and while its importance 

has largely been attributed to its role in transcription, our results indicate it is also important for 

compartment organization and early replication. In the context of differentiation, H3.3 incorporation 

(Wen et al., 2014b, 2014a) and CAF-1 down-regulation (resulting in decreased H3.1/2 deposition) 

(Cheloufi et al., 2015; Ishiuchi et al., 2015; Nakatani et al., 2022) have been shown to promote cell 

reprogramming, which is often accompanied by RT and compartment changes (Dileep et al., 2019; 

Miura et al., 2019). Focusing on fertilization and early embryogenesis, Ishiuchi et al. (2020) have 

demonstrated that mouse MII oocytes display a ‘non-canonical’ pattern of H3.3, found more evenly 
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distributed along the genome with a slight enrichment in inactive regions, accompanied by absence of 

compartments in these cells (Du et al., 2017; Flyamer et al., 2017; Gassler et al., 2017). The 

establishment of the ‘canonical’ H3.3 pattern at the 2-cell stage required DNA replication and the 

concomitant H3.1/2 deposition by CAF-1. Once re-established, the H3.3 pattern is maintained (Ishiuchi 

et al., 2020), while compartments gradually emerge as the embryo continues dividing independently of 

transcription (Du et al., 2017; Flyamer et al., 2017; Gassler et al., 2017). Nakatani et al. (2022) 

investigated the opposite process, the emergence of 2-cell-like cells (2CLCs) from ESCs, showing it 

was promoted by reduced replication fork speed, particularly in early S phase. Slower replication was 

associated with increased number of firing origins, accompanied by advanced RT and H3.3 enrichment 

of 2CLC-specific genes (Nakatani et al., 2022). Reduced fork speed would allow more time for 

chromatin maturation and H3.1-H3.3 exchange at early-replicating regions and may contribute to 

maintaining their early replication in the subsequent S phases. In vivo, replication fork speed 

progressively increases from 2-cell until blastocyst stage (Nakatani et al., 2022), as 3D organization is 

also getting established cells (Du et al., 2017; Flyamer et al., 2017; Gassler et al., 2017), and it is possible 

that setting up a proper H3.3/H3.1 balance may contribute to both. However, it is important to note 

2CLCs are not equivalent to 2-cell stage cells, as have much stronger compartments (Kruse et al., 2019), 

and their H3.3 enrichment has not been profiled. 

To separate the roles of HIRA and H3.3 on replication and genome compartments, non-dividing cells 

may also be considered. Focusing on later developmental stages, Maze et al. (2015) have shown H3.3 

accumulates in adult post-mitotic mouse neurons, and its HIRA-mediated turnover is important to 

maintain basal gene expression and normal cell function. On the other hand, Bonev et al. (2017) showed 

that in cortical neurons (differentiated in vitro) compared to ESCs, B-B compartments interact more 

strongly at the expense of A-A, and this was accompanied by a reduced correlation of eigenvector values 

and active PTMs. Thus, it would be interesting to examine if the change in compartment interactions in 

this system is related to a potential re-distribution or accumulation of H3.3 on chromatin. 

In conclusion, our work reveals histone variant composition impacts both replication initiation and 

higher-order organization of chromatin. We show H3.3 targeting is important for compartment 

organization independently of PTMs, highlighting the role of histone dynamics in genome architecture. 

Finally, we demonstrate that the role of H3.3 deposition by HIRA at compartments is independent of its 

function in early IZ definition, we can use this system to disentangle the mechanisms of replication 

initiation control from 3D chromatin organization.  
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Supplementary figures 

Supplementary Figure 1 
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Supplementary Figure 1. Absence of HIRA leads to re-distribution of H3.3 from A to large B 

compartments without corresponding PTM changes 

A. Total H3.3 from G1/S-arrested HIRA WT and KO cells (z-score log2 IP/input) quantified in A/B 

compartments per indicated domain sizes. Two-tailed Mann-Whitney U test adjusted for multiple 

testing by FDR (5% cut-off) was used to determine significance of differences between WT and 

KO. 

B. Left: Total H3.1 enrichment (z-score of log2 IP/input) at 10kb bins from G1/S-arrested cells at A 

and B compartment domains called from HIRA WT and KO cells, sorted by size and centred at 

their middle 2.5Mb. Right: Quantification of the signal in the heatmaps in A/B compartments per 

indicated domain sizes. Two-tailed Mann-Whitney U test adjusted for multiple testing by FDR (5% 

cut-off) was used to determine significance of differences between WT and KO. 

C. Enrichment of active (H3K4me1, enhancer, H3K4me3, promoter and H3K27ac, enhancer) and 

inactive (H3K9me3, constitutive and H3K27me3, facultative heterochromatin) histone PTMs (z-

score of log2 IP/input) at 10kb bins from HIRA WT and KO cells at A and B compartment domains, 

sorted by size and centred at their middle 2.5Mb. 
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Supplementary Figure 2 
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Supplementary Figure 2. Compartment A domains show a decrease in interactions, but largely 

maintain their identity in the absence of HIRA 

A. Matrix similarity between H3.1- and H3.3-SNAP cell lines per HIRA status and between HIRA WT 

and KO per cell line measured by SCC (stratum-adjusted correlation coefficient) at 1Mb resolution. 

B. Proportion of short-range (<=20kb), long-range (>20kb) cis and trans contacts from Hi-C maps of 

HIRA WT or KO H3.1- and H3.3-SNAP HeLa cells. 

C. Decay of contact frequency with genomic distance (P(s) curves) from HIRA WT (grey) and KO 

(red) maps, binned at 10kb after masking of blacklisted regions and ICE normalization. 

D. EV1 (1st eigenvector, indicating compartment) of 50kb-binned Hi-C matrices from H3.1- vs H3.3-

SNAP HIRA WT cells. Bins which change from A-to-B (lower right quadrant) or B-to-A (upper 

left quadrant) in the same direction in both conditions are coloured (red and blue, respectively) and 

quantified. 

E. Left: Normalised count (log10 contact frequency, ICE-normalised after masking of blacklisted 

regions) and right: Perason correlation maps at 1Mb resolution of chromosome 1p from HIRA WT 

(top right) and KO (bottom left) H3.1-SNAP HeLa cells. 

F. Left: Saddle plots of observed/expected (O/E) interaction frequency at 50kb resolution based on 

EV1 percentiles from H3.1 and H3.3-SNAP HIRA WT and KO cells. Right: Differential saddle plot 

(log2 ratio of O/E contacts) of H3.3-SNAP HIRA KO/WT at 50kb resolution based on EV1 

percentiles. Red squares denote the regions used for B-B (top left), A-A (bottom right) and A-B (top 

right) quantification in violinplot on the right. 

G. Trans saddle plots of observed/expected (O/E) interaction frequency at 50kb resolution based on 

EV1 percentiles from H3.1-SNAP (left) and H3.3-SNAP (right) HIRA WT and KO and differential 

saddle plot (log2 ratio of O/E contacts) of HIRA KO/WT  
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Supplementary Figure 3 
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Supplementary Figure 3. Loss of targeted H3.3 incorporation by HIRA and impaired firing at 

early replication zones is not associated with PTM redistribution 

A. Compartment assignment, EV1 (WT in grey, KO in red), active (H3K4me1, H3K4me3, H3K27ac) 

and repressive (H3K9me3, H3K27me3) histone PTM enrichment from HIRA WT and KO at 

representative blurred (left) and buried (right) sites (as in Fig. 3A). 

B. H3.3, active (H3K4me1, H3K4me3, H3K27ac) and repressive (H3K9me3, H3K27me3) histone 

PTM enrichment profiles from HIRA WT and KO G1/S-arrested cells at blurred (top) and buried 

(bottom) sites, centred at their middle 0.5Mb and sorted by size. 

C. H3.3, active (H3K4me1, H3K4me3, H3K27ac) and repressive (H3K9me3, H3K27me3) histone 

PTMs enrichment from HIRA WT and KO cells at A-to-A and A-to-B buried sites. Number of sites 

per compartment switch category is noted below. Differences in WT enrichment between A-to-A 

and A-to-B blurred sites are significant (***) for H3.3 and K27me3. 

Enrichment relative to input was calculated at 10kb bins as z-score of log2 IP/input. Two-tailed Mann-

Whitney U test corrected for multiple testing by FDR (5% cut-off) was used to determine significance 

of differences between WT and KO or between different compartment-switching behaviours in HIRA 

WT. Significance was noted as: * (p<=0.05), ** (p<=0.01), *** (p<=0.001) for all comparisons. 
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Supplementary Figure 4 

 

Supplementary Figure 4. A-to-B compartment switching occurs specifically at early replication 

initiation zones associated with low transcriptional activity in absence of HIRA 

A. Hi-C maps, compartment assignment, EV1 (HIRA WT in grey, KO in red), H3.3/H3.1 ratio, H3.3 

enrichment, early-replicating DNA (EdU 2h) and transcription (RNA-seq) at a representative region 

(chr2: 212-222Mb). H3.3/H3.1 ratio, H3.3 ChIP-seq and EdU-seq (z-score of log2 IP/input ratio of 

cpm) and RNA-seq (log2(cpm + 1)) are shown at 10kb bins smoothed over 3 non-zero bins. Blurred 

and buried site locations are noted as dark and light green lines, respectively, above the H3.3/H3.1 

ratio and H3.3 ChIP-seq tracks. Grey vertical lines denote a cluster of buried sites which are not 

transcribed and switch from A to B compartment concomitantly with losing EdU incorporation at 

2h in S phase and H3.3 enrichment in HIRA KO (cf Fig. 6E). 
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B. Distribution of a size- and WT compartment assignment-matched set of blurred or buried sites 

according to their compartment shifts from HIRA WT to KO. 

C. RNA-seq (log2(cpm + 1)) from G1/S-arrested cells at blurred and buried sites stratified by 

compartment change from HIRA WT to KO. Number of sites per compartment switch category is 

noted below. Two-tailed Mann-Whitney U test corrected for multiple testing by FDR (5% cut-off) 

was used to determine significance of differences between WT and KO or between different 

compartment-switching behaviours in HIRA WT. Significance was noted as: * (p<=0.05), ** 

(p<=0.01), *** (p<=0.001) for all comparisons. Difference between WT and KO was not significant 

for any of the categories. 
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Supplementary figure 5 

Supplementary figure 5. Re-partitioning of H3.3 at blurred and buried sites it not associated with 

changes in local folding 

A. Difference in root mean square deviation (dRMSD) between all points of HIRA WT vs KO 2Mb 

spatial layout per blurred and buried site (left) or randomized sites (right). 

B. On-diagonal pile-ups of blurred (left) and buried (right) sites from HIRA WT (top) and KO (bottom) 

cells, centred at the start of each site and taking 1Mb up- and downstream flanking sequence. 

C. Insulation score from 10kb-binned Hi-C matrices from H3.1- vs H3.3-SNAP HIRA WT cells (left) 

or HIRA WT vs KO H3.1-SNAP cells (right). Pearson correlation is noted.  
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Supplementary Figure 6 

Supplementary Figure 6. HIRA rescue can re-establish H3 variant at blurred and buried sites 

A. H3.3 (left) and H3.1 (right) from G1/S-arrested HIRA KO cells transfected with YFP (control) or 

HIRA plasmid quantified at blurred and buried sites. Two-tailed Mann-Whitney U test adjusted for 

multiple testing by FDR (5% cut-off) was used to determine significance of differences between 

HIRA KO + YFP (control) and HIRA KO + HIRA rescue. Significance was noted as: * (p<=0.05), 

** (p<=0.01), *** (p<=0.001). 

B. H3.1 (G1/S-arrest) from HIRA WT (as reference), and HIRA KO rescue with YFP (control) and 

HIRA plasmid at blurred sites (top) and buried sites (bottom), centred at their middle 0.5Mb and 

sorted by size.  

C. H3.1 mean signal at blurred (top) and buried (bottom) sites between 60-160kb in length, centred in 

their middle 0.5Mb, is summarized in the bottom panel.  

Enrichment relative to input was calculated at 10kb bins as z-score of log2 IP/input.  



139 

 

Supplementary Figure 7 
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Supplementary Figure 7. HIRA rescue partially restores H3.3/H3.1 ratio at blurred and buried 

sites 

A. H3.3/H3.1 ratio (top) and EdU 2h in S phase enrichment at a representative region (chr15:77-

102Mb) from HIRA WT (as reference), and HIRA KO rescue with YFP (control) and HIRA 

plasmid. 

B. H3.3/H3.1 ratio (G1/S-arrest) from HIRA WT (as reference), and HIRA KO rescue with YFP 

(control) and HIRA plasmid at blurred sites (top) and buried sites (bottom), centred at their middle 

0.5Mb and sorted by size.  

C. Mean H3.3/H3.1 ratio (G1/S-arrest) at blurred (top) and buried (bottom) sites between 60-160kb in 

length, centred in their middle 0.5Mb, is summarized in the bottom panel. 

D. EdU from 2h release in S phase enrichment (z-score log2 IP/input) from HIRA KO cells transfected 

with YFP (control) or HIRA plasmid quantified at blurred and buried sites. Two-tailed Mann-

Whitney U test adjusted for multiple testing by FDR (5% cut-off) was used to determine 

significance of differences between HIRA KO + YFP (control) and HIRA KO + HIRA rescue. 

Significance was noted as: * (p<=0.05), ** (p<=0.01), *** (p<=0.001). 

EdU 2h S enrichment relative to input was calculated at 10kb bins as z-score of log2 IP/input. 
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Supplementary Figure 8 
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Supplementary Figure 8. HIRA rescue in asynchronous cells recovers H3.3 distribution at blurred 

and buried sites 

A. Left: Scheme of experimental strategy to perform HIRA rescue in asynchronous cells to assay total 

H3.1/H3.3-SNAP by ChIP-seq and 3D genome organization by Hi-C. 

Right: Representative images of DAPI (top) and YFP (HIRA-YFP) signal from asynchronous H3.1-

SNAP and H3.3-SNAP cells transfected with HIRA-YFP 48h post-transfection. Transfection 

efficiency (% YFP+ cells) noted below. 

B. H3.3 (left) and H3.1 (right) enrichment profiles from asynchronous HIRA WT (as reference) and 

HIRA KO cells transfected with YFP (control) or HIRA plasmid at blurred (top) and buried (middle) 

sites, sorted by size and centred at their middle. The mean signal at blurred and buried sites between 

60-160kb in length is summarized in the bottom panel. Enrichment was calculated as z-score of 

log2 IP/input. 
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Supplementary Figure 9 
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Supplementary Figure 9. HIRA rescue recovers A compartment interaction pattern, but does not 

reverse compartment switches 

A. Matrix similarity between H3.1- and H3.3-SNAP HIRA KO cell lines per rescue (+YFP (control) / 

+HIRA) status and between HIRA KO + YFP (control) and + HIRA rescue per cell line measured 

by SCC (stratum-adjusted correlation coefficient) at 1Mb resolution. 

B. Proportion of short-range (<=20kb), long-range (>20kb) cis and trans contacts from Hi-C maps of 

HIRA KO H3.1- and H3.3-SNAP HeLa cells transfected with YFP (control) or HIRA plasmid. 

C. Decay of contact frequency with genomic distance (P(s) curves) from HIRA KO transfected with 

YFP (control, pink) and HIRA (light green) maps, binned at 10kb after masking of blacklisted 

regions and ICE normalization. 

D. EV1 of 50kb-binned Hi-C matrices from H3.1- vs H3.3-SNAP HIRA KO + YFP cells (left) and 

from H3.1-SNAP HIRA KO + YFP vs KO + HIRA cells (right). Bins which change from A-to-B 

(lower right quadrant) or B-to-A (upper left quadrant) in the same direction in both conditions are 

coloured (red and blue, respectively) and quantified. 

E. Saddle plots of observed/expected (O/E) interaction frequency based on EV1 percentiles from 

HIRA KO + YFP (control) and + HIRA and differential saddle plot (log2 ratio) of HIRA KO + HIRA 

/ YFP. Shown are H3.1- and H3.3-SNAP saddleplots in cis. Red squares denote the regions used for 

B-B (top left), A-A (bottom right) and A-B (top right) quantifications in Fig. 6D. 

F. Hi-C maps at a representative region (chr2: 212-222Mb, cf Suppl. Fig. 4A). Grey vertical lines 

denote a cluster of buried sites which have regained H3.3 enrichment and increased EdU 

incorporation at 2h in S phase without switching back from B to A compartment upon rescue with 

HIRA. 
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Materials and Methods 

Cell culture 

We used HeLa cells stably expressing H3.1-SNAP-HA or H3.3-SNAP-HA which were either wild-type 

(WT, CRISPR/Cas9 GFP KO) or knock-out for HIRA (KO, CRISPR/Cas9 HIRA KO), as described in 

Ray-Gallet et al. (2018). Cell lines were tested negative for mycoplasma and grown as described in 

Ray-Gallet et al. (2018). We transfected cells plasmids expressing with YFP (control) or HIRA-YFP as 

in Ray-Gallet et al. (2018). We synchronized HeLa cells using a double thymidine block as described 

in Gatto et al. (2022). For synchronization of transfected cells (rescue experiments), we started the first 

thymidine block 6h after transfection. 

Microscopy 

To monitor replication, we performed 20 minutes EdU pulse in G1/S-synchronised and 2 hours released 

cells and detected EdU in cells with the Click-iT EdU Cell Proliferation kit as described in Gatto et al., 

2022. We monitored transfection efficiency 48 hours after transfection by detecting YFP in cells after 

fixation for 15min with 2% PFA. Cells were co-stained with DAPI to label DNA. We imaged using a 

Zeiss Images Z1 fluorescence microscope with 63x and 40x oil objective lenses, ORCA-Flash4.0 LT 

camera (Hamamatsu) and MetaMorph software. We used ImageJ (Fiji) software for image visualization 

and analysis.  

SNAP capture-seq, EdU-seq, and histone PTM ChIP-seq 

We performed SNAP capture-seq and EdU-seq from native nucleosomes isolation as described in Gatto 

et al., 2022. For ChIP-seq of histone post-translational modifications (histone PTM ChIP-seq, 

antibodies in table below) we used the same procedure to prepare native nucleosomes but we used 5 

million cells per IP and Dynabeads Protein A-conjugated antibodies against histone PTMs for 

immunoprecipitation. All steps were performed at 4°C and in the presence of Protease inhibitors 

(Roche) and 1mM TSA in every buffer to prevent protease and HDAC activity, respectively. For each 

IP reaction, we prepared 50uL of Ab-conjugated beads by blocking for 4 hours in Bead blocking buffer 

(2.5% BSA in PBS-T, 1mg/mL tRNA), washing once in 0.02% PBS-T and incubating for 15 minutes 

with the antibodies (diluted in 0.2mL 0.02% PBS-T) on a rotating wheel. Ab-conjugated beads were 

then washed twice with 0.02% PBS-T and resuspended in 0.2mL 0.02% PBS-T. Native nucleosomes 

(80uL per IP) from up to 3 samples were pooled, diluted in 5x volumes of Incubation buffer (50mM 

Tris-HCl pH 7.5, 100mM NaCl, 0.5% BSA) and pre-cleared by incubating with Dynabeads Protein A 

(15uL per input pool) for 30 min on a rotating wheel. We kept 20uL (1%) pre-cleared chromatin as input 

sample. We incubated the remaining (460uL/IP) with the Ab-conjugated beads (washed once in 

Incubation buffer) overnight on a rotating wheel. Beads were washed and DNA was purified from the 

IPed material as described for SNAP-seq in Gatto et al. (2022)A. Sequencing libraries were prepared at 
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the NGS (Next-Generation Sequencing) platform at Institut Curie with the Illumina TruSeq ChIP kit 

and sequenced on Illumina NovaSeq 6000 (PE100).  

Hi-C 

We performed Hi-C using the Arima Hi-C+ kit following the manufacturer’s instructions. Briefly, 5-10 

million asynchronous HeLa cells per condition were fixed in 4% formaldehyde for 10min before 

quenching the reaction with Stop Solution 1. Fixed cells were washed in PBS and snap-frozen in liquid 

nitrogen at 1million cell aliquots. We performed cell and nuclear lysis, restriction enzyme digestion, 

end repair, biotinylation, ligation and decrosslinking as per manufacturer’s instructions and proximally-

ligated DNA was isolated using AMPure XP beads. Arima QC1 was performed and was successful for 

all samples. We sonicated DNA using Covaris E220 Evolution (100uL sample, 7C, peak incident 

power: 105W, duty factor: 5%, cycles/burst: 200 for 100s), and fragmented DNA was size-selected 

using AMPure XP beads. We verified that the mean size of selected DNA was 400bp using Tapestation. 

After biotin enrichment, we performed library preparation using the KAPA HyperPrep kit, following 

the modified protocol described in the Arima Hi-C+ kit instructions. After ligation of Illumina TruSeq 

sequencing adaptors, we performed Arima QC2 (library quantification) to determine the number of 

amplification cycles for the library PCR using the KAPA Library Quantification Sample kit following 

the manufacturer’s instructions. Amplified libraries were sequenced as described above.  

Total cell extract preparation and Western Blot 

Asynchronous HeLa cells were collected and snap-frozen at 1-3million cells per aliquot. We prepared 

total extracts by lysis of the cell pellet in 100uL RIPA buffer (150mM NaCl, 1% Triton X-100, 0.5% 

sodium deoxycholate, 0.1% SDS, 50mM Tris pH 8.0). We treated extract samples with universal 

nuclease (Pierce) immediately prior to reduction with the NuPAGE sample reducing agent and boiling. 

We performed electrophoresis on 4-12% Bis-Tris gels with MES SDS running buffer (Invitrogen) and 

blotting on nitrocellulose membranes (BIO-RAD). Primary antibodies were detected using horseradish 

peroxidase-conjugated secondary antibodies and Pico Chemiluminescent Substrate on a ChemiDoc 

Imager (Bio-Rad). 

Sequencing data processing 

Both in-house-generated and publicly available data was processed from raw reads in FASTQ format 

as described in Gatto et al., 2022. Briefly, for each sample, we mapped reads to the soft-masked human 

Antibodies used for native ChIP-seq 

Ab Source Cat no. Amount (ug) 

H3K4me1 Abcam ab8895 4 

H3K4me3 Active Motif 39915 4 

H3K9me3 Active Motif 39765 10 

H3K27ac Active Motif 39133 5 

H3K7me3 Active Motif 39155 5 

rabbit IgG Abcam ab46540 5 
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reference genome (GRCh38) downloaded from ensembl using bowtie2 v2.3.4.2 (Langmead and 

Salzberg, 2012) with --very-sensitive parameters. We used SAMtools v1.9 to sort, flag duplicates and 

index bam files (Danecek et al., 2021). We used samtools view (-f 2 -F 3840 parameters to keep reads 

mapped in pairs and exclude QC fails, non-primary alignments and duplicates) to compute coverage 

over the genome as a BED file (chromosome, start, end, MAPQ), and then used BEDtools v2.27.1 

(Quinlan and Hall, 2010) to calculate number of fragments in consecutive 1kb bins. 

Analysis of the data was carried out by custom Python scripts using pandas v1.2.3 (McKinney, 2010), 

NumPy v1.21.5 (Harris et al., 2020) and scipy v1.7.3 (Virtanen et al., 2020). Visualization was 

performed using matplotlib v3.4.3 (Hunter, 2007) and seaborn v0.9.0 (Waskom, 2021). For each 

sample, counts at 1kb resolution were read, aggregated to 10kb bins, normalized to the total number of 

mapped counts to generate cpm (counts per million) and then normalized to matched input sample by 

computing a log2 ratio (IP/input). To enable cross-sample comparison, signal was then scaled and 

centered by computing a z-score per chromosome. The only exception to input-normalization and z-

scoring was RNA-seq data, which was represented as log2(cpm + 1). 

Hi-C data processing 

We used HiC-Pro (Servant et al., 2015) with default parameters (except MIN_MAPQ = 2) to generate 

raw count Hi-C matrices at 1Mb, 100kb, 50kb, 25kb, 10kb and 5kb resolution from raw FASTQ files 

for in-house and publicly available data (Wutz et al., 2017). First, we used MultiQC (Ewels et al., 2016) 

to perform quality control and extract the number of short-range (<=20kb), long-range (>20kb) cis and 

trans interactions for each sample. HiCExplorer (Ramírez et al., 2018; Wolff et al., 2020, 2018) was 

then used to convert matrices to cool format and to generate a single mcool file per sample, containing 

matrices at all resolutions listed above.  

Matrices were visualized interactively with HiGlass (Kerpedjiev et al., 2018) at 1Mb and 100kb 

resolutions to be manually inspected for large inter- and intra-chromosomal aberrations (translocations, 

inversions, duplications, etc.), and the subsequently generated list of regions was merged with the set 

of blacklisted regions of the human genome (ensembl). This custom set of blacklisted regions was used 

to mask matrices prior to normalization by iterative correction (ICE, Imakaev et al., 2012) with a single 

iteration using cooler (Abdennur and Mirny, 2020). Matrix similarity was computed per chromosome 

at 1Mb, 100kb, 50kb and 10kb resolution with HiCRep (Lin et al., 2021; Yang et al., 2017) before and 

after masking, showing no substantial changes. Expected interactions per chromosome arm (coordinates 

downloaded with bioframe (Open2C et al., 2022)) were calculated using cooltools (Open 2C et al., 

2022). P(s) curves, representing decay of interaction frequency with increasing genomic distance, were 

calculated per chromosome arm at 10kb resolution, aggregated and smoothed. Differential maps were 

plotted as log2 ratio of observed/expected (O/E) normalized contacts from HIRA KO/WT or HIRA KO 
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+ HIRA/YFP rescue at 1Mb resolution. Insulation score was computed from 10kb binned matrices with 

a window size of 100kb using cooltools.  

Compartment analysis 

Compartment analysis of Hi-C matrices was performed by eigenvector (EV) decomposition 

(Lieberman-Aiden et al., 2009) at 50kb resolution with cooltools using GC content track to orient the 

sign of the first eigenvector (EV1). A/B compartment domains were defined for each sample as 

contiguous segments of the genome with the same EV1 sign. Compartment switching was determined 

on a per bin basis, where a compartment-switching bin undergoes the same EV1 sign change in H3.1-

SNAP and H3.3-SNAP cell lines, either from HIRA WT to KO (WT-to-KO) or HIRA KO + YFP to 

HIRA KO + HIRA rescue (YFP-to-HIRA). As control, we compared compartment switching between 

H3.1-SNAP and H3.3-SNAP cells in the same way. Proportion of the genome switching compartment 

was calculated as the % compartment-switching 50kb bins out of all non-masked 50kb bins.  

To assess A/B compartment interactions, we performed saddle-plot analysis using cooltools. For this 

purpose, we split 50kb-binned EV1 signal into percentiles, re-ordered and averaged O/E-normalised 

Hi-C maps per chromosome arm from lowest (most strongly B) to highest (most strongly A) EV1 

percentile and plotted O/E interaction frequency. To generate differential saddle-plots, we calculated 

the log2 ratio of HIRA KO/WT or HIRA KO + HIRA/YFP. To obtain the difference in intra- and inter-

compartment interactions, we quantified the top 20 percentile EV1 (A-A), bottom 20 percentile EV1 

(B-B), or top/bottom 20 percentile EV1 (A-B) as indicated by the red squares in Figure 2C. 

H3.3 site analysis 

The list of blurred (n = 3274) and buried (n = 574) site locations was retrieved from Gatto et al., 2022, 

and all sites were used when analyzing the SNAP capture-seq, EdU-seq, and histone PTM ChIP-seq 

experiments. After performing the masking required for the Hi-C analysis, we retained 2382 blurred 

and 439 buried sites that were used in downstream analysis. To assess compartment identity of the sites, 

we re-binned the EV1 signal to 10kb and we calculated the mean EV1 value from each sample. A/B 

compartment identity per condition was assigned only to sites where the compartment call from both 

H3.1- and H3.3-SNAP cells was the same, in order to avoid false positives when assessing compartment 

switching. 

To determine compartment switches of the sites, we compared their compartment assignment between 

HIRA WT and KO (WT-to-KO) or HIRA KO + YFP to HIRA KO + HIRA rescue (YFP-to-HIRA). 

When focusing on the compartment switching buried sites from WT-to-KO and back from KO+YFP-

to-HIRA rescue, we only analysed sites which had the same compartment assignment in KO and KO + 

YFP rescue (94% sites). As a control, we generated sets of random and random compartment-matched 

blurred and buried sites with the same size distribution by randomly sampling the genome. For random 
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compartment-matched sites, compartment was determined as described above to match the A/B 

compartment proportion of HIRA WT.  

Quantifications and statistical analysis 

Statistical analysis was performed in pyhton using statsmodels 0.13.2 (Seabold and Perktold, 2010). p-

values were calculated by two-tailed Mann-Whitney U test. Multiple testing correction was performed 

by controlling the false discovery rate (FDR) using the Benjamini-Hochberg method. Differences with 

adjusted p-value <0.05 were considered statistically significant. 
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Additional results 

With the results included in the manuscript, we were able to answer a series of questions concerning 

the role of the balance of histone H3 variants with respect to higher-order chromatin folding, replication 

initiation, and the interplay between them. We demonstrated that, on the Mb scale, HIRA-mediated 

H3.3 enrichment at active regions is important for their organisation in compartments independently of 

histone marks. We also showed, on the sub-Mb scale, HIRA was required to maintain A compartment 

identity of early IZs in the absence of transcription in addition to its key role in ensuring their early 

firing. Finally, we revealed the importance of HIRA in early IZ definition is not dependent on their 

compartmental organization. 

The importance of H3.3 deposition by HIRA for active compartment interactions indicated that the 

dynamics of histone variants and not just their presence or modifications should be considered when 

trying to understand the processes underlying chromatin segregation on the Mb scale. However, we 

could not detect an impact of HIRA on sub-Mb scale organization, suggesting loop extrusion is the 

dominant process on this scale. To investigate this further, I identified TADs and profiled the enrichment 

of H3 variants from HIRA WT and KO cells. To better understand the link with early initiation, I also 

examined the distribution of early origins of replication and nascent synthesis in early S phase. 

Continuing the investigation of the organization of H3 variants across scales and their link to genome 

function, I identified peaks of active marks from the ChIP-seq I performed and characterized the 

changes in modifications and H3.3 in the absence of HIRA. Finally, I wanted to explore how H3 variants 

behave with respect to 3D chromatin folding in the context of differentiation. To address this question, 

I carried out the same analysis strategy in mouse ESC and in vitro differentiated neural progenitor cells 

(NPC) using unique H3 variant-specific SNAP-seq generated in the team and publicly available Hi-C 

data (Bonev et al., 2017). These results bring valuable information for discussion and provide insights 

for a better understanding of the importance of H3 variants in multi-scale chromatin organization. 

H3 variant pattern and early firing are disrupted at TAD borders without 

impairing their strength or position 

To better understand the relationship between H3 variant distribution and sub-Mb scale chromatin 

organization, we identified TADs from HIRA WT Hi-C maps at 10kb resolution using the insulation 

score metric (Manuscript, Supplementary Figure 5C) (Crane et al., 2015). TAD border positions aligned 

well (>90%, +/-20kb) between the H3.1- and H3.3-SNAP cell lines, allowing us to confidently profile 

the distribution of H3.1 and H3.3. As we had previously shown that the variants had compartment-

specific enrichment (Manuscript, Figure 1, Supplementary Figure 1), we focused on TAD borders 

within A (Figure 26A, top) or B compartments (Figure 26A, bottom) to avoid biases from A/B 

transitions. This analysis revealed that in compartment A, H3.3 has a specific peak at TAD borders in 
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addition to its generally high levels (Figure 26A, right). In compartment B, H3.3 was generally depleted 

and showed a very small increase at TAD borders, whereas H3.1 was specifically depleted there. These 

H3 variant patters may stem from the binding of proteins like CTCF and RNAPII at TAD borders 

(Dixon et al., 2012), but it is unclear whether they are important for function. To address this issue, we 

mapped the enrichment of H3.1 and H3.3 from HIRA KO cells at TAD borders. This revealed the peak 

of H3.3 at TAD borders was blurred in compartment A and lost in compartment B, accompanied by 

blurring of the H3.1 depletion at compartment B TAD borders (Figure 26A, right). These results were 

consistent with the blurring of individual H3.3 peaks within active regions (blurred sites) and loss of 

individual H3.3 peaks in inactive regions (buried sites) we had previously documented (Gatto et al., 

2022).  

To examine the impact of H3 variant redistribution at TAD borders, we also called TADs from HIRA 

KO cells. TAD borders overlap between HIRA WT and KO was as good as between H3.1- and H3.3-

SNAP cell lines (>90%, +/-20kb), indicating the absence of HIRA did not impact the sub-Mb folding 

of the genome into TADs. As the major characteristic of TAD borders is the insulation of contacts 

between neighbouring domains, we also investigated the insulation score distribution specifically at 

TAD borders (Figure 26A). This analysis revealed that TAD borders in both A (Figure 26A, top) and B 

compartments (Figure 26A, bottom) maintained their strength, confirming HIRA did not affect their 

function. Thus, H3 variant balance does not contribute to sub-Mb scale chromatin organization. 

TAD borders have been reported to be enriched in origins of replication (Akerman et al., 2020; Murat 

et al., 2022; Petryk et al., 2016), but it remains unclear if this may be functionally relevant. We addressed 

this question in our model by investigating the defect in early firing in the absence of HIRA with respect 

to TAD borders. First, we confirmed that previously-mapped origins of replication were enriched at the 

TAD borders we identified in our cells (Figure 27A). We used a set of ‘core’ origins, detected by SNS-

seq (Table 4) and showing high (top 20%) efficiency across several human cell lines (Akerman et al., 

2020) and ‘constitutive’ origins, identified by ini-seq2 (Table 4), which fire early and overlap well 

(>72%) with the set of ‘core’ origins (Murat et al., 2022). Both core and constitutive origins were 

enriched at TAD borders in compartment A (Figure 27A, top) and also at B (Figure 27A, bottom), 

although more weakly. Examining nascent DNA incorporation in early S in WT cells showed that at 2h 

in S phase, TAD borders in compartment A have already replicated prior to the TAD interior (weak 

depletion of EdU 2h at borders relative to interior, which is enriched in EdU 2h signal, Figure 27B, 

left). In compartment B, initiation was observed only at few TAD borders and domains were not 

replicating yet. This was consistent with previous work showing A compartments typically replicate in 

early, whereas B in late S phase (Pope et al., 2014). In the absence of HIRA, early initiation was delayed, 

reflected by the elevated levels of EdU 2h at compartment A TAD borders and their decrease in 

compartment B (Figure 27B, right). These data indicate that early initiation at TAD borders is impaired 
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upon disruption of the H3 variant balance without affecting border strength or position. Thus, sub-Mb 

scale level of organization is not sufficient to promote early initiation at origins found at TAD borders. 

Figure 26 

 

Figure 26. HIRA KO disrupts H3 variant pattern at TAD borders without affecting their strength 

A. Total H3.1 and H3.3 enrichment (z-score of log2 IP/input) at 10kb bins from G1/S-arrested cells at 

TAD borders between A/A (top) and B/B (bottom) compartments from HIRA WT (left) and KO 

(right) cells. TADs are sorted by size and centred at their start border 0.5Mb. 

B. Insulation score plotted at the same regions as in A. 
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Figure 27 

 

Figure 27. Early origins are enriched at TAD borders and their firing is impaired by HIRA KO 

A. Number of core (common origins between cell lines, defined by SNS-seq in Akerman et al., 2020) 

and constitutive (early-firing origins defined by ini-seq2, Murat et al., 2022) per 10kb at TAD 

borders between A/A (top) and B/B (bottom) compartments from HIRA WT cells. TADs are sorted 

by size and centred at their start border 0.5Mb. 

B.  EdU at 2h in S (z-score of log2 IP/input) at 10kb bins plotted at the same regions as in A. from 

HIRA WT (left) and KO (right) cells. 
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Enhancer, but not promoter-associated histone marks are decreased in the 

absence of HIRA on the kb scale 

The phosphorylation of the H3.3-specific serine at position 31 has been previously shown to promote 

H3K27ac at enhancers in mESC (Martire et al., 2019) and human prostate cancer cells (Morozov et al., 

2023), which was important for gene expression upon differentiation induction in both systems. 

H3.3S31phos has also been observed at the TSS and along the bodies of genes induced upon mouse 

macrophage stimulation, where it promotes H3K36me3 deposition (Armache et al., 2020). Thus, we 

investigated whether the absence of HIRA in HeLa cells led to site-specific changes in promoter 

(H3K4me3) and enhancer (H3K4me1, H3K27ac)-associated PTMs on the kb scale even though we did 

not detect changes at the Mb scale. To address this question, we performed peak-calling at 1kb 

resolution for the three marks from both HIRA WT and KO cells. H3K4me3-enriched peaks were 

maintained in the absence of HIRA, while the number of H3K4me1-rich peaks decreased by 50% 

(Figure 28A). Strikingly, we identified 90% fewer H3K27ac peaks in HIRA KO cells, which was 

accompanied by 70% increase in their average size (8.5kb to 14.3kb, p = 0). To evaluate if active mark 

and H3.3 levels were affected in the peaks overlapping between HIRA WT and KO cells, we computed 

their mean enrichment (Figure 28B). This revealed H3K4me3 peaks maintained their trimethylation 

despite their decrease in H3.3. On the contrary, H3K4me1 and H3K27ac were both reduced at their 

respective peaks, accompanied by a stronger H3.3 decrease compared to H3K4me3 peaks. Thus, the 

absence of HIRA impacted the distribution of enhancer-, but not promoter-associated PTMs despite the 

reduction of H3.3 at both types of elements. 
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Figure 28 

Figure 28. Distribution of enhancer- but not promoter-associated PTMs is affected by HIRA KO  

A. Number of peaks for H3K4me3 (promoter), H3K4me1 and H3K27ac (enhancer) PTMs binned at 

1kb and called using a 3-state Hidden Markov model. Enrichment was determined as detailed in 

Methods. 

B. Enrichment (z-score of log2 IP/input) at H3K4me3 (left), H3K4me1 (middle) and H3K27ac (right) 

peaks (common for WT and KO) of the respective PTM and H3.3 (G1/S arrest) from HIRA WT 

and KO cells. 
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H3 variants redistribute along the mouse genome linearly and with respect 

to 3D genome features across scales during differentiation 

To explore how the relationship between histone H3 variants and higher-order chromatin structure may 

change between cells with different potentials, we applied our analysis approach to compare mESC and 

in vitro differentiated neural progenitor cells (NPC). For this purpose, we used H3.1- and H3.3-SNAP 

ChIP-seq from mESC and NPC differentiated for 7 days, generated in the team (Arfè et al., in prep) and 

Hi-C from mESC and NPCs differentiated for 12 days which was publicly available (Bonev et al., 

2017). First, we observe the variants exhibit largely reciprocal patterns, with H3.1 enriched in inactive 

and H3.3 in active regions in mESC (as previously documented, Deaton et al., 2016; Goldberg et al., 

2010) and NPC (as shown for H3.3 in Deaton et al. (2016), Figure 29A). Nevertheless, both variants 

re-distribute upon differentiation with H3.3 showing more distinct peaks within broadly active regions, 

and H3.1 consolidating in domains and becoming more depleted from large active domains. This 

occurred without large changes in compartmentalisation and is in line with the idea that pluripotent cells 

have a generally ‘open’ chromatin state, which is lost as the cells differentiate and the distinction 

between active and inactive chromatin is strengthened (Schlesinger and Meshorer, 2019). Indeed, 

(Bonev et al., 2017) observed a stronger correlation of inactive PTMs (H3K9me3 and H3K27me3) with 

B compartments in NPC, which was also the case for H3.1 (Pearon’s r = -0.38 compared to -0.72 with 

EV1 at 10kb from ESC vs NPC). They also detected a better correspondence of active marks 

(H3K4me1, H3K27ac, H3K36me3) with A compartments in ESC, as was the case for H3.3 (Pearon’s r 

= 0.73 compared to 0.56 with EV1 at 10kb from ESC vs NPC). 

To characterize better the linear reorganization of H3.1 and H3.3, we identified sites enriched for each 

variant based on their ratio at 10kb resolution from ESC and NPC, as we previously did in HeLa cells 

(Gatto et al., 2022). This analysis demonstrated that H3.1 sites more than doubled in number (n = 239 

to 538) and decreased by half in size from ESC to NPC, while H3.3 sites had a modest increase in 

number and size (Figure 29B). Over differentiation, H3.1 became more evenly enriched throughout its 

sites and more depleted at their boundaries, making them better delineated (Figure 29C, top). On the 

contrary, H3.1 was present at H3.3 sites in ESCs but became strongly depleted there in NPCs, while a 

weak peak at H3.3 site boundaries remained, similar to the pattern in HeLa cells (Gatto et al., 2022). 

H3.3 patterns remained more stable during differentiation: it remained depleted in H3.1 sites and 

enriched in its own (Figure 29C, bottom). Notably, H3.3 became more depleted at the boundaries of its 

sites, which was also more similar to its pattern in HeLa (Gatto et al., 2022). Thus, H3 variants become 

better partitioned over the genome during differentiation from pluripotent stem cells to multipotent 

progenitors. This repartitioning resulted in a H3.3/H3.1 pattern in NPC which resembles their 

distribution in HeLa cells. 
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Finally, we compared H3.1 and H3.3 enrichment to 3D genome architecture features on the Mb (Figure 

29D) and sub-Mb scale (Figure 29E). On the Mb scale, H3.3 was enriched throughout A compartments 

in both ESC and NPC (Figure 29D), as in HeLa cells. Furthermore, H3.1 enrichment was clear only for 

large B compartments and it was stronger in NPC compared to ESC, in agreement with the idea of 

heterochromatin consolidation with differentiation. On the sub-Mb scale, H3.3 had a peak only in A 

compartment TAD borders in both ESC and NPC, whereas H3.1 was clearly depleted at B compartment 

TAD borders only in NPC (Figure 29E). This analysis reveals that the relationship between H3 variant 

distribution and 3D genome organization is conserved between mouse and human on the Mb and sub-

Mb scales. Furthermore, it highlights that H3.1 and H3.3 become repartitioned along the genome and 

with respect to its spatial organization. 
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Figure 29 
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Figure 29. H3 variants reorganize along the mouse genome and with respect to 3D chromatin 

features during differentiation 

A. H3.1 and H3.3 enrichment (z-score of log2 IP/input), H3.3/H3.1 ratio and EV1 (from 150kb-binned 

matrices) at a large representative region (chr 17:0-50Mb) from mouse ESC (left) and NPC (right). 

All signals are plotted at 10kb bins smoothed over 3 non-zero bins. H3.3 and H3.1-enriched sites 

are indicated as lines above (in green) and below (in purple) of the H3.3/H3.1 track, respectively. 

B. Size distribution of H3.1- (left) and H3.3-enriched (right) sites from ESCs and NPCs. The number 

of sites is noted below. 

C. H3.1 (left) and H3.3 (right) enrichment from ESC and NPC at H3.1 (top) and H3.3 (bottom) sites, 

sorted by size and centred at their start 2Mb. Enrichment is shown as z-score of log2 IP/input at 

10kb bins. 

D. H3.1 and H3.3 enrichment from ESC (left) and NPC (right) quantified at A (top) and B (bottom) 

compartment domains stratified by size quartiles. 

E. H3.1 (left) and H3.3 (right) at at TAD borders between A/A (top) and B/B (bottom) compartments 

from ESC and NPC. Enrichment is shown as z-score of log2 IP/input at 10kb bins. TADs are sorted 

by size and centred at their start border 2Mb. 
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Methods 

Publicly available data 

Coordinates of core (Akerman et al., 2020, GSE128477) and constitutive (Murat et al., 2022, 

GSE202799) origins were obtained from GEO. Hi-C data from mouse ESC and NPC (Bonev et al., 

2017, PRJNA378980) was downloaded from ENA. 

Sequencing data processing 

Both in-house-generated and publicly available data was processed from raw reads in FASTQ format 

as described in the manuscript. Mouse reference genome (GRCm38) was downloaded from ensembl. 

Hi-C data processing 

Hi-C data was processed as detailed in the manuscript. No custom masking was performed for the 

mouse Hi-C data.  

Compartment analysis 

Compartment analysis of Hi-C matrices was performed as described in the manuscript. Mouse data was 

binned at 150kb and compartment calling was done using TADbit. 

TAD analysis 

Insulation score was calculated from 10kb binned matrices with a window size of 100kb using cooltools 

and TAD borders were called based on default parameters for the HeLa data. For mouse data, window 

size of 300kb was used for insulation score calculation with TADbit and TAD boundary calling was 

done with delta = 3. 

Active PTM peak calling 

Identification of regions enriched for active marks was performed using a 3-state hidden Markov model 

(HMM), adapting the strategy used in Gatto et al. (2022) to identify H3.3 sites with the following 

adaptations. As regions enriched in active marks, especially H3K4me3, show a narrower enrichment 

profile compared to H3.3, 1kb binned data was used as input. Furthermore, instead of ratio between the 

variants, log2IP/input ratio was binarized, setting all bins > 0 to 1 and the rest to 0. Consecutive bins of 

the PTM-positive state were merged into peaks. A peak was considered enriched if its mean PTM 

enrichment (z-score of log2IP/input) was above 2 (H3K4me1, H3K27ac) or 3 (H3K4me3) standard 

deviations from the genome-wide mean of the respective mark (z-score of log2IP/input) binned at 1kb. 

H3.1/H3.3 site identification 

Sites enriched in H3.1 or H3.3 from mouse ESC and NPC were detected using a 3-state HMM as 

described for H3.3 sites in Gatto et al. (2022). As G1/S-synchronized data was not available, 

asynchronous H3.1 and H3.3 SNAP-seq was used as input.  
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Discussion 
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During my PhD, I uncovered a new role for the histone variant H3.3 in the higher-order organisation of 

active chromatin. I demonstrated that H3.3 incorporation in active (A) compartment promotes its 

interactions independently of histone PTMs, indicating histone dynamics should be considered when 

trying to understand the principles of genome compartmentalisation at the Mb scale. I also showed 

HIRA is required to maintain the A compartment identity of non-transcribed early IZs, supporting the 

idea that active nucleosome turnover can contribute to the segregation of active from inactive chromatin 

even in the absence of expression. On the contrary, I did not detect an effect of HIRA loss on the local 

folding of early IZs or genome-wide, indicating the sub-Mb scale of organization is not sufficient to 

promote early firing of IZs. Finally, I could disentangle the importance of HIRA for replication and 

chromatin architecture by showing that recovery of early IZ firing is dependent on restoration of their 

H3 variant balance, but not their compartment identity. These results have several biological 

implications and open up new avenues to explore the role of H3 variants in replication initiation and 

genome organisation. In the following section, I will discuss how H3.3 distribution along the genome 

is ensured by concerted action of its chaperones and what are the effects of changing the balance of this 

network. I will elaborate on how HIRA and H3 variant balance can define early initiation zones and 

their link with preserving epigenomic integrity. Additionally, I will consider the relationship between 

H3 distribution and multi-scale chromatin organisation in cells with different potential in the context of 

development. Finally, I will discuss the possible implications for disease. 

H3 variant organisation across scales: a dynamic balancing act 

The enrichment of H3.3 correlates with expression of active promoters and genes (Goldberg et al., 2010, 

Ray-Gallet et al., 2011) and turnover at regulatory elements (Ha et al., 2014, Deaton et al., 2016, 

Schlesinger et al., 2017). The deposition of H3.3 at transcriptionally active sites is likely ensured by the 

interaction of HIRA with RNAPII components (Ray-Gallet et al., 2011) and may also be supported by 

its gap-filling capacity (Ray-Gallet et al., 2011). However, how HIRA is recruited to non-transcribed 

regions remains an open question. Its reported interactions with some TFs (Pchelintsev et al., 2013, 

Soni et al., 2014), CTCF (Pchelintsev et al., 2013, Weth et al., 2014), RPA (Zhang et al., 2017) and 

chromatin remodellers of the CHD (Konev et al., 2007, Luijstreburg et al., 2016) and SWI/SNF family 

(Pchelintsev et al., 2013) may provide a partial explanation for this, at least with respect to relatively 

short regulatory elements. However, the non/low-transcribed HIRA-dependent sites of H3.3 

enrichment, defined in Gatto et al. (2022) as ‘buried’, are much larger (median size 160kb) than TF 

binding sites and TSSs. Furthermore, while they become depleted in H3.3 in the absence of HIRA, our 

rescue experiments demonstrate they can regain H3.3 enrichment within 48h of HIRA re-expression 

(Manuscript, Figure 5). This indicates that the mechanism which recruits HIRA there may remain active 

in its absence. A tempting speculation would be that some histone turnover occurs at these sites, 

resulting in reduced nucleosome density which can enable HIRA recruitment via its capacity to bind 

naked DNA (Ray-Gallet et al., 2011). This would result in H3.3 incorporation in WT cells, whereas in 
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the absence of HIRA it may lead to increased accessibility of these regions. A similar phenomenon was 

recently documented by Navaro et al. (2020) in mESC at a subset of endogenous retroviral elements 

(ERVs), which require H3.3 incorporation by DAXX for their H3K9me3 and repression (Elsässer et al., 

2015). Navarro et al. (2020) show that the SWI/SNF remodeller SMARCAD1 evicts nucleosomes at 

these elements, increasing their accessibility, and H3.3 incorporation by DAXX/ATRX (Tafessu et al., 

2023) is required to maintain their nucleosome occupancy and heterochromatic state. Experiments 

depleting HIRA have shown this leads to increased DNaseI sensitivity in HeLa (Ray-Gallet et al., 2011), 

whereas it has been reported to both increase (mESC, Yang et al., 2021) and decrease accessibility at 

promoters (mESCs, Tafessu et al., 2023) and enhancers (human prostate cancer cells, Morozov et al., 

2023). Thus, to assess the effect of HIRA absence on chromatin accessibility at specific sites, we 

performed ATAC-seq in HIRA WT and KO cells. Surprisingly, preliminary results suggest that 

nucleosome density decreases at expressed, but not non-transcribed H3.3-rich sites, suggesting a 

different mechanism may be employed to recruit HIRA there, although more in-depth analysis is 

ongoing.  

Alternatively, there may be some epigenetic memory that can efficiently target HIRA to non-transcribed 

sites. Indeed, while we detect compartment changes (Manuscript, Figure 3), their sub-Mb scale 

organization (Manuscript, Figure 4, Supplementary Figure 5) and PTM profiles are maintained, despite 

small quantitative changes in the levels of some marks (Manuscript, Supplementary Figure 3). On the 

sub-Mb scale, the organization of the genome into TADs has been proposed to provide a framework for 

restricting enhancer-promoter contacts and regulating gene expression, especially in the context of 

development (Karpinska and Oudelaar, 2023). Furthermore, TADs align to some extent with replication 

domains (Pope et al., 2014): regions of the genome replicated from synchronously firing IZs and cluster 

in space, forming replication foci (Nakamura et al., 1986, Jackson and Pombo, 1998). Thus, it is possible 

that early-firing IZs found at the flanks of both transcribed and non-transcribed H3.3 sites cluster in the 

same foci during replication and this organization promotes HIRA recruitment to non-expressed sites. 

To test this idea, it would be interesting to deplete CTCF or cohesin, disrupting TAD formation in a 

HIRA KO background and then perform HIRA rescue. 

Another interesting question to consider is how is H3.3 deposited on chromatin in the absence of HIRA? 

Previous imaging work from the team has demonstrated that upon HIRA knock-down, new H3.3 

incorporation is reduced by ~50% globally (Ray-Gallet et al., 2011). Subsequently, Torné et al. (2020) 

showed that this de novo deposition of H3.3 occurs largely to compensate for histone loss associated 

with transcription (Torné et al., 2020). This may suggest that upon loss of HIRA, H3.3 would 

specifically be lost at expressed genes. However, genome-wide profiling of H3.3 in the absence of HIRA 

indicates this is not the case (Gatto et al., 2022; Goldberg et al., 2010). More specifically, in HIRA KO 

HeLa cells we observed blurring and decreased enrichment of H3.3 peaks in broadly active regions and 

loss individual H3.3 peaks where transcription is absent (Gatto et al., 2022). Furthermore, here we show 
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this is accompanied by H3.3 repartitioning from active only to large inactive compartments 

(Manuscript, Figure 1). Thus, other chaperones may act in parallel to enable H3.3 deposition in the 

absence of HIRA but not recapitulate its specific targeting to active domains.  

One candidate for this is DAXX, which was reported to promote H3.3 incorporation upon gene 

activation in neurons (Michod et al., 2012), in addition to its well-established role in mediating H3.3 

accumulation at repetitive (Elsässer et al., 2015), pericentric (Drané et al., 2010) and telomeric regions 

(Goldberg et al., 2010), described in steady state. H3.3-H4 associated with DAXX and HIRA exhibit 

different pre-deposition marks (H3.3K9me3 (Carraro et al., 2023) vs H3.3K9ac (Elsaesser and Allis, 

2010), respectively), which suggests the choice of chaperone may impact the maintenance of chromatin 

state. While we did not observe a defect on the Mb scale (Manuscript, Figure 1), we detected a decrease 

of enhancer-associated peaks and mark enrichment on the kb scale (Additional results, Figure 28). 

Regulatory elements show high turnover of H3.3, which is the predominant variant incorporated there 

(Deaton et al., 2016, Schlessinger et al., 2017). Hence, its decreased levels at these regions coupled with 

a potential supply of H3.3K9 trimethylated version by DAXX may present a challenge to preserve their 

active mark enrichment. Indeed, H3.3 reduction at enhancers, observed in other systems upon HIRA 

KO (Martire et al., 2019, Morozov et al., 2023) impairs their function. This is due to the capacity of the 

H3.3-specific Serine 31 to be phosphorylated, which promotes p300 activity and H3K27ac (Martire et 

al., 2019). The presence of this Serine is also critical in early X. laevis development, although this is 

independent of the mechanism (DNA synthesis-coupled or independent) used for its deposition (Sitbon 

et al., 2020). Thus, variant identity, mode of incorporation and choice of chaperone may affect 

chromatin state.  

Another reason to consider DAXX as an alternative system for depositing H3.3 in the absence of HIRA 

is that DAXX has been shown to handle excess histones when the variant-chaperone balance is 

disrupted. Upon overexpression of CENP-A in HeLa, DAXX promotes its deposition to chromosome 

arms at H3.3-rich sites, some CTCF binding sites and enhancers, taking it in charge from its dedicated 

chaperone HJURP (Lacoste et al., 2014). Overexpression of H3.3 has not been tested in similar settings, 

but it would be interesting to test if it would result increased incorporation or re-distribution and how 

this may be mediated. In transcriptionally silent X. laevis embryos with nuclei transplanted from muscle 

cells, H3.3 overexpression promotes the memory of an active MyoD (muscle-specific gene) state over 

24 cell divisions (Ng and Gurdon, 2008). This occurs through H3.3 incorporation at the MyoD 

promoter, although it is unclear if it is specifically targeted only there, how this occurs and whether it 

is mediated by HIRA or another chaperone. Thus, co-depleting DAXX and HIRA or overexpressing 

H3.3 may provide further insights into how cells balance the variant-chaperone network. 

Another potential player is the oncoprotein DEK, which in complex with casein kinase 2 (CK2) proved 

to be a H3.3-specific chaperone in D. melanogaster and human, ensuring deposition at active sites 

(Sawatsubashi et al., 2010). A later study in human mesenchymal stem cells (hMSCs) showed that DEK 
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localises to PML bodies and promotes H3.3 accumulation there, restricting its availability to HIRA and 

ATRX/DAXX and preventing aberrant incorporation into chromatin (Ivanauskiene et al., 2014). 

However, it would be interesting to investigate if DEK would adapt its function from promoting H3.3 

storage to incorporation in the absence of HIRA. Finally, another candidate that can be considered is 

Spt2, one of the chaperones involved in H3-H4 recycling in transcription first identified in yeast 

(Nourani et al., 2006). While Spt2 was shown to genetically interact with HIRA in S. cerevisiae 

(Nourani et al., 2006), its function in more complex eukaryotes remains poorly understood. Recent work 

by Saredi et al. (2023) demonstrated that C. elegans Spt2 plays a role in transgenerational silencing and 

binds highly expressed genes, limiting their accessibility likely due through its activity in histone 

recycling. Notably, double mutant Spt2/HIRA worms showed more severe phenotypes than single 

mutants, indicating that they do not act redundantly. However, similar gene de-regulation occurred in 

the two single mutants, suggesting that they affect the same pathway. Finally, the authors showed that 

Spt2 depletion in human U2OS cells results in decrease of new H3.3 incorporation into chromatin 

(Saredi et al., 2023). Thus, another avenue to explore could be whether Spt2 can promote new H3.3 

deposition in a manner uncoupled from transcription and if this activity is enhanced in the absence of 

HIRA. 

H3 variant re-distribution in 3D chromatin space: functional implications 

The redistribution of H3.3 from active to large repressed compartments that we detect in the absence of 

HIRA (Manuscript, Figure 1) did not result in changes in PTM distribution at these domains. This is in 

agreement with the findings from Loyola et al. (2006) demonstrating that the modification of a variant 

in a set of oligonucleosomes is largely dependent on the chromatin context and not its identity. We also 

did not detect gain of accessibility (preliminary results), in line with Navarro et al. (2020) who show 

histone exchange in mESC heterochromatin can take place without increase in chromatin accessibility. 

Furthermore, as our ChIP-seq measures relative enrichment, and H3.1 makes up the majority of H3 on 

chromatin in dividing cells, most nucleosomes in repressed regions likely still contain H3.1. This is 

supported by the absence of large changes in H3.1 distribution (Manuscript, Supplementary Figure 1) 

and the maintained prevalence of H3.1 over H3.3 based on the variant ratio at inactive compartments 

in the absence of HIRA (Manuscript, Supplementary Figure 7), suggesting heterochromatin in our 

system is not perturbed. Indeed, we detect a slight increase in interactions between repressed (B) 

compartments in HIRA KO, indicating their spatial organization is also largely maintained.  

Curiously, pluripotent mESC show weaker H3.1 enrichment at large heterochromatin domains 

compared to their more differentiated (NPC) counterparts (Supplementary Figure 29D). Thus, it would 

be interesting to explore the effect of HIRA KO in this system: if H3.3 becomes redistributed to these 

regions, would that be sufficient to upset the balance between the variants? If so, would this impact 

their spatial segregation? Could the potential emergence of H3.3-rich sites generate new early IZs? So 
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far, we could detect H3.3 sites in mESC and NPC (Supplementary Figure 29A-C) with similar 

characteristics to the ones identified in HeLa (Gatto et al., 2022). The following step in this analysis 

would be to understand if they also play a role in the definition of early IZs. If this is the case, a HIRA 

KO mESC model may provide the opportunity to better understand the importance of H3 variants in 

development and dissect how they impact replication initiation and compartmentalisation in cells of 

different potential. This would bring valuable insights as, to date, studies using HIRA KO mESCs have 

focused on the consequences on gene expression changes upon induction of differentiation (Goldberg 

et al., 2010, Banaszynski et al., 2013, Yang et al., 2021, Tafessu et al., 2023) without considering the 

possible effects on chromatin organization or replication (discussed below). 

On the sub-Mb scale, we did not detect changes of either IZ organisation (Manuscript, Figure 4, 

Supplementary Figure 5) or insulation and position of TAD borders (Figure 26). This is in line with 

other studies depleting histone PTM writers (Mas et al., 2018) or readers (Xie et al., 2022) which have 

also reported no impact on TAD organization. Mammalian TADs are largely generated by loop 

extrusion by cohesin, whereas their boundaries are defined by convergently oriented CTCF sites which 

block cohesin movement (Szabo et al., 2019). CTCF has been previously shown to co-localise with 

H3.3 (Jin et al., 2009), establishing ordered nucleosome arrays of the variant (Lacoste et al., 2014). 

Furthermore, there is evidence CTCF can interact with HIRA (Pchelintsev et al., 2013) and promote 

H3.3 deposition (Weth et al., 2014), indicating a potential functional link between the two may exist. 

Here, we detect an enrichment of H3.3 and depletion of H3.1 at TAD borders, both in HeLa (Figure 26) 

and mESC/NPC (Figure 29). This H3 variant pattern may be a consequence of CTCF binding, although 

it may also result from the enrichment of active TSSs at TAD borders (Dixon et al., 2012). Profiling 

H3.1 and H3.3 in the absence of CTCF and cohesin could provide an answer to this and improve our 

understanding of what factors can dictate histone chaperone localisation on chromatin. On the other 

hand, recent work in mESC showed that H3.3 can facilitate TF binding (Tafessu et al., 2023), indicating 

that H3.3 enrichment at TAD borders may contribute to their CTCF occupancy and function. However, 

our HIRA KO data indicates that this is not likely, as TAD border strength and positions are maintained 

despite the blurring of the H3 variant enrichment there (Figure 26). 

TAD borders have been reported as enriched in origins of replication (Petryk et al., 2016, Akerman et 

al., 2020, Giles et al., 2022), as we also show in our data (Figure 27). The impaired early firing at TAD 

borders without a detectable defect in their insulation or position in the absence of HIRA indicates they 

are not sufficient to promote early initiation at the origins localised there. Indeed, studies depleting 

CTCF (Sima et al., 2019) or cohesin (Cremer et al., 2020) have not detected changes in RT by Repli-

seq or profiling of S phase nucleotide incorporation patterns. However, the resolution of the Repli-seq 

analysis (5kb smoothed at 0.5Mb in Sima et al., 2019 and 50kb in Cremer et al., 2020) may not allow 

the detection of blurring of early initiation we detect on the kb scale upon HIRA KO. Thus, exploring 

the H3 variant pattern and mapping early replication in the absence of CTCF or cohesin can provide a 
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better understanding of the relationship between precision of early initiation and kb-scale organisation. 

With this aim, I established mESC constitutively expressing low levels of H3.1- and H3.3-SNAP in WT 

and CTCF-AID lines, which enable rapid, complete, and reversible CTCF depletion (kindly provided 

by Elphège Nora). Overall, the data generated so far indicates that kb-scale organization is neither 

sufficient nor necessary for early IZ firing. 

How does the H3 variant balance define early IZs?  

Our previous work demonstrated that HIRA-mediated H3.3 deposition defines early IZs independently 

of transcription (Gatto et al., 2022) and in my PhD project I could show this role is independent of 

chromatin organization on the Mb (compartment identity) and kb scale. Thus, the question of how the 

H3 variant balance established by HIRA contributes to early initiation is yet to be answered. 

Furthermore, as we have focused on early initiation, it remains unclear if the absence of HIRA leads to 

later activation of these IZs or prevents their firing altogether. This may have important implications 

for understanding whether HIRA can impact the definition, licensing or firing of origins within these 

IZs. Long et al. (2020) showed a role for another histone variant, H2A.Z in promoting origin licensing 

and firing in HeLa cells. H2A.Z is recognised by SUV420H1, which leads to H4K20me2 and increased 

ORC1 recruitment (Long et al., 2020). H2A.Z co-localises with H3.3 in active regions (Jin et al., 2009) 

and was suggested to form less stable double-variant (H2A.Z/H3.3) nucleosomes (Jin and Felsenfeld, 

2007). H2A.Z is also found in heterochromatin (Hardy et al., 2009; Rangasamy, 2003), which may lead 

to formation of more labile nucleosomes upon H3.3 redistribution in the absence of HIRA. Preliminary 

ATAC-seq results from HIRA WT and KO cells suggest this is not the case, which may reflect that the 

absolute amount of H3.3 there is not high, or that H2A.Z itself has become redistributed. Indeed, recent 

work in mESC reported an interaction between HIRA and the H2A.Z chaperone complex SRCAP and 

demonstrated that HIRA depletion can impact the occupancy pattern of H2A.Z along the genome (Yang 

et al., 2021). This suggests that HIRA may also impact H2A.Z localisation in human cells and suggests 

that early initiation may be regulated by particular combinations of histone variants. To understand this 

relationship better, we are now performing ChIP-seq for H2A.Z and H4K20me2 in our HIRA WT and 

KO HeLa cells.  

In C. elegans, Strobino et al. (2020) detected H3.3 enrichment at early, late and dormant origins, 

suggesting the presence of the variant may be related to their definition. H3.3 is not essential in worms, 

but its loss leads to a decrease in viable progeny at restrictive temperature (Delaney et al., 2018), 

indicating its functions in C. elegans may differs from mammals. Indeed, early origin firing was not 

impaired in H3.3-null worms grown at restrictive temperature (Strobino et al., 2020). However, the 

authors detect an impaired fork restart and potentially progression in the absence of H3.3 at restrictive 

temperatures (Strobino et al., 2020), which was not detected in human cells in the absence of HIRA 

(Gatto et al., 2022). The absence of H3.3 also did not affect origin density in avian DT40 cells, but it 
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resulted in impaired replication fork progression after UV damage. Notably, this was dependent on the 

mode of deposition of H3.3 but not the presence of its unique S31 (Frey et al., 2014). In human cells 

HIRA is important for transcription re-start after UV damage repair (Adam et al., 2013) although recent 

work shows this is independent of its H3.3 chaperone activity (Bouvier et al., 2021). Therefore, another 

avenue worth exploring further is whether it is the act of HIRA-mediated deposition or the identity of 

the variant itself which are important for early IZ definition in human. Furthermore, these studies 

highlight the species-specific roles H3.3 can play and emphasize that translating findings from one 

organism to another should be done with caution. 

H3 variants and chromatin organization in differentiation and development 

To examine how H3.1 and H3.3 are distributed along the genome and with respect to its spatial 

organization in cells with distinct differentiation potential, we used unique H3 variant ChIP-seq 

generated in the team (Arfé et al., in prep) and publicly available Hi-C data (Bonev et al., 2017) in 

mESC and neural progenitor cells (NPC) derived from them in vitro. To date, mainly H3.3 dynamics 

have been explored during differentiation or reprogramming, focusing specifically on changes 

associated with transcription or its regulation (Deaton et al., 2016, Fang et al., 2018). However, one of 

the major hallmarks of chromatin reorganisation in early development and during differentiation is the 

proper establishment and increased compaction of heterochromatin, respectively (McCarthy et al., 

2023; Rang et al., 2023). H3.1 is the predominant variant in heterochromatin and depletion of its 

chaperone CAF-1 results in early embryonic lethality in mouse due to failure of heterochromatin 

formation (Houlard et al., 2006), while facilitating cell state changes in mESC (Ishiuchi et al., 2015, 

Nakatani et al., 2022), mouse embryonic fibroblasts (Cheloufi et al., 2015) and macrophage progenitors 

(Franklin et al., 2022). Furthermore, Ishiuchi et al. (2020) demonstrated the importance of CAF-1-

mediated H3.1 deposition for establishment of a canonical H3.3 pattern in early (2 cell stage) mouse 

embryogenesis, showcasing the importance of interplay between the variants (discussed in Manuscript).  

Here, we observed that while H3.1 is enriched in large inactive compartments in both ESC and NPC, 

its levels are higher in more differentiated cells (Figure 29). This is in agreement with our genome-wide 

analysis showing H3.1 becomes better partitioned over differentiation, becoming organised in more 

narrow, but better-defined domains. One important limitation of our work is that we profiled H3.1 from 

asynchronous mESC, which spend the majority of their time in S phase (Palmer and Kaldis, 2016). This 

may affect the enrichment profiles we detected, resulting in increased detection in active regions, where 

new H3.1 would be incorporated in early S phase. Nevertheless, our results are in agreement with super-

resolution imaging revealing increased chromatin compaction (Ricci et al., 2015), and Hi-C showing 

stronger compartment B interactions (Bonev et al., 2017) in more differentiated cells. While NPC are 

still cycling, focusing on post-mitotic cells may offer a unique opportunity to explore the functional 

relationship between H3 variants and compartmentalization. H3.3 accumulates in terminally 
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differentiated neurons (Piña and Suau, 1987, Maze et al., 2015) but its genomic distribution has not 

been systematically compared to cycling cells. Thus, profiling the H3 variant patterns and higher-order 

genome organization in cells that have exited the cell cycle can provide further insights into their 

functional relationship. 

On the kb scale, we observed similar patterns of H3.1 and H3.3 at TAD borders in ESC and NPC (Figure 

29) as for HeLa (Figure 26), although they were more pronounced in NPC. This indicated that alongside 

changes in compartments and TAD borders during differentiation (Bonev et al., 2017), H3 variants are 

also re-organised across scales with respect to 3D genome architecture features. Whether these 

differences stem from the changes in cell cycle length, potential up- or down-regulation of histone 

chaperones, variants or factors involved in higher-order chromatin folding remains to be determined. 

H3 variants, replication and chromatin organization in disease 

Mutations and dysregulation of both histone variants and chaperones have been linked to disease, in 

particular to cancer. For example, work from the team revealed that overexpression of the centromeric 

variant CENP-A, which is observed in many cancers (Renaud-Pageot et al., 2022), promoted a 

subpopulation of p53-defective MCF10-2A cells to undergo epithelial-to-mesenchymal transition 

(EMT) (Jeffery et al., 2021). However, it is yet to be determined whether this is due to CENP-A 

misincorporation along the arms perturbing gene expression, chromatin organisation or potentially 

replication, as overexpressed CENP-A in HeLa mislocalises to H3.3-rich regions (Lacoste et al., 2014), 

which may perturb early IZ function. Metastasis, which includes the process of EMT, is also enhanced 

upon down-regulation of CAF-1 and increased H3.3 incorporation (Gomes et al., 2019), indicating the 

importance of H3 variant balance for epigenetic state maintenance and cell fate transitions. In their 

study, Gomes et al. (2019) show the gap-filling mechanism by HIRA is employed to deposit H3.3 in 

the absence of CAF-1, but do not assess if H3.3 becomes redistributed along the genome. Thus, 

exploring the effects on replication and chromatin structure in this model would provide valuable 

insights intro understanding how disrupting the chaperone-variant balance leads to cell fate transitions 

and disease. 

Mutations in both H3.1 and H3.3 resulting in amino acid substitutions (most commonly on the histone 

tail), termed oncohistones, have been shown to play a driver role in cancer (Behjati et al., 2013; 

Schwartzentruber et al, 2012). One of the best studied examples is the K27M mutation, which reduces 

PRC2 activity when incorporated into chromatin (Lee et al., 2019; Stafford et al., 2018). K27M is found 

in 80% paediatric diffuse intrinsic pontine gliomas (DIPG), which tend to be poorly differentiated and 

spread through the tissue (Ghiraldini et al., 2021). Notably, H3.1K27M compared to H3.3K27M leads 

to a stronger decrease in H3K27me3, likely due to its DSC mode of incorporation which results in 

deposition along the entire genome (Sarthy et al., 2020). The two are also associated with distinct 

spectra of secondary mutations, although how this is linked to the mutant variant remains unknown. 
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While the current view is that the near-complete inhibition of PRC2 activity and concomitant increase 

in H3K27ac drive epigenetic dysregulation in these tumours, treatment with HDAC inhibitors has 

shown only partial success (Mitchener and Muir, 2022). Thus, characterizing how these mutations act 

on the molecular level beyond their effect on PTMs can provide alternative ideas for development of 

therapeutics. As the H3 variant balance is linked to early IZ firing (Gatto et al., 2022) and ORC1 has 

shown association with H3K27me3 (Vermeulen et al., 2010), understanding how replication control 

may be affected or modulated in these cells may be of interest. Indeed, introducing K27M and other 

oncohistone substitutions in avian DT40 cells led to an increase in UV damage sensitivity, suggesting 

an impact on DNA repair (Frey et al., 2014). Finally, given the stronger loss of K27me3 in H3.1K27M 

mutants, interfering with CAF-1 in order to promote H3.3 deposition via HIRA-mediated gap-filling 

may present a therapeutic avenue. Improving our understanding of how balancing histone variant 

dynamics impacts replication, repair and organization of chromatin in addition to their role in 

transcription can provide key insights into their functional importance in development and disease. 
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My PhD project aimed to understand how H3 variants are organised with respect to 3D chromatin 

architecture and to disentangle the interplay between chromatin state, function and spatial organization. 

Few studies have investigated the role of histone variants and the impact of their dynamic incorporation 

during the cell cycle on these processes. Thus, the goal of my project was to characterize H3 variant 

enrichment across genomic scales and gain insights in the structure-function relationship of chromatin. 

Firstly, I established a custom analysis pipeline in the lab to integrate 1D and 3D chromatin information, 

combining previously developed scripts and published tools, which allowed me to analyse and compare 

data generated in the lab to publicly available datasets. It also enabled me to investigate my question in 

other cell types, opening avenues for future investigation. Finally, by developing this expertise I could 

also contribute to other projects in the lab and examine H3 variant distribution in various contexts. 

Secondly, the results from my work provided several important biological insights about the role of H3 

variants in chromatin organization and early replication initiation. I characterised for the first time the 

distribution of H3 variants with respect to features of 3D genome architecture across scales. This 

revealed that, on the Mb scale, H3.3 was found in the active (A) compartment, whereas H3.1 was 

specifically enriched only in large repressed (B) domains, likely reflecting the variants’ deposition and 

eviction dynamics. I could then show that targeting H3.3 to compartment A was important for its 

interactions independently of histone marks. It is still unclear what drives compartment segregation, but 

the strong correlation with chromatin states has suggested it may be mediated by phase separation of 

distinct histone PTMs and/or their readers. My work emphasizes histone turnover should be considered 

when examining the dynamic organization of chromatin in cycling cells. On the sub-Mb scale, I showed 

loss of early firing at initiation zones was associated with compartment reorganization only in the 

absence of transcription. This is in line with the idea that histone exchange may contribute to the spatial 

segregation of chromatin independently of expression. Furthermore, the absence of HIRA did not affect 

the local folding of early initiation zones, indicating their sub-Mb organization is not sufficient for their 

function. Finally, rescue experiments allowed me to disentangle the role of HIRA in early replication 

and higher-order chromatin folding. Overall, my results indicate that HIRA-mediated H3.3 

incorporation is important for the organization of active chromatin, while H3 variant balance defines 

early initiation zones independently of its role in genome architecture. 

This project opens up several avenues for future work aiming to disentangle the impact of H3 variants 

on chromatin organization and function. Combining rapid depletion or longer re-expression of HIRA 

with cell synchronization can be used to understand if going through S phase is required for its roles in 

early initiation zone definition and chromatin organization. A similar strategy can be employed in other 

models, like embryonic stem cells, where the physiological impact of disrupting replication initiation 

or compartmentalization can be assessed upon differentiation. This would allow a better understanding 

of the roles HIRA and targeted H3.3 deposition play in development and disease.  
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ABSTRACT 

The multiple scales of chromatin organization in the nucleus: from packaging into distinct nucleosomes up to 
forming structures on the scale of kilo- (kb) to megabases (Mb), contribute to the regulation of genome 
function throughout the cell cycle and during cell fate transitions. Notably, work from our team demonstrated 
that deposition of distinct H3 variants on chromatin contributes to the definition of early-replicating regions. 
However, how the distribution of H3 variants relates to higher-order genome folding and its implications for 
early replication initiation remain open questions. During my PhD project, I explored how nucleosomes with 
distinct H3 variants relate to higher-order genome folding and what their implications for early replication 
initiation are. To achieve this, I integrated unique H3 variant-specific ChIP-seq data from cells in which the 
H3.3-specific chaperone HIRA was present (WT) or knocked-out (KO) with publicly available Hi-C data to 
profile H3 variant distribution with respect to compartments. Secondly, I generated matched Hi-C data to 
assess the effect of HIRA loss on 3D genome organization. Finally, I performed rescue experiments to test 
whether supplying back HIRA can re-establish H3 variant patterns, and in turn restore either early replication 
initiation and/or 3D genome organization simultaneously or separately. I showed that HIRA is required for 
targeted H3.3 deposition in compartment A regions and maintenance of their contacts with the rest of the 
genome in a manner independent of H3 PTMs. Furthermore, HIRA-mediated H3.3 incorporation was 
essential for maintaining A compartment identity and PTM levels at non-transcribing early IZs without 
affecting their local 3D conformation. Strikingly, re-supplying HIRA was sufficient to restore H3.3 enrichment 
globally in A compartments along with their interaction pattern, as well as locally at H3.3 pre-existing sites 
regardless of their transcriptional activity. This was accompanied by a partial rescue of the impaired early 
replication initiation at these sites, but not by reversal of compartment on this timescale. My results suggest 
that HIRA is important for 3D chromatin organization on the scale of compartments in a manner that is 
independent of histone PTMs and separate from its role in defining early replication IZs. 
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RÉSUMÉ 

Les multiples échelles d'organisation de la chromatine dans le noyau, de l'empaquetage en nucléosomes 
distincts à la formation de structures à l'échelle du kilo (kb) ou de la mégabase (Mb), contribuent à la 
régulation de la fonction du génome tout au long du cycle cellulaire et pendant les changements de destin 
cellulaire. Les travaux de notre équipe ont notamment démontré que le dépôt de variants H3 distincts dans 
la chromatine contribue à la définition des régions de réplication précoce. Cependant, la manière dont la 
distribution des variants H3 est liée au repliement du génome à un niveau supérieur, et ses implications pour 
l'initiation de la réplication précoce, restent des questions ouvertes. Au cours de mon projet de doctorat, j'ai 
étudié comment les nucléosomes, avec des variants H3 distincts, sont liés au repliement du génome en 
structures d’ordre supérieur, et quelles sont les implications pour l'initiation précoce de la réplication. Pour ce 
faire, j'ai d'abord intégré des données de ChIP-seq spécifiques à certains variants H3, provenant de cellules 
dans lesquelles le chaperon HIRA spécifique à H3.3 était présent (WT) ou knockout (KO), avec des données 
Hi-C publiques pour établir le profil de distribution des variants H3 dans les compartiments. Par la suite, j'ai 
généré des données Hi-C appariées pour évaluer l'effet de la perte d'HIRA sur l'organisation du génome en 
3D. Enfin, j'ai réalisé des expériences de sauvetage pour vérifier si le fait de restaurer HIRA permet de rétablir 
les schémas de variants H3 et, à son tour, restaurer l'initiation précoce de la réplication et/ou l'organisation 
3D du génome, simultanément ou séparément. J'ai montré que HIRA est nécessaire au dépôt ciblé de H3.3 
dans les régions du compartiment A et au maintien de leurs contacts avec le reste du génome d'une manière 
indépendante des PTM H3. En outre, l'incorporation de H3.3 médiée par HIRA était essentielle pour maintenir 
l'identité du compartiment A et les niveaux de PTM dans les ZI précoces non transcrites, sans affecter leur 
conformation 3D locale. La restauration de HIRA a suffi à rétablir l'enrichissement en H3.3 à l'échelle du 
génome entier dans les compartiments A, ainsi que leur modèle d'interaction, et à l'échelle locale dans les 
sites H3.3 préexistants, quelle que soit leur activité transcriptionnelle. Cela s'est accompagné d'un sauvetage 
partiel de l'initiation précoce de la réplication au niveau de ces sites, mais pas d'une inversion de 
compartiment à cette échelle de temps. Mes résultats suggèrent que HIRA est important pour l'organisation 
3D de la chromatine à l'échelle des compartiments, d'une manière indépendante des PTM d'histones et 
distincte de son rôle dans la définition des ZI de réplication précoce. 
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