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Resumé 

Le vieillissement est une caractéristique biologique qui se caractérise par une dégénérescence 

progressive de la fonction des cellules, des tissus, des organes ou d'un organisme intact en raison 

de l'accumulation de facteurs environnementaux et de stress avec le temps. Plusieurs facteurs ont 

été attribués au vieillissement tels que le stress oxydatif, le raccourcissement des télomères, les 

dommages à l'ADN et surtout, le dépôt de cellules sénescentes. Ce sont des cellules 

irréversiblement mitotiquement inactives, mais métaboliquement actives. La raison sous-jacente à 

leur sénescence réside dans les bras extrinsèques et intrinsèques. Le bras extrinsèque est 

principalement caractérisé par l'expression et le profil sécrétoire connu sous le nom de phénotype 

sécrétoire associé à la sénescence (SASP). Le bras intrinsèque résulte de l'impact de plusieurs 

gènes censés réguler le cycle cellulaire, tels que les gènes suppresseurs de tumeurs p16Ink4a (p16), 

p19ARF (p19) et p21. P16 est un suppresseur de tumeur et un régulateur du cycle cellulaire qui a 

été lié au vieillissement et à la sénescence. Des recherches approfondies ont révélé que l'expression 

de p16 est significativement augmentée dans les cellules sénescentes, ainsi que lors du 

vieillissement naturel ou de pathologies liées à l'âge. De ce fait, p16 est considéré comme un 

biomarqueur spécifique pour détecter les cellules sénescentes et le vieillissement. Alors qu'un rôle 

potentiel de p19 et p21 a été démontré dans le développement embryonnaire, p16 a été moins bien 

documenté. Pour étudier le rôle potentiel de p16 dans le développement, nous avons mené une 

étude d'expression développementale de p16, à côté des suppresseurs de tumeurs p19ARF et p21, 

et examiné leur expression d'ARN dans le cerveau, le cœur, le foie et les reins de souris au stade 

embryonnaire, postnatal, adulte et les vieux âges. L'immunohistochimie a été utilisée pour 

examiner l'expression de P16 au niveau de la protéine. Nous avons constaté que l'expression de 

p16 était très dynamique dans tous les organes au cours des stades embryonnaire et postnatal, et 

qu'elle était significativement plus élevée chez les souris âgées par rapport à p19 et p21. De plus, 

nous avons constaté que l'ARNm et la protéine p16 étaient plus répandus dans les cellules 

endothéliales hépatiques (CE) que les cellules parenchymateuses chez les souris âgées. Ces 
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découvertes indiquent un rôle possible de p16 dans le développement embryonnaire, ainsi qu'un 

rôle sélectif potentiel de p16 dans les CE hépatiques.  

Par conséquent, nous avons cherché à mieux comprendre le rôle de p16 dans les processus 

biologiques des CE hépatiques. Par conséquent, nous avons utilisé de petites constructions en 

épingle à cheveux (shRNA) et un vecteur ADNc-GFP p16 transduit via un lentivirus, pour inhiber 

et surexprimer p16 in vitro, afin d'évaluer la perte et le gain de fonction dans deux types de foie 

ECs, ECs vasculaires CD31+ et cellules endothéliales sinusoïdales CD146+ (LSEC). Les cellules 

ont été isolées du foie par un test de tri magnétique des cellules activées (MACS) à l'aide 

d'anticorps monoclonaux attachés à des billes magnétiques contre les marqueurs de surface CD31 

et CD146. Une séquence non codante et des cellules transduites par un vecteur GFP vide ont été 

utilisées comme contrôle pour les cellules transduites par shRNA et p16-GFP, respectivement. 

Mots clés: Vieillissement, sénescence cellulaire, développement p16Ink4a, foie, cellules 

endothéliales. 
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Abstract 

Aging is a biological feature that is characterized by gradual degeneration of function of cells, 

tissues, organs, or an intact organism due to accumulation of environmental factors and stresses 

with time. Several factors have been attributed to aging such as oxidative stress, telomere 

shortening, DNA damage and most importantly, the deposit of senescent cells (SnCs). These are 

irreversibly mitotically inactive, yet metabolically active cells. The reason underlying their 

senescence lies within the extrinsic and the intrinsic arms. The extrinsic arm is mainly 

characterized by the expression and the secretory profile known as the senescence associated 

secretory phenotype (SASP). The intrinsic arm results from the impact of several genes meant to 

regulate the cell cycle, such as the tumor suppressor genes p16Ink4a (p16), p19ARF (p19) and 

p21. P16 is a tumor suppressor and cell cycle regulator that has been linked to aging and 

senescence. Extensive research has revealed that p16 expression is significantly increased in SnCs, 

as well as during natural aging or age-related pathologies. Based on this fact, p16 is considered as 

a specific biomarker for identifying SnCs and aging. Whilst a potential role of p19 and p21 has 

been demonstrated in embryonic development, yet p16 has been less well documented. To 

investigate p16's potential role in development, we conducted a developmental expression study 

of p16, beside the tumor suppressors p19 and p21, and examined their RNA expression in the 

brain, heart, liver, and kidney of mice at embryonic, postnatal, adult, and old ages. Moreover, 

immunohistochemistry (IHC) was used to examine p16 expression at the protein level. We found 

that p16 expression was highly dynamic in all organs during embryonic and postnatal stages, and 

it was significantly more upregulated in old mice compared to p19 and p21. Furthermore, we found 

that p16 mRNA and protein were more prevalent in liver endothelial cells (ECs) than parenchymal 

cells in old mice. These findings point to a possible role for p16 in embryonic development, as 

well as a potential selective role for p16 in liver ECs. 

Therefore, we aimed at better understanding the role of p16 in biological processes of liver ECs 

Hence, we used small hairpin (shRNA) constructs and a p16 cDNA-GFP vector transduced via a 
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lentivirus, to knock-down and over-express p16 in-vitro, in order to assess the loss and gain of 

function in two types of liver ECs, CD31+ vascular ECs and CD146+ liver sinusoidal endothelial 

cells (LSECs). Cells were isolated from the liver through magnetic activated cells sorting (MACS) 

assay using a magnetic bead-attached monoclonal antibodies against CD31 and CD146 surface 

markers. Non-coding sequence and an empty-GFP vector transduced cells were used as a control 

for shRNA and p16-GFP transduced cells, respectively. 

Keywords: Aging, cellular senescence, development p16Ink4a, liver, endothelial cells. 
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I. Aging 

1. Definition 

Aging can be defined as the progressive, time-dependent decline in an organism's functional 

capacity that leads to increased susceptibility to disease and death. This decline in function occurs 

at all levels of organization, from the molecular and cellular to the organismal and systemic levels 

[1–3]. The aging process is complex and multifactorial and is influenced by both genetic and 

environmental factors. The exact mechanisms that contribute to aging are not completely 

understood, but researchers have identified several theories. The most well-known is the 

programmed theory of aging, which suggests that aging is a natural, genetically determined process 

that occurs as a result of an organism's natural lifespan. According to this theory, each species has 

a set lifespan that is predetermined by its genetic makeup. Another theory is the damage or error 

theory of aging, which proposes that aging occurs as a result of accumulated damage or errors in 

the cells and tissues of the body over time. This damage can be caused by various factors, including 

environmental stressors such as exposure to toxins, radiation, and pollutants, as well as normal 

cellular processes such as metabolism and replication [2,4–6].  

There are two main types of aging. The chronological aging, that is the natural process of aging 

which occurs with the passage of time. It is simply measured by counting the number of years a 

person has lived. The biological aging is characterized by gradual degeneration of function of cells, 

tissues, organs, or an intact organism due to accumulation of environmental factors and stresses 

with time [2,4]. This age-related functional degeneration affects each organism that pass through 

developmental phases up to aging, as it is experienced by single cellular and multicellular 

organisms. In mammals, aging is associated with a variety of pathologies, and has been classified 

as the leading predictive factor of many chronic diseases that account for the majority of morbidity 

and mortality worldwide [7]. These diseases include neurodegenerative (Alzheimer’s and 

Parkinson), cardiovascular, pulmonary, renal, and bone disorders, cancers, and many others [8–

13]. What makes aging a common risk factor is the fact that it arises from molecular mechanism 

and pathologic pathways that are cornerstones for the development of all these diseases and which  

are now highly considered as hallmarks for aging identification [2]. This includes oxidative stress, 

overproduction of inflammatory cytokines, oncogenes activation, genomic instability, telomeres 

shortening, epigenetic alteration, mitochondrial dysfunction and consequently accumulation  SnCs 

[14–19]. 
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II. Cellular Senescence 

1. Definition 

Cellular senescence is defined an irreversible proliferative arrest caused by two major intrinsic and 

extrinsic stimuli [20]. It was first demonstrated in the early 1960s by Leonard Hayflick and Paul 

Moorhead, when they found that the normal fetal fibroblast ceased growth after several passages. 

This phenomena was termed “replicative senescence” or the Hayflick’s limit [21,22].  

Although SnCs undergo a permanent cell cycle arrest, several morphological, molecular, 

biochemical and epigenetic hallmarks have been identified to characterize senescent cell [23]. 

Morphologically, SnCs exhibit increased size compared to normal cells of the same type, have a 

flattened shape, and occasionally have multiple nuclei. However, at the molecular and biochemical 

level, these cells revealed a distinct expression profile [24–27]. The increased activity of the 

lysosomal SA β-gal is a common characteristic feature of SnCs [24,28]. In addition, upregulated 

expression of the cell cycle regulators p16 and p21 have been frequently associated with 

senescence detection as well and they are part of the intrinsic triggers of cellular senescence. 

Besides that, the senescence associated secretory phenotypes (SASPs), which are a mix of 

pro-inflammatory cytokines, proteases, and growth factors, are upregulated and secreted by SnCs 

and are part of the extrinsic arm of cellular senescence [29]. These features collectively contribute 

to the senescent phenotype and influence neighboring cells and the tissue microenvironment. As 

no single reliable marker for the detection of senescence in vivo exists, the recent consensus from 

the International Cell Senescence Association (ICSA) requests at least a combination of more than 

two markers to identify a cell as senescent [30]. 

A plethora of factors or events have been attributed to trigger the onset of cellular senescence. 

These triggers can be intrinsic such as telomere shortening, DNA damage, oncogenes activation, 

epigenetic alterations, and tumor suppressors activation. Nevertheless, other triggers of cellular 

senescence are extrinsic, such as chronic inflammation, SASPs, oxidative stress and mitogenic 

signals [25,27,31–38]. It's worth noting that these causes can often interact and reinforce each 

other, contributing to the complex process of cellular senescence. 

Cellular senescence was first considered a protective mechanism against damaged cell or potential 

development of cancer [39]. However, depending on its specific triggers and context, cellular 

senescence can exhibit diverse functions that give rise to diverse types of senescence. Therefore, 
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the functions of cellular senescence are intricately linked to the underlying causes that initiate and 

drive its establishment [40–43]. 

2. Characteristics and Hallmarks 

Cellular senescence is defined by a set of distinct characteristics that contribute to the aging process 

and the development of age-related diseases. These characteristics have been thoroughly 

researched and commonly found in cellular senescence. However, there is not yet a gold standard 

biomarker or set of markers that can verify whether a cell is senescent or not. Similarly, not all 

SnCs feature the same markers identified for cellular senescence [3,44]. 

One of the significant hallmarks of senescence is the development of a complex secretory program 

called the SASP, which was first described by the Campisi group [45]. The SASP is characterized 

by the release of a variety of growth factors, chemokines, cytokines, extracellular matrix (ECM) 

components, and proteases. SnCs modulate their surrounding environment via the SASP, resulting 

in a variety of pathophysiological effects [46]. Cellular senescence has been linked to many 

biological processes, including aging, tumor progression or suppression, development, wound 

healing, and even regeneration. The SASP is critical in mitigating these effects [44,47]. 

Besides that, SnCs exhibit a permanent growth arrest, which is a hallmark feature of senescence. 

This arrest prevents the cells from further dividing and proliferating. The arrest is primarily 

mediated by the activation of the p53/p21 and p16/pRb tumor suppressor pathways, which regulate 

the cell cycle. These pathways induce cell cycle inhibitors, such as p21 and p16, leading to cell 

cycle arrest in the G1 phase [20,48]. P16, a cyclin-dependent kinase inhibitor, is overexpressed 

and plays an important role in inducing and maintaining cell cycle arrest in SnCs. It achieves this 

by inhibiting cyclin-dependent kinase 4/6 (CDK4/6) and preventing subsequent retinoblastoma 

(pRb) protein phosphorylation (discussed in detail below). The induction of cellular senescence 

and the senescence-associated secretory phenotype (SASP) are linked to the upregulation of p16. 

This tumor suppressor protein is now widely used as a marker in culture and tissues to identify 

SnCs [48,49]. While p16 expression is typically low or undetectable in normal cells and tissues, it 

becomes readily detectable in cells that have been driven to senesce by various stimuli [20,50,51]. 

Furthermore, p16 expression increases with age in a variety of vertebrate tissues [49]. 

Although proliferative arrest is a necessary feature of SnCs, it still insufficient. Therefore, SnCs 

acquire a distinctive morphology compared to normal cells, which is another useful feature for 
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SnCs identification. These modifications include enlarged and flattened cell shape, increased 

granularity, and cytoskeleton changes. The enlarged and flattened morphology is caused primarily 

by changes in the actin cytoskeleton and reorganization of the nuclear lamina. These 

morphological changes are linked to changes in cell adhesion and the expression of the SASP 

[28,52]. 

At the biochemical level, the SA-βgal is the most commonly used biomarker for identification of 

SnCs. SnCs have increased activity of the enzyme SA-β gal, which catalyzes a colorimetric 

reaction at acidic pH to give a blue staining in the presence of X-gal. Increased SA-β gal activity 

is a popular biomarker for detecting SnCs in culture and tissues. SA-gal accumulation is linked to 

lysosomal enlargement, increased number and activity [28,53]. However, not only SnCs might 

give positive SA-β-gal staining, some non-senescent macrophages showed a false positive 

staining, as well as some embryonic tissue in absence of p21 [44,54]. Likewise, SnCs lacking 

Glb1gene, might  show a false negative for SA-β gal staining [53].  

Another characteristic of SnCs is that they often develop apoptosis resistance. Because of this 

resistance, SnCs can remain in tissues and contribute to aging and age-related diseases. SnCs are 

resistant to apoptosis due to the upregulation of anti-apoptotic factors such as Bcl-2 family 

members and the downregulation of pro-apoptotic factors such as Bax and Bak [55,56]. Moreover, 

SnCs usually demonstrate an altered metabolism compared to normal cells. These modifications 

include, altered nutrient sensing pathways, increased aerobic glycolysis, dysfunctional 

mitochondria, and increased ROS production [2,57,58]. Mitochondrial dysfunction is 

characterized by decreased mitochondrial mass, altered mitochondrial morphology, increased ROS 

production, and mtDNA damage, as well as impaired oxidative phosphorylation [57]. 

Nevertheless, the endoplasmic reticulum (ER) is another cellular compartment that is affect by the 

onset of senescence. ER stress, as an outcome of senescence, yields misfolded protein, imbalanced 

redox, and disturbed calcium homeostasis which chronically associate with senescence induction 

[59,60]. 

Altogether, these features shape the senescence phenotype. However, it is important to note that 

different senescence-inducing stimuli and cell types may exhibit varying combinations of these 
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features. Therefore, a careful analysis of multiple markers and features is crucial for accurate 

senescence identification (Figure 1). 

 

3. Causes 

The causes of cellular senescence can be broadly categorized into two arms: the intrinsic arm, 

which involves cellular processes and alterations inherent to the cell itself, and the extrinsic arm, 

which encompasses external factors that influence cellular senescence. 

i. Intrinsic Arm 

a. Telomeres Shortening 

Telomeres, repetitive DNA sequences located at the ends of chromosomes, are protected by a 

complex called "Shelterin" which helps maintain their structural integrity [61]. The Shelterin 

complex is made up of six proteins: telomeric repeat binding factor 1 (TRF1), telomeric repeat 

binding factor 2 (TRF2), TRF2 interacting protein (RAP1), TRF1-interacting nuclear factor 2 

(TIN2), protection of telomeres 1 (POT1), and adrenocortical dysplasia protein homolog (TPP1) 

Figure 1. Hallmarks of Cellular Senescence. Senescent cells exhibit changes like enlarged size, 

altered metabolism, and increased production of reactive oxygen species. They also display a 

senescence-associated secretory phenotype (SASP) involving the release of various factors that 

influence neighboring cells. Chromatin modifications and the appearance of DNA-SCARS and 

SAHF contribute to the senescence process. Additionally, the cGAS-STING pathway and 

urokinase-type plasminogen activator receptor (uPAR) play roles in the inflammatory response 

associated with senescence. The manifestation of these features can vary based on the senescence 

trigger, cell type, and timing.  

Paramos-de-Carvalho D et al. The right time for senescence. Elife. 2021 
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[62–65]. Moreover, telomeres have a G-rich leading strand and a C-rich lagging strand. The 

leading strand, has a single stranded 3’ overhang sequence that is thought to facilitate the telomere-

loop formation via binding to the double stranded region [66]. Telomeres shorten due to the "end-

replication problem" in most somatic cells, in which the C-rich telomere on the lagging strand is 

incompletely replicated. RNA primers initiate DNA replication during lagging-strand synthesis, 

but when the last primer at the 3' end is removed, the newly synthesized strand becomes a few 

nucleotides shorter, resulting in telomere repeat loss [67,68]. The progressive loss of telomere 

repeats during cell division can cause shelterin components to be displaced and the telomere-loop 

structure to be destabilized. This exposes the telomere end, which the DNA repair machinery 

recognizes as a double-strand DNA break (DSB) [66,69,70]. Experimental evidence has shown 

that deletion of the shelterin component TRF2 or the 3' overhang binding protein Pot1a in cells 

activates the DNA damage response (DDR) proteins, such as p53 binding protein 1 (53BP1), the 

Mre11 complex, and phosphorylated forms of ataxia telangiectasia mutated (ATM), H2AX, and 

Rad17. Nevertheless, replicative senescence associated with critical telomeres shortening, also 

accumulate DDR proteins at telomere regions which in turns arrests cell cycle via activation of the 

p53 pathway [69,71]. Therefore, altogether these evidences further support the link between 

telomere shortening, DDR activation, and cellular senescence [72–74]. 

b. Oncogene Activation 

Oncogenes are mutant version of normal genes that when activated are capable to trigger cellular 

transformation and cancer development. Point mutations, gene amplification, or changes in gene 

expression regulation can all activate oncogenes. Oncogene activation promotes uncontrolled cell 

proliferation and inhibits normal cellular functions, which contributes to tumorigenesis [75]. 

However, as a counteracting mechanism, the oncogene induced abnormal proliferative activity can 

cause genetic stress, DSBs, altered signaling pathway and induce irreversible growth arrest, a type 

of senescence termed oncogene-induced senescence (OIS) [76–78]. A first example of oncogene-

induced senescence was demonstrated in human lung fibroblast primary culture as a result of the 

Ras oncogene mutation [34]. Subsequently, other oncogenes have been unraveled in OIS such as 

AKT, E2F1, cyclin E, and BRAF [79]. The mechanism through which oncogenes induce 

senescence starts with the DNA damage that launches a DDR. DDR subsequently activates the 

tumor suppressor pathways such as p53/p21 and p16/pRB which maintain cellular cycle arrest and 

promotes formation of senescence-associated heterochromatin foci (SAHF). These pathways when 



22 | P a g e  
 

activated, inhibit the activity of cyclin-dependent kinases (CDKs) and prevent cell cycle 

progression, leading to cell cycle arrest [36,80,81,79,77,34,82,83].  

c. DNA Damage 

A significant and prevalent trigger for the establishment and maintenance of the senescence 

phenotype is persistent DNA damage. SnCs often exhibit ongoing DNA damage that can originate 

from multiple sources such as telomere attrition, ROS, genotoxic stress, and replication stress. The 

accumulation of DNA damage activates pathways known as the DDR, resulting in cell cycle arrest, 

the onset of senescence [20,47]. In addition to the replicative senescence and the OIS, which are 

induced as a consequence of telomere attrition and oncogene activation respectively, some DNA 

damaging agents are capable of inducing the senescence phenotype independently form telomeres 

shortening [84–88]. Oxidative stress induced upon hydrogen peroxide (H2O2) treatment was 

associated with acute DSBs, upregulation of p53 and p21 and subsequent cell growth arrest in 

stressed cells, that in turn results the induction of premature senescence [87,89]. Moreover, ectopic 

expression of mutant TRF2 has shown to launch a DDR with the DDR factors 53BP1, γH2AX, 

Rad17, ATM, and Mre11 and induce premature senescence as a result of telomere uncapping and 

consequent disrupted telomeric function without affecting telomeres length [72,90] suggesting the 

importance of functional telomeres as another factor besides their length. 

Thus, strong evidence presented above suggests that DNA damage is the common underlying 

cause of cellular senescence, including replicative senescence and premature senescence brought 

on by various stressors. The primary causes of endogenous oxidative DNA damage in cells are 

ROS. Therefore, it would be expected that any disruption of biological systems that raises 

intracellular ROS levels would hasten senescence. A study on a copper-zinc-containing superoxide 

dismutase (SOD1) demonstrated that, SOD1 inhibition causes premature senescence in human 

fibroblasts [91]. SOD1 is a key defense against ROS by detoxifying the superoxide anion. 

Furthermore, it was discovered that overexpression of the Protein kinase B (Akt), a crucial cell 

signaling molecule, inhibited the FOXO3a transcription factor and increased intracellular ROS, 

both of which later caused a cell growth arrest that resembled senescence in a p53/p21 dependent 

manner [92]. On the other hand, raising SOD levels slows telomere shortening and delays the 

senescence of primary fibroblasts [93]. 

The signals and pathways that trigger cellular senescence are beyond the limits of discussion, 

however, it is becoming increasingly clear that they indispensably require the p53/p21/Rb pathway 
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to promote senescence primarily brought on by telomere shortening and the p16-Rb pathway to 

bring about premature senescence [94–98]. 

d. Epigenetic Perturbation 

Epigenomic modification highly contributes to induction of cellular senescence [37]. The 

transition between the two chromatin states, euchromatin and heterochromatin, decides the extent 

of gene expression and it is controlled by histone modifications such as methylation or acetylation 

[99]. For instance, in human fibroblasts, histone deacetylase inhibitor (HDAi) induces senescence 

by causing open euchromatin and mediating p21 and p16 expression which in turn promotes SAHF 

formation [36,38]. In mouse fibroblasts, HDAi-induced cellular senescence seems to be more p53 

dependent. Although, the clear mechanism by which HDAi induces cellular senescence is intricate, 

yet it suggests the importance of pRB interference [38,100]. Other factors that affect chromatin 

organization and trigger p16 expression include poor c-MYC or p300 histone acetyltransferase 

activity [101]. Additionally, even in the absence of actual DNA damage, epigenomic perturbations 

can cause a DNA damage response (DDR). For instance, HDAi activate the DDR protein ATM, 

starting a DDR without actual DNA damage [100,102].  

Epigenetically induced senescence predominantly involves the upregulation of p16 and mostly do 

not rely on DNA damage or stress induction. Conversely, DNA damage-induced senescence relies 

more on p21 via induced DDR [103]. These epigenetic modifications during senescence are 

diverse, varying across cell types and contexts. Moreover, replicative senescence is associated with 

alterations in DNA methylation, while oncogene-induced senescence does not exhibit significant 

DNA methylation changes [104,105]. Hence, understanding the role of epigenetic modifications 

in senescence is of utmost importance, as it sheds light on the cause and mechanisms of senescence 

and holds potential for therapeutic interventions, particularly in cancer treatment. 

e. Tumor Suppressor Activation 

The induction and maintenance of cellular senescence in response to various stimuli primarily 

involve the activation of the p53/p21 and p16/pRB tumor suppressive pathways [20,37,50]. These 

pathways, which are complex and interconnected, play a crucial role in establishing the senescence 

growth arrest and regulating gene expression changes. Both pathways can cross-regulate each 

other, and their activation is key to the senescence response [106–109]. Their chronic stimulation 

can guarantee the senescence induction, however, their disruption grants cellular avoidance of 

senescence [52,110,111].  
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• The p53/p21/pRb and p16/pRb pathways+ 

The tumor suppressor protein p53 is essential for regulating the senescence process. Its level is 

primarily regulated by MDM2-mediated degradation. p53 levels are kept low in normal, 

undamaged cells, and its stabilization and activation occur in response to various signals such as 

DNA damage or oncogene activation [112]. The p19Arf (p14Arf in human), is another tumor 

suppressor, upstream to p53, that arises from alternative reading frame of the CDK2NA gene that 

encodes the p16. P19 activates the p53 axis by trapping and inhibiting the action of the p53-

degrading ubiquitin ligase MDM2 and therefore prevents p53 degradation [113].  

One of the critical mediators of p53's functions in the context of senescence is its transcriptional 

target p21Cip1/Waf1. Early p21 induction is thought to be important for senescence initiation and 

a key driver in developmental senescence. However, studies have shown that p21 levels are not 

maintained over time, raising the possibility that its importance in senescence is limited to the early 

stages [86,114–116]. Otherwise, once activated by p53, the cyclin-dependent kinase inhibitor 

(CDKi) p21 inhibits the activity of cyclin-CDK complexes, specifically CDK2, preventing the 

phosphorylation of retinoblastoma family proteins (RB1/pRB, p107/RBL1, p130/RBL2). When 

these proteins are hypophosphorylated, they have a higher affinity for E2F transcription factors 

and form RB-E2F repressive complexes. This results in the transcriptional repression of genes 

required for cell cycle progression, which helps to establish and maintain growth arrest [117].  

The DNA damage induction of senescence occurs in two stages. As is typical of p53's response to 

DNA damage, the initial response is rapid and transient, fading within 24-48 hours [106]. However, 

after the initial rapid phase, low-level activation of p53 and p21 persist in cases of damages severe 

enough to induce senescence [118–120]. However, prolonged DNA damage response signaling  

activates other pathways, including the stress-responsive p38MAPK and protein kinase C 

pathways, which increase the production of reactive oxygen species, and participate in senescence 

induction [121–123]. The mechanisms underlying the activation of these new signaling pathways 

are still unknown. Subsequently, these pathways contribute to the expression of p16, which, in 

conjunction with pRB, reinforces the irreversibility of the growth arrest [111]. 

In conclusion, the induction and maintenance of cellular senescence involves complex signaling 

pathways, particularly the p53/p21 and p16/pRB pathways. These pathways interact to control 

senescence growth arrest and other senescence-related features. Persistent DDR signaling, as well 
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as the subsequent activation of additional signaling pathways, are required for the initiation and 

reinforcement of the senescence response. 

ii. Extrinsic Arm 

a. Senescence-Associated Secretory Phenotype (SASP) 

Senescence-associated secretory phenotype (SASP) expression is the defining feature of the 

extrinsic arm during cellular senescence induction. Despite being unable to proliferate, SnCs can 

produce a wide range of secreted molecules that interact with their surroundings [26]. While the 

SASP's exact composition remains intricate, it is thought to include growth factors, cytokines, 

chemokines, and proteins involved in extracellular matrix (ECM) remodeling [25,124,125]. 

Furthermore, the SASP composition can vary depending on the cell type and senescence-inducing 

stimuli, leading to a diverse array of secreted factors [26,57]  

The SASP factors secretion is highly regulated and dynamic process. The DDR, the aftermath of 

a plethora of stimuli such as DNA damage, telomeres attrition, epigenetic perturbation, oncogene 

activation and mitogenic signal, is the primary activator of SASP to a divers extent 

[25,102,120,126]. On the contrary, senescence induced by p16 ectopic expression did not induce 

SASP [127]. Furthermore, the transcription factors NF-κB, C/EBPβ, p53, and GATA4 were found 

to be significant transcriptional regulators of SASPs [126,128,129]. Nevertheless, the p38 MAPK 

pathway also regulates SASP secretion in a DNA damage-independent manner [122]. During the 

onset of senescence, Notch1 has been identified as an orchestrator of SASP composition [130]. 

Furthermore, epigenetic regulation contribute to the control of SASP gene expression following 

senescence induction [131–134]. Although the precise differences in SASP composition in 

response to various stimuli or between different cell types are not yet fully understood, it is evident 

that the strength and mode of senescence induction are reflected in the SASP. For instance, 

senescence induced by oncogenes like Ras genes or DNA damage leads to a more pronounced 

SASP compared to other factors [26,120]. 

The main role attributed to the SASP included the induction and promotion of cell cycle arrest by 

cytokines like IL6 or IL8 acting via the CCR2 receptor [126,128]. The SASP components not only 

act on nearby cells but also have autocrine effects on SnCs themselves. These factors can reinforce 

the senescence phenotype by maintaining a state of growth arrest and reinforcing the senescence-

associated cell cycle inhibitors, such as p53 and p16 [135]. This autocrine feedback loop 
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contributes to the stability and maintenance of senescence. Additionally, it was found that long-

term exposure to the SASP can cause paracrine signaling, which causes senescence in nearby cells 

[25]. Several studies have demonstrated that, certain SASP proteins, including Csf1, Ccl2, and IL8 

(Cxcl8), promote the recruitment of immune cells, such as macrophages and natural killer (NK) 

cells, which eliminate SnCs [136–138]. Additionally, recent studies have demonstrated  the release 

of chromatin fragments from nuclei of SnCs as a new feature for regulation of the SASP [139]. 

These nuclear fragments activate the cGAS-STING pathway, which aids in the control of SASP 

by inducing the anti-viral defense response [140–142]. However, it has also been found that SnCs 

and the SASP have biological functions beyond simple tumor suppression or aging, including the 

ability to promote proliferation, angiogenesis, or epithelial-mesenchymal transition (EMT) in 

nearby or cancer cells [27,45,143]. 

In summary, the SASP represents the extrinsic arm of the senescence program, enabling SnCs to 

communicate with their surrounding environment. The SASP is a complex secretome consisting 

of growth factors, cytokines, chemokines, and ECM-related proteins. Its secretion is regulated by 

transcription factors, signaling pathways, and epigenetic regulators. The composition of the SASP 

varies depending on the mode and strength of senescence induction, with distinct profiles observed 

in response to different stimuli or cell types. 

4. Cellular Senescence: Various Types and Functions 

i. Damage-Induced Senescence 

Damage-induced senescence (DIS) is a type of cellular senescence caused by various types of 

DNA damage, telomeric or non-telomeric, or cellular stresses [35,43,129,144,145]. It occurs when 

cells sustain significant and irreversible damage, such as DNA double-strand breaks, oxidative 

stress, oncogene activation, epigenome perturbation and many other triggers. However, the 

diversity of cellular senescence types, is highly dependent on the trigger underlying its initiation 

[52,146–148]. For instance, replicative senescence was the first context of DIS described. It refers 

to the phenomenon where cells reach a state of irreversible growth arrest after a certain number of 

cell divisions [21]. This process is primarily driven by DDR generated from telomere shortening, 

which occurs with each cell division (as described in the causes of senescence) [32,35,68]. The 

primary function of replicative senescence is to limit the proliferative capacity of cells and prevent 

the propagation of cells with damaged or unstable genomes. It contributes to tissue homeostasis 
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and plays a role in aging and age-related diseases. It also acts as a safeguard mechanism against 

uncontrolled cell growth and the accumulation of genetic aberrations that could lead to the 

development of cancer [20,43].  

Stress-Induced Premature Senescence (SIPS), is another form of damage-induced senescence 

that is induced independently from telomere shortening. SIPS refers to the accelerated and 

irreversible growth arrest of cells in response to stressors such as oxidative stress, DNA damage, 

telomere dysfunction, oncogene activation, and exposure to certain chemotherapeutic agents 

[35,102,129,144–146,148,149]. It is similar to replicative senescence, but it occurs to cells 

prematurely before they reach their proliferative limits. The function of SIPS is to prevent the 

proliferation of stressed or damaged cells that could otherwise contribute to tissue dysfunction or 

transformation. It acts as a protective mechanism to maintain tissue integrity and prevent the 

propagation of potentially harmful cells. However, it is worth noting that, SnCs, with insufficient 

clearance by immune cells and prolonged accumulation in the tissue, demonstrate an antagonistic 

role and highly contribute to several pathologies exacerbation [20,43] (Figure 2).  

ii. Senescence-Induced Senescence (Secondary Senescence) 

Recent studies have described the secondary senescence, also known as senescence-induced 

senescence or paracrine senescence. Secondary senescence is a phenomenon where primary 

senescence, arisen from damage signals, can induce senescence in neighboring cells through 

paracrine and juxtacrine signaling [25,150–152]. Previously, it was believed that secondary 

senescence primarily occurred through the action of SASP factors secreted by primary SnCs, 

acting on neighboring cells in a paracrine manner [25,151,152]. However, recent findings have 

revealed a more intricate scenario involving additional mechanisms that are independent of the 

SASP. These mechanisms require direct cell-to-cell contact and are referred to as juxtacrine 

signaling, specifically involving the Notch-JAG1 pathway [130,150,153]. 

Research has revealed that the SASP has two distinct effects on target cell populations, leading to 

different senescence endpoints [154]. The primary endpoint, marked by Ras activation, involves 

the upregulation of pro-inflammatory cytokines. This promotes the recruitment of lymphocytes 

and enhances senescence surveillance. On the other hand, the secondary endpoint of oncogene-

induced senescence requires Notch signaling in addition to SASP factors. In this case, the SASP 

response is blunted, showing immunosuppressive characteristics [130,150,153]. 
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Primary senescence primarily relies on SASP factors to induce senescence, while secondary 

senescence driven by Notch signaling promotes a "lateral induction of senescence" through 

juxtacrine communication between cells. Interestingly, inhibiting Notch activity during senescence 

enhances the primary endpoint in vivo. This suggests that Notch activity plays a role in controlling 

the composition of the SASP during senescence [150] (Figure 2). 

  

Figure 2. A Schematic illustration that shows the general mechanism of damage-induced senescence that is caused by 

telomeres shortening in replicative senescence or other DNA damaging stimuli such as oncogene activation or 

oxidative stress in premature senescence. On the other hand, the figure also represents how a damage-induced 

senescent cell (primary senescence) can trigger secondary senescence in the neighboring cells by two pathways. Either 

in paracrine manner through SASPs secretion or juxtracrine manner (lateral inductions) through direct contact 

signaling of Notch-JAG1. 
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iii. Developmental senescence 

The discovery of SnCs during embryonic development has sparked interest and provided valuable 

insights into the physiological roles of senescence. These cells have been observed in the 

development of a variety of organisms, including mice, humans, naked mole rats, chicken, quail, 

Xenopus, axolotl, and zebrafish [155–161]. In mice, these cells were found at early embryonic 

stage  in various tissues, including the hindbrain roof plate, mesonephros, developing limb, neural 

tube, pharyngeal arches, endolymphatic sac, tail tip, and gut endoderm [155,156]. Furthermore,  in 

other organisms, such as Xenopus, axolotl, and zebrafish, SnCs were identified in tissues like the 

pronephros, olfactory epithelium, nerve fascicles, yolk sac, midbrain, and hindbrain [157–161]. 

In developing embryos, SnCs exhibited increased activity of the SA-β-gal and increased 

expression of p21, while other senescence markers such as p53, p16, and DNA damage response 

(DDR) markers were absent [155,156]. This suggests that developmental senescence has a distinct 

phenotype compared to senescence observed later in life, highlighting the importance of p21 in 

this context. Disruption of p21 or senolytic treatment leads to the loss of senescence and patterning 

abnormalities in various structures [155–157,159]. However, these patterning defects are transient 

and can be compensated for by other mechanisms, particularly apoptosis. This implies that SnCs 

are implicated in embryonic development, but they are not indispensable. 

In conclusion, the current evidence suggest that developmental senescence is not a cellular damage 

consequence, but rather a highly organized and programmed process with distinct spatiotemporal 

patterns. Other cues, such as biophysical forces during morphogenesis, could also play a role in 

this process. SnCs appear to contribute to tissue remodeling during development by regulating cell 

population balance, fine-tuning cell fate specification, mediating morphogenetic signaling, and 

facilitating structural degeneration via macrophage-dependent elimination (Figure 3). 



30 | P a g e  
 

  

Figure 3. The experimental evidence of cellular senescence in developing embryos is demonstrated 

through SA-βgal staining localization in mouse, chick, axolotl, frog, and zebrafish embryos. The right 

side presents additional senescence hallmarks identified in each species, such as the expression of 

tumor-suppressor genes p53 or p21, lack of proliferation, or expression of components of the 

senescence-associated secretory phenotype (SASP). The embryonic structures where these hallmarks 

were found, including AER (apical ectodermal ridge), CG (cement gland), ES (endolymphatic sac), G 

(gums), HB (hindbrain), M (mesonephros), and P (pronephros), are indicated.  

Czarkwiani A et al. Out with the old, in with the new: senescence in development. Current Opinion 

in Cell Biology. 2018  
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iv. Cellular senescence: Time-Gated Good or Bad 

Depending on the circumstances, the impact of cellular senescence on organism health and disease 

can be both beneficial and detrimental. Factors such as the type of recipient cells, the specific tissue 

involved, the composition of the SASP, and the duration and quantity of senescent cell presence 

within the tissue all have an impact on the effects. However, the effect of SnCs appears to be 

primarily time gated. while transient expression of SnCs can be beneficial in terms of tissue 

balance, restoration, and functions such as tissue healing or cancer suppression. SnCs are typically 

removed by the immune system in such cases. If SnCs are not removed efficiently, they can 

accumulate and disrupt tissue homeostasis, resulting in detrimental outcomes such as tumor 

progression, damage, inflammation, and the development of various pathologies [3,23,29]. 

In this regard, the detrimental effects of senescence are partly attributed to the SASP's chronic 

secretion of pro-inflammatory molecules. The SASP can have an effect on neighboring cells, with 

the extent of the effect depending on the duration of exposure. Long-term SASP exposure can 

impair stem cell functions and promote paracrine senescence, amplifying the presence and 

signaling of SnCs [163]. This imbalance has the potential to impair organ and tissue function 

[23,29]. 

Furthermore, SnCs tend to accumulate with age, for reasons that are still not completely 

understood [23,164]. Despite different reasons, the accumulation of SnCs in aged organisms 

contributes significantly to the onset and progression of various age-related diseases [43]. In 

animal models, efforts to selectively eliminate SnCs with senolytic drugs or modulate the SASP 

with senomorphics have yielded promising results in terms of improving health and lifespan [164–

167]. These strategies are being investigated in order to develop interventions that target the 

adverse effects of senescence and improve overall health. Understanding the molecular 

mechanisms at the basis of the detrimental effects of senescence is essential in advancing these 

approaches (Figure 4 [168]).  
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Figure 4. The SASP has a variety of effects on the microenvironment, including matrix 

remodeling, signaling for cell growth, regulating clearance, inflammation, and immune 

modulation. These effects can be beneficial or harmful depending on the duration of the 

senescence program and SASP response. Transient SASP responses have positive effects, such 

as tissue repair and immune clearance of SnCs. However, prolonged SASP responses lead to 

tissue dysfunction, chronic inflammation, and aging-related diseases. Long-lasting senescence 

also depletes stem cell pools, impairing tissue regeneration. The role of SASP in cancer is 

complex, as it can have both tumor-suppressive and tumor-promoting effects depending on the 

stage of cancer progression. Early on, the SASP suppresses tumor growth, but in later stages, it 

creates a pro-inflammatory environment that supports tumor development.  

Paramos-de-Carvalho D et al. The right time for senescence. Elife. 2021 



33 | P a g e  
 

III. The Tumor Suppressor and Cell Cycle Regulator: p16Ink4a 

(Information in this section is mostly taken from our review article: [169], 

“p16Ink4a – More Than a Senescence Marker”) 

1. Definition and History 

P16 is a tumor suppressor gene, which has been termed with several names such as the multiple 

tumor suppressor-1 (MTS-1), the inhibitor of cyclin-dependent kinase 4a (INK4A), or the cyclin-

dependent kinase inhibitor 2a (CDKN2A). The human p16 gene is located on the short arm of 

chromosome (9p21.3). The p16 transcript is composed of three exons which encode 156 amino 

acids. The use of an alternative reading frame generates the human p14Arf protein (p19Arf in 

mice) [170–172].  

The primary function attributed to p16 was that of a cell cycle regulator. It accomplishes this by 

inhibiting the activity of the cell cycle regulators CDK4 and CDK6. Shortly after, the discovery of 

p16 as a tumor suppressor protein was closely related to the study of familial melanoma, a type of 

skin cancer that is genetically inherited and has a risk to pass through generations of the family. In 

the early 1990s, researchers were looking into genetic changes linked to familial melanoma, and 

they were particularly interested in a region on chromosome 9p21. In melanoma and other types 

of cancer, this region was found to be frequently deleted or mutated [173–175]. Further research 

revealed that p16 was not only linked to familial melanoma but was also linked to a variety of 

other cancers. Loss of p16 function was discovered to be a common event in cancer development, 

either through genetic mutations or epigenetic silencing. The functional significance of p16 as a 

tumor suppressor and its role in cell cycle regulation has gotten a lot of attention in cancer research 

[176–178]. 

Nonetheless, since its discovery, p16 has grown a significant importance in aging and cellular 

senescence domain. It has formed the bedrock for demonstrating aging and cellular senescence 

processes and their correlation with other tumor suppressors and cell cycle regulators such as p21 

and p19ARF [49,82,179]. Several studies have shown that p16 has a dramatically increased 

expression in a variety of tissues of old rodents, including the lungs, lymph nodes, adrenal gland, 

and uterus. Furthermore, removing p16 positive SnCs delayed the occurrence and progression of 

age-related pathologies in mice in vivo, as well as prolonging the lifespan of premature and natural 

aging mice [164,167]. All these combined made p16 a hallmark of aging and age-related diseases. 
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2. The p16Ink4a Gene and Protein Structure 

The CDKN2A gene belongs to the INK4 genes family. CDKN2A encodes for p16 and p14ARF 

(p19Arf in mice), while CDKN2B encodes for p15Ink4B, CDKN2C for p18Ink4C, and CDKN2D 

for p19Ink4D. They share biological properties in cell cycle regulation and tumor suppression 

[180,181]. The CDKN2A gene consists of exons, E1β, E1α, E2, E2γ, and E3. Alternative splicing 

generates four different transcript variants including p16 (E1α, E2, and E3), p19Arf (E1β, E2, and 

E3), (the murine orthologue of the human p14ARF), in addition to p16γ and p12. Thus, the 

difference between p16 and p19ARF transcript variants lies within the alternative splicing of E1α 

versus E1β, which then splice onto common exons E2 and E3 [182,183] (Figure 5 [169]). 

The p16 protein is made up of 156 amino acids and has a molecular weight of about 16 kDa. It is 

distinguished by the presence of several significant structural features. The p16 protein's structure 

is made up of four ankyrin repeats (ARs). Ankyrin repeats are conserved motifs made up of 31-34 

amino acids arranged in a helix-turn-helix configuration. These repeats are linked together by loops 

of varying lengths that are perpendicular to the helical axes. The four ankyrin repeats are arranged 

in a helical structure that is involved in binding with target proteins. 

When p16 interacts with cyclin-dependent kinase 6 (CDK6), it binds to the cavity of CDK6, 

exposing the catalytic cleft of CDK6. This binding causes an electrostatic interaction between two 

specific amino acids residues, D84, in p16 and R31 in CDK6, which potentially results in a 

reduction of CDK6's kinase activity. Mutations in p16 that are associated with cancer often occur 

at residue D84, disrupting this inhibitory effect and leading to uncontrolled cell proliferation 

[182,184] (Figure 6). 

 

  

Figure 5. The structure of the INK4A locus gives rise to several transcripts through 

alternative splicing. P16Ink4a and p19ARF are two transcripts of 3 exons which differ only 

in the first exon that is E1α for p16 and E1β for p19ARF [169]. 
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A. 

 

B. 

Figure 6. CDKN2A protein structure. (A) Schematic representation of the p16 protein. Each 

ankyrin repeat consists of a helix-turn-helix (H-T-H) structure. The four H-T-H motifs are 

connected by three loops. (B) 3D structural model of p16 protein from two different 

orientations. N-terminus and C-terminus indicated. Eight helices observed on the left and the 

four ankyrins observed on the right (in blue). 

(A): Scheme illustrated on Biorender.com. 

(B): Images obtained from UniProtKB webpage - P42771 entry (AlphaFold Protein Structure 

Database). 
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3. The Cell Cycle 

i. Overview 

The cell cycle is a meticulously orchestrated process that is divided into four stages: G1 (Gap 1), 

S (Synthesis), G2 (Gap 2), and M (Mitosis). Cells grow and perform their specialized functions 

during the G1 phase. The length of this phase is influenced by external cues and signaling 

pathways, which determine whether cells continue to replicate their DNA or exit the cell cycle. 

The G1 phase is a critical checkpoint in which the decision to divide or differentiate is made. 

Following G1, the S phase is characterized by DNA synthesis. The genome replicates, resulting in 

the formation of two identical copies of the genetic material. This phase is strictly controlled to 

ensure accurate DNA replication and the repair of any DNA damage. The G2 phase is a checkpoint 

phase in which cells prepare to divide. Additional organelle growth and synthesis take place, and 

the cell ensures that DNA replication is complete and error-free. Cells monitor DNA integrity and 

repair any damage that has occurred during this phase. Finally, the M phase includes mitosis, which 

is divided into several stages: prophase, prometaphase, metaphase, anaphase, and telophase. The 

replicated chromosomes are accurately segregated into two daughter cells during mitosis (Figure 

7) [185–187]. 

ii. Regulation 

The cell cycle is tightly controlled to ensure proper progression, accurate DNA replication, and  

cell division. Cyclins, cyclin-dependent kinases (CDKs), and their inhibitors are important 

regulatory components. Cyclins are proteins that accumulate and activate CDKs during specific 

stages of the cell cycle. Cyclin-CDK complexes regulate cell cycle phase transitions by 

phosphorylating target proteins. Specific transitions, such as G1 to S or G2 to M, are governed by 

different cyclin-CDK complexes. CDK activity is further regulated by a variety of mechanisms. 

CDKs must be phosphorylated at specific sites in order to be activated, and cyclin binding causes 

conformational changes that increase kinase activity. CDK inhibitors, such as p16, p19, and p21 

proteins, can bind to cyclin-CDK complexes, inhibiting their activity and controlling cell 

proliferation. Additionally, checkpoints are also present throughout the cell cycle to ensure DNA 

integrity and proper progression. Checkpoints are regulated by tumor suppressor proteins such as 

p53, which can halt the cell cycle in response to DNA damage or abnormalities. These checkpoints 
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allow cells to repair DNA damage before moving on to the next phase, preventing errors from 

being passed down to daughter cells (Figure 7) [187,188]. 

   

4. P16Ink4a Expression and Cell Cycle Regulation 

The cell cycle is a complex loop of events consisting of doubling the genetic material of the mother 

cell in the S phase, which is afterward accurately segregated into two identical daughter cells in 

the M phase. Once out of the quiescent G0 phase and prior to the S phase, the cell enters a critical 

preparatory gap phase termed G1. There, the cell fate hinges to decide at this restriction point 

whether to progress through the cycle. Generally, the driving forces of progression through the cell 

cycle are the regulatory cyclin-dependent kinases (CDKs). CDKs are activated by binding to their 

corresponding cyclins. Specifically, at the G1/S checkpoint, the progression through the cell cycle 

requires the cyclin D-CDK 4/6 assembly [176,188]. 

P16 is a specific inhibitor of the cyclin-dependent kinases CDK4 and CDK6 and it mainly prevents 

cell transition from G1 to S phase and causes subsequent proliferation arrest by rendering 

Figure 7. The cell cycle checkpoints and regulatory proteins. This figure illustrates the intricate 

regulation of the cell cycle and the pivotal role of cyclin-dependent kinases (CDKs) and tumor 

supressors in orchestrating progression through its distinct phases. At the G1/S transition, the 

CDK4/6-cyclin D and CDK2-Cyclin E complexes activity is selectively inhibited by p16 and p21, 

respectively, preventing the entry into the S phase. As cells traverse through the S phase and G2 the 

tumor supressor p27 becomes the key regulator which controls the activity of CDK2-cyclinA (S phase) 

and CDK1-cyclinA (G2 phase) inhibiting the progression through G2/M checkpoint. The final 

checkpoint marks the transition from M phase to G1 phase. The CDK1-cyclin B complex is tightly 

regulated by p21 during the M phase, preventing premature entry into G1.  

From Biorender.com 
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retinoblastoma protein (pRB) in a hypophosphorylated state. In G0, pRB is unphosphorylated. At 

the beginning of G1, cyclin D-Cdk4/6 monophosphorylates pRB, which is bound to E2F 

transcription factors. When the cell passes the restriction point, cyclin E-Cdk2 

hyperphosphorylates pRB, which dissociates from the E2F factors, which in turn translocate to the 

nucleus and activate transcription of S phase genes [172,182,189,190]. However, in an alternative 

model proposed by Ahlander and Bosco, hypophosphorylated pRB binds E2F transcription factors 

on the chromatin, and recruits histone deacetylase (HDAC) and other chromatin-remodeling 

enzymes, which act all together to inhibit S-phase gene transcription and cell cycle progression. 

On the contrary, hyperphosphorylated pRB dissociates from E2F which in turn activates 

transcription and cell cycle progression [191]. P16 binding to CDK 4/6 can directly inhibit their 

activities in addition to non-p16 CDK inhibitors such as p27 for further hypophosphorylation of 

pRB [192] (Figure 8). This p16–pRB–E2F axis can also be enhanced through direct interaction of 

p16 with the gene-associated retinoid-IFN-induced mortality-19 (GRIM-19) [193]. 

Hereby, p16 expression seems to be credited to a feedback loop with pRB. In other words, pRB 

phosphorylation provokes E2F activation and induces p16 expression. Thus, p16 inhibits CDK 4/6 

and increases hypophosphorylated pRB which tends to downregulate p16 [194]. P16 expression 

can be affected by epigenetic modification through promoter hypermethylation [195]. PRC1 and 

PRC2 complexes are involved in this response and provoke heterochromatin formation and p16 

suppression [196,197]. The hypermethylation is mediated by the PRC2 core protein Ezh2. Ezh2 

adds a trimethyl to H3K27 in an association with the polycomb protein Bmi-1, a member of the 

PRC1 complex. Bmi-1 dissociation from the suppression complex can restore p16 expression 

[198,199]. In addition, as a major cause of cellular senescence and aging, both exogenous- and 

endogenous-induced oxidative stress and reactive oxygen species (ROS) production resulted in 

upregulation of p16 expression in pathways that involve the extracellular signal-regulated kinases 

ERK1/2 and the stress-activated protein kinases p38 [200,201]. 

Furthermore, several studies have shown other mechanisms of p16 inhibition of the cell cycle 

independently from the pRB-E2F pathway [202,203]. One in which p16 interacts with the CDK7 

subunit of the general transcription factor TFIIH to inhibit the phosphorylation of the carboxyl-

terminal domain (CTD) of the large subunit of the RNA polymerase II, contributing to cell cycle 

arrest [202,204]. Besides that, it also inhibits the activities of the c-jun N-terminal kinase (JNK1 

and JNK3) which in turn blocks AP-1 activity and inhibits cell transformation [203]. 
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Moreover, the case of oncogene-induced senescence through elevated p16 expression was 

observed in primary cells with activated RAS or its downstream stream effectors Raf and MEK 

[34,205]. More precisely, the Ets family members, Ets1 and Ets2 which are transcription factors 

activated by the RAS-Raf-MEK cascade [206], bind and activate the p16 promoter with 5 to 10-

fold potentiation [81]. Independently, RAS can also increase p16 expression, and induce cellular 

senescence by inducing the ectopic expression of the transcription factor HBP-1 [207] or activation 

of the H3K27 histone demethylase JMJD3 and down-regulation of Ezh2 [208]. 

  

Figure 8. In the p16/pRB pathway, p16 inhibits Cdk4/6–cyclin D complex formation and 

induces subsequent pRB hypophosphorylation. Similarly, in the p53/p21 pathway, p19ARF 

traps MDM2 and prevents p53 degradation, which consequently activates p21. This works 

similarly as p16 but by inhibiting Cdk2–cyclin E complex, and, therefore, induces pRB 

phosphorylation. Dephosphorylated pRB binds E2F transcription factor at the E2F sites 

and blocks G1–S phase transition, blocking the cell cycle. However, in the absence of p16 

and p21, hyperphosphorylated pRB detaches from E2F transcription factors, which 

consequently activates S-phase genes and induces progression of the cell cycle [169]. 
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5. p16Ink4a Animal Models 

Multiple studies investigating p16 functions used the p16-INK-ATTACK [164], p16-3MR [209], 

p16-Cre [210], and Super-INK4A/ARF mice. The p16-INK-ATTACK transgene consists of a 2.6 

kb p16 promoter construct controlling expression of green fluorescent protein (GFP) and a FKBP–

Casp8 “killing cassette”, which upon treatment with AP20187 induces apoptotic death of FKBP–

Casp8 expressing cells [164]. GFP expression in these animals increased significantly between 12 

and 18 months of age [167]. The p16-3MR transgene consists of a 50 kb p16 BAC clone containing 

the 3MR (trimodality reporter) fusion protein, with a synthetic Renilla luciferase (LUC), 

monomeric red fluorescent protein (mRFP), and truncated herpes simplex virus 1 thymidine kinase 

(HSV-TK). HSV-TK allows the killing of positive cells by ganciclovir. A significant increase in 

luciferase activity was detected by 18 months of age [209]. P16-Cre mice represent knock-in 

models in the endogenous p16 locus either as constitutively active Cre or Tamoxifen-inducible 

CreERT2 versions. These mice were crossed with mTmG reporter or diphtheria toxin deleter 

strains. Some GFP-positive cells were detectable by 2 months of age and the number increased 

significantly at 12 months [210] (Figure 9). The Super-Ink4a/Arf mouse strain carries an 

additional transgenic copy of the entire Ink4a/Arf locus [211]. Recently, p21-CreERT2 [212] and 

p21-INK-ATTACK [213] mice were established. Data from these animals suggest that p16 and 

p21 mark different populations of SnCs and have different functions. Additionally, the SASPs of 

p16 and p21 cells are functionally different [214]. Most of the studies showed that elimination of 

the small number of SnCs improves tissue health [164,167,213,215–223], but some studies also 

provided evidence for a physiological function of SnCs and the SASP [209,210]. As beneficial 

effects were observed in tissues where the p16-INK-ATTACK transgene is not expressed 

[167,218], p16 knockdown inhibits SASP factor expression [224], and very recently it has been 

shown that blood or plasma transfer from old to young mice induces senescence and aging features 

[225], it is likely that the SASP plays the most important role for the observed alterations. 
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Figure 9. Schematic Representation of p16-3MR, INK ATTAC, p16-cre-mTmG/DTA Mouse Models. (A) 

Conditional expression of the p16Ink4a promoter-driven Trimodality Reporter (3MR) system, allowing 

visualization and ablation of p16Ink4a expressing cells. (B) Conditional caspase-based apoptosis induction 

under the p16Ink4a promoter, facilitating targeted apoptosis in p16Ink4a-expressing cells upon AP20187 

treatment. (C) Utilizes the Cre-loxP system for p16high cells tracing, with p16Ink4a promoter-driven Cre 

recombinase inducing a switch from red (mT) when p16 is low to Green (mG) fluorescence when p16 is high. 

In parallel, this model enables targeted ablation of high p16Ink4a-expressing cells through DTA-mediated 

toxicity. (A) Demaria et al. Dev Cell. 2014. (B) Baker et al. Nature. 2011, (C) adapted from Grosse et al. Cell 

Metabolism. 2020, schematized on Biorender.com 

C. p16-Cre Mouse 

B. INK ATTAC Mouse 

A. p16-3MR Mouse 



42 | P a g e  
 

6. P16Ink4a in Senescence, Aging and Beyond 

P16 has been demonstrated to play a crucial role in aging and cellular senescence processes. In 

addition, it has formed the basis for identifying these processes and their correlation with other 

tumor suppressors and cell cycle regulators such as p21 and p19ARF [49,82,179]. Several studies 

have shown that p16 has a dramatically increased expression in a variety of tissues of old rodents, 

including the lungs, lymph nodes, adrenal gland, and uterus. Furthermore, removing p16 positive 

SnCs delayed the occurrence and progression of age-related pathologies in mice in vivo, as well 

as prolonging the lifespan of premature and natural aging mice [164,167]. All these results 

combined made of p16 a hallmark of aging and age-related diseases. However, p16 along with 

other tumor suppressors characterize the intrinsic arm of cellular senescence by forming two 

pathways. The p16-pRB where p16 acts as an upstream regulator of pRB, and the p53-p21 where 

p21 is a downstream effector of p53 [50,108,172,190]. The major regulatory key of these pathways 

is the inhibition of the cyclin dependent kinases CDK4/6 and CDK2 which then control cell cycle 

and implicate them in physiological processes dependent on cellular proliferation such as cancer, 

tissue regeneration, aging, cellular senescence and development [44,108,226]. As a result, p16 

upregulation or baseline expression is not solely associated with aging and senescence, but it may 

simply reflect cell cycle inhibition as p16 upregulation is not always associated with increased 

SASP expression [127]. In addition, p16 suppression restores proliferation and provokes 

senescence bypass associated with decreased SASP expression [224,227] and promotes 

tumorigenesis [228–231]. 

Therefore, while the primary role of p16 in various tissues and organs has been mainly restricted 

with its involvement in cellular senescence, aging, and age-related diseases, further research has 

revealed additional beneficial roles of p16 within these tissues despite its classical function as a 

cell cycle regulator. Hereby, demonstrated in several selected organs, the well-known function of 

p16 in senescence and aging discussed in parallel with its implication in several other biological 

processes apart from that.  

i. In the Skin 

The skin is the largest tissue in the human body. It serves as a physical barrier to both biological 

and nonbiological threats. Being exposed to the outside environment places the skin in direct 

contact with environmental hazards, making it extremely vulnerable. The skin is made up of two 
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layers: the outer epidermis, which is divided into four sublayers with keratinocytes predominating 

in the spinous, granular, and cornfield sublayers, and pigment-producing melanocytes that confer 

photoprotection in the basal sublayer. The underlying dermis contains connective tissue with 

fibroblasts, collagen, and elastin as well as sebaceous and sweat glands and is connected to the 

epidermis by the dermal epidermal joint (DEJ) [232]. Skin aging is caused by both intrinsic 

(genetic, time, etc.) and extrinsic (pollution, UV exposure, sunlight, etc.) factors, and it has both 

biological and functional implications. Aged skin has thinner epidermis, dermis, and DEJ than 

younger skin, which is due to keratinocytes’ decreased proliferation and renewal ability [24,233–

235]. 

As major biomarkers of senescence, both the SA-β-gal and p16 determination has shown elevated 

expression upon in vitro exposure of fibroblasts and keratinocytes to UV light [236–238]. 

Furthermore, telomere shortening, DNA damage, and UV exposure increased the activity of the 

p16/pRB and P19ARF/p53/P21 cascades, resulting in an accumulation of SnCs and skin stem cell 

dysfunction and loss of regeneration capacity [235]. An in vivo study, on the other hand, claimed 

that UV light exposure has accelerated cellular senescence by increasing p21 expression [238]. 

In contrast to the previous results, the presence of p16 has been shown to play an important role in 

several biological processes that are beneficial to the skin. Starting with its tumor suppression 

function, p16 inactivation due to mutation or promoter methylation has been linked to a variety of 

cancers, including familial and sporadic melanoma [177,239–241]. These studies identified 55 out 

of 60 melanoma cell lines that were dependent on complete or partial p16 aberration, implicating 

this pathway in the development of melanomas. Furthermore, the level of p16 expression could be 

used as a melanoma predictive and prognostic biomarker. In other words, lower p16 levels were 

associated with higher Ki67 expression as a proliferation marker, and metastatic melanoma lesions 

were associated with even lower p16 levels and predicted poor patient survival [242]. Benign nevi 

had higher p16 levels than nonmetastatic melanoma, which had even higher p16 levels than 

metastatic melanoma [243]. Furthermore, in primary mouse fibroblasts (PMFs), human 

melanocytes, and a human melanoma cell line (A375), the loss of p16 correlated with increased 

mitochondrial mass, attenuated respiration, and altered morphology associated with augmented 

superoxide production and higher cellular motility. Forced p16 expression restored mitochondrial 

homeostasis, dynamics, and motility in a CDK4/pRB independent pathway [244]. Surprisingly, 

oxidative stress-induced p16 has attenuated ROS production in skin in vivo and in vitro. In 
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addition, elevated intracellular ROS and DNA damage were obtained in p16-deficient cells. This 

was restored in skin fibroblasts transduced with p16 using lentivirus [200]. These findings suggest 

a pRB-independent tumor suppression function of p16. As another mechanism, p16 has been found 

to transactivate the promoter of the tumor suppressor miRNAs, miRNA-141 and miRNA-146b-5p, 

in melanocyte through physical interaction with the transcription factor Sp1 and CDK4, via the 

p16 fourth ankyrin repeat. Mutation in this ankyrin repeat attenuated Sp1 binding and miRNA-141 

and miRNA-146b-5p transactivation without affecting the expression level of Sp1 [245]. In 

addition, this p16–Sp1–CDK4 interaction and consequent miRNA-141 and miRNA-146b-5p 

transactivation has also been implicated in cellular response to UV-radiation-induced damage and 

apoptosis. 

P16 has been shown to be an important factor in wound healing. ECs and fibroblasts were 

identified as p16-positive cells at the site of injury in the p16-3MR mouse model a few days after 

injury. These transiently appearing SnCs aimed to accelerate wound closure by inducing 

myofibroblast differentiation via platelet-derived growth factor AA secretion as part of the SASP 

[209]. Elimination of these cells delayed the wound healing process. The matricellular protein 

CCN1 has been identified as a key player in the induction of fibroblast senescence at the wound 

healing margins. By inducing DNA damage and p53 activity, CCN1 induces oxidative stress and 

provokes p16 upregulation, which leads to fibroblast senescence and antifibrotic gene activation 

[246]. Furthermore, coexpression and activation of the laminin 5/p16 response has been identified 

in migrating keratinocytes. The laminin 5/p16 response caused hypermotility and growth arrest in 

keratinocytes, leading to wound re-epithelialization [247]. This pathway has also been identified 

in critical stage neoplastic progression as a tumor suppressing pathway. This might suggest a 

protective effect of the induced p16 upregulation upon the exposure of skin to UV radiation [248]. 

Moreover, p16-orchestrated expression is required for stem cell self-renewal and differentiation. 

More precisely, p16 repression by epigenetic regulators is indispensable for SCs proliferation. On 

the contrary, its promoter epigenetic regulation and orchestrated expression level have been found 

crucial for keratinocyte differentiation beside many other differentiation genes [249–253]. 

Moreover, the balance between growth and differentiation requires a balanced expression of p16 

and other cell cycle regulators [250–253]. For instance, Id-1, Id-2, and Id-3 are repressors of p16 

and are upregulated in dividing keratinocytes, whereas they become downregulated in 

differentiated cells [254]. Activators of p16 transcription promoted keratinocyte differentiation via 
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acting on epidermal differentiation complex genes [255]. Therefore, unravelling the precise 

mechanism underlying p16 regulation of expression might provide a targeted approach which 

confers maintenance of epidermis regenerative capacity and avoids premature skin aging or cancer 

development (Figure 10 and Table 1). 

ii. In the Bones 

Two major types of cells are involved in maintaining skeletal homeostasis: osteoblasts, which are 

derived from osteoprogenitor cells and are in charge of bone growth, mineralization, and 

remodeling, and osteoclasts, which are descended from myeloid lineages and mediate bone 

resorption and breakdown [256]. Osteocytes are the most prevalent long-lived cell type in bone 

matrix and are in charge of maintenance of bone mass [257]. Skeletal aging is characterized by 

bone mass loss and is a significant risk factor for osteoporosis because it results from an increase 

in osteoclasts and a decrease in osteoblasts count [258–261]. Cellular senescence has been linked 

to bone aging and the development of aging-related osteo-pathologies [262]. More precisely, 

senescent osteocytes have been detected in aging bones with increased expression of p16. 

In contrast to osteocytes, senescent osteoblasts are characterized by increased expression of p21 

only [257,260,263–265]. Moreover, the selective elimination of p16-expressing cells using 

INK-ATTACK transgene resulted in increased bone mass in 20 months old mice [266]. 

Furthermore, using the p16-3MR transgene, which is based on the elimination of P16-expressing 

cells upon treatment with ganciclovir (GCV), has effectively abrogated age-related increases in 

osteoclastogenesis of the myeloid lineage but had no effect on bone formation. This might indicate 

that p16, rather than direct targeting of senescent osteocytes, contributes to osteoclastogenic 

potential without major impact on age-related bone loss [267]. 

However, other implications of p16 have been demonstrated in bone. P16 degradation by the 

ubiquitinated regulator UBE2S is an important step in the progression of prostate cancer bone 

metastasis [268]. Furthermore, patients with p16-positive oropharyngeal squamous cell carcinoma 

had a higher incidence of bone metastasis than p16-negative patients [269]. Lower expression of 

p16 in osteosarcoma patients was correlated with reduced response to primary chemotherapy 

[270], which, therefore, shows the importance of p16 as a prognostic and predictive biomarker and 

therapeutic target for cancer and metastasis. 
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Aside from p16 in cancer, although only p21-positive cells were able to prevent radiation-induced 

osteoporosis [213], p16 deletion inhibited oxidative stress, osteocyte senescence, and osteoclastic 

bone resorption, which led to osteogenesis and osteoblastic bone formation, indicating a promising 

mechanism to prevent estrogen deficiency-induced osteoporosis [271]. Furthermore, p16 deletion 

promoted migration, proliferation, and differentiation of bone marrow mesenchymal stem cells 

(BM-MSCs) and chondrocytes. It also stimulated osteoblastogenesis and vascularization, which 

improved bone fracture healing. Consequently, p16 modification might offer a novel strategy for 

treating fractured bones in elderly patients [272] (Figure 10 and Table 1). 

iii. In the Lungs 

Cellular senescence and aging have both been linked to increased lung damage and functional 

impairment [273]. Growing evidence suggested aging as another determinant of the chronic 

obstructive pulmonary disease (COPD) and showed higher prevalence of the disease in elderly 

[274–276]. Similarly, even though there are no certain causes of idiopathic pulmonary fibrosis 

(IPF), aging associated with cellular senescence and p16 overexpression has emerged as a main 

risk factor [277,278]. 

Cigarette smoking (CS) is a major risk factor attributed to COPD [279]. CS can alter cellular 

proliferation and induce apoptosis, reactive oxygen species production, and promote oxidative 

stress, cause DNA damage, and trigger cellular senescence [280,281]. Furthermore, mice exposed 

to chronic cigarette smoking at both young and old ages showed increased activation of the 

senescence marker beta-galactosidase as well as upregulation of p16 compared to their respective 

air-exposed controls. Older air-exposed mice had higher levels of beta-galactosidase and p16 than 

younger mice. Therefore, CS-induced senescence and natural-aging-associated senescence are 

both affected by the p16 pathway [282]. This was confirmed in human COPD patients who had 

higher p16 expression compared to normal smokers and nonsmokers [283]. Furthermore, after CS 

exposure, wild type mice had more senescent alveolar type II (AECII) epithelial cells than p16 

knockout mice, which had normal pulmonary function. Moreover, p16 deletion has rescued the 

adverse effects induced by CS in the lungs via the insulin growth factor1 (IGF1)/Akt1 signaling 

pathway [283]. 

However, p16 expression is a differentiation key between cervical squamous cell carcinoma (SCC) 

with pulmonary metastasis and pulmonary SCC. Immunohistochemistry of both cervical SCC 
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without and with pulmonary metastasis has shown an intense staining of p16 in almost all cases 

studied. On the contrary, cases with pulmonary SCC demonstrated p16 expression in 7 out of 33 

cases, 3 of which, showed weak p16 staining. This implies the usefulness of p16 as distinguishing 

marker between cervical SCC with lung metastasis and pulmonary SCC [284]. Furthermore, the 

fact that aberrant p16 methylation occurs at early stages of lung cancer renders p16 an early 

diagnostic biomarker for monitoring and prevention [285]. Moreover, p16 low expression and gene 

mutation were associated with early and late stage non-small cells lung carcinoma (NSCLC), 

respectively [286,287]. As a result, it has been identified as a predictable prognostic factor in 

NSCLC particularly at early stage. 

On the other hand, p16 expression is not only linked with disease progression but also with lung 

protection. P16 loss was linked with poor survival after lung injury. In addition, p16 expression 

was found to be crucial for protection of lung epithelium against oncogenic stress and lung injury 

[288]. Moreover, injured p16-positive mesenchymal cells enhanced epithelial progenitor 

proliferation, whereas deletion of p16 attenuated normal epithelial repair in the lungs [289]. 

Furthermore, prevalent usefulness was demonstrated for p16 as a target for COPD therapy. Higher 

p16 expression was found in human COPD lungs compared to normal patients, and when CS 

induced impaired pulmonary function and augmented emphysema in WT mice, p16 knockout mice 

exhibited normal pulmonary function with reduced emphysema and increased alveolar progenitor 

proliferation [283] (Figure 10 and Table 1). 

iv. In the Brain 

Aging-induced p16 overexpression and cellular senescence have been linked to decreased 

subventricular zone progenitor proliferation and neurogenesis of the olfactory bulb, to diminished 

multipotent progenitor cell frequency and self-renewal potency [290]. Moreover, chronic 

accumulation of SnCs and the resulting inflammation in the brain has been linked to the 

development of Alzheimer's disease (AD) and other neurodegenerative diseases [291,292]. In two 

out of five AD models, Dorigatti et al. [293] found evidence of cellular senescence marked by a 

significant increase in p16, p21, and p53 expression, as well as increased SASPs expression and 

beta-galactosidase activity [293]. Another study found that tau-containing neurofibrillary tangles 

(NFTs), a hallmark of Alzheimer's disease, are age-dependent and strongly associated with 

senescence induction and upregulation of p16 and p21 [294,295]. Nonetheless, astrocytes play an 
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important role in neuronal homeostasis and functions, and as we age, they undergo senescence in 

response to multiple stresses, resulting in impaired brain function [296–299]. In a study to 

investigate the presence of senescent astrocytes in aging and Alzheimer's disease, tissue from the 

brains of elderly people and Alzheimer's patients was compared for p16 and SASPs expression 

with fetal tissue as a control. The findings revealed that aged brain tissue contains significantly 

more p16-positive astrocytes than fetal tissue. When compared to non-AD adults of the same age, 

AD brain tissue contains more p16 positive astrocytes [300]. 

As previously discussed for other tumors, unsurprisingly, p16 homozygous deletion was found in 

both primary glioblastoma and their derived xenografts [301]. In addition, p16-cdk4/cyclin D1-

pRb pathway inactivation was found in the majority of glioblastomas [302]. P16 loss was linked 

to significantly poor outcome in all glioma patients, which indicates a predictive prognostic 

usefulness of p16 in brain tumors [303]. On the contrary, p16 null glioma cells demonstrated higher 

chemosensitivity to paclitaxel and topotecan compared to exogenous wild type p16 overexpression 

[304]. 

P16 overexpression has been shown to exert a protective function of neurons against CDK 

overexpression-induced apoptosis [305]. Moreover, increased expression of p16 and p21, induced 

by stress conditions, has protected female but not male astrocytes from transformation [306]. In 

another promising strategy, the selective elimination of p16-positive senescent astrocytes 

diminished cognitive impairment induced by whole brain irradiation [307]. Lastly, 

dihydromyricetin (DMY), through the downregulation of p16, p21, and p53, was able to inhibit 

oxidative stress and neuroinflammation and to attenuate brain aging and improve cognitive 

function in mice [308] (Figure 10 and Table 1). 

v. In the Heart 

Remarkable p16 expression and cellular senescence were found in cardiac chronological aging and 

heart failure [309,310]. For example, elevated p16 expression and beta-galactosidase activity were 

found in cardiomyocytes gathered from Langendorff heart perfusion with aging [218]. In addition 

to that, cardiac progenitor cells isolated from elderly (>70 years old) people expressed high levels 

of p16 and SASPs, besides shortened telomeres and increased SA-β-gal [219]. Furthermore, 

remarkable telomere shortening and senescent associated increased p16 expression were found in 

cardiomyocytes isolated from old rats compared to younger ones [311]. Older patients with heart 
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failure had higher p16 expression, which was associated with senescence and cell death, as well 

as shorter telomere length, when compared to healthy elderly people. This suggests that p16-

induced senescence, telomere attrition, and cell death are features of heart failure in aging [310]. 

Furthermore, vascular smooth muscle cell (VSMC) senescence in atherosclerotic plaques was 

marked by increased p16, p21, and p53 expression in addition to increased beta-galactosidase 

activity [312]. 

The recovery of cardiac function and cardiac remodeling have been correlated with cardiac stem 

cells (CSCs) regeneration and differentiation ability [313,314]. Cellular senescence has an impact 

on CSCs and cardiac function, which might provide a concept of therapies by targeting SnCs for 

cardiac functional improvement and extended lifespan in elderly people [313]. With aging, a 

significant portion of human CSCs become senescent with elevated expression of p16, SA-β-gal, 

and SASPs, which contribute to CSCs senescence and impaired cardiac regeneration. However, 

INK-ATTAC or senolytic elimination of senescent CSCs reactivated resident CSCs and increased 

cardiomyocyte proliferation [313] reflecting the importance of p16-positive senescent CSCs as 

therapeutic approach for cardiac functional improvement. P16-positive cells that accumulate 

during adulthood have a negative impact on lifespan and promote age-dependent changes in the 

heart. The removal of p16-positive cells delayed age-related heart deterioration. Thus, the 

therapeutic removal of these cells may be an appealing approach to extend healthy lifespan [167]. 

On the contrary to the previous studies, the existence of p16 high cells detected in p16-CreERT2-

tdTomato mouse model, was found indispensable for health span, and their elimination has induced 

cardiac fibrosis [210]. Furthermore, p16 overexpression has been detected in the infarction zone 

after myocardial infarction. The increased expression of p16 was associated with protected cardiac 

function and plays an important role for cardiac remodeling after myocardial infarction [315] 

(Figure 10 and Table 1). 

vi. In the Kidneys 

Several studies have linked p16 induction and subsequent cellular senescence to renal aging, 

diseases, and allograft rejection [316–318]. Age-dependent p16 upregulation in cortical tubular 

and interstitial cells was observed in humans. In addition, p16 and p27 expression were higher in 

the glomeruli, tubules, and interstitial cells of rejected grafts compared to normal kidneys [317]. 

Whether this reflects senescence as the underlying mechanism for chronic allograft rejection as 
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suggested or might correspond to reduced proliferation and repair or to an increased immune 

reaction remains to be determined. In line with this, in human kidney specimens ranging from 8 

weeks to 88 years of age, p16 induction was negatively correlated with the proliferation marker 

Ki-67 [319], which is in agreement with the role of p16 as a cell cycle inhibitor. Levels of p16 in 

glomerular and interstitial cells were significantly higher in kidneys with glomerular disease than 

in normal aged kidneys and kidneys with tubular interstitial nephritis. P16 expression was higher 

in kidneys with proteinuria, with fibrosis, or interstitial inflammation [320]. Whether this increased 

P16 expression is cause or consequence of glomerular disease remains an open question. Similarly, 

increased p16 expression was observed in kidneys of hypertensive animals and patients and 

kidneys with type 2 diabetic nephropathy [321,322]. Blood pressure lowering reduced p16 

expression [321], which argues against a close relation between p16 and irreversible senescence 

in this model. Increased p16 expression has been reported in acute kidney injury (AKI) and in 

acute tubular necrosis (ATN) [323]. P16 deletion ameliorated ATN and improved kidney function 

in animal models [323]. Similarly, p16 deletion in Bmi-1 deficient mice rescued kidney aging 

features including function and structure, ameliorated tubulointerstitial fibrosis and inhibited 

epithelial mesenchymal transition of renal interstitial fibroblasts [324] (Figure 10 and Table 1). 

vii. In the Liver 

Although the majority of liver functions appear to be preserved with age, evidence of aging and 

cellular senescence associated with liver functional decline, reduced regenerative capacity, and 

diseases are well-documented [325–327]. P16 expression was higher in elderly hepatectomy 

patients compared to younger ones, and the increased p16 expression was associated with 

decreased liver regeneration [328]. This is in agreement with the attenuated proliferative response 

of hepatocytes in old rat liver compared to young animals [329]. P16 upregulation was observed 

in liver tissue and liver sinusoidal endothelial cells (LSEC) in an aged rat model compared to 

young animals [330]. The p16 CreERT2 tdTomato mouse model also demonstrated that p16 high 

cells were detectable in the liver, and that they were enriched with aging. The majority of the P16-

positive liver cells found were vascular endothelial, and their removal caused steatohepatitis and 

perivascular tissue fibrosis [210,331].  

With respect to liver metabolism, the extra copy of p16 carried by the “Super-INK4A/ARF” mouse 

model prevented the development of glucose intolerance with aging. Instead, increased activation 
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of insulin receptors and high insulin sensitivity were obtained. This reveals a protective role of 

INK4A/ARF locus against age-induced insulin resistance [332], whereas increased insulin 

secretion, attenuated insulin sensitivity, and reduced hepatic insulin clearance were observed upon 

loss of function mutation of the Cdkn2a gene [333]. On the contrary, p16 deficiency improved 

fasting-activated glucose production in the liver, via the activation of PKA-CREB-PGC1α [334]. 

Altogether, these studies show the importance of p16 in glucose homeostasis. However, p16 has 

not been only implicated in glucose but also in fat metabolism. P16 has been found to regulate 

fasting-induced fatty acid oxidation and lipid droplet accumulation in the liver in vivo and in vitro. 

In addition, p16 deficiency was correlated with increased expression of fatty acids catabolism 

genes in primary hepatocytes [335]. Furthermore, p16-positive senescent cell accumulation has 

been correlated with hepatic fat deposition and steatosis. Elimination of these cells in the INK-

ATTAC mouse model or senolytics treatment (dasatinib plus quercetin) attenuated liver fibrosis 

[215]. However, the feedback loop between lipid accumulation and increased p16 expression 

remains intriguing. Senescence in hepatocytes triggered fat accumulation [215], while high fat diet 

provoked significantly elevated p16 expression [336]. A possible mechanism could be that due to 

high fat diet and with aging, increased p16 induces senescent cell accumulation in the liver which 

in turn impairs lipid metabolism and provokes liver fibrosis. Therefore, p16-positive SnCs might 

be a promising target for liver fibrosis therapy. On the other hand, elimination of p16-positive cells 

also provokes liver fibrosis [210]. In primary sclerosing cholangitis, p16 downregulation 

demonstrated a protective effect against biliary damage and fibrosis [337]. However, its 

upregulation was required for the regulation of reactive oxygen species in hepatic stellate cells and 

modulation of liver fibrosis [338]. 

Nonetheless, several studies have also described p16 functions in liver cancers. P16 

hypermethylation and consequent p16 inactivation has a pivotal role in the development of 

hepatocellular carcinoma and liver cirrhosis [339]. Wong et al. reported aberrantly methylated p16 

in the plasma of liver cancer patients, suggesting the usefulness of these circulating liver-cancer-

methylated DNA for the monitoring of tumors [340]. Therefore, all this information combined 

suggests that p16 regulation and meticulously unravelling the molecular mechanisms regulating 

p16 expression in liver physiology and liver pathologies require further elucidation and could 

unveil novel therapeutic strategies for maintaining normal liver function and extending lifespan. 
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Altogether, these studies suggest that p16, which is commonly used as a marker for cellular 

senescence, has broader functions beyond its role in senescence, and highlights additional roles 

and implications of p16 in various biological processes (Figure 10 and Table 1). 

  

Figure 10. Schematic illustration that summarizes the major functions or implications of p16 in 

homeostasis, pathophysiology, and cancer of different organs [169]. 
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Table 1. Major p16 functions in the variety of biological processes observed in different models 

and tissues [169]. 

Process Model and/or Tissue Potential Role/Function References 

Intervertebral 

disc damage 

Mouse and human 

intervertebral disc tissues 

P16 is a potential therapeutic 

target for intervertebral disc 

damage relief. 
[48] 

Wound healing 

P16-3MR model 

(fibroblasts, endothelial 

cells, and keratinocytes) 

Accelerate wound closure and 

re-epithelialization 
[209] 

Tumorigenesis 

and tumor 

suppression 

Skin, bone, lung, liver, 

and brain cancer patients 

tissues and 

immunohistopathology 

Implicated in tumor 

development, progression, and 

metastasis 

Predictive and prognostic marker 

Therapeutic target 

Increases chemosensitivity 

[228–231], [177,239–

241], [244], [200], [245], 

[268], [269], [270], [284], 

[285], [286,287], [302], 

[303], [304], [339], [340] 

Stem cell self-

renewal and 

differentiation 

Skin, lung, bone, brain, 

and heart stem cells 

Balanced expression of p16 is a 

prerequisite for stem cells 

proliferation and differentiation. 

Therapeutic approach for 

maintenance of regenerative 

capacity 

[249–253], [255], [235], 

[272], [219], [313], [289], 

[283], [290] 

Cellular 

senescence 

Primary mouse 

fibroblasts and 

melanocytes 

Target for oncogene-induced 

senescence bypass and aging 
[224,227] 

Bone 

homeostasis 

P16-3MR and p16-INK-

ATTAC mouse model 

Maintenance of bone mass 

Orchestration of osteoblast and 

osteoclast function 
[257], [266], [267] 

Bone fracture 

healing 

Geriatric Mouse model 

(p16-/- and WT) 

P16-deletion stimulated 

osteoblastogenesis and 

vascularization and accelerated 

bone fracture healing 

[272] 

Muscle injury 
Acute muscle injury 

(AIM) mouse model 
Tissue regeneration [341] 

Osteoporosis 
Ovariectomized p16-/- 

and WT mice 

Potential therapeutic target to 

prevent estrogen-induced 

osteoporosis 
[258–261], [271] 

COPD 

Lung alveolar and lung 

epithelial cells in mice 

and human 

Implicated in COPD severity 

Potential therapeutic target 
[274–276], [283] 

Cervical SCC 

and pulmonary 

SCC 

Human cancer patients Discriminating biomarker [284] 

Oxidative stress 

Fibroblasts, 

keratinocytes, and 

melanocytes 

P16 regulates oxidative stress 

and ROS production as 

pRB-independent tumor 

suppression mechanism 

[200], [338] 

Mitochondrial 

biogenesis 

Primary mouse 

fibroblasts, human 

melanocytes, A375 

melanoma cells 

P16 balances mitochondrial 

structure and function 
[244] 

Alzheimer’s 

disease (AD) 

Alzheimer’s disease 

patients and mouse model 

Implicated in AD severity and 

development 

Therapeutic target 

[293], [294,295], [300] 
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Lung injury 
P16-/- and WT mouse 

model (lung epithelium) 
P16 protects against lungs injury [288] 

Cardiac 

fibrosis 

p16-CreERT2-tdTomato 

mouse model 

P16-positive cells removal 

induces cardiac fibrosis 
[210] 

Myocardial 

Infarction 
Mice 

Indispensable for maintenance of 

cardiac function and cardiac 

remodeling after infarction 
[315] 

Glucose 

metabolism and 

homeostasis 

Super-INK4A/ARF mice 

model 

Prevented the development of 

glucose intolerance with aging 

Protective role against age-

induced insulin resistance 

[332] 

Liver fibrosis 
INK-ATTAC mouse 

model 

Therapeutic approach for 

treatment of liver fibrosis 
[215], [338], [210] 

Fat metabolism 
Mouse model and 

primary hepatocytes 

Regulate fasting-induced fatty 

acid oxidation and lipid droplet 

accumulation in the liver 
[335] 
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PART II: The Senescence Markers p16Ink4a, 

p19ARF and p21 in Development 
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I. Mouse Embryonic Development 

The development of a mouse embryo is a complex and highly orchestrated process that includes 

distinct stages that lead to the formation and differentiation of various organs. The mouse embryo 

goes through a series of remarkable transformations from the earliest stages of fertilization to the 

development of mature organism. 

The process begins with the preimplantation stage, which occurs from approximately embryonic 

day 0.5 (E0.5) to E4.5. Following fertilization, the zygote undergoes rapid cell divisions that 

transform it into a solid ball of cells known as a morula. As the morula continues to divide, it 

develops a fluid-filled cavity, becoming a blastocyst. The blastocyst consists of an outer layer 

called the trophectoderm and an inner cell mass (ICM), which will contribute to the future embryo 

[342]. 

At around E4.5, implantation and gastrulation take place. The blastocyst attaches to the uterine 

wall, facilitating nutrient exchange. Gastrulation is marked by the formation of the primitive 

streak, which establishes the body axis. Cells from the ICM migrate and spread across the epiblast, 

giving rise to the three germ layers. The outermost layer, the ectoderm, will contribute to the 

nervous system, epidermis, and other tissues. The middle layer, the mesoderm, will give rise to 

muscles, bones, blood, and various organs. The innermost layer, the endoderm, will differentiate 

into the gut, liver, and respiratory system [343]. 

Organogenesis occurs from approximately E7.5 to E18 and involves the intricate formation and 

differentiation of specific organs. During this stage, multiple processes shape the developing 

organs. For instance, the neural plate folds and fuses to form the neural tube, which gives rise to 

the brain and spinal cord. In addition, the heart begins as a primitive tube and undergoes complex 

processes of looping and chamber formation. Differentiated cardiac cells generate the 

myocardium, valves, and major blood vessels. Moreover, in the kidney, the nephric mesenchyme 

and ureteric bud interact to form nephrons, the functional units of the kidney, including glomeruli, 

tubules, and collecting ducts. In the liver, the liver bud forms and differentiates into hepatocytes, 

bile duct cells, and other hepatic cell types [344–347]. 

1. Brain Development 

Mouse brain embryonic development is a complex process that involves precise spatial and 

temporal regulation of gene expression, cell proliferation, migration, and differentiation. This 
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process results in the diverse cell types and intricate neural circuitry that characterizes the mature 

brain. The neural plate, which eventually forms the central nervous system, is formed during early 

embryogenesis by a flat sheet of cells called the ectoderm. [348]. The neural plate then folds inward 

to form the neural tube, from which the brain and spinal cord emerge. The neural tube closes from 

rostral to caudal, with the anterior part forming the brain (prosencephalon) and the posterior part 

developing into the spinal cord [349,350]. The neural tube undergoes regionalization, leading to 

the formation of distinct brain regions. This process is mediated by the expression of specific 

transcription factors and morphogens [351,352]. 

Neural progenitor cells (NPCs) emerge from the neural tube and are capable of self-renewal and 

multipotency. These cells proliferate and give rise to the various cell types found in the brain. 

NPCs are initially multipotent, but as they develop, they become limited to specific lineages. [353]. 

Neurons generated in the developing brain's ventricular zone migrate to their final destinations. 

Migrating neurons are guided along radial processes by radial glial cells, which act as both 

progenitors and scaffolds [354]. Neuronal migration is required for the formation of layered 

structures within the brain, such as the cerebral cortex's cortical layers [355]. The Reelin signaling 

pathway is critical for neuronal migration, and its disruption causes severe migration defects [356].  

Neurons differentiate as they reach their final positions, extending axons and dendrites to form 

connections and establish neural circuits. This process entails precise gene expression regulation, 

which includes the activation of cell type-specific genes and the suppression of alternative cell fate 

programs. [357,358] (Figure 11). 
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Figure 11. Development and organization of the mouse neural tube. (A) The neural plate takes 

shape as a pseudostratified columnar epithelium by E7.5. Subsequently, the (B) lateral edges 

of the neural plate undergo elevation and (C) folding around E8, followed by (D) convergence 

at the midline and closure by approximately E8.5. Signaling molecules such as Shh (depicted 

by red arrows) and BMP inhibitors released from the floor plate, along with BMP4/7 (depicted 

by green arrows) from the roof plate, contribute to the ventro-dorsal patterning of the neural 

tube. This intricate process gives rise to the distinct layers of the spinal cord. Key: V, ventral; 

D, dorsal; L, left; R, right.  

Rachel A Shparberg et al. Front. Physiol. 2019 
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2. Heart Development 

Early heart tube development is a crucial process in the formation of the heart during embryonic 

development. Starting from the formation of the heart tube, cardiac precursor cells migrate laterally 

from the anterior regions of the primitive streak to give rise to the anterior lateral mesoderm. The 

specification and differentiation of these cells into the heart occur through intercellular signaling 

events, including positive signals from underlying pharyngeal or foregut endoderm (such as BMP 

and FGF signals) and negative signals from midline structures (such as β-catenin/WNT signaling). 

Afterwards, the heart tube undergoes morphogenetic movements and transforms from a cardiac 

crescent into a linear structure. The heart tube consists of an outer myocardial layer and an inner 

endocardial tube. It has an anterior outflow (arterial pole) and a posterior inflow (venous pole) 

proportion. The heart tube initially remains open dorsally to ventral pharyngeal endoderm but 

eventually closes and becomes isolated in the ventral region of the embryo. The elongation of the 

heart tube is driven by the addition of cardiac progenitor cells from the second heart field. These 

cells, originating from splanchnic mesoderm, contribute to the arterial and venous poles of the 

heart. They play a crucial role in the development of various cardiac structures, including the right 

ventricle, outflow tract, atrial septum, and inflow tract myocardium [359–362]. 

Cardiac cushions, derived from endocardium and myocardium, form in the atrioventricular and 

outflow tract regions. These cushions undergo epithelial to mesenchymal transition, triggered by 

myocardial-derived BMP signals, and subsequently give rise to the definitive cardiac valves. The 

septation of the heart involves the formation of various septa to separate the systemic and 

pulmonary circulatory systems. The ventricular septum is formed by the interface between the 

linear heart tube and second heart field-derived myocardium. The outflow tract and atrioventricular 

cushions contribute to the muscular and membranous components of the ventricular septum. The 

aorticopulmonary septum separates the ascending aorta and pulmonary trunk. Atrial septation 

involves the formation of the primary and secondary atrial septa, closing the communication 

between the atria and completing the separation of systemic and pulmonary blood flow 

[359,360,362,363] (Figure 12). 
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3. Kidney Development 

The mammalian kidney is a complex organ made up of numerous nephrons and a network of 

branching collecting ducts. The development of the kidney involves a number of processes and 

interactions among various cell populations. The nephric duct (ND), also known as the Wolffian 

duct, and the metanephric mesenchyme (MM) are both essential in kidney development. The ND 

develops from the intermediate mesoderm (IM) during embryogenesis, whereas the MM develops 

at the hindlimb level. The ND grows caudally as the body axis lengthens and goes through a series 

of developmental events. ND extension is primarily driven by cell migration and rearrangements 

in lower vertebrates, whereas in mice, ND cell migration and/or proliferation contribute to its 

elongation [364–368]. 

Inductive signals secreted by the axial and paraxial mesoderm are at the basis to specify the ND 

from the IM. These signals induce the expression of specific transcription factors such as Pax2, 

Pax8, Lhx1, and Gata3. In mice, genetic studies revealed a regulatory network involving these 

transcription factors as well as other genes such as β-catenin and RET, which are required for 

Figure 12. Illustrations representing various stages of mammalian heart development, highlighting key 

events in both mouse and human cardiac development. Mouse developmental stages are indicated by 

embryonic days (E). Key anatomical features include Ao (aorta), AVC (atrioventricular canal), CCS 

(cardiac conduction system), CM (cardiac mesoderm), LA (left atrium), LV (left ventricle), NCC 

(neural crest cells), OFT (outflow tract), PA (pulmonary artery), RA (right atrium), RV (right 

ventricle), SAN (sinoatrial node), SV (sinus venosus), and V (ventricle).  

McCulley DJ et al. Current Topics in Developmental Biology. 2012 
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normal ND development. Mutations in these genes can cause a variety of ND formation 

abnormalities. The elongated ND eventually fuses with the cloaca and undergoes changes that 

result in the formation of a pseudostratified epithelium. Signals from the ectoderm and the MM 

help to convert the ND into an epithelial tube. The ND's caudal portion, from which the ureteric 

bud (UB) will emerge later, swells and exhibits increased cell proliferation. Pseudostratified 

domains are also found in other developing epithelia and may aid in the UB's rapid outgrowth and 

branching [364,368–372]. 

The formation of the UB is a crucial step in kidney development, and its proper positioning is 

critical. The UB develops from the pseudostratified caudal ND and is activated by MM signals, 

specifically the secreted protein GDNF (glial cell-derived neurotrophic factor). Many other genes 

and signaling pathways, such as transcription factors, receptors, and inhibitory signals like BMP4, 

influence UB formation and branching. Proper signal regulation ensures the formation of a single, 

discrete UB [364,366,373] 

The UB undergoes approximately 10 generations of branching during kidney development, 

followed by a period of collecting duct (CD) elongation with limited branching and 1-2 additional 

rounds of branching before birth. The branching of the UB is required for nephron induction 

because a decrease in branching results in a decrease in the number of nephrons. [364,374] (Figure 

13). 
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4. Liver Development 

The development of the mouse liver is a well-studied process that can be divided into several key 

stages. The formation of liver progenitor cells, their proliferation and migration, the establishment 

of liver architecture, and the differentiation of various hepatic cell types are all part of this process. 

Endodermal cells in the foregut region are designated as liver progenitor cells, also known as 

hepatoblasts, during early embryogenesis. This specification necessitates the expression of specific 

transcription factors [375]. Hepatoblasts proliferate rapidly and migrate ventrally, forming a liver 

bud. The septum transversum, as well as the vitelline and umbilical veins, interact with the liver 

Figure 13. Illustration of embryonic kidney development in mice. (A) 

Illustration presenting the timeline of kidney development in mice. (B) Visual 

representation of mouse kidney development on embryonic day 11, situated 

within the overall context of the entire mouse embryo.  

Kakun RR et al. International Journal of Molecular Science. 2022 



63 | P a g e  
 

bud  [376]. Afterwards, the liver bud goes through branching morphogenesis as it grows, resulting 

in the formation of a complex three-dimensional structure.  

Hepatoblasts divide into two types of cells: hepatocytes and cholangiocytes. Hepatocytes are in 

charge of the metabolic functions of the liver, while cholangiocytes form the bile ducts [376,377]. 

The activation of transcription factors, including hepatocyte nuclear factors (HNFs) such as HNF4, 

HNF1, and HNF6, induces the hepatocyte lineage. These transcription factors are critical in the 

regulation of hepatocyte-specific gene expression and function [378]. Similarly, cholangiocytes, 

which line the bile ducts, differentiate from hepatoblasts or bipotential liver progenitor cells. 

However, cholangiocyte specification and differentiation are mediated by different signaling 

pathways, including Notch, Wnt/β-catenin, and Sonic hedgehog (Shh) [379,380]. 

Concomitant with hepatocyte and bile duct development, blood vessels develop and integrate into 

the liver. The hepatic artery and portal vein provide the liver with oxygenated blood and nutrient-

rich blood, respectively. Vascular development and remodeling are regulated by factors such as 

vascular endothelial growth factor (VEGF) and angiopoietin signaling [381–383] (Figure 14). 

Figure 14. (a) The figure illustrates the transverse section of the developing mouse liver, highlighting 

key events in embryonic liver development. Hepatic identity is specified by signals from the cardiac 

mesoderm and septum transversum mesenchyme, guiding the migration of hepatoblasts. (b) The 

ductal plate formation, initiating around embryonic day 13.5, involves a monolayer of cells interacting 

with portal mesenchyme, leading to the emergence of focal dilations by E17.5. These dilations 

contribute to the development of the liver's bile duct network, integrating with the growing bile 

canaliculi network. Concurrently, the liver vasculature, including the sinusoid, forms to facilitate 

nutrient exchange. Lotto J et al. Fetal liver development and implications for liver disease 

pathogenesis. Nature reviews. Gastroenterology & hepatology. 2023. 
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II. Cell Cycle Control in Development 

During early embryonic stages, cell proliferation is essential for the formation of different germ 

layers and tissue types. The precise control of cell division ensures the proper allocation of cells 

for the development of specific structures. For instance, the formation of the neural tube, which 

gives rise to the central nervous system, requires the rapid and coordinated proliferation of neural 

progenitor cells. Therefore, the cell cycle checkpoints play a crucial role in monitoring the fidelity 

of DNA replication and preventing the propagation of damaged DNA to daughter cells during this 

rapid proliferation phase. As embryonic development progresses, cells become more specialized 

through the process of cell differentiation. The cell cycle is intricately linked to cell differentiation, 

as specific cues regulate cell cycle exit and induce differentiation. For example, the exit from the 

cell cycle is necessary for cells to undergo terminal differentiation into specific cell types, such as 

neurons or muscle cells. This exit is often associated with the downregulation of cyclins and CDKs, 

leading to cell cycle arrest and the activation of differentiation-promoting factors [384,385]. 

Organogenesis, the process of organ formation, relies on the precise coordination of cell cycle 

regulation. Proper cell division, proliferation, and differentiation are required to generate the 

correct number of cells and establish the appropriate tissue architecture. During organogenesis, 

cells undergo complex morphogenetic movements, cell rearrangements, and tissue interactions. 

The cell cycle dynamics, including the timing and duration of cell division and the synchronization 

of cell cycles within tissues, play a crucial role in achieving the correct tissue patterning and organ 

morphogenesis [386]. 

The cell cycle can influence cell fate determination, which involves the decision between self-

renewal and differentiation. The length of the cell cycle, the duration of specific phases, and the 

expression of cell cycle regulators can affect cell fate decisions during embryonic development. 

For instance, asymmetric cell divisions, where one daughter cell retains stemness while the other 

differentiates, rely on precise control of the cell cycle. Differential distribution of cell cycle 

regulators or asymmetric inheritance of cell fate determinants during cell division can bias the fate 

of daughter cells. Additionally, the integration of extracellular signals, such as growth factors and 

morphogens, with the cell cycle machinery further regulates cell fate determination during 

embryonic development [385,387]. 
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III. P16, p19 and p21 in Development 

Earlier studies [388,389] found no evidence of p16 expression during mouse embryonic 

development. These studies, however, did not rule out the possibility that p16 was expressed in 

different developing organs and at different time points, implying that the lack of detection could 

be attributed to technical limitations [388]. In contrast to the initial reports of p16 expression being 

absent during mouse development [388,389], its expression during rat brain development was 

described shortly afterwards. p16 expression was found to colocalize with p53 in the ventricular 

and subventricular zones during embryonic and early postnatal stages, with p53 primarily observed 

in postmitotic cells of the cerebral cortex and hippocampus [390]. In the olfactory epithelium, 

around birth, detectable levels of p16 and p21 were found, with p16 marking differentiating 

neurons and p21 marking mature neurons [391]. P16 expression was also found in hematopoietic 

progenitor cells derived from adult mouse bone marrow [392], epiphyseal growth plate 

chondrocytes, and growing mouse osteoblasts [393]. In these cases, higher p16 expression was 

associated with decreased cell proliferation, however cellular senescence was not reported. 

Increased expression of p16 and p21 in male germ cells has also been observed in conjunction 

with mitotic arrest but not senescence [394]. During postnatal life, these male germ cells undergo 

meiosis [395]. Between days 2 and 5 of pregnancy, p16 expression was found to be elevated in the 

endometrium of mice. When compared to a saline-injected group, p16 antibody injection resulted 

in a lower number of implanted blastocysts, indicating a potential role for p16 in blastocyst 

implantation [396]. During pregnancy, p16 expression has also been observed in the human 

endometrium [397].  

Moreover, p16 expression was found in the gut during mouse embryonic development, specifically 

in intestinal stem cells and progenitor compartments. Loss of Bmi1, a regulatory protein, led to the 

accumulation of p16, p14/p19, and reduced proliferation of intestinal stem cells. This was 

accompanied by increased differentiation into post-mitotic goblet cells [398]. Bmi-1 also plays 

important roles in maintaining the self-renewal of neural stem cells [399–401], mesenchymal stem 

cell renewal and bone formation [402], immature retinal stem cells and retinal development [403], 

and hepatic stem cell expansion [404]. These functions are mediated through the negative 

regulation of p16, p14/p19, and p21. A significant number of p16-expressing cardiomyocytes, 

mostly bi- and multinucleated cells, were found in three-month-old mice [405]. The authors used 

p16 expression as a senescence marker without further investigation to confirm cellular senescence 
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[405]. Another study used ex vivo PCNA staining to look at cardiomyocyte proliferation in 

p16/p14/p19 knockout mice. Surprisingly, the authors found 70% of proliferating cardiomyocytes 

in mice around 8 weeks old, a finding that contradicts previous research [406]. Specific p16 

knockout mice with p14/p19 function had a higher incidence of spontaneous and carcinogen-

induced cancers [407], as well as melanomas [408] and thymus hyperplasia [407]. Thymus 

hyperplasia was associated with an increase in the number of CD4 and CD8 lymphocytes, which 

was surprisingly due to decreased apoptosis rather than increased proliferation [409]. On an FVBN 

genetic background, mice lacking both p16 and p14/p19 developed cataracts and micro-

ophthalmia. Beginning at E15.5, these mice displayed defects in the developmental regression of 

the hyaloid vascular system, retinal dysplasia, abnormal lens differentiation, and cataracts [410]. 

Interestingly, the absence of p16 and p14/p19 partially rescued the micro-ophthalmia phenotype 

in Task1 knockout mice, indicating a role for these proteins in neuronal and eye development [411].  

Furthermore, p14/p19 is involved in postnatal perivascular cell accumulation in the mouse eye 

before complete eye development [410,412–414]. p14/p19 inhibited Pdgfr-β expression and Pdgf-

β-driven proliferation independently of Mdm2 and p53, preventing the accumulation of 

perivascular cells and allowing regression of the developing eye's hyaloid vascular system 

[415,416]. Tgf-β2 is required for the transcription of p14/p19 in the hyaloid vascular system, as 

well as the cornea and umbilical arteries [417,418]. In addition, p14/p19 is detectable in developing 

hepatoblasts [419]. Tbx3 deficiency causes upregulation of p14/p19 and p21 in the developing 

liver, which is associated with severe defects in proliferation and hepatobiliary lineage segregation, 

including promotion of cholangiocyte differentiation and abnormal liver development [419]. This 

study did not demonstrate whether Tbx3 could directly regulate p14/p19 and p21 expression. 

Initially, p21 knockout mice were reported to develop normally, despite defective G1 checkpoint 

control observed in isolated knockout embryonic fibroblasts [420]. Interestingly, p21 expression 

was detected by Western blot analysis in human fetal atrial tissue but not in adult hearts [421]. p21 

expression was also found in developing rat ventricular myocytes [422], but these studies did not 

compare the expression levels in older ages. Some p21-expressing cardiomyocytes were identified 

in developing mouse embryos at E15.5 [423] and in the trabecular myocardium at E18.5 [424]. 

The number of p21-expressing cardiomyocytes was significantly increased in Foxm1 knockout 

embryos and Tbx20 overexpressing hearts during early development, which correlated with 

reduced proliferation and cardiac hypoplasia [423,425,426]. Fog-2 was identified as a direct 
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transcriptional repressor of p21 in cardiac development. Fog-2 mutant embryos exhibited multiple 

cardiac malformations, upregulation of p21, and thin-walled myocardium [427]. p21 expression 

has also been reported in developing skeletal muscle, bones, lung, and spinal cord [428–432]. 

Furthermore, using p21 and P57 double-mutant mice, it was demonstrated that both proteins 

redundantly control the differentiation of skeletal muscle, bones, and alveoli in the lungs. Mice 

lacking both p21 and P57 failed to form myotubes and displayed enhanced proliferation and 

apoptosis of myoblasts, indicating the essential roles of p21 and P57 in normal muscle 

development. Skeletal defects were more pronounced in embryos lacking p21 [433]. This study 

highlights the redundancy among different cell cycle regulators in controlling embryonic 

development, which may explain the limited phenotypes observed in single knockout animals 

despite the significance of these cell cycle regulators. 

In addition to the studies primarily implicating p21 in embryonic development and differentiation, 

there have been several reports suggesting that senescence may also play a role in normal 

embryonic development. Munoz-Espin et al. [155], conducted whole-mount staining for SA-β-gal 

in mouse embryos and observed SA-β-gal activity in various structures such as the endolymphatic 

sacs of the developing ear, the closing neural tube, the apical ectodermal ridge (AER) of the limbs, 

regressing interdigital webs, vibrissae, and the mesonephros of dissected gonad-mesonephros 

complexes [155]. This SA-β-gal activity in the regressing mesonephros had previously been 

reported in chicken embryos [158]. Furthermore, SA-β-gal activity was detected in the 

mesonephros and endolymphatic sacs of human embryos around 9 weeks of development [155]. 

Additionally, Munoz-Espin et al., investigated potential developmental defects in p21-deficient 

embryos and found that these embryos exhibited abnormal endolymphatic sacs with infoldings at 

late stages of development (E18.5), which subsequently disappeared after birth, likely due to 

macrophage clearance. Interestingly, the developmental program to remove the abnormal cells in 

this context was independent of SA-β-gal positive cells or p21. 

Another study by Storer et al. used a similar approach and detected SA-β-gal positive cells in 

various structures including the AER, optic vesicle, eye, branchial arches, gut endoderm, neural 

tube, tail, gall bladder, and interdigital tissue [156]. In this study as well, it appeared that p16 and 

p14/p19 were not involved in embryonic senescence, but p21 knockout embryos showed a lower 

number of SA-β-gal positive cells. 
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All combined, these data suggest that the expression and role of p16 in embryonic development is 

controversial. Earlier studies did not consistently detect the expression of p16 during embryonic 

development. More recent investigations have identified SnCs in various tissues and at different 

time points during development. These cells often showed expression of p21 but the presence of 

p16 and p19 was not observed. However, there are specific instances where p16 expression has 

been detected and linked to developmental processes, but a clear-cut function remained 

ambiguous. In some cases, p16 expression has been associated with reduced cell proliferation and 

increased differentiation. Therefore, these data provide evidence for a possible presence of p16 in 

other tissues and organs during development and implies that p16 might have a potential role in 

the developmental process. 
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The Senescence Marker p16Ink4a in Development, 

Adulthood and Aging 
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I. Project Aims and Description 

Aim 1. To know whether p16 is expressed in development and the expression pattern during the 

developmental process. 

We conducted a developmental study of p16 RNA expression in the brain, heart, kidney, and liver. 

The organs were isolated from mice at different time points of developmental stages including, 

embryonic day 10.5, 12.5, 14.5, 16.5, and 18.5; postnatal days 1, 7, 21, 3 months, and 16–18 

months (n=4) (for E10.5 and E12.5 n=7). We limited the current study to the investigation of brain, 

heart, kidney, and liver as these organs already develop at the embryonic time points chosen [59-

62]. Afterwards, total RNA was isolated from all organs, and the mRNA expression level of p16, 

p19 and p21 was assessed using RT-qPCR. 

Aim 2. We wanted to know which cell types express p16 protein during development 

In addition to quantitative p16 assessment on the mRNA level, we investigated its expression in 

the brain, heart, kidneys, and liver, at the same time points chosen, by immunohistochemistry 

(IHC). Collections of paraffin-embedded whole embryos were used up to E18.5; for later stages, 

hearts, livers, kidneys, and brains were dissected. Samples from at least three different animals per 

time point were analyzed. 

Aim 3. Based on the results observed from IHC, we wanted to compare p16 RNA and protein 

expression level in ECs versus non-ECs. 

We isolated brain, heart kidney and liver from 4 adult (3month) and 4 old (16-18 months) mice. 

Afterwards, we separated ECs from non-ECs using Magnetic-activated cell sorting (MACS) via 

magnetic microbead-associated anti-CD31 antibody. Total RNA and protein were extracted from 

both ECs and non-ECs, then p16 RNA and protein level was assessed by RT-qPCR and Western 

blot respectively. 
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II. Schematic of the project 

1. p16 expression in development 

  

Figure 15. Organs were extracted from mice at various stages of development, spanning embryonic day 

10.5, 12.5, 14.5, 16.5, and 18.5, as well as postnatal days 1, 7, 21, 3 months, and 16-18 months. The number 

of samples (n) for each time point was 4, except for embryonic days 10.5 and 12.5, which had 7 samples 

each. Total RNA was extracted from these organs, and RT-qPCR was employed to analyze the mRNA 

expression levels of p16, p19, and p21. Additionally, we utilized immunohistochemistry (IHC) to examine 

p16 expression in the brain, heart, kidneys, and liver across the same selected time points. 

n=4 (n=7 for E10.5 & E12.5) 

Brain Heart Kidney Liver 

Quantitative p16, p19 and p21 RNA 

expression assessment in 

development by RT-qPCR 

Qualitative p16 expression 

assessment in development by 

Immunohistochemistry 
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2. P16 Expression in Endothelial versus non-Endothelial Cells 

  

Figure 16. Brain, heart kidney and liver were isolated from 4 adult (3month) and 4 old (16-18 months) 

mice. separated ECs from non-ECs using Magnetic-Activated Cell Sorting (MACS) via magnetic 

microbead-associated anti-CD31 antibody. Total RNA and protein were extracted from both ECs and 

non-ECs and p16 RNA and protein level was assessed by RT-qPCR and Western blot respectively. 

Endothelial and non-Endothelial cells separation using magnetic 

bead-conjugated anti-CD31 Ab 

Comparison of p16 RNA 

expression in ECs vs. non-ECs by 

RT-qPCR 

Comparison of p16 protein 

expression in ECs vs. non-ECs by 

Western blot 
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III. Manuscript entitled «Dynamic Spatiotemporal Expression 

Pattern of the Senescence-Associated Factor p16Ink4a in 

Development and Aging”
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IV. Conclusion and Future Perspective 

The Role of p16 in Development and Endothelial Cell Physiology. 

In our study, we investigated the expression patterns and potential roles of p16 during embryonic 

and postnatal development, in adults, and aging in various organs including brain, heart, kidney 

and liver. We demonstrated that p16 expression varied significantly within each organ during 

embryonic development, changing rapidly within a matter of days. On the other hand, the 

expression levels of p19 and p21 showed less remarkable variation during the same developmental 

stages. While our study was limited to specific organs, it is worth noting that p16, p19, and p21 

may be expressed in other developing organs as well. 

Moreover, we noticed a significant increase in p16 expression in all organs as mice aged from 3 to 

16 months, consistent with the notion that p16 is a marker of aging and senescence. P19 and p21 

showed a less pronounced upregulation compared to p16 in older mice. 

The role of p16, p19, and p21 in embryonic development senescence has been debated. While 

early studies suggested that p16 and p19 were absent, senescence has been observed using SA-β-

gal staining, which is dependent on p21 expression. Our findings add to this debate by 

demonstrating the presence of p16 in various tissues during embryonic development. However, 

the increase in p16 expression during embryonic and postnatal development was not indicative of 

senescence, as our findings revealed an overall increase in SASP factors only in old mice, 

indicating other roles of p16 than only its implication in the senescence process. 

Moreover, in the liver, a notable finding was the higher expression of p16 in ECs compared to non-

ECs, particularly in old animals. This observation suggests a selective role of p16 in liver ECs 

physiology, which may have implications for understanding the aging process in the liver. 

Combined, these results suggest dynamic p16 expression and a potential role in embryonic 

development. A p16-knockout model or the p16 ablator mouse strains for phenotype observations 

might be a promising strategy for unveiling the role of p16 in development. In addition, p16 is 

specifically upregulated in ECs in the liver of aged animals, suggesting a selective role of p16 in 

ECs of the liver. Therefore, further elucidation of the p16 mechanism in development and liver 

physiology is required. Most of the different roles and pathological conditions previously 

described are in general agreement with the basic function of p16 as a negative regulator of the 

cell cycle. Elevated P16 expression in cells during development coincides with the beginning of 
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differentiation. For this, lower proliferation is a prerequisite. Additionally, tumor suppression is a 

logical consequence of cell cycle inhibition. Senescence in old age with dramatically increased 

p16 expression could be viewed as an extreme case of cell cycle inhibition. In many preclinical 

models, removal of SnCs or modification of the SASP showed beneficial effects, and first clinical 

trials with senolytics are promising (reviewed in [434,435]). Nevertheless, different p16 ablator 

mouse models also showed opposite effects on health span. Thus, it would be highly interesting to 

directly compare the SASPs of these different models, which might open the way to target the 

divergent SASP factors for improved health outcome in old people.  

Finally, the high p16 expression, especially in ECs in old age, and the fact that elimination of these 

p16high cells causes liver damage needs further functional elucidation. One approach would 

involve conducting single-cell RNA sequencing to compare the genetic profiles of young and old 

liver ECs. This analysis would help identify differences beyond the augmented p16 expression and 

provide insights into the broader molecular changes associated with aging in these cells. 

Furthermore, it would be valuable to experimentally interfere with p16 expression levels in ECs. 

Techniques such as p16 knockdown and overexpression could be employed to precisely determine 

the implications of p16 loss of function and gain of function in endothelial cell physiology. These 

manipulations would shed light on the specific role of p16 in regulating endothelial cell function 

and provide valuable insights for the development of potential targeted anti-aging therapies. 
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V. Supplementary Material 

Supplementary Figure 1: Representative photomicrographs of p16 immunostaining on sections of mouse 

livers (3,3' diaminobenzidine (DAB) substrate, brown, hematoxylin, blue, nuclear counterstaining) showing 

examples for the staining of a wildtype liver, a section with omission of the first antibody (1st AB), and a p16 

knockout liver. Scale bars represent 50µm. 
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Supplementary Figure 2: Representative photomicrographs of p16 immunostaining using a different p16 

antibody (clone 1E12E10) on sections of mouse embryos (3,3' diaminobenzidine (DAB) substrate, brown, 

hematoxylin counterstaining) at different stages before birth. Arrows indicate examples of p16 positive cells. 

Scale bars represent 50µm.  
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Supplementary Figure 3: Expression of selected senescence-associated secretory phenotype (SASP) factors and 

p16 in endothelial and non-ECs of different organs from adult (3 months) and old (18 months) mice. 

Quantitative RT-PCRs for p16, Tgfb, Vegfa, Il6, and Mmp9 in mouse brains, hearts, kidneys, and livers. 

Expression of each gene was normalized to the respective Gapdh, actin, and Rplp0 expression. Significance was 

tested for each gene between endothelial and non-ECs. Data are mean ± SEM. *p<0.05, **p<0.01.
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The Senescence Marker p16Ink4a -  a Player in 

Liver Endothelial Cell Physiology 

(Outlook – Ongoing Experiments) 
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I. Endothelial Cells 

1. Definition 

Endothelial cells (ECs) are specialized cells that line the inner surface of blood vessels, lymphatic 

vessels, and the heart, which places them in direct contact with the blood, lymph and circulating 

cells. They form a monolayer of thin, flat cells, called the endothelium, that traverses every tissue 

and acts as a barrier between the bloodstream and the surrounding tissues [436–439]. The 

endothelium has the ability to control the exchange of nutrients, gases, and waste products between 

the blood and the surrounding cells. It acts as a selectively permeable barrier, regulating the 

movement of molecules and cells into and out of the bloodstream. ECs also play a variety of 

important roles in the body, including maintaining vascular integrity and homeostasis, regulating 

blood flow, mediating immune responses, and promoting angiogenesis [438–442]. Previously, ECs 

were thought to be a homogeneous cell population. Recent investigations, however, have revealed 

significant heterogeneity among ECs meaning that they exhibit differential structure, function, and 

molecular characteristics across different vascular beds, tissue types and organs. This 

heterogeneity contributes to the specialized roles of ECs in specific tissues and underscores their 

versatility in responding to local microenvironmental cues, and it is important in a variety of 

physiological and pathological processes. Over fifty years ago, electron microscopy already 

revealed the structural heterogeneity of the endothelium, with different types distinguished by their 

connections, fenestrae (holes), and basement membrane properties. Furthermore, 

immunohistochemistry studies revealed that different vascular beds express different proteins, 

emphasizing the ultrastructural and molecular heterogeneity of intact endothelium. It is now 

recognized that there are numerous types of ECs that differ significantly in structure and, to some 

extent, function. Furthermore, understanding endothelial cell heterogeneity is critical for 

understanding their tissue-specific functions, stimuli responses, and contributions to vascular 

pathologies [436,438,443–446]. 

There are only a few protein/mRNA markers in the endothelium that show both specific and 

uniform expression. Some of the leading candidates, such as platelet/endothelial cell adhesion 

molecule (PECAM)-1 (also known as CD31), are found in monocytes. Thrombomodulin is also 

found in keratinocytes, trophoblasts, and leukocytes, while VE-cadherin is found in trophoblasts 

and fetal stem cells [447]. ECs are considered "quiescent" because they do not actively proliferate 
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and have a lifespan of more than a year. The endothelium in the corpus luteum and uterus, on the 

other hand, goes through cyclic periods of intense physiological proliferation [448]. 

Overall, endothelial cell biology has progressed from a simplistic viewpoint to recognizing the 

heterogeneity in structure and function among different types of ECs in different vascular beds. 

Therefore, they remain in short for precise definition that would capture there structural and 

functional complexity (Figure 17). 

 

2. Endothelial Cells Heterogeneity 

Endothelial cell heterogeneity has been extensively described in terms of cell morphology, 

function, gene expression, and antigen composition [438,446]. This heterogeneity is observed not 

only between different organs but also within the same organ and blood vessel type. Single-cell 

RNA sequencing (scRNA-seq) studies have revealed important information about endothelial cell 

Figure 17. Illustration showing three main types of capillaries. Continuous capillaries, exhibits a 

seamless barrier formed by a basement membrane and endothelial cells connected through tight  

junctions. Selectively permeable for small molecules like water, gases, and ions. Fenestrated capillaries, 

characterized by continuous basement membrane and tightly attached endothelial cells, however they 

feature existence of pores, allowing passage of larger molecules. Sinusoids are the least common type 

of capillaries, characterized by intercellular gaps in addition to fenestrations, which render them highly 

permeable to largest molecules such as proteins and even cells.  

Figure taken from www.amboss.com/us/knowledge/blood-vessels. 

http://www.amboss.com/us/knowledge/blood-vessels
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heterogeneity [449–453]. Precisely, single-cell RNA sequencing revealed that, within the same 

organ,  blood vessels differ in gene expression and function; however, the same vascular bed has 

a common transcriptional signature across tissues [454]. In human lung ECs, for example, distinct 

subpopulations with diverse gene expression patterns were revealed, implying their functional 

specialization [453]. Another scRNA-seq study of the mouse brain vasculature discovered multiple 

endothelial subtypes, each with its own function [449]. Moreover, ECs heterogeneity has been also 

demonstrated in vascular inflammation and disease. In atherosclerosis, different subsets of ECs 

are implicated in the regulation of leukocyte adhesion, vascular permeability, and the secretion of 

inflammatory mediators [455]. In addition to that, vascular development and embryogenesis are 

highly dependent on endothelial cell heterogeneity. Studies have shown that ECs within 

developing blood vessels acquire diverse phenotypes, contributing to the establishment of arterial, 

venous, and lymphatic vascular beds [456] 

These examples demonstrate a growing understanding for endothelial cell heterogeneity and its 

functional importance in a variety of biological processes. Therefore, recognizing the 

heterogeneity of vascular physiology and pathology is critical for unraveling the complex 

mechanisms underlying vascular physiology and pathology. 

i. Structural Heterogeneity  

ECs vary in shape throughout the vascular system. ECs are typically flat, but in high endothelial 

venules, they can be plump or cuboidal [457,458]. ECs and their nuclei are aligned in the direction 

of blood flow in straight segments of arteries, but this alignment is not observed at branch points. 

When arterial vessel segments are rotated and reimplanted, the ECs realign with the new blood 

flow direction within 10 days. This reversible structural remodeling of ECs in response to 

hemodynamic shear stress is represented by flow-dependent EC alignment [459–461].  

Different structural components of ECs are involved in endocytosis and transcytosis [462,463]. 

The endocytic pathway includes clathrin-coated pits, clathrin-coated vesicles, multivesicular 

bodies, and lysosomes. Endocytosis is in charge of directing macromolecules to be degraded or 

recycled. Scavenger receptors are responsible for receptor-dependent endocytosis of substances 

such as LDL and transferrin. Clathrin-mediated endocytosis is abundant in LSECs [462,464]. 

Transcytosis, the transfer of molecules across the endothelium, is facilitated by caveolae and 

vesiculo-vacuolar organelles (VVOs). Caveolae are flask-shaped vesicles that can be found in the 
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cytoplasm, while VVOs are collections of vesicles and vacuoles. Caveolae are more numerous in 

ECs compared to clathrin-coated pits, particularly in continuous non-fenestrated endothelium 

[463,465,466]. 

Nonetheless, intercellular junction composition and organization differ across the vascular tree, 

with large artery ECs having well-developed tight junctions and post-capillary venules having 

disorganized tight junctions to facilitate inflammation-induced extravasation. Endothelium can be 

continuous or interrupted. Non-fenestrated continuous endothelium is found in certain organs' 

arteries, veins, and capillaries. Fenestrated continuous endothelium is found in exocrine and 

endocrine glands, gastric and intestinal mucosa, glomeruli, and specific renal tubules that require 

increased filtration or transport. Discontinuous endothelium, as distinguished from liver sinusoidal 

endothelium, has larger fenestrations and gaps within individual cells [467–469] (Figure 17 & 

18). 

ii. Functional Heterogeneity 

ECs also demonstrate functional heterogeneity. Basal and inducible permeability, which involve 

the transfer of fluids, solutes, and macromolecules, are differentially regulated across the vascular 

tree. The mechanisms of permeability include paracellular, and transcellular routes mediated by 

tight junctions, caveolae, VVOs, and trans-endothelial pores. The site-specific expression of 

adhesion molecules and receptors contributes to leukocyte trafficking, primarily occurring in 

postcapillary venules. The transmigration of lymphocytes occurs across specialized postcapillary 

venules known as high endothelial venules [438]. 

Heterogeneity is also observed in the hemostatic functions of ECs. The regulatable production of 

procoagulant and anticoagulant molecules varies across the vascular tree, contributing to site-

specific hemostatic balance. Changes in the expression of these molecules during inflammation 

differ between vascular beds [470,471]. Functional heterogeneity among ECs has been also 

demonstrated in the context of angiogenesis. Endothelial tip cells, found at the leading edge of 

sprouting blood vessels, exhibit distinct morphological and molecular features compared to stalk 

cells behind them. These tip cells are responsible for guiding the formation of new blood vessels 

[472]. 

ECs demonstrate functional diversity, reflecting their adaptation to specific tissue requirements as 

well [473]. For instance, ECs in the microvasculature of the lungs play a crucial role in gas 
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exchange, while those in the kidneys are involved in filtration and reabsorption [474]. ECs in 

lymphatic vessels are specialized in facilitating lymphatic drainage and immune surveillance 

[475]. Moreover, ECs in pathological conditions, such as inflammation or tumor angiogenesis, can 

acquire unique functions, such as increased expression of adhesion molecules or enhanced 

angiogenic capacity [444]. Furthermore, the hemodynamic forces experienced by ECs vary across 

different vascular beds, and this heterogeneity can influence their phenotype and function. Shear 

stress, the frictional force exerted by blood flow, is a key hemodynamic force that impacts 

endothelial cell behavior. High shear stress areas, like arterial regions, promote the production of 

nitric oxide (NO) and inhibit inflammatory responses. In contrast, low shear stress areas, such as 

curvatures or branch points, may be prone to endothelial dysfunction and atherosclerosis 

development [476]. Additionally, the epigenetic modifications, such as DNA methylation and 

histone modifications, can contribute to the heterogeneity of ECs. These modifications can 

influence gene expression patterns and cellular responses. For example, differences in DNA 

methylation patterns have been observed between arterial and venous ECs, contributing to their 

distinct functional properties [477,478] (Figure 18). 

ECs express a diverse array of molecules and receptors that are involved in mediating various 

functions. This molecular heterogeneity is observed in the differential expression of adhesion 

molecules, receptors, and signaling molecules. For example, ECs in different vascular beds express 

distinct combinations of adhesion molecules, such as selectins, integrins, and immunoglobulin 

superfamily proteins, which enable tissue-specific interactions with circulating cells. Gene 

expression profiles further contribute to endothelial cell heterogeneity. While there are few 

endothelial-specific genes constitutively expressed throughout the vascular tree, many genes are 

limited to subsets of ECs or expressed in a spatially and temporally distinct manner. Proteomic 

approaches have revealed vascular bed-specific phenotypes, highlighting the existence of site-

specific molecular profiles [447,479,480] (Figure 18). 

Overall, endothelial cell heterogeneity is a fundamental aspect of vascular biology, playing crucial 

roles in various physiological processes and disease pathogenesis. 
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Figure 18. Illustration representing the structural, molecular, and functional heterogeneity of endothelial 

cells, in different tissues. (a) Capillaries in organs like the brain, lung, and heart feature a tightly continuous 

endothelium along with a continuous basement membrane. The regulated process of transcytosis allows 

molecules to traverse this continuous endothelium in a controlled manner. (b) In the kidney and choroid 

plexus, the endothelium is fenestrated, facilitating the diffusion of fluids and small molecules. (c) The 

capillary endothelium in the liver and bone marrow is discontinuous, characterized by intercellular gaps and 

a disjointed basement membrane, promoting unrestricted exchange of molecules. 

Hennigs JK et al. Vascular Endothelial Cells: Heterogeneity and Targeting Approaches. Cells. 2021. 
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3. Functions 

i. Physical Barrier and Permeability 

ECs form a continuous layer along the inner surface of blood vessels, which acts as a physical 

barrier that separates the blood compartment from the surrounding tissues and prevents the direct 

contact of blood components on one side of the endothelium, such as red blood cells and platelets, 

with underlying tissues on the other side [438,441,445]. This barrier is a critical key for regulating 

the exchange of substances between the blood and tissues. It exhibits selective permeability of 

specific molecules and cells while restricting others based on the size and charge of molecules. 

Small molecules like oxygen, carbon dioxide, and nutrients can diffuse through the ECs, 

facilitating the exchange of gases and nutrients between blood and tissues. However, larger 

molecules and cells, such as white blood cells, are tightly regulated and require specific 

mechanisms to pass through the endothelium. ECs facilitate the transport of essential nutrients, 

such as glucose and amino acids, from the blood into the surrounding tissues [481]. Conversely, 

they aid in removing waste products, such as carbon dioxide and metabolic byproducts, from the 

tissues into the bloodstream for elimination from the body [482]. Therefore intact endothelial 

physical barrier under normal conditions is governed by several mechanisms that control its 

integrity and function to maintain homeostasis [483]. However, dysregulated barrier and 

subsequently increased permeability due to several factors such as inflammation, oxidative stress 

or environmental cues, underlie several pathological condition and contribute to increased 

morbidity [441,444,483–487]. 

ii. Hemostasis 

Besides their role in adjusting vascular permeability, ECs are also critical in orchestrating the 

balance between preventing excessive bleeding and avoiding inappropriate blood clot formation 

and therefore maintaining vascular hemostasis. To maintain an anticoagulant state under normal 

conditions and promote procoagulant activity when needed, ECs express and release various 

molecules that control the coagulation cascade [437–439,441,443,488]. 

ECs actively regulate the coagulation cascade, platelet function, and vascular tone for adequate 

blood flow and clotting through several anticoagulant factors, such as tissue factor pathway 

inhibitor (TFPI), thrombomodulin (TM), antithrombin (AT) and heparin-like molecules. ECs 

synthesize and release tissue factor pathway inhibitor (TFPI), which is a potent inhibitor of the 
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tissue factor (TF)-dependent coagulation pathway. TFPI blocks the activation of factor Xa and the 

subsequent coagulation cascade, thereby regulating clot formation [489]. On the other hand, 

Thrombomodulin binds to thrombin and converts it from a procoagulant to an anticoagulant 

enzyme, activating protein C, which in turn inhibits clotting factors and limits the coagulation 

response. Moreover, ECs also produce and release antithrombin III (ATIII), a serine protease 

inhibitor that inactivates several coagulation factors, including thrombin (factor IIa) and factor Xa. 

ATIII is key regulator of clot formation, it initiates a counter mechanism to prevent excessive 

coagulation that could be  detrimental [490,491]. 

However, in case of damaged endothelium, ECs release tissue factor (TF), which is a key activator 

of the coagulation cascade's extrinsic pathway. This pathway produces thrombin, which converts 

fibrinogen to fibrin, the primary component of blood clots [491]. Furthermore, ECs also mediate 

adhesion and aggregation of platelets via the secretion of the von Willebrand factor (vWF) which 

binds to the glycoprotein (Gp) Ib-IX-V adhesion receptor on platelets surface leading to thrombus 

formation [492,493].  In the absence of injury, ECs act to maintain platelet function and prevent 

inappropriate platelet aggregation and adhesion, through the secretion of nitric oxide (NO) and 

prostacyclin (PGI2), which act as vasodilators and inhibit platelet activation and aggregation 

[494,495]. Additionally, these molecules support the preservation of vascular tone and inhibit 

platelet activation on endothelial surfaces [437–439,441,443,488].  

Finally, when the clot had met its purpose and no longer needed, ECs promote fibrinolysis, the 

process of clot resolve, by the synthesis and release of tissue-type plasmin activator (tPA), which 

converts plasminogen into plasmin. Plasmin is a serine protease  that in turn degrades fibrin clot 

promoting fibrinolysis [496–498] (Figure 19).  
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Figure 19. The endothelium plays a central role in the regulation of thrombosis, influencing the 

activation of platelets, coagulation, and thrombolysis. Key components of these processes, including 

activated protein C (APC), glycoproteins (GP), nitric oxide (NO), plasminogen activator inhibitor 

(PAI), tissue factor (TF), tissue-type plasminogen activator (tPA), urokinase-type plasminogen 

activator (uPA), and Von Willebrand factor (VWF), converge at the endothelial interface. The 

endothelium actively modulates these pathways, highlighting its crucial involvement in the finely tuned 

orchestration of thrombotic events.  

Wang M et al. Arteriosclerosis, Thrombosis, and Vascular Biology. 2018. 
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iii. Vascular Tone 

Vascular tone, which describes the extent of blood vessel constriction or dilation, has a direct 

impact on blood flow, blood pressure, and tissue perfusion [499]. Blood vessel diameter and blood 

flow are ultimately determined by various vasoactive substances that affect the relaxation or 

contraction of vascular smooth muscle cells, and which are actively produced and released by ECs. 

Endothelial nitric oxide (NO) is one of the most prevalent vasodilators produced by ECs nitric 

oxide synthase (eNOS) activity. eNos catalyzes the redox reaction of the amino acid L-arginine 

and molecular oxygen. In this reaction, L-arginine is oxidized by molecular oxygen into NO and 

L-citrulline [500–503]. Once released, NO diffuses into adjacent vascular smooth muscle cells and 

stimulates guanylate cyclase-mediated production of cyclic guanosine monophosphate (cGMP) 

from guanosine triphosphate (GTP). cGMP, in turn, induces smooth muscle relaxation and 

consequent vasodilation [501,502]. Prostacyclin, also known as PGI2, is another vasodilator 

produced by ECs and it increases cAMP levels in vascular smooth muscle cells, leading to 

relaxation and vasodilation [504,505]. Moreover, ECs produce other factors known as 

endothelium-derived hyperpolarizing factors (EDHF) in addition to NO and prostacyclin that 

causes vascular smooth muscle cells to hyperpolarize, resulting in relaxation and vasodilation 

[506]. On the contrary, endothelin-1 is a vasoconstrictor produced by ECs, which acts on smooth 

muscle cells to increase intracellular calcium levels, leading to contraction and vasoconstriction 

[507]. In addition, through the production and release of various vasoactive substances ECs 

influence the diameter of blood vessels, thereby determining blood flow and tissue perfusion [499]. 

ECs are also able to respond to mechanical forces, such as shear stress, generated by blood flow. 

Shear stress leads to the release of vasodilators like NO, promoting vascular dilation and regulating 

blood flow [508]. This characteristic function of ECs has implicated them in several physiological 

and pathological conditions. For instance, vasodilation mediated by ECs helps to reduce vascular 

resistance, which in turn lowers blood pressure. Conversely, diminished vasodilation due to ECs 

impairment can lead to increased vascular tone, and lead to hypertension. Moreover, endothelial 

dysfunction induced low NO bioavailability is a common feature of several cardiovascular 

diseases, such as atherosclerosis, hypertension, and diabetes [509]. 

iv. Vasculogenesis and Angiogenesis 
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Vasculogenesis and angiogenesis are two distinct biological processes which are at the basis of 

new vessel formation. Vasculogenesis is characterized by the emergence of blood vessels in early 

embryonic development. During initial stages of development, vasculogenesis entails the 

differentiation and proliferation of ECs, called angioblasts, within previously non-vascularized 

tissues. These ECs then gather and fuse to form a primitive tubular network, which further 

develops into vascular plexus. This nascent network encompasses major embryonic vessels like 

the aorta and major veins, along with an intricate network connecting these vessels, resembling a 

honeycomb structure [445,510–512]. Vasculogenesis begins by recruiting specialized mesodermal 

precursors at specific locations in the mesoderm. In amniotes, the first blood vessels arise in the 

extra-embryonic mesoderm of the yolk sac, where mesenchymal cells aggregate to create blood 

islands. These islands give rise to primitive blood cells and endothelial cell precursors. Other 

vascular progenitors originating from intra-embryonic mesoderm contribute to the formation of 

key embryonic vessels such as the dorsal aorta, cardinal veins, and vitelline plexus [510–512]. 

Studies on quail and chick embryos demonstrated two distinct lineages of endothelial precursor 

cells. The first one is derived from the paraxial mesoderm, which gives rise to angioblasts, while 

the second bipotential haemangioblastic lineage originates from the splanchnopleural mesoderm 

and is able to differentiate into both endothelial and hematopoietic cells [510,512,513]. The two 

lineages are molecularly associated by shared gene expression such as CD34, CD133, PECAM-1, 

c-Kit, and Sca-1. Various molecular factors orchestrate the vasculogenesis process. Among these, 

the vascular endothelial growth factor receptor-2 (VEGFR-2 or Flk-1) that is essential for lineage 

differentiation from mesodermal precursor. Embryos lacking VEGFR-2 exhibit defects in both 

hematopoietic and angioblastic lineages and its loss was also associated with severe vascular 

defects. The fibroblast growth factors, VEGF, and other signaling molecules play paracrine roles, 

with endoderm producing VEGF, and mesoderm-derived angioblasts expressing VEGF receptors 

[510,512,513]. The endoderm plays a role in regulating vasculogenesis in adjacent mesoderm. 

Signaling molecules like Sonic hedgehog (Shh) are implicated in the interaction between 

endoderm and angioblasts. While the endoderm seems to influence the assembly of angioblasts 

into vascular tubes, its role may vary between different species. As vasculogenesis progresses, 

additional processes like angiogenesis contribute to the expansion and refinement of the vascular 

network [510,512] (Figure 20a). 
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Angiogenesis is the process of formation of new blood vessels form preexisting ones. 

Angiogenesis is a fundamental physiological process that is involved in developmental stages, 

tissue repair, wound healing, and other biological processes [514–516]. Although the development 

of functional blood vessel demands a meticulous coordination and signal exchange between 

different cell types, ECs are the primary cellular constituents responsible for constructing and 

organizing a new blood vessel [517–519]. Angiogenesis is initiated by pro-angiogenic stimuli such 

as hypoxia or inflammation, which induces the release of growth factors responsible for ECs 

activation. The vascular endothelial growth factor (VEGF) is one of the most prevalent factors that 

is produced by tumor cells, stromal cells, or macrophages. Vegf binds to its receptor (VEGFR-2) 

on ECs’ surface and activates their proliferation and migration [514,520]. Once activated, ECs 

secrete proteolytic enzymes termed matrix metalloproteinases (MMPs), such as MMP-2 and 

MMP-9, into the surrounding extracellular matrix (ECM), which aim to degrade ECM components 

and creating space, allowing ECs sprouting and migration through tissue [521]. Proliferating ECs 

form an elongated structure called “sprout”. Sprouts with continuous proliferation of ECs extend 

into the tissue and are guided by gradients of pro-angiogenic factors, such as VEGF, and 

endothelial tip cells at the sprout edge, specialized for sensing this gradient and directing the 

migration process. Afterwards, sprouting ECs form the tubular structure of the vessel, which is 

termed lumen formation or vessel maturation through which the blood flows, followed by 

recruitment of pericytes and smooth muscle cells to stabilize the blood vessel. The newly formed 

vessel integrates into the circulation allowing to support tissue with blood, oxygen, and nutrients 

exchange. Once oxygen levels are elevated and tissue oxygen demand is met, this marks the 

termination of angiogenesis [520,522–525] (Figure 20b). 

Therefore, vasculogenesis indicates a complex tightly regulated process that involves 

differentiation, proliferation, migration, and arrangement of ECs from distinct avascular 

mesodermal sites to form a primitive blood during early development. On the other hand, 

angiogenesis encompasses the arousal of new capillaries and blood vessels from pre-existing ones. 

Angiogenesis is a crucial event for several physiological processes such as reproduction, 

development, and tissue repair, but it can also be aberrant in many pathological conditions. 

Whether physiological or pathological both essentially require ECs involvement [510,511,514]. 
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Figure 20. Vasculogenesis and Angiogenesis. (a) Vasculogenesis: Mesodermal cells 

differentiate into angioblasts during embryonic and extraembryonic vasculogenesis, 

forming primary vascular plexuses. In embryonic vasculogenesis, vessels acquire 

arterial and venous identities along an axis. Extraembryonic vasculogenesis in the yolk 

sac involves the initial formation of blood islands from haemangioblasts, contributing 

to a primary vascular plexus. (b) Angiogenesis: New blood vessels sprout from an initial 

vascular tree, with a leading tip cell responding to VEGF via VEGFRs. Stalk cells 

follow, forming the lumen of the sprouting vessel.  

Del Gaudio F et al. Open Biology. 2022. 
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v. Immune and inflammatory regulation 

Evolving studies have demonstrated ECs role in the immune system and inflammatory response 

beside their functions in regulating vascular permeability, tonicity, hemostasis, and angiogenesis. 

The fact that they form a dynamic interface between the circulating leukocytes and tissues, 

implicates them in regulation of immune response and control of immune cells and regulation of 

inflammatory response [442]. 

A wide range of immune receptors, chemokine, adhesion molecule and cytokines that are involved 

in triggering innate immune response were found to be expressed by ECs. Toll like receptors 

(TLRs) are one notable group of receptors expressed by ECs, and they are specialized for 

recognition of conserved pathogen-associated molecular patterns (PAMPs) present on the surface 

of various pathogens including bacteria, viruses, and fungi. Among them, TLR1, TLR2, TLR3, 

TLR4, TLR5, TLR6, and TLR9 that were found in various tissue-specific ECs. On the contrary, 

TLR7, TLR8, and TLR10 are not present in resting ECs but can be induced under inflammatory 

conditions [526–528]. In addition to immune receptors, ECs were also found to express various 

adhesion molecules that facilitate immune cell recruitment and extravasation during inflammation. 

For instance, E-selectin, is one of the genes that are highly specific to ECs, and it is primarily 

found in postcapillary venules in activated endothelium. However, P-selectin expression is induced 

in different tissues in response to inflammatory mediators like histamine and lipopolysaccharide. 

Moreover, numerous vascular and nonvascular cell types express ICAM-1 and VCAM-1, which 

are involved in leukocyte adhesion and transmigration, can both be upregulated in response to 

lipopolysaccharide [529–531]. Additionally, ECs secrete chemokines like monocyte 

chemoattractant protein-1 (MCP-1/CCL2) and interleukin-8 (IL-8/CXCL8), which recruit immune 

cells to the sites of inflammation. They also release cytokines that contribute to inflammation and 

immune cell activation, such as interleukin-6 (IL-6) and tumor necrosis factor-alpha (TNF-α) 

[442,529,532] (Figure 21). 

When ECs encounter pathogens or PAMPs and TLRs are activated by their respective agonists, 

they induce a proinflammatory response in ECs mediated by NF-κB and MAPK signaling. TLRs 

activated ECs undergo structural changes in their adhesion molecules such that E selectin, P 

selectin, ICAM and VCAM to increase vascular permeability, and produce proinflammatory 

cytokines such as IL 1β, IL 6, IL 8 and TNF α which are essential for triggering innate immunity 

and recruitment and activation of leukocytes [442,526,527,529,533,534]. Specific TLRs, such as 
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TLR1/2, TLR3, and TLR4, elicit a strong pro-inflammatory response when activated by their 

respective agonists, leading to the secretion of various cytokines and factors that promote 

inflammation and coagulation [527,533,534]. It's worth noting that TLR responses in monocytes 

and ECs function differently because they use different NF-kB and MAPK signaling pathways 

[535]. TLR2 is expressed at a lower baseline level in ECs but is strongly upregulated in response 

to its ligand, possibly acting as a safeguard against excessive endothelial activation and subsequent 

complications [533]. Furthermore,  vascular TLR2 and TLR4 are not only activated by PAMPs but 

also in response to tissue damage, such as the presence of extracellular histones, which results in 

increased tissue factor production and may affect the equilibrium between the risk for sepsis and 

the formation of advantageous local microthrombus [536]. They are also involved ECs activation 

in hyperglycemia-mediated proinflammatory stimulus, which promote leukocyte adhesion and 

ROS production [537]. Furthermore, ECs possess other pattern recognition receptors that possess 

a nucleotide-binding oligomerization domain NOD1, NOD2, and the  retinoic acid-inducible gene 

RIG-I, which play roles in detecting bacterial components and viral RNA structures, triggering 

NF-kB signaling [538,539]. Lectin-like oxidized low-density lipoprotein receptor-1 (LOX-1), 

which is also expressed in ECs, is a member of a lectin-like receptor family, encoded in the natural 

killer (NK) gene complex along with dectin-1 and CLEC-1. Endothelial LOX-1 promotes uptake 

of oxidized LDL, which is generated under oxidative stress during inflammatory events. It’s 

activation is related to exacerbated inflammatory response, endothelial dysfunction, and 

atherosclerosis [540,541] (Figure 21).  

Overall, these pattern recognition receptors in ECs play critical roles in immune responses, 

inflammation, and vascular homeostasis, and their dysregulation can contribute to various 

pathological conditions. 
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Figure 21. Schematic overview illustrating the diverse functions and cellular interactions orchestrated 

by microvascular endothelial cells (ECs) that influence innate and adaptive immunity, coagulation, and 

inflammation. Protein C (PC), activated Protein C (APC), soluble Endothelial Protein C Receptor 

(sEPCR), and soluble Thrombomodulin (sTM).  

Danese S. et al. The Journal of Immunology. May 2007. 
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II. Liver Endothelial Cells 

Aside from general vascular cells, the liver contains a subset of ECs with distinct morphology that 

form the inner lining of the liver sinusoids. These cells are known as liver sinusoidal endothelial 

cells (LSEC) which represent around 15 to 20% of total liver cells and 3% of liver volume. LSEC 

are a unique type of ECs due to their specific characteristics and localization within the liver 

sinusoids. Liver sinusoids are specialized capillaries that allow a direct contact between blood 

stream and hepatocytes in the liver parenchyma. The key feature of facilitated blood-parenchymal 

exchange is the traversing open pores system, or fenestrations, with approximate diameter of 100-

150 nm. These pores give rise to a discontinuous sinusoidal endothelium and act as an open 

channel between sinusoidal blood and the underlying space of Disse. Besides that, LSEC lack 

diaphragm and basal lamina underneath, which allows a bidirectional transfer of substances to and 

from parenchymal hepatocytes [542–547] (Figure 22). 

Moreover, unlike other ECs, LSECs are characterized by a highly active endocytic capacity, with 

a uniquely efficient clathrin-mediated endocytosis, reflected by the numerous endocytic vesicles 

and specialized endocytic receptors. This particular endocytic capacity enables them to effectively 

uptake various substances from blood such as macromolecules and waste products. Together, the 

fenestrae and the endocytic characteristics and the absence of basal lamina, makes LSECs a 

distinguished type of ECs as a selective sieve of blood-parenchymal components exchange and an 

effective scavenger that clears bloodborne waste macromolecules [543,544,547]. 

LSECs are deficient of a specific characteristic marker on their surface, however they share 

common surface makers with other ECs such as CD31, ICAM-1, VCAM-1 and VEGFR2. 

Therefore, a combination of different markers is required for their identification. ICAM-1 is found 

on LSECs surface and increased upon inflammatory conditions, while CD31 and VCAM-1 are 

induced [542]. CD146, also known as Melanoma Cell Adhesion Molecule (MCAM), is a cell 

adhesion molecule that is expressed on the surface of various cell types, including ECs. In mice, 

CD146 has been found to be strongly expressed in LSECs compared to other cells and it can be 

efficiently used as a specific marker to label and isolate LSECs by magnetic cell sorting [542,548]. 

Liver ECs are a vital component of the liver's microvasculature and play essential roles in 

maintaining normal liver function under physiological condition [542]. Through their 

fenestrations, liver ECs are able to exchange nutrients, oxygen, waste products, and other 

substances, essential for liver function and maintenance between the blood and hepatocytes. 
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Therefore, they act as an efficient semipermeable biofilter and scavenger system in the liver. In 

addition, liver ECs are also implicated in the detoxification and clearance function of the liver. 

They interfere in the clearance of harmful toxin, such as endotoxins released by bacteria in addition 

to their role in drug detoxification and metabolism through expressing various drug-metabolizing 

enzymes and transporters. Moreover, LSEC are key regulators of blood flow and consequently of 

fibrogenesis, via controlling hepatic stellate cells in the space of Disse [542,544–547,549–551]. 

Besides that, LSECs are considered as gatekeepers of hepatic immunity. LSECs have both innate 

and adaptive immunological functions, including antigen presentation and the critical task of 

balancing tolerance and effector immune responses. During inflammatory liver diseases, these 

cells have a significant impact on the composition of hepatic immune populations, facilitating the 

movement of specific leukocyte subsets through the use of various adhesion molecules and 

chemokines. Furthermore, LSECs play an important role in regulating the cellular crosstalk that 

drives the progression of chronic liver diseases, eventually leading to fibrosis and carcinogenesis. 

Targeting LSECs may hold promise as a potential therapeutic approach for managing 

inflammatory liver conditions due to their role in initiating immune responses and contributing to 

the progression of liver disease [552] . 

On the contrary, dysfunction of LSECs contributes to plenty of liver pathologies. For instance, 

impaired LSECs were associated with inflammation in nonalcoholic fatty liver disease (NAFLD) 

due to an abnormal balance between vascular endothelium-derived relaxing and contracting 

factors, leading to impaired vasodilation during increased blood flow [553]. Moreover, LSEC 

endothelial dysfunction promotes inflammation by activating Kupffer cells (KCs) in NAFLD 

[554]. KCs, the resident macrophages in liver sinusoids, can be activated by various factors, 

including lipopolysaccharide (LPS), damage-associated molecular patterns, and lipids such as free 

fatty acids (FFAs) and oxidized lipoproteins [555–557]. Under physiological conditions, LSECs 

maintain KCs quiescence through NO-dependent pathways. However, reduced endothelial NO 

bioavailability under pathological conditions promotes KCs activation, resulting in the 

upregulation of pro-inflammatory factors TNF-α and IL-6 via NF-κB activation [558]. 

Furthermore, autophagy dysregulation in LSECs under pathological conditions contributes to 

inflammation. Impaired autophagy in LSECs has been observed in NASH patients, leading to 

decreased fenestration and increased expression of pro-inflammatory chemokines in mice fed with 

a HFD [559,560]. Additionally, dysfunction of LSECs contributes to steatosis by increasing 
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intrahepatic vascular resistance [558,561–563]. NO plays a crucial role in regulating liver lipid 

content and fatty acid synthesis [558,564–566]. NO-deficient eNOS knockout mice exhibit 

elevated liver triglyceride levels and lipid droplets, which can be improved by increasing NO 

availability treatment [558,566]. Dysfunctional LSECs facilitate bone marrow-derived 

macrophages (BMM) recruitment through promoting KC activation and the release of CCL2, 

crucial for macrophage recruitment [558,567]. Additionally, LSECs increase the expression of 

adhesion molecules, such as ICAM-1, VCAM-1, VAP-1, E-selectin, and CD31, directly promoting 

leukocyte recruitment [568–570]. LSECs also produce pro-inflammatory mediators, including IL-

1, IL-6, TNF-α, and CCL2, further promoting inflammatory cell activation, adhesion, and 

migration [570–572] (Figure 23). 

Therefore, it is important to note that liver ECs are key regulators of liver function and maintenance 

under physiological condition. However, like other liver cells, they can be affected by various liver 

diseases, such as cirrhosis, viral hepatitis, and fatty liver disease. Disruptions in their normal 

functions can contribute to liver dysfunction and pathology. Therefore, understanding the roles of 

liver ECs is crucial for develop therapies and interventions to treat liver diseases effectively. 
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Figure 22. Diagram of the hepatic sinusoid. This fenestrated capillary, measuring 275 μm in length, consists of 

sinusoidal endothelial cells (in red). Enveloping the capillary are liver-resident pericytes known as stellate cells 

(in green). Meanwhile, the interior of the vessel is patrolled by resident macrophages, referred to as Kupffer 

cells (in yellow), and natural killer cells, known as pit cells (in gray). 
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Figure 23. Liver sinusoidal endothelial cells (LSECs) play a pivotal role in orchestrating the immune 

microenvironment during chronic inflammation. (1) Persistent hepatocyte injury leads to the release of 

damage-associated molecular patterns (DAMPs), sensed by Kupffer cells (KCs) and activating them to produce 

pro-inflammatory cytokines. DAMPs also trigger cytokine release from LSECs via NFκB and inflammasome 

signaling, exacerbating LSEC and KC activation, especially in the presence of endothelial dysfunction. (2) 

LSEC-produced BMP4 may enhance viral replication, worsening hepatocyte damage in chronic viral 

infections. Activated LSECs (3) secrete chemokines and (4) upregulate adhesion molecules, promoting 

leukocyte recruitment, adhesion, and transmigration. (5) Vascular adhesion protein 1 (VAP-1) expression by 

hepatic stellate cells (HSCs) retains leukocytes in the space of Disse. (6) CD4+ T cells perform lateral 

intracellular crawling between LSECs via SCARF1-mediated adhesion, involving ICAM-1 and Stabilin-1. 

LSECs also recruit specific pro-inflammatory leukocyte subsets during disease states, including (7) gut-homing 

lymphocytes through α4β7-MAdCAM interactions and (8) CD16+ monocytes via CX3CL1 secretion. LSECs 

actively contribute to the intricate immune landscape in the liver during chronic inflammation. 

Wilkinson AL et al. Frontiers in Physiology. August 2020 
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III. P16Ink4a and Aging of Liver Endothelial Cells 

As individuals age, LSECs undergo distinct functional and phenotypic changes which 

consequently affect liver function. In humans [573], baboons [574], mice [575,576], and rats [577–

579], LSECs aging is associated with pseudocapillarization, which is thickening of the sinusoidal 

endothelium, reduced porosity of LSECs, and increased deposition of basal lamina and collagens 

in the space of Disse. Additionally, von Willebrand factor expression is observed in LSECs of old 

livers, which is not typically found in young individuals [573,574,577,578,580,581]. This age-

related pseudocapillarization refers to the specific changes in the liver sinusoids due to aging, 

distinct from capillarization seen in liver diseases [578]. In aging, hepatic stellate cells become fat-

engorged but remain quiescent [574,582,583], contributing to the narrowing of the sinusoidal 

lumen and reduced liver blood flow seen in old livers [577,583,584]. Moreover, decreased LSECs 

porosity can also be implicated in vascular disease of other organs. Decreased LSEC porosity for 

instance is linked to conditions like postprandial hypertriglyceridemia, a risk factor for 

atherosclerosis [547,585–587]. Moreover, the endocytic capacity of LSECs decreases with age, 

leading to reduced uptake of certain substances. This impaired endocytic capacity may become 

evident during episodes of increased blood levels of waste macromolecules, as of the attenuated 

scavenging capacity of LSECs in older individuals compared to young ones [575,579,588,589]. 

The aging process may be linked to various factors, such as exposure to gut-derived toxins, 

nicotine, and oxidants, which can cause defenestration of LSECs [544,590]. Additionally, chronic 

low-grade inflammation associated with aging affects the liver and other organs, potentially 

contributing to the changes observed in the hepatic sinusoids [591–593]. Oxidative stress and 

accumulation of degradable material, such as the advanced glycation end-products (AGEs)-

metabolites, may also play a role in cell aging and changes of LSECs [580,594]. 

Recent research has highlighted significant findings regarding the aging process in the liver. 

Specifically, there is evidence of increased expression of the p16 senescence marker, elevated 

oxidative stress in mitochondria, and higher levels of inflammatory genes in LSECs [330,575]. In 

an aged rat model, upregulation of p16 was also observed in liver tissue and LSECs [330]. 

To delve further into the role of senescent cells in liver aging, a mouse model using p16 CreERT2¬ 

tdTomato was utilized. This model revealed detectable p16 high cells in various organs, including 

the liver, and their prevalence increased with age. Notably, the majority of these p16 high cells in 

the liver were vascular ECs, which are crucial for liver function and structure. Removing these 
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cells led to adverse effects like steatohepatitis and perivascular tissue fibrosis, indicating their 

significance in healthy aging control and potential influence on lifespan [210,331]. An interesting 

discovery from our recent study is that p16 RNA and protein expression in the livers of old mice 

mainly occurs in ECs compared to liver parenchymal cells [595]. All combined, these data suggest 

a particular role of p16 in liver endothelial physiology, which may hold key insights into the liver's 

aging process. Understanding the mechanisms behind p16 in liver ECs could provide valuable 

information for developing targeted anti-aging therapies aimed at endothelial cell function, 

ultimately contributing to healthier aging. Therefore, further research is necessary to fully elucidate 

the specific role of p16 in these cells. 
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I. Project Aims and Description 

Aim: we aimed at better understanding the role of p16 in biological processes and aging of liver 

vascular ECs (CD31+) and LSEC (CD146+). 

1. p16 loss of function and gain of function in liver endothelial cell physiology 

We used small hairpin (shRNA) constructs and a p16 cDNA-GFP vector transduced via a 

lentivirus, to knock-down and over-express p16 in-vitro, in order to assess p16 loss and gain of 

function in both types of liver ECs’ biological processes such as proliferation, senescence, 

migration, and apoptosis. Cells were isolated from the liver through magnetic activated cells 

sorting (MACS) assay using a magnetic bead-attached monoclonal antibodies against CD31 and 

CD146 surface markers. Non-coding shRNA sequence and an empty-GFP vector transduced cells 

were used as a control for p16shRNA and p16-GFP transduced cells, respectively. 
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II. Schematic Project Description 

  

Target DNA: 

P16-shRNA/nc-shRNA 

p16cDNA-GFP/E-GFP 

HEK293T cells 
Collected virus-containing 

medium 

Figure 24. This schematic depicts an experimental approach involving the genetic modulation of p16 in liver 

endothelial cells (ECs). Utilizing p16shRNA and p16cDNA-GFP vector, p16 expression was both knocked down 

and overexpressed in vitro through lentiviral transduction. The liver ECs were isolated through a Magnetic 

Activated Cell Sorting (MACS) assay using CD31 and CD146 surface markers. Two control groups included 

cells transduced with non-coding shRNA and an empty-GFP vector. 
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I. Animals 

All animal work was conducted according to national and international guidelines. Timed pregnant 

mice (NMRI and C57BL/6) were purchased from Janvier Labs (Le Genest-Saint-Isle, France). 

Mice were sacrificed by cervical dislocation and liver ECs were isolated from livers of adult mice 

around the age of 3 months. 

II. Magnetic Activated Cell Sorting (MACS) 

Livers were isolated from 24 adult (3 months; n=24) mice. Organs were minced and afterward 

digested with 0.1 mg/mL of DNase I (10104159001, Roche Diagnostics, Mannheim, Germany) 

and 1 mg/mL of Collagenase A (11088793001, Roche) in 10 mL of DMEM culture media 

(ThermoScientific) for 1 h at 37 °C. Digested samples were passed through 70-μm filters 

(SmartStrainers, 130-098-462, Miltenyi Biotec, Paris, France), centrifuged, and washed twice with 

PBS containing 2% fetal calf serum (FCS) and 0.5 mM of EDTA (ThermoScientific). Cells were 

re-suspended in 90 μL of the same buffer (PBS + FCS + EDTA)/107 cells. Vascular ECs and LSEC 

were labelled separately by adding 10 μL/107 cells of magnetic microbead-associated anti-CD31 

(130-097-418, Miltenyi) and anti-CD146 antibody (130-092-007, Miltenyi) respectively, at 4 °C 

for 15–30 min. Cells were separated via LS column (130-042-401, Miltenyi) pre-washed with 3 

mL of PBS + FCS + EDTA and attached to a MidiMACS separator magnet (130-042-302, 

Miltenyi). Non-ECs were eluted by washes with 3x 3 mL of PBS + FCS + EDTA. Afterward, ECs 

were eluted by removing the LS columns from the magnetic field and flushing with 6 mL of PBS 

+ FCS + EDTA.  

III. Cell culture 

Isolated primary CD31+ vascular cells and CD146+ LSEC were purified and seeded each cell type 

in 75m3 falcon flask coated with collagen (Sigma-Aldrich C3867-1VL) diluted 1:100 in PBS. Cells 

were grown in 10 ml RPMI medium supplemented with 10% FCS, 1 % penicillin-streptomycin 

(Gibco 15140-122) and 1% Glutamine (Gibco 25030-024) incubated at 37°C, 5% CO2. For all 

experimental procedures, the cells used were pooled from up to 6 mice donors (n=6) which did not 

exceed passage 4. 
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Human embryonic kidney (HEK) 293 cells (ATCC CRL-1573) were grown in DMEM medium 

(Lonza, Levallois- Perret, France) supplemented with 10% fetal calf serum (FCS), 100IU ml-1 

penicillin, and 100µg ml-1 streptomycin (Invitrogen, Cergy Pontoise, France) 

IV. Generation of transduction constructs (sh, nc, OE, E) 

1. p16 plasmids 

p16 was knocked down using small hairpin construct RNA (shRNA- sh) with ampicillin antibiotic 

resistance. Several shRNAs were used in attempts of knocking down p16 which were labeled as 

follows: Sh15 (Sigma Aldrich; Ref: TRCN0000077815), sh16 (Sigma Aldrich; Ref: 

TRCN0000077816), shMix which is a mixture of three different shRNAs from (Santa Cruz; sc-

36144-SH). A mouse non-coding sequence shRNA (nc) was used as a control of p16 knock- down 

cells. On the other hand, p16 overexpression (OE) was assessed through a p16 cDNA-GFP vector 

from (ORIGENE – Catalog No. MR227284L2) with chloramphenicol antibiotic resistance. 

Empty-GFP vector achieved by excision of the p16 cDNA from the overexpression vector was 

used as overexpression control (E) for OE transduced cells. 

2. Empty - GFP Vector 

First we started with the digestion of 2.8 µg of p16 cDNA-GFP vector for 2hrs at 37°C, using 1µl 

of each of the restriction enzymes BamHI (NewEnglandBioLabs – R01336S) and NotI-HF 

(NewEnglandBioLabs – R3189L) in 2µl NEBuffer4 (NewEnglandBioLabs – B7004S) and 0.2µl 

BSA and complementary volume of H2O to 20µl. Digestion step was followed by heat inactivation 

of the enzymes for 20 minute at 60°C. Afterwards, the DNA gap was filled using dNTPs 

(Invitrogen – ref: 10297-018) and T4 DNA polymerase (NewEnglandBioLabs – M0203S) for 15 

minutes at 12°C. The complete volume of the reaction solution was then loaded on a 1% agarose 

gel with 4µl 10x loading buffer for validation of the digestion. Gel DNA extraction was then 

assessed using the quick gel extraction kit from Invitrogen  (Ref: K21002 – 32584 Lohne, 

Germany) according to manufacturer’s instructions. The quantity of DNA was then estimated to 

be around 20ng/µl by running 1µl of our DNA on a 1% agarose gel for 30 minutes in parallel with 

1µl λ DNA Hind III marker (NewEnglandBioLabs – R0104S) in a 1µl of 10x loading buffer. This 

was followed by ligation of the linear plasmid using 1µl T4 DNA ligase (NewEnglandBioLabs – 

M0202S) with 8µl of our plasmid DNA in 1µl 10x buffer. Ligated DNA was then transformed into 
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bacteria and grown overnight at 37°C on a LB agar plate with 1:1000 chloramphenicol. 12 clones 

were picked and grown in 1ml LB agar with 1:1000 chloramphenicol overnight shaking at 180 

rpm, 37°C. Then bacterial DNA extraction was assessed using Quick Plasmid Miniprep Kit 

(Invitrogen – K210011 - 32584 Lohne, Germany) according to manufacturer’s instructions. After 

that, to confirm p16 cDNA excision, the DNA from the 12 samples in addition to complete vector 

with p16 cDNA, as a positive control, were digested using 0.5µl of each of EcoRI (Promega – 

R601J) and XhoI (NewEnglandBioLabs – R0146S) for 1hr at 37°C. Second digestion enzymes 

should have restriction sites at the exterior of the first ones to avoid polymerase closure 

imperfection. Afterwards, load on 1% agarose gel with 2µl 10x loading buffer and run for 30 

minutes at 130 volts. 

 

3. Bacterial transformation and Plasmid DNA amplification 

DH5α bacteria were thawed in ice for 30 minutes. Then 100 µl of the bacteria were mixed with 

100 ng of the plasmid DNA and kept on ice for 30 minutes. A heat shock uptake of the plasmid 

was achieved by placing the tube at 42 °C for 45 seconds then on ice for 2 mins. 250 µl of SOC 

medium (Sigma Aldrich – S1797) was added to the DNA/cells mixture and then incubated by 

shaking at 180 rpm, 37°C for 1 hr. Afterwards, the DNA containing bacteria were seeded on an 

agar plate with 1:1000 antibiotic and incubated at 37°C open for 10 mins to dry. Plates were closed, 

twisted upside down and incubated overnight at 37°C. One colony of bacteria was picked and 

grown in 1ml LB agar medium over night at 37°C shaking at 180-200 rpm with 1:1000 antibiotic. 

Afterwards 100 µL of the grown bacteria were moved to an Erlenmeyer flask containing 200ml 

LB agar medium with 1:1000 antibiotic. The total plasmid DNA extraction was assessed used 

Figure 25. 1% agarose gel electrophoresis of the 12 DNA samples extracted from 

DH5α bacteria selected colonies, transformed with p16cDNA excised-vector 

(lanes 1-12). The DNA sample extracted from DH5α bacteria, transformed with 

p16cDNA-vector acts as a positive control (lane PC). Empty-vector band 

obtained at 7 kbp and p16cDNA insert obtained at 504 bp. 
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HiPure plasmid Maxiprep Kit from Invitrogen (K210007 – Lohne, Germany) according to 

manufacturer’s instructions. 

4. Generation of transduction viruses 

For virus production, we needed three plasmids. The VSV plasmid which encodes the viral 

envelope, the gag/pol plasmid which encodes the core particle protein, and the target plasmids to 

be transduced in our cells. A total amount of 20 µg of plasmid DNA was transfected in 5x106 

HEK293T adjusted as 2.8µg VSV, 8.6µg gag/pol and 8.6 µg plasmid of interest, through calcium 

phosphate mediated transfection. HEK293T cells were fed with DMEM medium, supplemented 

with 10% Fetal Calf Serum at 37° in 5% CO2 in 10 cm dishes. The virus containing medium was 

collected 48 and 72 hours after HEK293T cells transfection. 

5. Endothelial cell transduction 

CD31+ and CD146+ ECs were passed and grown in 100 mm plates prior to transduction. Cells 

were freshly fed with 3 ml RPMI complete medium then treated with additional 3 ml of the virus 

containing medium. Different shRNAs were used to knock down p16, sh15, sh16, shMix (mix of 

3 different shRNAs) and ALL (sh15 + sh16 + shMix) and non-coding (nc) sequence as a control. 

Cells were exposed for 1 week, 2 weeks, and for 4 days. P16 silencing and overexpression 

verification and quantification was assessed at the protein level by Western Blot. 

V. Western blot 

After endothelial cell transduction (similarly for p16 baseline expression without transduction), 

cells were washed twice with 10 ml 1x PBS, and then scraped off manually, using a scraper. Cells 

were centrifuged at 2000 rpm for 5 min at 4 °C. Then, cells were incubated with 150 μL of RIPA 

buffer (Sigma) on ice for 30 min. Afterwards, samples were agitated overnight at 4 °C. The next 

day, the tubes were centrifuged at 16,000 rpm for 30 min at 4 °C. The total protein containing 

supernatant was recovered and stored at −80 °C. 

Proteins were quantified by colorimetric BCA assay according to manufacturer’s instructions 

(Uptima, Montluçon, France). Samples were diluted 5 times in distilled water and loaded in 

triplicates of 10 μL each, in transparent 96-well plates. In addition, BSA standards ranging from 0 

to 2 mg were loaded in triplicates (10 μL). Absorbance was measured at a wavelength of 560 nm 

in a plate spectrophotometer (Biorad, Marnes-la-Coquette, France). 
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For Western blotting, 30 μg of protein in Laemmli buffer was denatured at 95 °C for 5–10 min. 

Samples were loaded on acrylamide gels (acrylamide/bisacrylamide 37.5/1) and set for 

electrophoresis. Afterward, proteins were transferred to PVDF membranes (162-0177, Biorad), 

and the membranes were blocked with 5% milk for 1 h (232100, Difco Skim Milk). p16 was 

detected using a rabbit monoclonal anti-p16 (Abcam; ab211542) diluted 1:2000 in PBS + 0.05% 

Tween 20 + 2.5% milk powder (overnight, 4 °C), followed by anti-rabbit peroxidase-labeled 

secondary antibody addition (Vector Laboratories) diluted 1:2000 in PBS + 0.05% Tween 20 + 

2.5% milk powder for 1 h. Then, the chemiluminescence signal was obtained by incubation with 

the enzyme-specific substrate (RPN2235, Amersham, ECL Select Western blotting detection 

reagent). Afterwards, the membrane was stripped by application of 10 mL of stripping buffer for 

20 min (ST010, Gene Bio-Application L.T.D., Kfar-Hanagid, Israel) and washed 5x 5 min with 

distilled water before a second identical blocking step with milk for the detection of Gapdh as 

housekeeping protein. A rabbit monoclonal anti-Gapdh antibody (Abcam; ab181602) was used, 

and the signal was generated with same secondary antibody and substrate mentioned above. 

VI. RNA Isolation, Reverse Transcription, and Quantitative PCR  

For baseline p16 expression both CD31 and CD146 ECs isolated from 4 mice (n=4) were passed 

to 6 wells plates and grown until confluent. While for p16 knockdown and overexpression 

condition, CD31 and CD146 ECs isolated from 6 mice (n=6) were passed to 6 wells plate, then 

transduced with lentivirus of the four conditions 1:1 in RPMI complete medium. Using the Trizol 

reagent (Thermo Scientific, Courtaboeuf, France), total RNA was isolated. First-strand cDNA 

synthesis was performed with 500 ng of total RNA using the Thermo Scientific Maxima First 

Strand cDNA Synthesis Kit (#K1672, Thermo Scientific, Courtaboeuf, France), which contains 

DNase I, RNase inhibitor, oligo (DT) and random hexamer primers. The cDNAs were diluted 10 

times in nuclease free water. Two microliters of the diluted reaction product were taken for real-

time RT-PCR amplification which was performed using a StepOne Plus thermocycler (Thermo 

Scientific) and the PowerUp SYBR® Green Master Mix (#A25742, Thermo Scientific) or 

EurobioGreen Mix (GAEMMX02H, Eurobio, Les Ulis, France). For each sample, expression of 

the housekeeping genes Gapdh, Rplp0, and β-actin was determined. Three independent 

housekeeping genes were used as expression for each gene might vary under different 

experimental conditions [596,597]. Expression for each sample was calculated by subtracting the 
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mean value of housekeeping gene Ct’s from the gene of interest Ct using the ΔCt method [597–

606]. Afterwards, relative gene expression values were obtained by normalization of each sample 

against the mean value of all samples at nc and E to determine differences between the organs and 

time points investigated. Primer sequences are in table below (Table 2). 

 Table 2. Primers used for quantitative RT-PCR 

Gene of interest Oligonucleotide sequences References 

p16ink4 
F: AGGGCCGTGTGCATGACGTG 

R: GCACCGGGCGGGAGAAGGTA 
[607] 

Cd31 
F: CTGCCAGTCCGAAA ATGGAAC 

R: CTTCATCCACCGGG GCTATC 
[608] 

Cd146 
F: CCCAAACTGGTGTG CGTCTT 

R: GGAAAATCAGTATCT GCCTCTCC 
[609] 

Tgf-b1 
F: AGCTGGTGAAACGGAAGC G 

R: GCGAGCCTTAGTTTGGACAGG 
 

Tgf-b2 
F: CCATCCCGCCCACTTTCTAC 

B: CATCAAAGCGGACGATTCTGA 
 

Tgf-b3 
F: GGACTTCGGCCACATCAAGAA 

B: TAGGGGACGTGGGTCATCAC 
 

Igf1 
F: GTGAGCCAAAGACA CACCCA 

B: ACCTCTGATTTTCC GAGTTGC 
 

Igf1R 
F: GTGGGGGCTCGTGTTTCT 

B: GATCTCCGTGCAGTTTTCCA 
 

Vegfa 
F: CTCACCAAAGCCAGCACATA 

R: AATGCTTTCTCCGCTCTGAA 
[606] 

Vegfb 
F: CTGTGAAGCCAGACAGGGTTG 

B: GATGGATGATGTCAGCTGGGG 
 

Vegfc 
F: ACCTCAGCAAGACGTTGTTTG 

B: AGTTTAGACATGCACCGGCA 
 

Vegfd 
F: GCCTGGGACAGAAGACCACT 

B: GCAGCAGCTCTCCAGACTTT 
 

VegfR1 
F: TACCTCACCGTGCAAGGAAC 

B: AAGGAGCCAAAAGAGGGTCG 
 

VegfR2 
F: AGTGGTACCAGCTAGAAG 

B: ACAAGCATACGGGCTTGTTT 
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VegfR3 
F: ACGCAGAGTGATGTGTGGTC 

B: ATGATGTGGCGTATGGCAGG 
 

Cdh5 
F: GCAGAGTCCATCGCAGAGT 

B: TCAGCCAGCATCTTGAACCT 
 

Angpt1 
F: AGCGCCGAAGTCCAGAAAAC 

B: TTGCCCATGTTGAATCCGGTT 
 

Angpt2 
F: CTCGAATACGATGACTCGGTG 

B: TCATTAGCCACTGAGTGTTGTTT 
 

Pdgfa 
F: GAGGAAGCCGAGATACCCC 

B: TGTGGATCTGACTTCGAGCCA 
 

PdgfRa 
F: GGAACCTCAGAGAGAATCGGC 

B: CATAGCTCCTGAGACCCGCTG 
 

Pdgfb 
F: TGCTGCACAGAGACTCCGTA 

B: GTGCTCGGGTCATGTTCAAGT 
 

PdgfRb 
F: CCAGCACCTTTGTTCTGACCT 

B: TGCCGTCCTGATTCATGGC 
 

VhL 
F: CAGCTACCGAGGTCATCTTTG 

B: CTGTCCATCGACATTGAGGGA 
 

Vwf 
F: TGTGACACATGTGAGGAGCC 

B: CTTTGCTGGCACACTTTCCC 
 

Il-6 
F: CACTTCACAAGTCGGAGGCT 

R: TGCCATTGCACAACTCTTTTCT 
[606] 

Il-8 
F: CAAGGCTGGTCCAT GCTCC 

B: TGCTATCACTTCCTT TCTGTTGC 
 

Il-10 
F: GCTCTTACTGACTG GCATGAG 

B: CGCAGCTCTAGGAG CATGTG 
 

Il-18 
F: CAAAGTGCCAGTGAACCCCA 

B: TTCACAGAGAGGGTCACAGC 
 

Inf 
F: ACCTGAGCAACCTA CCAAGAA 

B: TGGACATGGGGTTT TGGAATTTC 
 

Tnfα 
F: GTAGCCCACGTCGTAGCAAA 

B: ACAAGGTACAACCCATCGGC 
 

NF-κB 
F: ATGGCAGACGATGA TCCCTAC 

B: TGTTGACAGTGGTAT TTCTGGTG 
 

Stat1 
F: TCACAGTGGTTCGAGCTTCAG 

B: GCAAACGAGACATCATAGGCA 
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Stat2 
F: TCCTGCCAATGGACGTTCG 

B: GTCCCACTGGTTCAGTTGGT 
 

Ccl2 
F: AGCTGTAGTTTTTGTCACCAAGC 

B: GTGCTGAAGACCTTAGGGCA 
 

Ccl3 
F: TTCTCTGTACCATGA CACTCTGC 

B: CGTGGAATCTTCCG GCTGTAG 
 

Ccl5 
F: GCTGCTTTGCCTAC CTCTCC 

B:  TCGAGTGACAAACA CGACTGC 
 

Ccl9 
F:  CCCTCTCCTTCCTC ATTCTTACA 

B:  AGTCTTGAAAGCCC ATGTGAAA 
 

Ccl12 
F:  ATTTCCACACTTCTA TGCCTCCT 

B:  ATCCAGTATGGTCC TGAAGATCA 
 

Ccl20 
F:  ACTGTTGCCTCTCG TACATACA 

B:  GAGGAGGTTCACAG CCCTTTT 
 

Cxcl10 
F: CCAAGTGCTGCCGTCATTTTC 

B: GGCTCGCAGGGATGATTTCAA 
 

Mmp1 
F: GGCCAGAACTTCCCAACCAT 

B: AGCCCAGAATTTTCTCCCTCT 
 

Mmp2 
F: CAAGTTCCCCGGCGATGTC 

B: TTCTGGTCAAGGTCACCTGTC 
 

Mmp7 
F: CTGCCACTGTCCCAGGAAG 

B: GGGAGAGTTTTCCAGTCATGG 
 

Mmp8 
F: CCTGCAGGACTCCTTCTTCCT 

B: CCTCATAGGGTGCGTGCAA 
 

Mmp9 
F: CCATGCACTGGGCTTAGATCA 

B: GGCCTTGGGTCAGGCTTAGA 
[606] 

Mmp12 
F: GAGTCCAGCCACCAACATTAC 

B: GCGAAGTGGGTCAAAGACAG 
 

Timp1 
F: GCAACTCGGACCTGGTCATAA 

B: CGGCCCGTGATGAGAAACT 
 

Timp2 
F: TCAGAGCCAAAGCAGTGAGC 

B: GCCGTGTAGATAAACTCGATGTC 
 

Timp3 
F: CTTCTGCAACTCCGACATCGT 

B: GGGGCATCTTACTGAAGCCTC 
 

Timp4 
F: TGTGGCTGCCAAATCACCA 

B: TCATGCAGACATAGTGCTGGG 
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Caspase3 
F: ATGGAGAACAACAAAACCTCAGT 

B: TTGCTCCCATGTATGGTCTTTAC 
 

Caspase4 
F: ACAAACACCCTGACAAACCAC 

B: CACTGCGTTCAGCATTGTTAAA 
 

Caspase8 
F: CAACTTCCTAGACTGCAACCG 

B: TCCAACTCGCTCACTTCTTCT 
 

Caspase9 
F: GGCTGTTAAACCCCTAGACCA 

B: CTTTGCTGTGAGTCCCATTGG 
 

Bcl2 
F: ATGCCTTTGTGGAACTATATGGC 

B: GGTATGCACCCAGAGTGATGC 
 

Bax 
F: AGACAGGGGCCTTTTTGCTAC 

B: AATTCGCCGGAGACACTCG 
 

Bak 
F: GCCCTGTACGTCTACCAGC 

B: ATCAGCCAAAAAGCAGGTCAC 
 

V-cam1 
F: TATGTCAACGTTGCCCCCAA 

B: CAGGACTGCCCTCCTCTAGT 
 

I-cam1 
F: CACGTGCTGTATGGTCCTCG 

B: TAGGAGATGGGTTCCCCCAG 
 

E-selectin 
F: ATGCCTCGCGCTTTCTCTC 

B: GTAGTCCCGCTGACAGTATGC 
 

P-selectin 
F: CATCTGGTTCAGTGCTTTGATCT 

B: ACCCGTGAGTTATTCCATGAGT 
 

Mastl 
F: TCGGCAAGTGAGGAGAATGAA 

B: CACCACGGCTAATGGGCTT 
 

Mafk 
F: ATGACGACTAATCCCAAGCCC 

B:CGTAGCCTCTGTTCTTGAGTGT 
 

Telo 

F:CGGTTTGTTTGGGTTTGGGTTTGG

GTTTGGGTTTGGGTT 

B:GGCTTGCCTTACCCTTACCCTTAC

CCTTACCCTTACCCT 

 

Telo36B4 
F: ACTGGTCTAGGACCCGAGAAG 

B: TCAATGGTGCCTCTGGAGATT 

 

Gapdh 
F: AGGTCGGTGTGAACGGATTTG 

R: TGTAGACCATGTAGTTGAGGTCA 
[598,599,603,606] 

β-actin 
F: CTTCCTCCCTGGAGAAGAGC 

R: ATGCCACAGGATTCCATACC 
[598,599,603,606] 
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VII. BrdU incorporation assay 

Cell proliferation was assessed using a colorimetric BrdU cell proliferation kit according to the 

manufacturer’s instructions (Cat. no. 11647229001; Roche, Indianapolis, IN, USA). CD31 and 

CD146 ECs were seeded at 50x103/well in 12 well plates and transduced with lentivirus ratio 1:1 

in complete RPMI medium.  The transduced cells were labeled with BrdU for 3 to 4 h. The 

genomic DNA was fixed and denatured, followed by incubation with peroxidase-conjugated anti-

BrdU antibody for 90 min. A substrate for the conjugated peroxidase was then added and the 

reaction product was quantified by measuring the absorbance (performed and analyzed by Dr. K. 

and N. Wagner). 

VIII. Manual cell counting 

Manual cell counting was assessed using KOVA plastic slides 10 with grid (REF: 87144F - 

Pennsylvania, 17084 USA). Transduced cells were seeded in a concentration of 5x103 in 96 wells 

plate with 12 wells /condition (12 days counting). Counting was achieved according to the 

chamber’s instructions. Cells were washed twice with PBS then detached by 50µl trypsin and 

cellular clumps were resolved by pipetting inside the well. Afterwards, 6.6 µl of cells were filled 

inside each chamber by capillarity. Cells were counted at x100 magnification (performed and 

analyzed by Dr. K. and N. Wagner). 

IX. Cellular senescence assay 

Cellular senescence of ECs was assessed by the cellular senescence assay kit from (Sigma Aldrich 

– KAA002). CD31 and CD146 ECs were seeded at 50x103/well in 12 well plates and transduced 

with lentivirus ratio 1:1 in complete RPMI medium for 1 week. Medium was aspirated and cells 

were washed once with 2ml 1X PBS. 1ml/well of fixing solution was added and cell were 

incubated at room temperature for 15 mins. The fixing solution was removed, and the cells were 

washed again twice with 1X PBS. 1ml of freshly prepared 1X SA-β-gal detection solution was 

added. Then cells were incubated at 37°C in dark for minimum 4 hours. SA-β-gal detection 

Rplp0 
F: CACTGGTCTAGGACCCGAGAAG 

R: GGTGCCTCTGGAGATTTTCG 
[598,599,603,606] 
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solution was removed, stained cells were washed twice with PBS and then counted under light 

microscopy (performed and analyzed by Dr. K. and N. Wagner).  

X. Telomeres Shortening 

Telomere shortening was assessed in transduced cells isolated from 3 mice (n=3). CD31 and 

CD146 ECs were seeded at 100x103/well in 6 well plates and transduced with lentivirus (nc, sh, E 

and OE) ratio 1:1 in complete RPMI medium and kept growing for 1 week. Afterwards, cells were 

trypsinised, a part was taken for DNA extraction, while the other part was kept growing for another 

week. DNA was extracted from the cells using DNeasy Blood & tissue Kit (QIAGEN, Germany – 

Cat. No. 69506) according to manufacturer’s instructions. Telomere length was measured by qPCR 

using oligos listed in Table 2 (Telo and Telo36B4) and 10 ng of DNA. The mean CT value obtained 

from Telo amplification, refers to the abundance of telomeres in the input genome,  was normalized 

to the amplification mean CT value obtained from a single copy gene (Telo36B4). The ratio of 

CTTelo/CTTelo36B4 represent the average length of telomere [610]. 

XI. Migration: Scratch assay 

One week after transduction of ECs in 12 wells plates, scratch migration assays were performed. 

Straight and gentle scratches to the cellular monolayer was done using a sterile 200µl pipette tip. 

Detached cells were washed with serum free medium and cell were fed back with RPMI medium.  

Images were captured after 0, 3, 6, 9, 12, and 24. Scratch diameters were measured by Image J.  

XII. Migration: Trans-well assay 

Alternatively, transduced ECs were seeded in the upper compartment of a modified Boyden 

chamber (5x104 cells/chamber, pore size 8µm, Corning Costar, SchipholRijk, Netherlands). After 

24h, cells remaining in the upper chamber were scraped off and the migrated cells at the bottom 

side fixed with PFA, followed by staining with DAPI. Quantification was done by counting five 

random fields of eight independent experiments (performed and analyzed by Dr. K. and N. 

Wagner). 
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XIII. Apoptosis Assay 

One week after transduction of ECs in 6 well plates, apoptosis of the cells was assessed using 

Annexin V-FITC Apoptosis Detection Kit from (Sigma Aldrich – APOAF) according to 

manufacturer’s instructions. Briefly cells were scraped off in 1X PBS using a scraper then 

centrifuged at 4°C, 15000 rpm, 5 mins. Afterwards cells were resuspended in 100 µl 1X biding 

buffer then moved to a glass apoptosis tube. 2.5 µl Annexin V and 5µl of propidium iodide (PI) 

were added to each sample followed by FACS analysis using Cytoflex machine from (Beckman 

Coulter Life Sciences – United States). 

XIV. Statistical Analysis  

Data are expressed as means ± standard error of the mean (S.E.M.). Statistical differences were 

assessed by analysis of variance (ANOVA) followed by the Bonferroni post-hoc test (Graph Pad 

Instat, GraphPad Software, Inc., San Diego, CA, USA). A p-value < 0.05 was considered to reflect 

statistical significance. 
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I. P16 expression in CD31+ and CD146+ cells 

There are two different types of ECs in the liver, which are vascular ECs that have predominantly 

a CD31 surface marker, and the LSECs which are CD146-positive (in mice). To verify that both 

cells are similar in terms of p16 expression, both types of cell were magnetically sorted, from 2 

different animals (3months old), using anti-CD31 and anti-CD146 monoclonal antibodies, grown 

in a cell culture, then lysed for RNA and protein extraction and quantification by RT-qPCR and 

western blot respectively. Our results show that both types of ECs have similar level of p16 RNA 

(Figure 26A) and protein expression (Figure 26B). 

  

Figure 26. Both CD31 and CD146 cells have same expression of p16 at the RNA and protein level. (A) 

p16 mRNA relative expression in CD31 cell (black bar) and CD146 (white bar) endothelial cells 

normalized to the expression level of Gapdh, β-actin, and Rplp0. (B) Western Blot for p16 in CD31 and 

CD146 liver endothelial cells of 3 months old mice liver. Gapdh served as standard. 

A B 
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II. P16 silencing and overexpression 

For p16 silencing, cells were treated with different shRNAs (sh15, sh16, and ALL) and for 3 

different transduction periods (1 week-7days, 2 weeks-14days, then 4 days) as explained in the 

materials and methods. Afterwards, p16 silencing was verified at the protein level by western blot 

with Gapdh used as a standard. First, among the different shRNAs used, sh16 was the most 

efficient for silencing p16 in 1 week and 2 weeks exposure period in both CD31 and CD146 cells 

(Figure 27A). Afterwards, to verify if we could reach the same efficiency of knockdown in a 

shorter period, we transduced the cell with the virus for 4 days with sh16 only. The results have 

shown that 4 days were not enough to reach the same efficiency obtained with 1 week transduction 

(Figure 27B). Therefore, p16 silencing (sh) was optimized for 1 week transduction with sh16 in 

both cell types for the rest of the experiments and non-coding shRNA (nc) served as control for 

p16 silenced cells. 

P16 overexpression (OE) was achieved by transduction of the cells by p16cDNA-GFP vector. Then 

p16 overexpression and silencing were verified by RT-qPCR and western blot at the RNA and 

protein level and compared to the (nc) and Empty-GFP (E) vector transduced cells as a control for 

silencing and overexpression respectively. RT-qPCR results have shown significant down 

regulation of p16 in sh transduced cells compared to nc in both cell types, while a significant 

upregulation of p16 expression was observed in OE condition compared to E (Figure 27C). at the 

protein level, we observed  p16 overexpression (OE) as a single band at the 16 KD as in E, in 

addition to a strong band obtained at 43 kD, due to the fusion of p16 with the GFP (16+27). While 

the silencing was obtained as a slight band compared to nc transduced cells in both cell types, all 

normalized to α-tubulin expression (Figure 27D)  
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Figure 27. Optimization of p16 silencing and overexpression in CD31 and CD146 cells. (A) Western blot result 

of p16 expression after transduction of the CD31 and CD146 cells by different shRNAs  for 1 week and 2 weeks. 

nc transduced cells served as control and Gapdh as standard for p16 expression. (B) Western blot results of 

p16 expression after transduction of the CD31 and CD146 cells with sh16 and nc as a control for 4 days. (C) 

Quantitative RT-PCR of CD31 and CD146 cells p16 expression after transduction with nc, sh16 (sh), E (control 

of OE) and OE (overexpression vector) for 1 week. Expression of p16 was normalized to the respective Gapdh, 

actin, and Rplp0 expression. Data are mean ± SEM. ***p < 0.001, ** p < 0.01, * p < 0.05. (D) ) Western blot of 

p16 expression after transduction of the CD31 and CD146 cells with the four different conditions nc, sh, E (all 

band at 16 kDa) and OE (1 band at 16kDa for p16 and 1 band at 43kDa for p16-GFp fusion) Data provided 

from N. Wagner. P16 expression was normalized to α-tubulin expression (50kDa). 

A B 

C 

D 
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III. P16 and Liver Endothelial Cell Proliferation 

Effects of p16 silencing and overexpression on CD31 and CD146 endothelial cell proliferation 

was assessed by daily manual cell counting (for 12 day) and BrdU incorporation assay. In manual 

cell counting, no change in the cell numbers was obtained in sh compared to nc, neither in p16 OE 

compared to empty vector (E) transduced both cell types, in the first week. However significantly 

higher cell numbers were obtained starting at day 7 (time needed for p16 knockdown and 

overexpression) then days 8, 9, 12 and 14 in sh compared to nc and in E compared to OE in CD31 

(Figure 28A). Similarly, in CD146 cells, significantly higher cell counts were obtained at days 7, 

8, 9, and 12 in sh compared to nc, while at days 7, 9, 12, and 14 in E compared to OE (Figure 

28C). 

BrdU incorporation assay demonstrated significantly higher proliferation, measured by the relative 

absorbance at 450nm of BrdU incorporation, in sh compared to nc control, and lower proliferation 

in OE compared to E control in both CD31 and CD146 cell (Figure 28B & 28D). Therefore, p16 

knockdown was associated with higher proliferation while p16 overexpression was associated with 

lower proliferation. 
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A 

B 

C 

D 

Figure 28. p16 knockdown was associated with higher proliferation while p16 

overexpression was associated with lower proliferation. (A & C) Cell counts plots 

as function of time in days, starting at day 0 with 5x103 cells in (A) CD31 and (C) 

CD146 , on the left sh (whit dotted line) versus nc (black dotted line), on the right 

OE (white dotted curve) versus E (black dotted curve). (B & D) BrdU 

incorporation assay result, relative BrdU incorporation absorbance at 450nm of 

(B) CD31 and (D) and CD146, on the left nc (black bar) vs sh (white bar), on the 

right E (black bar) vs OE (white bar). . Data are mean ± SEM. *** p < 0.001, 

** p < 0.01, * p < 0.05. Data provided by  K. and N.Wagner 
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IV. P16 and Liver Endothelial Cells Senescence 

As p16 is known to be a senescence marker, we wanted to know the effect of p16 silencing and 

overexpression on CD31 and CD146 senescence, and this was assessed by β-gal staining. P16 

knockdown was correlated with lower number of β-gal-stained cells compared to their nc controls 

in CD31 and CD146 cells. The amount of stained cell was lower by almost 2 folds in both cell 

types (Figure 29A and 29C). However, p16 upregulation led to increased number of β-gal-stained 

cells by approximately 2 folds compare to empty vector (E) transduced cells in both cell types 

(Figure 29B and 29D). Quantitative assessment by RT-qPCR, of selected SASPs, such as Mmp9, 

Tgfβ1, Il-6 and Vegfa, did not show any change among p16 silencing or overexpression neither 

correlated with p16 overexpression-induced senescence, except for Il-6 which was significantly 

upregulated with p16 silencing (sh) compared to nc transduced cells, in both cell types. Taken 

together, p16 overexpression induced senescence in CD31 and CD146 cells as indicated by β-gal 

staining, while lower senescence was obtained upon its silencing. This, however, did not 

correspond to the expression of selected SASP markers. 

Moreover, given the variation in telomere length, within the same species, several studies 

suggested that the rate of telomere shortening rather than the telomere length is a more reliable 

variable for assessing telomeres shortening [611–614]. Therefore, we have measured the  length 

of telomeres in CD31 and CD146 by qPCR (as described in materials and methods) at 1 week and 

2 weeks after p16 silencing and overexpression besides the expression level of mouse telomerase 

catalytic subunits (mtert and mterc). The results obtained were subtracted from each other (at 1 

week – 2 weeks) to obtain the rate of telomere shortening difference in 1 week time span. Our 

result has revealed a higher rate of telomere shortening in p16 overexpressed compared to E control 

cell while no difference in sh compared to nc was observed, however this result was not significant. 

Moreover, the catalytic subunits expression level was not affected by p16 expression. 
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Figure 29. CD31 and CD146 cells senescence as function of p16 expression. (A & C) CD31 

and CD146 sh versus nc. On the left images obtained under light microscope with their 

respective cell counts on the right. nc (black bar) and sh (white bar). (B & D) ) CD31 and 

CD146 OE versus E. On the left images obtained under light microscope with their respective 

cell counts on the right. E (black bar) and OE (white bar). Data are mean ± SEM. *** p < 

0.001, ** p < 0.01, * p < 0.05.  Data provided by K. and N.Wagner 

A 

B 

C 

D 



151 | P a g e  
 

V. P16 and Liver Endothelial Cells Migration 

The effect of p16 knockdown and overexpression on liver CD31 and CD146 ECs migration was 

assessed by scratch assay and trans-well migration assay. Initial scratches were made and 

normalized for average of approximately 570 µm, at time 0 in both CD31 and CD146 cells. Then 

the distance was measured every 3 hour at t 3, 6, 9, 12 and finally at t 24h. for both cell types no 

difference was observed in cellular migration between p16 knocked-down cells and their control 

(nc), we obtained full closure of the scar after 24 hrs. Nevertheless, no difference of the measured 

distance was observed at each time point. However, significantly attenuated migration was 

observed with p16 upregulation in both CD146 and CD31 at each time of scar measurement in OE 

cell compared to E control cell. In addition, full closure of the scar was obtained in E transduced 

cell while a scar distance of more than 200 µm remained after 24h in p16 induced cell (Figure 30 

and 31). 

On the contrary to scratch assay, trans-well migration assay has shown ameliorated migration with 

higher number of cells passed through the trans-well in sh transduced cells compared to nc in 

CD31 and CD146 cells. However, the difference in the number of migrated cells was slightly 

higher with low significance in CD31 and insignificant in CD146. While p16 overexpression in 

both cell types was correlated with significantly diminished migration, measured by 4 folds for 

CD31 and 5 folds for CD146, lower cell numbers passing down the trans-well in OE compared to  

E control  (Figure 32). All these results show, that p16 increased expression has an anti-migratory 

effect on liver ECs. while its downregulation might slightly improve liver ECs migration.  
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Figure 30. p16 silencing had no effect on CD31 migration however p16 overexpression attenuated their 

migration. (A) plot of the scar size in µm as function of time in CD31 cells. the left plot is for sh (white 

dotted curve) versus nc (black dotted curve). The right plot is for OE (white dotted curve) versus E (black 

dotted curve). The distance between the edges of the scratch was measure using ImageJ software. (B) 

image of the scratches  at time 0, 6, 12, and 24 hours of the four different conditions nc, sh, E, and OE 

showing the gradual closure of the scratch with time. Images were captured at 10x magnification with 

phase contrast mode. Data are mean ± SEM. *** p < 0.001, ** p < 0.01, * p < 0.05. 
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Figure 31. p16 silencing had no effect on CD31 scratch migration however p16 overexpression attenuated their 

migration. (A) plot of the scar size in µm as function of time in CD146 cells. the left plot is for sh (white dotted 

curve) versus nc (black dotted curve). The right plot is for OE (white dotted curve) versus E (black dotted 

curve). The distance between the edges of the scratch was measure using ImageJ software. (B) image of the 

scratches  at time 0, 6, 12, and 24 hours of the four different conditions nc, sh, E, and OE showing the gradual 

closure of the scratch with time. Images were captured at 10x magnification with phase contrast mode. Data 

are mean ± SEM. *** p < 0.001, ** p < 0.01, * p < 0.05. 
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Figure 32. CD31 and CD146 cells migration is inhibited upon p16 upregulation, while their migration is 

slightly ameliorated when p16 is silence. (A) CD31 transwell migration assay results, upper images with 

their respective cellular counting represent nc control cells (black bar) vs sh p16 silenced cells (white 

bar). Lower images with their respective cellular counting represent E control cells (black bar) vs OE 

p16 overexpressed cells (white bar). (B) CD1461 transwell migration assay results, upper images with 

their respective cellular counting represent nc control cells (black bar) vs sh p16 silenced cells (white 

bar). Lower images with their respective cellular counting represent E control cells (black bar) vs OE 

p16 overexpressed cells (white bar). Data are mean ± SEM. *** p < 0.001, ** p < 0.01, * p < 0.05. Data 

provided by K. and N.Wagner  
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VI. P16 and Liver Endothelial Cells Apoptosis 

The implication of p16 in CD31 and CD146 endothelial cell apoptosis was assessed by Annexin 

V/PI double labeling followed by FACS analysis and quantification of Annexin V single labeled 

population (green-early apoptosis). the result demonstrated that p16 silencing (sh) was correlated 

with lower percentage of apoptotic cells, ~2% for CD31 and ~3% for CD146  compared to the nc 

transduced control cells, ~3.5 for CD31 and ~5% for CD146. Whereas p16 overexpression (OE) 

was correlated with higher percentage of apoptotic cells, ~11% for CD31 and ~8% for CD146,  

compared to E transduced control cells ~5% for both CD31 and CD146 cells (Figure 33). 

However, the results obtained have shown only a tendency of p16 overexpression to induce 

apoptosis, or p16 silencing to inhibit apoptosis in both cell types, while the difference between sh 

and nc and between OE and E was not significant.  
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Figure 33. p16 silencing has a tendency to inhibit apoptosis, whereas p16 over expression has the tendency to 

induce apoptosis in CD31 and CD146 cells. (A) Flow cytometry results in 2D dot plot diagram. Green 

population labeled with FITC-A  only where only considered to assess p16 role implication in early apoptosis. 

(B) cellular quantification of the green population in percentage of the total cell. nc (red), sh (blue), E (yellow), 

OE (Green). 
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VII. P16 Potential Anti-inflammatory Role 

Given that Il-6 plays a crucial role as a major inflammatory cytokine and a key immune response 

regulator during infections and injuries [615], and based on the significant upregulation of Il-6 

obtained in CD31 and CD146 cells upon p16 silencing during SASPs assessment, we aimed to 

investigate whether silencing and overexpressing p16 could impact the mRNA expression of other 

inflammatory cytokines in CD31 and CD146 cells. For this purpose, we selected a panel of 

inflammatory cytokines (listed in Table 2) based on their established roles in inflammation from 

the existing literature. We conducted quantitative RT-qPCR analysis, comparing their mRNA 

expression outcomes in p16-silenced cells (sh) relative to their expression in nc control cells, as 

well in p16 overexpressing cells (OE) relative to control cells (E) 

Showing only the genes with significant variations, our findings revealed several other 

inflammatory cytokines and chemokine that were significantly upregulated beside Il-6 when p16 

was silenced. Among them, caspase-4, Ccl2, Ccl3, Ccl5, Ccl9, Ccl12, Cxcl10, Stat1 and Stat2 were 

upregulated in sh condition of CD31 cell relative to their expression in nc CD31 cells (Figure 

34A). Similarly, in CD146 cells, except for Ccl3, Ccl9 and Ccl12 which didn’t show significant 

variation in sh CD146 cells relative to theirs in nc CD146 cells (Figure 34B). On the other hand, 

p16 over expression (OE) only induced Ccl5 and Stat2 significant downregulation in OE CD31 

and OE CD146 cells respectively, relative to their expression in E control cells (Figure 34A and 

B, OE vs. E).  
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Figure 34. Quantitative RT-PCR analysis of mRNA expression of inflammatory cytokine and chemokine of CD31 and 

CD146 cell upon p16 silencing (sh) and overexpression (OE). (A) Relative mRNA expression of the assessed 

inflammatory cytokines in CD31 cells on the left mRNA expression in sh relative nc, on the right mRNA expression in 

OE relative E. (B) Relative mRNA expression of the assessed inflammatory cytokines in CD146 cell. on the left mRNA 

expression in sh relative nc, on the right mRNA expression in OE relative E. Data are mean ± SEM. *** p < 0.001, 

** p < 0.01, * p < 0.05. 
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I. Discussion 

The results obtained from our study have demonstrated a dynamic and distinct pattern of 

expression for the p16 gene during various stages of embryonic and postnatal development, as well 

as in adult and aging mice, specifically in the brain, heart, kidneys, and liver. Notably, p16 

expression exhibited significant fluctuations within each organ during embryonic development, 

occurring rapidly over the span of a few days. Conversely, the genes p19 and p21 did not exhibit 

such dramatic changes in expression levels. For the purposes of our investigation, we chose to 

focus on the brain, heart, kidney, and liver due to their development during the selected embryonic 

time points and their relative ease of isolation [364,616–618]. However, we acknowledge that p16, 

p19, and p21 might also be expressed in various other developing organs. For instance, previous 

studies have reported the presence of p21 expression during embryonic development in tissues like 

muscle, nasal epithelium, tongue muscles, hair follicles, epidermis, and cartilage, which was linked 

to growth arrest and senescence [156,428,619]. Additionally, p19 expression has been observed in 

the developing nervous system. In contrast, p16 had not been previously detected during 

embryonic development, although the possibility of low-level or restricted expression was not 

excluded [388,389]. Our study employed sensitive techniques such as quantitative RT-PCR and 

antibody staining [599,601–604,606], leading to the identification of relatively high p16 

expression during development and particularly in advanced stages of aging. 

The upregulation of p16, p19, and p21 is widely recognized as an indicator of aging and senescence 

[20,49,179,620]. In human tissue samples, p16 was found in various organs including the 

endocrine and exocrine pancreas, skin, kidneys, liver, intestine, spleen, brain, and lung [621]. Its 

expression increased in most investigated organs with advancing age. Our research on mice 

revealed a substantial increase in p16 expression across all the organs studied between 3 and 16 

months of age. Comparatively, the increase in p19 and p21 expression was less pronounced in old 

mice when contrasted with adult mice, aligning with earlier reports in both mice and humans. 

Notably, we did not observe any organ-specific differences in p16 expression at 16 months of age, 

which contradicted a recent study by Yousefzadeh et al. [622]. This discrepancy could potentially 

be attributed to the age disparity among the animals used in their study, where they compared mice 

aged 15 to 19 weeks with those aged 120 weeks. Additionally, a study analyzing p16 protein 

expression in human tissues of young, middle-aged, and old donors confirmed a significant 
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increase in p16 in the liver, kidneys, and brain of older subjects. However, unlike our findings, 

they did not detect any p16 expression across all age groups in the heart [621]. 

The understanding of p16, p19, and p21 expression and their roles during embryonic development 

is complex and often contentious within the existing literature. While p21's role in embryonic 

senescence has been extensively examined, the presence of p16 and p19 during this phase has been 

inconsistent in earlier studies [388,619]. Senescence have been identified through SA-β-

galactosidase staining during embryonic development, with p21 playing a significant role. 

Interestingly, the absence of p21 was compensated by apoptosis, but still resulted in minor 

developmental irregularities [156,159]. Despite the focus on p21, previous research has indicated 

that p16 loss can lead to developmental defects in the eye and that p16 and p19 inactivation can 

induce cardiomyocyte proliferation [406,410]. Which explains that p16 expression found in our 

study is crucial for lower proliferation and differentiation which are essential requirements for 

myocardial compaction [623,624]. During rat embryonic and early postnatal stages, there was an 

observed co-localization of p16 expression with p53 in the ventricular and subventricular zones 

[390]. In mouse embryos, noticeable levels of p16  were also identified in the olfactory epithelium 

as well as in motoneurons [391,625]. Additionally, p16 expression was detected in hematopoietic 

progenitor cells originating from the bone marrow of adult mice [392]. Elevated levels of p16 

expression in mice were observed in the endometrium between days 2 and 5 of pregnancy [396]. 

Furthermore, during mouse embryonic development, p16 expression was identified in the gut, 

specifically within intestinal stem cells and the progenitor compartment [398]. 

The notion of senescence as an irreversible form of cell cycle arrest resulting in cell death has been 

challenged by recent findings indicating that cancer cells can escape senescence-induced cell cycle 

arrest and gain aggressive growth potential [22,626]. Intriguingly, embryonic senescent cells have 

been shown to re-enter the cell cycle and participate in tissue development [627]. Our study has 

revealed variations in p16 expression, particularly through the immunohistochemical localization 

of p16 protein, during the developmental process. The expression of p16 during development may 

reflect its function in slowing down cell cycle progression, a crucial process for cell differentiation. 

While knockout mice lacking p16/p19 and specifically p16 are susceptible to tumor development 

[407,628], potential developmental abnormalities have not been extensively explored due to the 

viability and fertility of these mice. Consequently, further investigations are necessary to reassess 



162 | P a g e  
 

potential developmental defects in mice with p16 inactivation or elimination of p16-expressing 

cells. 

Furthermore, a significant finding was the higher expression of p16 in liver ECs compared to non-

ECs, particularly in old animals, which aligns with previous study, that indicate p16-high cells are 

predominantly liver ECs and are enriched with aging [210]. This distinct increased p16 expression 

in liver ECs suggests a potentially selective role of in liver endothelial physiology, which could 

have implications for understanding the aging mechanism in the liver. Regarding postnatal livers, 

p16 has been extensively studied, revealing its protective effects in non-alcoholic steatohepatitis 

and liver fibrosis by regulating reactive oxygen species (ROS) and oxidative stress [338,629]. The 

specific removal of liver ECs expressing high levels of p16 led to fibrosis and liver deterioration, 

highlighting their role in maintaining liver physiology [210]. However, detailed studies utilizing 

conditional cell type-specific knockout strategies will be imperative to elucidate the specific 

functions of p16 in liver ECs.  

Therefore, to probe the functional consequences of p16 expression in liver ECs, experimental 

manipulation of p16 expression levels in liver ECs, CD31 and CD146, was undertaken via viral 

transduction. P16 knockdown and overexpression would allow for a precise investigation into the 

consequences of both p16 loss-of-function and gain-of-function in the physiology of ECs. 

The results obtained from this study have demonstrated that p16 has a significant effect on the 

proliferation, senescence, migration, and apoptosis of both types of liver ECs, the CD31 and 

CD146. P16 overexpression diminished liver ECs proliferation, whereas p16 silencing was 

associated with ameliorated proliferation. In addition to that, p16 overexpression in liver ECs 

induced demonstrated higher β-gal staining and consequently more senescent cells in culture 

compared to control cell. Reversely, p16 silencing decreased the number of stained cells compared 

to their control cells. In addition to that, p16 overexpression has attenuated CD31 and CD146 cells 

migration in scratch assay and transwell assays, while silencing didn’t have an effect on migration. 

Finally, the upregulation of p16 has shown a tendency to induce apoptosis in CD31 and CD146 

liver ECs, while p16 repression led to a lower percentage of apoptotic cells. 

The attenuated proliferation and increased senescence observed upon p16 overexpression, 

emphasizes the role of p16 as a cell cycle regulator, and therefore its upregulation would certainly 

induce the cell cycle arrest and causes senescence [172,182,190].  This result aligns with several 

previous results in the context of p16 and ECs senescence. For instance, investigations in bovine 
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capillary ECs [630] and HUVECs [631] revealed elevated expressions of both p21 and p16, 

accompanied by predominantly hypo-phosphorylated RB. In contrast, one of these studies 

demonstrated that ectopic expression of hTERT suppressed p21 and p16 expression while 

maintaining RB in a hyperphosphorylated state. Consequently, this allowed cells to bypass 

senescence, despite ongoing telomere shortening [630]. Concurring with these findings, Tang et 

al. (2002) [632] demonstrated that the helix-loop-helix protein Id-1 delayed the onset of replicative 

senescence in human ECs by repressing p16 expression. This effect may be mediated by Id-1's 

ability to downregulate the p16 trans-activator Ets1, as observed in fibroblasts [81]. Additionally, 

in human aortic ECs, both p21 and p16 were upregulated when senescence was induced by 

introducing a dominant negative mutant of TRF-2 [633]. Collectively, these findings suggest that 

in ECs, both the p53/p21 and p16 pathways contribute to the senescence response triggered by 

telomere integrity loss. In addition, although the expression of p16 increases in cell culture 

compared to in vivo,  its overexpression further inhibited the cellular proliferation and induced 

senescence. This implies that the expression of p16 is not inhibited by negative feedback loop of 

hypophosphorylated pRB as suggested in previous reports [194].  

Migration is a key process in tissue homeostasis, repair and angiogenesis [634]. The 

overexpression of p16 diminished the migratory capacity of both CD31 and CD146 liver ECs, as 

evidenced by scratch and transwell assays. This implies that p16 might play a role in modulating 

cell motility, potentially affecting tissue repair mechanisms during aging [209,406,515]. This result 

also agrees with a previous study that showed anti-migratory and antiangiogenic effect of p16 on 

ECs [635]. However, another study showed that p16 repression was associated with attenuated 

migration and angiogenic capacity in human ECs [636]. 

Nevertheless, apoptosis was also influenced by p16 expression levels, however, with no significant 

differences observed. Upregulation of p16 exhibited a tendency to induce apoptosis in both CD31 

and CD146 liver ECs. Conversely, p16 silencing was linked to a lower percentage of apoptotic 

cells. This highlights the intricate involvement of p16 in regulating cell survival achieved by 

cellular senescence and apoptosis in liver ECs, although it has been long time believed that 

senescent cells are resistant to apoptosis [637]. On the contrary, senescence-associated apoptosis 

was observed in human ECs [631]. Another study has shown that increased expression of p16 has 

the capability to maintain the Retinoblastoma protein (pRb) in a growth-inhibitory state with 

reduced phosphorylation. This effect is achieved by its capacity to dampen the activity of cyclin-
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dependent kinases 4 and 6 (CDK4/6). Meanwhile, heightened levels of p14 protein can interact 

with and sequester MDM2, preventing the MDM2-mediated degradation of p53. Consequently, 

this leads to the activation of several genes, with p21 being among them. The activation of p21 

orchestrates the arrest of cell growth and triggers cellular senescence. Furthermore, the activation 

of the p53/p21 pathway can initiate a controlled program of apoptosis in HUVECs. Moreover, it's 

worth noting that the activation or functional integrity of p53 plays a facilitating role in allowing 

the regulation of the p16/Rb senescent pathway [638]. 

The upregulated expression of inflammatory cytokine upon p16 silencing in CD31 and CD146 

cells provide an intricate insight into the role of p16 in modulating inflammatory response. Il-6, a 

well-established major inflammatory cytokine, was significantly upregulated upon p16 silencing, 

aligning with its recognized role as a key regulator in immune responses [615]. This observation 

underscores the complexity of p16's involvement in immune processes and prompted us to explore 

its broader impact on other inflammatory cytokines. Our findings unveiled a significant 

upregulation of several other inflammatory cytokines and chemokines when p16 was silenced in 

liver ECs. This suggests that p16 could act as a pivotal regulator not only for Il-6 but also for a 

broader range of immune-related factors. On the contrary, p16 overexpression in (OE) CD31 and 

CD146 didn’t inverse the expression outcome of most of these cytokines. Several reports 

mentioned p16 interference in inflammation, however their results have shown a pro-inflammatory 

function of p16 [639–642]. However our results provide an opposing scenario showing an anti-

inflammatory role of p16 to add another beneficial function to the previously reported ones 

[169,210]. 

Aging in LSECs is characterized by pseudocapillarization, involving thickening of the sinusoidal 

endothelium, reduced LSEC porosity, increased basal lamina and collagen deposition in Disse's 

space, and von Willebrand factor expression in aged LSECs. This phenomenon, known as age-

related pseudocapillarization, is distinct from capillarization seen in liver diseases. Reduced LSEC 

porosity is linked to conditions like postprandial hypertriglyceridemia, a risk factor for 

atherosclerosis. Additionally, aging leads to a decline in LSECs' endocytic capacity, affecting 

substance uptake, especially evident during elevated blood levels of waste macromolecules. 

Factors contributing to LSEC aging include exposure to gut-derived toxins, nicotine, and oxidants, 

which can induce LSEC defenestration [573,574,576,578,580,590]. In addition, before this study, 

previous research had demonstrated that elevating p16Ink4a expression in human umbilical vein 
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and microvascular ECs (ECs) led to decreased proliferation, impaired migration, and disrupted 

vessel formation in vitro [635]. The findings reported in this context indicated how p16Ink4a 

overexpression induced senescence in ECs, resulting in their impaired function. Similar outcomes 

were reported by other researchers, who also highlighted the correlation between high levels of 

endogenous p16Ink4a and dysfunctional ECs in cases of stress-induced or replicative senescence 

[631,633,643,644]. 

II. Conclusion and Future Perspectives 

This study delved into the functional significance of p16 expression in liver ECs, shedding light 

on its impact on various aspects of cell behavior. P16 differential expression in liver ECs compared 

to non-ECs, in aging, underscores its potential role in age-related processes within the liver. 

Through experimental interferences in p16 expression, the study revealed its effects on cell 

proliferation, senescence, migration, and apoptosis, providing a more comprehensive 

understanding of its role in endothelial cell physiology, mechanism of ECs dysfunction and general 

liver aging. This knowledge not only contributes to our understanding of liver aging but also 

potentially paves the way for targeted interventions to modulate the effects of p16 in age-related 

liver conditions. 

However, this study marks just the beginning of unraveling the complexities of p16-induced EC 

dysfunction and its contributions to liver aging. To provide a more comprehensive understanding, 

further investigations are warranted. For instance, exploring additional physiological processes 

like tube formation, which gauges ECs' angiogenic capacity under p16 overexpression, could offer 

more insights. Given that oxidative stress is a hallmark of senescence and aging, assessing ROS 

levels in p16-silenced or p16-overexpressing cells could provide a clearer picture. Moreover, 

considering that liver EC dysfunction is associated with defenestration, evaluating the permeability 

of liver endothelial cell monolayers would be valuable. Moreover, RNA seq of the different 

condition (sh vs nc) and (OE vs E) would reveal several other differentially expressed genes that 

contribute beside p16 in liver ECs aging mechanism. Moreover, further investigation into the 

specific mechanisms through which p16 influences these cytokines could provide valuable insights 

into immune regulation and potential therapeutic avenues. Therefore, a deeper comprehension of 

the intricate mechanisms through which p16 induces liver EC dysfunction and contributes to liver 

aging could potentially promising for p16 targeted anti-aging therapies (Figure 35). 
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Figure 35. Conclusive schematic summary of key findings from the study investigating p16 expression during 

embryonic development and in liver endothelial cells, specifically focusing on CD31 and CD146. The 

observed correlation between p16 expression and embryonic development, along with its association with 

liver endothelial cells marked by CD31 and CD146, hints at potential implications of p16 in both embryonic 

development and liver aging. These insights pave the way for future investigations into the role of p16 in 

these processes, promising valuable perspectives for understanding embryonic development and liver aging 

dynamics. 



167 | P a g e  
 

 

  



168 | P a g e  
 

1. Kirkwood, T.B.L., and Austad, S.N. (2000). Why do we age? Nature 408, 233–238. 10.1038/35041682. 

2. López-Otín, C., Blasco, M.A., Partridge, L., Serrano, M., and Kroemer, G. (2013). The Hallmarks of Aging. Cell 153, 1194–

1217. 10.1016/j.cell.2013.05.039. 

3. Campisi, J. (2013). Aging, Cellular Senescence, and Cancer. Annu Rev Physiol 75, 685–705. 10.1146/annurev-physiol-

030212-183653. 

4. Deelen, J., Beekman, M., Capri, M., Franceschi, C., and Slagboom, P.E. (2013). Identifying the genomic determinants of 

aging and longevity in human population studies: Progress and challenges. Bioessays 35, 386–396. 10.1002/bies.201200148. 

5. Franceschi, C., and Campisi, J. (2014). Chronic inflammation (inflammaging) and its potential contribution to age-

associated diseases. J Gerontol A Biol Sci Med Sci 69 Suppl 1, S4-9. 10.1093/gerona/glu057. 

6. Kennedy, B.K., Berger, S.L., Brunet, A., Campisi, J., Cuervo, A.M., Epel, E.S., Franceschi, C., Lithgow, G.J., Morimoto, R.I., 

Pessin, J.E., et al. (2014). Aging: a common driver of chronic diseases and a target for novel interventions. Cell 159, 709–713. 

10.1016/j.cell.2014.10.039. 

7. Rose, M., and Charlesworth, B. (1980). A test of evolutionary theories of senescence. Nature 287, 141–142. 

10.1038/287141a0. 

8. Hou, Y., Dan, X., Babbar, M., Wei, Y., Hasselbalch, S.G., Croteau, D.L., and Bohr, V.A. (2019). Ageing as a risk factor for 

neurodegenerative disease. Nat Rev Neurol 15, 565–581. 10.1038/s41582-019-0244-7. 

9. North, B.J., and Sinclair, D.A. (2012). The intersection between aging and cardiovascular disease. Circ Res 110, 1097–

1108. 10.1161/CIRCRESAHA.111.246876. 

10. Ramly, E., Kaafarani, H.M.A., and Velmahos, G.C. (2015). The effect of aging on pulmonary function: implications for 

monitoring and support of the surgical and trauma patient. Surg Clin North Am 95, 53–69. 10.1016/j.suc.2014.09.009. 

11. Meyer, B.R. (1989). Renal function in aging. J Am Geriatr Soc 37, 791–800. 10.1111/j.1532-5415.1989.tb02244.x. 

12. Tung, S., and Iqbal, J. (2007). Evolution, aging, and osteoporosis. Ann N Y Acad Sci 1116, 499–506. 

10.1196/annals.1402.080. 

13. Misra, D., Seo, P.H., and Cohen, H.J. (2004). Aging and cancer. Clin Adv Hematol Oncol 2, 457–465. 

14. Liguori, I., Russo, G., Curcio, F., Bulli, G., Aran, L., Della-Morte, D., Gargiulo, G., Testa, G., Cacciatore, F., Bonaduce, D., et 

al. (2018). Oxidative stress, aging, and diseases. Clin Interv Aging 13, 757–772. 10.2147/CIA.S158513. 

15. Michaud, M., Balardy, L., Moulis, G., Gaudin, C., Peyrot, C., Vellas, B., Cesari, M., and Nourhashemi, F. (2013). 

Proinflammatory cytokines, aging, and age-related diseases. J Am Med Dir Assoc 14, 877–882. 10.1016/j.jamda.2013.05.009. 

16. Burhans, W.C., and Weinberger, M. (2007). DNA replication stress, genome instability and aging. Nucleic Acids Res 35, 

7545–7556. 10.1093/nar/gkm1059. 

17. Best, B.P. (2009). Nuclear DNA Damage as a Direct Cause of Aging. Rejuvenation Research 12, 199–208. 

10.1089/rej.2009.0847. 

18. Freitas, A.A., and de Magalhães, J.P. (2011). A review and appraisal of the DNA damage theory of ageing. Mutation 

Research/Reviews in Mutation Research 728, 12–22. 10.1016/j.mrrev.2011.05.001. 

19. Ohtani, N., Mann, D.J., and Hara, E. (2009). Cellular senescence: Its role in tumor suppression and aging. Cancer Science 

100, 792–797. https://doi.org/10.1111/j.1349-7006.2009.01123.x. 

20. Campisi, J., and d’Adda di Fagagna, F. (2007). Cellular senescence: when bad things happen to good cells. Nat Rev Mol 

Cell Biol 8, 729–740. 10.1038/nrm2233. 

21. Hayflick, L., and Moorhead, P.S. (1961). The serial cultivation of human diploid cell strains. Experimental Cell Research 

25, 585–621. 10.1016/0014-4827(61)90192-6. 



169 | P a g e  
 

22. Hayflick, L. (1965). The limited in vitro lifetime of human diploid cell strains. Experimental Cell Research 37, 614–636. 

10.1016/0014-4827(65)90211-9. 

23. van Deursen, J.M. (2014). The role of senescent cells in ageing. Nature 509, 439–446. 10.1038/nature13193. 

24. Dimri, G.P., Lee, X., Basile, G., Acosta, M., Scott, G., Roskelley, C., Medrano, E.E., Linskens, M., Rubelj, I., and Pereira-

Smith, O. (1995). A biomarker that identifies senescent human cells in culture and in aging skin in vivo. Proc Natl Acad Sci U S A 

92, 9363–9367. 

25. Acosta, J.C., Banito, A., Wuestefeld, T., Georgilis, A., Janich, P., Morton, J.P., Athineos, D., Kang, T.-W., Lasitschka, F., 

Andrulis, M., et al. (2013). A complex secretory program orchestrated by the inflammasome controls paracrine senescence. Nat 

Cell Biol 15, 978–990. 10.1038/ncb2784. 

26. Coppé, J.-P., Patil, C.K., Rodier, F., Sun, Y., Muñoz, D.P., Goldstein, J., Nelson, P.S., Desprez, P.-Y., and Campisi, J. (2008). 

Senescence-Associated Secretory Phenotypes Reveal Cell-Nonautonomous Functions of Oncogenic RAS and the p53 Tumor 

Suppressor. PLOS Biology 6, e301. 10.1371/journal.pbio.0060301. 

27. Coppé, J.-P., Desprez, P.-Y., Krtolica, A., and Campisi, J. (2010). The senescence-associated secretory phenotype: the dark 

side of tumor suppression. Annu Rev Pathol 5, 99–118. 10.1146/annurev-pathol-121808-102144. 

28. Debacq-Chainiaux, F., Erusalimsky, J.D., Campisi, J., and Toussaint, O. (2009). Protocols to detect senescence-associated 

beta-galactosidase (SA-betagal) activity, a biomarker of senescent cells in culture and in vivo. Nat Protoc 4, 1798–1806. 

10.1038/nprot.2009.191. 

29. He, S., and Sharpless, N.E. (2017). Senescence in Health and Disease. Cell 169, 1000–1011. 10.1016/j.cell.2017.05.015. 

30. Gorgoulis, V., Adams, P.D., Alimonti, A., Bennett, D.C., Bischof, O., Bishop, C., Campisi, J., Collado, M., Evangelou, K., 

Ferbeyre, G., et al. (2019). Cellular Senescence: Defining a Path Forward. Cell 179, 813–827. 10.1016/j.cell.2019.10.005. 

31. Allsopp, R.C., Chang, E., Kashefi-Aazam, M., Rogaev, E.I., Piatyszek, M.A., Shay, J.W., and Harley, C.B. (1995). Telomere 

shortening is associated with cell division in vitro and in vivo. Exp Cell Res 220, 194–200. 10.1006/excr.1995.1306. 

32. Levy, M.Z., Allsopp, R.C., Futcher, A.B., Greider, C.W., and Harley, C.B. (1992). Telomere end-replication problem and cell 

aging. Journal of Molecular Biology 225, 951–960. 10.1016/0022-2836(92)90096-3. 

33. McEachern, M.J., Krauskopf, A., and Blackburn, E.H. (2000). Telomeres and their control. Annu Rev Genet 34, 331–358. 

10.1146/annurev.genet.34.1.331. 

34. Serrano, M., Lin, A.W., McCurrach, M.E., Beach, D., and Lowe, S.W. (1997). Oncogenic ras provokes premature cell 

senescence associated with accumulation of p53 and p16INK4a. Cell 88, 593–602. 10.1016/s0092-8674(00)81902-9. 

35. Nakamura, A.J., Chiang, Y.J., Hathcock, K.S., Horikawa, I., Sedelnikova, O.A., Hodes, R.J., and Bonner, W.M. (2008). Both 

telomeric and non-telomeric DNA damage are determinants of mammalian cellular senescence. Epigenetics Chromatin 1, 6. 

10.1186/1756-8935-1-6. 

36. Narita, M., Nũnez, S., Heard, E., Narita, M., Lin, A.W., Hearn, S.A., Spector, D.L., Hannon, G.J., and Lowe, S.W. (2003). Rb-

mediated heterochromatin formation and silencing of E2F target genes during cellular senescence. Cell 113, 703–716. 

10.1016/s0092-8674(03)00401-x. 

37. Adams, P.D. (2009). Healing and hurting: molecular mechanisms, functions, and pathologies of cellular senescence. Mol 

Cell 36, 2–14. 10.1016/j.molcel.2009.09.021. 

38. Munro, J., Barr, N.I., Ireland, H., Morrison, V., and Parkinson, E.K. (2004). Histone deacetylase inhibitors induce a 

senescence-like state in human cells by a p16-dependent mechanism that is independent of a mitotic clock. Exp Cell Res 295, 

525–538. 10.1016/j.yexcr.2004.01.017. 

39. Sager, R. (1991). Senescence as a mode of tumor suppression. Environ Health Perspect 93, 59–62. 10.1289/ehp.919359. 

40. Regulski, M.J. (2017). Cellular Senescence: What, Why, and How. Wounds 29, 168–174. 



170 | P a g e  
 

41. Huang, W., Hickson, L.J., Eirin, A., Kirkland, J.L., and Lerman, L.O. (2022). Cellular senescence: the good, the bad and the 

unknown. Nat Rev Nephrol 18, 611–627. 10.1038/s41581-022-00601-z. 

42. Kumari, R., and Jat, P. (2021). Mechanisms of Cellular Senescence: Cell Cycle Arrest and Senescence Associated Secretory 

Phenotype. Front Cell Dev Biol 9, 645593. 10.3389/fcell.2021.645593. 

43. Muñoz-Espín, D., and Serrano, M. (2014). Cellular senescence: from physiology to pathology. Nat Rev Mol Cell Biol 15, 

482–496. 10.1038/nrm3823. 

44. Rhinn, M., Ritschka, B., and Keyes, W.M. (2019). Cellular senescence in development, regeneration and disease. 

Development 146, dev151837. 10.1242/dev.151837. 

45. Krtolica, A., Parrinello, S., Lockett, S., Desprez, P.Y., and Campisi, J. (2001). Senescent fibroblasts promote epithelial cell 

growth and tumorigenesis: a link between cancer and aging. Proc Natl Acad Sci U S A 98, 12072–12077. 10.1073/pnas.211053698. 

46. Le, O.N.L., Rodier, F., Fontaine, F., Coppe, J.-P., Campisi, J., DeGregori, J., Laverdière, C., Kokta, V., Haddad, E., and 

Beauséjour, C.M. (2010). Ionizing radiation-induced long-term expression of senescence markers in mice is independent of p53 

and immune status. Aging Cell 9, 398–409. 10.1111/j.1474-9726.2010.00567.x. 

47. Rodier, F., and Campisi, J. (2011). Four faces of cellular senescence. J Cell Biol 192, 547–556. 10.1083/jcb.201009094. 

48. Collado, M., Blasco, M.A., and Serrano, M. (2007). Cellular senescence in cancer and aging. Cell 130, 223–233. 

10.1016/j.cell.2007.07.003. 

49. Krishnamurthy, J., Torrice, C., Ramsey, M.R., Kovalev, G.I., Al-Regaiey, K., Su, L., and Sharpless, N.E. (2004). Ink4a/Arf 

expression is a biomarker of aging. J Clin Invest 114, 1299–1307. 10.1172/JCI22475. 

50. Collins, C.J., and Sedivy, J.M. (2003). Involvement of the INK4a/Arf gene locus in senescence. Aging Cell 2, 145–150. 

10.1046/j.1474-9728.2003.00048.x. 

51. Ohtani, N., Yamakoshi, K., Takahashi, A., and Hara, E. (2004). The p16INK4a-RB pathway: molecular link between cellular 

senescence and tumor suppression. J Med Invest 51, 146–153. 10.2152/jmi.51.146. 

52. Kuilman, T., Michaloglou, C., Mooi, W.J., and Peeper, D.S. (2010). The essence of senescence. Genes Dev 24, 2463–2479. 

10.1101/gad.1971610. 

53. Lee, B.Y., Han, J.A., Im, J.S., Morrone, A., Johung, K., Goodwin, E.C., Kleijer, W.J., DiMaio, D., and Hwang, E.S. (2006). 

Senescence-associated beta-galactosidase is lysosomal beta-galactosidase. Aging Cell 5, 187–195. 10.1111/j.1474-

9726.2006.00199.x. 

54. Huang, T., and Rivera-Pérez, J.A. (2014). Senescence-associated β-galactosidase activity marks the visceral endoderm of 

mouse embryos but is not indicative of senescence. Genesis 52, 300–308. 10.1002/dvg.22761. 

55. Gewirtz, D.A., Holt, S.E., and Elmore, L.W. (2008). Accelerated senescence: an emerging role in tumor cell response to 

chemotherapy and radiation. Biochem Pharmacol 76, 947–957. 10.1016/j.bcp.2008.06.024. 

56. Childs, B.G., Baker, D.J., Kirkland, J.L., Campisi, J., and van Deursen, J.M. (2014). Senescence and apoptosis: dueling or 

complementary cell fates? EMBO Rep 15, 1139–1153. 10.15252/embr.201439245. 

57. Wiley, C.D., Velarde, M.C., Lecot, P., Liu, S., Sarnoski, E.A., Freund, A., Shirakawa, K., Lim, H.W., Davis, S.S., Ramanathan, 

A., et al. (2016). Mitochondrial Dysfunction Induces Senescence with a Distinct Secretory Phenotype. Cell Metab 23, 303–314. 

10.1016/j.cmet.2015.11.011. 

58. Silaidos, C.V., Reutzel, M., Wachter, L., Dieter, F., Ludin, N., Blum, W.F., Wudy, S.A., Matura, S., Pilatus, U., Hattingen, E., 

et al. (2023). Age-related changes in energy metabolism in peripheral mononuclear blood cells (PBMCs) and the brains of 

cognitively healthy seniors. Geroscience. 10.1007/s11357-023-00810-9. 

59. Pluquet, O., Pourtier, A., and Abbadie, C. (2015). The unfolded protein response and cellular senescence. A review in 

the theme: cellular mechanisms of endoplasmic reticulum stress signaling in health and disease. Am J Physiol Cell Physiol 308, 

C415-425. 10.1152/ajpcell.00334.2014. 



171 | P a g e  
 

60. Matos, L., Gouveia, A.M., and Almeida, H. (2015). ER Stress Response in Human Cellular Models of Senescence. J 

Gerontol A Biol Sci Med Sci 70, 924–935. 10.1093/gerona/glu129. 

61. de Lange, T. (2005). Shelterin: the protein complex that shapes and safeguards human telomeres. Genes Dev 19, 2100–

2110. 10.1101/gad.1346005. 

62. Zhong, Z., Shiue, L., Kaplan, S., and de Lange, T. (1992). A mammalian factor that binds telomeric TTAGGG repeats in 

vitro. Mol Cell Biol 12, 4834–4843. 10.1128/mcb.12.11.4834-4843.1992. 

63. Bianchi, A., Smith, S., Chong, L., Elias, P., and de Lange, T. (1997). TRF1 is a dimer and bends telomeric DNA. EMBO J 16, 

1785–1794. 10.1093/emboj/16.7.1785. 

64. Bilaud, T., Brun, C., Ancelin, K., Koering, C.E., Laroche, T., and Gilson, E. (1997). Telomeric localization of TRF2, a novel 

human telobox protein. Nat Genet 17, 236–239. 10.1038/ng1097-236. 

65. Baumann, P., and Cech, T.R. (2001). Pot1, the putative telomere end-binding protein in fission yeast and humans. Science 

292, 1171–1175. 10.1126/science.1060036. 

66. Griffith, J.D., Comeau, L., Rosenfield, S., Stansel, R.M., Bianchi, A., Moss, H., and de Lange, T. (1999). Mammalian 

telomeres end in a large duplex loop. Cell 97, 503–514. 10.1016/s0092-8674(00)80760-6. 

67. Olovnikov, A.M. (1973). A theory of marginotomy. The incomplete copying of template margin in enzymic synthesis of 

polynucleotides and biological significance of the phenomenon. J Theor Biol 41, 181–190. 10.1016/0022-5193(73)90198-7. 

68. Harley, C.B., Futcher, A.B., and Greider, C.W. (1990). Telomeres shorten during ageing of human fibroblasts. Nature 345, 

458–460. 10.1038/345458a0. 

69. Fumagalli, M., Rossiello, F., Clerici, M., Barozzi, S., Cittaro, D., Kaplunov, J.M., Bucci, G., Dobreva, M., Matti, V., Beausejour, 

C.M., et al. (2012). Telomeric DNA damage is irreparable and causes persistent DNA-damage-response activation. Nat Cell Biol 14, 

355–365. 10.1038/ncb2466. 

70. Hewitt, G., Jurk, D., Marques, F.D.M., Correia-Melo, C., Hardy, T., Gackowska, A., Anderson, R., Taschuk, M., Mann, J., 

and Passos, J.F. (2012). Telomeres are favoured targets of a persistent DNA damage response in ageing and stress-induced 

senescence. Nat Commun 3, 708. 10.1038/ncomms1708. 

71. von Zglinicki, T., Saretzki, G., Ladhoff, J., d’Adda di Fagagna, F., and Jackson, S.P. (2005). Human cell senescence as a DNA 

damage response. Mech Ageing Dev 126, 111–117. 10.1016/j.mad.2004.09.034. 

72. Takai, H., Smogorzewska, A., and de Lange, T. (2003). DNA damage foci at dysfunctional telomeres. Curr Biol 13, 1549–

1556. 10.1016/s0960-9822(03)00542-6. 

73. Wu, L., Multani, A.S., He, H., Cosme-Blanco, W., Deng, Y., Deng, J.M., Bachilo, O., Pathak, S., Tahara, H., Bailey, S.M., et 

al. (2006). Pot1 deficiency initiates DNA damage checkpoint activation and aberrant homologous recombination at telomeres. 

Cell 126, 49–62. 10.1016/j.cell.2006.05.037. 

74. d’Adda di Fagagna, F., Reaper, P.M., Clay-Farrace, L., Fiegler, H., Carr, P., Von Zglinicki, T., Saretzki, G., Carter, N.P., and 

Jackson, S.P. (2003). A DNA damage checkpoint response in telomere-initiated senescence. Nature 426, 194–198. 

10.1038/nature02118. 

75. Torry, D.S., and Cooper, G.M. (1991). Proto-oncogenes in development and cancer. Am J Reprod Immunol 25, 129–132. 

10.1111/j.1600-0897.1991.tb01080.x. 

76. Saretzki, G. (2010). Cellular senescence in the development and treatment of cancer. Curr Pharm Des 16, 79–100. 

10.2174/138161210789941874. 

77. Sarkisian, C.J., Keister, B.A., Stairs, D.B., Boxer, R.B., Moody, S.E., and Chodosh, L.A. (2007). Dose-dependent oncogene-

induced senescence in vivo and its evasion during mammary tumorigenesis. Nat Cell Biol 9, 493–505. 10.1038/ncb1567. 



172 | P a g e  
 

78. Di Micco, R., Fumagalli, M., Cicalese, A., Piccinin, S., Gasparini, P., Luise, C., Schurra, C., Garre’, M., Nuciforo, P.G., 

Bensimon, A., et al. (2006). Oncogene-induced senescence is a DNA damage response triggered by DNA hyper-replication. Nature 

444, 638–642. 10.1038/nature05327. 

79. Courtois-Cox, S., Jones, S.L., and Cichowski, K. (2008). Many roads lead to oncogene-induced senescence. Oncogene 27, 

2801–2809. 10.1038/sj.onc.1210950. 

80. Zhang, R., Poustovoitov, M.V., Ye, X., Santos, H.A., Chen, W., Daganzo, S.M., Erzberger, J.P., Serebriiskii, I.G., Canutescu, 

A.A., Dunbrack, R.L., et al. (2005). Formation of MacroH2A-containing senescence-associated heterochromatin foci and 

senescence driven by ASF1a and HIRA. Dev Cell 8, 19–30. 10.1016/j.devcel.2004.10.019. 

81. Ohtani, N., Zebedee, Z., Huot, T.J.G., Stinson, J.A., Sugimoto, M., Ohashi, Y., Sharrocks, A.D., Peters, G., and Hara, E. 

(2001). Opposing effects of Ets and Id proteins on p16INK4a expression during cellular senescence. Nature 409, 1067–1070. 

10.1038/35059131. 

82. Rayess, H., Wang, M.B., and Srivatsan, E.S. (2012). Cellular senescence and tumor suppressor gene p16. International 

Journal of Cancer 130, 1715–1725. 10.1002/ijc.27316. 

83. Rufini, A., Tucci, P., Celardo, I., and Melino, G. (2013). Senescence and aging: the critical roles of p53. Oncogene 32, 

5129–5143. 10.1038/onc.2012.640. 

84. Chen, Q., Fischer, A., Reagan, J.D., Yan, L.J., and Ames, B.N. (1995). Oxidative DNA damage and senescence of human 

diploid fibroblast cells. Proc Natl Acad Sci U S A 92, 4337–4341. 10.1073/pnas.92.10.4337. 

85. Chen, Q., and Ames, B.N. (1994). Senescence-like growth arrest induced by hydrogen peroxide in human diploid 

fibroblast F65 cells. Proc Natl Acad Sci U S A 91, 4130–4134. 10.1073/pnas.91.10.4130. 

86. Robles, S.J., and Adami, G.R. (1998). Agents that cause DNA double strand breaks lead to p16INK4a enrichment and the 

premature senescence of normal fibroblasts. Oncogene 16, 1113–1123. 10.1038/sj.onc.1201862. 

87. Chen, J.-H., Stoeber, K., Kingsbury, S., Ozanne, S.E., Williams, G.H., and Hales, C.N. (2004). Loss of proliferative capacity 

and induction of senescence in oxidatively stressed human fibroblasts. J Biol Chem 279, 49439–49446. 10.1074/jbc.M409153200. 

88. Chen, Q.M., Prowse, K.R., Tu, V.C., Purdom, S., and Linskens, M.H. (2001). Uncoupling the senescent phenotype from 

telomere shortening in hydrogen peroxide-treated fibroblasts. Exp Cell Res 265, 294–303. 10.1006/excr.2001.5182. 

89. Chen, J.-H., Ozanne, S.E., and Hales, C.N. (2005). Heterogeneity in premature senescence by oxidative stress correlates 

with differential DNA damage during the cell cycle. DNA Repair (Amst) 4, 1140–1148. 10.1016/j.dnarep.2005.06.003. 

90. de Lange, T. (2002). Protection of mammalian telomeres. Oncogene 21, 532–540. 10.1038/sj.onc.1205080. 

91. Blander, G., de Oliveira, R.M., Conboy, C.M., Haigis, M., and Guarente, L. (2003). Superoxide dismutase 1 knock-down 

induces senescence in human fibroblasts. J Biol Chem 278, 38966–38969. 10.1074/jbc.M307146200. 

92. Miyauchi, H., Minamino, T., Tateno, K., Kunieda, T., Toko, H., and Komuro, I. (2004). Akt negatively regulates the in vitro 

lifespan of human endothelial cells via a p53/p21-dependent pathway. EMBO J 23, 212–220. 10.1038/sj.emboj.7600045. 

93. Serra, V., von Zglinicki, T., Lorenz, M., and Saretzki, G. (2003). Extracellular superoxide dismutase is a major antioxidant 

in human fibroblasts and slows telomere shortening. J Biol Chem 278, 6824–6830. 10.1074/jbc.M207939200. 

94. Zhang, H. (2007). Molecular signaling and genetic pathways of senescence: Its role in tumorigenesis and aging. J Cell 

Physiol 210, 567–574. 10.1002/jcp.20919. 

95. Campisi, J. (2005). Senescent cells, tumor suppression, and organismal aging: good citizens, bad neighbors. Cell 120, 

513–522. 10.1016/j.cell.2005.02.003. 

96. Ben-Porath, I., and Weinberg, R.A. (2005). The signals and pathways activating cellular senescence. Int J Biochem Cell 

Biol 37, 961–976. 10.1016/j.biocel.2004.10.013. 



173 | P a g e  
 

97. Herbig, U., and Sedivy, J.M. (2006). Regulation of growth arrest in senescence: telomere damage is not the end of the 

story. Mech Ageing Dev 127, 16–24. 10.1016/j.mad.2005.09.002. 

98. Yaswen, P., and Campisi, J. (2007). Oncogene-induced senescence pathways weave an intricate tapestry. Cell 128, 233–

234. 10.1016/j.cell.2007.01.005. 

99. Ogryzko, V.V., Hirai, T.H., Russanova, V.R., Barbie, D.A., and Howard, B.H. (1996). Human fibroblast commitment to a 

senescence-like state in response to histone deacetylase inhibitors is cell cycle dependent. Mol Cell Biol 16, 5210–5218. 

10.1128/MCB.16.9.5210. 

100. Bakkenist, C.J., and Kastan, M.B. (2003). DNA damage activates ATM through intermolecular autophosphorylation and 

dimer dissociation. Nature 421, 499–506. 10.1038/nature01368. 

101. Bandyopadhyay, D., Okan, N.A., Bales, E., Nascimento, L., Cole, P.A., and Medrano, E.E. (2002). Down-regulation of 

p300/CBP histone acetyltransferase activates a senescence checkpoint in human melanocytes. Cancer Res 62, 6231–6239. 

102. Pazolli, E., Alspach, E., Milczarek, A., Prior, J., Piwnica-Worms, D., and Stewart, S.A. (2012). Chromatin remodeling 

underlies the senescence-associated secretory phenotype of tumor stromal fibroblasts that supports cancer progression. Cancer 

Res 72, 2251–2261. 10.1158/0008-5472.CAN-11-3386. 

103. Petrova, N.V., Velichko, A.K., Razin, S.V., and Kantidze, O.L. (2016). Small molecule compounds that induce cellular 

senescence. Aging Cell 15, 999–1017. 10.1111/acel.12518. 

104. Cheng, L.-Q., Zhang, Z.-Q., Chen, H.-Z., and Liu, D.-P. (2017). Epigenetic regulation in cell senescence. J Mol Med (Berl) 

95, 1257–1268. 10.1007/s00109-017-1581-x. 

105. Cruickshanks, H.A., McBryan, T., Nelson, D.M., Vanderkraats, N.D., Shah, P.P., van Tuyn, J., Singh Rai, T., Brock, C., 

Donahue, G., Dunican, D.S., et al. (2013). Senescent cells harbour features of the cancer epigenome. Nat Cell Biol 15, 1495–1506. 

10.1038/ncb2879. 

106. Levine, A.J., and Oren, M. (2009). The first 30 years of p53: growing ever more complex. Nat Rev Cancer 9, 749–758. 

10.1038/nrc2723. 

107. Chau, B.N., and Wang, J.Y.J. (2003). Coordinated regulation of life and death by RB. Nat Rev Cancer 3, 130–138. 

10.1038/nrc993. 

108. Takeuchi, S., Takahashi, A., Motoi, N., Yoshimoto, S., Tajima, T., Yamakoshi, K., Hirao, A., Yanagi, S., Fukami, K., Ishikawa, 

Y., et al. (2010). Intrinsic Cooperation between p16INK4a and p21Waf1/Cip1 in the Onset of Cellular Senescence and Tumor 

Suppression In vivo. Cancer Res 70, 9381–9390. 10.1158/0008-5472.CAN-10-0801. 

109. Yamakoshi, K., Takahashi, A., Hirota, F., Nakayama, R., Ishimaru, N., Kubo, Y., Mann, D.J., Ohmura, M., Hirao, A., Saya, H., 

et al. (2009). Real-time in vivo imaging of p16Ink4a reveals cross talk with p53. J Cell Biol 186, 393–407. 10.1083/jcb.200904105. 

110. McConnell, B.B., Starborg, M., Brookes, S., and Peters, G. (1998). Inhibitors of cyclin-dependent kinases induce features 

of replicative senescence in early passage human diploid fibroblasts. Curr Biol 8, 351–354. 10.1016/s0960-9822(98)70137-x. 

111. Beauséjour, C.M., Krtolica, A., Galimi, F., Narita, M., Lowe, S.W., Yaswen, P., and Campisi, J. (2003). Reversal of human 

cellular senescence: roles of the p53 and p16 pathways. EMBO J 22, 4212–4222. 10.1093/emboj/cdg417. 

112. Vogelstein, B., Lane, D., and Levine, A.J. (2000). Surfing the p53 network. Nature 408, 307–310. 10.1038/35042675. 

113. Sharpless, N.E. (2005). INK4a/ARF: a multifunctional tumor suppressor locus. Mutat Res 576, 22–38. 

10.1016/j.mrfmmm.2004.08.021. 

114. el-Deiry, W.S., Tokino, T., Velculescu, V.E., Levy, D.B., Parsons, R., Trent, J.M., Lin, D., Mercer, W.E., Kinzler, K.W., and 

Vogelstein, B. (1993). WAF1, a potential mediator of p53 tumor suppression. Cell 75, 817–825. 10.1016/0092-8674(93)90500-p. 

115. Alcorta, D.A., Xiong, Y., Phelps, D., Hannon, G., Beach, D., and Barrett, J.C. (1996). Involvement of the cyclin-dependent 

kinase inhibitor p16 (INK4a) in replicative senescence of normal human fibroblasts. Proc Natl Acad Sci U S A 93, 13742–13747. 

10.1073/pnas.93.24.13742. 



174 | P a g e  
 

116. Stein, G.H., Drullinger, L.F., Soulard, A., and Dulić, V. (1999). Differential roles for cyclin-dependent kinase inhibitors p21 

and p16 in the mechanisms of senescence and differentiation in human fibroblasts. Mol Cell Biol 19, 2109–2117. 

10.1128/MCB.19.3.2109. 

117. Fischer, M., and Müller, G.A. (2017). Cell cycle transcription control: DREAM/MuvB and RB-E2F complexes. Crit Rev 

Biochem Mol Biol 52, 638–662. 10.1080/10409238.2017.1360836. 

118. Christophorou, M.A., Martin-Zanca, D., Soucek, L., Lawlor, E.R., Brown-Swigart, L., Verschuren, E.W., and Evan, G.I. 

(2005). Temporal dissection of p53 function in vitro and in vivo. Nat Genet 37, 718–726. 10.1038/ng1572. 

119. Rodier, F., Muñoz, D.P., Teachenor, R., Chu, V., Le, O., Bhaumik, D., Coppé, J.-P., Campeau, E., Beauséjour, C.M., Kim, S.-

H., et al. (2011). DNA-SCARS: distinct nuclear structures that sustain damage-induced senescence growth arrest and inflammatory 

cytokine secretion. J Cell Sci 124, 68–81. 10.1242/jcs.071340. 

120. Rodier, F., Coppé, J.-P., Patil, C.K., Hoeijmakers, W.A.M., Muñoz, D.P., Raza, S.R., Freund, A., Campeau, E., Davalos, A.R., 

and Campisi, J. (2009). Persistent DNA damage signalling triggers senescence-associated inflammatory cytokine secretion. Nat 

Cell Biol 11, 973–979. 10.1038/ncb1909. 

121. Takahashi, A., Ohtani, N., Yamakoshi, K., Iida, S., Tahara, H., Nakayama, K., Nakayama, K.I., Ide, T., Saya, H., and Hara, E. 

(2006). Mitogenic signalling and the p16INK4a-Rb pathway cooperate to enforce irreversible cellular senescence. Nat Cell Biol 8, 

1291–1297. 10.1038/ncb1491. 

122. Freund, A., Patil, C.K., and Campisi, J. (2011). p38MAPK is a novel DNA damage response-independent regulator of the 

senescence-associated secretory phenotype. EMBO J 30, 1536–1548. 10.1038/emboj.2011.69. 

123. Passos, J.F., Nelson, G., Wang, C., Richter, T., Simillion, C., Proctor, C.J., Miwa, S., Olijslagers, S., Hallinan, J., Wipat, A., et 

al. (2010). Feedback between p21 and reactive oxygen production is necessary for cell senescence. Mol Syst Biol 6, 347. 

10.1038/msb.2010.5. 

124. Coppé, J.-P., Patil, C.K., Rodier, F., Krtolica, A., Beauséjour, C.M., Parrinello, S., Hodgson, J.G., Chin, K., Desprez, P.-Y., and 

Campisi, J. (2010). A human-like senescence-associated secretory phenotype is conserved in mouse cells dependent on 

physiological oxygen. PLoS One 5, e9188. 10.1371/journal.pone.0009188. 

125. Freund, A., Orjalo, A.V., Desprez, P.-Y., and Campisi, J. (2010). Inflammatory networks during cellular senescence: causes 

and consequences. Trends Mol Med 16, 238–246. 10.1016/j.molmed.2010.03.003. 

126. Kuilman, T., Michaloglou, C., Vredeveld, L.C.W., Douma, S., van Doorn, R., Desmet, C.J., Aarden, L.A., Mooi, W.J., and 

Peeper, D.S. (2008). Oncogene-induced senescence relayed by an interleukin-dependent inflammatory network. Cell 133, 1019–

1031. 10.1016/j.cell.2008.03.039. 

127. Coppé, J.-P., Rodier, F., Patil, C.K., Freund, A., Desprez, P.-Y., and Campisi, J. (2011). Tumor suppressor and aging biomarker 

p16(INK4a) induces cellular senescence without the associated inflammatory secretory phenotype. J Biol Chem 286, 36396–

36403. 10.1074/jbc.M111.257071. 

128. Acosta, J.C., O’Loghlen, A., Banito, A., Guijarro, M.V., Augert, A., Raguz, S., Fumagalli, M., Da Costa, M., Brown, C., Popov, 

N., et al. (2008). Chemokine signaling via the CXCR2 receptor reinforces senescence. Cell 133, 1006–1018. 

10.1016/j.cell.2008.03.038. 

129. Kang, C., Xu, Q., Martin, T.D., Li, M.Z., Demaria, M., Aron, L., Lu, T., Yankner, B.A., Campisi, J., and Elledge, S.J. (2015). 

The DNA damage response induces inflammation and senescence by inhibiting autophagy of GATA4. Science 349, aaa5612. 

10.1126/science.aaa5612. 

130. Hoare, M., Ito, Y., Kang, T.-W., Weekes, M.P., Matheson, N.J., Patten, D.A., Shetty, S., Parry, A.J., Menon, S., Salama, R., 

et al. (2016). NOTCH1 mediates a switch between two distinct secretomes during senescence. Nat Cell Biol 18, 979–992. 

10.1038/ncb3397. 

131. Aird, K.M., Iwasaki, O., Kossenkov, A.V., Tanizawa, H., Fatkhutdinov, N., Bitler, B.G., Le, L., Alicea, G., Yang, T.-L., Johnson, 

F.B., et al. (2016). HMGB2 orchestrates the chromatin landscape of senescence-associated secretory phenotype gene loci. J Cell 

Biol 215, 325–334. 10.1083/jcb.201608026. 



175 | P a g e  
 

132. Capell, B.C., Drake, A.M., Zhu, J., Shah, P.P., Dou, Z., Dorsey, J., Simola, D.F., Donahue, G., Sammons, M., Rai, T.S., et al. 

(2016). MLL1 is essential for the senescence-associated secretory phenotype. Genes Dev 30, 321–336. 10.1101/gad.271882.115. 

133. Chen, H., Ruiz, P.D., McKimpson, W.M., Novikov, L., Kitsis, R.N., and Gamble, M.J. (2015). MacroH2A1 and ATM Play 

Opposing Roles in Paracrine Senescence and the Senescence-Associated Secretory Phenotype. Mol Cell 59, 719–731. 

10.1016/j.molcel.2015.07.011. 

134. Contrepois, K., Coudereau, C., Benayoun, B.A., Schuler, N., Roux, P.-F., Bischof, O., Courbeyrette, R., Carvalho, C., Thuret, 

J.-Y., Ma, Z., et al. (2017). Histone variant H2A.J accumulates in senescent cells and promotes inflammatory gene expression. Nat 

Commun 8, 14995. 10.1038/ncomms14995. 

135. Ohtani, N. (2022). The roles and mechanisms of senescence-associated secretory phenotype (SASP): can it be controlled 

by senolysis? Inflamm Regen 42, 11. 10.1186/s41232-022-00197-8. 

136. Xue, W., Zender, L., Miething, C., Dickins, R.A., Hernando, E., Krizhanovsky, V., Cordon-Cardo, C., and Lowe, S.W. (2007). 

Senescence and tumour clearance is triggered by p53 restoration in murine liver carcinomas. Nature 445, 656–660. 

10.1038/nature05529. 

137. Lujambio, A., Akkari, L., Simon, J., Grace, D., Tschaharganeh, D.F., Bolden, J.E., Zhao, Z., Thapar, V., Joyce, J.A., 

Krizhanovsky, V., et al. (2013). Non-cell-autonomous tumor suppression by p53. Cell 153, 449–460. 10.1016/j.cell.2013.03.020. 

138. Krizhanovsky, V., Yon, M., Dickins, R.A., Hearn, S., Simon, J., Miething, C., Yee, H., Zender, L., and Lowe, S.W. (2008). 

Senescence of Activated Stellate Cells Limits Liver Fibrosis. Cell 134, 657–667. 10.1016/j.cell.2008.06.049. 

139. Ivanov, A., Pawlikowski, J., Manoharan, I., van Tuyn, J., Nelson, D.M., Rai, T.S., Shah, P.P., Hewitt, G., Korolchuk, V.I., 

Passos, J.F., et al. (2013). Lysosome-mediated processing of chromatin in senescence. J Cell Biol 202, 129–143. 

10.1083/jcb.201212110. 

140. Dou, Z., Ghosh, K., Vizioli, M.G., Zhu, J., Sen, P., Wangensteen, K.J., Simithy, J., Lan, Y., Lin, Y., Zhou, Z., et al. (2017). 

Cytoplasmic chromatin triggers inflammation in senescence and cancer. Nature 550, 402–406. 10.1038/nature24050. 

141. Glück, S., Guey, B., Gulen, M.F., Wolter, K., Kang, T.-W., Schmacke, N.A., Bridgeman, A., Rehwinkel, J., Zender, L., and 

Ablasser, A. (2017). Innate immune sensing of cytosolic chromatin fragments through cGAS promotes senescence. Nat Cell Biol 

19, 1061–1070. 10.1038/ncb3586. 

142. Li, X., Li, X., Xie, C., Cai, S., Li, M., Jin, H., Wu, S., Cui, J., Liu, H., and Zhao, Y. (2022). cGAS guards against chromosome 

end-to-end fusions during mitosis and facilitates replicative senescence. Protein Cell 13, 47–64. 10.1007/s13238-021-00879-y. 

143. Gonzalez-Meljem, J.M., Apps, J.R., Fraser, H.C., and Martinez-Barbera, J.P. (2018). Paracrine roles of cellular senescence 

in promoting tumourigenesis. Br J Cancer 118, 1283–1288. 10.1038/s41416-018-0066-1. 

144. Braig, M., Lee, S., Loddenkemper, C., Rudolph, C., Peters, A.H.F.M., Schlegelberger, B., Stein, H., Dörken, B., Jenuwein, 

T., and Schmitt, C.A. (2005). Oncogene-induced senescence as an initial barrier in lymphoma development. Nature 436, 660–665. 

10.1038/nature03841. 

145. Coleman, P.R., Hahn, C.N., Grimshaw, M., Lu, Y., Li, X., Brautigan, P.J., Beck, K., Stocker, R., Vadas, M.A., and Gamble, J.R. 

(2010). Stress-induced premature senescence mediated by a novel gene, SENEX, results in an anti-inflammatory phenotype in 

endothelial cells. Blood 116, 4016–4024. 10.1182/blood-2009-11-252700. 

146. Toussaint, O., Royer, V., Salmon, M., and Remacle, J. (2002). Stress-induced premature senescence and tissue ageing. 

Biochem Pharmacol 64, 1007–1009. 10.1016/s0006-2952(02)01170-x. 

147. Debacq-Chainiaux, F., Ben Ameur, R., Bauwens, E., Dumortier, E., Toutfaire, M., and Toussaint, O. (2016). Stress-Induced 

(Premature) Senescence. In Cellular Ageing and Replicative Senescence Healthy Ageing and Longevity., S. I. S. Rattan and L. 

Hayflick, eds. (Cham: Springer International Publishing), pp. 243–262. 10.1007/978-3-319-26239-0_13. 

148. Aan, G.J., Hairi, H.A., Makpol, S., Rahman, M.A., and Karsani, S.A. (2013). Differences in protein changes between stress-

induced premature senescence and replicative senescence states. Electrophoresis 34, 2209–2217. 10.1002/elps.201300086. 



176 | P a g e  
 

149. Moiseeva, O., Mallette, F.A., Mukhopadhyay, U.K., Moores, A., and Ferbeyre, G. (2006). DNA damage signaling and p53-

dependent senescence after prolonged beta-interferon stimulation. Mol Biol Cell 17, 1583–1592. 10.1091/mbc.e05-09-0858. 

150. Teo, Y.V., Rattanavirotkul, N., Olova, N., Salzano, A., Quintanilla, A., Tarrats, N., Kiourtis, C., Müller, M., Green, A.R., 

Adams, P.D., et al. (2019). Notch Signaling Mediates Secondary Senescence. Cell Rep 27, 997-1007.e5. 

10.1016/j.celrep.2019.03.104. 

151. Rattanavirotkul, N., Kirschner, K., and Chandra, T. (2021). Induction and transmission of oncogene-induced senescence. 

Cell Mol Life Sci 78, 843–852. 10.1007/s00018-020-03638-0. 

152. Admasu, T.D., Rae, M., and Stolzing, A. (2021). Dissecting primary and secondary senescence to enable new 

senotherapeutic strategies. Ageing Res Rev 70, 101412. 10.1016/j.arr.2021.101412. 

153. Hoare, M., and Narita, M. (2017). NOTCH and the 2 SASPs of senescence. Cell Cycle 16, 239–240. 

10.1080/15384101.2016.1248730. 

154. Schmeer, C., Kretz, A., Wengerodt, D., Stojiljkovic, M., and Witte, O.W. (2019). Dissecting Aging and Senescence-Current 

Concepts and Open Lessons. Cells 8, 1446. 10.3390/cells8111446. 

155. Muñoz-Espín, D., Cañamero, M., Maraver, A., Gómez-López, G., Contreras, J., Murillo-Cuesta, S., Rodríguez-Baeza, A., 

Varela-Nieto, I., Ruberte, J., Collado, M., et al. (2013). Programmed cell senescence during mammalian embryonic development. 

Cell 155, 1104–1118. 10.1016/j.cell.2013.10.019. 

156. Storer, M., Mas, A., Robert-Moreno, A., Pecoraro, M., Ortells, M.C., Di Giacomo, V., Yosef, R., Pilpel, N., Krizhanovsky, V., 

Sharpe, J., et al. (2013). Senescence Is a Developmental Mechanism that Contributes to Embryonic Growth and Patterning. Cell 

155, 1119–1130. 10.1016/j.cell.2013.10.041. 

157. Gibaja, A., Aburto, M.R., Pulido, S., Collado, M., Hurle, J.M., Varela-Nieto, I., and Magariños, M. (2019). TGFβ2-induced 

senescence during early inner ear development. Sci Rep 9, 5912. 10.1038/s41598-019-42040-0. 

158. Nacher, V., Carretero, A., Navarro, M., Armengol, C., Llombart, C., Rodríguez, A., Herrero-Fresneda, I., Ayuso, E., and 

Ruberte, J. (2006). The quail mesonephros: a new model for renal senescence? J Vasc Res 43, 581–586. 10.1159/000096076. 

159. Davaapil, H., Brockes, J.P., and Yun, M.H. (2017). Conserved and novel functions of programmed cellular senescence 

during vertebrate development. Development 144, 106–114. 10.1242/dev.138222. 

160. Villiard, É., Denis, J.-F., Hashemi, F.S., Igelmann, S., Ferbeyre, G., and Roy, S. (2017). Senescence gives insights into the 

morphogenetic evolution of anamniotes. Biol Open 6, 891–896. 10.1242/bio.025809. 

161. Zhao, Y., Tyshkovskiy, A., Muñoz-Espín, D., Tian, X., Serrano, M., de Magalhaes, J.P., Nevo, E., Gladyshev, V.N., Seluanov, 

A., and Gorbunova, V. (2018). Naked mole rats can undergo developmental, oncogene-induced and DNA damage-induced cellular 

senescence. Proc Natl Acad Sci U S A 115, 1801–1806. 10.1073/pnas.1721160115. 

162. Czarkwiani, A., and Yun, M.H. (2018). Out with the old, in with the new: senescence in development. Curr Opin Cell Biol 

55, 74–80. 10.1016/j.ceb.2018.05.014. 

163. Ritschka, B., Storer, M., Mas, A., Heinzmann, F., Ortells, M.C., Morton, J.P., Sansom, O.J., Zender, L., and Keyes, W.M. 

(2017). The senescence-associated secretory phenotype induces cellular plasticity and tissue regeneration. Genes Dev 31, 172–

183. 10.1101/gad.290635.116. 

164. Baker, D.J., Wijshake, T., Tchkonia, T., LeBrasseur, N.K., Childs, B.G., van de Sluis, B., Kirkland, J.L., and van Deursen, J.M. 

(2011). Clearance of p16Ink4a-positive senescent cells delays ageing-associated disorders. Nature 479, 232–236. 

10.1038/nature10600. 

165. Calcinotto, A., Kohli, J., Zagato, E., Pellegrini, L., Demaria, M., and Alimonti, A. (2019). Cellular Senescence: Aging, Cancer, 

and Injury. Physiol Rev 99, 1047–1078. 10.1152/physrev.00020.2018. 

166. Myrianthopoulos, V., Evangelou, K., Vasileiou, P.V.S., Cooks, T., Vassilakopoulos, T.P., Pangalis, G.A., Kouloukoussa, M., 

Kittas, C., Georgakilas, A.G., and Gorgoulis, V.G. (2019). Senescence and senotherapeutics: a new field in cancer therapy. 

Pharmacol Ther 193, 31–49. 10.1016/j.pharmthera.2018.08.006. 



177 | P a g e  
 

167. Baker, D.J., Childs, B.G., Durik, M., Wijers, M.E., Sieben, C.J., Zhong, J., Saltness, R.A., Jeganathan, K.B., Verzosa, G.C., 

Pezeshki, A., et al. (2016). Naturally occurring p16(Ink4a)-positive cells shorten healthy lifespan. Nature 530, 184–189. 

10.1038/nature16932. 

168. Paramos-de-Carvalho, D., Jacinto, A., and Saúde, L. (2021). The right time for senescence. Elife 10, e72449. 

10.7554/eLife.72449. 

169. Safwan-Zaiter, H., Wagner, N., and Wagner, K.-D. (2022). P16INK4A—More Than a Senescence Marker. Life 12, 1332. 

10.3390/life12091332. 

170. Stone, S., Jiang, P., Dayananth, P., Tavtigian, S.V., Katcher, H., Parry, D., Peters, G., and Kamb, A. (1995). Complex structure 

and regulation of the P16 (MTS1) locus. Cancer Res 55, 2988–2994. 

171. Mao, L., Merlo, A., Bedi, G., Shapiro, G.I., Edwards, C.D., Rollins, B.J., and Sidransky, D. (1995). A novel p16INK4A 

transcript. Cancer Res 55, 2995–2997. 

172. Serrano, M., Hannon, G.J., and Beach, D. (1993). A new regulatory motif in cell-cycle control causing specific inhibition 

of cyclin D/CDK4. Nature 366, 704–707. 10.1038/366704a0. 

173. Dracopoli, N.C., Alhadeff, B., Houghton, A.N., and Old, L.J. (1987). Loss of heterozygosity at autosomal and X-linked loci 

during tumor progression in a patient with melanoma. Cancer Res 47, 3995–4000. 

174. Yang, X.R., Liang, X. (Sharon), Pfeiffer, R.M., Wheeler, W., Maeder, D., Burdette, L., Yeager, M., Chanock, S., Tucker, M.A., 

and Goldstein, A.M. (2010). Associations of 9p21 variants with cutaneous malignant melanoma, nevi, and pigmentation 

phenotypes in melanoma-prone families with and without CDKN2A mutations. Fam Cancer 9, 625–633. 10.1007/s10689-010-

9356-3. 

175. Fountain, J.W., Karayiorgou, M., Ernstoff, M.S., Kirkwood, J.M., Vlock, D.R., Titus-Ernstoff, L., Bouchard, B., Vijayasaradhi, 

S., Houghton, A.N., and Lahti, J. (1992). Homozygous deletions within human chromosome band 9p21 in melanoma. Proc Natl 

Acad Sci U S A 89, 10557–10561. 10.1073/pnas.89.21.10557. 

176. Liggett, W.H., and Sidransky, D. (1998). Role of the p16 tumor suppressor gene in cancer. JCO 16, 1197–1206. 

10.1200/JCO.1998.16.3.1197. 

177. Nobori, T., Miura, K., Wu, D.J., Lois, A., Takabayashi, K., and Carson, D.A. (1994). Deletions of the cyclin-dependent 

kinase-4 inhibitor gene in multiple human cancers. Nature 368, 753–756. 10.1038/368753a0. 

178. Gruis, N.A., Weaver-Feldhaus, J., Liu, Q., Frye, C., Eeles, R., Orlow, I., Lacombe, L., Ponce-Castaneda, V., Lianes, P., and 

Latres, E. (1995). Genetic evidence in melanoma and bladder cancers that p16 and p53 function in separate pathways of tumor 

suppression. Am J Pathol 146, 1199–1206. 

179. López-Domínguez, J.A., Rodríguez-López, S., Ahumada-Castro, U., Desprez, P.-Y., Konovalenko, M., Laberge, R.-M., 

Cárdenas, C., Villalba, J.M., and Campisi, J. (2021). Cdkn1a transcript variant 2 is a marker of aging and cellular senescence. Aging 

(Albany NY) 13, 13380–13392. 10.18632/aging.203110. 

180. Serrano, M. (1997). The tumor suppressor protein p16INK4a. Exp Cell Res 237, 7–13. 10.1006/excr.1997.3824. 

181. Komata, T., Kanzawa, T., Takeuchi, H., Germano, I.M., Schreiber, M., Kondo, Y., and Kondo, S. (2003). Antitumour effect 

of cyclin-dependent kinase inhibitors (p16(INK4A), p18(INK4C), p19(INK4D), p21(WAF1/CIP1) and p27(KIP1)) on malignant glioma 

cells. Br J Cancer 88, 1277–1280. 10.1038/sj.bjc.6600862. 

182. Li, J., Poi, M.J., and Tsai, M.-D. (2011). Regulatory mechanisms of tumor suppressor P16(INK4A) and their relevance to 

cancer. Biochemistry 50, 5566–5582. 10.1021/bi200642e. 

183. Cilluffo, D., Barra, V., and Di Leonardo, A. (2020). P14ARF: The Absence that Makes the Difference. Genes (Basel) 11, 

E824. 10.3390/genes11070824. 

184. Serra, S., and Chetty, R. (2018). p16. Journal of Clinical Pathology 71, 853–858. 10.1136/jclinpath-2018-205216. 

185. Cooper, G.M. (2000). The Eukaryotic Cell Cycle. In The Cell: A Molecular Approach. 2nd edition (Sinauer Associates). 



178 | P a g e  
 

186. Alberts, B., Johnson, A., Lewis, J., Raff, M., Roberts, K., and Walter, P. (2002). An Overview of the Cell Cycle. In Molecular 

Biology of the Cell. 4th edition (Garland Science). 

187. Crosby, M.E. (2007). Cell Cycle: Principles of Control. Yale J Biol Med 80, 141–142. 

188. Barnum, K.J., and O’Connell, M.J. (2014). Cell Cycle Regulation by Checkpoints. Methods Mol Biol 1170, 29–40. 

10.1007/978-1-4939-0888-2_2. 

189. Weinberg, R.A. (1997). The Cat and Mouse Games That Genes, Viruses, and Cells Play. Cell 88, 573–575. 10.1016/S0092-

8674(00)81897-8. 

190. Parry, D., Bates, S., Mann, D.J., and Peters, G. (1995). Lack of cyclin D-Cdk complexes in Rb-negative cells correlates with 

high levels of p16INK4/MTS1 tumour suppressor gene product. EMBO J 14, 503–511. 

191. Ahlander, J., and Bosco, G. (2009). The RB/E2F pathway and regulation of RNA processing. Biochem Biophys Res 

Commun 384, 280–283. 10.1016/j.bbrc.2009.04.107. 

192. Sherr, C.J., and Roberts, J.M. (2004). Living with or without cyclins and cyclin-dependent kinases. Genes Dev 18, 2699–

2711. 10.1101/gad.1256504. 

193. Sun, P., Nallar, S.C., Raha, A., Kalakonda, S., Velalar, C.N., Reddy, S.P., and Kalvakolanu, D.V. (2010). GRIM-19 and 

p16(INK4a) synergistically regulate cell cycle progression and E2F1-responsive gene expression. J Biol Chem 285, 27545–27552. 

10.1074/jbc.M110.105767. 

194. Li, Y., Nichols, M.A., Shay, J.W., and Xiong, Y. (1994). Transcriptional repression of the D-type cyclin-dependent kinase 

inhibitor p16 by the retinoblastoma susceptibility gene product pRb. Cancer Res 54, 6078–6082. 

195. Sanchez-Cespedes, M., Reed, A.L., Buta, M., Wu, L., Westra, W.H., Herman, J.G., Yang, S.C., Jen, J., and Sidransky, D. 

(1999). Inactivation of the INK4A/ARF locus frequently coexists with TP53 mutations in non-small cell lung cancer. Oncogene 18, 

5843–5849. 10.1038/sj.onc.1203003. 

196. Sparmann, A., and van Lohuizen, M. (2006). Polycomb silencers control cell fate, development and cancer. Nat Rev 

Cancer 6, 846–856. 10.1038/nrc1991. 

197. Schwartz, Y.B., and Pirrotta, V. (2007). Polycomb silencing mechanisms and the management of genomic programmes. 

Nat Rev Genet 8, 9–22. 10.1038/nrg1981. 

198. Cao, R., and Zhang, Y. (2004). The functions of E(Z)/EZH2-mediated methylation of lysine 27 in histone H3. Curr Opin 

Genet Dev 14, 155–164. 10.1016/j.gde.2004.02.001. 

199. Bracken, A.P., Kleine-Kohlbrecher, D., Dietrich, N., Pasini, D., Gargiulo, G., Beekman, C., Theilgaard-Mönch, K., Minucci, 

S., Porse, B.T., Marine, J.-C., et al. (2007). The Polycomb group proteins bind throughout the INK4A-ARF locus and are disassociated 

in senescent cells. Genes Dev 21, 525–530. 10.1101/gad.415507. 

200. Jenkins, N.C., Liu, T., Cassidy, P., Leachman, S.A., Boucher, K.M., Goodson, A.G., Samadashwily, G., and Grossman, D. 

(2011). The p16INK4A tumor suppressor regulates cellular oxidative stress. Oncogene 30, 265–274. 10.1038/onc.2010.419. 

201. Kim, J., and Wong, P.K.Y. (2009). Oxidative stress is linked to ERK1/2-p16 signaling-mediated growth defect in ATM-

deficient astrocytes. J Biol Chem 284, 14396–14404. 10.1074/jbc.M808116200. 

202. Nishiwaki, E., Turner, S.L., Harju, S., Miyazaki, S., Kashiwagi, M., Koh, J., and Serizawa, H. (2000). Regulation of CDK7-

carboxyl-terminal domain kinase activity by the tumor suppressor p16(INK4A) contributes to cell cycle regulation. Mol Cell Biol 

20, 7726–7734. 10.1128/MCB.20.20.7726-7734.2000. 

203. Choi, B.Y., Choi, H.S., Ko, K., Cho, Y.-Y., Zhu, F., Kang, B.S., Ermakova, S.P., Ma, W.-Y., Bode, A.M., and Dong, Z. (2005). The 

tumor suppressor p16(INK4a) prevents cell transformation through inhibition of c-Jun phosphorylation and AP-1 activity. Nat 

Struct Mol Biol 12, 699–707. 10.1038/nsmb960. 

204. Serizawa, H. (1998). Cyclin-dependent kinase inhibitor p16INK4A inhibits phosphorylation of RNA polymerase II by 

general transcription factor TFIIH. J Biol Chem 273, 5427–5430. 10.1074/jbc.273.10.5427. 



179 | P a g e  
 

205. Lin, A.W., Barradas, M., Stone, J.C., Aelst, L. van, Serrano, M., and Lowe, S.W. (1998). Premature senescence involving 

p53 and p16 is activated in response to constitutive MEK/MAPK mitogenic signaling. Genes Dev. 12, 3008–3019. 

10.1101/gad.12.19.3008. 

206. Graves, B.J., and Petersen, J.M. (1998). Specificity within the ets family of transcription factors. Adv Cancer Res 75, 1–

55. 10.1016/s0065-230x(08)60738-1. 

207. Xiu, M., Kim, J., Sampson, E., Huang, C.-Y., Davis, R.J., Paulson, K.E., and Yee, A.S. (2003). The Transcriptional Repressor 

HBP1 Is a Target of the p38 Mitogen-Activated Protein Kinase Pathway in Cell Cycle Regulation. Mol Cell Biol 23, 8890–8901. 

10.1128/MCB.23.23.8890-8901.2003. 

208. Barradas, M., Anderton, E., Acosta, J.C., Li, S., Banito, A., Rodriguez-Niedenführ, M., Maertens, G., Banck, M., Zhou, M.-

M., Walsh, M.J., et al. (2009). Histone demethylase JMJD3 contributes to epigenetic control of INK4a/ARF by oncogenic RAS. Genes 

Dev 23, 1177–1182. 10.1101/gad.511109. 

209. Demaria, M., Ohtani, N., Youssef, S.A., Rodier, F., Toussaint, W., Mitchell, J.R., Laberge, R.-M., Vijg, J., Van Steeg, H., Dollé, 

M.E.T., et al. (2014). An Essential Role for Senescent Cells in Optimal Wound Healing through Secretion of PDGF-AA. Dev Cell 31, 

722–733. 10.1016/j.devcel.2014.11.012. 

210. Grosse, L., Wagner, N., Emelyanov, A., Molina, C., Lacas-Gervais, S., Wagner, K.-D., and Bulavin, D.V. (2020). Defined 

p16High Senescent Cell Types Are Indispensable for Mouse Healthspan. Cell Metab 32, 87-99.e6. 10.1016/j.cmet.2020.05.002. 

211. Matheu, A., Pantoja, C., Efeyan, A., Criado, L.M., Martín-Caballero, J., Flores, J.M., Klatt, P., and Serrano, M. (2004). 

Increased gene dosage of Ink4a/Arf results in cancer resistance and normal aging. Genes Dev 18, 2736–2746. 

10.1101/gad.310304. 

212. Wang, B., Wang, L., Gasek, N.S., Zhou, Y., Kim, T., Guo, C., Jellison, E.R., Haynes, L., Yadav, S., Tchkonia, T., et al. (2021). 

An inducible p21-Cre mouse model to monitor and manipulate p21-highly-expressing senescent cells in vivo. Nat Aging 1, 962–

973. 10.1038/s43587-021-00107-6. 

213. Chandra, A., Lagnado, A.B., Farr, J.N., Doolittle, M., Tchkonia, T., Kirkland, J.L., LeBrasseur, N.K., Robbins, P.D., 

Niedernhofer, L.J., Ikeno, Y., et al. (2022). Targeted clearance of p21- but not p16-positive senescent cells prevents radiation-

induced osteoporosis and increased marrow adiposity. Aging Cell 21, e13602. 10.1111/acel.13602. 

214. Sturmlechner, I., Zhang, C., Sine, C.C., van Deursen, E.-J., Jeganathan, K.B., Hamada, N., Grasic, J., Friedman, D., 

Stutchman, J.T., Can, I., et al. (2021). p21 produces a bioactive secretome that places stressed cells under immunosurveillance. 

Science 374, eabb3420. 10.1126/science.abb3420. 

215. Ogrodnik, M., Miwa, S., Tchkonia, T., Tiniakos, D., Wilson, C.L., Lahat, A., Day, C.P., Burt, A., Palmer, A., Anstee, Q.M., et 

al. (2017). Cellular senescence drives age-dependent hepatic steatosis. Nat Commun 8, 15691. 10.1038/ncomms15691. 

216. Bussian, T.J., Aziz, A., Meyer, C.F., Swenson, B.L., van Deursen, J.M., and Baker, D.J. (2018). Clearance of senescent glial 

cells prevents tau-dependent pathology and cognitive decline. Nature 562, 578–582. 10.1038/s41586-018-0543-y. 

217. Ogrodnik, M., Zhu, Y., Langhi, L.G.P., Tchkonia, T., Krüger, P., Fielder, E., Victorelli, S., Ruswhandi, R.A., Giorgadze, N., 

Pirtskhalava, T., et al. (2019). Obesity-Induced Cellular Senescence Drives Anxiety and Impairs Neurogenesis. Cell Metab 29, 1061-

1077.e8. 10.1016/j.cmet.2018.12.008. 

218. Anderson, R., Lagnado, A., Maggiorani, D., Walaszczyk, A., Dookun, E., Chapman, J., Birch, J., Salmonowicz, H., Ogrodnik, 

M., Jurk, D., et al. (2019). Length-independent telomere damage drives post-mitotic cardiomyocyte senescence. EMBO J 38, 

e100492. 10.15252/embj.2018100492. 

219. Lewis-McDougall, F.C., Ruchaya, P.J., Domenjo-Vila, E., Shin Teoh, T., Prata, L., Cottle, B.J., Clark, J.E., Punjabi, P.P., Awad, 

W., Torella, D., et al. (2019). Aged-senescent cells contribute to impaired heart regeneration. Aging Cell 18, e12931. 

10.1111/acel.12931. 

220. Ogrodnik, M., Evans, S.A., Fielder, E., Victorelli, S., Kruger, P., Salmonowicz, H., Weigand, B.M., Patel, A.D., Pirtskhalava, 

T., Inman, C.L., et al. (2021). Whole-body senescent cell clearance alleviates age-related brain inflammation and cognitive 

impairment in mice. Aging Cell 20, e13296. 10.1111/acel.13296. 



180 | P a g e  
 

221. Cohen, C., Le Goff, O., Soysouvanh, F., Vasseur, F., Tanou, M., Nguyen, C., Amrouche, L., Le Guen, J., Saltel-Fulero, O., 

Meunier, T., et al. (2021). Glomerular endothelial cell senescence drives age-related kidney disease through PAI-1. EMBO Mol Med 

13, e14146. 10.15252/emmm.202114146. 

222. Patil, P., Dong, Q., Wang, D., Chang, J., Wiley, C., Demaria, M., Lee, J., Kang, J., Niedernhofer, L.J., Robbins, P.D., et al. 

(2019). Systemic clearance of p16INK4a -positive senescent cells mitigates age-associated intervertebral disc degeneration. Aging 

Cell 18, e12927. 10.1111/acel.12927. 

223. Jeon, O.H., Kim, C., Laberge, R.-M., Demaria, M., Rathod, S., Vasserot, A.P., Chung, J.W., Kim, D.H., Poon, Y., David, N., et 

al. (2017). Local clearance of senescent cells attenuates the development of post-traumatic osteoarthritis and creates a pro-

regenerative environment. Nat Med 23, 775–781. 10.1038/nm.4324. 

224. Buj, R., Leon, K.E., Anguelov, M.A., and Aird, K.M. (2021). Suppression of p16 alleviates the senescence-associated 

secretory phenotype. Aging (Albany NY) 13, 3290–3312. 10.18632/aging.202640. 

225. Jeon, O.H., Mehdipour, M., Gil, T.-H., Kang, M., Aguirre, N.W., Robinson, Z.R., Kato, C., Etienne, J., Lee, H.G., Alimirah, F., 

et al. (2022). Systemic induction of senescence in young mice after single heterochronic blood exchange. Nat Metab. 

10.1038/s42255-022-00609-6. 

226. Shamloo, B., and Usluer, S. (2019). p21 in Cancer Research. Cancers (Basel) 11, 1178. 10.3390/cancers11081178. 

227. Buj, R., Chen, C.-W., Dahl, E.S., Leon, K.E., Kuskovsky, R., Maglakelidze, N., Navaratnarajah, M., Zhang, G., Doan, M.T., 

Jiang, H., et al. (2019). Suppression of p16 Induces mTORC1-Mediated Nucleotide Metabolic Reprogramming. Cell Rep 28, 1971-

1980.e8. 10.1016/j.celrep.2019.07.084. 

228. Damsky, W., Micevic, G., Meeth, K., Muthusamy, V., Curley, D.P., Santhanakrishnan, M., Erdelyi, I., Platt, J.T., Huang, L., 

Theodosakis, N., et al. (2015). mTORC1 activation blocks BrafV600E-induced growth arrest but is insufficient for melanoma 

formation. Cancer Cell 27, 41–56. 10.1016/j.ccell.2014.11.014. 

229. Dankort, D., Filenova, E., Collado, M., Serrano, M., Jones, K., and McMahon, M. (2007). A new mouse model to explore 

the initiation, progression, and therapy of BRAFV600E-induced lung tumors. Genes Dev 21, 379–384. 10.1101/gad.1516407. 

230. Goel, V.K., Ibrahim, N., Jiang, G., Singhal, M., Fee, S., Flotte, T., Westmoreland, S., Haluska, F.S., Hinds, P.W., and Haluska, 

F.G. (2009). Melanocytic nevus-like hyperplasia and melanoma in transgenic BRAFV600E mice. Oncogene 28, 2289–2298. 

10.1038/onc.2009.95. 

231. Haferkamp, S., Becker, T.M., Scurr, L.L., Kefford, R.F., and Rizos, H. (2008). p16INK4a-induced senescence is disabled by 

melanoma-associated mutations. Aging Cell 7, 733–745. 10.1111/j.1474-9726.2008.00422.x. 

232. Blanpain, C., and Fuchs, E. (2006). Epidermal Stem Cells of the Skin. Annual Review of Cell and Developmental Biology 

22, 339–373. 10.1146/annurev.cellbio.22.010305.104357. 

233. Kligman, A.M. (1979). Perspectives and Problems in Cutaneous Gerontology. Journal of Investigative Dermatology 73, 

39–46. 10.1111/1523-1747.ep12532758. 

234. Montagna, W., and Carlisle, K. (1979). Structural Changes in Aging Human Skin. Journal of Investigative Dermatology 73, 

47–53. 10.1111/1523-1747.ep12532761. 

235. Mimeault, M., and Batra, S.K. (2010). Recent advances on skin-resident stem/progenitor cell functions in skin 

regeneration, aging and cancers and novel anti-aging and cancer therapies. Journal of Cellular and Molecular Medicine 14, 116–

134. 10.1111/j.1582-4934.2009.00885.x. 

236. Debacq-Chainiaux, F., Borlon, C., Pascal, T., Royer, V., Eliaers, F., Ninane, N., Carrard, G., Friguet, B., de Longueville, F., 

Boffe, S., et al. (2005). Repeated exposure of human skin fibroblasts to UVB at subcytotoxic level triggers premature senescence 

through the TGF-β1 signaling pathway. Journal of Cell Science 118, 743–758. 10.1242/jcs.01651. 

237. Lewis, D.A., Yi, Q., Travers, J.B., and Spandau, D.F. (2008). UVB-induced Senescence in Human Keratinocytes Requires a 

Functional Insulin-like Growth Factor-1 Receptor and p53. MBoC 19, 1346–1353. 10.1091/mbc.e07-10-1041. 



181 | P a g e  
 

238. McCart, E.A., Thangapazham, R.L., Lombardini, E.D., Mog, S.R., Panganiban, R.A.M., Dickson, K.M., Mansur, R.A., Nagy, 

V., Kim, S.-Y., Selwyn, R., et al. (2017). Accelerated senescence in skin in a murine model of radiation-induced multi-organ injury. 

Journal of Radiation Research 58, 636–646. 10.1093/jrr/rrx008. 

239. Scholes, A.G., Liloglou, T., Maloney, P., Hagan, S., Nunn, J., Hiscott, P., Damato, B.E., Grierson, I., and Field, J.K. (2001). 

Loss of heterozygosity on chromosomes 3, 9, 13, and 17, including the retinoblastoma locus, in uveal melanoma. Invest 

Ophthalmol Vis Sci 42, 2472–2477. 

240. Castellano, M., Pollock, P.M., Walters, M.K., Sparrow, L.E., Down, L.M., Gabrielli, B.G., Parsons, P.G., and Hayward, N.K. 

(1997). CDKN2A/p16 is inactivated in most melanoma cell lines. Cancer Res 57, 4868–4875. 

241. Funk, J.O., Schiller, P.I., Barrett, M.T., Wong, D.J., Kind, P., and Sander, C.A. (1998). p16INK4a expression is frequently 

decreased and associated with 9p21 loss of heterozygosity in sporadic melanoma. J Cutan Pathol 25, 291–296. 10.1111/j.1600-

0560.1998.tb01748.x. 

242. Straume, O., Sviland, L., and Akslen, L.A. (2000). Loss of nuclear p16 protein expression correlates with increased tumor 

cell proliferation (Ki-67) and poor prognosis in patients with vertical growth phase melanoma. Clin Cancer Res 6, 1845–1853. 

243. Mihic-Probst, D., Mnich, C.D., Oberholzer, P.A., Seifert, B., Sasse, B., Moch, H., and Dummer, R. (2006). p16 expression 

in primary malignant melanoma is associated with prognosis and lymph node status. International Journal of Cancer 118, 2262–

2268. 10.1002/ijc.21608. 

244. Tyagi, E., Liu, B., Li, C., Liu, T., Rutter, J., and Grossman, D. (2017). Loss of p16INK4A stimulates aberrant mitochondrial 

biogenesis through a CDK4/Rb-independent pathway. Oncotarget 8, 55848–55862. 10.18632/oncotarget.19862. 

245. Al-Khalaf, H.H., Mohideen, P., Nallar, S.C., Kalvakolanu, D.V., and Aboussekhra, A. (2013). The cyclin-dependent kinase 

inhibitor p16INK4a physically interacts with transcription factor Sp1 and cyclin-dependent kinase 4 to transactivate microRNA-141 

and microRNA-146b-5p spontaneously and in response to ultraviolet light-induced DNA damage. J Biol Chem 288, 35511–35525. 

10.1074/jbc.M113.512640. 

246. Jun, J.-I., and Lau, L.F. (2010). The matricellular protein CCN1 induces fibroblast senescence and restricts fibrosis in 

cutaneous wound healing. Nat Cell Biol 12, 676–685. 10.1038/ncb2070. 

247. Natarajan, E., Omobono, J.D., Jones, J.C., and Rheinwald, J.G. (2005). Co-expression of p16INK4A and laminin 5 by 

keratinocytes: a wound-healing response coupling hypermotility with growth arrest that goes awry during epithelial neoplastic 

progression. J Investig Dermatol Symp Proc 10, 72–85. 10.1111/j.1087-0024.2005.200415.x. 

248. Pavey, S., Conroy, S., Russell, T., and Gabrielli, B. (1999). Ultraviolet Radiation Induces p16CDKN2A Expression in Human 

Skin1. Cancer Research 59, 4185–4189. 

249. Adam, R.C., and Fuchs, E. (2016). The Yin and Yang of Chromatin Dynamics In Stem Cell Fate Selection. Trends Genet 32, 

89–100. 10.1016/j.tig.2015.11.002. 

250. Perdigoto, C.N., Valdes, V.J., Bardot, E.S., and Ezhkova, E. (2014). Epigenetic regulation of epidermal differentiation. Cold 

Spring Harb Perspect Med 4, a015263. 10.1101/cshperspect.a015263. 

251. Botchkarev, V.A., Gdula, M.R., Mardaryev, A.N., Sharov, A.A., and Fessing, M.Y. (2012). Epigenetic regulation of gene 

expression in keratinocytes. J Invest Dermatol 132, 2505–2521. 10.1038/jid.2012.182. 

252. Eckert, R.L., Adhikary, G., Rorke, E.A., Chew, Y.C., and Balasubramanian, S. (2011). Polycomb group proteins are key 

regulators of keratinocyte function. J Invest Dermatol 131, 295–301. 10.1038/jid.2010.318. 

253. Avgustinova, A., and Benitah, S.A. (2016). Epigenetic control of adult stem cell function. Nat Rev Mol Cell Biol 17, 643–

658. 10.1038/nrm.2016.76. 

254. Langlands, K., Down, G.A., and Kealey, T. (2000). Id proteins are dynamically expressed in normal epidermis and 

dysregulated in squamous cell carcinoma. Cancer Res 60, 5929–5933. 

255. D’Arcangelo, D., Tinaburri, L., and Dellambra, E. (2017). The Role of p16INK4a Pathway in Human Epidermal Stem Cell 

Self-Renewal, Aging and Cancer. Int J Mol Sci 18, 1591. 10.3390/ijms18071591. 



182 | P a g e  
 

256. Chen, X., Wang, Z., Duan, N., Zhu, G., Schwarz, E.M., and Xie, C. (2018). Osteoblast-Osteoclast Interactions. Connect 

Tissue Res 59, 99–107. 10.1080/03008207.2017.1290085. 

257. Jilka, R.L., and O’Brien, C.A. (2016). The Role of Osteocytes in Age-Related Bone Loss. Curr Osteoporos Rep 14, 16–25. 

10.1007/s11914-016-0297-0. 

258. Almeida, M., Han, L., Martin-Millan, M., Plotkin, L.I., Stewart, S.A., Roberson, P.K., Kousteni, S., O’Brien, C.A., Bellido, T., 

Parfitt, A.M., et al. (2007). Skeletal involution by age-associated oxidative stress and its acceleration by loss of sex steroids. J Biol 

Chem 282, 27285–27297. 10.1074/jbc.M702810200. 

259. Glatt, V., Canalis, E., Stadmeyer, L., and Bouxsein, M.L. (2007). Age-related changes in trabecular architecture differ in 

female and male C57BL/6J mice. J Bone Miner Res 22, 1197–1207. 10.1359/jbmr.070507. 

260. Piemontese, M., Almeida, M., Robling, A.G., Kim, H.-N., Xiong, J., Thostenson, J.D., Weinstein, R.S., Manolagas, S.C., 

O’Brien, C.A., and Jilka, R.L. (2017). Old age causes de novo intracortical bone remodeling and porosity in mice. JCI Insight 2, 

93771. 10.1172/jci.insight.93771. 

261. Ucer, S., Iyer, S., Kim, H.-N., Han, L., Rutlen, C., Allison, K., Thostenson, J.D., de Cabo, R., Jilka, R.L., O’Brien, C., et al. 

(2017). The Effects of Aging and Sex Steroid Deficiency on the Murine Skeleton Are Independent and Mechanistically Distinct. J 

Bone Miner Res 32, 560–574. 10.1002/jbmr.3014. 

262. Marie, P.J. (2014). Bone Cell Senescence: Mechanisms and Perspectives. Journal of Bone and Mineral Research 29, 

1311–1321. 10.1002/jbmr.2190. 

263. Baron, R., and Kneissel, M. (2013). WNT signaling in bone homeostasis and disease: from human mutations to 

treatments. Nat Med 19, 179–192. 10.1038/nm.3074. 

264. Farr, J.N., Fraser, D.G., Wang, H., Jaehn, K., Ogrodnik, M.B., Weivoda, M.M., Drake, M.T., Tchkonia, T., LeBrasseur, N.K., 

Kirkland, J.L., et al. (2016). Identification of Senescent Cells in the Bone Microenvironment. J Bone Miner Res 31, 1920–1929. 

10.1002/jbmr.2892. 

265. Kim, H.-N., Chang, J., Shao, L., Han, L., Iyer, S., Manolagas, S.C., O’Brien, C.A., Jilka, R.L., Zhou, D., and Almeida, M. (2017). 

DNA damage and senescence in osteoprogenitors expressing Osx1 may cause their decrease with age. Aging Cell 16, 693–703. 

10.1111/acel.12597. 

266. Farr, J.N., Xu, M., Weivoda, M.M., Monroe, D.G., Fraser, D.G., Onken, J.L., Negley, B.A., Sfeir, J.G., Ogrodnik, M.B., 

Hachfeld, C.M., et al. (2017). Targeting cellular senescence prevents age-related bone loss in mice. Nat Med 23, 1072–1079. 

10.1038/nm.4385. 

267. Kim, H.-N., Chang, J., Iyer, S., Han, L., Campisi, J., Manolagas, S.C., Zhou, D., and Almeida, M. (2019). Elimination of 

senescent osteoclast progenitors has no effect on the age-associated loss of bone mass in mice. Aging Cell 18, e12923. 

10.1111/acel.12923. 

268. Peng, S., Chen, X., Huang, C., Yang, C., Situ, M., Zhou, Q., Ling, Y., Huang, H., Huang, M., Zhang, Y., et al. (2022). UBE2S 

as a novel ubiquitinated regulator of p16 and β-catenin to promote bone metastasis of prostate cancer. Int J Biol Sci 18, 3528–

3543. 10.7150/ijbs.72629. 

269. Harris, A.S., Thomas, R.G., and Passant, C.D. (2018). Do patients with p16-positive oropharyngeal squamous cell 

carcinoma get more bone metastasis than p16-negative patients? The Journal of Laryngology & Otology 132, 429–433. 

10.1017/S0022215118000051. 

270. Righi, A., Gambarotti, M., Sbaraglia, M., Sisto, A., Ferrari, S., Dei Tos, A.P., and Picci, P. (2016). p16 expression as a 

prognostic and predictive marker in high-grade localized osteosarcoma of the extremities: an analysis of 357 cases. Hum Pathol 

58, 15–23. 10.1016/j.humpath.2016.07.023. 

271. Li, J., Karim, M.A., Che, H., Geng, Q., and Miao, D. Deletion of p16 prevents estrogen deficiency-induced osteoporosis 

by inhibiting oxidative stress and osteocyte senescence. 12. 



183 | P a g e  
 

272. Ding, Q., Liu, H., Liu, L., Ma, C., Qin, H., Wei, Y., and Ren, Y. Deletion of p16 accelerates fracture healing in geriatric mice. 

19. 

273. Mercado, N., Ito, K., and Barnes, P.J. (2015). Accelerated ageing of the lung in COPD: new concepts. Thorax 70, 482–489. 

10.1136/thoraxjnl-2014-206084. 

274. Fukuchi, Y. (2009). The aging lung and chronic obstructive pulmonary disease: similarity and difference. Proc Am Thorac 

Soc 6, 570–572. 10.1513/pats.200909-099RM. 

275. John-Schuster, G., Günter, S., Hager, K., Conlon, T.M., Eickelberg, O., and Yildirim, A.Ö. (2016). Inflammaging increases 

susceptibility to cigarette smoke-induced COPD. Oncotarget 7, 30068–30083. 10.18632/oncotarget.4027. 

276. Meiners, S., Eickelberg, O., and Königshoff, M. (2015). Hallmarks of the ageing lung. Eur Respir J 45, 807–827. 

10.1183/09031936.00186914. 

277. Selman, M., Buendía-Roldán, I., and Pardo, A. (2016). Aging and Pulmonary Fibrosis. Rev Invest Clin 68, 75–83. 

278. Venosa, A. (2020). Senescence in Pulmonary Fibrosis: Between Aging and Exposure. Front Med (Lausanne) 7, 606462. 

10.3389/fmed.2020.606462. 

279. KHERADMAND, F., YOU, R., HEE GU, B., and CORRY, D.B. (2017). Cigarette Smoke and DNA Cleavage Promote Lung 

Inflammation and Emphysema. Trans Am Clin Climatol Assoc 128, 222–233. 

280. Nyunoya, T., Monick, M.M., Klingelhutz, A.L., Glaser, H., Cagley, J.R., Brown, C.O., Matsumoto, E., Aykin-Burns, N., Spitz, 

D.R., Oshima, J., et al. (2009). Cigarette Smoke Induces Cellular Senescence via Werner’s Syndrome Protein Down-regulation. Am 

J Respir Crit Care Med 179, 279–287. 10.1164/rccm.200802-320OC. 

281. Nyunoya, T., Monick, M.M., Klingelhutz, A., Yarovinsky, T.O., Cagley, J.R., and Hunninghake, G.W. (2006). Cigarette Smoke 

Induces Cellular Senescence. Am J Respir Cell Mol Biol 35, 681–688. 10.1165/rcmb.2006-0169OC. 

282. Rashid, K., Sundar, I.K., Gerloff, J., Li, D., and Rahman, I. (2018). Lung cellular senescence is independent of aging in a 

mouse model of COPD/emphysema. Sci Rep 8, 9023. 10.1038/s41598-018-27209-3. 

283. Cottage, C.T., Peterson, N., Kearley, J., Berlin, A., Xiong, X., Huntley, A., Zhao, W., Brown, C., Migneault, A., Zerrouki, K., 

et al. (2019). Targeting p16-induced senescence prevents cigarette smoke-induced emphysema by promoting IGF1/Akt1 signaling 

in mice. Commun Biol 2, 1–11. 10.1038/s42003-019-0532-1. 

284. Wang, C.-W., Wu, T.-I., Yu, C.-T., Wu, Y.-C., Teng, Y.-H., Chin, S.-Y., Lai, C.-H., and Chen, T.-C. (2009). Usefulness of p16 for 

differentiating primary pulmonary squamous cell carcinoma from cervical squamous cell carcinoma metastatic to the lung. Am J 

Clin Pathol 131, 715–722. 10.1309/AJCPTPBC6V5KUITM. 

285. Belinsky, S.A., Nikula, K.J., Palmisano, W.A., Michels, R., Saccomanno, G., Gabrielson, E., Baylin, S.B., and Herman, J.G. 

(1998). Aberrant methylation of p16(INK4a) is an early event in lung cancer and a potential biomarker for early diagnosis. Proc 

Natl Acad Sci U S A 95, 11891–11896. 10.1073/pnas.95.20.11891. 

286. Okamoto, A., Hussain, S.P., Hagiwara, K., Spillare, E.A., Rusin, M.R., Demetrick, D.J., Serrano, M., Hannon, G.J., Shiseki, 

M., Zariwala, M., et al. (1995). Mutations in the p16INK4/MTS1/CDKN2, p15INK4B/MTS2, and p18 Genes in Primary and 

Metastatic Lung Cancer1. Cancer Research 55, 1448–1451. 

287. Tong, J., Sun, X., Cheng, H., Zhao, D., Ma, J., Zhen, Q., Cao, Y., Zhu, H., and Bai, J. (2011). Expression of p16 in non-small 

cell lung cancer and its prognostic significance: A meta-analysis of published literatures. Lung Cancer 74, 155–163. 

10.1016/j.lungcan.2011.04.019. 

288. p16 Regulation of Lung Epithelial Cell Growth, Repair after Injury and Transformation - ProQuest 

https://www.proquest.com/openview/c4b38b5ea3ce9a758bbacff031039f5c/1?pq-origsite=gscholar&cbl=18750&diss=y. 

289. Mochel, N.R. de, Cheong, K.N., Cassandras, M., Wang, C., Krasilnikov, M., Matatia, P., Molofsky, A., Campisi, J., and Peng, 

T. (2020). Sentinel p16INK4a+ cells in the basement membrane form a reparative niche in the lung. 2020.06.10.142893. 

10.1101/2020.06.10.142893. 



184 | P a g e  
 

290. Molofsky, A.V., Slutsky, S.G., Joseph, N.M., He, S., Pardal, R., Krishnamurthy, J., Sharpless, N.E., and Morrison, S.J. (2006). 

Increasing p16INK4a expression decreases forebrain progenitors and neurogenesis during ageing. Nature 443, 448–452. 

10.1038/nature05091. 

291. Song, P., An, J., and Zou, M.-H. (2020). Immune Clearance of Senescent Cells to Combat Ageing and Chronic Diseases. 

Cells 9, E671. 10.3390/cells9030671. 

292. Lok, K., Zhao, H., Shen, H., Wang, Z., Gao, X., Zhao, W., and Yin, M. (2013). Characterization of the APP/PS1 mouse model 

of Alzheimer’s disease in senescence accelerated background. Neuroscience Letters 557, 84–89. 10.1016/j.neulet.2013.10.051. 

293. Dorigatti, A.O., Riordan, R., Yu, Z., Ross, G., Wang, R., Reynolds-Lallement, N., Magnusson, K., Galvan, V., and Perez, V.I. 

(2022). Brain cellular senescence in mouse models of Alzheimer’s disease. GeroScience, 1–13. 10.1007/s11357-022-00531-5. 

294. Musi, N., Valentine, J.M., Sickora, K.R., Baeuerle, E., Thompson, C.S., Shen, Q., and Orr, M.E. (2018). Tau protein 

aggregation is associated with cellular senescence in the brain. Aging Cell 17, e12840. 10.1111/acel.12840. 

295. Ramsden, M., Kotilinek, L., Forster, C., Paulson, J., McGowan, E., SantaCruz, K., Guimaraes, A., Yue, M., Lewis, J., Carlson, 

G., et al. (2005). Age-Dependent Neurofibrillary Tangle Formation, Neuron Loss, and Memory Impairment in a Mouse Model of 

Human Tauopathy (P301L). J. Neurosci. 25, 10637–10647. 10.1523/JNEUROSCI.3279-05.2005. 

296. Mv, S., and Hv, V. (2010). Astrocytes: biology and pathology. Acta neuropathologica 119. 10.1007/s00401-009-0619-8. 

297. Mm, H., T, F., and Pg, H. (2009). Tripartite synapses: roles for astrocytic purines in the control of synaptic physiology and 

behavior. Neuropharmacology 57. 10.1016/j.neuropharm.2009.06.031. 

298. M, P., S, G.-M., E, R.-F., C, S., and R, C. (2007). Astrocytes aged in vitro show a decreased neuroprotective capacity. Journal 

of neurochemistry 101. 10.1111/j.1471-4159.2006.04369.x. 

299. Cohen, J., and Torres, C. (2019). Astrocyte senescence: Evidence and significance. Aging Cell 18, e12937. 

10.1111/acel.12937. 

300. Bhat, R., Crowe, E.P., Bitto, A., Moh, M., Katsetos, C.D., Garcia, F.U., Johnson, F.B., Trojanowski, J.Q., Sell, C., and Torres, 

C. (2012). Astrocyte Senescence as a Component of Alzheimer’s Disease. PLoS One 7, e45069. 10.1371/journal.pone.0045069. 

301. Jen, J., Harper, J.W., Bigner, S.H., Bigner, D.D., Papadopoulos, N., Markowitz, S., Willson, J.K.V., Kinzler, K.W., and 

Vogelstein, B. (1994). Deletion of p16 and p15 Genes in Brain Tumors1. Cancer Research 54, 6353–6358. 

302. Ueki, K., Ono, Y., Henson, J.W., Efird, J.T., von Deimling, A., and Louis, D.N. (1996). CDKN2/p16 or RB Alterations Occur in 

the Majority of Glioblastomas and Are Inversely Correlated1. Cancer Research 56, 150–153. 

303. Park, J.W., Kang, J., Lim, K.Y., Kim, H., Kim, S.-I., Won, J.K., Park, C.-K., and Park, S.-H. (2021). The prognostic significance 

of p16 expression pattern in diffuse gliomas. J Pathol Transl Med 55, 102–111. 10.4132/jptm.2020.10.22. 

304. Fueyo, J., Gomez-Manzano, C., Puduvalli, V.K., Martin-Duque, P., Perez-Soler, R., Levin, V.A., Yung, W.K., and Kyritsis, A.P. 

(1998). Adenovirus-mediated p16 transfer to glioma cells induces G1 arrest and protects from paclitaxel and topotecan: 

implications for therapy. International Journal of Oncology 12, 665–674. 10.3892/ijo.12.3.665. 

305. Kranenburg, O., van der Eb, A.J., and Zantema, A. (1996). Cyclin D1 is an essential mediator of apoptotic neuronal cell 

death. EMBO J 15, 46–54. 

306. Kfoury, N., Sun, T., Yu, K., Rockwell, N., Tinkum, K.L., Qi, Z., Warrington, N.M., McDonald, P., Roy, A., Weir, S.J., et al. 

(2018). Cooperative p16 and p21 action protects female astrocytes from transformation. Acta Neuropathologica Communications 

6, 12. 10.1186/s40478-018-0513-5. 

307. Yabluchanskiy, A., Tarantini, S., Balasubramanian, P., Kiss, T., Csipo, T., Fülöp, G.A., Lipecz, A., Ahire, C., DelFavero, J., 

Nyul-Toth, A., et al. (2020). Pharmacological or genetic depletion of senescent astrocytes prevents whole brain irradiation–

induced impairment of neurovascular coupling responses protecting cognitive function in mice. GeroScience 42, 409–428. 

10.1007/s11357-020-00154-8. 



185 | P a g e  
 

308. Qian, J., Wang, X., Cao, J., Zhang, W., Lu, C., and Chen, X. (2021). Dihydromyricetin attenuates D-galactose-induced brain 

aging of mice via inhibiting oxidative stress and neuroinflammation. Neuroscience Letters 756, 135963. 

10.1016/j.neulet.2021.135963. 

309. Torella, D., Rota, M., Nurzynska, D., Musso, E., Monsen, A., Shiraishi, I., Zias, E., Walsh, K., Rosenzweig, A., Sussman, 

M.A., et al. (2004). Cardiac stem cell and myocyte aging, heart failure, and insulin-like growth factor-1 overexpression. Circ Res 

94, 514–524. 10.1161/01.RES.0000117306.10142.50. 

310. Chimenti, C., Kajstura, J., Torella, D., Urbanek, K., Heleniak, H., Colussi, C., Di Meglio, F., Nadal-Ginard, B., Frustaci, A., 

Leri, A., et al. (2003). Senescence and Death of Primitive Cells and Myocytes Lead to Premature Cardiac Aging and Heart Failure. 

Circulation Research 93, 604–613. 10.1161/01.RES.0000093985.76901.AF. 

311. Kajstura, J., Pertoldi, B., Leri, A., Beltrami, C.A., Deptala, A., Darzynkiewicz, Z., and Anversa, P. (2000). Telomere 

shortening is an in vivo marker of myocyte replication and aging. Am J Pathol 156, 813–819. 10.1016/S0002-9440(10)64949-8. 

312. Matthews, C., Gorenne, I., Scott, S., Figg, N., Kirkpatrick, P., Ritchie, A., Goddard, M., and Bennett, M. (2006). Vascular 

Smooth Muscle Cells Undergo Telomere-Based Senescence in Human Atherosclerosis. Circulation Research 99, 156–164. 

10.1161/01.RES.0000233315.38086.bc. 

313. Cianflone, E., Torella, M., Biamonte, F., De Angelis, A., Urbanek, K., Costanzo, F.S., Rota, M., Ellison-Hughes, G.M., and 

Torella, D. (2020). Targeting Cardiac Stem Cell Senescence to Treat Cardiac Aging and Disease. Cells 9, E1558. 

10.3390/cells9061558. 

314. Epstein, J.A. (2019). A Time to Press Reset and Regenerate Cardiac Stem Cell Biology. JAMA Cardiol 4, 95–96. 

10.1001/jamacardio.2018.4435. 

315. Shi, J., Sun, J., Liu, L., Shan, T., Meng, H., Yang, T., Wang, S., Wei, T., Chen, B., Ma, Y., et al. (2022). P16ink4a overexpression 

ameliorates cardiac remodeling of mouse following myocardial infarction via CDK4/pRb pathway. Biochem Biophys Res Commun 

595, 62–68. 10.1016/j.bbrc.2022.01.077. 

316. Joosten, S.A., van Ham, V., Nolan, C.E., Borrias, M.C., Jardine, A.G., Shiels, P.G., van Kooten, C., and Paul, L.C. (2003). 

Telomere Shortening and Cellular Senescence in a Model of Chronic Renal Allograft Rejection. The American Journal of Pathology 

162, 1305–1312. 10.1016/S0002-9440(10)63926-0. 

317. Chkhotua, A.B., Gabusi, E., Altimari, A., D’Errico, A., Yakubovich, M., Vienken, J., Stefoni, S., Chieco, P., Yussim, A., and 

Grigioni, W.F. (2003). Increased expression of p16(INK4a) and p27(Kip1) cyclin-dependent kinase inhibitor genes in aging human 

kidney and chronic allograft nephropathy. American Journal of Kidney Diseases 41, 1303–1313. 10.1016/S0272-6386(03)00363-

9. 

318. Melk, A., Schmidt, B.M.W., Vongwiwatana, A., Rayner, D.C., and Halloran, P.F. (2005). Increased Expression of 

Senescence-Associated Cell Cycle Inhibitor p16INK4a in Deteriorating Renal Transplants and Diseased Native Kidney. American 

Journal of Transplantation 5, 1375–1382. 10.1111/j.1600-6143.2005.00846.x. 

319. Melk, A., Schmidt, B.M.W., Takeuchi, O., Sawitzki, B., Rayner, D.C., and Halloran, P.F. (2004). Expression of p16INK4a and 

other cell cycle regulator and senescence associated genes in aging human kidney. Kidney International 65, 510–520. 

10.1111/j.1523-1755.2004.00438.x. 

320. Sis, B., Tasanarong, A., Khoshjou, F., Dadras, F., Solez, K., and Halloran, P.F. (2007). Accelerated expression of senescence 

associated cell cycle inhibitor p16INK4A in kidneys with glomerular disease. Kidney International 71, 218–226. 

10.1038/sj.ki.5002039. 

321. Westhoff, J.H., Hilgers, K.F., Steinbach, M.P., Hartner, A., Klanke, B., Amann, K., and Melk, A. (2008). Hypertension 

induces somatic cellular senescence in rats and humans by induction of cell cycle inhibitor p16INK4a. Hypertension 52, 123–129. 

10.1161/HYPERTENSIONAHA.107.099432. 

322. Liu, J., Yang, J.-R., Chen, X.-M., Cai, G.-Y., Lin, L.-R., and He, Y.-N. (2015). Impact of ER stress-regulated ATF4/p16 signaling 

on the premature senescence of renal tubular epithelial cells in diabetic nephropathy. American Journal of Physiology-Cell 

Physiology 308, C621–C630. 10.1152/ajpcell.00096.2014. 



186 | P a g e  
 

323. Gu, X., Peng, C.-Y., Lin, S.-Y., Qin, Z.-Y., Liang, J.-L., Chen, H.-J., Hou, C.-X., Wang, R., Du, Y.-Q., Jin, J.-L., et al. (2019). 

P16INK4a played a critical role in exacerbating acute tubular necrosis in acute kidney injury. Am J Transl Res 11, 3850–3861. 

324. Jin, J., Tao, J., Gu, X., Yu, Z., Wang, R., Zuo, G., Li, Q., Lv, X., and Miao, D. (2017). P16 INK4a Deletion Ameliorated Renal 

Tubulointerstitial Injury in a Stress-induced Premature Senescence Model of Bmi-1 Deficiency. Sci Rep 7, 7502. 10.1038/s41598-

017-06868-8. 

325. Baiocchi, L., Glaser, S., Francis, H., Kennedy, L., Felli, E., Alpini, G., and Gracia-Sancho, J. (2021). Impact of Aging on Liver 

Cells and Liver Disease: Focus on the Biliary and Vascular Compartments. Hepatology Communications 5, 1125–1137. 

10.1002/hep4.1725. 

326. Kim, H., Kisseleva, T., and Brenner, D.A. (2015). Aging and liver disease. Curr Opin Gastroenterol 31, 184–191. 

10.1097/MOG.0000000000000176. 

327. Aravinthan, A.D., and Alexander, G.J.M. (2016). Senescence in chronic liver disease: Is the future in aging? J Hepatol 65, 

825–834. 10.1016/j.jhep.2016.05.030. 

328. Zhu, C., Ikemoto, T., Utsunomiya, T., Yamada, S., Morine, Y., Imura, S., Arakawa, Y., Takasu, C., Ishikawa, D., and Shimada, 

M. (2014). Senescence-related genes possibly responsible for poor liver regeneration after hepatectomy in elderly patients. 

Journal of Gastroenterology and Hepatology 29, 1102–1108. 10.1111/jgh.12468. 

329. Sawada, N. (1989). Hepatocytes from old rats retain responsiveness of c-myc expression to EGF in primary culture but 

do not enter S phase. Exp Cell Res 181, 584–588. 10.1016/0014-4827(89)90115-8. 

330. Maeso-Díaz, R., Ortega-Ribera, M., Fernández-Iglesias, A., Hide, D., Muñoz, L., Hessheimer, A.J., Vila, S., Francés, R., 

Fondevila, C., Albillos, A., et al. (2018). Effects of aging on liver microcirculatory function and sinusoidal phenotype. Aging Cell 17, 

e12829. 10.1111/acel.12829. 

331. Omori, S., Wang, T.-W., Johmura, Y., Kanai, T., Nakano, Y., Kido, T., Susaki, E.A., Nakajima, T., Shichino, S., Ueha, S., et al. 

(2020). Generation of a p16 Reporter Mouse and Its Use to Characterize and Target p16high Cells In Vivo. Cell Metabolism 32, 

814-828.e6. 10.1016/j.cmet.2020.09.006. 

332. González-Navarro, H., Vinué, Á., Sanz, M.J., Delgado, M., Pozo, M.A., Serrano, M., Burks, D.J., and Andrés, V. (2013). 

Increased dosage of Ink4/Arf protects against glucose intolerance and insulin resistance associated with aging. Aging Cell 12, 102–

111. 10.1111/acel.12023. 

333. Pal, A., Potjer, T.P., Thomsen, S.K., Ng, H.J., Barrett, A., Scharfmann, R., James, T.J., Bishop, D.T., Karpe, F., Godsland, I.F., 

et al. (2016). Loss-of-Function Mutations in the Cell-Cycle Control Gene CDKN2A Impact on Glucose Homeostasis in Humans. 

Diabetes 65, 527–533. 10.2337/db15-0602. 

334. Bantubungi, K., Hannou, S.-A., Caron-Houde, S., Vallez, E., Baron, M., Lucas, A., Bouchaert, E., Paumelle, R., Tailleux, A., 

and Staels, B. (2014). Cdkn2a/p16Ink4a regulates fasting-induced hepatic gluconeogenesis through the PKA-CREB-PGC1α 

pathway. Diabetes 63, 3199–3209. 10.2337/db13-1921. 

335. Deleye, Y., Cotte, A.K., Hannou, S.A., Hennuyer, N., Bernard, L., Derudas, B., Caron, S., Legry, V., Vallez, E., Dorchies, E., 

et al. (2020). CDKN2A/p16INK4a suppresses hepatic fatty acid oxidation through the AMPKα2-SIRT1-PPARα signaling pathway. 

Journal of Biological Chemistry 295, 17310–17322. 10.1074/jbc.RA120.012543. 

336. Zhang, X., Xu, G.B., Zhou, D., and Pan, Y.-X. (2018). High-fat diet modifies expression of hepatic cellular senescence gene 

p16(INK4a) through chromatin modifications in adult male rats. Genes & Nutrition 13, 6. 10.1186/s12263-018-0595-5. 

337. Kyritsi, K., Francis, H., Zhou, T., Ceci, L., Wu, N., Yang, Z., Meng, F., Chen, L., Baiocchi, L., Kundu, D., et al. (2020). 

Downregulation of p16 Decreases Biliary Damage and Liver Fibrosis in the Mdr2−/− Mouse Model of Primary Sclerosing 

Cholangitis. Gene Expr 20, 89–103. 10.3727/105221620X15889714507961. 

338. Lv, F., Li, N., Kong, M., Wu, J., Fan, Z., Miao, D., Xu, Y., Ye, Q., and Wang, Y. (2020). CDKN2a/p16 Antagonizes Hepatic 

Stellate Cell Activation and Liver Fibrosis by Modulating ROS Levels. Front Cell Dev Biol 8, 176. 10.3389/fcell.2020.00176. 



187 | P a g e  
 

339. Zang, J.-J., Xie, F., Xu, J.-F., Qin, Y.-Y., Shen, R.-X., Yang, J.-M., and He, J. (2011). P16 gene hypermethylation and 

hepatocellular carcinoma: A systematic review and meta-analysis. World J Gastroenterol 17, 3043–3048. 

10.3748/wjg.v17.i25.3043. 

340. Wong, I.H.N., Dennis Lo, Y.M., Zhang, J., Liew, C.-T., Ng, M.H.L., Wong, N., Lai, P.B.S., Lau, W.Y., Hjelm, N.M., and Johnson, 

P.J. (1999). Detection of Aberrant p16 Methylation in the Plasma and Serum of Liver Cancer Patients1. Cancer Research 59, 71–

73. 

341. Chikenji, T.S., Saito, Y., Konari, N., Nakano, M., Mizue, Y., Otani, M., and Fujimiya, M. (2019). p16INK4A-expressing 

mesenchymal stromal cells restore the senescence–clearance–regeneration sequence that is impaired in chronic muscle 

inflammation. eBioMedicine 44, 86–97. 10.1016/j.ebiom.2019.05.012. 

342. Rossant, J., and Tam, P.P.L. (2017). New Insights into Early Human Development: Lessons for Stem Cell Derivation and 

Differentiation. Cell Stem Cell 20, 18–28. 10.1016/j.stem.2016.12.004. 

343. Arnold, S.J., and Robertson, E.J. (2009). Making a commitment: cell lineage allocation and axis patterning in the early 

mouse embryo. Nat Rev Mol Cell Biol 10, 91–103. 10.1038/nrm2618. 

344. Copp, A.J., and Greene, N.D.E. (2010). Genetics and development of neural tube defects. J Pathol 220, 217–230. 

10.1002/path.2643. 

345. Bruneau, B.G. (2008). The developmental genetics of congenital heart disease. Nature 451, 943–948. 

10.1038/nature06801. 

346. Dressler, G.R. (2009). Advances in early kidney specification, development and patterning. Development 136, 3863–

3874. 10.1242/dev.034876. 

347. Zaret, K.S., and Grompe, M. (2008). Generation and regeneration of cells of the liver and pancreas. Science 322, 1490–

1494. 10.1126/science.1161431. 

348. Wilson, P.A., and Hemmati-Brivanlou, A. (1995). Induction of epidermis and inhibition of neural fate by Bmp-4. Nature 

376, 331–333. 10.1038/376331a0. 

349. Colas, J.F., and Schoenwolf, G.C. (2001). Towards a cellular and molecular understanding of neurulation. Dev Dyn 221, 

117–145. 10.1002/dvdy.1144. 

350. Semple, B.D., Blomgren, K., Gimlin, K., Ferriero, D.M., and Noble-Haeusslein, L.J. (2013). Brain development in rodents 

and humans: Identifying benchmarks of maturation and vulnerability to injury across species. Prog Neurobiol 0, 1–16. 

10.1016/j.pneurobio.2013.04.001. 

351. Garel, S., and Rubenstein, J.L.R. (2004). Intermediate targets in formation of topographic projections: inputs from the 

thalamocortical system. Trends Neurosci 27, 533–539. 10.1016/j.tins.2004.06.014. 

352. Diez del Corral, R., and Storey, K.G. (2004). Opposing FGF and retinoid pathways: a signalling switch that controls 

differentiation and patterning onset in the extending vertebrate body axis. Bioessays 26, 857–869. 10.1002/bies.20080. 

353. Temple, S. (2001). The development of neural stem cells. Nature 414, 112–117. 10.1038/35102174. 

354. Hatten, M.E., and Heintz, N. (1995). Mechanisms of neural patterning and specification in the developing cerebellum. 

Annu Rev Neurosci 18, 385–408. 10.1146/annurev.ne.18.030195.002125. 

355. Rakic, P. (1988). Specification of cerebral cortical areas. Science 241, 170–176. 10.1126/science.3291116. 

356. Tissir, F., and Goffinet, A.M. (2003). Reelin and brain development. Nat Rev Neurosci 4, 496–505. 10.1038/nrn1113. 

357. Hevner, R.F., Shi, L., Justice, N., Hsueh, Y., Sheng, M., Smiga, S., Bulfone, A., Goffinet, A.M., Campagnoni, A.T., and 

Rubenstein, J.L. (2001). Tbr1 regulates differentiation of the preplate and layer 6. Neuron 29, 353–366. 10.1016/s0896-

6273(01)00211-2. 



188 | P a g e  
 

358. Chen, B., Schaevitz, L.R., and McConnell, S.K. (2005). Fezl regulates the differentiation and axon targeting of layer 5 

subcortical projection neurons in cerebral cortex. Proc Natl Acad Sci U S A 102, 17184–17189. 10.1073/pnas.0508732102. 

359. Sylva, M., van den Hoff, M.J.B., and Moorman, A.F.M. (2014). Development of the human heart. Am J Med Genet A 

164A, 1347–1371. 10.1002/ajmg.a.35896. 

360. Kelly, R.G., Buckingham, M.E., and Moorman, A.F. (2014). Heart fields and cardiac morphogenesis. Cold Spring Harb 

Perspect Med 4, a015750. 10.1101/cshperspect.a015750. 

361. Miquerol, L., and Kelly, R.G. (2013). Organogenesis of the vertebrate heart. Wiley Interdiscip Rev Dev Biol 2, 17–29. 

10.1002/wdev.68. 

362. Meilhac, S.M., and Buckingham, M.E. (2018). The deployment of cell lineages that form the mammalian heart. Nat Rev 

Cardiol 15, 705–724. 10.1038/s41569-018-0086-9. 

363. Wolters, R., Deepe, R., Drummond, J., Harvey, A.B., Hiriart, E., Lockhart, M.M., van den Hoff, M.J.B., Norris, R.A., and 

Wessels, A. (2021). Role of the Epicardium in the Development of the Atrioventricular Valves and Its Relevance to the Pathogenesis 

of Myxomatous Valve Disease. J Cardiovasc Dev Dis 8, 54. 10.3390/jcdd8050054. 

364. Costantini, F., and Kopan, R. (2010). Patterning a complex organ: branching morphogenesis and nephron segmentation 

in kidney development. Dev Cell 18, 698–712. 10.1016/j.devcel.2010.04.008. 

365. Quaggin, S.E., and Kreidberg, J.A. (2008). Development of the renal glomerulus: good neighbors and good fences. 

Development 135, 609–620. 10.1242/dev.001081. 

366. Airik, R., and Kispert, A. (2007). Down the tube of obstructive nephropathies: the importance of tissue interactions 

during ureter development. Kidney Int 72, 1459–1467. 10.1038/sj.ki.5002589. 

367. Hoy, W.E., Bertram, J.F., Denton, R.D., Zimanyi, M., Samuel, T., and Hughson, M.D. (2008). Nephron number, glomerular 

volume, renal disease and hypertension. Curr Opin Nephrol Hypertens 17, 258–265. 10.1097/MNH.0b013e3282f9b1a5. 

368. Dressler, G.R. (2006). The cellular basis of kidney development. Annu Rev Cell Dev Biol 22, 509–529. 

10.1146/annurev.cellbio.22.010305.104340. 

369. Grote, D., Souabni, A., Busslinger, M., and Bouchard, M. (2006). Pax 2/8-regulated Gata 3 expression is necessary for 

morphogenesis and guidance of the nephric duct in the developing kidney. Development 133, 53–61. 10.1242/dev.02184. 

370. Bouchard, M., Souabni, A., Mandler, M., Neubüser, A., and Busslinger, M. (2002). Nephric lineage specification by Pax2 

and Pax8. Genes Dev 16, 2958–2970. 10.1101/gad.240102. 

371. Carroll, T.J., and Vize, P.D. (1999). Synergism between Pax-8 and lim-1 in embryonic kidney development. Dev Biol 214, 

46–59. 10.1006/dbio.1999.9414. 

372. Mugford, J.W., Sipilä, P., McMahon, J.A., and McMahon, A.P. (2008). Osr1 expression demarcates a multi-potent 

population of intermediate mesoderm that undergoes progressive restriction to an Osr1-dependent nephron progenitor 

compartment within the mammalian kidney. Dev Biol 324, 88–98. 10.1016/j.ydbio.2008.09.010. 

373. Costantini, F. (2006). Renal branching morphogenesis: concepts, questions, and recent advances. Differentiation 74, 

402–421. 10.1111/j.1432-0436.2006.00106.x. 

374. Srinivas, S., Goldberg, M.R., Watanabe, T., D’Agati, V., al-Awqati, Q., and Costantini, F. (1999). Expression of green 

fluorescent protein in the ureteric bud of transgenic mice: a new tool for the analysis of ureteric bud morphogenesis. Dev Genet 

24, 241–251. 10.1002/(SICI)1520-6408(1999)24:3/4<241::AID-DVG7>3.0.CO;2-R. 

375. Bort, R., Signore, M., Tremblay, K., Martinez Barbera, J.P., and Zaret, K.S. (2006). Hex homeobox gene controls the 

transition of the endoderm to a pseudostratified, cell emergent epithelium for liver bud development. Dev Biol 290, 44–56. 

10.1016/j.ydbio.2005.11.006. 

376. Gordillo, M., Evans, T., and Gouon-Evans, V. (2015). Orchestrating liver development. Development 142, 2094–2108. 

10.1242/dev.114215. 



189 | P a g e  
 

377. Zong, Y., Panikkar, A., Xu, J., Antoniou, A., Raynaud, P., Lemaigre, F., and Stanger, B.Z. (2009). Notch signaling controls 

liver development by regulating biliary differentiation. Development 136, 1727–1739. 10.1242/dev.029140. 

378. Parviz, F., Matullo, C., Garrison, W.D., Savatski, L., Adamson, J.W., Ning, G., Kaestner, K.H., Rossi, J.M., Zaret, K.S., and 

Duncan, S.A. (2003). Hepatocyte nuclear factor 4alpha controls the development of a hepatic epithelium and liver morphogenesis. 

Nat Genet 34, 292–296. 10.1038/ng1175. 

379. Banales, J.M., Huebert, R.C., Karlsen, T., Strazzabosco, M., LaRusso, N.F., and Gores, G.J. (2019). Cholangiocyte 

pathobiology. Nat Rev Gastroenterol Hepatol 16, 269–281. 10.1038/s41575-019-0125-y. 

380. Shin, K., Lee, J., Guo, N., Kim, J., Lim, A., Qu, L., Mysorekar, I.U., and Beachy, P.A. (2011). Hedgehog/Wnt feedback 

supports regenerative proliferation of epithelial stem cells in bladder. Nature 472, 110–114. 10.1038/nature09851. 

381. Baik, M., Nam, Y.S., Piao, M.Y., Kang, H.J., Park, S.J., and Lee, J.-H. (2016). Liver-specific deletion of the signal transducer 

and activator of transcription 5 gene aggravates fatty liver in response to a high-fat diet in mice. J Nutr Biochem 29, 56–63. 

10.1016/j.jnutbio.2015.10.018. 

382. Ding, B.-S., Nolan, D.J., Butler, J.M., James, D., Babazadeh, A.O., Rosenwaks, Z., Mittal, V., Kobayashi, H., Shido, K., Lyden, 

D., et al. (2010). Inductive angiocrine signals from sinusoidal endothelium are required for liver regeneration. Nature 468, 310–

315. 10.1038/nature09493. 

383. Arai, F., Hirao, A., Ohmura, M., Sato, H., Matsuoka, S., Takubo, K., Ito, K., Koh, G.Y., and Suda, T. (2004). Tie2/angiopoietin-

1 signaling regulates hematopoietic stem cell quiescence in the bone marrow niche. Cell 118, 149–161. 

10.1016/j.cell.2004.07.004. 

384. White, J., and Dalton, S. (2005). Cell cycle control of embryonic stem cells. Stem Cell Rev 1, 131–138. 

10.1385/SCR:1:2:131. 

385. Liu, L., Michowski, W., Kolodziejczyk, A., and Sicinski, P. (2019). The cell cycle in stem cell proliferation, pluripotency and 

differentiation. Nat Cell Biol 21, 1060–1067. 10.1038/s41556-019-0384-4. 

386. Su, T.T. (2000). The regulation of cell growth and proliferation during organogenesis. In Vivo 14, 141–148. 

387. Gao, S., and Liu, F. (2019). Novel insights into cell cycle regulation of cell fate determination. J Zhejiang Univ Sci B 20, 

467–475. 10.1631/jzus.B1900197. 

388. Zindy, F., Quelle, D.E., Roussel, M.F., and Sherr, C.J. (1997). Expression of the p16INK4a tumor suppressor versus other 

INK4 family members during mouse development and aging. Oncogene 15, 203–211. 10.1038/sj.onc.1201178. 

389. Zindy, F., Soares, H., Herzog, K.H., Morgan, J., Sherr, C.J., and Roussel, M.F. (1997). Expression of INK4 inhibitors of cyclin 

D-dependent kinases during mouse brain development. Cell Growth Differ 8, 1139–1150. 

390. van Lookeren Campagne, M., and Gill, R. (1998). Tumor-suppressor p53 is expressed in proliferating and newly formed 

neurons of the embryonic and postnatal rat brain: comparison with expression of the cell cycle regulators p21Waf1/Cip1, p27Kip1, 

p57Kip2, p16Ink4a, cyclin G1, and the proto-oncogene Bax. J Comp Neurol 397, 181–198. 10.1002/(sici)1096-

9861(19980727)397:2<181::aid-cne3>3.0.co;2-x. 

391. Legrier, M.E., Ducray, A., Propper, A., Chao, M., and Kastner, A. (2001). Cell cycle regulation during mouse olfactory 

neurogenesis. Cell Growth Differ 12, 591–601. 

392. Park, I., Qian, D., Kiel, M., Becker, M.W., Pihalja, M., Weissman, I.L., Morrison, S.J., and Clarke, M.F. (2003). Bmi-1 is 

required for maintenance of adult self-renewing haematopoietic stem cells. Nature 423, 302–305. 10.1038/nature01587. 

393. Hess, J., Hartenstein, B., Teurich, S., Schmidt, D., Schorpp-Kistner, M., and Angel, P. (2003). Defective endochondral 

ossification in mice with strongly compromised expression of JunB. J Cell Sci 116, 4587–4596. 10.1242/jcs.00772. 

394. Western, P.S., Miles, D.C., van den Bergen, J.A., Burton, M., and Sinclair, A.H. (2008). Dynamic regulation of mitotic arrest 

in fetal male germ cells. Stem Cells 26, 339–347. 10.1634/stemcells.2007-0622. 



190 | P a g e  
 

395. Wolgemuth, D.J., and Roberts, S.S. (2010). Regulating mitosis and meiosis in the male germ line: critical functions for 

cyclins. Philos Trans R Soc Lond B Biol Sci 365, 1653–1662. 10.1098/rstb.2009.0254. 

396. Yang, H., Xie, Y., Yang, R., Wei, S.-L., and Xi, Q. (2008). Expression of p16INK4a in mouse endometrium and its effect 

during blastocyst implantation. Sheng Li Xue Bao 60, 547–552. 

397. Parvanov, D., Ganeva, R., Vidolova, N., and Stamenov, G. (2021). Decreased number of p16-positive senescent cells in 

human endometrium as a marker of miscarriage. J Assist Reprod Genet 38, 2087–2095. 10.1007/s10815-021-02182-5. 

398. López-Arribillaga, E., Rodilla, V., Pellegrinet, L., Guiu, J., Iglesias, M., Roman, A.C., Gutarra, S., González, S., Muñoz-

Cánoves, P., Fernández-Salguero, P., et al. (2015). Bmi1 regulates murine intestinal stem cell proliferation and self-renewal 

downstream of Notch. Development 142, 41–50. 10.1242/dev.107714. 

399. Moon, J.-H., Yoon, B.S., Kim, B., Park, G., Jung, H.-Y., Maeng, I., Jun, E.K., Yoo, S.J., Kim, A., Oh, S., et al. (2008). Induction 

of neural stem cell-like cells (NSCLCs) from mouse astrocytes by Bmi1. Biochem Biophys Res Commun 371, 267–272. 

10.1016/j.bbrc.2008.04.068. 

400. Fasano, C.A., Phoenix, T.N., Kokovay, E., Lowry, N., Elkabetz, Y., Dimos, J.T., Lemischka, I.R., Studer, L., and Temple, S. 

(2009). Bmi-1 cooperates with Foxg1 to maintain neural stem cell self-renewal in the forebrain. Genes Dev 23, 561–574. 

10.1101/gad.1743709. 

401. He, S., Iwashita, T., Buchstaller, J., Molofsky, A.V., Thomas, D., and Morrison, S.J. (2009). Bmi-1 over-expression in neural 

stem/progenitor cells increases proliferation and neurogenesis in culture but has little effect on these functions in vivo. Dev Biol 

328, 257–272. 10.1016/j.ydbio.2009.01.020. 

402. Zhang, H.-W., Ding, J., Jin, J.-L., Guo, J., Liu, J.-N., Karaplis, A., Goltzman, D., and Miao, D. (2010). Defects in mesenchymal 

stem cell self-renewal and cell fate determination lead to an osteopenic phenotype in Bmi-1 null mice. J Bone Miner Res 25, 640–

652. 10.1359/jbmr.090812. 

403. Chatoo, W., Abdouh, M., Duparc, R.-H., and Bernier, G. (2010). Bmi1 distinguishes immature retinal progenitor/stem 

cells from the main progenitor cell population and is required for normal retinal development. Stem Cells 28, 1412–1423. 

10.1002/stem.462. 

404. Chiba, T., Seki, A., Aoki, R., Ichikawa, H., Negishi, M., Miyagi, S., Oguro, H., Saraya, A., Kamiya, A., Nakauchi, H., et al. 

(2010). Bmi1 promotes hepatic stem cell expansion and tumorigenicity in both Ink4a/Arf-dependent and -independent manners 

in mice. Hepatology 52, 1111–1123. 10.1002/hep.23793. 

405. Rota, M., Hosoda, T., De Angelis, A., Arcarese, M.L., Esposito, G., Rizzi, R., Tillmanns, J., Tugal, D., Musso, E., Rimoldi, O., 

et al. (2007). The young mouse heart is composed of myocytes heterogeneous in age and function. Circ Res 101, 387–399. 

10.1161/CIRCRESAHA.107.151449. 

406. An, S., Chen, Y., Gao, C., Qin, B., Du, X., Meng, F., and Qi, Y. (2015). Inactivation of INK4a and ARF induces myocardial 

proliferation and improves cardiac repair following ischemia‑reperfusion. Mol Med Rep 12, 5911–5916. 10.3892/mmr.2015.4133. 

407. Sharpless, N.E., Bardeesy, N., Lee, K.H., Carrasco, D., Castrillon, D.H., Aguirre, A.J., Wu, E.A., Horner, J.W., and DePinho, 

R.A. (2001). Loss of p16Ink4a with retention of p19Arf predisposes mice to tumorigenesis. Nature 413, 86–91. 10.1038/35092592. 

408. Krimpenfort, P., Quon, K.C., Mooi, W.J., Loonstra, A., and Berns, A. (2001). Loss of p16Ink4a confers susceptibility to 

metastatic melanoma in mice. Nature 413, 83–86. 10.1038/35092584. 

409. Bianchi, T., Rufer, N., MacDonald, H.R., and Migliaccio, M. (2006). The tumor suppressor p16Ink4a regulates T 

lymphocyte survival. Oncogene 25, 4110–4115. 10.1038/sj.onc.1209437. 

410. Cheong, C., Sung, Y.H., Lee, J., Choi, Y.S., Song, J., Kee, C., and Lee, H.-W. (2006). Role of INK4a locus in normal eye 

development and cataract genesis. Mechanisms of Ageing and Development 127, 633–638. 10.1016/j.mad.2006.02.010. 

411. Takeda, S., Sasagawa, S., Oyama, T., Searleman, A.C., Westergard, T.D., Cheng, E.H., and Hsieh, J.J. (2015). Taspase1-

dependent TFIIA cleavage coordinates head morphogenesis by limiting Cdkn2a locus transcription. J Clin Invest 125, 1203–1214. 

10.1172/JCI77075. 



191 | P a g e  
 

412. McKeller, R.N., Fowler, J.L., Cunningham, J.J., Warner, N., Smeyne, R.J., Zindy, F., and Skapek, S.X. (2002). The Arf tumor 

suppressor gene promotes hyaloid vascular regression during mouse eye development. Proc Natl Acad Sci U S A 99, 3848–3853. 

10.1073/pnas.052484199. 

413. Martin, A.C., Thornton, J.D., Liu, J., Wang, X., Zuo, J., Jablonski, M.M., Chaum, E., Zindy, F., and Skapek, S.X. (2004). 

Pathogenesis of persistent hyperplastic primary vitreous in mice lacking the arf tumor suppressor gene. Invest Ophthalmol Vis Sci 

45, 3387–3396. 10.1167/iovs.04-0349. 

414. Thornton, J.D., Swanson, D.J., Mary, M.N., Pei, D., Martin, A.C., Pounds, S., Goldowitz, D., and Skapek, S.X. (2007). 

Persistent hyperplastic primary vitreous due to somatic mosaic deletion of the arf tumor suppressor. Invest Ophthalmol Vis Sci 

48, 491–499. 10.1167/iovs.06-0765. 

415. Silva, R.L.A., Thornton, J.D., Martin, A.C., Rehg, J.E., Bertwistle, D., Zindy, F., and Skapek, S.X. (2005). Arf-dependent 

regulation of Pdgf signaling in perivascular cells in the developing mouse eye. EMBO J 24, 2803–2814. 10.1038/sj.emboj.7600751. 

416. Widau, R.C., Zheng, Y., Sung, C.Y., Zelivianskaia, A., Roach, L.E., Bachmeyer, K.M., Abramova, T., Desgardin, A., Rosner, A., 

Cunningham, J.M., et al. (2012). p19Arf represses platelet-derived growth factor receptor β by transcriptional and 

posttranscriptional mechanisms. Mol Cell Biol 32, 4270–4282. 10.1128/MCB.06424-11. 

417. Freeman-Anderson, N.E., Zheng, Y., McCalla-Martin, A.C., Treanor, L.M., Zhao, Y.D., Garfin, P.M., He, T.-C., Mary, M.N., 

Thornton, J.D., Anderson, C., et al. (2009). Expression of the Arf tumor suppressor gene is controlled by Tgfbeta2 during 

development. Development 136, 2081–2089. 10.1242/dev.033548. 

418. Zheng, Y., Devitt, C., Liu, J., Mei, J., and Skapek, S.X. (2013). A distant, cis-acting enhancer drives induction of Arf by Tgfβ 

in the developing eye. Dev Biol 380, 49–57. 10.1016/j.ydbio.2013.05.003. 

419. Suzuki, A., Sekiya, S., Büscher, D., Izpisúa Belmonte, J.C., and Taniguchi, H. (2008). Tbx3 controls the fate of hepatic 

progenitor cells in liver development by suppressing p19ARF expression. Development 135, 1589–1595. 10.1242/dev.016634. 

420. Deng, C., Zhang, P., Harper, J.W., Elledge, S.J., and Leder, P. (1995). Mice lacking p21CIP1/WAF1 undergo normal 

development, but are defective in G1 checkpoint control. Cell 82, 675–684. 10.1016/0092-8674(95)90039-x. 

421. Kim, W.H., Joo, C.U., Ku, J.H., Ryu, C.H., Koh, K.N., Koh, G.Y., and Ko, J.K. (1998). Cell cycle regulators during human atrial 

development. Korean J Intern Med 13, 77–82. 10.3904/kjim.1998.13.2.77. 

422. Poolman, R.A., Gilchrist, R., and Brooks, G. (1998). Cell cycle profiles and expressions of p21CIP1 AND P27KIP1 during 

myocyte development. Int J Cardiol 67, 133–142. 10.1016/s0167-5273(98)00320-9. 

423. Ramakrishna, S., Kim, I.-M., Petrovic, V., Malin, D., Wang, I.-C., Kalin, T.V., Meliton, L., Zhao, Y.-Y., Ackerson, T., Qin, Y., et 

al. (2007). Myocardium defects and ventricular hypoplasia in mice homozygous null for the Forkhead Box M1 transcription factor. 

Dev Dyn 236, 1000–1013. 10.1002/dvdy.21113. 

424. Evans-Anderson, H.J., Alfieri, C.M., and Yutzey, K.E. (2008). Regulation of cardiomyocyte proliferation and myocardial 

growth during development by FOXO transcription factors. Circ Res 102, 686–694. 10.1161/CIRCRESAHA.107.163428. 

425. Bolte, C., Zhang, Y., Wang, I.-C., Kalin, T.V., Molkentin, J.D., and Kalinichenko, V.V. (2011). Expression of Foxm1 

transcription factor in cardiomyocytes is required for myocardial development. PLoS One 6, e22217. 

10.1371/journal.pone.0022217. 

426. Chakraborty, S., and Yutzey, K.E. (2012). Tbx20 regulation of cardiac cell proliferation and lineage specialization during 

embryonic and fetal development in vivo. Dev Biol 363, 234–246. 10.1016/j.ydbio.2011.12.034. 

427. Garnatz, A.S., Gao, Z., Broman, M., Martens, S., Earley, J.U., and Svensson, E.C. (2014). FOG-2 mediated recruitment of 

the NuRD complex regulates cardiomyocyte proliferation during heart development. Dev Biol 395, 50–61. 

10.1016/j.ydbio.2014.08.030. 

428. Parker, S.B., Eichele, G., Zhang, P., Rawls, A., Sands, A.T., Bradley, A., Olson, E.N., Harper, J.W., and Elledge, S.J. (1995). 

p53-independent expression of p21Cip1 in muscle and other terminally differentiating cells. Science 267, 1024–1027. 

10.1126/science.7863329. 



192 | P a g e  
 

429. Guo, K., Wang, J., Andrés, V., Smith, R.C., and Walsh, K. (1995). MyoD-induced expression of p21 inhibits cyclin-

dependent kinase activity upon myocyte terminal differentiation. Mol Cell Biol 15, 3823–3829. 10.1128/MCB.15.7.3823. 

430. Halevy, O., Novitch, B.G., Spicer, D.B., Skapek, S.X., Rhee, J., Hannon, G.J., Beach, D., and Lassar, A.B. (1995). Correlation 

of terminal cell cycle arrest of skeletal muscle with induction of p21 by MyoD. Science 267, 1018–1021. 10.1126/science.7863327. 

431. Ikoma, T., Ito, T., Okudela, K., Hayashi, H., Yazawa, T., and Kitamura, H. (2001). Modulation of the expression of the 

Cip/Kip family of cyclin-dependent kinase inhibitors in foetal developing lungs of hamsters. Cell Prolif 34, 233–241. 

10.1046/j.0960-7722.2001.00209.x. 

432. Gui, H., Li, S., and Matise, M.P. (2007). A cell-autonomous requirement for Cip/Kip cyclin-kinase inhibitors in regulating 

neuronal cell cycle exit but not differentiation in the developing spinal cord. Dev Biol 301, 14–26. 10.1016/j.ydbio.2006.10.035. 

433. Zhang, P., Wong, C., Liu, D., Finegold, M., Harper, J.W., and Elledge, S.J. (1999). p21(CIP1) and p57(KIP2) control muscle 

differentiation at the myogenin step. Genes Dev 13, 213–224. 10.1101/gad.13.2.213. 

434. Wissler Gerdes, E.O., Misra, A., Netto, J.M.E., Tchkonia, T., and Kirkland, J.L. (2021). Strategies for late phase preclinical 

and early clinical trials of senolytics. Mech Ageing Dev 200, 111591. 10.1016/j.mad.2021.111591. 

435. Chaib, S., Tchkonia, T., and Kirkland, J.L. (2022). Cellular senescence and senolytics: the path to the clinic. Nat Med. 

10.1038/s41591-022-01923-y. 

436. Alberts, B., Johnson, A., Lewis, J., Raff, M., Roberts, K., and Walter, P. (2002). Blood Vessels and Endothelial Cells. In 

Molecular Biology of the Cell. 4th edition (Garland Science). 

437. Sturtzel, C. (2017). Endothelial Cells. In The Immunology of Cardiovascular Homeostasis and Pathology Advances in 

Experimental Medicine and Biology., S. Sattler and T. Kennedy-Lydon, eds. (Cham: Springer International Publishing), pp. 71–91. 

10.1007/978-3-319-57613-8_4. 

438. Aird, W.C. (2007). Phenotypic heterogeneity of the endothelium: I. Structure, function, and mechanisms. Circ Res 100, 

158–173. 10.1161/01.RES.0000255691.76142.4a. 

439. Félétou, M. (2011). The Endothelium: Part 1: Multiple Functions of the Endothelial Cells—Focus on Endothelium-

Derived Vasoactive Mediators (San Rafael (CA): Morgan & Claypool Life Sciences). 

440. Chistiakov, D.A., Orekhov, A.N., and Bobryshev, Y.V. (2015). Endothelial Barrier and Its Abnormalities in Cardiovascular 

Disease. Front Physiol 6, 365. 10.3389/fphys.2015.00365. 

441. Michiels, C. (2003). Endothelial cell functions. Journal of Cellular Physiology 196, 430–443. 10.1002/jcp.10333. 

442. Pober, J.S., and Sessa, W.C. (2007). Evolving functions of endothelial cells in inflammation. Nat Rev Immunol 7, 803–815. 

10.1038/nri2171. 

443. Aird, W.C. (2012). Endothelial Cell Heterogeneity. Cold Spring Harb Perspect Med 2, a006429. 

10.1101/cshperspect.a006429. 

444. Potente, M., and Mäkinen, T. (2017). Vascular heterogeneity and specialization in development and disease. Nat Rev 

Mol Cell Biol 18, 477–494. 10.1038/nrm.2017.36. 

445. Félétou, M. (2011). Multiple Functions of the Endothelial Cells. In The Endothelium: Part 1: Multiple Functions of the 

Endothelial Cells—Focus on Endothelium-Derived Vasoactive Mediators (Morgan & Claypool Life Sciences). 

446. Aird, W.C. (2007). Phenotypic heterogeneity of the endothelium: II. Representative vascular beds. Circ Res 100, 174–

190. 10.1161/01.RES.0000255690.03436.ae. 

447. Garlanda, C., and Dejana, E. (1997). Heterogeneity of endothelial cells. Specific markers. Arterioscler Thromb Vasc Biol 

17, 1193–1202. 10.1161/01.atv.17.7.1193. 



193 | P a g e  
 

448. Martelli, A., Berardinelli, P., Russo, V., Mauro, A., Bernabò, N., Gioia, L., Mattioli, M., and Barboni, B. (2006). Spatio-

temporal analysis of vascular endothelial growth factor expression and blood vessel remodelling in pig ovarian follicles during the 

periovulatory period. J Mol Endocrinol 36, 107–119. 10.1677/jme.1.01921. 

449. Vanlandewijck, M., He, L., Mäe, M.A., Andrae, J., Ando, K., Del Gaudio, F., Nahar, K., Lebouvier, T., Laviña, B., Gouveia, 

L., et al. (2018). A molecular atlas of cell types and zonation in the brain vasculature. Nature 554, 475–480. 10.1038/nature25739. 

450. Trimm, E., and Red-Horse, K. (2023). Vascular endothelial cell development and diversity. Nat Rev Cardiol 20, 197–210. 

10.1038/s41569-022-00770-1. 

451. Lukowski, S.W., Patel, J., Andersen, S.B., Sim, S.-L., Wong, H.Y., Tay, J., Winkler, I., Powell, J.E., and Khosrotehrani, K. 

(2019). Single-Cell Transcriptional Profiling of Aortic Endothelium Identifies a Hierarchy from Endovascular Progenitors to 

Differentiated Cells. Cell Rep 27, 2748-2758.e3. 10.1016/j.celrep.2019.04.102. 

452. Takeda, A., Hollmén, M., Dermadi, D., Pan, J., Brulois, K.F., Kaukonen, R., Lönnberg, T., Boström, P., Koskivuo, I., Irjala, H., 

et al. (2019). Single-Cell Survey of Human Lymphatics Unveils Marked Endothelial Cell Heterogeneity and Mechanisms of Homing 

for Neutrophils. Immunity 51, 561-572.e5. 10.1016/j.immuni.2019.06.027. 

453. Chandrasekaran, P., Negretti, N.M., Sivakumar, A., Liberti, D.C., Wen, H., Peers de Nieuwburgh, M., Wang, J.Y., Michki, 

N.S., Chaudhry, F.N., Kaur, S., et al. (2022). CXCL12 defines lung endothelial heterogeneity and promotes distal vascular growth. 

Development 149, dev200909. 10.1242/dev.200909. 

454. Kalucka, J., de Rooij, L.P.M.H., Goveia, J., Rohlenova, K., Dumas, S.J., Meta, E., Conchinha, N.V., Taverna, F., Teuwen, L.-

A., Veys, K., et al. (2020). Single-Cell Transcriptome Atlas of Murine Endothelial Cells. Cell 180, 764-779.e20. 

10.1016/j.cell.2020.01.015. 

455. Gimbrone, M.A., and García-Cardeña, G. (2016). Endothelial Cell Dysfunction and the Pathobiology of Atherosclerosis. 

Circ Res 118, 620–636. 10.1161/CIRCRESAHA.115.306301. 

456. Herbert, S.P., Huisken, J., Kim, T.N., Feldman, M.E., Houseman, B.T., Wang, R.A., Shokat, K.M., and Stainier, D.Y.R. (2009). 

Arterial-venous segregation by selective cell sprouting: an alternative mode of blood vessel formation. Science 326, 294–298. 

10.1126/science.1178577. 

457. Girard, J.P., and Springer, T.A. (1995). High endothelial venules (HEVs): specialized endothelium for lymphocyte 

migration. Immunol Today 16, 449–457. 10.1016/0167-5699(95)80023-9. 

458. Miyasaka, M., and Tanaka, T. (2004). Lymphocyte trafficking across high endothelial venules: dogmas and enigmas. Nat 

Rev Immunol 4, 360–370. 10.1038/nri1354. 

459. Passerini, A.G., Polacek, D.C., Shi, C., Francesco, N.M., Manduchi, E., Grant, G.R., Pritchard, W.F., Powell, S., Chang, G.Y., 

Stoeckert, C.J., et al. (2004). Coexisting proinflammatory and antioxidative endothelial transcription profiles in a disturbed flow 

region of the adult porcine aorta. Proc Natl Acad Sci U S A 101, 2482–2487. 10.1073/pnas.0305938101. 

460. Lupu, C., Westmuckett, A.D., Peer, G., Ivanciu, L., Zhu, H., Taylor, F.B., and Lupu, F. (2005). Tissue factor-dependent 

coagulation is preferentially up-regulated within arterial branching areas in a baboon model of Escherichia coli sepsis. Am J Pathol 

167, 1161–1172. 10.1016/S0002-9440(10)61204-7. 

461. Flaherty, J.T., Pierce, J.E., Ferrans, V.J., Patel, D.J., Tucker, W.K., and Fry, D.L. (1972). Endothelial nuclear patterns in the 

canine arterial tree with particular reference to hemodynamic events. Circ Res 30, 23–33. 10.1161/01.res.30.1.23. 

462. Muro, S., Koval, M., and Muzykantov, V. (2004). Endothelial endocytic pathways: gates for vascular drug delivery. Curr 

Vasc Pharmacol 2, 281–299. 10.2174/1570161043385736. 

463. Simionescu, M., Gafencu, A., and Antohe, F. (2002). Transcytosis of plasma macromolecules in endothelial cells: a cell 

biological survey. Microsc Res Tech 57, 269–288. 10.1002/jemt.10086. 

464. Stan, R.V., Kubitza, M., and Palade, G.E. (1999). PV-1 is a component of the fenestral and stomatal diaphragms in 

fenestrated endothelia. Proc Natl Acad Sci U S A 96, 13203–13207. 10.1073/pnas.96.23.13203. 



194 | P a g e  
 

465. Bendayan, M. (2002). Morphological and cytochemical aspects of capillary permeability. Microsc Res Tech 57, 327–349. 

10.1002/jemt.10088. 

466. Dvorak, A.M., and Feng, D. (2001). The vesiculo-vacuolar organelle (VVO). A new endothelial cell permeability organelle. 

J Histochem Cytochem 49, 419–432. 10.1177/002215540104900401. 

467. Wisse, E. (1970). An electron microscopic study of the fenestrated endothelial lining of rat liver sinusoids. J Ultrastruct 

Res 31, 125–150. 10.1016/s0022-5320(70)90150-4. 

468. Rostgaard, J., and Qvortrup, K. (1997). Electron microscopic demonstrations of filamentous molecular sieve plugs in 

capillary fenestrae. Microvasc Res 53, 1–13. 10.1006/mvre.1996.1987. 

469. Dejana, E. (2004). Endothelial cell-cell junctions: happy together. Nat Rev Mol Cell Biol 5, 261–270. 10.1038/nrm1357. 

470. Aird, W.C. (2001). Vascular bed-specific hemostasis: role of endothelium in sepsis pathogenesis. Crit Care Med 29, S28-

34; discussion S34-35. 10.1097/00003246-200107001-00013. 

471. Rosenberg, R.D., and Aird, W.C. (1999). Vascular-bed--specific hemostasis and hypercoagulable states. N Engl J Med 340, 

1555–1564. 10.1056/NEJM199905203402007. 

472. Potente, M., Gerhardt, H., and Carmeliet, P. (2011). Basic and therapeutic aspects of angiogenesis. Cell 146, 873–887. 

10.1016/j.cell.2011.08.039. 

473. Gifre-Renom, L., Daems, M., Luttun, A., and Jones, E.A.V. (2022). Organ-Specific Endothelial Cell Differentiation and 

Impact of Microenvironmental Cues on Endothelial Heterogeneity. Int J Mol Sci 23, 1477. 10.3390/ijms23031477. 

474. Tk, N., Ct, S., Jp, L., Ja, Z., Mp, M., A, B., S, Z., and Ee, M. (2020). Defining the role of pulmonary endothelial cell 

heterogeneity in the response to acute lung injury. eLife 9. 10.7554/eLife.53072. 

475. Liao, S., and Padera, T.P. (2013). Lymphatic Function and Immune Regulation in Health and Disease. Lymphat Res Biol 

11, 136–143. 10.1089/lrb.2013.0012. 

476. Davies, P.F. (2009). Hemodynamic shear stress and the endothelium in cardiovascular pathophysiology. Nat Clin Pract 

Cardiovasc Med 6, 16–26. 10.1038/ncpcardio1397. 

477. Russell-Hallinan, A., Watson, C.J., O’Dwyer, D., Grieve, D.J., and O’Neill, K.M. (2021). Epigenetic Regulation of Endothelial 

Cell Function by Nucleic Acid Methylation in Cardiac Homeostasis and Disease. Cardiovasc Drugs Ther 35, 1025–1044. 

10.1007/s10557-020-07019-4. 

478. Yan, M.S.-C., Matouk, C.C., and Marsden, P.A. (2010). Epigenetics of the vascular endothelium. J Appl Physiol (1985) 109, 

916–926. 10.1152/japplphysiol.00131.2010. 

479. Simonson, A.B., and Schnitzer, J.E. (2007). Vascular proteomic mapping in vivo. J Thromb Haemost 5 Suppl 1, 183–187. 

10.1111/j.1538-7836.2007.02551.x. 

480. Ruoslahti, E., and Rajotte, D. (2000). An address system in the vasculature of normal tissues and tumors. Annu Rev 

Immunol 18, 813–827. 10.1146/annurev.immunol.18.1.813. 

481. Clyne, A.M. (2021). Endothelial response to glucose: dysfunction, metabolism, and transport. Biochem Soc Trans 49, 

313–325. 10.1042/BST20200611. 

482. Filippini, A., Tamagnone, L., and D’Alessio, A. (2022). Endothelial Cell Metabolism in Vascular Functions. Cancers (Basel) 

14, 1929. 10.3390/cancers14081929. 

483. Claesson-Welsh, L., Dejana, E., and McDonald, D.M. (2021). Permeability of the Endothelial Barrier: Identifying and 

Reconciling Controversies. Trends Mol Med 27, 314–331. 10.1016/j.molmed.2020.11.006. 

484. Bergkamp, S.C., Wahadat, M.J., Salah, A., Kuijpers, T.W., Smith, V., Tas, S.W., van den Berg, J.M., Kamphuis, S., and 

Schonenberg-Meinema, D. (2023). Dysregulated endothelial cell markers in systemic lupus erythematosus: a systematic review 

and meta-analysis. J Inflamm (Lond) 20, 18. 10.1186/s12950-023-00342-1. 



195 | P a g e  
 

485. Salemkour, Y., and Lenoir, O. (2023). Endothelial Autophagy Dysregulation in Diabetes. Cells 12, 947. 

10.3390/cells12060947. 

486. Hellenthal, K.E.M., Brabenec, L., and Wagner, N.-M. (2022). Regulation and Dysregulation of Endothelial Permeability 

during Systemic Inflammation. Cells 11, 1935. 10.3390/cells11121935. 

487. Mundi, S., Massaro, M., Scoditti, E., Carluccio, M.A., van Hinsbergh, V.W.M., Iruela-Arispe, M.L., and De Caterina, R. 

(2018). Endothelial permeability, LDL deposition, and cardiovascular risk factors-a review. Cardiovasc Res 114, 35–52. 

10.1093/cvr/cvx226. 

488. Neubauer, K., and Zieger, B. (2022). Endothelial cells and coagulation. Cell Tissue Res 387, 391–398. 10.1007/s00441-

021-03471-2. 

489. Wood, J.P., Ellery, P.E.R., Maroney, S.A., and Mast, A.E. (2014). Biology of tissue factor pathway inhibitor. Blood 123, 

2934–2943. 10.1182/blood-2013-11-512764. 

490. Bates, S.M., and Weitz, J.I. (2005). New anticoagulants: beyond heparin, low-molecular-weight heparin and warfarin. Br 

J Pharmacol 144, 1017–1028. 10.1038/sj.bjp.0706153. 

491. Smith, S.A., Travers, R.J., and Morrissey, J.H. (2015). How it all starts: Initiation of the clotting cascade. Crit Rev Biochem 

Mol Biol 50, 326–336. 10.3109/10409238.2015.1050550. 

492. Andrews, R.K., Gardiner, E.E., Shen, Y., Whisstock, J.C., and Berndt, M.C. (2003). Glycoprotein Ib-IX-V. Int J Biochem Cell 

Biol 35, 1170–1174. 10.1016/s1357-2725(02)00280-7. 

493. Ruggeri, Z.M. (2007). The role of von Willebrand factor in thrombus formation. Thromb Res 120, S5–S9. 

10.1016/j.thromres.2007.03.011. 

494. Majed, B.H., and Khalil, R.A. (2012). Molecular mechanisms regulating the vascular prostacyclin pathways and their 

adaptation during pregnancy and in the newborn. Pharmacol Rev 64, 540–582. 10.1124/pr.111.004770. 

495. Alheid, U., Frölich, J.C., and Förstermann, U. (1987). Endothelium-derived relaxing factor from cultured human 

endothelial cells inhibits aggregation of human platelets. Thromb Res 47, 561–571. 10.1016/0049-3848(87)90361-6. 

496. Madoiwa, S. (2015). Recent advances in disseminated intravascular coagulation: endothelial cells and fibrinolysis in 

sepsis-induced DIC. J Intensive Care 3, 8. 10.1186/s40560-015-0075-6. 

497. Chapin, J.C., and Hajjar, K.A. (2015). Fibrinolysis and the control of blood coagulation. Blood Rev 29, 17–24. 

10.1016/j.blre.2014.09.003. 

498. Longstaff, C., and Kolev, K. (2015). Basic mechanisms and regulation of fibrinolysis. J Thromb Haemost 13 Suppl 1, S98-

105. 10.1111/jth.12935. 

499. Jackson, W.F. (2000). Ion channels and vascular tone. Hypertension 35, 173–178. 10.1161/01.hyp.35.1.173. 

500. Zembowicz, A., Hecker, M., Macarthur, H., Sessa, W.C., and Vane, J.R. (1991). Nitric oxide and another potent vasodilator 

are formed from NG-hydroxy-L-arginine by cultured endothelial cells. Proc Natl Acad Sci U S A 88, 11172–11176. 

10.1073/pnas.88.24.11172. 

501. Förstermann, U., and Sessa, W.C. (2012). Nitric oxide synthases: regulation and function. Eur Heart J 33, 829–837. 

10.1093/eurheartj/ehr304. 

502. Brozovich, F.V., Nicholson, C.J., Degen, C.V., Gao, Y.Z., Aggarwal, M., and Morgan, K.G. (2016). Mechanisms of Vascular 

Smooth Muscle Contraction and the Basis for Pharmacologic Treatment of Smooth Muscle Disorders. Pharmacol Rev 68, 476–

532. 10.1124/pr.115.010652. 

503. Rajendran, P., Rengarajan, T., Thangavel, J., Nishigaki, Y., Sakthisekaran, D., Sethi, G., and Nishigaki, I. (2013). The Vascular 

Endothelium and Human Diseases. Int J Biol Sci 9, 1057–1069. 10.7150/ijbs.7502. 



196 | P a g e  
 

504. Moncada, S., Korbut, R., Bunting, S., and Vane, J.R. (1978). Prostacyclin is a circulating hormone. Nature 273, 767–768. 

10.1038/273767a0. 

505. Legrand, M., and Tolwani, A. (2021). Anticoagulation strategies in continuous renal replacement therapy. Semin Dial 34, 

416–422. 10.1111/sdi.12959. 

506. Félétou, M., and Vanhoutte, P.M. (2006). Endothelium-derived hyperpolarizing factor: where are we now? Arterioscler 

Thromb Vasc Biol 26, 1215–1225. 10.1161/01.ATV.0000217611.81085.c5. 

507. Yanagisawa, M., Kurihara, H., Kimura, S., Tomobe, Y., Kobayashi, M., Mitsui, Y., Yazaki, Y., Goto, K., and Masaki, T. (1988). 

A novel potent vasoconstrictor peptide produced by vascular endothelial cells. Nature 332, 411–415. 10.1038/332411a0. 

508. Charbonier, F.W., Zamani, M., and Huang, N.F. (2019). Endothelial Cell Mechanotransduction in the Dynamic Vascular 

Environment. Adv Biosyst 3, e1800252. 10.1002/adbi.201800252. 

509. Giles, T.D., Sander, G.E., Nossaman, B.D., and Kadowitz, P.J. (2012). Impaired vasodilation in the pathogenesis of 

hypertension: focus on nitric oxide, endothelial-derived hyperpolarizing factors, and prostaglandins. J Clin Hypertens (Greenwich) 

14, 198–205. 10.1111/j.1751-7176.2012.00606.x. 

510. Fischer, C., Schneider, M., and Carmeliet, P. (2006). Principles and therapeutic implications of angiogenesis, 

vasculogenesis and arteriogenesis. Handb Exp Pharmacol, 157–212. 10.1007/3-540-36028-x_6. 

511. Tirziu, D., and Simons, M. (2009). Endothelium as master regulator of organ development and growth. Vascul Pharmacol 

50, 1–7. 10.1016/j.vph.2008.08.003. 

512. Risau, W. (1997). Mechanisms of angiogenesis. Nature 386, 671–674. 10.1038/386671a0. 

513. Yancopoulos, G.D., Davis, S., Gale, N.W., Rudge, J.S., Wiegand, S.J., and Holash, J. (2000). Vascular-specific growth factors 

and blood vessel formation. Nature 407, 242–248. 10.1038/35025215. 

514. Carmeliet, P. (2003). Angiogenesis in health and disease. Nat Med 9, 653–660. 10.1038/nm0603-653. 

515. Johnson, K.E., and Wilgus, T.A. (2014). Vascular Endothelial Growth Factor and Angiogenesis in the Regulation of 

Cutaneous Wound Repair. Adv Wound Care (New Rochelle) 3, 647–661. 10.1089/wound.2013.0517. 

516. Folkman, J. (2007). Angiogenesis: an organizing principle for drug discovery? Nat Rev Drug Discov 6, 273–286. 

10.1038/nrd2115. 

517. Betsholtz, C. (2018). Cell-cell signaling in blood vessel development and function. EMBO Mol Med 10, e8610. 

10.15252/emmm.201708610. 

518. Mazurek, R., Dave, J.M., Chandran, R.R., Misra, A., Sheikh, A.Q., and Greif, D.M. (2017). Vascular Cells in Blood Vessel 

Wall Development and Disease. Adv Pharmacol 78, 323–350. 10.1016/bs.apha.2016.08.001. 

519. Urbanczyk, M., Zbinden, A., and Schenke-Layland, K. (2022). Organ-specific endothelial cell heterogenicity and its impact 

on regenerative medicine and biomedical engineering applications. Adv Drug Deliv Rev 186, 114323. 10.1016/j.addr.2022.114323. 

520. Carmeliet, P., and Jain, R.K. (2011). Molecular mechanisms and clinical applications of angiogenesis. Nature 473, 298–

307. 10.1038/nature10144. 

521. Eliceiri, B.P., and Cheresh, D.A. (1999). The role of alphav integrins during angiogenesis: insights into potential 

mechanisms of action and clinical development. J Clin Invest 103, 1227–1230. 10.1172/JCI6869. 

522. Strilić, B., Kucera, T., Eglinger, J., Hughes, M.R., McNagny, K.M., Tsukita, S., Dejana, E., Ferrara, N., and Lammert, E. (2009). 

The molecular basis of vascular lumen formation in the developing mouse aorta. Dev Cell 17, 505–515. 

10.1016/j.devcel.2009.08.011. 

523. Iruela-Arispe, M.L., and Davis, G.E. (2009). Cellular and molecular mechanisms of vascular lumen formation. Dev Cell 

16, 222–231. 10.1016/j.devcel.2009.01.013. 



197 | P a g e  
 

524. Knighton, D.R., Hunt, T.K., Scheuenstuhl, H., Halliday, B.J., Werb, Z., and Banda, M.J. (1983). Oxygen tension regulates 

the expression of angiogenesis factor by macrophages. Science 221, 1283–1285. 10.1126/science.6612342. 

525. Ribatti, D. (2008). Chick embryo chorioallantoic membrane as a useful tool to study angiogenesis. Int Rev Cell Mol Biol 

270, 181–224. 10.1016/S1937-6448(08)01405-6. 

526. Khakpour, S., Wilhelmsen, K., and Hellman, J. (2015). Vascular endothelial cell Toll-like receptor pathways in sepsis. 

Innate Immun 21, 827–846. 10.1177/1753425915606525. 

527. Fitzner, N., Clauberg, S., Essmann, F., Liebmann, J., and Kolb-Bachofen, V. (2008). Human Skin Endothelial Cells Can 

Express All 10 TLR Genes and Respond to Respective Ligands. Clin Vaccine Immunol 15, 138–146. 10.1128/CVI.00257-07. 

528. Opitz, B., Eitel, J., Meixenberger, K., and Suttorp, N. (2009). Role of Toll-like receptors, NOD-like receptors and RIG-I-like 

receptors in endothelial cells and systemic infections. Thromb Haemost 102, 1103–1109. 10.1160/TH09-05-0323. 

529. Muller, W.A. (2011). Mechanisms of leukocyte transendothelial migration. Annu Rev Pathol 6, 323–344. 

10.1146/annurev-pathol-011110-130224. 

530. Ostermann, G., Weber, K.S.C., Zernecke, A., Schröder, A., and Weber, C. (2002). JAM-1 is a ligand of the beta(2) integrin 

LFA-1 involved in transendothelial migration of leukocytes. Nat Immunol 3, 151–158. 10.1038/ni755. 

531. Ley, K., Laudanna, C., Cybulsky, M.I., and Nourshargh, S. (2007). Getting to the site of inflammation: the leukocyte 

adhesion cascade updated. Nat Rev Immunol 7, 678–689. 10.1038/nri2156. 

532. Deshmane, S.L., Kremlev, S., Amini, S., and Sawaya, B.E. (2009). Monocyte chemoattractant protein-1 (MCP-1): an 

overview. J Interferon Cytokine Res 29, 313–326. 10.1089/jir.2008.0027. 

533. Shin, H.-S., Xu, F., Bagchi, A., Herrup, E., Prakash, A., Valentine, C., Kulkarni, H., Wilhelmsen, K., Warren, S., and Hellman, 

J. (2011). Bacterial lipoprotein TLR2 agonists broadly modulate endothelial function and coagulation pathways in vitro and in vivo. 

J Immunol 186, 1119–1130. 10.4049/jimmunol.1001647. 

534. Pegu, A., Qin, S., Fallert Junecko, B.A., Nisato, R.E., Pepper, M.S., and Reinhart, T.A. (2008). Human lymphatic endothelial 

cells express multiple functional TLRs. J Immunol 180, 3399–3405. 10.4049/jimmunol.180.5.3399. 

535. Wilhelmsen, K., Mesa, K.R., Lucero, J., Xu, F., and Hellman, J. (2012). ERK5 protein promotes, whereas MEK1 protein 

differentially regulates, the Toll-like receptor 2 protein-dependent activation of human endothelial cells and monocytes. J Biol 

Chem 287, 26478–26494. 10.1074/jbc.M112.359489. 

536. Yang, X., Li, L., Liu, J., Lv, B., and Chen, F. (2016). Extracellular histones induce tissue factor expression in vascular 

endothelial cells via TLR and activation of NF-κB and AP-1. Thromb Res 137, 211–218. 10.1016/j.thromres.2015.10.012. 

537. Pahwa, R., Nallasamy, P., and Jialal, I. (2016). Toll-like receptors 2 and 4 mediate hyperglycemia induced macrovascular 

aortic endothelial cell inflammation and perturbation of the endothelial glycocalyx. J Diabetes Complications 30, 563–572. 

10.1016/j.jdiacomp.2016.01.014. 

538. Kim, S., Bauernfeind, F., Ablasser, A., Hartmann, G., Fitzgerald, K.A., Latz, E., and Hornung, V. (2010). Listeria 

monocytogenes is sensed by the NLRP3 and AIM2 Inflammasome. Eur J Immunol 40, 1545–1551. 10.1002/eji.201040425. 

539. Yoneyama, M., Kikuchi, M., Natsukawa, T., Shinobu, N., Imaizumi, T., Miyagishi, M., Taira, K., Akira, S., and Fujita, T. 

(2004). The RNA helicase RIG-I has an essential function in double-stranded RNA-induced innate antiviral responses. Nat Immunol 

5, 730–737. 10.1038/ni1087. 

540. Lubrano, V., and Balzan, S. (2016). Roles of LOX-1 in microvascular dysfunction. Microvasc Res 105, 132–140. 

10.1016/j.mvr.2016.02.006. 

541. Sattler, S., Ghadially, H., Reiche, D., Karas, I., and Hofer, E. (2010). Evolutionary development and expression pattern of 

the myeloid lectin-like receptor gene family encoded within the NK gene complex. Scand J Immunol 72, 309–318. 10.1111/j.1365-

3083.2010.02433.x. 



198 | P a g e  
 

542. Poisson, J., Lemoinne, S., Boulanger, C., Durand, F., Moreau, R., Valla, D., and Rautou, P.-E. (2017). Liver sinusoidal 

endothelial cells: Physiology and role in liver diseases. J Hepatol 66, 212–227. 10.1016/j.jhep.2016.07.009. 

543. Sørensen, K.K., Simon-Santamaria, J., McCuskey, R.S., and Smedsrød, B. (2015). Liver Sinusoidal Endothelial Cells. Compr 

Physiol 5, 1751–1774. 10.1002/cphy.c140078. 

544. Braet, F., and Wisse, E. (2002). Structural and functional aspects of liver sinusoidal endothelial cell fenestrae: a review. 

Comp Hepatol 1, 1. 10.1186/1476-5926-1-1. 

545. Wisse, E., De Zanger, R.B., Charels, K., Van Der Smissen, P., and McCuskey, R.S. (1985). The liver sieve: considerations 

concerning the structure and function of endothelial fenestrae, the sinusoidal wall and the space of Disse. Hepatology 5, 683–

692. 10.1002/hep.1840050427. 

546. DeLeve, L.D. (2013). Liver sinusoidal endothelial cells and liver regeneration. J Clin Invest 123, 1861–1866. 

10.1172/JCI66025. 

547. Fraser, R., Dobbs, B.R., and Rogers, G.W. (1995). Lipoproteins and the liver sieve: the role of the fenestrated sinusoidal 

endothelium in lipoprotein metabolism, atherosclerosis, and cirrhosis. Hepatology 21, 863–874. 

548. Schrage, A., Loddenkemper, C., Erben, U., Lauer, U., Hausdorf, G., Jungblut, P.R., Johnson, J., Knolle, P.A., Zeitz, M., 

Hamann, A., et al. (2008). Murine CD146 is widely expressed on endothelial cells and is recognized by the monoclonal antibody 

ME-9F1. Histochem Cell Biol 129, 441–451. 10.1007/s00418-008-0379-x. 

549. Du, W., and Wang, L. (2022). The Crosstalk Between Liver Sinusoidal Endothelial Cells and Hepatic Microenvironment in 

NASH Related Liver Fibrosis. Front Immunol 13, 936196. 10.3389/fimmu.2022.936196. 

550. Kulsharova, G., and Kurmangaliyeva, A. (2021). Liver microphysiological platforms for drug metabolism applications. Cell 

Prolif 54, e13099. 10.1111/cpr.13099. 

551. Wilkinson, A.L., Qurashi, M., and Shetty, S. (2020). The Role of Sinusoidal Endothelial Cells in the Axis of Inflammation 

and Cancer Within the Liver. Front Physiol 11, 990. 10.3389/fphys.2020.00990. 

552. Shetty, S., Lalor, P.F., and Adams, D.H. (2018). Liver sinusoidal endothelial cells - gatekeepers of hepatic immunity. Nat 

Rev Gastroenterol Hepatol 15, 555–567. 10.1038/s41575-018-0020-y. 

553. Flammer, A.J., Anderson, T., Celermajer, D.S., Creager, M.A., Deanfield, J., Ganz, P., Hamburg, N.M., Lüscher, T.F., 

Shechter, M., Taddei, S., et al. (2012). The assessment of endothelial function: from research into clinical practice. Circulation 126, 

753–767. 10.1161/CIRCULATIONAHA.112.093245. 

554. Lanthier, N. (2015). Targeting Kupffer cells in non-alcoholic fatty liver disease/non-alcoholic steatohepatitis: Why and 

how? World J Hepatol 7, 2184–2188. 10.4254/wjh.v7.i19.2184. 

555. Leroux, A., Ferrere, G., Godie, V., Cailleux, F., Renoud, M.-L., Gaudin, F., Naveau, S., Prévot, S., Makhzami, S., Perlemuter, 

G., et al. (2012). Toxic lipids stored by Kupffer cells correlates with their pro-inflammatory phenotype at an early stage of 

steatohepatitis. J Hepatol 57, 141–149. 10.1016/j.jhep.2012.02.028. 

556. Sawada, K., Ohtake, T., Hasebe, T., Abe, M., Tanaka, H., Ikuta, K., Suzuki, Y., Fujiya, M., Hasebe, C., and Kohgo, Y. (2014). 

Augmented hepatic Toll-like receptors by fatty acids trigger the pro-inflammatory state of non-alcoholic fatty liver disease in mice. 

Hepatol Res 44, 920–934. 10.1111/hepr.12199. 

557. Zannetti, C., Roblot, G., Charrier, E., Ainouze, M., Tout, I., Briat, F., Isorce, N., Faure-Dupuy, S., Michelet, M., Marotel, M., 

et al. (2016). Characterization of the Inflammasome in Human Kupffer Cells in Response to Synthetic Agonists and Pathogens. J 

Immunol 197, 356–367. 10.4049/jimmunol.1502301. 

558. Tateya, S., Rizzo, N.O., Handa, P., Cheng, A.M., Morgan-Stevenson, V., Daum, G., Clowes, A.W., Morton, G.J., Schwartz, 

M.W., and Kim, F. (2011). Endothelial NO/cGMP/VASP signaling attenuates Kupffer cell activation and hepatic insulin resistance 

induced by high-fat feeding. Diabetes 60, 2792–2801. 10.2337/db11-0255. 



199 | P a g e  
 

559. Hammoutene, A., Biquard, L., Lasselin, J., Kheloufi, M., Tanguy, M., Vion, A.-C., Mérian, J., Colnot, N., Loyer, X., Tedgui, 

A., et al. (2020). A defect in endothelial autophagy occurs in patients with non-alcoholic steatohepatitis and promotes 

inflammation and fibrosis. J Hepatol 72, 528–538. 10.1016/j.jhep.2019.10.028. 

560. Ruart, M., Chavarria, L., Campreciós, G., Suárez-Herrera, N., Montironi, C., Guixé-Muntet, S., Bosch, J., Friedman, S.L., 

Garcia-Pagán, J.C., and Hernández-Gea, V. (2019). Impaired endothelial autophagy promotes liver fibrosis by aggravating the 

oxidative stress response during acute liver injury. J Hepatol 70, 458–469. 10.1016/j.jhep.2018.10.015. 

561. Francque, S., Laleman, W., Verbeke, L., Van Steenkiste, C., Casteleyn, C., Kwanten, W., Van Dyck, C., D’Hondt, M., Ramon, 

A., Vermeulen, W., et al. (2012). Increased intrahepatic resistance in severe steatosis: endothelial dysfunction, vasoconstrictor 

overproduction and altered microvascular architecture. Lab Invest 92, 1428–1439. 10.1038/labinvest.2012.103. 

562. Gonzalez-Paredes, F.J., Hernández Mesa, G., Morales Arraez, D., Marcelino Reyes, R., Abrante, B., Diaz-Flores, F., Salido, 

E., Quintero, E., and Hernández-Guerra, M. (2016). Contribution of Cyclooxygenase End Products and Oxidative Stress to 

Intrahepatic Endothelial Dysfunction in Early Non-Alcoholic Fatty Liver Disease. PLoS One 11, e0156650. 

10.1371/journal.pone.0156650. 

563. Baffy, G. (2018). Origins of Portal Hypertension in Nonalcoholic Fatty Liver Disease. Dig Dis Sci 63, 563–576. 

10.1007/s10620-017-4903-5. 

564. Roediger, W.E., Hems, R., Wiggins, D., and Gibbons, G.F. (2004). Inhibition of hepatocyte lipogenesis by nitric oxide 

donor: could nitric oxide regulate lipid synthesis? IUBMB Life 56, 35–40. 10.1080/15216540310001649822. 

565. Doulias, P.-T., Tenopoulou, M., Greene, J.L., Raju, K., and Ischiropoulos, H. (2013). Nitric oxide regulates mitochondrial 

fatty acid metabolism through reversible protein S-nitrosylation. Sci Signal 6, rs1. 10.1126/scisignal.2003252. 

566. Schild, L., Dombrowski, F., Lendeckel, U., Schulz, C., Gardemann, A., and Keilhoff, G. (2008). Impairment of endothelial 

nitric oxide synthase causes abnormal fat and glycogen deposition in liver. Biochim Biophys Acta 1782, 180–187. 

10.1016/j.bbadis.2007.12.007. 

567. Miura, K., Yang, L., van Rooijen, N., Ohnishi, H., and Seki, E. (2012). Hepatic recruitment of macrophages promotes 

nonalcoholic steatohepatitis through CCR2. Am J Physiol Gastrointest Liver Physiol 302, G1310-1321. 10.1152/ajpgi.00365.2011. 

568. Edwards, S., Lalor, P.F., Nash, G.B., Rainger, G.E., and Adams, D.H. (2005). Lymphocyte traffic through sinusoidal 

endothelial cells is regulated by hepatocytes. Hepatology 41, 451–459. 10.1002/hep.20585. 

569. Weston, C.J., Shepherd, E.L., Claridge, L.C., Rantakari, P., Curbishley, S.M., Tomlinson, J.W., Hubscher, S.G., Reynolds, 

G.M., Aalto, K., Anstee, Q.M., et al. (2015). Vascular adhesion protein-1 promotes liver inflammation and drives hepatic fibrosis. J 

Clin Invest 125, 501–520. 10.1172/JCI73722. 

570. Miyachi, Y., Tsuchiya, K., Komiya, C., Shiba, K., Shimazu, N., Yamaguchi, S., Deushi, M., Osaka, M., Inoue, K., Sato, Y., et 

al. (2017). Roles for Cell-Cell Adhesion and Contact in Obesity-Induced Hepatic Myeloid Cell Accumulation and Glucose 

Intolerance. Cell Rep 18, 2766–2779. 10.1016/j.celrep.2017.02.039. 

571. Hammoutene, A., and Rautou, P.-E. (2019). Role of liver sinusoidal endothelial cells in non-alcoholic fatty liver disease. J 

Hepatol 70, 1278–1291. 10.1016/j.jhep.2019.02.012. 

572. Roh, Y.-S., and Seki, E. (2018). Chemokines and Chemokine Receptors in the Development of NAFLD. Adv Exp Med Biol 

1061, 45–53. 10.1007/978-981-10-8684-7_4. 

573. McLean, A.J., Cogger, V.C., Chong, G.C., Warren, A., Markus, A.M.A., Dahlstrom, J.E., and Le Couteur, D.G. (2003). Age-

related pseudocapillarization of the human liver. J Pathol 200, 112–117. 10.1002/path.1328. 

574. Cogger, V.C., Warren, A., Fraser, R., Ngu, M., McLean, A.J., and Le Couteur, D.G. (2003). Hepatic sinusoidal 

pseudocapillarization with aging in the non-human primate. Exp Gerontol 38, 1101–1107. 10.1016/j.exger.2003.07.002. 

575. Ito, Y., Sørensen, K.K., Bethea, N.W., Svistounov, D., McCuskey, M.K., Smedsrød, B.H., and McCuskey, R.S. (2007). Age-

related changes in the hepatic microcirculation in mice. Exp Gerontol 42, 789–797. 10.1016/j.exger.2007.04.008. 



200 | P a g e  
 

576. Warren, A., Bertolino, P., Cogger, V.C., McLean, A.J., Fraser, R., and Le Couteur, D.G. (2005). Hepatic pseudocapillarization 

in aged mice. Exp Gerontol 40, 807–812. 10.1016/j.exger.2005.06.012. 

577. Hilmer, S.N., Cogger, V.C., Fraser, R., McLean, A.J., Sullivan, D., and Le Couteur, D.G. (2005). Age-related changes in the 

hepatic sinusoidal endothelium impede lipoprotein transfer in the rat. Hepatology 42, 1349–1354. 10.1002/hep.20937. 

578. Le Couteur, D.G., Cogger, V.C., Markus, A.M., Harvey, P.J., Yin, Z.L., Ansselin, A.D., and McLean, A.J. (2001). 

Pseudocapillarization and associated energy limitation in the aged rat liver. Hepatology 33, 537–543. 10.1053/jhep.2001.22754. 

579. Simon-Santamaria, J., Malovic, I., Warren, A., Oteiza, A., Le Couteur, D., Smedsrød, B., McCourt, P., and Sørensen, K.K. 

(2010). Age-related changes in scavenger receptor-mediated endocytosis in rat liver sinusoidal endothelial cells. J Gerontol A Biol 

Sci Med Sci 65, 951–960. 10.1093/gerona/glq108. 

580. Jamieson, H.A., Hilmer, S.N., Cogger, V.C., Warren, A., Cheluvappa, R., Abernethy, D.R., Everitt, A.V., Fraser, R., de Cabo, 

R., and Le Couteur, D.G. (2007). Caloric restriction reduces age-related pseudocapillarization of the hepatic sinusoid. Exp Gerontol 

42, 374–378. 10.1016/j.exger.2006.11.004. 

581. Smedsrød, B., Pertoft, H., Gustafson, S., and Laurent, T.C. (1990). Scavenger functions of the liver endothelial cell. 

Biochem J 266, 313–327. 10.1042/bj2660313. 

582. Cogger, V.C., Mross, P.E., Hosie, M.J., Ansselin, A.D., McLean, A.J., and Le Couteur, D.G. (2001). The effect of acute 

oxidative stress on the ultrastructure of the perfused rat liver. Pharmacol Toxicol 89, 306–311. 10.1034/j.1600-0773.2001.d01-

165.x. 

583. Warren, A., Cogger, V.C., Fraser, R., Deleve, L.D., McCuskey, R.S., and Le Couteur, D.G. (2011). The effects of old age on 

hepatic stellate cells. Curr Gerontol Geriatr Res 2011, 439835. 10.1155/2011/439835. 

584. Ley, K. (2009). Cell adhesion under flow. Microcirculation 16, 1–2. 10.1080/10739680802644415. 

585. Fraser, R., Cogger, V.C., Dobbs, B., Jamieson, H., Warren, A., Hilmer, S.N., and Le Couteur, D.G. (2012). The liver sieve and 

atherosclerosis. Pathology 44, 181–186. 10.1097/PAT.0b013e328351bcc8. 

586. Krasinski, S.D., Cohn, J.S., Schaefer, E.J., and Russell, R.M. (1990). Postprandial plasma retinyl ester response is greater 

in older subjects compared with younger subjects. Evidence for delayed plasma clearance of intestinal lipoproteins. J Clin Invest 

85, 883–892. 10.1172/JCI114515. 

587. Cohn, J.S., McNamara, J.R., Cohn, S.D., Ordovas, J.M., and Schaefer, E.J. (1988). Postprandial plasma lipoprotein changes 

in human subjects of different ages. J Lipid Res 29, 469–479. 

588. Brouwer, A., Barelds, R.J., and Knook, D.L. (1985). Age-related changes in the endocytic capacity of rat liver Kupffer and 

endothelial cells. Hepatology 5, 362–366. 10.1002/hep.1840050304. 

589. Caperna, T.J., and Garvey, J.S. (1982). Antigen handling in aging. II. The role of Kupffer and endothelial cells in antigen 

processing in Fischer 344 rats. Mech Ageing Dev 20, 205–221. 10.1016/0047-6374(82)90088-4. 

590. Le Couteur, D.G., Fraser, R., Cogger, V.C., and McLean, A.J. (2002). Hepatic pseudocapillarisation and atherosclerosis in 

ageing. Lancet 359, 1612–1615. 10.1016/S0140-6736(02)08524-0. 

591. Müller, A.M., Skrzynski, C., Nesslinger, M., Skipka, G., and Müller, K.-M. (2002). Correlation of age with in vivo expression 

of endothelial markers. Exp Gerontol 37, 713–719. 10.1016/s0531-5565(02)00010-4. 

592. Licastro, F., Candore, G., Lio, D., Porcellini, E., Colonna-Romano, G., Franceschi, C., and Caruso, C. (2005). Innate 

immunity and inflammation in ageing: a key for understanding age-related diseases. Immun Ageing 2, 8. 10.1186/1742-4933-2-8. 

593. Franceschi, C., Bonafè, M., Valensin, S., Olivieri, F., De Luca, M., Ottaviani, E., and De Benedictis, G. (2000). Inflamm-

aging. An evolutionary perspective on immunosenescence. Ann N Y Acad Sci 908, 244–254. 10.1111/j.1749-6632.2000.tb06651.x. 

594. Svistounov, D., Oteiza, A., Zykova, S.N., Sørensen, K.K., McCourt, P., McLachlan, A.J., McCuskey, R.S., and Smedsrød, B. 

(2013). Hepatic disposal of advanced glycation end products during maturation and aging. Exp Gerontol 48, 549–556. 

10.1016/j.exger.2013.03.005. 



201 | P a g e  
 

595. Safwan-Zaiter, H., Wagner, N., Michiels, J.-F., and Wagner, K.-D. (2022). Dynamic Spatiotemporal Expression Pattern of 

the Senescence-Associated Factor p16Ink4a in Development and Aging. Cells 11, 541. 10.3390/cells11030541. 

596. Silver, N., Best, S., Jiang, J., and Thein, S.L. (2006). Selection of housekeeping genes for gene expression studies in human 

reticulocytes using real-time PCR. BMC Mol Biol 7, 33. 10.1186/1471-2199-7-33. 

597. Keber, R., Motaln, H., Wagner, K.D., Debeljak, N., Rassoulzadegan, M., Ačimovič, J., Rozman, D., and Horvat, S. (2011). 

Mouse knockout of the cholesterogenic cytochrome P450 lanosterol 14alpha-demethylase (Cyp51) resembles Antley-Bixler 

syndrome. J Biol Chem 286, 29086–29097. 10.1074/jbc.M111.253245. 

598. Wagner, K.-D., Cherfils-Vicini, J., Hosen, N., Hohenstein, P., Gilson, E., Hastie, N.D., Michiels, J.-F., and Wagner, N. (2014). 

The Wilms’ tumour suppressor Wt1 is a major regulator of tumour angiogenesis and progression. Nat Commun 5, 5852. 

10.1038/ncomms6852. 

599. Wagner, N., Ninkov, M., Vukolic, A., Cubukcuoglu Deniz, G., Rassoulzadegan, M., Michiels, J.-F., and Wagner, K.-D. (2021). 

Implications of the Wilms’ Tumor Suppressor Wt1 in Cardiomyocyte Differentiation. Int J Mol Sci 22, 4346. 10.3390/ijms22094346. 

600. Wagner, K.-D., Ying, Y., Leong, W., Jiang, J., Hu, X., Chen, Y., Michiels, J.-F., Lu, Y., Gilson, E., Wagner, N., et al. (2017). The 

differential spatiotemporal expression pattern of shelterin genes throughout lifespan. Aging (Albany NY) 9, 1219–1232. 

10.18632/aging.101223. 

601. Wagner, K.-D., El Maï, M., Ladomery, M., Belali, T., Leccia, N., Michiels, J.-F., and Wagner, N. (2019). Altered VEGF Splicing 

Isoform Balance in Tumor Endothelium Involves Activation of Splicing Factors Srpk1 and Srsf1 by the Wilms’ Tumor Suppressor 

Wt1. Cells 8, E41. 10.3390/cells8010041. 

602. Wagner, K.-D., Vukolic, A., Baudouy, D., Michiels, J.-F., and Wagner, N. (2016). Inducible Conditional Vascular-Specific 

Overexpression of Peroxisome Proliferator-Activated Receptor Beta/Delta Leads to Rapid Cardiac Hypertrophy. PPAR Res 2016, 

7631085. 10.1155/2016/7631085. 

603. Wagner, N., Morrison, H., Pagnotta, S., Michiels, J.-F., Schwab, Y., Tryggvason, K., Schedl, A., and Wagner, K.-D. (2011). 

The podocyte protein nephrin is required for cardiac vessel formation. Hum Mol Genet 20, 2182–2194. 10.1093/hmg/ddr106. 

604. El Maï, M., Wagner, K.-D., Michiels, J.-F., Ambrosetti, D., Borderie, A., Destree, S., Renault, V., Djerbi, N., Giraud-Panis, 

M.-J., Gilson, E., et al. (2014). The Telomeric Protein TRF2 Regulates Angiogenesis by Binding and Activating the PDGFRβ Promoter. 

Cell Rep 9, 1047–1060. 10.1016/j.celrep.2014.09.038. 

605. Faulkner, A., Lynam, E., Purcell, R., Jones, C., Lopez, C., Board, M., Wagner, K.-D., Wagner, N., Carr, C., and Wheeler-Jones, 

C. (2020). Context-dependent regulation of endothelial cell metabolism: differential effects of the PPARβ/δ agonist GW0742 and 

VEGF-A. Sci Rep 10, 7849. 10.1038/s41598-020-63900-0. 

606. Wagner, K.-D., Du, S., Martin, L., Leccia, N., Michiels, J.-F., and Wagner, N. (2019). Vascular PPARβ/δ Promotes Tumor 

Angiogenesis and Progression. Cells 8, 1623. 10.3390/cells8121623. 

607. Sato, S., Kawamata, Y., Takahashi, A., Imai, Y., Hanyu, A., Okuma, A., Takasugi, M., Yamakoshi, K., Sorimachi, H., Kanda, 

H., et al. (2015). Ablation of the p16INK4a tumour suppressor reverses ageing phenotypes of klotho mice. Nat Commun 6, 7035. 

10.1038/ncomms8035. 

608. Bruggeman, S.W.M. (2005). Ink4a and Arf differentially affect cell proliferation and neural stem cell self-renewal in Bmi1-

deficient mice. Genes & Development 19, 1438–1443. 10.1101/gad.1299305. 

609. Sladky, V.C., Knapp, K., Soratroi, C., Heppke, J., Eichin, F., Rocamora-Reverte, L., Szabo, T.G., Bongiovanni, L., Westendorp, 

B., Moreno, E., et al. (2020). E2F-Family Members Engage the PIDDosome to Limit Hepatocyte Ploidy in Liver Development and 

Regeneration. Developmental Cell 52, 335-349.e7. 10.1016/j.devcel.2019.12.016. 

610. Lin, J., Smith, D.L., Esteves, K., and Drury, S. (2019). Telomere length measurement by qPCR - Summary of critical factors 

and recommendations for assay design. Psychoneuroendocrinology 99, 271–278. 10.1016/j.psyneuen.2018.10.005. 

611. Whittemore, K., Vera, E., Martínez-Nevado, E., Sanpera, C., and Blasco, M.A. (2019). Telomere shortening rate predicts 

species life span. Proc Natl Acad Sci U S A 116, 15122–15127. 10.1073/pnas.1902452116. 



202 | P a g e  
 

612. Montpetit, A.J., Alhareeri, A.A., Montpetit, M., Starkweather, A.R., Elmore, L.W., Filler, K., Mohanraj, L., Burton, C.W., 

Menzies, V.S., Lyon, D.E., et al. (2014). Telomere Length: A Review of Methods for Measurement. Nurs Res 63, 289–299. 

10.1097/NNR.0000000000000037. 

613. Leach, N.T., Rehder, C., Jensen, K., Holt, S., and Jackson-Cook, C. (2004). Human chromosomes with shorter telomeres 

and large heterochromatin regions have a higher frequency of acquired somatic cell aneuploidy. Mech Ageing Dev 125, 563–573. 

10.1016/j.mad.2004.06.006. 

614. Graakjaer, J., Bischoff, C., Korsholm, L., Holstebroe, S., Vach, W., Bohr, V.A., Christensen, K., and Kølvraa, S. (2003). The 

pattern of chromosome-specific variations in telomere length in humans is determined by inherited, telomere-near factors and is 

maintained throughout life. Mech Ageing Dev 124, 629–640. 10.1016/s0047-6374(03)00081-2. 

615. Tanaka, T., Narazaki, M., and Kishimoto, T. (2014). IL-6 in inflammation, immunity, and disease. Cold Spring Harb Perspect 

Biol 6, a016295. 10.1101/cshperspect.a016295. 

616. Wagner, N., and Wagner, K.-D. (2021). Every Beat You Take-The Wilms’ Tumor Suppressor WT1 and the Heart. Int J Mol 

Sci 22, 7675. 10.3390/ijms22147675. 

617. Henry, A.M., and Hohmann, J.G. (2012). High-resolution gene expression atlases for adult and developing mouse brain 

and spinal cord. Mamm Genome 23, 539–549. 10.1007/s00335-012-9406-2. 

618. Zhao, R., and Duncan, S.A. (2005). Embryonic development of the liver. Hepatology 41, 956–967. 10.1002/hep.20691. 

619. Vasey, D.B., Roland Wolf, C., Brown, K., and Whitelaw, C.B.A. (2011). Spatial p21 expression profile in the mid-term 

mouse embryo. Transgenic Res 20, 23–28. 10.1007/s11248-010-9385-6. 

620. Sharpless, N.E., and Sherr, C.J. (2015). Forging a signature of in vivo senescence. Nat Rev Cancer 15, 397–408. 

10.1038/nrc3960. 

621. Idda, M.L., McClusky, W.G., Lodde, V., Munk, R., Abdelmohsen, K., Rossi, M., and Gorospe, M. (2020). Survey of 

senescent cell markers with age in human tissues. Aging (Albany NY) 12, 4052–4066. 10.18632/aging.102903. 

622. Yousefzadeh, M.J., Zhao, J., Bukata, C., Wade, E.A., McGowan, S.J., Angelini, L.A., Bank, M.P., Gurkar, A.U., McGuckian, 

C.A., Calubag, M.F., et al. (2020). Tissue specificity of senescent cell accumulation during physiologic and accelerated aging of 

mice. Aging Cell 19, e13094. 10.1111/acel.13094. 

623. Wu, T., Liang, Z., Zhang, Z., Liu, C., Zhang, L., Gu, Y., Peterson, K.L., Evans, S.M., Fu, X.-D., and Chen, J. (2022). PRDM16 Is 

a Compact Myocardium-Enriched Transcription Factor Required to Maintain Compact Myocardial Cardiomyocyte Identity in Left 

Ventricle. Circulation 145, 586–602. 10.1161/CIRCULATIONAHA.121.056666. 

624. Sedmera, D., Pexieder, T., Vuillemin, M., Thompson, R.P., and Anderson, R.H. (2000). Developmental patterning of the 

myocardium. The Anatomical Record 258, 319–337. 10.1002/(SICI)1097-0185(20000401)258:4<319::AID-AR1>3.0.CO;2-O. 

625. Domínguez-Bautista, J.A., Acevo-Rodríguez, P.S., and Castro-Obregón, S. (2021). Programmed Cell Senescence in the 

Mouse Developing Spinal Cord and Notochord. Front Cell Dev Biol 9, 587096. 10.3389/fcell.2021.587096. 

626. Milanovic, M., Fan, D.N.Y., Belenki, D., Däbritz, J.H.M., Zhao, Z., Yu, Y., Dörr, J.R., Dimitrova, L., Lenze, D., Monteiro 

Barbosa, I.A., et al. (2018). Senescence-associated reprogramming promotes cancer stemness. Nature 553, 96–100. 

10.1038/nature25167. 

627. Li, Y., Zhao, H., Huang, X., Tang, J., Zhang, S., Li, Y., Liu, X., He, L., Ju, Z., Lui, K.O., et al. (2018). Embryonic senescent cells 

re-enter cell cycle and contribute to tissues after birth. Cell Res 28, 775–778. 10.1038/s41422-018-0050-6. 

628. Sharpless, N.E., Ramsey, M.R., Balasubramanian, P., Castrillon, D.H., and DePinho, R.A. (2004). The differential impact of 

p16(INK4a) or p19(ARF) deficiency on cell growth and tumorigenesis. Oncogene 23, 379–385. 10.1038/sj.onc.1207074. 

629. Lv, F., Wu, J., Miao, D., An, W., and Wang, Y. (2017). p16 deficiency promotes nonalcoholic steatohepatitis via regulation 

of hepatic oxidative stress. Biochem Biophys Res Commun 486, 264–269. 10.1016/j.bbrc.2017.03.023. 



203 | P a g e  
 

630. Veitonmäki, N., Fuxe, J., Hultdin, M., Roos, G., Pettersson, R.F., and Cao, Y. (2003). Immortalization of bovine capillary 

endothelial cells by hTERT alone involves inactivation of endogenous p16INK4A/pRb. FASEB J 17, 764–766. 10.1096/fj.02-0599fje. 

631. Wagner, M., Hampel, B., Bernhard, D., Hala, M., Zwerschke, W., and Jansen-Dürr, P. (2001). Replicative senescence of 

human endothelial cells in vitro involves G1 arrest, polyploidization and senescence-associated apoptosis. Exp Gerontol 36, 1327–

1347. 10.1016/s0531-5565(01)00105-x. 

632. Tang, J., Gordon, G.M., Nickoloff, B.J., and Foreman, K.E. (2002). The helix-loop-helix protein id-1 delays onset of 

replicative senescence in human endothelial cells. Lab Invest 82, 1073–1079. 10.1097/01.lab.0000022223.65962.3a. 

633. Minamino, T., Miyauchi, H., Yoshida, T., Ishida, Y., Yoshida, H., and Komuro, I. (2002). Endothelial cell senescence in 

human atherosclerosis: role of telomere in endothelial dysfunction. Circulation 105, 1541–1544. 

10.1161/01.cir.0000013836.85741.17. 

634. Trepat, X., Chen, Z., and Jacobson, K. (2012). Cell migration. Compr Physiol 2, 2369–2392. 10.1002/cphy.c110012. 

635. Alhaja, E., Adan, J., Pagan, R., Mitjans, F., Cascalló, M., Rodríguez, M., Noé, V., Ciudad, C.J., Mazo, A., Vilaró, S., et al. 

(2004). Anti-migratory and anti-angiogenic effect of p16: a novel localization at membrane ruffles and lamellipodia in endothelial 

cells. Angiogenesis 7, 323–333. 10.1007/s10456-005-0368-9. 

636. Kan, C.-Y., Wen, V.W., Pasquier, E., Jankowski, K., Chang, M., Richards, L.A., Kavallaris, M., and MacKenzie, K.L. (2012). 

Endothelial cell dysfunction and cytoskeletal changes associated with repression of p16(INK4a) during immortalization. Oncogene 

31, 4815–4827. 10.1038/onc.2011.645. 

637. Raffetto, J.D., Leverkus, M., Park, H.Y., and Menzoian, J.O. (2001). Synopsis on cellular senescence and apoptosis. J Vasc 

Surg 34, 173–177. 10.1067/mva.2001.115964. 

638. Chen, J., Huang, X., Halicka, D., Brodsky, S., Avram, A., Eskander, J., Bloomgarden, N.A., Darzynkiewicz, Z., and Goligorsky, 

M.S. (2006). Contribution of p16INK4a and p21CIP1 pathways to induction of premature senescence of human endothelial cells: 

permissive role of p53. Am J Physiol Heart Circ Physiol 290, H1575-1586. 10.1152/ajpheart.00364.2005. 

639. Che, H., Li, J., Li, Y., Ma, C., Liu, H., Qin, J., Dong, J., Zhang, Z., Xian, C.J., Miao, D., et al. (2020). p16 deficiency attenuates 

intervertebral disc degeneration by adjusting oxidative stress and nucleus pulposus cell cycle. Elife 9, e52570. 

10.7554/eLife.52570. 

640. Looi, K., Megliorino, R., Shi, F.-D., Peng, X.-X., Chen, Y., and Zhang, J.-Y. (2006). Humoral immune response to p16, a cyclin-

dependent kinase inhibitor in human malignancies. Oncol Rep 16, 1105–1110. 

641. Althubiti, M. (2022). β2-microglobulin is overexpressed in buccal cells of elderly and correlated with expression of p16 

and inflammatory genes. Saudi J Biol Sci 29, 103418. 10.1016/j.sjbs.2022.103418. 

642. Faith, D., Han, S., Lee, D.K., Friedl, A., Hicks, J.L., De Marzo, A.M., and Jarrard, D.F. (2005). p16 Is upregulated in 

proliferative inflammatory atrophy of the prostate. Prostate 65, 73–82. 10.1002/pros.20258. 

643. Minamino, T., Miyauchi, H., Yoshida, T., Tateno, K., and Komuro, I. (2004). The role of vascular cell senescence in 

atherosclerosis: antisenescence as a novel therapeutic strategy for vascular aging. Curr Vasc Pharmacol 2, 141–148. 

10.2174/1570161043476393. 

644. Yang, J., Chang, E., Cherry, A.M., Bangs, C.D., Oei, Y., Bodnar, A., Bronstein, A., Chiu, C.P., and Herron, G.S. (1999). Human 

endothelial cell life extension by telomerase expression. J Biol Chem 274, 26141–26148. 10.1074/jbc.274.37.26141. 

 


