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Engineering the surface of bubbles for microalgae harvesting by flotation 

using a biophysical approach 

Abstract 

Assisted flotation is a promising harvesting technique that consists in air dispersed into 

microbubbles rising through a microalgae suspension. As a result, microalgae cells get 

attached to bubbles and are carried out and accumulated on the surface, without being 

damaged. Flotation is thus a relatively rapid operation that needs low space, has moderate 

operational costs, and that could thus overcome the bottleneck of feasible microalgae biofuel 

production. To make this technique more efficient, the original strategy proposed in this work 

relies on functionalizing the bubbles produced during the flotation process with adhesive 

compounds, allowing bubbles to effectively capture cells during their ascent. This requires in 

a first step (i) to develop a method to produce microsized bubbles and probe their interactions 

with individual cells using atomic force microscopy (AFM) combined with microfluidics 

(FluidFM).  Then in a second step, (ii) it was required to determine which molecules are 

present on the surface of microalgae cells to identify a molecule that could adhere to them. 

For that, we first analyzed the composition of their cell wall using a combination of techniques 

such as liquid chromatography and X-ray photoelectron spectroscopy (XPS). The information 

obtained from these analyses revealed the presence of chitin-like molecules on the cell 

surface, similar to chitosan to which they could adhere through homotypic interactions. Then, 

in a third step (iii) we determined whether the identified molecule, chitosan, could effectively 

bind to cells by measuring their interactions at the molecular level using AFM. After 

understanding the molecular basis of these interactions, we then (iv) chemically modified 

chitosan to make it amphiphilic to functionalize the bubble surface. For that, we added 

hydrophobic groups to the hydrophilic chitosan backbone through N-alkylation by reductive 

amination. Finally, we evaluated the possibility of this new molecule, polyoctyl-chitosan, to 

functionalize bubble surfaces and modulate their interactions with cells. For this purpose, in 

a fifth step v), we evaluated the interaction between the functionalized bubbles and cells using 

FluidFM, and optimized an efficient functionalized bubble flotation process efficient to 

separate  populations of microalgae cells. The results of this project, by proposing a new 

efficient harvesting technique based on flotation, represent an important step towards the 

industrial use of microalgae biomass for the production of third generation biofuels. 



 
 

  



 
 

Résumé 

La flottation assistée est une technique de récolte prometteuse qui consiste à faire monter de 

l'air dispersé en microbulles à travers une suspension de microalgues. En conséquence, les 

cellules se fixent aux bulles et sont transportées et accumulées à la surface, sans être 

endommagées. La flottation est donc une opération relativement rapide qui nécessite peu 

d'espace, a des coûts opérationnels modérés, et qui pourrait ainsi surmonter les verrous de la 

production réalisable de biocarburants issus de microalgues. Pour rendre cette technique plus 

efficace, la stratégie originale proposée dans ce travail repose sur la fonctionnalisation des 

bulles produites pendant le procédé de flottation avec des composés adhésifs, permettant 

aux bulles de capturer efficacement les cellules pendant leur ascension. Cela nécessite dans 

un premier temps (i) de développer une méthode pour produire des bulles micrométriques et 

mesurer leurs interactions avec des cellules individuelles en utilisant la microscopie à force 

atomique (AFM) combinée à la microfluidique (FluidFM).  Puis dans une seconde étape, (ii) 

nous avons déterminé quelles molécules sont présentes à la surface des cellules de 

microalgues afin d'identifier une molécule qui pourrait y adhérer, grâce à une combinaison de 

techniques telles que la chromatographie liquide et la spectroscopie photoélectronique à 

rayons X (XPS). Les informations obtenues ont révélé la présence de molécules de type chitine 

à la surface des cellules, similaires au chitosan auquel elles pouvaient adhérer via des 

interactions homotypiques. Puis, lors d’une troisième étape (iii), nous avons déterminé si le 

chitosan pouvait effectivement se lier aux cellules en mesurant leurs interactions à l’échelle 

moléculaire par AFM. Après avoir compris les bases moléculaires de ces interactions, nous 

avons ensuite (iv) modifié chimiquement le chitosan pour le rendre amphiphile afin de le 

fonctionnaliser la surface des bulles. Pour cela, nous avons ajouté des groupes hydrophobes 

au squelette hydrophile du chitosan par N-alkylation. Enfin, nous avons évalué la possibilité 

pour cette nouvelle molécule, le polyoctyl-chitosan, de s’assembler à la surface des bulles et 

de moduler leurs interactions avec les cellules. Pour cela, dans une dernière étape v), nous 

avons évalué l'interaction entre les bulles fonctionnalisées et les cellules par FluidFM, et 

optimisé un procédé de flottation de bulles fonctionnalisées efficace pour séparer des 

populations de microalgues. Les résultats de ce projet, en proposant une nouvelle technique 

de récolte par flottation, représentent une étape importante vers l'utilisation industrielle de 

la biomasse microalgale pour la production de biocarburants de troisième génération. 
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General Introduction 

In the face of fossil fuels shortages and increasing pollution, which is a driver of climate 

change related to the combustion of fossil fuels, the need for renewable and sustainable 

energy sources to substitute energy production based on fossil fuels namely petroleum, coal 

and natural gas has become urgent (Fercoq et al., 2016; Markou & Nerantzis, 2013). Different 

alternative energy sources are already available, including biofuels derived from biomass. 

Given their interest to replace non-renewable fuels, research on this field is very active.  

Several types of biomass can be used including crop plants, agricultural by-products or marine 

resources such as seaweeds and cyanobacteria. Among them, microalgae represent the most 

attractive biomass, which has been extensively explored in this context for its potential to 

produce important quantities of oil that can be used for biofuel production (Pragya et al., 

2013). In addition, the potential of microalgae is even larger as they also represent an 

important source of biomass and of molecules of interest for the fields of food, feed or health. 

Moreover, microalgae cultures are an interesting solution for wastewater treatment problems 

because of their capacity to utilize inorganic phosphorus and nitrogen for growth (Yu et al., 

2017). Microalgae are unique microorganisms which convert light energy, water and inorganic 

nutrients into a biomass resource rich in value-added products such as lipids, carbohydrates, 

proteins and pigments (Minhas et al., 2016; Pragya et al., 2013). Despite these advantages, 

broad commercialization of microalgae-sourced biodiesel has been restrained due to the high 

costs involved with production processes, which are mainly associated with the harvesting 

step as microalgae grow at low concentration (0.3–3 g/L) thereby generating large amounts 

of water to treat (Lam & Lee, 2012). Several methods have been proposed for microalgae 

harvesting, including centrifugation, filtration, membrane separation process and 

sedimentation. However, most of these methods have low efficiencies along with high 

operating costs and high energy consumptions. In this context, flotation is a good alternative, 

which consists of generating rising air-bubbles in a microalgae suspension. As a consequence, 

microalgae cells attach to bubbles and are transported to the surface without being damaged. 

However, the efficiency of this method is limited by the fact that the interaction between the 

bubbles and the cells is repulsive, due to the negative surface charge of both cells and bubbles 

in water, and to the low hydrophobicity of microalgae cells. In order to make this technique 

effective for harvesting microalgae, the original strategy proposed in this PhD relies on 
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functionalizing the bubbles used in the flotation process with adhesive compounds, which will 

allow them to effectively capture the cells during their rise.  

For that, we need to identify a molecule that would allow attachment to cells and verify 

that functionalized bubbles with this molecule could indeed promote a better attachment to 

cells. The different steps that have allowed us to reach this objective are presented in Figure 

1. In a first step, we developed a method based on atomic force microscopy combined with 

microfluidics (FluidFM) to produce functionalized bubbles (Demir et al., 2021), which we use 

to measure at the molecular scale the interactions with cells. Then, we analyzed the 

composition of microalgae cell wall using a combination of surface analysis techniques that 

are liquid chromatography and X-ray photoelectron spectroscopy (XPS). The information 

obtained from these analyses revealed the presence of chitin-like polymers on the cell surface, 

a molecule that, in theory, is able to interact with another similar and bio-based molecule, 

chitosan. In a third step, we analyzed at the molecular level the interactions between chitosan 

and the cell wall using atomic force microscopy. Through these experiments, we were able to 

show that chitosan could bind efficiently with cells and we were able to understand the 

molecular basis of these interactions. We then continued with this molecule and in a fourth 

step we modified it to make it amphiphilic so that it could be functionalized at the surface of 

the bubbles used in flotation. To evaluate whether bubbles functionalized with chitosan could 

adhere to cells, we use in a fifth step the method based on FluidFM to functionalize bubbles 

with this amphiphilic chitosan and measure their interactions with microalgae cells at the 

molecular scale. This step allows validating the strategy developed in this PhD project by 

showing that these bubbles adhere better to cells than clean bubbles, and by understanding 

why. This information is necessary to optimize in a last step, the flotation process to separate 

whole cell populations in flotation experiments, and thus to prove experimentally the 

efficiency of our technique.  
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Figure 1:  Schematic representation of the development of a new bubble surface engineering strategy 
for optimized microalgae harvesting using flotation technique. Work tasks I), II) and III) are described 
in chapters 3, 4 and 5 respectively whereas tasks IV), V) and VI) are described in chapter 6. 

The work has been done so far with a species of green microalgae used for biofuel 

production in biotechnological processes, Chlorella vulgaris. In the future, we will be able to 

optimize this new separation process to harvest other species of microalgae of 

biotechnological interest, but also to use it for other applications than microalgae-based 

biomolecules production. For instance, this new separation process could be used for example 

to specifically separate microorganisms from complex media such as blood, which would be 

useful for the diagnosis of blood infections. The interest of the work carried out during this 

thesis thus extends well beyond the production of biofuels by microalgae, which shows its 

interest.  

The present document is composed of 6 chapters. The first Chapter is a general 

overview of the PhD work. It will first consist of a brief literature overview about microalgae 

for biofuels and value-added molecules, challenges for harvesting techniques, classic 

harvesting techniques and their drawbacks and alternative harvesting techniques based on 

flotation. Then, a second part will review the work performed during the PhD and finally a 

discussion and conclusions on the main results obtained will be proposed. In Chapter 2, two 

reviews are presented; one focusses on natural flocculation mechanisms to separate 

microalgae cells from their aqueous media, and the second one treats of the use of atomic 
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force microscopy in microalgae studies. Chapter 3 presents the new technique developed to 

produce micro-size bubbles using FluidFM, measure their interactions with (bio)-surfaces at 

the molecular scale and functionalize them to modulate their interactions with cells. Chapter 

4 is dedicated to the work performed on C. vulgaris cell wall analysis by combining AFM, XPS, 

and chemical hydrolysis followed by HPAEC-PAD. This part of the work has been conducted to 

identify the macromolecules that compose C. vulgaris cell wall. Then in Chapter 5, the 

interactions between chitosan, the molecule identified to adhere with C. vulgaris cell wall, and 

cells are probed at the molecular scale using AFM. Finally, in Chapter 6, the chemical 

modifications of chitosan to functionalize bubble surfaces, the interactions of functionalized 

bubbles with C. vulgaris cells, and the flotation process at the microalgae population scale are 

described. The appendices at the end of the document are composed of research articles in 

which I have participated, but that are not directly related to the subject of my PhD. 

This PhD has been funded by Agence Nationale de la Recherche (ANR). It was 

supervised by Dr. Cécile Formosa-Dague, CNRS researcher at Toulouse Biotechnology Institute 

(TBI) hosted at INSA Toulouse (National Institute of Applied Sciences of Toulouse), and Prof. 

Dr. Pascal Guiraud, professor of Chemical engineering at INSA-Toulouse. Most of the 

experimental work has been performed in TBI and LAAS-CNRS (Laboratoire d’Analyse et 

d’Architecture des Systèmes), where my scientific responsible was Dr. Etienne Dague, CNRS 

research director at LAAS-CNRS. My thesis is part of national and international 

multidisciplinary collaborations that bring together different fields of expertise. Thus, during 

my thesis, I actively collaborated with Dr. Etienne Dague from LAAS for all the experiments 

performed with atomic force microscopy (AFM). The collaboration with Dr. Tomaso Zambelli 

from ETH Zurich (Switzerland) allowed the development of the method based on FluidFM to 

produce bubbles and measure their interactions with cells. The collaboration with Prof. Dr. 

Koenraad Muylaert from the Katholieke Universiteit Leuven (KU-Leuven, Belgium) helped in 

understanding the interactions at the molecular level between chitosan and cells. Finally, Dr. 

Christophe Coudret from the Laboratoire Interactions Moléculaires et Réactivités Chimiques 

et Photochimiques (IMRCP, Toulouse) provided valuable assistance in modifying chitosan and 

making it amphiphilic. Local collaborations between TBI, LAAS and IMRCP were developed 

within the FERMAT Research Federation. Collaborating with these experts, coming from 

different disciplines and complementary to mine, allowed me to evolve in a rich environment 
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and to work at the interface between different fields in an interdisciplinary approach. Finally, 

this work has been performed thanks to the technical assistance of Fabien Mesnilgrente and 

Sandrine Assié-Souleille from LAAS-CRNS, and of Abdlali Khalfaoui, Claude Lemen, and Nathalie 

Clergerie from TBI, responsible of the equipment used. 
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Chapter 1. General Overview 

1.1. General context 

The aim of this general context section is to highlight the important questions that 

motivated the work performed during this PhD and to give the background information about 

the PhD topic. It does not consist of a bibliographic analysis. Such analysis on the main general 

aspects of the work has been published under the form of two reviews that are presented in 

Chapter 2. In addition, each publication that has been written during the PhD contains more 

bibliographic analysis on the specific topics they treat; these publications are presented in 

Chapters 3, 4, 5 and 6. But because of the interdisciplinary nature of this work, this general 

context is important to give the information needed for all readers, coming from different 

fields, to understand the ins and outs of the work.  

1.1.1. Microalgae for biofuels and value-added molecules production 

The introduction of microalgae in the field of biofuels production could at some point 

allow to replace the conventional fossils fuels, and this way achieve the aim of sustainable and 

clean energy. The advantages that make microalgae a potential new generation of feedstock 

for the production of biofuel and molecules of interest are numerous.  First, microalgae are 

capable of all year round production (Brennan & Owende, 2010), they grow on aqueous media 

but need less water than terrestrial crops (Dismukes et al., 2008). Besides, nutrients for their 

cultivation can be found in wastewater, and there is no need for herbicide or pesticide 

application (Rodolfi et al., 2009). They also have a rapid growth rate; to give an example, 

microalgae can achieve a yield 10 to 20 times higher than oil palm. Bio-lipids can be produced 

from different crops such as mustard, palm oil, sunflower, hemp and microalgae. But among 

them microalgae are the biggest oil producers (Chisti, 2008; Schenk et al., 2008). To give an 

example, compared to soybean, microalgae can produce up to 300 times more of oil 

(Ziolkowska, 2014).  Moreover based on rough estimations, the yield (per acre) of oil from 

microalgae is over 200 times the yield of the best-performing plant/vegetable oils (Sheehan 

et al., 1998).  Additionally, microalgae are the most effective organisms to tolerate stresses in 

their environment. Under stress environment, they have the ability to undergo some 

physiological modification that causes them to alter nutrient contents and biomass 

composition. For example, many species have increased their oil content up to 50-70 % dry 
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weight of biomass (L. Jiang et al., 2016; Pan et al., 2011) when cells are subjected to 

physiological stress conditions or unfavorable environment, such as nutrient limitation or 

photo-oxidative stress (Y. Jiang et al., 2012). For example under nitrogen deprivation condition 

the lipid content of the green microalgae Chlorella emersonii has reached up to 63% of its dry 

weight (Scragg et al., 2002). This property of microalgae has been utilized in many research 

studies, where  nutrient composition or salinity have been altered in microalgae cultivation 

for producing biomass with high lipid yields, proteins or carbohydrates depending on the final 

applications (Aslam et al., 2018).  

However, biofuel production is not the only application of microalgae in green 

biotechnology. As mentioned earlier in the introduction, they can also produce a wide range 

of metabolites such as proteins, lipids, carbohydrates, long-chain polyunsaturated fatty acids, 

carotenoids or vitamins for health, food and feed additives and cosmetics (Minhas et al., 

2016). For example, dried microalgae could be used as high-protein feeds for animals such as 

shrimp and fish (Demirbas, 2009). Additionally, microalgae can be used in other applications, 

such as wastewater treatment, resources recovering systems and waste mitigation.  

Although microalgae cultures have numerous interests, there are few challenges that 

industries need to face to scale-up their production in a cost-effective manner. For instance 

the use of microalgae as a feedstock for biofuel production is still in its early stages, and cost 

reduction at different steps of microalgae production should be carried out to make the 

process economically feasible, hence, competitive (Colling Klein et al., 2018). For example in 

2013, industries produced only 20 kt/year of microalgae biomass at a production cost of 

$20/kg (Benemann, 2013). To compete in large scale market such as energy, microalgae 

biomass production should be increased up to 104 kt/year at a production cost of $0.50/kg 

(Chisti, 2008). Thus at the moment, only production of high-value compounds related to 

aquaculture and human consumption are being performed on an industrial scale using 

microalgae. An example of such compounds is astaxanthin, an anti-oxydant molecule. 

Astaxanthin synthetically produced at a cost of $1000/kg has a market value of more than 

$200 million per year. However, because synthetically manufactured astaxanthin is not 

permitted for human consumption and human related producs, biologically produced 

astaxanthin carries a great importance in these markets (Olaizola, 2003). For example, the 

microalgae species Haematococcus pluvialis is currently used to synthesise commercial 
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Astaxanthin at a production cost of $15,000/kg. In the current scenario, large-scale microalgal 

biomass production for biofuel production generally involves higher costs and higher technical 

challenges than land crops (Alam et al., 2012). Production of biolipids from microalgae is still 

at early stage as the use of conventional microalgae production technologies involves high 

investments cost and results in high biofuel production costs (Colling Klein et al., 2018). For 

example, algal lipids can be produced in open pond reactor with a minimum selling price of 

12.33$/gallon (Richardson & Johnson, 2014). However, the price of gasoline is 3.963 $/gallon. 

Thus to compete with gasoline prices, optimizitaion needs to be performed every stage of 

microalga biomass production system to produce biofuels. The first challenge that industrial 

meet is related to cultivation of cells. Cultivation of microalgae is nowadays possible in 

different types of systems; open, closed and hybrid systems (Bazaes et al., 2012). Open 

systems are directly exposed to harsh environmental conditions such as temperature changes 

and direct sun light but they provide an economic and convenient way to cultivate microalgae  

(Chew et al., 2018). Unstirred ponds, race track type pods and circular pods are examples of 

open systems. For example unstirred ponds use natural water where other microorganisms 

are present and can compete with microalgae growth (Converti et al., 2009). Another problem 

with this type of system is the poor aeration that is due to the lack of mixing. But even when 

mixing is introduced in open systems, other problems remain such as a lack of temperature 

control and a high contamination risk that can cause the culture to crash.  Close systems can 

eliminate these disadvantages. Closed systems, also known as photobioreactors (PBR) (Tasić 

et al., 2016) are now widely studied. The reasons for that is that (i) growth conditions in a 

closed system can be controlled, and (ii) contamination of cultures by predator 

microorganisms can be avoided. Growth in PBRs results in a higher biomass-to-substrate 

conversion ratio and better economic production efficiency compared to open systems 

(Norsker et al., 2011). But for most of closed systems, flat panel bioreactors, airlift column 

bioreactors, tubular bioreactors and others, scale up can be a challenging step and often needs 

additional materials (Chew et al., 2018). The production efficiencies and capacities of each 

systems, open or closed, can vary greatly depending on the species used, the environmental 

conditions, the mixing mechanism and the culture medium used. Open systems have been 

widely used in large scale applications because of their economic aspects and simplicity. 

Closed systems, on the other hand, are primarily intended to cultivate microalgae in optimum 

conditions and overcomes most of the concerns mentioned above for open systems. But 
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whatever the cultivation system used, microalgae grow at low concentration (0.5-5 g/L) and 

thus generate liters of water to treat to harvest them. It has been estimated that microalgae 

biomass harvesting accounts for between 20 and 30% of the total microalgae processes costs 

(Molina Grima et al., 2003); more effective microalgae cell harvesting techniques should 

therefore be developed. This is the objective of this PhD project, which focuses on developing 

a cost-effective harvesting method. In the next part, microalgae harvesting techniques will be 

covered. 

1.1.2. Classic techniques used to harvest microalgae 

The problem of microalgal biomass harvesting has been extensively studied, and so far 

the main separation techniques used are centrifugation, sedimentation, filtration, and 

flocculation. However, most of these methods have a low efficiency for high operating costs 

and high-energy consumption. Yet, there is no single universal harvesting method for all 

microalgae species and/or applications that would be both technically and economically viable 

(Rashid et al., 2018; Tiron et al., 2017). For instance, centrifugation, the currently most used 

option in industrial scale production systems, is based on a mechanical gravitational force that 

allows an efficient harvesting of suspended cells in a short time. However, because of the high 

energy requirements of this technique, which may also damage cells due to the high shear 

forces, its use is recommended only for high-value microalgae-based products such as in foods 

and pharmaceuticals industries (Tiron et al., 2017; Gupta et al., 2016). In filtration processes, 

membranes with a pore size smaller than microalgae size are used; this way microsized algal 

cells are retained on the membrane surface when filtrated under high pressure, where they 

form a thick paste of algal biomass (Uduman, Qi, Danquah, Forde, et al., 2010). In this process, 

the membrane holds the algae whereas culture medium goes through the filters (Gerardo et 

al., 2015). This size-exclusion method may be useful and scalable for algae harvesting only if 

problems in membrane clogging can be minimized or prevented (Hwang et al., 2013). Finally 

for large-scale harvesting of a wide variety of microalgae species, flocculation combined with 

settling appears to be a promising low-cost approach (Molina Grima et al., 2003); but 

nevertheless, contamination remains a major concern in this technique, as synthetic 

flocculants that are usually used to induce flocculation end up in the harvested biomass and 

can interfere with its final application (Vandamme et al., 2013) (Demir, Besson, et al., 2020). 
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1.1.3. Flotation is an alternative harvesting technique with great potential 

In this context, flotation is believed to be an effective harvesting technique based on 

the natural low density and self-floating tendency of microalgae cell. In air flotation, the 

harvesting process is based on the generation of rising air bubbles that bind to microalgal cells 

and bring them to the liquid surface (Laamanen et al., 2016). However, due to differences in 

the surface hydrophobicity and surface charge of microalgae cells, the harvesting efficiency of 

this technique varies greatly depending on the microalgae species used (Garg et al., 2012b) 

and culture conditions. The surface of the bubble being hydrophobic and negatively charged 

in water (Yang et al., 2001), they repel microalgae cells, thereby preventing their capture and 

flotation. The capture of cells by bubbles depends mainly on the probability of the bubbles to 

make contact with cells (Sarrot et al., 2005). This is illustrated in Figure 2.  For that both the 

size of the cells and of the bubbles is important. Indeed, smaller cells will have a lower 

probability of colliding with bubbles compared to larger cells. On the other hand, more and 

smaller bubbles improve the probability of colliding (Coward et al., 2015). Let’s detail this 

point. For particles smaller than 100 nm, colloidal interactions between particles and bubbles 

(electrical double-layer and non-DLVO hydrophobic forces), as well as Brownian diffusion of 

the particles are the key factors controlling particle separation. For example in the case of 

nanoparticles,  the separation efficiency can be increased by using smaller bubbles to increase 

their specific surface areas for Brownian diffusion (Zhang & Guiraud, 2017).For larger particles, 

the efficiency of collection is mostly determined by particle interception and collision with 

bubbles (Miettinen et al., 2010; Mishchuk et al., 2006; Nguyen et al., 2006). In the case of the 

microalgae cells, working with smaller bubbles is thus very important to maximize the chances 

of collision of cells with bubbles. Another aspect to consider is the bubble interface 

contamination, which can have a significant effect on the bubble hydrodynamics and change 

drastically the collision efficiency, thereby the  capture efficiency (Legendre et al., 2009; Sarrot 

et al., 2007). Contaminated bubbles rise with a  decreased speed thus will have an increased 

with residence time so enhances the change to collide with a (bio)-particles (Huang et al., 

2012; Zhang & Guiraud, 2017). There are different types of flotation techniques available such 

as dispersed air flotation (DiAF), electro flotation and dissolved-air flotation (DAF). These 

techniques are different in the way bubbles are generated, which has an impact on bubble 

size and flow condition (Matis & Lazaridis, 2002). Among these techniques, DAF allows 



 

20 
 

producing small bubbles (< 100 µm), which take more time to rise to the surface and also offer 

a greater surface area per air unit volume, therefore increasing the probability of collision 

(Laamanen et al., 2016).   

 

Figure 2: Bubble– (bio)-particle interaction process. Water stream line around a bubble caused by 
relative motion between the bubble and surrounding liquid. Adapted from (Yan et al., 2016) . 
 

 To make flotation more efficient for microalgae harvesting, one alternative is to add a 

flocculation step prior to the flotation process. For this, flocculants are added to the algal 

suspension to aggregate cells into large flocs that can be easily removed from the water (Lama 

et al., 2016). Usually, spontaneous aggregation of microalgal cells in suspension is prevented 

by the negative surface charge of most microalgae species (Molina Grima et al., 2003). To 

trigger floc formation, the addition of positively charged ions or polymers is thus often 

required. The flocculation of microalgae can be mediated through five different mechanisms 

acting alone or simultaneously. These mechanisms are presented in Figure 3; they are also 

described in detail in Chapter 2.1. Briefly, the first one is the compression of the electric double 

layer which consists in decreasing electrostatic repulsive forces via the lowering of the surface 

charge by pH variations in the suspension. Second, in charge neutralization, positively charged 

ions, polymers or colloids strongly absorb on the negatively charged surface of microalgae 

cells. In the bridging mechanism, polymers or positively charged colloids simultaneously bind 

to the surface of two different microalgae cells to form a bridge between them and bring them 

together. The fourth mechanism is the electrostatic patch mechanism in which a charged 
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polymer binds to microalgae cells with opposite charge resulting in patches of opposite charge 

on the microalgae surface. The last one is the sweeping mechanism where the massive 

precipitation of a mineral present in the cultivation media entraps microalgae cells and 

aggregate them (Besson & Guiraud, 2013b; Demir, Besson, et al., 2020). Depending on several 

parameters such as the microalgae species used, or the conditions in which they are cultured, 

one or another mechanism takes place. In many cases, this flocculation step is performed 

using synthetic flocculants, which can contaminate the harvested biomass including 

contamination of downstream processes and of the recycled water. For these reasons natural 

flocculation can be a preferred alternative. So far two types of natural flocculation 

mechanisms are identified: auto-flocculation, where the flocculation is triggered by a 

molecule or precipitate that naturally forms in the culture medium, and bio-flocculation, 

where a molecule produced by cells, such as biopolymers, is directly responsible for the 

flocculation. To mimic these natural flocculation mechanisms, bio-sourced polymers can be 

used as flocculants. They present different advantages; they are non-toxic, biodegradable, 

relatively cheap and are abundantly available in nature (Pal et al., 2005; Renault et al., 2009). 

 

Figure 3: Schematic representation of natural flocculation mechanisms. (a) Compression of the 
electric double layer (EDL), (b) charge neutralization, (c) bridging, (d) sweeping, and (e) patch 
mechanisms. Extracted from (Demir, Besson, et al., 2020) 
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There is also another way to increase the flotation efficiency. Instead of working on 

the cells and flocculate them, an alternative is to work on the bubble surface and functionalize 

it with a molecule that will allow modulating their interactions with cells. The first example 

that shows that bubble interactions could be modulated through bubble functionalization has 

been performed in 1994 by Ducker and co-workers, who used sodium dodecylsulfate (SDS), a 

surfactant that absorbs at the bubble surface rendering it hydrophilic. When probing the 

interactions with a silica sphere, their results showed the removal of the hydrophobic force 

that was taking place with clean bubbles (Ducker et al., 1994). These experiments were the 

first to demonstrate that it is possible to modify the interaction of bubbles by modifying their 

surface physico-chemical properties (Demir et al., 2021). It is a long time after, in 2008, that 

this concept was used for microalgae harvesting applications. Indeed, the team of Henderson 

was the first to use functionalized bubbles in flotation process to enhance harvesting 

efficiency (Henderson et al., 2008a, 2010). In the strategy developed by this team, bubbles are 

functionalized with cationic polymers that make the bubble surface positively charged. These 

positively charged bubble surfaces can then attract negatively charged microalgae cells 

without the requirement for cell flocculation. They named this technique PosiDAF as the 

bubbles used where generated using DAF technique. The two most promising PosiDAF cationic 

polymers identified were a cationic surfactant cetyltrimethylammonium bromide (CTAB), as 

well as a polymer polydiallyldimethylammonium chloride (polyDADMAC) (Henderson et al., 

2008a, 2010). In this case, to produce the functionalized bubbles, these surfactants were 

directly added to the saturator containing water. This mixture was then pressurized and 

shaken until stabilization. The pressurized solution was then released into the microalgae 

suspension to let the flocculation of cells occur with the functionalized bubble. This technique 

has demonstrated that by functionalizing bubble surface it is possible to increase the removal 

efficiency of microalgae to levels comparable to those of conventional flocculation/flotation 

process but without the requirement for prior flocculation. A similar strategy had also been 

previously described in our team, where surface-functionalized microbubbles – colloidal gas 

aphrons (CGAs)-, were used to harvest SiO2 nanoparticles (Zhang & Guiraud, 2017). In this 

case, negatively and positively charged CGAs were produced with cetyl trimethylammonium 

bromide (CTAB) and sodium dodecyl sulfate (SDS), leading to a separation efficiency of 90-

99%. Thus, these works demonstrate that by using functionalized bubble we can perform 

flotation in a one-step process and this way reduce the time needed and thus its overall cost. 
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In the scope of this PhD, biopolymers can be interesting for instance chitosan, starch, 

cellulose or lignin, as our aim is to functionalize bubbles with a molecule that will stick to the 

cell wall without altering cells. For instance, polysaccharides like chitosan are often able to 

form homotypic interactions  with other polysaccharides that can be present at the surface of 

cells (Formosa-Dague, Castelain, et al., 2018). Our idea is that if these molecules can act as a 

flocculent because they interact with cells, then we can functionalize them at the surface of 

bubbles so that the bubbles will directly interact with cells and bring them to the surface, in a 

one step process. But before that a required task is to first understand how flocculant and 

cells interact, and determine the flocculation mechanisms involved.  

 

1.1.4. Techniques to study microalgae; Atomic Force Microscopy (AFM) 

So far, there have been many attempts to understand the mechanisms involved in 

microalgae flocculation at the macroscopic level, yet, only a few studies confirm those 

mechanism at the microscopic level. Few strategies including focused beam reflectance 

measurement (FBRM) (Uduman, Qi, Danquah, & Hoadley, 2010), optical inverted microscopy 

imaging and contact angle measurements using the sessile drop method (Ozkan & Berberoglu, 

2013a) have been used to understand the microalgae interaction as well as its physico-

chemical surface properties. Another type of technology that can be used to study microalgae 

and their interactions is atomic force microscopy (AFM). AFM, first developed in 1986 (Binnig 

et al., 1986), relies on the control of a force acting between a sharp tip and a surface, while 

scanning a sample. This way nanoscale high resolution images while being operated in liquid 

which makes it possible to monitor and image live cells surfaces. Moreover, AFM is also a force 

machine able to record forces at the piconewton level thus making it possible to gain insights 

into the interactions of cells with their environment. This method is thus a surface probing 

method, making it different from other types of microscopies such as electron or optical 

microscopies. As the tip scans the surface of the sample, the cantilever on which it is fixed gets 

deflected. This deflection is recorded thanks to a laser reflected on a photodiode, thereby 

allowing to collect the signal (Figure 4). One of the attractive advantages of AFM over other 

nanoscale microscopies such as scanning electron microscopy (SEM) or transmission electron 

microscopy (TEM), is its ability to operate in liquid, which makes it possible to monitor live 

cells in real time (Demir-Yilmaz et al., 2021a). For example, in SEM, TEM and two-photon 
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imaging  samples needs to be water-free and immobilized on surfaces which allow only static 

snapshot of the samples (Reifarth et al., 2018).  However, AFM provides the opportunity for 

direct visualization of cell surface morphology in environmental conditions (adjustable pH, 

temperature and salt concentration) as it operates in liquid. AFM application for living cells, 

and more specifically for microalgae, is covered in detail in Chapter 2.2. But in short, compared 

to SEM or TEM, AFM can also record forces in force spectroscopy mode, thereby giving access 

to the nanomechanical and adhesive properties of cell surfaces. For example, nanomechanical 

measurements provide important information on the cell wall which is responsible for 

maintaining cell morphology, and which represents its interface with the surrounding 

environment. In addition, AFM has already been effectively used to understand adhesive 

behavior of microalgae cells toward flocculants and their interactions with particles or 

molecules present in their environment (Formosa-Dague, Gernigon, et al., 2018a; Besson et 

al., 2019). Finally, these recent years, new AFM developments have been made, for example 

FluidFM that combines AFM with microfluidics. Basically, in this system, the standard AFM 

cantilevers are replaced by cantilevers containing a microfluidic channel that can be filled with 

any liquid or air (Meister et al., 2009b). Such developments further enhance the possibilities 

of AFM technology to access new information and answer more fundamental questions on 

living systems.  
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Figure 4:  Atomic force microscopy principle. A sharp tip mounted on a cantilever can move in the x, y 
and z direction thanks to a piezo-electric ceramic. While scanning the sample, the deflection of the 
cantilever is recorded thanks to a laser reflected on a photodiode. Extracted from (Demir-Yilmaz et al., 
2021a)  

In FluidFM, a microsized channel is integrated into the AFM cantilever and connected 

to the pressure controller. Thanks to its close fluidic channels, reservoir and aperture at the 

end of the cantilever, liquids can be aspirated within the cantilever microfuilidc channel and 

dispersed locally. FluidFM has already been used in various types of applications.  For example 

in material science, it has been used for sub-micrometer etching (Meister et al., 2009b), for 

local functionalization of polymer layers (Hirt et al., 2015) or for electrochemical 3D printing 

of conductors with microscale resolution (van Nisselroy et al., 2022). For that, the 

microchanneled nanopipette cantilevers that are used are capable of delivering electrolyte 

through submicroscale openings at the edge of the cantilevers. Thus, the 3D printed 

constructions are built layers by layers, allowing for sophisticated geometrical shapes to be 

built, such as double rings, helices, and tripods (van Nisselroy et al., 2022). Moreover, FluidFM 

is also used in biological sciences where it provides the opportunity to overcome several 

single-cell spectroscopy problems. For example FluidFM enables to isolate single cells by 

applying an under-pressure in the microchannel; this way single cells can be tightly 

immobilized at the aperture of the cantilever, and can be used to probe cell-cell interactions 

or cell-surface interactions in a reliable way (Demir, Blockx, et al., 2020; Demir-Yilmaz, 

Yakovenko, et al., 2022), or to  transfer cells to targeted areas to observe cell behaviors. 
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Moreover, a major application of FluidFM in life sciences is the extraction of molecules directly 

from cells’ cytoplasm for molecular analysis, using the cantilevers’ tips to puncture the cell 

outer membrane or cell wall (Guillaume-Gentil et al., 2013, 2016, 2022; Potthoff et al., 2015). 

Such strategy can also be used to inject cells with biomolecules or fluorescent dyes, this way 

by applying an overpressure (Guillaume-Gentil et al., 2016). 

1.1.5. Conclusion 

Microalgae really do have the potential to contribute to meet the challenges of the 

21th century in terms of CO2 emission if we can use them for biofuels production to replace 

fossils fuels, and this way the aim of sustainable and clean energy could be reached. Yet their 

industrial use is limited by different factors regarding their production, the most important 

one being the lack of efficient harvesting techniques. This is why microalgae harvesting is an 

important and active field of research, with a lot of different methods that have been 

developed to harvest cells.  Among them, flotation is an interesting separation technique that 

has showed its potential in other industries such as ores (Houot, 1982; M. Ma, 2012), water 

treatment, and plastics separation (Pita & Castilho, 2017). However, this process is challenging 

in the specific case of microalgae. Being negatively charged, as the surface of air bubbles in 

water is also negatively charged, they repeal each other preventing adhesion and thus capture 

and flotation. So far, flotation has already been used to separate microalgae cells but most of 

the time in combination with flocculation. One research group though, in Australia, worked at 

making this method efficient by eliminating the pretreatments like flocculation through 

coating the surface of bubbles with positively charged surfactants or polymers such as 

polydiallyldimethylammonium chloride (polyDADMAC) (Henderson et al., 2010). This process, 

called PosiDAF, has notably proven to be an efficient method to harvest Melosira aeruginosa, 

C. vulgaris and Asterionella formosa cells. Indeed, for these species, maximum removal 

efficiencies of 97% for M. aeruginosa, 54% for C. vulgaris and 89%  for A. formosa could be 

reached with bubbles functionalized with  cationic surfactants with different effective doses 

(Henderson et al., 2008a, 2008b). In this PhD we also explore this type of strategy, but instead 

of changing the charge of bubbles, our idea is to modify the bubble surface with a molecule 

that will specifically interact with the cell wall of microalgae. The next chapter will present the 

work performed to reach this objective. In the first part of the thesis, we developed a method 

to produce micro-sized, stable bubbles and measure their interactions with single microalgae 
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cells. Then, in the second part we analyzed the cell wall composition of C. vulgaris; the 

information obtained from these analysis and data from the literature allowed us to make 

strong hypothesis on the polysaccharides present in the cell wall, and select one for the rest 

of the project, chitosan. Then in the third part we used AFM to understand the flocculation 

mechanism of chitosan by measuring its interactions with cells at the molecular level. 

Thereafter, we modified chitosan to make it amphiphilic, and for that polyoctyl hydrophobic 

chains were added (N-alkylation by reductive amination) on the chitosan backbone. Finally, 

we took advantage of the amphiphilic characteristic of this new chitosan-based molecule to 

modify the bubble surface, probe the interactions between these functionalized bubbles and 

cells and finally perform separation of cells at the population-scale in flotation experiments.   
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1.2.  Review of the PhD work 

The aim of this review of the PhD work is to now present the experimental work that was 

performed to reach the objective set in this PhD, developing a new strategy to efficiently 

harvest microalgae cells by flotation using functionalized bubbles. The different subtitles of 

this section correspond to the different steps of the strategy we put in place during this PhD, 

exposed in the general introduction (p9). These results can also be found in the papers 

publications presented in Chapters 2-5. Also, in this section, elements of discussions on the 

results obtained are also included 

1.2.1. Development of a method to measure the interaction between bubbles, 

functionalized or not, and cells at the molecular scale.  

This part of the work is described in detail in the article entitled “Probing the interactions 

between air bubbles and (bio)interfaces at the nanoscale using FluidFM technology”, by  

Demir et al., JCIS, 2021, presented in Chapter 3. 

During flotation separation process, cells are captured by rising air bubbles. While they 

rise, they interact with cells and bring them to the surface. Thus, for this separation technique 

to be the most effective with microalgae cells, during the process cells need to interact more 

with the air bubbles. For that the strategy that we chose to develop in this PhD is to engineer 

the surface of the bubble and make it adhesive for cells. But before any of that can be done, 

we need to find a way to understand the physico-chemical basis of these interactions at the 

molecular scale. While the fluid dynamics aspects of bubbles-(bio)surfaces interactions have 

been well studied (Walls et al., 2014), yet the molecular mechanisms involved remain largely  

unresolved because of the lack of techniques to probe them (Demir et al., 2021).  One 

possibility to access these interactions is to use atomic force microscopy (AFM). It was first 

used to measure the interactions between air bubbles and particle(s)/surface(s) in 1994 

(Ducker et al., 1994). For that, the authors used the colloidal probe method in which silica 

particles were attached on cantilevers; these colloidal probes were then used to measure the 

interactions with bubbles with diameters of several hundreds of mm, stabilized on 

hydrophobic surfaces (Ducker et al., 1991). Regarding the interactions between bubbles and 

bio-surfaces, so far in the literature, only two studies have focused on probing the interactions 

between bubbles and microorganisms using AFM (Ditscherlein et al., 2018; Yumiyama et al., 
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2019). In the first study by Ditscherlein and coworkers, the colloidal probe method described 

in 1994 was further improved to analyze the interactions between air bubbles and layers of 

cells of the yeast species Saccharomyces bayanus. In this case, bubbles, generated by gas 

supersaturation, were picked up with hydrophobic cantilevers and yeast cells were 

immobilized on surfaces (Ditscherlein et al., 2018). This was the first trial to measure and 

characterize the interactions between an air bubble and microorganisms in liquid, using AFM. 

Notably, the results of this study indicate that these interactions are primarily hydrophobic, 

but can be affected by pH, salt concentration, ionic strength or ethanol concentration. Later, 

Yumiyama et al. measured in 2019 the interactions between single yeast cells of the species 

Saccharomyces cerevisiae instead of a layer of cells, and microbubbles using AFM (Yumiyama 

et al., 2019). The results showed also that hydrophobic interactions were taking place 

between yeast cells and microbubbles. In these two examples, even though experimental 

parameters such as pH or ionic strength, as well as system parameters such as applied force, 

approach velocity or contact time, are adjustable, a major issue remains. Indeed, the size of 

the bubble used to probe the surface of cells is not controlled over time because of the Laplace 

pressure (Eriksson & Ljunggren, 1999; Ljunggren & Eriksson, 1997).  Laplace pressure is the 

differential pressure across inside and outside of a curved surface or interface that forms a 

boundary between gas and liquid region (Butt et al., 2006). Over time the gases inside the 

bubble dissolve in water, which modifies the size of the bubble and thus the contact area 

between the bubble and the sample, leading to a change in the adhesion forces recorded. To 

give an example, when the interactions between bubbles and a cell surface are probed, this 

change in the contact area modifies the number of molecules from the cell surface involved 

in the interaction, and results in a change in the adhesion force recorded.  Moreover, 

uniformity of the bubble and bubble size during force measurement is another bottleneck of 

these studies as the different bubbles fixed on hydrophobic cantilevers do not have a 

controlled and homogeneous size. 

To overcome this challenge, we took the advantage of the FluidFM technology that 

combines AFM with microfluidic AFM probes (Meister et al., 2009b). In this system, a micro-

sized channel is integrated in an AFM cantilever and connected to a pressure controller system 

(pressure range from -800 to 1000 mbar), thus creating a continuous and closed fluidic conduit 

that can be filled with a solution, while the tool can be immersed in a liquid environment. An 
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aperture size ranging from 300 nm to 8 μm at the end of the cantilever allows liquids to be 

dispensed locally. Force feedback is then ensured by a standard AFM laser detection system 

that measures the deflection of the cantilever and thus the force applied to the sample 

(Meister et al., 2009b). This technology has already been used for several applications from 

force measurement of cell adhesion (Potthoff et al., 2012, 2015), to the nano-injection of 

fluids into living cells (Stiefel et al., 2012), lithography (Grüter et al., 2013) or patch-clamping 

(Ossola et al., 2015). But here, in the first part of this thesis, we used FluidFM in an original 

manner to produce microsized bubbles of 8 µm in diameter, directly at the aperture of the 

microchanneled FluidFM cantilevers. For that, instead of liquid, the cantilever is filled with air 

and immersed in a liquid environment. Then, by applying a positive pressure inside the 

cantilever, it is possible to form bubbles of controlled size directly at its aperture. A schematic 

representation of this system is presented in Figure 5. Because the same pressure is 

maintained in the cantilever during the experiment, the dissolution of the gases from the 

bubble is compensated, which allows keeping the size of the bubble constant over time.  

 

Figure 5: Schematic representation of the method to produce bubbles using FluidFM technology. A 
FluidFM microchanneled cantilever with a circular aperture of 8 mm diameter, connected to a pressure 
controller, is filled with air and immersed in liquid. By applying a positive pressure, an air bubble can be 
formed at the aperture of the cantilever and their interaction with the cells measured. Adapted from 
(Demir et al., 2021).  

With this bubble, we then could probe the interactions with abiotic surfaces such as 

(bio)-polymers (details can be found in chapter 3) or biotic surfaces such as C. vulgaris cells in 

force spectroscopy mode. On typical force distance curves, as shown in Figure 6, the AFM tip 

approaches the surface, and then is retracted from it. During the approach, the tips contacts 

the surface at point B on the figure 6. Further, the tip indents in the surface, which gives the 

blue part on the curve. When it reaches the predefined applied force (C), the approach curve 
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ends and the retract curve, shown in red, starts. This time the tip moves away from the 

sample. If there is an interaction between the tip and the sample, the tip stays in contact with 

the sample and the cantilever starts to bend upon retraction (shown in red, D). But at some 

point, (point D), the retract force is higher than the adhesion force between the tip and the 

sample; the interaction breaks and the cantilever goes back to its initial position (E). This is 

reflected on the curve by a retract adhesion or retract peak. When we measure the height of 

this peak, we can directly access the adhesion force of the interaction. The interesting point is 

that depending on the shape of these retract peaks we are able to determine the physico-

chemical basis of the interactions. For non-specific interaction such as hydrophobic 

interactions, we usually observe a sharp single peak happening right after the contact point 

(Dague et al., 2008). For biological interaction (i.e. when a polymer is unfolded from the 

surface of a cell by the tip), we observe multiple peaks away from the contact point reflecting 

the multiple and/or sequential unbinding of sub-units of the molecules. Thus, force 

spectroscopy experiments allow accessing the interactions between bubbles and C. vulgaris 

cells. Understanding these interactions is needed in the context of this PhD to then be able to 

modulate them and this way increase bubble-cell adhesion and improve the flotation process. 

 

Figure 6: Force-Volume mode atomic force microscopy (FV-AFM). A typical force distance curve 
adapted from (Voigtländer, 2015) Approach force-distance curve (blue line) records the deflection  
(force) of the AFM cantilever when approaching to the sample. Retract force distance curve (red line) 
records the deflection of the AFM cantilever when cantilever stays away from the sample. Adapted 
from  (Voigtländer, 2015) 

The force curves obtained when probing C. vulgaris cells with a bubble produced by 

FluidFM (Figure 7a) showed a single retract peak occurring at the contact point on the force 
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curves, as shown in Figure 7b, with an average adhesion force of  4.2 ± 1.2 nN (Figure 7c) 

Giving the shape of the retract peaks obtained on the force curves, our results suggest that 

non-specific physico-chemical interactions are involved, most probably reflecting the 

hydrophobic properties of the cell surface. C. vulgaris cells are known as having a hydrophilic 

and negatively charged surface (Demir, Blockx, et al., 2020). The bubbles being also negatively 

charged in water (Yang et al., 2001), an electrostatic repulsion between bubbles and cells was 

expected. Yet the results show an interaction, that is most likely due to the hydrophobic 

attraction between the bubble and the cell surface, which is dominant compared to the 

electrostatic repulsion. To verify this, we looked at the approach curve, shown in green in 

Figure 7c. The approach force curves show a jump-in at the contact point that can be 

attributed to the hydrophobic attraction of the bubble to the cell surface, dominant over the 

electrostatic repulsion. Overall, the forces recorded between bubbles and microorganisms 

result from a balance between electrostatic repulsion and hydrophobic interaction.  

 

Figure 7: Probing interactions between bubbles and C. vulgaris cells. a) Schematic representation of 
bubble C. vulgaris interaction b) Adhesion force histograms obtained for C. vulgaris – bubble c) 
representative force curve obtained for C. vulgaris-bubble interaction. Adapted from (Demir et al., 
2021). 

 But now in a next step, since we can now describe the interactions between clean 

bubbles and cells, we need to find a way to functionalize the surface of the bubbles produced 

using FluidFM and evaluate the effects of such functionalization on the interactions with cells. 

Ducker and co-workers demonstrated for the first time in 1994, that it was indeed possible to 

modify the interaction of bubbles with surfaces by modifying their surface physico-chemical 

properties with surfactant molecules (Ducker et al., 1994). Thus, in a next step, we developed 

a method to functionalize the bubble surface with a surfactant in order to modulate the 

interaction between bubble and cells as shown in Figure 8. For that, we worked with a model 

experiment, using a fluorescent surfactant that allows the direct visualization of the good 
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functionalization of the bubble interface. The strategy that we developed to functionalize 

bubbles consists in first filling the microchannel of the FluidFM probe with air and dipping it 

in a surfactant solution (Figure 8a), followed by aspirating the amphiphilic surfactant inside 

the microchannel, by applying a negative pressure (Figure 8b). The filled cantilever is then 

immersed in a surfactant-free petri dish where the cells are immobilized in buffer. The 

surfactant solution is locally released by applying a positive pressure (Figure 8c), leading to 

the formation of a bubble when all the surfactant solution is out (Figure 8d). Because the 

amphiphilic surfactant is at this moment in close proximity to the bubble, it directly assembles 

at the water gas interphase. The corresponding fluorescence microscopy images are 

presented in Figure 8e–g. Figure 8e shows a bottom-view of the cantilever filled with the 

fluorescent surfactant at a pressure of 0 mbar with no bubble at the aperture of the cantilever. 

When a pressure of 200 mbar is applied, the surfactants are ejected from the cantilever and a 

bubble forms at its aperture. As it can be visualized in Figure 8f the bubble produced is 

fluorescent, which means that the fluorescent surfactants are present at its surface. To verify 

the stability of the surfactant on the gas/liquid interphase, time course images were taken 

using fluorescence microscopy for 15 min. The resulting image (Figure. 8g) shows that the 

surfactant does not diffuse from the microbubble to its surroundings, proving that the 

functionalized bubble is stable over time and can be used in force spectroscopy. 

While this model experiment demonstrates the possibility and applicability of the 

microbubble functionalization process, we then used this method to functionalize the bubbles 

with a molecule allowing to modulate the interactions of bubbles with cells. For that we chose 

a model microorganism, Pseudomonas aeruginosa. Based on our force spectroscopy 

experiments, the retract force curves show no retract peaks (Figure 8h) when clean bubbles 

are used, which means that bubbles do not interact with P. aeruginosa cell wall. We thus 

looked for an amphiphilic molecule able to bind specifically the cell wall of this bacterial 

species. Colistin, also known as polymyxin E, is a natural polycyclic antibacterial peptide which 

specifically interacts with lipopolysaccharide (LPS) (Yahav et al., 2012), the main component 

of P. aeruginosa outer cell membrane. Moreover, colistin contains both hydrophilic and 

hydrophobic moieties that gives it amphiphilic properties, which makes it good candidate for 

bubble surface functionalization. We thus used colistin to functionalize the surface of bubbles 

(concentration of 20 mg/L, Figure 8i) and performed force spectroscopy experiments. The 
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retract force curves obtained this time show multiple retract adhesions on long distances, up 

to 20 µm, that can be attributed to the unfolding of surface polymers, notably LPS, which 

interacts specifically with colistin at the surface of bubble. This experiment then proves that 

by functionalizing the surface of bubbles with specific molecules, we can indeed modulate 

their interactions with cells.  

 

Figure 8: Functionalizing bubbles using a (fluorescent) surfactant and modulating its interaction with 
model species. Bottom view of a FluidFM probe at an applied pressure of (a) 10 mBar, (b) -800 mBar 
to aspirate the liquid, (c) 200 mBar to locally dispense the liquid outside of the cantilever and (d) 200 
mBar pressure. Fluorescence images of the bottom view of  a FluidFM probe containing surfactants at 
(e) 0 mbar, (f) 200 mbar with a bubble formed at its aperture and (g) after 15 min. Schematic 
representation of (h) clean bubbles – P. aeruginosa cell layers interactions, (i) colistin-coated bubbles – 
P. aeruginosa cell layers interactions. Adapted from (Demir et al., 2021).  

This first step of this PhD is in fact a very important step as here we developed a new 

original strategy that provides the possibility to (i) produce microsized bubbles and measure 

their interactions with living cells using FluidFM, (ii) modify the surface of the bubbles 
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produced using FluidFM, and (iii) show in what way the modification of the bubble surface 

influences the nature and strength of the interaction with cells. This has many implications in 

the different fields were bubble-microorganisms interactions take place. For example, in 

water purification or membranes technologies where biofouling is an important problem,  

various kind of microorganisms are accumulated on the membranes, which can cause a lack 

of permeate flux, quality and membrane life span (Maddah & Chogle, 2017). In this case, for 

example, if bubbles interactions with microorganisms are stronger than the interactions 

between microorganisms and membranes, then bubbles could be used to clean the 

membranes.  Now, our aim is to use this strategy to functionalize the bubble surface with a 

molecule that is able to interact with a molecule available at the cell surface, and probe its 

interactions directly with cells. For that, we need to know what type of molecules are present 

on C. vulgaris cell wall, which is why, in a second step, we analyze its cell wall composition 

using a combination of surface-analysis techniques, AFM, XPS and HPLC.    

1.2.2. Cell wall composition analysis to find a natural flocculant 

This part of the work is described in detail in the article entitled “Combining AFM, XPS and 

chemical hydrolysis to understand the complexity and dynamics of C. vulgaris cell wall 

composition and architecture”, by Demir-Yilmaz et al., under review in Algal research, 

presented in Chapter 4. 

Microalgae have a structurally complex cell wall ensuring their protection against 

environmental changes and predators. This protection is ensured by cell wall rigidity, shape 

and mechanical strength (Demir-Yilmaz, Schiavone, et al., 2022; Demuez et al., 2015). In 

addition to its protective function, the cell wall is also responsible for cell’s physico-chemical 

properties, like hydrophobicity, global charge and aggregation characteristic. In this part of 

the work, we investigated the cell wall composition and dynamics of C. vulgaris cell wall in 

three different conditions relevant for industrial applications such as lipid production: in 

exponential phase, stationary phase, and salinity stress condition (0.1 M NaCl), which induce 

the production of lipids in microalgae cells. The cell wall of C. vulgaris and other 

microorganisms are known to be composed of three types of molecules; lipids, proteins and 

polysaccharides (Gerken et al., 2013). In order to determine the relative fractions of these 

molecules, their dynamics depending on culture conditions and their impact on the cell wall, 
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the approach that we developed combined three types of analysis. First, AFM was used to 

image cells and probe their biophysical properties, cell wall roughness and nanomechanical 

properties. Then, XPS analysis was used to give a global view of the cell wall composition and 

determine this way the relative amounts of the three fractions, proteic, saccharidic, and 

lipidic. Finally, to give a more complete view of the cell wall composition, chemical hydrolysis 

followed by high performance liquid chromatography (HPLC) was performed to determine the 

saccharidic composition of the cell wall. These analyses were performed with cells grown in 

standard conditions in both exponential (7 days of culture) and stationary phase (21 days of 

culture), and with cells grown in saline stress (0.1 M of NaCl) during 21 days.  

C. vulgaris cells grown in the different conditions described above were analyzed using 

AFM. The whole cells were imaged as showed in Figure 9a-c, and no significant morphological 

changes between the two different growth stages could be observed. However, under saline 

stress (Figure 9c), defects at the cell surface can be observed; the cell wall appears to be 

rougher compared to cells grown in standard conditions. To quantify this, we then recorded 

zoom-in high resolution images on small areas on top of cells to measure the average 

roughness Ra of the cell wall. This quantitative analysis, presented in Figure 9d, shows that in 

exponential phase, cells have an average roughness of 1.1 ± 0.4 nm that increases to 1.5 ± 0.7 

nm in stationary phase and to 1.7 ± 1.2 nm in salinity stress condition. While these results are 

not significantly different, the distribution of the values obtained is wider for saline stressed 

cells, suggesting that applying a stress increases the heterogeneity of the surface roughness. 

Moreover, nanoindentation curves, obtained on cells in the different conditions (Figure 9e), 

show a different slope, meaning that the AFM probe does not indent the same way in each 

case. For instance, it is able to indent deeper in exponential phase cells compared to stationary 

phase, meaning that this change in the growth phase increases the rigidity of the cell wall. The 

indentation is even deeper for cells cultured in salinity stress condition (21-days of culture) 

compared to stationary phase cells, showing that addition of salts have a direct impact on cell 

wall rigidity. To verify this, young modulus values were extracted from the force curves 

recorded in each condition (Figure 9f), and show that there is indeed a 2-fold difference in the 

average Ym value between cells in stationary phase and exponential phase. However, when 

cells are exposed to a salinity stress, cells become 5 times softer. These modifications of the 

rigidity over time could be explained by the fact that the pH of microalgae cultures changes 
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with time (from exponential phase to stationary phase, the pH of the culture media becomes 

more basic). The dramatic decrease of cell wall rigidity for cells submitted to saline stress can 

be explained by the direct impact of the environmental stress on the cell wall composition or 

architecture. To understand if the changes observed in the roughness or in the rigidity of cells 

can be linked to the cell wall architecture and thus composition, we need to determine the 

biochemical cell wall composition.  

 

Figure 9: Roughness and nanomechanics of C. vulgaris cell wall.  AFM images of single C. vulgaris cell 
in a) exponential phase b) stationary phase and c) salinity stress condition. d) is a box plot showing the 
distribution of C. vulgaris surface roughness. e) Indentation curves (green, red and blue lines) fitted with 
the Hertz model (black lines) recorded on top of C. vulgaris cells. f) Boxplot showing the distribution of 
Young’s modulus values measured on top of C. vulgaris cells. Adapted from(Demir-Yilmaz, Schiavone, 
et al., 2022). 

To this end we used XPS to reveal the biochemical composition of C. vulgaris cells, the 

results are presented in Figure 10. The carbon spectrum presented in Figure 10a shows 

different peaks that represent the different carbon configurations. Out of this spectrum, we 

can obtain the elemental percentages of these different carbon configurations. Then, these 

elemental composition can be used to calculate the relative fractions of the three model 

compounds of the cell wall, proteins, polysaccharides and lipids, using a model developed by 

Rouxhet and coworkers  (Rouxhet & Genet, 2011). The results of these analyses showed that 

in exponential phase for C. vulgaris species the dominant constituents are proteins and 

polysaccharides (shown in Figure 10b), that are present in similar proportions (approximately 
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40%). Lipids represent approximately 20% of the cell wall. These proportions change with the 

growth phase as the cell wall evolves during growth and its composition changes. Notably the 

lipid amount increases significantly from the exponential to the stationary phase and then 

further increases in salinity stress condition at the expanse of the proteic fraction which 

decreases. The polysaccharidic fraction stays relatively constant between the different 

conditions. In stress conditions or with aging, cells accumulate lipids and those lipids are 

known to be storage lipids, accumulated within the cells, different from lipids that have a 

structural role located on the cell wall. Therefore, to understand the increase in the lipid 

content of the cell wall that we observe using XPS, we next measured the cell wall 

hydrophobicity of C. vulgaris cells in exponential phase, stationary phase and salinity stress 

condition, by measuring their interaction with bubbles. As lipids are the only hydrophobic 

components present in the cell wall, measuring cell surface hydrophobicity will indicate if their 

quantity is indeed increased in stationary phase and saline stress condition. The results 

obtained showed that the adhesion force between bubbles and cells is higher for cells in 

stationary phase and saline conditions compared to cells in exponential phase, suggesting that 

indeed the cell wall hydrophobicity increases, which is in line with the XPS results (Figure 10b). 

Thus, we can conclude that in addition to storage lipid cell also accumulate lipids in their cell 

wall with aging or in saline stress condition.  

 

Figure 10: XPS analysis of C. vulgaris cell wall. a) Representative carbon 1s peaks recorded on C. 
vulgaris cell walls isolated from cells b) relative biochemical composition of C. vulgaris cell wall.  This 
histogram shows the relative proportions of lipids, polysaccharides and proteins present in the cell wall. 
The error bars indicate the deviation from the average of the triplicates (n=3). Adapted from (Demir-
Yilmaz, Schiavone, et al., 2022)  
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 Table 1 summarizes the results on the cell wall composition of microalgae cell walls 

from the literature obtained for different microalgae species in different growth phases. 

Canelli et al. reported that polysaccharides are the major component on the cell wall of C. 

vulgaris both in exponential phase (around day 1.5) and stationary phase (around day 6) 

(Canelli et al., 2021). The authors also found that the lipid content increases from 11% to 23% 

from exponential phase to stationary phase, which is in line with our results. Furthermore, 

Canelli et al. also highlighted that the proteic content of C. vulgaris cell wall in stationary phase 

is higher than in exponential phase, in opposition this time to our data that show a decrease 

of the proteic fraction in stationary phase compared to exponential phase. In the study by 

Shchukarev, the surface composition of C. vulgaris cell wall is dominated by polysaccharides 

in stationary phase (at day 9). On the contrary, Coelastrella sp cells have a higher content of 

both proteins and lipids. S. obliquus contains the highest level of proteins and lipids, that are 

compensated by a small amount of polysaccharides compared to the other two species in 

stationary phase (at day 9) (Shchukarev et al., 2020). Globally, the results obtained in these 

three different studies including ours could be explained by the fact that in these studies 

different C. vulgaris strains were used. Moreover, culture conditions and growth medium have 

important effect on the cell wall composition. Lastly, in each case, cells were grown to 

stationary phase but durations are very different for example, it is around 6 days for Canelli et 

al., 9 days for Shchukarev et al. and 21 days for our study. Thus, it is complicated to compare 

these data, but it highlights the species-dependence, complexity and dynamics of microalgae 

cell wall composition. Yet, in all these species and conditions, polysaccharides are still the 

dominant constituents, with high polysaccharidic contents reported for C. vulgaris cells wall 

(approximately 50 %, Table 1). Also, polysaccharides present at the surface of microorganisms 

have been shown to be key factors in many cell interactions with other cells or with their 

environment (Formosa-Dague, Castelain, et al., 2018). In this PhD, the aim is to functionalize 

bubbles with molecules that can specifically interact with C. vulgaris cell wall; thus, in this 

context, polysaccharides represent a pertinent choice to promote the interactions between 

bubbles and cells. In a next step we took a closer look into the polysaccharidic content of C. 

vulgaris cell wall.  
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Table 1: Relative composition of lipids, proteins and polysaccharides in microalgae cell walls. The 
errors indicate the deviation from the average. 

Species Phases Lipids Proteins Polysaccharides References 

C. vulgaris exponential 19 ± 9 % 41 ± 9 % 40 ± 4 % 
(Demir-Yilmaz, 

Schiavone, et al., 
2022) 

C. vulgaris stationary 57 ± 11 % 12 ± 9 % 31 ± 2 % 
(Demir-Yilmaz, 

Schiavone, et al., 
2022) 

C. vulgaris 
stationary  

+ stress  
60 ± 7 % 6 ± 2 % 34 ± 5 % 

(Demir-Yilmaz, 
Schiavone, et al., 

2022) 

C. vulgaris exponential 11 % 19 % 70 % 
(Canelli et al., 

2021) 

C. vulgaris stationary 23 % 25 % 52 % 
(Canelli et al., 

2021) 

C. vulgaris stationary 3 ± 5 % 40 ± 9 % 57 ± 7 % 
(Shchukarev et 

al., 2020) 

Coelastrella 
sp 

stationary 11 ± 2 % 47 ± 1 % 42 ± 2 % 
(Shchukarev et 

al., 2020) 

S. obliquus stationary 16 ± 4 % 63 ± 4 % 21 ± 1 % 
(Shchukarev et 

al., 2020) 

 

The cell wall of C. vulgaris is known to be composed of rigid wall components 

embedded within a more plastic polymeric matrix. While this matrix contains uronic acids and 

saccharides (rhamnose, arabinose, fucose, xylose, mannose, galactose and glucose), the rigid 

cell wall is either composed of glucosamine or of a glucose-mannose polymer (Gerken et al., 

2013). To determine the polysaccharidic composition of the cell wall of our species, C. vulgaris, 

in the different selected conditions, we performed acid hydrolysis to hydrolyze all the 

polysaccharides present in the cell wall into monosaccharides, which can then be analyzed 

using HPAEC-PAD. The monosaccharide composition of microalgae cell walls is reported in 

Figure 11. In our case, while the predominant amino sugar found in the rigid cell wall is glucose 

followed by galactose in all three conditions, rhamnose, arabinose, xylose, mannose and 

glucosamine are also present. Different studies in the literature have analyzed the 

monosaccharidic composition of microalgae cell walls using similar experimental approaches. 
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For example, in line with our findings, high glucose and galactose concentrations have also 

been reported by Canelli et al. and Kim et al. in the case of C. vulgaris (Canelli et al., 2021; K. 

H. Kim et al., 2014). While HPLC experiments allow to identify the monosaccharides released 

by the acid hydrolysis, it is not possible to identify the polysaccharides they come from, which 

could be an interesting information to obtain to further use these polysaccharides as cell-

adhesive compounds. One way to identify the polysaccharides that could be present in the 

cell wall is to hydrolyze them with specific enzymes; if the substrate of the enzyme is present, 

the enzyme will release monosaccharides that can be detected by further HPLC analysis. So 

far the efficiency of such strategy has been showen in the case of yeast cells, (Schiavone et al., 

2014) but has never been performed on microalgae cells walls. However, one study by Gerken 

et al. in 2013 consisted in treating cells on agar plates with specific enzymes; in this case an 

inhibition of cell growth was linked to the presence or not of their substrates in the cell wall 

(Gerken et al., 2013). Moreover, using a fluorescent DNA stain, they developed a rapid 

methodology to quantify changes in permeability in response to enzyme digestion. One of the 

conclusions from their work is that Chlorella is typically most sensitive to chitinases and 

lysozymes, enzymes that degrade polymers containing N-acetylglucosamine, a monomer of 

chitin-like glycans (Gerken et al., 2013) which is also present in our species, C. vulgaris. This 

means that a glucosamine-based polymer is present in the cell wall of our species: for instance, 

Canelli et al. stated that in stationary phase, a microfibrillar chitosan-like layer composed of 

glucosamine is present in C. vulgaris cell wall (Canelli et al., 2021). As for other polysaccharides 

that could be present in the cell wall, only hypothesis can be made at this stage, more work 

using specific enzymes is now needed to verify this hypothesis. 
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Figure 11:  Monosaccharide composition of C. vulgaris cell wall. In exponential phase, stationary 
phase and salinity stress condition (0.1M NaCl). The composition is expressed as milligram of monomer 
per gram of dry cell wall. The error bars indicate the deviation of the triplicates (n=3) from the average. 

In the end, the combination of these three techniques allowed to get a better 

understanding of the effects of culture condition on the cell wall composition and dynamics 

of C. vulgaris cell wall, but also to understand the link between composition and architecture 

and the effects of composition changes on cell surface biophysical properties. The large 

fraction of polysaccharides and their stable relative proportions over the different conditions 

confirmed our initial assumption that they are good candidates to functionalize bubble 

surfaces. But at this stage, it was difficult to select a specific polysaccharide given the small 

information we had. We thus looked at the literature, and after review, we found that 

chitosan, a bio-sourced polysaccharide, is widely used in microalgae flocculation as it has the 

ability to interact with microalgae cells at low pH. Because our results showed that a chitin-

like polymer was present in the cell wall in all conditions, thus chitosan appeared as a good 

candidate that could interact with cells through homotypic binding (Formosa-Dague, 

Castelain, et al., 2018), and thus be efficient to capture cells when functionalized at the surface 

of bubbles. We thus focused on this molecule for the rest of the project, and first used AFM 

to get a better understanding of its interactions with the surface of C. vulgaris.  
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1.2.3. Chitosan as a bioflocculant to harvest the microalgae cells 

This part of the work is described in detail in the article entitled “Nanoscale Evidence 

Unravels Microalgae Flocculation Mechanism Induced by Chitosan”, by Demir et al., ACS 

Applied Bio Materials, 2020, presented in Chapter 5. 

Chitosan is a polyelectrolyte which is cationic at pH lower than its pKa (6.5). It is 

obtained by deacetylation of chitin from shrimp, crab and crawfish, and after cellulose, it is 

the second most abundant natural polymer on earth. Moreover, in the field of microalgae 

biomass harvesting, chitosan has been shown to induce more than 90% of flocculation in 

various species such as Chlorella sp. (Ahmad et al., 2011; Erdawati et al., 2020), 

Nannochloropsis sp. (Chua et al., 2019; Farid et al., 2013) , or Scenedesmus sp (Lama et al., 

2016).  To that aspect chitosan could be good candidate to coat the bubble surface to promote 

the interactions between bubbles and cells and their further separation from water. While in 

the literature flocculation mechanism is reported to rely on electrostatic interaction between 

chitosan and negatively charged C. vulgaris cells, no molecular evidence has yet confirmed 

this hypothesis. Thus, we decided in this part of the work to use AFM in force spectroscopy 

mode to probe the interactions between C. vulgaris cells and chitosan at the molecular scale 

and this way to decipher its flocculation mechanism. 

Chitosan-induced flocculation has so far been used to harvest successfully both fresh-

water and marine microalgae species. Studies that report on chitosan induced flocculation in 

the literature are summarized in table 2. It is believed that for fresh water species, the high 

cationic charge density of chitosan interacts with negative regions on the microalgae cell wall 

through electrostatic interaction. As shown in Table 2, the study by Ahmad et al. 2011 

demonstrate the effect of different chitosan dosages on flocculation efficiency of Chlorella 

species at pH 6. Only low concentration of chitosan is needed to achieve a high flocculation 

efficiency. For small concentrations (up to 10 ppm) flocculation efficiencies increases with 

increasing chitosan concentrations whereas for higher chitosan concentrations (greater than 

20 ppm) flocculation efficiency declines drastically. In the literature, these results are 

interpreted as follows: chitosan has a high cationic charge density whereas cells are negatively 

charged.  When a dosage higher than the optimal concentration is used, the excess cationic 

charge on the chitosan leads to a restabilization of cells, reducing the efficiency of the process 

and hindering the formation of flocs (Ahmad et al., 2011). Besides, the other important 
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parameter for chitosan-induced flocculation is pH. Once the pH is increased from 6 to 7, which 

modifies the charge of  chitosan (as the pKa of chitosan is 6.5), the required dose for maximum 

efficiency is increased for fresh water species like Chlorella sorokiniana, where the chitosan 

dosage has to be increased from 5 to 10 ppm with increasing pH (Xu et al., 2013). When the 

pH is lower than 6.5 the amino groups present on the chitosan are mostly protonated and 

provide a positive charge to chitosan, which then electrostatically interacts with negatively 

charged microalgae species. Yet, at higher pH (at pH 7) the flocculation with chitosan is still 

effective meaning that most probably, a different interaction mechanism is at play since at 

this pH chitosan does not bear its positive charge anymore. Moreover, the same authors also 

showed that a gradual increase in the initial cell concentration requires higher chitosan 

concentration to achieve the same efficiencies (Xu et al., 2013). This result is further confirmed 

by a study by Zhu et al., where the authors found for fresh water C. vulgaris species that a 2-

fold increase in initial cell concertation requires a 4-times higher chitosan concentration to 

achieve the same efficiency (Zhu et al., 2018). If we consider scale-up or industrial applications 

where cell concentrations can be higher, this would result in a very large quantity of chitosan 

to use. Furthermore, an interesting paper from 2011 focused on the influence of the cell wall 

carbohydrate composition of C. vulgaris on the efficiency of chitosan-induced flocculation 

(Cheng et al., 2011). The results obtained in this study showed that a higher polysaccharide 

content (including neutral sugars, uronic acids, and amino sugars) in the cell wall is associated 

with a better efficiency of flocculation with chitosan at pH 8.5 suggesting that non-

electrostatic absorption of chitosan on cells may be more important than electrostatic 

neutralization in C. vulgaris.   

In the case of marine microalgae species, mixed results on chitosan efficiency have 

been reported. It is believed that in marine waters, the high ionic strength of salts screen all 

the charges present on the chitosan thereby suppressing the electrostatic interaction between 

chitosan and cells, preventing further flocculation through charge neutralization (Matho et al., 

2019; Rashid et al., 2013). Yet, flocculation still takes place. For example, for marine 

Nannochloropsis sp. species, chitosan is able to flocculate cells at pH 7 and 9, using high 

concentrations of chitosan (100 mg/L) (Farid et al., 2013). Moreover, in this same study by 

Farid et al., when 6-fold higher initial cell concentration is used, only 71% of separation 

efficiency is reached, similar to results reported for fresh water species. An explanation for 
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these efficiencies in salty waters can be found in a study by Blockx et al., where the authors 

found that chitosan is able to flocculate N. oculata species by sweeping mechanism at pH 

higher than 7.5 (Blockx et al., 2018). Overall, for both fresh water and marine species, mixed 

results on chitosan efficiency have been reported depending on pH and initial cell 

concentrations, which suggest that different types of interactions between chitosan and cells 

are taking place. To highlight the complexity of chitosan induced flocculation mechanism and 

actually understand it, we performed flocculation experiments with chitosan at different pH 

and then used AFM to understand the mechanism of interaction at two different pH.  

Table 2: Chitosan induced flocculation studies reported in the literature 

Microalgae species Habitat pH Dose (ppm) Efficiency References 

Chlorella sp. Freshwater 6 5 50 (Ahmad et al., 2011) 

Chlorella sp. Freshwater 6 10 99 (Ahmad et al., 2011) 

Chlorella sp. Freshwater 6 20 99 (Ahmad et al., 2011) 

Chlorella sp. Freshwater 6 60 80 (Ahmad et al., 2011) 

Chlorella sp. Freshwater 6 100 50 (Ahmad et al., 2011) 

Chlorella sorokiniana Freshwater 6 
20a 

5b 

99 
99 

(Xu et al., 2013) 

Chlorella sorokiniana Freshwater 7 10b 90 (Xu et al., 2013) 

Chlorella vulgaris Freshwater 6.8 
250a 

50b 

92 
92 

(Zhu et al., 2018) 

Chlorella vulgaris  Freshwater 6 10 99 
(Demir, Blockx, et 

al., 2020) 
Nannochloropsis sp. Marine 9 100 92 (Farid et al., 2013) 

Nannochloropsis sp. Marine 7 100 84 (Farid et al., 2013) 

Nannochloropsis sp Marine  6 22 97-99 (Chua et al., 2018) 

Nannochloropsis 
oculata 

Marine ≥7.5 75 100 (Blockx et al., 2018) 

Chlorella sp. Marine  6.8 2000 98 
(Erdawati et al., 

2020) 

a higher algal biomass concentration 
b lower  algal biomass concentration 
 

 

 



 

46 
 

 Figure 12 shows the charge of chitosan and effects of different chitosan dosages on C. 

vulgaris flocculation at pH 6 and pH 8  (Demir, Blockx, et al., 2020). Figure 12a shows that 

chitosan has a positive charge at low pH and it is neutral at higher pH (pH over than 8), as 

expected. The flocculation efficiencies presented in Figure 12b and c showed that only a low 

concentration of chitosan is needed to achieve a high flocculation efficiency, the deacetylation 

degree of the molecule does not affect flocculation efficiency. These results are in line with 

the study by Ahmad et al. where they observed similar flocculation trends with different 

chitosan dosage for Chlorella species (Ahmad et al., 2011). Then we conducted the same 

experiments using a higher pH (8) where chitosan does not bear positive charges and observed 

a similar trend (Figure 12c). This time, for small concentrations (up to 10 mg/L) flocculation 

efficiencies increases with increasing chitosan concentrations. When the highest efficiency is 

reached at 10 mg/L, it stays in plateau until 80 mg/L; then for higher chitosan concentrations 

(greater than 80 mg/L) flocculation efficiency declines. These flocculation results indicate that 

chitosan is able to flocculate cells at pH 6 and as well as at pH 8 where there are no positive 

charges present on the molecule. This means that there might be a different mechanism 

involved in chitosan-induced C. vulgaris flocculation, not perhaps only relying on electrostatic 

interactions. To understand this, we conducted macroscopic observations using optical 

microscopy. The resulting images presented in Figure 12d showed that cells are randomly 

distributed and does not form aggregates when there is no flocculent. However, when 

chitosan is added at pH 6, we can observe small aggregation of cells around chitosan particles 

(Figure 12e). Once we increase the pH to 8, this is not the case anymore and we go back to 

our initial case where there is no aggregation (Figure 12f). Thus even though cells flocculate 

at pH 8 they do not interact with chitosan anymore. This strengthens our hypothesis that there 

might be a different mechanism involved.  
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Figure 12: Flocculation experiments of C. vulgaris with chitosan. a) Graph showing the charge of the 
chitosan at different pH (adapted from (Blockx et al., 2018). Flocculation efficiency of C. vulgaris with 
b) chitosan with different deacetylation degree (DD) at pH 6 c) chitosan molecules with DD = 77.5 ± 
0.8% at pH 6 and 8. Optical image of C. vulgaris cells after resuspension in PBS containing d) noting e) 
10 mg/L chitosan at pH 6 and f) 10 mg/L chitosan at pH 8. Adapted from (Demir, Blockx, et al., 2020).  

To understand what is actually going on, we used an AFM based nanoscale approach 

and performed force spectroscopy experiments to understand the nature of the interaction 

between C. vulgaris cells and chitosan. For that, C. vulgaris cells were attached on AFM tipless 

cantilevers and chitosan was immobilized on glass surfaces as shown in the Figure 13a. 

Representative force curves obtained during the interaction at pH 6 are presented in Figure 

13b. They show multiple binding events, peaks, which are characteristic of biological 

interactions probably due to the unfolding of long macromolecule available on the cell wall of 

C. vulgaris. When these experiments were performed at pH 8, similar force curves were 

observed, yet different adhesion forces were recorded as well as unfolding distances. This is 

unexpected as the macroscopic observation showed no interaction between chitosan and C. 

vulgaris cells at this pH. To understand this, we conducted more experiments. First, we took a 

closer look at cells at different pH, by imaging their surface. We observed that increasing pH 

changes the cell surface topography; cells became rough at pH 8, meaning that more 

molecules protrude from the surface of the cell. Moreover, the nanomechanical results 

showed that the indentation curves obtained on cells at pH 6 and 8 are different; indeed, the 

AFM probe is able to indent deeper into cells at pH 6 than at pH 8, meaning that increasing 

the pH also increases the rigidity of the cell wall. To confirm this, we quantified the young 

modulus values and found an almost 3-fold increase in the Ym at pH 8 meaning that cells are 



 

48 
 

different at pH 6 and pH 8. This may explain why cells do not interact with chitosan anymore 

at pH 8. However still it does not explain why we record interaction at pH 8. To understand 

this, we then used negatively charged bead to mimic the cells by keeping the negative charges 

but excluding the macromolecules on the surface, and performed force spectroscopy 

experiments with chitosan surfaces. At pH 6 there is no interaction between chitosan and 

negatively charged bead. This means that electrostatic interaction are probably not involved 

and cell wall macromolecules are needed to interact with chitosan. However when we repeat 

this experiment at pH 8, we get similar interactions to what was observed with cells. We 

further recorded the forces with bare uncharged AFM tips, and we still record similar 

interactions than between cells and chitosan at pH 8 with similar unfoldings. In this case, we 

can only unfold chitosan, as there is no macromolecule available. To understand why chitosan 

would get unfolded during experiments, we performed roughness measurements on the 

chitosan functionalized surfaces at pH 6 and 8. Our results showed an average roughness of 

chitosan of 0.6 ± 0.1 nm at pH 6, which increased dramatically, to 13 ± 5 nm at pH 8. This result 

indicates that at pH 6 chitosan forms a homogeneous layer on the glass surface. When the pH 

is increased, chitosan in fact precipitates, which creates aggregates on the surface that explain 

the increase in the roughness observed. This explains why interactions are recorded when 

chitosan surface is probed at pH 8, whatever the probe used (cell, negatively charged bead, or 

bare AFM tip). As it was visible in the optical microscopy experiments (Figure 12e), chitosan 

does not interact with cells at this pH. But because it precipitates, it gets detached from the 

surface resulting in unfoldings with a different adhesion force than what is obtained between 

cells and chitosan at pH 6.   

These results are summarized in Figure 13c. Using AFM force spectroscopy 

experiments, we could show that chitosan interact with cells through biological interactions 

at low pH (Demir, Blockx, et al., 2020). However, a different mechanism is at play at higher pH 

(pH 8), where chitosan precipitates; cells get entrapped in this precipitate and are flocculated 

through a sweeping mechanism. This specific interactions at low pH and the different 

mechanism at higher pH then explains why the efficiency of chitosan is different depending 

on the microalgae species used and the working pH.  
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Figure 13: Identification of a natural flocculent, chitosan, for C. vulgaris. a) Schematic representation 
of C. vulgaris and chitosan coated surface interaction. b) representative force curves obtained during 
the interactions c) Schematic representation of the flocculation mechanisms induced by chitosan at pH 
6 and 8 for C. vulgaris. Extracted from (Demir, Blockx, et al., 2020) 

In this part of the work, we proved that indeed chitosan is a good candidate to coat 

the bubble surface as it is able to specifically interact with cells at low pH. Now that we 

understand these interactions, the next step is to use chitosan to functionalize the surface of 

bubbles. But for that, chitosan needs to be amphiphilic as bubbles are gas/liquid interfaces. 

To do that our approach is to add a new function to the chitosan, hydrophobicity, on its 

hydrophilic backbone so that the resulting molecule becomes amphiphilic and can easily be 

functionalized on the bubble surface. This way we will be able to measure the interactions 

between functionalized bubbles and cells, and optimize the flotation process with 

functionalized bubbles at the population scale.  
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1.2.4. Synthesis, characterization and functionalization of bubbles with 

polyoctylchitosan (PO-chitosan), an amphiphilic chitosan-based molecule.  

This part of the work is described in detail in the article entitled “Bubble 

functionalization in flotation process improve microalgae harvesting”, by Demir-Yilmaz et al., 

Chemical Engineering Journal, 2023, presented in Chapter 6. 

To functionalize the surface of bubbles with a molecule that specifically interact with 

the microalgae cell wall, in our case chitosan, we added an extra function to the molecule, 

hydrophobicity, by adding polyoctyl chains on the chitosan backbone through a N-alkylation 

reaction. The N-octyl-chitosan derivatives were obtained by reductive amination following a 

procedure previously described in the literature (Desbrières et al., 1996; Mati-Baouche et al., 

2019) and shown in the Figure 14, where a covalent bond between aldehyde and amine 

functions can be formed. In our case, high molecular weight chitosan was covalently bound 

with a selected aldehyde; octanal, a hydrophobic molecule containing an aldehyde function.  

This ensures the target molecule PO-chitosan’s amphiphilic property can be thus achived 

without complete alkylation of all glucosamine monomers. The reaction was performed in 

mild conditions that did not modify the chitosan molecule itself (degree of acetylation and/or 

the polymerization degree) (Mati-Baouche et al., 2019). For that, basically, primary amino 

groups of chitosan undergo a Schiff reaction with octanal to yield the corresponding aldimes, 

which are then converted to an alkyl derivative by reduction with NaBH3CN. Then 1H-NMR 

spectroscopy was used to characterized both chitosan and PO-chitosan (Poly-octyl chitosan), 

and determine the degree of substitution of the octyl chains in D2O/DCl (pH ~ 4). The 1H-NMR 

spectra of initial chitosan and PO-chitosan are presented in Figure 14b and c respectively. PO-

chitosan shows characteristic peaks in the 1.7-0.8 ppm region, linked to the protons of methyl 

(-CH3) and methylene (-CH2-) groups grafted on the initial chitosan chain. In addition to that, 

different H-1 signals of G-octyl were also observed, which supports the chemical modification 

(Desbrieres, 2004; Desbrières et al., 1996; Mati-Baouche et al., 2019) 
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Figure 14: Synthesis of N-octyl-chitosan by alkylation process. This was performed thanks to a reaction 
allowing to create a covalent bond between an aldehyde (contained in octanal) and amine functions of 
the glucosamine units of chitosan. a) Synthesis of PO-chitosan by alkylation, b) 1H-NMR spectra 
obtained for initial chitosan, c) 1H-NMR spectra obtained for PO-chitosan. The DS obtained is of 12%. 

 

The 1H-NMR spectra provide information that can be used to evaluate the substitution 

degree (DS) of the chitosan derivatives generated. The integral of each peak allows to calculate 

the degree of substitution. The signals at 0.7 ppm and 1.7 ppm may be attributed to the -CH3 

and -CH2 groups linked to the N atom, respectively. The degree of substitution was then 

calculated as previously described (Desbrières et al., 1996), by comparing the integral of -CH3 

signal at 0.7 ppm with the total of integrals from H 1 signals between 4.5 and 5 ppm, and was 

of 12%.  

Further, we characterized the PO-chitosan and determined its particle size, surfactant 

properties, roughness and hydrophobicity. PO-chitosan has both hydrophilic (-NH2 or –OH) 

and hydrophobic sites (alkyl chains, octanal) and thus possess amphiphilic properties, making 

it a surfactant. As for any surfactants, it should be able to decrease the surface tension of 

water with increasing concentration. The surface tension results that we obtained indeed 

showed that with increasing concentration of PO-chitosan, the surface tension of PO-Chitosan 

solution dissolved in water decreases from 72 mN/m to 62 mN/m for 0 to 2.5g/L PO-chitosan 

concentrations respectively. However, this decrease is not as important as it can be with other 

types of surfactant: this can be explained by the 12% alkylation level of PO-chitosan. It means 
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that only 12% of chitosan amine functions have been substituted by hydrophobic octanal 

groups, thus the hydrophobic part of the molecule may not be large enough to change in an 

important manner the surface tension of water. But we are limited with a low alkylation level 

(10-15 %) because as the alkylation level increases, water solubility of PO-chitosan decreases, 

and we need it to stay soluble in water to use it for the next experiments. To verify we can 

completely dissolve PO-chitosan in water, we measured the particle size of both initial 

chitosan and PO-chitosan. The size distribution graphs of chitosan and PO-chitosan obtained 

using zetasizer measurements (concentration of 2.5 g/L) showed similar patterns, meaning 

that the addition of the octanal groups on the molecule does not modify its size in a significant 

manner. These size measurements make sense: indeed, we are modifying a high molecular 

weight chitosan with octanal molecules that are relatively small compared to chitosan. Thus 

the size change due to octanal addition can be considered as negligible. Moreover, we also 

measured the turbidity of chitosan and PO-chitosan solutions at different concentrations (2.5, 

1 and 0.5 g/L). The obtained turbidities are of 4.3, 3.2 and 3.5 NTU respectively. This means 

that solutions are clear (NTU ˂ 5 clear water) with no aggregates present. Thus both particle 

size and turbidity measurements prove that PO-chitosan can be completely dissolved in water 

as chitosan, which is an important point for the next experiments.  

Finally we measured the hydrophobicity of PO-chitosan coated surfaces in order to 

verify that the modification of chitosan that we realized indeed increases the hydrophobicity 

of the molecule. For that, we used the bubble method described in section 1.2.2., where we 

probe the interactions between bubbles produced by FluidFM, which behaves as hydrophobic 

surfaces in water, and PO-chitosan surfaces. Moreover, as pH has an influence on the 

hydrophilic and hydrophobic balance due to the ability of –NH2  function (hydrophilic part) to 

be ionized in acidic conditions (Desbrières et al., 1996), we also performed these 

measurements at different pH (pH 6, 7.4 and 9). A schematic representation of these 

measurements is presented in Figure 15a. The adhesion histograms obtained for bubble PO-

chitosan interactions at pH 6, 7.4 and 9 are presented in Figure 15 b, c and d respectively. At 

a pH of 6, the average adhesion force obtained is of 66.7 ± 13.9 nN. The force curves obtained 

show a single peak occurring at the contact point (inset in Figure 3b), which is characteristic 

of a non-specific hydrophobic interaction (Dague et al., 2007). As hydrophobic interfaces like 

bubbles interact with hydrophobic surfaces, then the adhesion force obtained reflects the 
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degree of hydrophobicity of the sample, the stronger the adhesion, the higher the 

hydrophobicity. Similarly, in the case of pH 7.4 and 9, single retract peaks occurring at the 

contact point are visible (inset of Figure 3c and d respectively), with average adhesion forces 

of 64.6 ± 20.3 nN for pH 7.4 (Figure 15c) and 46.5 ± 15.9 nN for pH 9 (Figure 3d). It is possible 

to convert these adhesion values into water contact angles (WCA), as described in Chapter 2 

(Demir et al., 2021). Using the adhesion values obtained, we found that PO-chitosan surfaces 

have a WCA of 48.7° at pH 6, which then decreases to 48.3° at pH 7.4 and to 44.6° at pH 9, 

whereas surfaces covered by the initial chitosan are completely hydrophilic (WCA ~ 0). Even 

though the average adhesion values at pH 6 and 7.4 are close to each other, statistical analysis 

shows that these measurements are significantly different from each other (p-value of 0.05, 

unpaired student test). These results thus confirm first that the addition of octanal groups 

provide hydrophobic properties to chitosan, and second, they confirm the effect of the pH on 

the relative hydrophobicity of the molecule which decreases with increasing pH. Finally, to see 

if PO-chitosan also precipitates at high pH like chitosan does (Blockx et al., 2018), we used 

AFM in contact mode to image PO-chitosan surfaces at high resolutions at different pH. The 

images obtained are presented in Figure 15e (pH 6), f (pH 7.4) and g (pH 9), they show a similar 

homogeneous surface. At all pH considered, we do not observe aggregation of PO-chitosan 

meaning that it does not precipitate like chitosan did at pH 8.  From these images we then 

quantified the surface roughness (boxplot in Figure 15h); the results show that the average 

roughness of PO-chitosan surfaces at pH 6, 7.4 and 9 are of 574.0 ± 105.7 pm, 528.1 ± 144.8.1 

pm and 494.1 ± 82.2 pm respectively. Non-parametric statistical test (Mann and Whitney test) 

showed that these differences in all pH are not significant, thus confirming that PO-chitosan 

does not precipitate unlike chitosan. This is important as a potential precipitation of the 

molecule would interfere with its capacity to assemble at the surface of bubbles.  
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Figure 15: Characterization of PO-chitosan surface at different pH. a) Schematic representation of 
bubble and PO-chitosan surface interaction. Adhesion force histogram obtained between bubble and 
PO-chitosan surface at b) pH 6 c) pH 7.4  and d) pH 9. AFM height images of PO-Chitosan surface at e) 
pH 6 (color scale = 4 nm) f) pH 7.4 (color scale = 4 nm) and g) pH 9 (color scale = 4 nm). e) Quantification 
of PO-chitosan surface roughness at different pH.  

The results presented here shows that the introduction of hydrophobic octanal groups 

into chitosan molecule changes its hydrophobic properties by increasing the WCA, as 

expected, and also its precipitation behavior. Thus PO-chitosan meets the conditions to be 

functionalized at the bubble surface. Thus in a next step, we used FluidFM to probe the 

interactions between PO-chitosan coated bubbles and C. vulgaris cells, and this way 

understand the mechanism at play in this case at the molecular level, as shown in Figure 16a.  

In this case the retract force curves obtained show a single retract peak at the contact point 
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(red curve in Figure 16b) with an average adhesion force of 12.8 ± 1.5 nN at pH 6 (Figure 16c). 

While this force is in the nN range as the one obtained with clean bubbles (light blue histogram 

in Figure 16c), it is 3.6-fold higher. This means that the functionalization of the bubble surface 

with PO-chitosan enhances the direct interaction with C. vulgaris cells, which is what was 

expected. But the nature itself of the interaction visible here is surprising. Indeed, our previous 

work on chitosan has showed that it interacts with C. vulgaris cells through biological 

interactions, with polymers unfoldings visible on the force curves obtained (Demir, Blockx, et 

al., 2020). In theory, PO-chitosan is absorbed on the water/gas interface with the hydrophilic 

chitosan monomers outside of the bubble, in the liquid part, and the hydrophobic tails with 

octanal molecules inside the bubble, in the gas part, as shown in Figure 16d. Thus, we should 

still be able to see the biological interactions that we had obtained with chitosan only. 

Moreover, the approach curve obtained with PO-chitosan coated bubbles (blue line in Figure 

16b) also shows a “jump-in” reflecting the fact that PO-chitosan coated bubble gets suddenly 

attached to the C. vulgaris cell surface when they get into close proximity (Figure 16b, blue 

curve). This jump-in, as in the previous studies on bubble-hydrophobic surface interaction 

(Demir et al., 2021), is most likely due to a long-range hydrophobic force that causes the 

disruption of the water film between the bubble and the cell, and the further formation of the 

three point contact (TPC) line. Thus at this stage, the hypothesis that we can make is that the 

chitosan backbone is still able to interact with cells through biological interactions, but when 

the bubble probe is retracted from the cell, the hydrophobic interaction becomes dominant 

compared to the specific one, and this is what we see on the force curve (Figure 16b, red line). 

The interactions obtained in this case are higher than the ones obtained with clean bubbles 

(Figure 16c) because the initial interaction of bubbles with cells is stronger when bubbles are 

functionalized, thus the contact area between bubble and C. vulgaris cells increases, which 

increases the adhesion forces we obtained. 
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Figure 16: Modulation of the interactions between bubbles and C. vulgaris cells by PO-chitosan.  a) 
Schematic representation of PO-chitosan coated bubble and single C. vulgaris cell interaction. b) 
Representative force curves obtained for PO-chitosan coated bubble and C. vulgaris cell at pH 6. c) 
Adhesion force histogram obtained for PO-chitosan coated bubble and C. vulgaris cell at pH 6. 

 

We further repeated these experiments at pH 7.4 and 9 (Figure 16e and f). At pH 7.4, 

cells interact more with clean bubbles with an average adhesion force of 4.0 nN ± 1.2 nN 

(Figure 16e, light green histogram) compared to pH 6, which can be explained by some 

changes perhaps in the hydrophobicity of C. vulgaris cells surface at this pH. When bubbles 

are functionalized with PO-chitosan, the average force obtained is of 4.6 ± 1.4 nN (Figure 16ed, 

dark green), thus almost 3 times less than at pH 6.  In addition in this case, the “jump-in” peak 

on the approach curves is not visible anymore. This important decrease in the adhesion could 

be due to the decrease in the hydrophobicity of PO-chitosan molecule. Although this decrease 

is low, it has important consequences on the interactions with cells. At pH 9 cells do not 

interact with clean bubbles at all (0% of adhesion, light red bar in Figure 16f), while when 
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bubbles are coated with PO-chitosan, the percentage of force curves showing retract 

adhesions decreases to 23% compared to 100% in all other conditions, with an average force 

of 0.3 ± 0.1 nN (dark red histogram in Figure 16f). In the case of chitosan, there was no 

interaction with cells at higher pH, but this was explained by the fact that chitosan precipitated 

at such pH values. The roughness measurements performed in the first part of this work 

showed that PO-chitosan does not precipitate like chitosan does at higher pH. Therefore, this 

lack of interaction is probably not related to PO-chitosan, but to the cell surface itself. Indeed, 

in this case, clean bubbles do not interact with cells, which means that at pH 9, the cell surface 

is completely hydrophilic. This can be explained by a change in the cell wall composition at 

higher pH (Demir-Yilmaz, Schiavone, et al., 2022), or by a change in the cell surface 

architecture where hydrophobic molecules at the surface of cells may be masked by other 

components (Demir, Blockx, et al., 2020). Thus, the initial interaction between the hydrophilic 

chitosan backbone at the surface of bubbles still takes place, as proven by the low adhesions 

recorded. But then because the cell surface is hydrophilic, the liquid film between bubbles and 

cells cannot be ruptured, thereby resulting in a low adhesion force. These results are 

important because they allow understanding better the molecular mechanism underlying PO-

chitosan bubbles interactions with cells. While the interaction with PO-chitosan bubbles 

probably starts with a specific interaction between the chitosan molecules present at the 

surface of bubbles and cell surface polymers, hydrophobicity remains the main factor allowing 

then the contact between bubbles and cells. 

Thus these results show that the functionalization of bubbles with PO-chitosan 

enhances their interactions with cells, and allow understanding the mechanisms at the basis 

of these interactions. Now in the next step, we will evaluate if these enhanced interactions 

can influence the separation rates obtained in bench-scale flotation experiments.  
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1.2.5. Optimizing the one-step flotation process 

This part of the work is described in detail in the article entitled “Bubble 

functionalization in flotation process improve microalgae harvesting”, by Demir-Yilmaz et al., 

Chemical engineering Journal, 2023,  presented in Chapter 6. 

 In the last part of the work, the efficiency of flotation with PO-chitosan functionalized 

bubbles for freshwater microalgae harvesting was investigated. For that, we used our novel 

molecule, PO-chitosan, as a surfactant to functionalize the surface of the bubbles injected in 

microalgae suspensions in order to capture cells and bring them to the surface of the 

suspension. The experiments were performed on a home-built flotation device shown in detail 

in Figure 17.  

 

Figure 17: Photograph of the home-built flotation device used in this study. The flotation-test jars 
contain C. vulgaris cells grown. Water, air and PO-chitosan are pressurized during 30 minutes in the 
pressuration tank at 6 bars to produce white waters (water contaning dissolved air) that is coated with 
PO-chitosan. The introduction of these PO-chitosan coated bubble induce the flotation of cells together 
with bubbles. Extracted from (Demir-Yilmaz, Yakovenko, et al., 2022) 

Briefly, cell suspensions are introduced in the test-jars. To produce functionalized 

bubbles, air and water mixed with PO-chitosan are pressurized at 6 bar in the pressurization 

tank, causing the gases of air to dissolve in the water. The release of these pressurized waters 

(containing dissolved gases) at the bottom of the test-jars at atmospheric pressure induces 

the formation of bubbles forming the so called white waters. As PO-chitosan is released at the 
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same time, it directly assembles at the surface of bubbles. Then as the functionalized bubbles 

rise in the suspension, they interact with cells and bring them to the surface. The results 

obtained using this one-step flotation process are presented in Figure 18. Figure 18a is a 

schematic representation of the flotation process with bubble functionalization. Unless 

otherwise indicated, all the experiments were performed at pH 6. For that, in a first set of 

experiments, 50 mL of PO-chitosan white waters were injected from the pressurization tank 

to each beaker via the solenoid valves. Different PO-chitosan concentrations were tested in a 

range from 12.5 to 100 mg/L, and allowed to determine the best conditions, using 25 mg/L of 

PO-chitosan, where the highest separation efficiency was obtained. We then tested another 

parameter that can have an influence o the separation efficiency, the ratio of bubbles to cells. 

For that, we decreased or increased the volume of white waters injected in the microalgae 

suspensions; this results in a lower or higher number of bubbles and thus in a decreased or 

increased bubble surface area compared to cells. Three different injected white waters 

volumes were tested in addition to the control at 50 mL (20, 80 and 100 mL); the results 

obtained are presented in Figure 18b. On this graph, the light blue bars correspond to the 

control conditions (clean bubbles) and the dark blue bars correspond to PO-chitosan coated 

bubbles. The highest separation efficiency was of 55.1 ± 13.1%, obtained with a white water 

volume of 50 mL, which is 2 times higher than the efficiency obtained with clean bubbles (34.6 

± 3.8 %). The fact that using clean bubbles, approximately 30% of the cells could be separated 

from the culture medium can result from a natural flocculation of cells in these conditions. 

Lower separation efficiencies, close to the ones obtained in control conditions with clean 

bubbles, were found when using both lower volume (33.2 ± 2.8 % for 20 mL of bubbles) and 

higher volumes of bubbles (14.4 ± 1.4% and 13.2 ± 1.7% respectively for 80 and 100 mL of 

bubbles). The results obtained using 20 mL can be explained by the fact that in this case, the 

surface area of the bubbles is not important enough to allow a contact with more cells. 

However, the low results obtained using higher volumes could be due to the fact that such 

large volumes injected dilute the solution too much, resulting in a low collision rate between 

bubbles and cells. This explanation is coherent also with the fact that for these high white 

waters volumes, flotation efficiency obtained with clean bubbles is reduced compared to 20 

and 50 mL.  
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Finally, as we found that cells’ interactions with PO-chitosan coated bubble are 

dependent on the pH, we then investigated the influence of pH variation of the separation 

efficiency using 25 mg/L of PO-chitosan with an injected volume of white waters of 50 mL. The 

results presented in Figure 18c show that the highest separation efficiency of 55.1 ± 13.1%, is 

obtained for pH 6, and decreases gradually to 38.6 ± 0.8% at pH 7.4 and to 27.3 ± 5.9% at pH 

9. This could be explained by the relative hydrophobicity difference of both C. vulgaris cell wall 

and PO-chitosan molecule at different pH. Moreover, the AFM-based force spectroscopy 

experiments (Figure 16) showed that with increasing pH, cells interact less with PO-chitosan 

coated bubbles most likely because of changes on both the cell surface (changes in the 

hydrophobicity, roughness and nanomechanical properties) and on the hydrophobicity of PO-

chitosan itself that changes with pH variations. For example, at higher pH hydrophobic 

molecules on the cell surface, most likely lipids, may be masked or in a different conformation, 

preventing their interaction with the surface of bubbles. These experiments then prove that 

flotation efficiency using functionalized bubbles is dependent on the interaction that bubbles 

have with cells; the higher it is, the more efficient the separation process. 

 

Figure 18: Flotation experiments of C. vulgaris with PO-chitosan coated bubble. a) Schematic 
representation of one-step flotation experiments. b) Flotation efficiency of C. vulgaris with varying PO-
chitosan concentrations at pH 6. c) Flotation efficiency of C. vulgaris with 25 mg/L PO-chitosan coated 
bubble with varying bubble volume at pH 6 d) flocculation efficiency of C. vulgaris with 25 mg/L and 50 
mL PO-chitosan coated bubble with varying pH. 
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Overall, these findings are promising. The first and most essential point is that using 

functionalized bubbles increases flotation separation efficiency by a factor of two when 

compared to the same procedure with clean bubbles. This finding is significant because it 

demonstrates that functionalization of bubble surface allows modifying the interactions 

between cells and bubbles, in this case, enhancing them and allowing for a more effective 

separation. In the case of continuous cultures, such method might be utilized to harvest the 

majority of the biomass while keeping the rest of the cell to continue the culture. As a result, 

it may be ideally suited for large-scale applications. The second important point is that using 

the FluidFM-based technology created by our team, we were able to identify the mechanisms 

by which these functionalized bubbles adhere to cells, and show that the adhesions obtained 

at the molecular scale directly influence the flotation separation efficiency obtained at the 

population scale.  
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1.3. Discussions and conclusions of the PhD work  

The global aim of this project was to develop an original process to make flotation an 

efficient harvesting technique in order to better exploit the potential of the microalgal 

bioressource. The strategy proposed to reach this objective, summarized in Figure 19, is at the 

frontier between biology, physics and chemistry, and is based on the functionalization of 

bubbles with adhesive compounds that attach to cells and bring them to the surface. The idea 

was that using bio-sourced compounds existing at the surface of cells, it would be possible to 

avoid the toxicity and interference with downstream processes that can take place using 

synthetic flocculants. Thus to reach our objective, the first and challenging step of this PhD 

was to develop a new method to probe bubble-microorganism interactions at the molecular 

scale. To do so, a combination of atomic force microscopy and microfluidics was used in order 

to produce micro-sized bubbles at the aperture of FluidFM cantilevers (Figure 19A), and probe 

their interactions with individual cells. Then, to identify a molecule that could interact with 

cells without being toxic, we made the hypothesis that it could be a polysaccharide present in 

the cell wall of cells, as polysaccharides are able to form homotypic bonds. In order to identify 

such polysaccharide, in the next step we then determined the cell wall composition of our 

model microalgae species, C. vulgaris. For that we used a combination of methods, AFM, XPS 

and liquid chromatography which allowed to generate fundamental knowledge lacking in the 

literature about the composition and dynamics of the microalgae cell wall. Using this new 

data, we could apprehend the complexity of the cell wall structure and make hypothesis on 

the possible polysaccharides that could compose it (Figure 19B). Using these results as well as 

data from the literature, we identified one polysaccharide that had the potential to adhere to 

C. vulgaris cell surface, chitosan. Thereafter, it was needed to determine if indeed this 

molecule could interact with cells and by what type of mechanism (Figure 19C). Understanding 

flocculation mechanisms at the nanoscale is in fact an important point to then be able to 

optimize separation processes at large scales. Our results showed that chitosan interacts with 

C. vulgaris cell surface through biological interactions with an average adhesion value around 

of 300 pN. To compare, antigen-antibody interactions are usually in the pN range around 70-

200 pN (Dammer et al., 1996; Willemsen et al., 1998). Chitosan interactions with cells is higher 

than that, indicating that chitosan is able to bind strongly to cells, making it a good candidate 

molecule to coat bubble surfaces. After that, we modified this molecule to make it amphiphilic 
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so that it could assemble at the surface of bubbles (Figure 19D). At this stage, it was important 

to understand the mechanism of adhesion to cells of bubbles functionalized with this new 

molecule, PO-chitosan, and see if the modification made on chitosan did not change its biding 

efficiency. To verify that, we used the developed method in the first step, to probe the 

interaction between PO-chitosan coated bubble and C. vulgaris cells (Figure 19E). We found 

that PO-chitosan interacts with C. vulgaris cells mainly through a dominant hydrophobic 

interaction with an average adhesion force around of 3 nN. This first means that PO-chitosan 

is able to bind to cells with a strength 10-times higher than the one obtained with chitosan.  

But in this case, the interactions between cells and PO-chitosan coated bubbles are more 

complex than with chitosan only. Indeed, PO-chitosan absorb at the bubble surface in a way 

that the hydrophilic chitosan units stays outside of the bubble in the liquid part, whereas the 

hydrophobic tails (octanal groups) added to the molecule stay inside the bubble, in the gas 

part (see Figure 17d). Thus we should be able to see the biological interaction between C. 

vulgaris cells and chitosan backbone, yet, we observe hydrophobic interactions. This 

phenomena can be explained as follows: the specific interaction between C. vulgaris cell 

surface and the chitosan monomers probably still exists, and because it is efficient, the water 

film between the bubble and the cell get ruptured and causes the formation of a three phase 

contact line (TPC), which results in a hydrophobic interaction that becomes dominant and 

masks the specific one. These modifications of the bubble surface show that indeed, using 

such surface engineering strategies, it is possible to control and modulate the direct 

interactions between bubbles and cells. Finally, the efficiency of the functionalized bubbles to 

capture populations of cells was experimentally evaluated using a bench-scale flotation device 

(Figure 19F). The idea is that using this strategy, the pretreatment steps needed in cell 

harvesting by flotation such as flocculation could be eliminated, resulting in a gain of time and 

money. Using this one-step harvesting method, we were able to separate approximately 55% 

of cells from their aqueous culture medium. This number may not reach 100%, but is in fact 

very interesting when considering continuous mode processes (mainly used industrial 

applications), as separating only part of the cells allow the remaining ones to resume culture.   
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Figure 19: Schematic representation of the development of new bubble surface engineering strategy 
for optimized microalgae harvesting.  

1.3.1. Contribution of the work to other fields of research and applications 

The results of all the work produced during this PhD have so far been presented from 

the point of view of their interest for the objective set in this PhD, functionalizing the bubble 

surface to improve flotation. However, each step in this PhD led to the generation of 

knowledge that also can contribute to other fields of research or for other applications than 

flotation: this is what we are going to discuss now in this section.  

As mentioned in Chapter 1.1.1, in flotation separation processes, flocculation is often 

used as a first step to enhance flotation efficiency. But if we want to get rid of this step, then 

understanding the behavior of bubbles and how they interact with cells is mandatory. To 

understand this, here we developed a new method to produce bubble and measure their 

interaction with cells using fluidic force microscopy (FluidFM). As we mentioned in section 

1.1.4 FluidFM has already been used in several applications. However, here in this PhD we 

used FluidFM in an original and different manner, which had never been described before, to 

produce bubble directly at the aperture of cantilevers. For that a prerequisite was to first apply 

on the FluidFM microchannel a hydrophobic coating using self-assembled monolayers (SAMs) 

of silanes via SAMs vapor deposition technique. This step was important to keep the produced 

bubbles on the cantilever’s aperture, otherwise they would have risen up to the surface. Then, 

for the first time we filled the cantilever with an air unlike for the all the other applications of 

FluidFM that use filled cantilevers with liquids. The hydrophobic coating inside the cantilever 

make it possible to push the air outside of the microchannel to form a bubble at its aperture. 

This bubble probe method is a reliable method to measure the interaction between bubble 

and complex surfaces as this system allows controlling the size of the bubble over consecutive 

measurements and even during the same measurement. In fact, keeping the bubble size 

constant over time was the main bottleneck in existing methods using AFM to probe bubbles’ 
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interactions, that could thus be overcame using FluidFM. This new method is not only 

interesting in the context of this PhD thesis, as it can be used by the scientific community to 

better understand the interactions between bubbles and any kind of (bio)-surfaces, which are 

involved in many different applications. A first example of such application is microorganism 

removal from surfaces where they form biofilms, which is an important problem in many 

industrial processes (dentistry, water filtration, water storage and piping). To solve this 

problem, air bubbles could be a promising means to control fouling; for instance, a recent 

study by Kriegel and coworkers investigated the mechanism underlying the removal of 

bacteria (P. aeuriginosa) from polycarbonate (hydrophilic) and PDMS (hydrophobic) surfaces 

with air bubbles (Kriegel & Ducker, 2019). In this study, the authors show that most of the 

bacteria on the hydrophobic solid surface could be removed just after the first interaction with 

bubble, whereas an important amount of bacteria remains on hydrophilic surfaces. This may 

mean that the interaction between hydrophilic surfaces and bacteria is stronger than 

interaction between bubbles and bacteria. Using the bubble probe method developed in this 

PhD, the interactions of bubbles with bacteria could be quantified and then compared with 

the interaction between bacteria and different surfaces to evaluate the possibility to actually 

remove cells using bubbles. In addition, factors influencing these interactions could also be 

investigated such as environmental factors, pH, ionic strength, or other factors i.e., bubble 

size and wettability of the surfaces.  Another example of application where the bubble probe 

method could bring interesting information is for microbubbles that are used as drug carriers 

to treat diseases. Indeed, Tinkov, Gao and Klibanov et al. studied the possibility to load 

bubbles with a drug or a gene therapy vector, and then locally deliver and release the 

transported substances using ultrasound (Tinkov et al., 2009; Gao et al., 2008; Klibanov, 2007). 

In these complex systems, microbubbles are coated with antibodies that allow them to 

interact with specific antigen present on cell membranes. This allows their binding to the 

targeted cells (Delalande et al., 2012; Klibanov, 2007). Then, ultrasound exposure is 

performed; this causes a temporary membrane permeability of cells, and it makes bubbles 

collapse to release the encapsulated drugs. This drastically increases the intracellular drug 

uptake by the cells (Delalande et al., 2012; Frenkel, 2008). This bubble carrier method has 

been successfully applied to deliver nucleic acid in vitro and in vivo, yet fundamental 

information on the interactions of bubbles with cells are missing, which could help to further 

develop this targeted drug delivery method. In this context, the bubble probe method 
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developed in this PhD could be used to understand the mechanism of targeted bubble 

attachment to the cell membranes, which could help in better controlling cell targeting. In 

addition, with this method, different bubble coatings and their affinity for targeted cells as 

well as for the bubbles could be evaluated under different environmental conditions.  

Let’s now talk about the microalgae cell wall, which is responsible for the complex 

interplay between cells and their environment. In the context of this work, better 

understanding this complex interplay allowed understanding its interactions with flocculants 

for harvesting applications. While we chose to work with chitosan, other types of molecules 

could also be identified as potential bio-sourced flocculants, and this by understanding the 

cell wall composition. This would allow optimizing new flocculation process with natural 

polymers directly available on the cell wall, thus non-toxic and biocompatible. This way the 

issues relating with the usage of synthetic polymers could be eliminated such as 

contamination of the final products. However, understanding the dynamic characteristic and 

composition of microalgae cell wall is also important for understanding and controlling other 

aspects than cell adhesion. For example, rupturing the cell wall is an important challenge in 

extraction processes, where the goal is to break cells in order to release and harvest the 

intracellular products they were cultivated for. Choosing appropriate methods to do this can 

be a complicated task and depends on the microalgae species used, the conditions considered, 

and the production scale. The main cell disruption methods used are mechanical and chemical 

methods. They are different in terms of energy consumption, efficiency and solvent usage. 

Because most microalgae species possess a rigid cell wall resistant to mechanical and chemical 

stressors, these disruption methods can be used independently but also in combination in 

order to achieve high yields (Lee et al., 2017).  For mechanical disruption such as bead milling, 

homogenizer, microfluidizers, microwave treatment, etc., important energy inputs in the form 

of shear pressures, electrical pulses, waves, or heat are required. Mechanical processes often 

feature excellent product recovery yields with good controllability and scalability, but their 

energy consumption is very high. Mechanical disruption can sometimes be coupled with non-

mechanical disruption methods or pretreatments for example chemical disruption to reduce 

energy consumption and improve the efficiency (Taleb et al., 2016). In chemical disruption 

methods, chemicals directly interact with the cell wall to allow release of intracellular products 

(Dong et al., 2016). However, the selectivity, compatibility, and efficiency of these chemicals 

are highly influenced by the composition and structure of the microalgal cell wall (Lee et al., 
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2017). Moreover, the chemical and mechanical methods consume a significant energy and 

cannot be scaled up easily (de Boer et al., 2012).  For these reasons, it is interesting to develop 

or optimize other type of processes for example based on the enzymatic digestion of the 

microalgae cell wall.  The benefits of such enzymatic digestions compared to mechanical or 

chemical disruption methods are the biological selectivity of the enzymes used, the mild 

operating conditions needed and the reduced energy consumption (Günerken et al., 2015). 

Enzymatic digestion has been already used in some cases but not in large scale as it is the case 

for mechanical and chemical treatments. Despite the important costs of enzymes, because 

the operational conditions are not energy-consuming, in the end such techniques can be less 

expensive to set up than mechanical or chemical treatments (Nagappan et al., 2019). 

Moreover, scaling up enzymatic treatments is relatively easy compared to mechanical 

methods (Pragya et al., 2013; Demuez et al., 2015). However, to develop and optimize such 

enzymatic process, it is fundamental to understand cell wall composition and dynamics, to 

actually be able to choose the right enzymes for the right microalgae species and the right 

conditions. The work that we have done to determine the cell wall composition and 

architecture of C. vulgaris goes in that direction but is for the moment limited. Indeed, now 

further research needs to be performed, using enzymatic digestion or solid-state Nuclear 

Magnetic Resonance (NMR) to identify mainly the polysaccharides present on the cell wall but 

also the lipids and proteins, and this way provide the information needed to optimize cell 

rupturing methods based on enzymatic digestions.  

After having analyzed the composition of the cell wall, we then chose chitosan to 

continue the work and understand how it interacts with cells. Chitosan is a widely used 

flocculent for microalgae harvesting, but so far mixed results have been reported on the 

flocculation efficiencies depending on the microalgae species used (freshwater or marine 

species) and on the experimental conditions (pH). Without a precise knowledge on how 

flocculant works, it is very difficult to use them in a reliable manner for large scale applications. 

This is why it is important to understand their flocculation mechanisms. However flocculation 

mechanisms, whether they are naturally induced or induced by added molecules, are 

challenging to adapt, even at lab scales, because of their uniqueness for each culture condition 

and each microalgae species used (Demir, Besson, et al., 2020). This is why a large number of 

studies in the literature are dedicated to understand these mechanisms, particularly the 

important parameters that influence their efficiency. Let’s give concrete examples of this. For 
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instance, for the same flocculant, magnesium hydroxide, the flocculation mechanisms are 

different depending on the microalgae species. For example charge neutralization mechanism 

is at play for P. tricornutum whereas sweeping flocculation mechanism is observed for D. 

salina, at high pH (Besson et al., 2019; Besson & Guiraud, 2013b; Formosa-Dague, Gernigon, 

et al., 2018a). Our work on chitosan also highlighted that the flocculation mechanism can 

change depending on the pH of the culture medium (Demir, Blockx, et al., 2020), showing the 

complexity that these mechanisms can hold. It is thus critical to identify these mechanisms 

involved in each case in order to be able to control and employ them in larger scales (Xu et al., 

2013; Zhu et al., 2018). As we have showed in the work on chitosan interactions (Demir, 

Blockx, et al., 2020), using AFM is actually an interesting approach for this, as it allows 

understanding the molecular basis of the mechanisms at play in flocculant-cell interactions, 

which thus enables determining the parameters important to control these interactions and 

further optimize large-scale flocculation processes. Such experimental strategy could become 

a reference tool in order to solve the mysteries of flocculation for different flocculants and 

different microalgae species. So far in the literature, the most commonly used method to 

identify flocculation mechanisms is zeta potential measurements. Zeta potential is 

determined by measuring the surface charge of microalgae cell surfaces. Most of the 

flocculants used for microalgae harvesting are cationic floculants (chitosan, starch, …), thus 

zeta potential is well suited method to verify that indeed the flocculation mechanism relies on 

electrostatic interactions. For example, Vandamme et al. identified the flocculation 

mechanism of the diatom Phaeodactylum tricornutum with alkaline salts using such method. 

In this case, the increase in the zeta potential measurements during the flocculation with 

brucite suggested that brucite precipitation caused flocculation by charge neutralization. 

However, zeta potential measurements stayed negative for flocculation with calcite 

suggesting here that flocculation occured trough a non-electrostatic-based mechanism 

(Vandamme et al., 2015). However, this method is limited to electrostatic interactions and 

does not allow evaluating biological interactions and hydrophobic interactions. For example,  

as we saw in the case of chitosan, even for cationic molecules, electrostatic interactions may 

not be the dominant in the flocculation mechanism, showing the need for techniques other 

than zeta potential measurements that can go beyond and measure other types of 

interactions. Then, also as we saw in the work developed in this PhD, other types of 

interactions can be efficient to promote interactions (biological specific interactions, 
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hydrophobic interactions). This means that other types of flocculants could be developed, and 

for this a tool such AFM would allow understanding the mechanisms at play and thus extend 

the features to look for to find efficient flocculant molecules.  

In order to optimize microalgae separation using flotation process and reduce in a 

significant manner the cost and time of the process, bubble functionalization is an interesting 

alternative. In this work, bubble functionalization concept was used, but instead of changing 

the charge of the bubbles as it is performed by Henderson et al., 2008b, 2010, the goal was to 

make it specific so that it could interact in an efficient and controlled manner with cells. 

Moreover, the use of chitosan can be beneficial compared to the cationic polymers used by 

the Henderson team, as it is non-toxic and does not interfere with down-stream processes. 

Harvesting is definitely a key step in any microalgae-based technology, and it has been 

identified as a major bottleneck in achieving the sustainability and cost-efficiency of these 

technologies. Moreover, in order to maximize total process efficiency, a good balance 

between process time and energy cost must be maintained. For example, this PhD work 

showed that 10 mg/L chitosan is needed to achieve maximum separation efficiency 

(flocculation followed by flotation) with C. vulgaris cells. However, when we use PO-chitosan 

to functionalize bubbles, 25 mg/L is needed to reach the best separation efficiency, although 

as chitosan and PO chitosan are different molecules, a direct comparison of the 

concentrations used in not really suitable. But still, at least at the lab scale, it seems that more 

molecules are required for bubble functionalization, but then when we consider the time 

needed for separation, in the first scenario, we need to add the flocculant and mix it with the 

suspension for 15 min. Then 30 minutes are needed for the flocs to stabilize before injecting 

bubbles at the bottom of the jar and collect the aggregated cells on the surface. However, 

with functionalized bubbles, both mixing and stabilization steps are skipped (in total 45 min), 

the process starts directly with the bubble injection (15 min), which reduces the process time 

to ¼ of the initial time. These timings are for the bench-scale process that we developed, but 

we can imagine that these time differences would also take place at larger scale. As at 

industrial scale time is money, operating separation in only one step could perhaps increase 

significantly the overall cost-effectiveness of microalgae production systems and make them 

economically more viable. In fact, a reliable economic comparison and a life cycle analysis 

(LCA) have to be performed in order to correctly compare the two harvesting systems (Laifa 

et al., 2021). This comparison has to be made at the industrial scale including the energy saving 
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and the infrastructure saving due to the suppression of the flocculation step. Only such type 

of analysis will make it possible to decide if indeed one-step flotation is more cost-effctive 

than flocculation followed by flotation.  

1.3.2. Future perspectives on the work performed in this PhD 

While the knowledge and the methods developed in this PhD work can have important 

impacts in other fields, we would like here to look towards the future and describe in this 

section the concrete perspectives work that can be built based on the results generated in this 

PhD. Basically, there are many perspective works that could be envision based on the results 

obtained in this PhD thesis. A first perspective is linked to the work on FluidFM, which could 

be used not only to produce bubbles but also to produce other types of fluid interfaces such 

as liquid droplets. The development of liquid droplet systems is currently advancing at a rapid 

rate. A variety of proof-of-concept applications in biotechnologies are described, highlighting 

their potential as tools for performing rapid, reliable, and energy efficient engineering tasks e. 

Indeed, their various advantages, such as adaptability, diversity and high surface area to 

volume ratio enable them to serve a wider range of applications, going from single cell 

analysis, cell based assays or controlled drug release (Wei et al., 2020). For example, in the 

growing field of droplet-based microfluidics, different approaches are being developed to 

control, manipulate, and most importantly functionalize droplets (Khojasteh et al., 2019). In 

this context, using FluidFM to produce drops could be an efficient way to increase the 

knowledge needed to optimize these applications, and to measure their interaction the 

various types of surfaces they can be brought to interact with. We can imagine that for 

producing such droplets, the FluidFM cantilever microchannel could be filled with liquid 

instead of air and by applying over pressure liquid droplets could be form in another liquid 

with a different density. With this form liquid droplets interaction mechanisms with bio-

surfaces could be assessed. 

As mentioned earlier, another perspective of this PhD work could be about the 

enzymatic digestion of the C. vulgaris cell wall. In this manuscript we analyzed the cell wall 

composition of C. vulgaris and determined the relative fractions of main components; lipids 

proteins and polysaccharides. Then by going a step forward, we identified the 

monosaccharides present in the cell wall, using acid hydrolysis followed by liquid 
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chromatography. However, we never identified the polysaccharides these monosaccharides 

come from, which, as discussed before, could bring important information to develop for 

example enzymatic-based cell-disruption processes. For this reason, one can envision to 

perform a screening of enzymes to degrade C. vulgaris cell wall, and then analyze the presence 

of monomers. If monomers are detected, then this means that the polysaccharide targeted 

by the enzyme was present in the cell wall. If not, another enzyme should be tested and the 

same process needs to be repeated. Such procedure is based on trial and error, which takes 

time and can be costly. However, once it is done, this information can be really useful in 

various applications, at the industrial scale to digest microalgae cell wall, or to identify new 

compounds that could be valorized. Moreover, solid state NMR spectroscopy could be also an 

option to identify and quantify the polysaccharides present in the cell wall. For example, 

Paulhazan et al. recently examined the composition, dynamical characteristics, and spatial 

organization of glycans for the microalgae species Parachlorella beijerinckii (Poulhazan et al., 

2021). Their magic-angle-spinning (MAS) solid-state NMR (ssNMR) spectroscopy-based results 

showed that starch is the major rigid and predominantly abundant molecule in the cell wall. 

So far very few studies have used such method to analyze the cell wall of microalgae (Arnold 

et al., 2015; Ghassemi et al., 2021; Separovic & Sani, 2020), but they all show the interest of 

solid state NMR to gain a precise and complete understanding of the polysaccharides present 

in the cell wall of microalgae cells.  

Then another perspective could be built on the work performed on chitosan to modify 

it and make it amphiphilic. In this manuscript we used octanal (C8) as a hydrophobic group to 

make the final molecule amphiphilic. But instead of octanal, longer or shorter hydrophobic 

chains could also be used, such as dodecanal (C12) or hexanal (C6). Extending or reducing the 

hydrophobic groups of the molecule may increase or decrease the surfactant activity of 

modified chitosan, and thus both their interactions with C. vulgaris cells and their affinity 

towards hydrophobic bubbles. Also this could have an impact on the solubility of the modified 

molecules, and further on the substitution degree that could be achieved. For instance, for 

high molecular weight chitosan (used in this PhD), a 10-15% alkylation level is the limit to then 

be able to dissolve the molecule in water and further use it in harvesting experiments. We also 

tried using low molecular weight chitosan, and in this case, the substitution degree that could 

be achieved was even lower as at an alkylation level of 10%, the final product could not be 



 

72 
 

dissolved in water anymore. This shows that there needs to be a balance between the relative 

lengths of the hydrophilic and hydrophobic chain in the molecule, the goal being to have a 

molecule perhaps with a higher surfactant activity, but that could still be dissolved. For 

example, for longer hydrophobic chains, in order to still be able to dissolve the molecule in 

water the substitution degree may have to be reduced while using shorter chains, perhaps  

higher alkylation levels could be reached allowing to have overall a different 

lipophilic/hydrophilic balance within the molecule. Thus to understand this and fine-tune in 

fact the properties of these amphiphilic chitosan molecules, the both longer and shorter 

hydrophobic groups could be used, with different molecular weight chitosan molecules, using 

different substitution degrees. 

The further and most obvious perspective could be to use PO-chitosan coated bubble 

to separate different microalgae species; both marine and freshwater species. Salt in the 

marine water screen all the charges present both on cells and the molecule on the bubble by 

suppressing the electrostatic interaction. PO-chitosan based hydrophobic interaction thus 

could still be efficient regardless of the charges. Moreover, instead of chitosan, we can add 

the hydrophobic properties to different (bio)-molecules even with a negatively charge to 

harvest negatively-charged microalgae species. In appendix 1, this theory is well explained but 

in short; long-range hydrophobic interaction can be dominant over electrostatic repulsion. For 

instance, in the study example presented in appendix 1, negative microalgae cells could still 

interact with negatively-charged and hydrophobic microplastic particles. This study, for the 

first time, proves that we are not only limited to electrostatic interaction but thus to positively 

charged molecules. However, we can also use the positively charged molecules which provide 

broder target molecular selection both for marine and freshwater microalgae species. 

Finally, a perspective that can be envisioned when considering the separation of cells 

from water using functionalized bubbles is to perform a selective separation. Selective 

separation using flotation process consists in separating fine particles from particles of other 

components present in a disperse phase (Mathur et al., 2000). Because historically flotation 

has been used in the ore and mineral industries, selective flotation has already been used to 

selectively separate different minerals such as wolframite (Lu et al., 2021), copper 

(Hassanzadeh et al., 2020), fluorite (W. Jiang et al., 2018), calcite and barite (Ren et al., 2017). 

The basic concept behind selective separation is based on the difference in the surface 
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properties of minerals to be separated (Zanin et al., 2019). To separate one mineral from the 

other, one has to be hydrophobic while the other one is hydrophilic so that hydrophobic 

minerals attach to bubbles and are carried to the surface while the hydrophilic ones remain in 

suspension. To actually control this, different chemicals can be used to modify the surface 

properties of selected minerals and change their hydrophobic properties; collectors, 

depressants, modifiers, or frothers. (Bulatovic, 2007). Collectors (often called surfactants) are 

used to improve the surface hydrophobicity thus the affinity of particles towards bubbles 

(Laitinen et al., 2016). For example, hydroxamic acids are a ubiquitous class of collectors that 

can selectively adsorb on minerals, such as wolframite (Meng et al., 2015) and rare-earth 

minerals (Kumari et al., 2015), to enhance their surface hydrophobicity and facilitate their 

separation from the polymetallic ores by flotation. Whereas depressants enlarge the 

floatability difference between two minerals by suppressing one the of minerals 

hydrophobicity (X. Wang et al., 2022). Modifying reagents react either with the mineral 

surfaces or with collectors and other ions in the flotation pulp, resulting in a modified and 

controlled flotation response. Using these chemicals, selective separation of minerals can be 

achieved. While these strategies work very well with mineral and ore particles, it could be an 

interesting aspect to adapt them to cells, and this way use flotation as a cell sorting method, 

allowing to separate a specific population of cells from another one in a complex medium. For 

that, of course, one possibility could be to modify the cell surface properties using collectors 

or depressants like it is performed for minerals, but another alternative would be to directly 

modify the bubble surface so that it interacts only with one cell type and not the others. 

Because the work performed in this PhD has showed that it was possible to functionalize 

bubbles with any type of amphiphilic molecule to control their interactions with cells, then 

this possibility seams quite realistic.  For instance, such strategy could be used for example to 

separate bacterial cells from human blood cells in the case of sepsis, and this way be able to 

provide an early diagnosis of the bacterial species involved to target an effective treatment. 

This example has already caught our attention, and during this PhD we explored the potential 

of interaction of bubbles functionalized with colistin with Gram-negative bacterial cells (Demir 

et al., 2021a). Colistin is a natural polycyclic antibacterial peptide derived from Bacillus 

polymyxa, which specifically interact to the surface of bacteria by binding to the lipid A part 

of the lipopolysaccharide (LPS) (Yahav et al., 2012), a glycolipid found in the outer membrane 

of Gram-negative species (Maldonado et al., 2016). Our work showed that the 
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functionalization of bubbles with colistin had a positive impact on the adhesion of cells to the 

bubbles. Because colistin is very specific and does not bind to non-bacterial cells, such as 

mammalian cells found in blood, it could be a potential way to separate bacteria from the 

other blood components and this perform a selective separation. This is one application of 

such process, but many other applications can be envisioned, in different fields, for different 

applications.     

In the end, this PhD manuscript has highlighted scientific problems that current 

researcher has not addressed yet. Although involved in many different biological systems, 

bubble-microorganisms interactions have been poorly explored due to the lack of a method 

or tool able to probe them. These type of interactions take place during microalgae harvesting 

by flotation, a promising separation technique that could enable the use of microalgal biomass 

in large-scale industrial processes. The work performed in this PhD has allowed to answer part 

of these questions, to develop a tool to access bubble-microorganisms interactions, and to 

develop a new and original microalgae separation process using functionalized bubbles. For 

that we made a number of developments and generated fundamental data on different 

aspects of microalgae, which can serve as basis by the scientific community for new 

developments, in other application fields, showing in the end the wide impact of the work 

produced. Moreover, this work has set the basis for new projects, new improvements and 

new ideas that will be hopefully be developed in the next few years.  
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2.1. Towards a better understanding of microalgae natural flocculation mechanisms to 
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Abstract 

Background: Flotation is believed to be a promising harvesting technique for microalgae that 

takes advantage of cell’s natural low density and self-floating tendency. Assisted flotation 

consists in air or gas transformed into bubbles rising through a solid/liquid suspension. As a 

result, solid particles get attached to gas-liquid interfaces and are carried out and accumulated 

on the surface. Thus this is a fast, cheap and non-damaging technique. However, in the case 

of microalgae, this technique remains challenging because the interaction between the 

bubbles and the cells is repulsive, due to the negative surface charge of cells and bubbles in 

water, and to the low hydrophobicity of the microalgae cells.  

Scope of the review: Among the ways to improve flotation efficiency, flocculating the cells 

prior to flotation is a strategy that has proven efficient. This procedure allows aggregating the 

cells into large flocs so that they can be easily captured by the rising air bubbles.  However in 

order to be able to control these processes we need to identify the flocculation mechanisms. 

In the first part of this review we concentrate on the description of natural flocculation 

mechanisms. Then in the second part, we highlight detailed cases where natural flocculation 

mechanisms are directly induced using natural molecules, and finally we address future 

directions to further improve them.  

Major conclusions: First, natural flocculation in microalgae species represent a sustainable 

and cost-effective alternative to the use of metal salts and other chemical flocculants. Second 

it is important to study in each case the mechanisms of flocculation involved to be able to 

control them and use them at larger scales. Finally, new strategies still need to be developed 

to improve the efficiency of flotation for microalgae harvesting.    

 

 

 

 

 

 



Towards a better understanding of microalgae natural

flocculation mechanisms to enhance flotation harvesting

efficiency

Irem Demir, Alexandre Besson, Pascal Guiraud and

Cécile Formosa-Dague

ABSTRACT

In microalgae harvesting, flocculation is usually a compulsory preliminary step to further separation by

sedimentation or flotation. For some microalgae species, and under certain growth conditions,

flocculation can occur naturally. Natural flocculation presents many advantages as it does not require

the addition of any flocculants to the culture medium and shows high efficiency rate. But because

natural flocculation is so specific to the species and conditions, and thanks to the knowledge

accumulated over the last years on flocculation mechanisms, researchers have developed strategies

to induce this natural harvesting. In this review, we first decipher at the molecular scale the underlying

mechanisms of natural flocculation and illustrate them by selected studies from the literature. Then

we describe the developed strategies to induce natural flocculation that include the use of

biopolymers, chemically modified or not, or involve mixed species cultures. But all these strategies

need the addition of external compounds or microorganism which can present some issues. Thus

alternative directions to completely eliminate the need for an external molecule, through genetic

engineering of microalgae strains, are presented and discussed in the third part of this review.
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INTRODUCTION

Modern life is intimately linked to the availability of fossil

fuels, which continue for the moment to meet the world’s
growing energy needs even though their use drives climate
change (Georgianna & Mayfield ). But because of the

increasing world population and energy demand, there is an
urgent need for renewable sources to produce energy
(Markou & Nerantzis ). In this context, microalgae are

receiving increasing attention worldwide as an alternative
and renewable source of energy because of their eminent oil
producing capacity (Pragya et al. ). But the potential of

microalgae is in fact even greater and they also represent an
important source of biomass and of molecules of interest for
the fields of food, feed or health. Indeed, microalgae are
unique microorganisms which convert light energy, water

and inorganic nutrients into biomass resource rich in value-

added products such as lipids, carbohydrates, proteins and pig-
ments (Pragya et al. ; Minhas et al. ). Moreover,
microalgae have several advantages that make them a poten-

tial new generation of feedstock for the production of biofuel
and molecules of interest. First, microalgae are capable of all
year round production (Brennan & Owende ), and they

grow on aqueous media but need less water than terrestrial
crops (Dismukes et al. ). Also, nutrients for their cultiva-
tion can be found in wastewater, and there is no need at the

moment for herbicide or pesticide applications (Rodolfi et al.
), although this may perhaps change in the future as
microalgae cultures also suffer from parasites or other
unwanted algal species (Huo et al. ). They also have a

rapid growth rate and many species have an oil content in
the range of 50–70% dry weight of biomass. To give an
example, compared to soybean, microalgae can produce up

to 300 times more oil per area unit, considering ideal labora-
tory conditions (Ziolkowska ). Finally, as mentioned
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above, they can also produce valuable co-products such as

metabolites, long-chain polyunsaturated fatty acids and vita-
mins that are used in nutraceuticals industries as food
additives (Minhas et al. ).

While the small-scale production of microalgae to
obtain high value-added molecules is nowadays efficient,
the large-scale production of molecules, substituting fossil
carbon resources, from microalgae faces a number of techni-

cal challenges that have made the current growth and
development of the biofuel industry economically unviable
(Waltz ; Pragya et al. ). These include, among

others, (i) the selection of algal species with specificities
that meet the requirements for both biofuel production
and the extraction of useful co-products (Rodolfi et al.
; Brennan & Owende ; Liao et al. ), (ii) the
inexpensive production of large quantities of microalgae bio-
mass (Chisti ) and (iii) the development of efficient
harvesting methods (Molina Grima et al. ; Pragya

et al. ; Kurniawati et al. ; Coward et al. ;
Ndikubwimana et al. ). While recent progresses notably
in synthetic biology and in culture methods provide sol-

utions for the first two points (Jagadevan et al. ), the
main limitation encountered by industry remains the
harvesting of microalgae (Ndikubwimana et al. ).

Harvesting consists in removing at a minimal cost the micro-
organisms from their aqueous culture medium where their
concentration is low (Lam & Lee ), without destroying

them so as not to lose their production in solution. This cru-
cial step of harvesting and dewatering has been assumed to
account for one third of the entire price of microalgal bio-
mass production in industrial processes (Molina Grima

et al. ). Several methods have been proposed for
microalgae harvesting, including centrifugation, filtration,
flocculation combined with settling or flotation (Garg

et al. ). However, most of these methods are synon-
ymous with high costs and energy consumption, often for
low efficiency rates. For instance, centrifugation, the most

commonly used method for harvesting, consumes a large
amount of energy and can cause damage to the cells because
of high shear forces (Pragya et al. ). Filtration involves

using filtering media or membranes, which, in the case of
microalgae separation, can get clogged because of the
small size of the cells, resulting in high operating costs
(Uduman et al. ). As for flocculation combined with

settling, it seems to be a promising low-cost approach for
large-scale harvesting of a wide variety of microalgae species
(Molina Grima et al. ); however, contamination is a

major issue in this technique, as the chemical flocculants
used to induce flocculation end up in the harvested biomass,

and can interfere with the final application of the biomass

(food or feed) (Vandamme et al. ).
In this context, flotation is believed to be a promising har-

vesting technique that takes advantage of algae’s natural low

density and self-floating tendency (Garg et al. ). Assisted
flotation consists in air or gas being transformed into bubbles
rising through a solid/liquid suspension. As a result, solid par-
ticles get attached to gas–liquid interfaces and are carried out

and accumulate on the surface. Thus flotation allows for low-
cost cell harvesting, without necessarily using flocculants that
could damage them. In addition, it is a relatively rapid oper-

ation that needs little space, has moderate operational costs,
and could thus overcome the bottleneck of feasible microal-
gal biofuel production. However, the problem with this

technique is that the interaction between the bubbles and
the cells is generally repulsive, due to the negative surface
charge of the cells and the bubbles in water (Yang et al.
), and the low hydrophobicity of the algal cells. This

results in the non-interaction of the cells with the bubbles
and thus in a poor efficiency of this harvesting technique.

Among the ways to improve flotation efficiency, flocculat-

ing the cells prior to flotation is a strategy that has proven
efficient. Indeed, this procedure allows aggregating the cells
into large flocs that bubbles produced during the flotation

process cannot avoid. This way, cells are easily removed
from the water. However, in many cases, this flocculation
step is performed using synthetic flocculants which, as pre-

viously stated, can contaminate the harvested biomass but
also the recycled water. Therefore in many cases, natural floc-
culation is a preferred alternative. It is indeed possible under
certain conditions to induce natural formation of algal flocs;

this characteristic was first mentioned by Golueke and
Oswald in 1965 who observed microalgae flocculation in cul-
tures under optimal sunlight and heat conditions (Golueke &

Oswald ). Among natural flocculation mechanisms, so
far two types of mechanism have been identified: autofloccu-
lation, where the flocculation is triggered by a molecule or

precipitate that naturally forms in the culture medium, and
bioflocculation, where a molecule produced by the cells pre-
sent in the culture medium (microalgae but also other types

in the case of co-cultures) is directly responsible for the floc-
culation. But for both auto- and bioflocculation, the
mechanisms of flocculation described are the following: com-
pression of the electric double layer, charge neutralization,

bridging, patch mechanism and sweeping. Depending on sev-
eral parameters such as the microalgae species used, or the
conditions in which they are cultured, one or another mech-

anism takes place. This makes it then an important field of
research to identify and understand these mechanisms for
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all the different species/culturing situations, as being able to

use natural flocculation, combined with flotation in harvest-
ing processes, could be the key to reduce the costs
associated with microalgae. In this review, we will focus on

these natural flocculation mechanisms, and first describe
and illustrate the already known mechanisms. Most studies
on microalgae flocculation, and the ones that will be
described in this first part of the review, propose a mechan-

ism of flocculation. However, these studies should also be
taken with caution as only a few of them also propose exper-
iments or measurements to confirm the flocculation

mechanism described or exclude alternative mechanisms.
Thus in these studies, the mechanisms proposed often
remain hypothetical. Then in a second part, we will detail

cases where natural flocculation mechanisms are induced
directly using natural molecules, and finally we will discuss
what could be the future directions to further improve them.

NATURAL FLOCCULATION MECHANISMS AND KEY
PARAMETERS TO CONTROL THEM

Flocculation consists in the aggregation of destabilized com-
pounds, in our case, microalgae, to form structures of more

important apparent size, called ‘flocs’. In most cases,

flocculation is often integrated into multi-stage harvesting
processes and can for instance be used as a preliminary to
sedimentation, centrifugation, flotation or filtration pro-

cesses. But in all cases, the destabilization of algal
suspensions by flocculation can be the result of one or
more mechanisms, which are compression of the electric
double layer, charge neutralization, bridging, patch mechan-

ism or entrapment in a precipitate, also known as sweeping,
presented in Figure 1. In this first part of the review, we will
describe these mechanisms and, in each case, illustrate them

with examples of microalgae auto- and bioflocculation
where they have been identified.

Decreasing the electrostatic repulsion forces

The first flocculation mechanism described, screening, is
due to the decrease of electrostatic repulsive forces via the
lowering of the surface charge by pH variations, or via the

well-known compression of the electric double layer
(Figure 1(a)). Most microalgae have negatively charged sur-
faces (Molina Grima et al. ) and thus they can attract,

through electrostatic interactions, positively charged ions
available in the surrounding solution. While some of these

Figure 1 | Schematic representation of natural flocculation mechanisms. (a) Compression of the electric double layer, (b) charge neutralization, (c) bridging, (d) patch mechanism, and

(e) sweeping. Reprinted with permission from Pahl et al. (2013), Muylaert et al. (2015) and Blockx et al. (2019).

1011 I. Demir et al. | Natural flocculation mechanisms for microalgae harvesting Water Science & Technology | 82.6 | 2020

Downloaded from http://iwaponline.com/wst/article-pdf/82/6/1009/770990/wst082061009.pdf
by guest
on 11 July 2022



ions adsorb to the surface of the microalgae cells to form a

dense layer, others remain in the solution and form what is
called the diffuse layer. This two layer system is referred to
as the electrical double layer, which is, according to the

DLVO (Derjaguin–Landau–Verwey–Overbeek) theory,
related to the ionic concentration of the solution and to
the surface charge itself, the value of which depends on
the pH. The interface that separates the layer bound to the

cell from the unbound layer is called the shear plane,
where the potential is called the zeta potential. This is
depicted in Figure 1(a). The microalgae zeta potential is

negative over a pH range of 4 to 10 and a point of zero
charge (PZC) is regularly detected depending on the species
for a pH between 3 and 4 (Phoochinda & White ). It is

therefore possible to reduce the electrostatic repulsion
forces and to promote coagulation by imposing a pH close
to the PZC of microalgae. Furthermore, the more the ionic
strength of a solution increases, the more the absolute

value of the zeta potential of the microalgae decreases due
to the compression of the unbound layer (Pahl et al. ).
This decrease leads to a reduction in the electrostatic

repulsion forces, which can lead to the reduction or
disappearance of the energy barrier initially present and
generate the agglomeration of the microalgae thanks to

attractive van Der Waals’ forces which in this case have
become predominant. These two effects have been
described in two studies. In the study by Ndikubwimana

and co-workers, the authors modified the ionic strength of
the culture medium of Desmodesmus sp. by adjusting its
pH. Their results showed that this reduction of the pH
induced a large decrease of the energy barrier and the

further destabilization of the microalgae suspension, which
flocculated with an efficiency of 78.5% (Ndikubwimana
et al. ). In the study by Cui and co-authors, it was

found that increasing the ionic strength of the culture
medium of the microalgae species Nannochloropsis oculata
using a higher concentration of Al3þ ions decreased the

energy barrier of the suspension, which resulted in a
higher flocculation efficiency (Cui et al. ). It must be
noted that these two cases are not auto- or bioflocculation

cases, as the modifications that led to the flocculation did
not naturally occur.

Neutralization of negative surface charges

The second flocculation mechanism is called charge neutral-
ization (Figure 1(b)). This mechanism also takes advantage

of the negative cell surface of microalgae cells; charge neu-
tralization then takes place when these negative charges

are decreased by a positively charged molecule that absorbs

at their surface (Levy et al. ). This charge neutralization
leads to the reduction of the repulsive electrostatic forces
and to the predominance of van der Waals’ attractive

forces, which leads to the flocculation of the microalgae.
In this case, the key parameter ensuring successful floccula-
tion is thus the flocculant concentration, as it is directly
proportional to the surface area that needs to be neutralized

(Muylaert et al. ). In the case where the flocculant con-
centration is too high, the surface charge of the cells may
become positive, which results in the increase of repulsive

electrostatic forces and further stabilization of the suspen-
sion. In a recent work conducted in our team, it has been
shown that the flocculation of Phaeodactylum tricornutum,

a marine diatom, induced by an increase of pH in marine
water, was the result of the precipitation of magnesium
ions into magnesium hydroxide presenting a positively
charged surface and thus flocculating the cells through a

charge neutralization mechanism (Formosa-Dague et al.
). Using atomic force microscopy, it was then possible
to also show the ability of the P. tricornutum cell wall to

absorb magnesium hydroxide particles that formed a partial
capsule around the cells, thus neutralizing their surface
negative charges and destabilizing the suspension. In the

case of this particular study, the pH was artificially
increased for the flocculation experiments to mimic the
natural pH increase over the course of the culture in

P. tricornutum species. Indeed, a previous study conducted
on P. tricornutum showed that the photosynthetic activity
of this species could increase the pH of the culture
medium up to 10.8 after discontinuing the CO2 supply,

and that at this pH, the cells were able to autoflocculate
(Spilling et al. ). Although in this study, the flocculation
mechanism is not described, it is most likely that it is also

charge neutralization as described with the same species
in Formosa-Dague et al. ().

Bridging the cells

A third flocculation mechanism is called bridging

(Figure 1(c)). In the bridging mechanism, positively charged
polymers interact with cells through electrostatic inter-
actions and absorb at their surface. At low and
intermediate concentrations, the polymers can then adsorb

onto other cells if the extension of the polymer from the
cell surface exceeds the distance over which the cell–cell
repulsion is active, thus bridging the two. In this case the

efficiency of this mechanism relies on different parameters:
(i) the polymer concentration: if a higher dose is used the
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cells may become completely positive, which will restabilize

the suspension, or the extension of the polymer in the sol-
ution may create a steric effect preventing flocculation, (ii)
its length: the polymer chains should be long enough to

extend from one cell to another (Pal et al. ), although
it must be taken into account that the actual size of a poly-
mer molecule in solution is smaller than its maximum
length, and depends on the concentration and the chemical

conditions of the solution, (iii) its molecular weight: it is
reasonable to think that length and molecular weight are
directly linked (to our knowledge independent study of

these two parameters has never been performed), but it
has been shown that high molecular weight polymers are
more efficient (Muylaert et al. ), (iv) its charge: again it

has been shown that low-charged polymers are more effi-
cient, and (v) the ionic strength of the culture medium: for
instance bridging by non-ionic polymers can occur only
when the adsorbed layer thickness is more than two times

greater than the thickness of the electrical double layer
(Bolto & Gregory ). While for microalgae, the bridging
mechanism is mostly associated with cationic polymers

interacting with the cells through electrostatic interactions,
polymer adsorption onto surfaces can also take place
through hydrogen bonding or through ion binding in certain

conditions (Bolto & Gregory ). A good example of the
bridging mechanism can be found in Vergnes et al. ().
In this study, the authors optimized culturing conditions in

which Arthrospira platensis cells produced exopolysacchar-
ides (EPS). Using further atomic force microscopy imaging
experiments, the authors could show that these EPS
formed in a culture medium a soft and adhesive gel bridging

the cells together and thus bioflocculating them. Another
interesting example of bridging flocculation taking place
during bioflocculation can be found in Lananan et al.
(). Here the authors show that Ankistrodesmus sp.
cells could act as a cationic flocculant bridging together
cells from Chlorella vulgaris species. Indeed, the authors

showed that Ankistrodesmus sp. had a positive zeta poten-
tial, thus allowing it to interact electrostatically with the
negative cell surface of C. vulgaris at a pH between 6.10

and 7.10. Moreover, Ankistrodesmus sp., having an
elongated shape, is able to extend from one cell to the
other, and thus bridge C. vulgaris cells together.

Patch flocculation

The fourth flocculation mechanism that has been described

is known as the patch mechanism (Figure 1(d)). This mech-
anism involves positively charged small polymers that

adsorb at the surface of a negatively charged cell and

create an irregular charge distribution at its surface, i.e. posi-
tive ‘patches’ or ‘islands’ between regions of uncoated,
negatively charged surface. These positive patches can

then interact with other negatively charged areas at the sur-
face of other cells and connect them together. In this case
the key parameters that will ensure successful flocculation
are the length of the polymers, as only short polymers can

form patches at the surface of the cells, and their charge,
as highly charged polymers have been shown to be more
efficient (Bolto & Gregory ; Muylaert et al. ). In a

study by Salim et al. (), the authors identified patch
mechanism as being a possible mechanism at play in a
case of autoflocculation of the microalgae species Echino-
cactus texensis. Using scanning electronic microscopy
(SEM) imaging, they could show that E. texensis cells had
attached to their cell surface short EPS patches composed
mainly of glycoproteins responsible for their autoflocculat-

ing behavior. Although in this study, the zeta potential
measured for E. texensis cells was globally negative, it is
not excluded that these EPS patches feature positive charges

thus allowing a patch mechanism.

Sweeping flocculation

Finally, the last flocculation mechanism that we will detail
here is the sweeping mechanism (Figure 1(e)). Sweeping

flocculation can be described as the mechanical trapping
of microalgae in the massive structure of an inorganic
precipitate, resulting in their flocculation. The sweeping
mechanism is often described as the result of a pH increase

in the culture medium that triggers this massive precipi-
tation; however, it should be attributed more exactly to the
increase of hydroxide ions OH� involved in the precipi-

tation. Although this pH increase can naturally occur in
microalgae cultures, as far as we know, very few examples
of naturally generated sweeping flocculation have been

reported (Sukenik & Shelef ). Natural pH variation is
usually not sufficient to induce precipitation for many
microalgae species, and, when flocculation is observed,

often the pH was artificially increased by the addition of a
base. In a first example, Besson and co-authors showed
that in cultures of the hypersaline microalgae Dunaliella
salina, the only possibility to induce flocculation was to

increase the pH by addition of NaOH directly into the cul-
ture medium. The authors then showed that this increase
in the pH caused the precipitation of Mg ions present in

the culture medium into magnesium hydroxide, thus sweep-
ing the cells and precipitating them (Besson & Guiraud
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). Although magnesium hydroxide is positively charged

and could also flocculate the cells through charge neutraliz-
ation, this mechanism was excluded in a further work that
showed using atomic force microscopy that magnesium

hydroxide particles were not interacting with the surface
of the cells (Besson et al. ). However, the important par-
ameter identified to ensure the flocculation efficiency was
the mixing of NaOH in the culture medium, because to

achieve a high flocculation efficiency, the precipitate must
be able to reach the entire volume of the suspension to
entrap all the cells present. In a second example provided

by Vandamme et al. (), the pH was increased in the cul-
ture medium of the diatom P. tricornutum, which resulted in
the precipitation of both magnesium hydroxide and calcium

hydroxide. Based on zeta potential analysis, the authors
could conclude that while magnesium hydroxide could floc-
culate the cells through a charge neutralization mechanism,
in the case of calcium hydroxide, the sweeping mechanism

was involved. Indeed, in a culture medium lacking Mg2þ

ions, the surface charge of the cells was not reversed to posi-
tive values at high pH, indicating that there is no adsorption

of the calcium hydroxide to cells, thus excluding the charge
neutralization mechanism.

Scaling-up natural flocculation for microalgae
harvesting?

In natural flocculation, one or several of these flocculation
mechanisms can be involved. However, as illustrated by
the examples given in each case, these mechanisms are
very specific to the microalgae species used and the culture

conditions chosen. Indeed, for example, at high pH,
magnesium hydroxide will flocculate P. tricornutum
cells trough charge neutralization, while in the case of

D. salina, the flocculation will occur through the sweeping
mechanism. It is therefore important in each case to identify
these mechanisms, in order to be able to control them and

use them in larger-scale processes. For instance, to our
knowledge, harvesting using natural flocculation in large-
scale assays has never been reported. The only case where

an attempt was made was in the study by Besson and co-
workers, where flocculation of D. salina by sweeping was
achieved in a 600 L/h continuous flocculation/flotation
pilot (Besson et al. ). However, in this case, the term

natural flocculation cannot be used as the pH was articfially
increased in the culture medium by NaOH addition. Indeed,
as it is important to understand natural flocculation mechan-

isms to control them, it also provides the possibility to
induce them artificially, by adding ions to induce

flocculation or by adjusting the ionic strength of a culture

medium, as in the examples described previously, or using
biomolecules to retain the sustainability aspect that is pur-
sued in natural flocculation.

INDUCING NATURAL FLOCCULATION
MECHANISMS WITH BIO-SOURCED FLOCCULANTS

As stated in the previous part of this review, natural mechan-
isms are difficult to implement, even at lab scales because of
their specificity to each culturing situation. However, the
extensive number of studies that have been dedicated to

understanding these mechanisms over the last few years
have allowed the research community to gain insights into
these mechanisms and especially into the key parameters

affecting their efficiencies. This paved the way towards
new strategies where researchers started to induce these
natural flocculation mechanisms, by adding biopolymers

either directly extracted from other organisms, like natural
polysaccharides, or modified by various means to control
the functional chemical groups they present. The different

bioflocculation mechanisms identified also inspired the use
of mixed cultures, where one microorganism species directly
flocculates the microalgae species or produces a polymer
that will flocculate it. Another strategy to induce natural

flocculation is to artificially increase the pH; however, this
point has already been mentioned previously and described
by Besson &Guiraud (), and will not be more detailed in

this second part. The different strategies to induce natural
flocculation mechanisms will be described in this second
part; their advantages and drawbacks will also be discussed.

Flocculation by addition of biopolymers

Selected studies illustrating well the use of biopolymers to
induce natural flocculation are compiled in Table 1. The

most popular biopolymer used for microalgae flocculation
is chitosan. Chitosan is a cationic polyelectrolyte obtained
by deacetylation of chitin, and after cellulose, it is the

second most abundant natural polymer in the world. More-
over, chitosan presents many advantages as it is non-toxic,
biodegradable, biocompatible and renewable, in contrast
to traditional inorganic flocculants (Renault et al. ).

Finally, chitosan does not contaminate the harvested bio-
mass as chitin-like polysaccharides are naturally present in
the cell wall of many microalgae species, and thus the pro-

ducts extracted from the cells can then be directly used
(Ahmad et al. ). So far chitosan has been successfully
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used to harvest different microalgae species, both marine
and fresh-water. For example in 2013, Xu and colleagues

flocculated the fresh-water species Chlorella sorokiniana
using an optimum dosage of chitosan with an efficiency of
99% at a pH of 6 (Xu et al. ). The pH is indeed important
to control in the case of chitosan as its efficiency as a floccu-

lant relies on the amine groups that it presents. These amino
groups have a pKa value of about 6.5 (Ritthidej ), and
thus below this pH value these groups will be protonated

thus conferring a positive charge to chitosan, which allows
its interaction with the negatively charged surface of micro-
algae cells (Bilanovic et al. ). Indeed, in the case of

C. sorokiniana, the flocculation mechanism described is a
combination of charge neutralization and patch mechan-
isms. While the bridging mechanism is often associated

with chitosan, in this case the authors state that chitosan
polymers are much smaller than the cells, thus excluding
bridging (Xu et al. ). However, while chitosan is
widely reported as being efficient to flocculate fresh-water

microalgae species, this is not necessarily the case for
marine species. Indeed, in marine water that presents high
ionic strengths, it is believed that the positive charges of chit-

osan are screened, thus preventing the polymer to interact
with the cells and further flocculate them (Bilanovic et al.

). However, it must be noted that studies have reported
the successful use of other cationic polymers for flocculation

of marine species (’t Lam et al. ); thus there might be
other parameters perhaps influencing the efficiency of chit-
osan in particular. In view of this, Blockx and co-authors
recently investigated the conditions under which chitosan

can be used as a flocculant for marine species (Blockx
et al. ). The results the authors obtained on N. oculata
showed that in opposition to fresh-water conditions, low

pH did not trigger flocculation, while a high pH (between
7.5 and 10) was efficient. This clearly indicates that chito-
san-induced flocculation in marine species occurs through

another mechanism than charge neutralization or patch
mechanisms, as at high pH, no or very few charges are
present on the chitosan polymer. But when chitosan is

uncharged, its solubility decreases, which triggers its precipi-
tation. The authors thus suggest that in the case of
N. oculata, chitosan flocculates the cells through a sweeping
mechanisms, which can only be achieved at high pH

(Blockx et al. ). Thus the particular case of chitosan
also illustrates well the fact that a flocculation mechanism
identified in one condition cannot be extrapolated to other

conditions and species, as these mechanisms are specific
to the species and conditions used.

Table 1 | Natural flocculation mechanisms induced by addition of biopolymers

Microalgae species Biopolymer used Flocculation mechanism
Harvesting
efficiency Reference

Chlorella sorokiniana 10 mg chitosan/g of algal dry weight Charge neutralizationþ Patch 99% Xu et al. ()

Chlorella vulgaris 10 mg/L chitosan BridgingþCharge
neutralization

96% Blockx et al. ()

Nannochloropsis oculata Up to 200 mg/L chitosan Sweeping 90% Blockx et al. ()

C. vulgaris 30 mg/L poly (ϒ-glutamic acid) BridgingþCharge
neutralization

91% Zheng et al. ()

Chlorella protothecoides 30 mg/L poly (ϒ-glutamic acid) BridgingþCharge
neutralization

98% Zheng et al. ()

Chlorella sp. 40 ppm cationic guar gum Bridging 94.5% Banerjee et al.
()

Chlamydomonas sp. 100 ppm cationic guar gum Bridging 92.2% Banerjee et al.
()

Chlorella sp. 35 mg/L cationic cassia Bridgingþ Patch 92% Banerjee et al.
()

Chlamydomonas sp. 80 mg/L cationic cassia Bridgingþ Patch 93% Banerjee et al.
()

Scenedesmus dimorphus 10 mg/L cationic starch Bridgingþ Patch 95% Hansel et al. ()

S. dimorphus 100 mg/L cationic starch Bridgingþ Patch 70% Hansel et al. ()

C. vulgaris Up to 200 mg/L cationic cellulose
nanocrystals

Patch 95% Blockx et al. ()
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But chitosan is not the only biopolymer that can be used

to induce natural flocculation in microalgae. For instance,
Zheng et al. () have reported the use of poly (ϒ-glutamic
acid) (ϒ-PGA) to flocculate fresh-water species. ϒ-PGA is a

polymer of the amino acid glutamic acid produced by the
bacterial species Bacillus subtilis. The authors showed that
using this natural polymer, they could flocculate C. vulgaris
and Chlorella protothecoides with efficiencies of respectively

91 and 98%. Using zeta potential measurements, they
demonstrated that ϒ-PGA could increase the potential of
the microalgae cells, thus indicating that it could interact

with them through a charge neutralization mechanism.
Moreover, SEM imaging also revealed that this mechanism
was combined with a bridging mechanism, as microalgae

cells were interlaced with ϒ-PGA directly within the flocs.
In 2013 Banerjee and co-workers showed that guar gum, a
natural polysaccharide extracted from plants and chemically
cationized, was an efficient flocculant for both Chlorella and

Chlamydomonas sp. cells. Indeed, flocculation efficiencies
reached respectively 94.5 and 92.2%, and further imaging
experiments confirmed that this flocculation was achieved

through a bridging mechanism (Banerjee et al. ). In
2014, the same group also investigated the efficiency of
another biopolymer extracted from plants, cassia, a polysac-

charide that the authors also chemically cationized using a
similar strategy as for guar gum. Their results showed that
this biopolymer also was efficient at flocculating cells from

the same species, through a bridging mechanism as well
(Banerjee et al. ). In 2014, Hansel and colleagues used
starch, a naturally-occurring biodegradable polysaccharide,
that they modified by etherification to present positive

charges, and directly used as a flocculant to harvest Scene-
desmus dimorphus cells (Hansel et al. ). In this study,
the authors found that this polymer could adsorb at the sur-

face of several cells, thus bridging them together. The patch
mechanism was also found to be at play as the adsorption
of the polymer to the cell surface created localized areas of

positive charges, which consequently attracted neighboring
oppositely charged cells. However, it must be noted that in
these three last studies, the cationic moiety used to modify

guar gum, cassia and starch, CHPTAC ((2-chloro-2-hydroxy-
propyl)trimethylammonium chloride), presents some safety
issues and may not be adapted for all applications. As a
last example, in a recent study conducted by Blockx and

co-workers, the authors created cellulose nanocrystals
(CNCs) by acid hydrolysis of the amorphous region of cellu-
lose, the most abundant natural polymer on earth. They then

linked cationic pyridinium- and methylimidazolium-based
grafts (for which the potential toxicity under this form has

not yet been evaluated) to these CNCs to induce the floccu-

lation of C. vulgaris. Their results showed that cationic CNCs
could be used as an efficient flocculant and that, in this case,
bridging was not involved, which otherwise is often the case

with biopolymers. Indeed, CNCs present a rigid backbone
that prevent them from coiling and bending to bridge cells
together, and carry charges on both sides, which thus led
the authors to suggest that the flocculation mechanism in

this case was the patch mechanism (Blockx et al. ).

Flocculation by other microorganisms

But while in all these different examples described so far, the
idea is to add a biopolymer, chemically modified or not

to flocculate the cells, another strategy to induce natural
flocculation in microalgae is to mix them with other
microorganisms that will directly flocculate them. In view

of this, several works have been performed involving mixed
cultures of different microalgae species, or mixed cultures
of microalgae with bacterial species or with fungal species.
A selection of these studies are reported in Table 2. A first

possibility is to mix microalgae cells with a different microor-
ganism, a fungal species or a bacterial species. Flocculation
mechanisms of the algal-bacterial and algal-fungal cultures

are represented in Figure 2(a) and 2(b), respectively.
Microbial flocculation was first suggested as a harvesting
technique for microalgae as early as 1996 (Benemann &

Oswald ). In most cases, the flocculation mechanism
relies on the production of extracellular polymers by the bac-
teria or fungi, which directly flocculate the cells usually
through the bridging mechanism. Then two possibilities

exist; in the first one, the microorganisms are cultured separ-
ately, the bacterial/fungal species produce the bioflocculant
over the culture and are then mixed with the microalgae

cells to proceed to the flocculation. This is for example the
case in a study by Oh et al. (), where bacterial cells
from the strain Paenibacillus sp. AM49 were cultivated to

produce a bioflocculant efficient at harvesting several species
of green microalgae. Wan and co-workers also implemented
this strategy in 2013 to produce a bioflocculant using the

bacterial strain Solibacillus silvetris W01. To flocculate
the marine microalgae species Nannochloropsis oceanica,
the authors then mixed the supernatant of the bacterial cul-
ture directly with the microalgae culture and could obtain a

flocculation efficiency of 90% (Wan et al. ). In both
cases, there is no detailed information given on the mechan-
ism of flocculation, as the focus of these studies was to

identify and use bacteria-produced bioflocculants. Moreover,
while we chose to mention these two cases as mixed cultures
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Table 2 | Natural flocculation mechanisms induced by other microorganisms

Microalgae species
Micro-
organism Species Flocculation mechanism Efficiency Reference

Chlorella vulgaris Bacteria Paenibacillus sp. Extracellular secreted bioflocculant 93% Oh et al. ()

Nannochloropsis
oceanica

Bacteria Solibacillus silvestris Extracellularly secreted flocculant 90% Wan et al. ()

Scenedesmus
obliquus

Bacteria Solibacillus silvestris Extracellular secreted bioflocculant 77% Wan et al. ()

C. vulgaris Bacteria Solibacillus silvestris Extracellular secreted bioflocculant 51% Wan et al. ()

Pleurochrysis
carterae

Bacteria Tap water bacterial
inoculum

Increase in floc size 90% Lee et al. ()

C. vulgaris Fungus Aspergillus niger Fungal pelletization 98.1% Zhang & Hu ()

C. vulgaris Fungus Aspergillus sp. Fungal pelletization 89.8% Zhou et al. ()

C. vulgaris Fungus Cunninghamella echinulata Fungal pelletization 99% Xie et al. ()

C. vulgaris Fungus Aspergillus oryzae Fungal pelletization 100% Zhou et al. ()

Chlorella sp. Fungus Pleurotus ostreatus Fungal pelletization 64.8% Luo et al. ()

C. vulgaris Microalgae Afrocarpus falcatus Bridging 22% Salim et al. ()

C. vulgaris Microalgae Scenedesmus obliquus Patch 32% Salim et al. ()

Neochloris
oleoabundans

Microalgae Tetraselmis suecica Patch 72% Salim et al. ()

Chlorella sp. Microalgae Ankistrodesmus sp. Bridging 82% Lananan et al.
()

Chlorella sp. Microalgae T. suecica Bridging (EPS) 67.3% Kawaroe et al.
()

Nannochloropsis sp. Microalgae T. suecica Bridging (EPS) 42.4% Kawaroe et al.
()

Figure 2 | Mixed species cultures mechanisms. Proposed mechanism of (a) microalgae–bacteria mixed cultures, (b) microalgae–fungi mixed cultures and (c) microalgae–microalgae mixed

cultures. Reprinted and adapted with permission from Alam et al. (2016).
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cases, one can argue that the fact that the microorganisms are

not cultured together in the same broth, but separately, quali-
fies them more appropriately as classic bioflocculation cases.

Thus the second possibility consists in growing the differ-

ent microorganisms in symbiosis, so that the microbial
species directly flocculate microalgae cells in situ. For
instance Lee and co-workers, in 2009, used directly tap
water containing microbes: some heterotrophic bacteria pre-

sent in the water, which therefore did not have the same
nutritional requirements as microalgae cells, produced EPS
under nutrient deficient conditions allowing the flocculation

of the microalgae species Pleurochrysis carterae (Lee et al.
). Moreover, Lee et al. () showed that in non-axenic
cultures of C. vulgaris, the use of flocculants (CaCl2, FeCl3)

or pH variations resulted in high flocculation efficiencies
while it was not the case in axenic cultures of C. vulgaris.
These results thus highlighted the important role of microal-
gae-associated bacterial species, three identified in this

study, on the flocculation behavior of the microalgae cells.
The suggested mechanism underlying this positive effect
was that these bacterial cells and the extracellular substances

they produce increased the microalgae floc size, which
allowed them to be separated from the water by settling
(Lee et al. ). Other studies have explored the potential

of mixed cultures with filamentous fungi. In liquid cultures,
filamentous fungi can either grow in filamentous form, featur-
ing homogeneously dispersed hyphae or filaments, or in

spherical pellets consisting of compact aggregated hyphal
structures (Veiter et al. ). In some specific cases, these fila-
mentous fugal strains can entrap microalgal cells and form
fungi–algae pellets, thus allowing efficient algae harvesting.

This technique has notably been proven efficient to harvest
different microalgae species in several cases (Zhang & Hu
; Zhou et al. , ; Xie et al. ; Luo et al. ).
While the mechanism at the origin of the interaction between
the fungus and the microalgae cells may be related to several
possible reasons, one of these reasons may be related to sur-

face charge. Indeed, for example in the case of co-cultures
of the fungus Aspergillus flavus and C. vulgaris, it has been
shown that fungal cells have a positive zeta potential, thus

allowing their electrostatic interactions with negatively
charged C. vulgaris cells (Zhang & Hu ). Although it is
worth mentioning these examples of mixed cultures to
induce flocculation of microalgae, as they represent valuable

strategies to harvest cells without the addition of any
flocculants or modified biopolymers, it is clear that the mech-
anisms of flocculation in these cases are very specific, and

expand out of the ‘classic’ flocculation mechanisms that
were described in the first part of this review.

Finally another possibility is to mix different microalgae

species together, so that one will act as a flocculant for the
other. This type of mixed cultures presents important advan-
tages compared to mixing them with bacteria or fungi: it

does not require different cultivation conditions, which
reduces costs, and it prevents contaminations. Another
advantage in this case is that both microalgae species can
produce the molecule of interest in the process; thus all

the biomass can then be used for downstream processes
(Salim et al. ). Flocculation mechanisms of algal-algal
culture are represented in Figure 2(c). An example of micro-

algae mixed cultures is presented in the study by Lananan
and colleagues, already described earlier in this review,
where Ankistrodesmus sp. cells, positively charged at pHs

between 6.10 and 7.10, could flocculate negatively charged
C. vulgaris cells through the bridging mechanism (Lananan
et al. ). In another study performed by Kawaroe and co-
workers, the marine species Tetraselmis suecica was directly

used as a flocculant to harvest cells from the species Chlor-
ella sp. and Nannochloropsis sp. To do so, the authors
mixed T. suecica with the two other species, separately, at

different ratio, and obtained after only 1 hour harvesting
rates of 67.3% for Chlorella sp. and of 42.4% for Nanno-
chloropsis sp. In both cases, the addition of the flocculant

species in larger volume increased the flocculation effi-
ciency. Concerning the flocculation efficiency, the fact that
the two species are in competition for the nutrients as the

culture goes on induces a stress on the cells, which in the
case of T. suecica triggers the production of exopolysacchar-
ides. These EPS are then responsible for bridging the cells
together and flocculating them (Kawaroe et al. ).

Other examples of successful mixed microalgae cultures
can also be found in Salim et al. (), where different
flocculation mechanisms are described depending on the

flocculating microalgae species: bridging in the case where
long EPS are partly bound to the producing cells, and
patch mechanism if these EPS are short and bind comple-

tely to the producing cells, therefore creating positive
patches at their surface (Salim et al. ).

Induced natural flocculation but not always so
natural…

It is thus possible to artificially induce natural flocculation

mechanisms in microalgae using biopolymers or mixed
species cultures. As far as we know, the only biopolymer
that has been successfully used to flocculate microalgae

cells is chitosan, although its use should be adapted
depending on the microalgae species used. Most of the
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biopolymer-based strategies involve chemically modifying

the natural molecules. First this involves additional costs,
but also such strategies can be questionable from the toxicity
point of view. So far in the examples described here no

evaluation of the toxicity of the molecules was performed;
thus there is for the moment no information as to whether
these modified biopolymers represent a risk of biomass con-
tamination or not. This is also a problem when using mixed

cultures with different microorganisms, as fungi and bac-
teria also contaminate the biomass. In view of this, the
ideal situation would be to be able to induce natural floccu-

lation in microalgae species without having to add any
molecules or microorganisms, but by acting directly on the
microalgae itself to make it able to flocculate.

ALTERNATIVE DIRECTIONS IN NATURAL
FLOCCULATION

In this idea of not to contaminate the biomass by any added
molecule, an interesting strategy would be to genetically

engineer the microalgae species so that they could flocculate
without any modification of their culture medium. Genetic
engineering consists in modifying the genome of the cells

so that they express the desired molecules, or are able to
use certain molecules present in the medium. While genetic
engineering is widely used for bacteria, yeasts and plants

(Barton & Brill ; Dequin ; Riglar & Silver ),
its development for microalgae still remains confined. For
the moment, the efforts regarding microalgae have mostly
concentrated on increasing or modifying lipids or other

energy storage molecules for biofuels applications (Dunahay
et al. ). However, such strategies can also be used to
engineer microalgae strains to enhance their flocculation

capabilities, and this is what we will describe in the third
part of this review. It is possible to think that such strategies
could be the future directions to take in flocculation,

although the use of genetically modified organisms is
always controversial, and could not for instance take place
in certain applications such as wastewater treatment. How-

ever, in closed photobioreactors, with no release in the
environment, using genetically modified microalgae could
be a possibility.

In addition to being a barrier against the environment,

the algal cell wall is also an obstacle against engineering
processes. Moreover, genetic manipulation of microalgae
presents several other challenges, which are (i) the lack of

suitable promoters and other regulatory sequences, (ii) the
low efficiency and instability of transgene expression,

(iii) the fact that microalgae are a highly heterogeneous

group of microorganisms and thus procedures have to be
adapted in each case, (iv) the insufficient genetic data avail-
ability and (v) the lack of a standard toolbox for genetic

engineering manipulations (León & Fernández ;
Daboussi et al. ). While we will not go over the details
of molecular biology strategies that are used to modify micro-
algae genomes as it is not the scope of the review, we will

give and discuss examples where genetically modified micro-
algae species have been successfully used in flocculation
processes. In a first example, Scholz and colleagues have

tested the capacity of a mutant strain of Chlamydomonas
reinhardtii, cw15, produced by Davies and Plaskitt in 1971
(Davies & Plaskitt ), to flocculate in the presence of the

flocculant CaCl2, in nitrogen-deprived conditions. The speci-
ficity of this mutant is that it lacks a cell wall and flagella, and
thus has no mobility. The results obtained showed that the
flocculation efficiency of this mutant strain was 83% whereas

for the wild-type strain (with no genetic mutations), it was
only 24% (Scholz et al. ). In the discussion the authors
mention that other authors obtained similar results with

another microalgae species having a cell wall (Sukenik
et al. ); thus they suggest that the flocculation in this
case may be due to the lack of flagella, which prevents

them from moving and thus makes them more susceptible
to the flocculant used. A further study by Fan et al. ()
also used mutant cells of C. reinhardtii, deficient in a cell

wall and flagella, but for the production of starch, and
could also observe differences in the flocculation compared
to wild-type strains, depending on the flocculant used,
which they suggest can be attributed to the mutations.

These examples are a good illustration that using microalgae
strains where a simple genetic mutation is introduced can be
a promising strategy to enhance the efficiency of flocculation

and further flotation. But in this case, still a flocculant added
to the culture medium is needed to achieve efficient floccula-
tion, though it is also possible to engineer microalgae strains

that self-flocculate with no addition of flocculant.
A first possibility to reach this goal has been presented

by Diaz-Santos et al. (). In this study, the authors devel-

oped a strategy to express a gene from the yeast species
Saccharomyces bayanus responsible for the flocculation,
called SbFLO5. Flocculation in yeast is also a subject that
has been extensively studied. In yeasts, a family of genes

called FLO encodes specific cell surface glycoproteins,
known as flocculins, which are responsible for the natural
flocculating behavior of yeast cells (Stratford ). The

mechanism by which they bind to other cells is thought to
be by interacting with specific carbohydrate residues present
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at the surface of adjacent cells (Miki et al. ). Later,

Goossens and co-workers, among others, specified this
mechanism by showing that one of these flocculins, Flo1p,
could bind to the mannose residues present at the surface

of yeast cells, thanks to two mannose carbohydrate binding
sites present in the N-terminal region of the protein (Goos-
sens et al. ). In a previous study in 2015, Díaz-Santos
and colleagues used S. bayanus to produce these flocculins.

The authors then extracted them from the supernatant of the
yeast cultures and used them directly as flocculants in
C. reinhardtii and in Picochlorum sp. cultures. Figure 3

shows the difference in the flocculation of Picochlorum sp.
cells before and after addition of the flocculins isolated
from fermentative cultures of S. bayanus. Their results

showed that they could reach a recovery efficiency of 95%
in the case of C. reinhardtii and of 75% in the case of Pico-
chlorum sp., thus indicating that flocculins from yeasts are
also able to bind to glycosidic residues present at the surface

of microalgae cells, with a higher specificity in the case of
C. reinhardtii (Díaz-Santos et al. ). It is after this study
that the authors then suggested that the expression of

FLO genes from S. bayanus to create self-flocculating
C. reinhardtii transformants could be a promising method
to enhance flocculation efficiency. After inserting the

FLO5 gene from S. bayanus into C. reinhardtii, they could
show that these engineered mutant cells that express FLO

genes exhibited better self-flocculation, resulting in floccula-

tion performance up to 3.5-fold higher compared to wild-
type (Díaz-Santos et al. ). This study thus proves that
self-flocculation phenotypes can be generated in microalgae

through genetic engineering methods like insertion of the
gene that is responsible for adhesive protein production.
Then a second possibility to engineer self-flocculated micro-
algae strains is through the direct analysis of the microalgae

genes using DNA sequencing technologies to identify floccu-
lation genes and over-express them or transfer them from a
strain to another. It has been reported that several microal-

gae species, such as C. vulgaris, Ankistrodesmus falcatus,
Scenedesmus obliquus and T. suecica, have a higher ten-
dency towards natural flocculation (Salim et al. , ;
Zhang et al. ). Such species could thus represent good
candidates for DNA sequencing studies aiming at identify-
ing which genes are responsible for their self-flocculating
behavior. While over-expression or duplication of flocculat-

ing genes has not yet been performed, genetic studies have
already been realized on microalgae. For instance, Blanc
and co-workers sequenced the green alga Coccomyxa subel-
lipsoidea C-169 genome, which was the first eukaryotic
microorganism from a polar environment to have its
genome sequenced. This study was conducted to analyze

the mechanism of adaptation of life of this species to
extreme polar environmental conditions. Their results

Figure 3 | Example of S. bayanus Flo protein induced flocculation. Microscopic analysis of Picochlorum sp. HM1 cells before (a) and after (b) addition of proteins isolated from fermentative

cultures of Saccharomyces bayanus var. uvarum. Reprinted with permission from Díaz-Santos et al. (2015).
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showed that this microalgae species had more enzymes

engaged in the biosynthesis and lipid modification than
other sequenced microalgae species. This thus implies that
C. subellipsoidea has adapted to extreme cold conditions

by making its lipid metabolism more versatile, enabling it
to synthesize a wide range of cell membrane components
(Blanc et al. ). However, this microalgae species is not
the only species that has been sequenced. Another example

is Dunaliella tertiolecta, whose genome has been sequenced
to classify existing genes for enzyme encoding. This way cor-
responding lipid and starch pathways were reconstructed in

order to increase the biofuel production of these species.
Such results show the potential of using transcriptomic
data from next-generation sequencing to identify pathways

of interest and potential targets for microalgae metabolic
engineering. These findings can for example be used to
genetically engineer D. tertiolecta and this way maximize
the production of commercial microalgae-based biofuels

(Rismani-Yazdi et al. ). These examples demonstrate
that after DNA sequencing analysis, it is possible to detect
the genes that are responsible for a specific phenotype.

Thus using this strategy, it could be possible to identify
genes responsible for the flocculation in the case of harvest-
ing studies.

CONCLUSIONS

While microalgae harvesting represents for the moment an
economic burden slowing down the development of indus-
trial processes to produce molecules of interest, such as

biofuels, from microalgae, harvesting techniques, such as
flotation, could represent a promising alternative. But flo-
tation, at the moment, and in the specific case of

microalgae, needs a flocculation step. Microalgae floccula-
tion can be performed using chemical flocculants that in
the end contaminate the harvested biomass and can inter-

fere with downstream processes. This is why the scientific
community has focused over the last few years on natural
flocculation. From this review several important facts

about natural flocculation can be identified. First, natural
flocculation in microalgae species represents a sustainable
and cost-effective alternative to the use of metal salts and
other chemical flocculants. However, while the general

mechanisms of flocculation (compression of the double elec-
tric layer, charge neutralization, bridging, patch mechanisms
and sweeping) are well-known and described, their role in

microalgae natural flocculation is specific to the microalgae
species considered and to the culture conditions. Thus it is

important for each case to specifically study the mechanism

underlying the observed flocculation to be able to control it
and to further implement it in large-scale applications. Yet,
the quite important numbers of studies produced on the

subject have allowed researchers to develop strategies to
artificially induce these mechanisms in microalgae, through
the use of biopolymers, chemically modified or not, or
through the use of mixed cultures. However, still these

alternatives present some issues, as both chemically modi-
fied biopolymers and added microorganisms can be
associated with biomass contamination problems. Thus

new strategies need to be developed, and in this context gen-
etic engineering can be an interesting one as it would allow
creation of self-flocculating microalgae species that would

require no added flocculant. And perhaps it could also be
possible to simply eliminate this flocculation step, for
instance in the flotation process. In view of this, an original
idea is to directly functionalize the bubbles used in flotation

with surfactants that would promote their adhesion to
microalgae cells, with no flocculation step needed. Studies
have been published on this topic, where positively charged

bubbles were successfully used to harvest microalgae by flo-
tation (Hanumanth Rao et al. ), thus demonstrating the
feasibility of such an idea.
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Abstract 

Background: Atomic Force Microscopy (AFM) has been extensively used these recent years to 

study biological samples in living conditions. Researchers take advantages of its nanoscale 

resolution imaging capacities and ability to record piconewton scale forces to gain insights 

into the topography, nanomechanical properties and molecular interactions of cells with their 

surroundings. 

Scope of the review: Microalgae are unique microorganisms able to convert light, water and 

inorganic nutrients into a biomass rich in value-added products such as proteins, 

polysaccharides, or lipids. For this reason, they have attracted a great interest from a 

biotechnological point of view. Although AFM has shown to be a powerful tool for 

microbiology research throughout the years, its application to microalgae research is still 

limited. First in this review, we go through the basics of AFM and the various ways it may be 

used to characterize cells. The use of AFM in understanding the effects of environmental 

variables and external stress on microalgae cells is described in the second section. Finally, we 

illustrate how AFM may be used to investigate how microalgae interact with their 

environment, and how such fundamental research can be used to improve microalgae 

production systems. 

Major conclusions: These bibliography work shows the potential of this technology in 

answering fundamental questions about the interfaces of microalgae cells, the impact of 

environmental or stress conditions on their nanoscale features, and microalgae interacting 

characteristic with their environment. To fully exploit the potential of microalgae at industrial 

scales, as well as create and optimize the various steps involved in production systems such 

as production, harvesting or extraction, such fundamental knowledge must be acquired.
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Atomic force microscopy (AFM) has now become a major technology to study single cells in living conditions. It 
provides nanoscale resolution imaging capacities and is a sensitive force machine able to record piconewton- 
scale forces, thereby making it possible to gain insights into the nanomechanical properties and molecular in-
teractions of cells. While an extensive number of studies on microorganisms have demonstrated the potential of 
AFM to understand complex phenomena at cell’s interfaces, its use in microalgae studies remains limited. These 
recent years, microalgae have been the subject of a significant number of fundamental studies notably because of 
their capacity to convert light, water and inorganic nutrients into a biomass resource rich in value-added 
products. The existing literature reporting AFM use to understand microalgae cell morphology, their nano-
mechanical properties or their interactions with their environment give a large overview of the contribution AFM 
can bring into microalgae studies. In this review, we will first present the principles of AFM and the different 
possibilities it offers to characterize cells. Then in a second part, the contribution of AFM to understand the 
effects of environmental conditions and external stress on microalgae cells will be discussed. Finally, we will 
show how AFM can be used to probe the interactions of microalgae with their environment and how such 
fundamental studies can represent a basis to improve microalgae production systems. Overall, this review, the 
first on this topic, aims to highlight the opportunities that AFM technology can bring to this field of research.   

1. Introduction 

Microalgae are unique microorganisms able to convert light, water 
and inorganic nutrients into a biomass rich in value-added products such 
as proteins, polysaccharides, or lipids [1,2]. For this reason they have a 
great interest from a biotechnological point of view, and microalgae are 
nowadays cultivated and exploited in large-scale production systems 
[3]. But despite the promises of this resource, at the moment, exploiting 
the potential of microalgae at the industrial scale faces several chal-
lenges linked to the different steps of microalgae production (biomass 
growth, harvesting and down-stream extraction processes), that have 
made its development for the moment economically unviable [4]. 
Meeting these challenges has motivated a number of basic research 
studies aiming at answering fundamental questions on microalgae’s cell 
physiology, on their response to different environments, on how to 
harvest them, disrupt them, or on how to enhance their potential 
through genetic engineering. It is indeed through the comprehension of 
these questions that it will be possible to find solutions to exploit 

microalgae at the industrial scale in a cost-effective way. 
Basic research on microalgae has started as early as 1960, but it is 

really at the beginning of the years 2000s that the number of research 
publications has started to become significant. The graph presented in 
Fig. 1 shows the number of studies on microalgae referenced by the 
Scopus database since 1960 (grey curve); each year the number of 
studies published on the topic increases, up to more than 3500 publi-
cations produced in 2020. This increasing number of publications 
clearly demonstrates the growing interest of scientists for these micro-
organisms and the need for more basic research on microalgae. 
Compared to other microorganisms, however these numbers remain 
quite low; for instance the search “bacteria” retrieves more than 69,000 
publications only for the year 2020; the microalgae field can still be 
considered as an emerging field of research. Traditionally, microalgae 
are mainly studied using molecular biology and genetic approaches, or 
chemical engineering approaches. Regarding cell imaging, optical and 
electron microscopy remain the gold standards techniques [5–7], 
although, a small, but significant number of studies also use other type 
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of microscopies such as atomic force microscopy (AFM). 
AFM, first developed in 1986 [8], relies on the control of a force 

acting between a sharp tip and a surface, while scanning a sample. This 
method is thus a surface probing method, making it different from other 
types of microscopies such as electron or optical microscopies. As the tip 
scans the surface of the sample, the cantilever on which it is fixed gets 
deflected. This deflection is recorded thanks to a laser reflected on a 
photodiode, thereby allowing to collect the signal (Fig. 2) [9]. This 
technology is particularly well suited for the study of microorganisms 
under living conditions, as it has high-resolution imaging capacities, 
down to the nanometer scale, and is able to operate in liquid [10]. 
However, the potential of AFM does not limit to imaging; AFM is also a 
highly sensitive force machine, able to record forces as small as 20 pN. 
Indeed, AFM, in force spectroscopy mode, can record force-distance 
curves, where the force experienced by the probe is plotted as a func-
tion of the probe-sample separation distance. These curves can then be 
interpreted through different physical models, thereby giving access to 
the nanomechanical and nanoadhesive properties of cell surfaces [10]. 
An important asset of AFM is that these quantified forces can be 
simultaneously localized at the surface of cells, which thus allows to 

correlate nanomechanics and molecular interactions with cell’s surface 
ultrastructures [11]. Finally, the tips used for AFM imaging or force 
spectroscopy can be functionalized with living cells [12], biomolecules 
[13] or inert particles [14], which opens up new avenues to probe 
specific interactions between these functionalized tips and cell surfaces. 

While AFM has demonstrated over the years to be a powerful tool for 
microbiology studies [15,16], its use to study microalgae still remains 
limited; as presented in Fig. 1 (yellow curve), the total number of 
microalgae studies using AFM is of 49, which represents 0.17% of the 
total number of microalgae studies. Nevertheless, as for bacteria or 
yeasts, this technology could bring unique opportunities to understand 
cells, their morphology, their nanomechanical properties, their in-
teractions with their environment, but also their response to different 
conditions such as environmental stress. In this work, we review the 
different studies where AFM was used as a principal tool to study 
microalgae cells; through these studies, we will describe the different 
possibilities of this technology, and the significant impact it can have on 
this field of research. 

2. AFM as a tool to characterize microalgae cells 

2.1. Imaging of microalgae cells with nanoscale resolution 

One of the attractive advantages of AFM over other nanoscale mi-
croscopies is its ability to operate in liquid, which makes it possible to 
monitor live cells in real time. This provides the opportunity for direct 
visualization of cell surface morphology in physiologically relevant 
conditions. Different AFM modes can be used to image cell surfaces; 
contact mode or oscillating mode. In contact mode, the tip is in direct 
contact with the sample and scans it while maintaining the force con-
stant. Although this allows providing high resolution images, in the case 
of soft samples, it is possible that the AFM tip deforms the surface during 
the scan, which may result in topographic images poorly associated with 
the deviations in height across the sample. In oscillating mode, the tip is 
oscillated near to its resonance frequency while scanning over the 
sample; the change in the oscillation amplitude reports on the surface 
topography. In this mode the tip is not in contact with the sample which 
reduces significantly the lateral forces that exist in contact mode. 
However in the case of biological samples with high electrolyte con-
centrations, interactions of the tip with low-range surface forces can 
impact the vibrating tip along its trajectory and modify the oscillation 
amplitude, which can result in sample deformation [17]. In the case of 
microalgae, contact mode is the principal imaging mode that has been 
used to characterize the morphology of cells. The first AFM images of 
diatoms were realized in 2001, where the nanostructure of the silica- 
based cell wall (valve or frustule) of live Pinnularia viridis (Nitzsch) 
Ehrenberg cells, was investigated [18]. In this study, the authors could 
show thanks to high-resolution images that the cell wall was coated with 
a thick mucilaginous material. In addition, imaging of the cell’s valves 
revealed silica nanostructures composed of conglomerates of packed 
silica spheres of approximately 45 nm of diameter. Later on in 2002, the 
same team also imaged the nanostructures present on the valve’s surface 
of the diatom Craspedostauros australis, showing pores and rows in the 
girdle band region that forms the connecting region where the two 
valves of the diatom overlap. Then in 2003, the team of Gebeshuber and 
coworkers imaged the frustules of benthic freshwater diatom species, 
and could reveal the presence of an organic case enveloping the cells of 
approximately 10 nm of thickness [19]. Later in 2008, Francius and co- 
workers also used contact mode to image the three different morpho-
types of the diatom Phaeodactylum tricornutum (fusiform, triradiate and 
oval, Fig. 3A) [20]. Notably, the authors extracted quantitative infor-
mation on the roughness of the cell surfaces thanks to high-resolution 
images and showed that the cell surface in the oval form is rougher 
than for the other two morphologies, which can be explained by the 
presence in this morphotype of excreted polymers on the surface. 
Finally, another team used contact mode to image the diatom species 

Fig. 1. Microalgae studies published since 1960. Graphic representing the 
number of publications retrieved by entering the search “microalgae” (grey) or 
by entering the search “microalgae AND atomic force microscopy” (yellow) in 
the Scopus database (search within article titles, abstracts and keywords), from 
1960 to 2020. (For interpretation of the references to colour in this figure 
legend, the reader is referred to the web version of this article.) 

Fig. 2. Atomic force microscopy principle. A sharp tip mounted on a cantilever 
can move in the x, y and z direction thanks to a piezo-electric ceramic. While 
scanning the sample, the deflection of the cantilever is recorded thanks to a 
laser reflected on a photodiode. Adapted from [15,9]. 
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Cylindrotheca closterium (Fig. 3B) and Cylindrotheca fusiform. The images 
produced in this case in air could show the morphological details of 
cells, such as girdle bands, raphe openings (siliceous structures present 
on the valve, which have slits running the longitudinal axis of the cell) or 
fibulae (silica arches that connect the raphe strips that border the raphe 
slit) (Fig. 3B) [21,22]. Diatoms constitute an interesting group of 
microalgae, notably because of the large diversity of shapes and nano-
structures present on the valves of these cells, which have been so far 
mostly explored using electron microscopy [23]. These studies show 
that AFM is also a suitable technique to characterize these morphologies, 
with the advantages of requiring minimum sample preparation 
compared to electron microscopy, as cells can be directly observed 
without any treatment. In addition, AFM imaging can also reveal the 
presence of organic layers around the cells, or polymers or mucilages, 
which can have important implications in the adhesive behavior of cells 
or in their mobility. While these studies are focused on diatoms, other 
microalgae species have also been imaged using AFM, such as Ventricaria 
ventricosa [24], C. vulgaris [25], or Dunaliella tertiolecta [26]. 

In addition to whole cells, AFM has also been used to visualize 
substances produced by microalgae, such as exopolysaccharides (EPS). 
EPS are complex polymers composed mainly of polysaccharides, that 
can also contain other components, for example protein moieties [27]. 
They have attracted a lot of interest because of their potential for in-
dustrial applications in food and health [28], and for these reasons they 
have been the focus of many studies, most of them dedicated to their 
chemical analysis by chromatography, mass spectrometry or nuclear 
magnetic resonance (NMR), among other techniques [27]. However, 
understanding EPS nanostructure thanks to AFM can also bring valuable 
information to further use them in specific applications. In this view, a 
study conducted by Cybulska and coworkers used AFM to characterize 
the EPS produced by the green microalgae Dictyosphaerium chlorelloides 

[29]. For that, the authors analyzed two different concentrations of the 
material, and showed that EPS formed a regular and porous matrix at 
higher concentration (1 mg/mL), whereas at low concentration (10 μg/ 
mL), single molecules created a regular network containing inter-
connected polymers with numerous side chains and loops. Such findings 
thus showed that at high concentration, thanks to the porosity of the 
matrix formed, these EPS could for example be used to selectively 
immobilize particles [29]. In another study conducted in 2020, the EPS 
produced by Arthrospira platensis (Spirulina) were imaged using a force 
spectroscopy-based AFM imaging mode. In this mode, images are 
reconstructed by measuring the height of the contact point on force 
curves acquired on a matrix of points over the sample [30]. This type 
imaging has the advantage of reducing the lateral forces exerted by the 
tip in contact mode, where the tip scans laterally the sample while in 
contact with it. Moreover, force spectroscopy-based AFM imaging mode 
also offers the possibility to provide information on the nanomechanical 
and adhesive properties of the cells simultaneously. Using this mode, 
Vergnes and co-workers could show that the EPS produced by 
A. platensis formed a soft, adhesive gel in the medium surrounding the 
cells. Thanks to these information, the authors could conclude on the 
role of these EPS on cell flocculation and thus on the possibility to 
harvest them [31]. 

2.2. Probing the nanomechanical properties of microalgae cells 

Besides its imaging capacities, AFM, as mentioned in the introduc-
tion, can also record forces in force spectroscopy mode, thereby giving 
access to the nanomechanical properties of cell surfaces, which can be a 
key aspect to understand fundamental aspects such as cell morphology, 
or for further microalgae application, for example to optimize cell 
disruption steps in production systems. For that, nanoindentation 

Fig. 3. AFM imaging of diatoms. A) 
AFM deflection images of the diatom 
P. tricornutum morphotypes; fusiform, 
triradiate and ovoid. B) AFM images of 
the diatom C. closterium. Yellow arrows 
in the middle image indicate the spiral 
twist around the longitudinal cell axis. 
The inset shows a light microscopy 
image of the live cell. Deflection images 
(on the right) feature morphological 
details of cell wall: V, valve; G, girdle 
band; R, raphe opening; F, fibulae. 
Reprinted with permission from [20] 
and [21]. (For interpretation of the ref-
erences to colour in this figure legend, 
the reader is referred to the web version 
of this article.)   
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measurements are performed, in which a cantilever with known me-
chanical properties, is pushed against a sample at a defined force. This 
way, the resistance of the cell wall to the compression can be quantified, 
by extracting from the force curves obtained the cell wall spring constant 
(stiffness) or elasticity (Young’s modulus, Ym). These values are ob-
tained by converting the force curves into force vs indentation curves by 
subtracting the deformation of the cantilever upon compression. Then 
these curves are analyzed using theoretical models such as the Hooke’s 
law (stiffness), the Hertz model (Ym), or other appropriate models, 
depending on the shape of the tip and the type of the sample probed. 
Such nanomechanical measurements provide important information on 
the cell wall which is responsible for maintaining cell morphology, and 
which represents its interface with the surrounding environment. 
Notably it has been shown in multiple studies on different microor-
ganisms that both the shape of the cells and the external conditions that 
cells undergo can greatly influence the cell wall nanomechanics 
[32,33,15]. For instance, in the study conducted by Francius et al., the 

authors also explored the nanomechanical properties of the three mor-
photypes of P. tricornutum using AFM force-indentation curves. Their 
results showed that the young modulus of the cell wall of cells in the oval 
form is five-fold higher than for the other two morphotypes, which 
constitute relevant information to gain insight into the mechanism 
leading to the different P. tricornutum morphotypes [20]. With the same 
species, Formosa-Dague and co-workers in 2018 showed that the elas-
ticity of the cell wall changes depending on the pH of the surrounding 
medium. Nanoindentation measurements performed in this study 
showed that the AFM tip was able to indent deeper into the cell wall at 
pH 8 than at pH 10; indeed, the cell wall Ym increased sevenfold at pH 
10 (Fig. 4A) [14]. The same tendency was also observed in Chlorella 
vulgaris cells, a freshwater green microalgae species, where an increase 
of the pH from 6 to 8 resulted in a threefold increase of the rigidity of the 
cell wall of cells (Fig. 4B) [25]. Changes in the nanomechanics of the cell 
wall often reflect changes in its composition or in its architecture, which 
can affect both the interactions of cells with their environment, as well 

Fig. 4. Nanomechanical properties of microalgae probed by AFM. A) AFM vertical deflection image of a P. tricornutum cell and box plot showing the distribution of 
Ym values obtained from force curves recorded on the center or on the side of cells at pH 8 or pH 10. B) AFM height image of a C. vulgaris cell and box plot showing 
the distribution of Ym values measured on top of cells at pH 6 and 8. C) AFM height image of a D. tertiolecta cell in stationary phase and box plot showing the 
distribution of Ym values recorded on top of cells in exponential phase and stationary phase. Reprinted with permission from [14,25,26]. 
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as their shapes and deformability. For instance in the case of 
P. tricornutum, the important increase of the rigidity of cell’s cell wall at 
pH 10 has been associated with a better separation from water by 
flotation, possibly due to a better interaction between rigid fusiform 
cells with bubbles [14]. Another study conducted by Pillet and co- 
workers investigated the nanomechanical properties of Dunaliella ter-
tiolecta in different phases of culture (exponential and stationary) [26]. 
In this case, the interesting point is that D. tertiolecta cells lacks a rigid 
cell wall and is instead enclosed in a thin plasma membrane covered by a 
mucous layer. Compared to other microalgae species, the resulting 
elasticity of cells was quite low, of 25 kPa approximately, compared to 
P. tricornutum cells for which elasticities of 100–500 kPa have been 
found [20,14]. The authors found that cells in stationary phase were 
even softer, with a Ym reduced by 40% compared to exponential phase, 
suggesting a molecular remodeling of the cell envelope upon aging 
(Fig. 4C) [26]. Finally, as a last example, in a recent work conducted by 
Xiao et al. force spectroscopy experiments were performed directly on 
the external layers of different microalgae species. The force curves 
obtained by the authors led them to develop an analysis method based 
on a multiscale decomposition of derivative force-distance curves to 
quantify the elastic responses of these layers upon mechanical defor-
mation. This work is interesting notably because thanks to this analysis 
method, it provides original information on the external layers pro-
tecting microalgae from their environment [34]. 

2.3. Probing the nanoadhesive properties of microalgae cells 

While nanomechanical properties of cells are retrieved by analyzing 
the approach part of force curves obtained in force spectroscopy, a lot of 
information can also be extracted from the retract parts, i. e. when the 
AFM tip is retracted from the sample to go back to its initial position. As 
the tip is retracted, if there is an interaction between the tip and a 
molecule at the surface of the sample, the molecule will unfold until the 
pulling force becomes stronger than the force of the interaction recor-
ded. At this point, the interaction breaks, which is reflected on the force 
curve as a retract peak. The force at which the interaction was ruptured 
then informs about the strength of the interaction between the tip and 
the sample; the distance from the contact point at which the interaction 
breaks gives information on the length of the unfolded molecules and 
thus on their nature. Examples of such analysis have been provided as 
early as 2002, mainly by two different groups. The group of Gebeshuber 
and co-workers first investigated the adhesive properties of the fresh-
water diatom species Eunotia sudetica, and more specifically of the ad-
hesive polymer cells produce at their surface to attach to substrates [35]. 
The force curves the authors recorded in this case showed multiple 
adhesion peaks with a sawtooth pattern, which they attributed to the 
successive unbinding of intra-chain loops from the adhesive, or to the 
successive release of inter-chain bonds holding a cross-linked multi- 
chain adhesive matrix together. Interestingly, the authors also suggested 
that these bonds, unfolded by the tip retracting, can rebond after several 
seconds, meaning that the adhesive is capable of “self-healing”. In a 
further study in 2003, the same team also demonstrated that compared 
to a man-made adhesive (sticky tape), the diatom adhesive is more 
robust in a wet environment as over a period of several hours, no 
changes in the shape of the force curves recorded were observed [19]. 
Such experiments allowed to provide molecular scale information on the 
nanoadhesive properties of diatoms adhesives, useful for example to 
develop new and more powerful adhesives. In parallel, the group of 
Higgins et al. performed similar experiments on the adhesive mucilage 
strands secreted at the raphe region of the diatom C. australis [36]. In 
this case also, the authors could determine that the adhesive was very 
strong, and forces up to 60 nN were needed to break its interactions with 
the tip. The next year, this same research group compared the in-
teractions obtained with C. australis to those obtained with the adhesive 
excreted at the raphe region of another diatom species, Pinnularia viridis 
[37]. For both species the authors could observe multiple peaks on the 

force curves with a sawtooth pattern suggesting here also the successive 
unbinding of modular domains from the adhesive. In addition, the ex-
periments revealed that the adhesive strands for both species were 
highly extensible and accumulated to form tethers. In this case also, such 
information on the molecular adhesive behavior of the polymers pro-
duced by cells could result in the development of new strong adhesive. 
Additionally, such information also informs on the mechanisms involved 
in cell attachment to a substrate, which allows cells to colonize habitats 
in natural environments. From a more general perspective, under-
standing the adhesive properties of microalgae cells thanks to AFM 
could also help optimizing processes in production systems, for example 
to control fouling phenomena taking place in bioreactors or at the sur-
face of membranes used for cell separation. 

Altogether these studies highlighted here show the potentialities of 
AFM to describe: (i) the nanoscale morphology of cells or of the EPS they 
excrete in the medium, (ii) their nanomechanical properties and so the 
architecture of their cell wall or membrane in different conditions, and 
(iii) the adhesive properties of polymers cells produce at their surface. 
The examples chosen here are rather descriptive of the different 
microalgae models, but they illustrate the potential AFM can have to 
understand fundamental processes taking place at their interfaces, for 
example in response to different conditions they experience in produc-
tion processes or naturally in their environments. In addition, AFM 
being a label-free technique allowing to characterize samples in relevant 
environmental conditions, the data generated could be integrated into 
correlative approaches in order to provide even more encompassing 
data on microalgae. 

3. AFM as a tool to understand the effects of environmental 
conditions on microalgae cells 

3.1. Effects of stress conditions on cells 

As the possibilities to use AFM techniques to characterize microalgae 
cells and their adhesive properties have emerged, more groups have 
used this technology to understand the effects of specific conditions on 
microalgae cell’s surfaces. This is of particular interest to design efficient 
microalgae production systems, as for example stress conditions like 
culture conditions can greatly influence the production of certain mol-
ecules by the cells. In this view Yap and coworkers measured the 
nanomechanical properties of cells from the species Chlorococcum sp. in 
response to nitrogen deprivation [38]. N-deprivation is a proven strat-
egy for inducing triacylglyceride accumulation in microalgae, lipids that 
can be used for biofuel production for example. The results obtained in 
this study showed that the Ym of N-deprived cells (775 kPa) was 
approximately 30% higher than for N-replete cells (619 kPa). Thanks to 
TEM analysis of the thickness of the cell wall of cells, the authors sug-
gested that this increase of the Ym could be directly correlated to an 
increase in the cell wall thickness in N-deprived conditions. Although 
these specific culture conditions had an important impact on the cell 
wall, they did not affect the susceptibility of cells to mechanical rupture, 
which is an important aspect for the downstream processing of cells and 
extraction of the lipids. For instance a study by Lee et al. used AFM to 
determine the force needed to rupture cells, by indenting cells with an 
AFM tip [39]. This way the authors could show that the disruption en-
ergy needed varied depending on the location on the cell surface, and 
was on average of approximately 670 J/kg of dry microalgae biomass. 
This value is much lower than the one required in existing mechanical 
cell disruption processes, such as hydrodynamic cavitation, which sug-
gests that more efficient disruption processes could be developed [39]. 
Later in 2014, another study conducted by Warren et al. reported on the 
nanomechanical properties of Scenedesmus dimorphus in an aqueous and 
in dried state to provide information useful to develop efficient tech-
niques for mechanical cell disruption [40]. Using nanoindentation 
measurements, the authors showed that the Ym of cells increased from 
approximately 2 to 58 MPa from an aqueous state to a dried state, which 
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can then orientate choices when designing a cell disruption process. 
Finally, besides biomass production and cell disruption, AFM has also 
contributed to understand the effects of flocculants used to harvest 
microalgae on their cell surface. For instance, Landels and co-workers 
used AFM to image Chlorella sorokiniana cells after harvesting by 
electro-coagulation flotation with Al(OH)3 used as a metal flocculant. 
Their results showed cells that were embedded into the Al(OH)3 
hydrogel, which allows understanding how cells interact with the floc-
culant [41]. 

3.2. Effects of changes in natural conditions 

But in addition to their potential for producing a wide variety of 
molecules in production systems, microalgae also play a fundamental 
role in aquatic ecosystems as they are the basis of aquatic food webs, on 
which many living organisms rely. Therefore understanding the effects 
of natural conditions is a key aspect. For example, environmental pol-
lutants on microalgae cells is a subject of interest as this is how pollut-
ants can enter food chains, which can be explored thanks to AFM. A first 
study in 2012 used AFM to investigate the effects of silver nanoparticles, 
which have toxic effects on algae cells, on the diatoms C. closterium and 
Cylindrotheca fusiformis and on their EPS [22]. AFM high-resolution 
imaging experiments showed that the nanoparticles could penetrate 
the cell wall through the valve region of cells, and caused local damages 
inside the cell, notably in the chloroplasts region, without disintegration 
of the cell wall. In addition, the authors could also show that EPS pro-
duction increased with nanoparticle exposure, and that the gel-like 
structure of EPS contained nanoparticles and aggregates of nano-
particles. This was an important finding of this study as the entrapment 
of these nanoparticles in the EPS produced by cells allows their persis-
tence and accumulation in the water [22]. Then later in 2017, Nolte and 
co-workers investigated the effects of another type of nanoparticles that 
can be found in the environment, plastic nanoparticles (polystyrene), on 
the cell wall of the green microalgae species Pseudokirchneriella sub-
capitata [42]. In this study, AFM imaging of cells in interaction with 
plastics revealed that positively charged nanoparticles (bearing -NH2 
functional groups) could adsorb at the cell surface, while negatively 
charged ones (-COOH) resulted in a low cell coverage. The authors 

attributed this to the fact that positive particles could absorb on the 
cellulose present in the cell wall of P. subcapitata. Finally another type of 
pollutant, cadmium metal, was also investigated using AFM on different 
microalgae species; the green microalgae D. tertiolecta [43], and the 
diatoms P. tricornutum [44] and Nitzchia closterium [45]. Cadmium is 
recognized as a major pollutant of the marine environment, constituting 
a hazard to marine organisms. In 2019, the group of Ivosevic DeNardis 
and co-workers used AFM to probe the nanomechanical properties of 
D. tertiolecta cells in the presence of cadmium. The results showed that 
cells in the presence of cadmium had an increased stiffness of around 
80% compared to control cells, which has consequences on their initial 
attachment to surfaces and on their deformation. Additional experi-
ments performed in this study suggested that a different protein 
expression profile may be the cause of these changes in the cell surface 
properties under cadmium stress [43]. In parallel, another team also 
worked on cadmium stress, this time on the diatom N. closterium, and 
evaluated the influence of salinity on cadmium adsorption by the cells. 
Their results showed notably that a decreased salinity increased cell 
surface roughness, because of the presence at low salinity of silica par-
ticles on the cell surface (Fig. 5A). This has for consequence to increase 
the specific surface area in cells, leading to a better adsorption of cad-
mium at low salinity [45]. Then in 2021, the same team worked on the 
effects this time of the cell morphotype of the diatom P. tricornutum on 
the cadmium adsorption on cells. In this study, AFM imaging combined 
with zeta potential measurements showed that the oval morphotype, 
which has a rougher and more negative surface compared to the trira-
diate and fusiform morphotypes, attracts more metal ions onto its sur-
face (Fig. 5B). The authors suggested that these different surface 
properties of oval cells may be related to their different cell wall 
composition compared to fusiform and triradiate cells, as determined by 
XPS analysis [44]. Altogether, in these studies on the effects of stress, 
AFM brings the opportunity to not only monitor the effects of pollutants 
on cells, but also to give insights into the mechanisms leading to 
pollutant adsorption by the cells. This is a major contribution of AFM as 
such fundamental data can be used to predict and evaluate the effects of 
various pollution in aquatic ecosystems. 

Fig. 5. Influence of salinity or of cell morphotype on cadmium adsorption by cells. A) AFM height images of N. closterium cells acclimated at 18, 25, and 32 psμ (first 
line) and amplified 3D morphology of typical difference in roughness on the cell walls of cells cultivated at these different salinities (middle line). AFM height images 
showing the nanoscale structures on the cell surfaces at the different salinities are presented in the third line. B) AFM vertical deflection images showing the 
morphology of the triradiate, fusiform, and oval morphotypes and their corresponding nanoscale cell wall topography (right column). Reprinted with permission 
from [44,45]. 
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4. AFM to probe the interactions between cells and their 
environment 

As discussed earlier, AFM, thanks to its imaging and force probing 
possibilities, has proven to be a useful tool to probe the effects of envi-
ronmental conditions on cells, or to understand how environmental 
conditions modify their responses to pollutants in aquasystems. In this 
part, we will now discuss how AFM can be used to understand the 
specific interactions between cells and surfaces or particles present in 
the environment. In a first study, Kreis and co-workers used a micropi-
pette force spectroscopy technique to measure the adhesion forces be-
tween Chlalmydomonas reinhardtii flagella and silicon substrates [46]. In 
this case, the authors did not use a standard AFM set-up, but instead, 
they designed a micropipette force sensor with borosilicate glass capil-
laries that they used to pick-up single living cells (Fig. 6A) and record 
forces through force spectroscopy experiments (Fig. 6B). Using this set- 
up they could orientate cells and determine that only flagella could 
mediate adhesion to the substrates (Fig. 6B). The force curves obtained 
showed that interestingly, this flagella-mediated adhesion could be 
reversibly switched on and off by light, in a timescale of seconds, and 
that the adhesion forces recorded varied depending on the illumination 
wavelength. Such findings may be used to control the adhesion prop-
erties of photoactive cells such as C. reinhardtii cells, and this way 
enhance culture efficiencies by inhibiting biofilm formation on photo-
bioreactors surfaces [46]. 

Such strategy to measure the adhesion forces between single cells 
and substrates has also been used in a recent study conducted by Demir 
and co-workers [25]. In this study, instead of using a micropipette, the 
authors directly immobilized cells at the edge of tipless cantilevers, and 
probed their interactions with chitosan, a bio-sourced flocculant used 
for microalgae harvesting. So far the literature on chitosan-induced 
production in microalgae suggested a flocculation mechanism based 
on electrostatic interactions between negatively charged cells and chi-
tosan, which is positively charged at a pH under its pKa (6.5). Thanks to 
the force spectroscopy experiments conducted in this study, the authors 
could show that in fact, the interactions between cells and chitosan did 
not rely on electrostatic interactions but rather on specific interactions 
between chitosan and specific polymers at the surface of cells. But 
interestingly, the authors found that this mechanism was taking place at 
low pH (6), but not at higher pH. In this case, cells did not interact with 
chitosan anymore, but were instead flocculated by getting entrapped 
into the precipitate that chitosan forms at higher pH. Such AFM exper-
iments thus brought important information to generalize the use of 
chitosan-induced flocculation for microalgae harvesting [25]. With the 
same objective to understand flocculation mechanisms in microalgae, 

two other studies conducted by the same team showed that a same 
flocculant, magnesium hydroxide, could induce flocculation through 
different mechanisms in different microalgae species. Magnesium hy-
droxide results from the precipitation at high pH of magnesium ions 
present notably in marine waters. To understand the interactions be-
tween this flocculant and microalgae cells, the authors developed an 
original protocol to functionalize the AFM tips directly with magnesium 
hydroxide particles [14], and with these tips, they then probed the in-
teractions with the surface of P. tricornutum [14] and D. salina cells [47]. 
Their results showed that while for P. tricornutum, magnesium hydroxide 
particles could directly interact with the cell surface through electro-
static interactions [14], in the case of D. salina, no interactions could be 
recorded, thereby suggesting another flocculation mechanism. Further 
experiments showed that indeed cells in this case were flocculated 
through a sweeping mechanism, i. e. by getting entrapped in a massive 
precipitate [47]. Then in these studies, AFM, by making it possible to 
access the interactions between cells and particles at the molecular 
scale, allowed to understand the complexity of flocculation mechanisms. 
Such knowledge could have an important impact to optimize efficient 
harvesting processes. 

5. Perspectives outlooks and conclusions 

This review is a quite exhaustive view of what “conventional” AFM 
techniques can bring to the field of microalgae. However, other 
advanced techniques already used in studies focused on other types of 
microorganisms could also bring valuable information to further un-
derstand microalgae. Single-molecule force spectroscopy (SMFS) is one 
of these techniques. It consists in functionalizing AFM tips with bio-
molecules in order to study their interactions with specific molecules at 
the surface of cells. For instance, such tips modifications have been used 
to detect and locate a specific mannoprotein (Ccw12) at the surface of 
living yeast cells of Saccharomyces cerevisiae [13] or to understand the 
strength and dynamics of homotypic interactions mediated by a specific 
protein (SdrC) at the surface of bacterial cells of Lactococcus lactis [48]. 
Used in microalgae studies, SMFS could bring new information useful to 
understand cell adhesion for example, or to understand cell wall surface 
composition. Another example of an AFM advanced technique is 
chemical force microscopy (CFM), where gold coated tips are func-
tionalized with hydrophobic thiols to probe the surface of cells. For 
instance, such strategy has been used to probe the hydrophobic prop-
erties of spores of Aspergillus fumigatus [49], or to show the role of gly-
copeptidolipids in the surface hydrophobicity of the bacteria 
Mycobacterium abscessus [50]. Although this technique has been used in 
one microalgae study [26], its general use could help researchers gain 

Fig. 6. In vivo micropipette force spectroscopy of Chlamydomonas reinhardtii microalgae. A) Schematic representation of measurement principle and experimental set- 
up. B) Force distance curves obtained for cells orientated with their flagella in contact with the substrate. The adhesion force corresponds to the force needed to 
detach the cell from the substrate. Reprinted with permissions from [46]. 
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insights into the physico-chemical properties of microalgae cells 
depending on their environmental conditions. 

Moreover, these recent years, new developments of original AFM 
techniques have emerged and offer exciting prospects for microalgae 
studies. One of these recent developments, FluidFM, combines AFM with 
microfluidics [51]. With this system, standard AFM cantilevers are 
replaced by microfluidic ones, which contain a microchannel that can be 
filled with liquid. A pressure controller connected to these cantilevers 
then allow to exert a positive or negative pressure inside the cantilever. 
In different fields, such technology has already been used for example to 
probe the interactions of single cells aspirated at the aperture of canti-
levers [52,53], to aspirate liquids from a cell ‘s interior for further 
analysis [54,55] or to create a microsized bubble to measure the hy-
drophobicity of single cells [56]. Such experiments applied to micro-
algae could help in analyzing the lipid profiles of different strains or in 
different conditions, which could bring valuable information to optimize 
culture conditions or microalgae strains. In this view another interesting 
development of AFM is its combination with a tunable infrared laser 
source (AFM-IR), which has allowed for Streptomyces cells to measure 
the size and map the distribution of oil inclusions inside cells [57]. 
Finally, new imaging techniques are emerging, such as high-speed AFM 
(HS-AFM), which makes it possible to acquire images on the surface of 
cells at a video rate. Recently, Evans and co-workers developed an 
immobilization procedure to apply HS-AFM to microalgae cells; this 
study represents an important basis to further image dynamic processes 
taking place at the surface of microalgae [58]. These few examples 
reflect on the recent technological advancements that are continuously 
made over the years with AFM, and suggest new and original questions 
that can be answered about microalgae. 

Altogether, these AFM studies show the possibilities that such tech-
nology offers to answer fundamental questions on microalgae cells in-
terfaces, on the effects of environmental or stress conditions on their 
nanoscale properties, and on their interacting behavior with their 
environment. Such fundamental questions need to be answered to 
exploit the potential of microalgae at industrial scales, and develop and 
optimize the different steps involved in production systems (production, 
harvesting, extraction). In addition, as we discussed, it is also a way to 
understand how microalgae in the environment can be affected by 
various pollutants that modern society produces. Although imaging is 
still the most common application of AFM in microalgae studies, force 
spectroscopy measurements to probe the nanomechanical or adhesive 
properties of cells have also demonstrated to bring new original infor-
mation that can be useful to develop cost-effective processes for example 
for cell harvesting or cell disruption. 
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Chlamydomonas microalgae to surfaces is switchable by light, Nat. Phys. 14 (2018) 
45–49, https://doi.org/10.1038/nphys4258. 

[47] A. Besson, C. Formosa-Dague, P. Guiraud, Flocculation-flotation harvesting 
mechanism of Dunaliella salina: from nanoscale interpretation to industrial 
optimization, Water Res. 155 (2019) 352–361, https://doi.org/10.1016/j. 
watres.2019.02.043. 

[48] C. Feuillie, C. Formosa-Dague, L.M.C. Hays, O. Vervaeck, S. Derclaye, M. 
P. Brennan, T.J. Foster, J.A. Geoghegan, Y.F. Dufrêne, Molecular interactions and 
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Abstract 

Context: This chapter is an international collaborative work with Dr. Tomaso Zambelli from 

ETH Zurich (Switzerland) allowed the development of the method based on FluidFM to 

produce bubbles and measure their interactions with cells. 

Background: Bubbles play crucial roles in several applications. From agriculture to cell 

harvesting, including microdynamics of fluids, materials science and engineering, or again in 

therapeutic applications. In these applications, most of the time bubbles interact with solid 

particles, and in some cases, they may also interact with living organisms for example to move 

non adherent microorganism or separate microorganism from their aqueous medium.  

Scope of the study: Our aim is to understand the biological and physico-chemical basis of 

these bubble-microorganism interactions in order to control the processes they are involved 

in. But first we need to access these interactions at the molecular scale. For that we use 

FluidFM, which combines AFM with microfluidics. In this study, we used FluidFM in an original 

manner to produce bubble directly at the aperture of the micro-channeled cantilever. For that, 

we fill the cantilever with air and immerse it in a liquid environment: by applying a positive 

pressure inside the cantilever, a bubble can form at the aperture of it, its size depending on 

the pressure applied. Then by adjusting the flow rate in real time during the experiments, the 

pressure inside the cantilever stays constant over time, allowing to keep the size of the bubble 

constant by compensating the gas dissolution due to the Laplace pressure. With this bubble 

probe we then measure the interactions with both abiotic surfaces and biotic (cells). Then we 

go one step forward and modulate the interactions in the case of cells by functionalizing the 

bubble surface using specific amphiphilic molecules. 

Major conclusions: In this work we develop a new method to produce stable microsized 

bubble and probe their interactions with both abiotic surfaces and living cells using FluidFM. 

In addition, we also develop a strategy to functionalize the surface of bubbles produced with 

biomolecules and we show for the first time that these bubble surface functionalization allows 

to modulate their interactions with cells.
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a b s t r a c t

Understanding the molecular mechanisms underlying bubble-(bio)surfaces interactions is currently a
challenge that if overcame, would allow to understand and control the various processes in which they
are involved. Atomic force microscopy is a useful technique to measure such interactions, but it is limited
by the large size and instability of the bubbles that it can use, attached either on cantilevers or on sur-
faces. We here present new developments where microsized and stable bubbles are produced using
FluidFM technology, which combines AFM and microfluidics. The air bubbles produced were used to
probe the interactions with hydrophobic samples, showing that bubbles in water behave like hydropho-
bic surfaces. They thus could be used to measure the hydrophobic properties of microorganisms’ surfaces,
but in this case the interactions are also influenced by electrostatic forces. Finally a strategy was devel-
oped to functionalize their surface, thereby modulating their interactions with microorganism interfaces.
This new method provides a valuable tool to understand bubble-(bio)surfaces interactions but also to
engineer them.

� 2021 Elsevier Inc. All rights reserved.

1. Introduction

Over the past decades, air bubbles have attracted much
attention because of their remarkable characteristics. In liquid,

air bubbles feature (i) a great stability [1], (ii) an affinity for
hydrophobic surfaces [2], (iii) a high interface area per unit of vol-
ume [3], (iv) an ability to interact with organic molecules (proteins,
lipids, and polymers), or surfactants [4], and (v) a capacity to
adhere to solid surfaces [5]. Because of these properties, bubbles
play crucial roles in several application fields such as agriculture
[6], microdynamics of fluids [7], material science [8] or (bio)chem-
ical engineering [9]. For example in chemical engineering, bubbles
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can be used to separate cells from their liquid culture medium [10],
or when combined with membrane filtration, they can prevent or
reduce membrane fouling [11]. Bubbles have also been used in
health-related clinical applications in recent years, where they
act as efficient carriers for genes and drugs [12–14]. A common
point in all these applications is that bubbles interact either with
an abiotic surface or with living cells. Thus understanding the
physico-chemical basis of these bubble-(bio)surfaces interactions
becomes an important aspect, as this comprehension would allow
to understand and control the processes they are involved in.

While fluid dynamics aspects of bubbles-(bio)surfaces interac-
tions are to some extent understood [15,16], the underlying molec-
ular mechanisms have not been fully deciphered. One possibility to
access these interactions is to use atomic force microscopy (AFM)
[17]. AFM, first developed in 1986 [18], has demonstrated over
the years to be a powerful tool for surface characterization and
force detection at the nanoscale. It was first used to measure the
interactions between air bubbles and particle(s)/surface(s) in
1994 [19]. For that the authors attached silica particles on can-
tilevers [20] and used these colloidal probes to measure the inter-
actions with bubbles of several hundreds of mm in diameter,
stabilized on hydrophobic surfaces [19]. By analyzing the force
curves obtained with hydrophilic and hydrophobic silica spheres,
they could determine that gas bubbles in water behave like
hydrophobic surfaces. To access the interactions between bubbles
and different surface samples, Vakarelski et al. developed in 2008
another strategy where single bubbles of 90–120 mm in diameter,
are picked up on hydrophobized V-shaped cantilevers [21]; this
method was used to probe the interactions with other bubbles
and provided details on how bubbles interact in natural conditions.
This strategy has also been used to probe the interactions between
bubbles and microorganisms [22,23]. In a first study by Ditscher-
lein et al., the interactions between air bubbles of 20–150 mm in
diameter and layers of yeast cells were probed [22]; the results
obtained indicated that these interactions are hydrophobic, but
can be affected by pH, salt concentration or ionic strength. Later
on, Yumiyama et al., using the same technique, measured the inter-
actions between air bubbles of 50 mm in diameter, and single yeast
cells instead of layers [23]. Their results also showed that
hydrophobic interactions were involved; however, in this case,
bubbles were ten times bigger than yeast cells, thus depending
on the force applied, bubbles could also interact with the surface
on which cells were immobilized.

In all these examples, even though experimental parameters
such as pH or ionic strength, as well as system parameters such
as applied force, approach velocity or contact time are adjustable,
issues related to the bubble size remain, as it cannot be controlled
over time because of the Laplace pressure [24,25]. Laplace pressure
is the differential pressure across inside and outside of a curved
interface that forms a boundary between gas and liquid regions
[26]. Over time the gases inside the bubble dissolve in the water
which modifies their size, and thus the contact area between the
bubble and the sample. In the case of interactions with cells, the
change in the contact area could modify the number of molecules
from the cell surface involved in the interaction, which can have an
impact on the final adhesion force recorded [27,28]. This aspect is
also related to a second issue that is the variability in size of the
bubbles used to probe the interactions. Indeed, using these meth-
ods, the size of a bubble is not controllable from one bubble to
another, thus for each bubble the contact area is different, thereby
possibly leading to differences in the adhesion forces. Finally, in the
case where interactions with single microorganisms are probed,
the size of the bubbles is too large compared to the size of cells,
which can also lead to the introduction of a bias in the results.

To overcome these challenges, we here develop a new method
to probe the interactions between bubbles and (bio)interfaces

using fluidic force microscopy technology (FluidFM) that combines
AFM with microfluidics. In this system, a microsized channel is
integrated into an AFM cantilever and connected to a pressure con-
troller, thus creating a continuous and closed fluidic conduit that
can be filled with a solution, while the tool can be immersed in a
liquid environment [29]. An aperture at the end of the cantilever
allows liquids to be dispensed locally. In this configuration,
FluidFM technology has been used in various types of studies in
material science, for example to functionalize surfaces with poly-
mer layers [30], or in life sciences for example to perform single-
cell force spectroscopy experiments [31,32]. In this study, we use
FluidFM in an original manner, and develop a method to produce
stable microsized bubbles at the aperture of FluidFM cantilevers.
We first describe this method; after the characterization of the
bubbles produced, we probed their interactions with hydrophobic
surfaces and living cells. Finally, we also demonstrate the possibil-
ity to functionalize the surface of these bubbles in order to modify
their interactions with microorganisms.

2. Material and methods

2.1. Microalgae strain and culture

The green freshwater microalgae Chlorella vulgaris strain CCAP
211/11B (Culture Collection of Algae and Protozoa) was cultivated
in Wright’s cryptophyte (WC) medium prepared with deionized
water [33], at 20 �C, under 120 rpm agitation, in an incubator
equipped with white neon light tubes providing illumination of
approximately 40 mmol photons m�2 s�1 with a photoperiod of
18 h light: 6 h dark. All experiments were carried out with 7 days
exponential phase batch cultures. Before experiments, cells were
first harvested by centrifugation (3000 rpm, 3 min), washed two
times in PBS at pH 7.8, and immobilized on polyethylenimine
(PEI, Sigma-Aldrich P3143) coated glass slides prepared as previ-
ously described [34]. Briefly, freshly oxygen activated glass slides
were covered by a 0.2% PEI solution in deionized water and left
for incubation overnight. Then the glass slides were rinsed with
deionized water and dried under nitrogen. A total of 1 mL of the
cell suspension was then deposited on the PEI slides, allowed to
stand for at least 30 min at room temperature, and rinsed with PBS.

2.2. Yeast strain and culture

Candida albicans (from ABC Platform� Bugs Bank, Nancy, France)
was stocked at �80 �C, revivified on a standard rich YPD (Yeast
extract Peptone Dextrose) agar (Difco; 242720) and grown in
YPD broth (Difco; 242820) for 20 h at 30 �C under 230 rpm agita-
tion. Yeast cells were then harvested by centrifugation (4500 rpm,
3 min), washed two times in acetate buffer (18 mM CH3COONa,
1 mM CaCl2, 1 mM MnCl2, pH 5.2), and immobilized on Con-
canavalin A (ConA) coated surfaces. For that, 200 mL of ConA
(10 mg/mL) were deposited on polystyrene Tissue Culture dish
(Sterilized by radiation, TPP Switzerland) and incubated overnight.
Then the Petri dishes were rinsed with deionized water and dried
under nitrogen. A total of 1 mL of the cell suspension was then
deposited on the ConA coated Petri dishes, allowed to stand for
at least 30 min at room temperature, and rinsed with acetate
buffer.

2.3. Bacterial strain and culture

Pseudomonas aeruginosa cells (ATCC 27853) were stocked at
�80 �C, revivified on Mueller Hinton Agar (Difco, 225250) and
grown in Mueller Hinton Broth (Difco, 275730) for 18 h (stationary
phase) at 35 �C under static conditions. Cells were harvested by
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centrifugation (3000 rpm, 3 min) and washed two times in PBS at
pH 7.8. Before experiments cells were immobilized on PEI coated
glass slides.

2.4. Preparation of hydrophobic surfaces

Monolayers of CH3- (1-dodecanethiol, Sigma-Aldrich, 471364)
and OH-terminated (11-mercapto-1-undecanol, Sigma-Aldrich,
447528) alkanethiols, mixed in different proportions were self-
assembled on gold surfaces to obtain different contact angles, as
described in Dague et al. 2007. For that, silicon wafers (Siltronix,
France) were first coated by electron beam thermal evaporation
with a 5-nm-thick Cr layer followed by a 30-nm-thick Au layer.
These gold-coated surfaces were then cleaned by oxygen plasma
(3 min), rinsed with ethanol and dried under nitrogen. They were
finally immersed for 14 h in ethanol solutions containing 1 mM
1-dodecanethiol (CH3-) and 11-mercapto-1-undecanol (OH-) in
different proportions depending on the degree of hydrophobicity
wanted, and rinsed with ethanol before use.

2.5. Water-contact angle measurement

Water contact angles were measured at a 0.1� resolution with a
white light source (Digidrop GBX, France). Sesile drop method has
been used to measure the water contact angle. Shortly, a water
droplet (approx. 4 mL volume) is first released on top of the sample.
Then, an edge-detection method is applied to find the drop contour
in the image and thus measure the contact angle. For each surface
three measurements were performed prior to each experiment.

2.6. Bubble formation using FluidFM

First, tipless FluidFM probes with an aperture of 8 mm of diam-
eter (Cytosurge AG, Switzerland) were made hydrophobic by coat-
ing them with self-assembled monolayers (SAMs) of silanes via
SAMs vapor deposition technique. FluidFM cantilevers were func-
tionalized with 1H,1H,2H,2H-Perfluorodecyltrichlorosilane (FDTS)
using an Orbis-1000 equipment (Memsstar, Livingston, UK) to
make their external surface and inside microchannel hydrophobic.
The deposition was realized under vacuum at 40 torrs and �40 �C,
for 5 min [36]. Then the microchannel of these silanized cantilevers
was filled with air and the probe was immersed in a liquid environ-
ment (buffer used to perform the experiments). To eliminate any
particle or dust contamination or to prevent clogging of the
FluidFM cantilever, a slight over pressure of 20 mbar is applied.
Then to produce a bubble at the aperture of the cantilever, a posi-
tive pressure from 100 to 200 mbar was applied inside the
microfluidic cantilever in buffer. The silanized probes were cali-
brated using the thermal noise method [37] before each
measurement.

2.7. Side images

Side images of the microbubbles were recorded using a
0.50 mm right angle reflective prism (Al coated hypotenuse,
Edmund Optics, USA). Prism is illuminated with manual lateral
light source. This reflective prism and side light source made it
possible to image the cantilever and bubble from the side, and
measure its perpendicular size depending on the pressure applied.
Fig. 2a shows a scheme of the experimental procedure used to
obtain these side images.

2.8. Force spectroscopy experiments

Force spectroscopy experiments were conducted using a Nano-
Wizard III AFM (Bruker, USA), equipped with FluidFM technology

(Cytosurge AG, Switzerland). In each case, experiments were per-
formed in either Phosphate Buffer Saline (PBS) or acetate buffer,
using micropipette probes with an aperture of 8 mm (spring con-
stant of 0.3, 2, and 4 N/m) (Cytosurge AG, Switzerland). Interac-
tions between the formed bubbles and hydrophobic surfaces
were recorded with probes with a spring constant of 2 and 4 N/
m at a constant applied force of 1 nN, while interactions with cells
were measured using probes with a spring constant of 0.3 and 2 N/
m, at a constant applied force of 1 nN. Force curves were recorded
with a retraction z-length of up to 20 lm and a constant retraction
speed of 4.0 lm/s to 20 lm/s. High z-lengths of 20 mm were
reached using the CellHesion module on the NanoWizard III AFM
(Bruker). CellHesion Module has a vertical range of movement of
100 mm due to the piezo-driven movement of the sample holder.
Data were analyzed using the Data Processing software from Bru-
ker. Adhesion forces were obtained by calculating the maximum
adhesion force for each curve. For the interactions with surfaces,
experiments were repeated at least five times with one surface
in each case. For the interactions with microorganisms, experi-
ments were repeated three times with ten different cells coming
from at least three different cultures.

2.9. AFM imaging

AFM images were recorded on cells immobilized on PEI-coated
glass slides (for P. aeruginosa and C. vulgaris cells) or on ConA
coated petri dishes (for C. albicans). For C. albicans and C. vulgaris,
images were recorded in acetate buffer at pH 5.2 and in PBS at
pH 7.4 respectively, using the Quantitative Imaging mode available
on the Nanowizard III AFM (Bruker), with MSCT cantilevers (Bru-
ker, nominal spring constant of 0.01 N/m). Images were recorded
at 128 pixels � 128 pixels with an applied force kept at 1.5 nN
for all conditions and a constant approach/retract speed of
90 lm/s (z-range of 3 lm). For P. aeruginosa, images were recorded
in contact mode, using a set point inferior to 1 nN. In all cases the
cantilevers spring constants were determined by the thermal noise
method prior to imaging [37].

2.10. AFM cantilever functionalization

Tips functionalized with phosphorus dendrimers, so-called
‘‘dendritips”, were prepared as previously described [38]. Briefly,
MLCT AUWH cantilevers (Bruker, USA, spring constant of 0.01 N/
m) were first cleaned using oxygen plasma (3 min, 0.5 mbar),
placed in a 5.52 M ethanolamine solution (3.3 mL of ethanolamine
hydrochloride were dissolved in 6.6 mL Dimethyl sulfoxide
(DMSO)) and incubated overnight at room temperature. The tips
were then washed with DMSO and ethanol, and dried under nitro-
gen. These amino tips were next incubated for 5–6 h in the den-
drimer solution (58 mM in Tetrahydrofuran (THF)), rinsed in THF
and ethanol, and dried under nitrogen. Such ‘‘dendritips” were
finally functionalized with colistin. For that, they were incubated
in a drop of 100 mL of colistin sulfate salt (0.1 mg/L, Sigma Aldrich,
C4461) for 1 h at room temperature. Then 10 mL of NaCNBH3

(20 mM final concentration) were added in the colistin drop for
15 min to let the reduction take place. Finally, tips were washed
in PBS and used to probe the interactions with cells.

2.11. Bubble functionalization

A zwitterionic head group labeled with 1,2-dipalmitoyl-sn-gly
cero-3-phosphoethanolamine-N- (lissamine rhodamine B sulfonyl)
(ammonium salt) was used as a fluorescent surfactant. First, the
FluidFM cantilever was immersed in a solution of 0.01 g/L of the
fluorescent surfactant. This solution was aspirated inside the can-
tilever by gradually decreasing the pressure from 0 mbar to
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�200 mbar. After that the FluidFM cantilever containing the sur-
factant solution was immersed in PBS buffer without surfactants.
By increasing the pressure to 200 mbar, the surfactant solution
was then locally dispersed in the buffer and a bubble was formed:
the surfactant then assembled at the surface of the produced bub-
ble. To functionalize the bubble surface with colistin, a solution of
20 mg/L of colistin sulfate salt (�19,000 IU/mg, Sigma-Aldrich) was
used; the same procedure was applied.

2.12. Side image analysis

Images were first calibrated to calculate the size of one pixel.
The optical focus was kept constant throughout the calibration
procedure and the cantilever was retracted with a 10 mm-step
increment. This allowed to calculate the pixel scale size. Sub ROI
extraction method was then used to calculate the bubble sizes with
color channel separation of red (R) green (G) and blue (B).

3. Results and discussion

3.1. FluidFM allows to produce stable microbubbles at the aperture of
microfluidic cantilevers

To produce microsized bubbles at the aperture of FluidFM can-
tilevers (Fig. 1A), we first functionalized FluidFM cantilevers with
self-assembled monolayers (SAMSs) of silanes (FDTS) to make
them hydrophobic. Then, as depicted in Fig. 1A, the microfluidic
channel inside the cantilever is filled with air, and immersed in liq-
uid. By applying a positive pressure (200 mbar) inside the can-

tilever, bubbles were formed directly at the aperture. Because the
pressure is maintained constant in the cantilever during experi-
ments, the gas dissolution from the bubble is compensated, which
allows keeping its size constant over time. Moreover, the
hydrophobic coating allows maintaining the bubble produced at
the aperture of the cantilever, otherwise it could rise up in the sus-
pension. In our case, buffers were used (PBS or acetate buffers
depending later on the type of cells probed) as we observed bub-
bles in pure water collapse upon touching the surface. Tipless can-
tilevers with a circular aperture of 8 mm of diameter were used;
with smaller apertures, the Laplace pressure was so important that
the pressure needed to form the bubble was beyond the maximum
value achievable with our system (800 mbar). Fig. 1B and C shows
optical images of the microfluidic cantilever from a bottom view
(Fig. 1B) and from a side-view (Fig. 1C). While the bubble on the
bottom view is not clearly visible, the side image of the cantilever
shows the presence of the bubble at the aperture of the cantilever
so that we could follow the bubble formation in situ, and after-
wards fully characterize its shape and size.

To obtain such side images, we used a 45� prism with a reflec-
tive side (0.5 mm) manually positioned next to the FluidFM probe
and laterally illuminated with an external light source. This set-up
is described in Fig. 2A; it is inspired by recent approaches described
in the literature where side-view imaging paths were developed
for AFM integration [39,40]. The side-view images presented in
Fig. 2B–E show bubble formation depending on the applied pres-
sure in the cantilever. Since these images are not direct images,
but images upon reflection from the prism, there are several fac-
tors affecting the size observed on the images, i.e, the position of

Fig. 1. Schematic representation of the method to produce bubbles using FluidFM technology. (A) A FluidFM microchanneled cantilever with a circular aperture of 8 mm
diameter, connected to a pressure controller, is filled with air and immersed in liquid. By applying a positive pressure, an air bubble can be formed at the aperture of the
cantilever. (B) Bottom image of a FluidFM probe with a bubble formed at its aperture (200 mbar) and (C) corresponding side image.
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the FluidFM cantilever, the position of the reflective prism, the
angle between the reflective prism and the cantilever (if it is fully
perpendicular to the cantilever or not) and finally the angle of the
side light source. Thus, the first step is to calibrate the images
obtained to accurately determine the size of one pixel. For that,
the FluidFM cantilever was moved in the Z-direction with known
distances (from position x = 0 mm to x = 70 mm) using an increment
of 10 mm. By measuring the distance on the images it was possible
to determine the size of each pixel, and thus to measure the dimen-
sions of the bubbles produced (see Supplementary Fig. S1). Know-
ing the pixel size on the side-images obtained, we thus measured
the sizes of bubbles as a function of the pressure p,
100 < p < 200 mbar. For p < 100 mbar, no bubbles were observed
(Fig. 2B). On the contrary, for p > 100 mbar, a bubble appears at
the aperture of the probe: optically we inferred a radius (r) of
4 mm and a perpendicular size (H) of 1.2 mm (Fig. 2C). When the
pressure is further increased, r remains constant (4 mm), matching
the aperture size, whereas H increases from 2.2 to 3.2 mm. At
200 mbar, the bubbles produced are stable, meaning that their size
is constant over time, as showed by time course side images
recorded during 1 h (Supplementary Fig. S2). Finally, above a pres-
sure of 200 mbar, bubbles are not stable anymore, i.e. they detach
from the cantilever and rise up in the suspension. When we con-
sider the Laplace law, which gives the Laplace pressure as a ratio
between the surface tension and the interface radius, as the pres-
sure increases, the bubble radius should decrease. What we see
is that when the pressure increases, the bubble radius r stays con-
stant while its perpendicular size H increases. To understand what
is happening when a bubble is formed, we need to consider that
the bubble produced is actually a spherical cap as described in
Fig. 2F, where only the part depicted in yellow is visible at the
aperture of the cantilever. When a low pressure is applied, the per-
pendicular size H of the produced spherical cap is low, but in fact
its surface radius, R, in this case is large (for a flat interface, the
radius is infinite). As we increase the pressure inside the cantilever,

the perpendicular size H increases, in turn meaning that the sur-
face radius R of the spherical cap decreases. Thus indeed as the
pressure increases, its surface radius decreases. With this in mind,
it is then possible to calculate the critical pressure to apply to keep
the bubble stable, using the Laplace law given by the following
equation:

DP ¼ 2c
R

ð1Þ

where DP is the difference of pressure inside and outside the bub-
ble, c is the surface tension of the surrounding liquid, and R the sur-
face radius of the spherical cap. We can then apply the Pythagoras
theorem to determine the length of its radius:

R2 ¼ r2 þ ðR2 � H2Þ ð2Þ

R ¼ r2 þ H2

2H
ð3Þ

where R is the spherical cap surface radius which corresponds to the
hypotenuse, H is the perpendicular size of the spherical cap, which
corresponds to its height, and r is the bubble radius at the cantilever
aperture (Fig. 2F). Both r and H are measured on the side images.
Equation (3) can be used during the first step of the inflation pro-
cess where H < r and R > r, until H = r where the Laplace pressure
is maximum because the surface radius R of the spherical cap is
minimal. During this first inflation step, the combination of equa-
tion (1) and (3) results in the following formula for the Laplace
pressure:

DP ¼ 4cH
r2 þ H2 ð4Þ

This means that the applied pressure needed to increase the
bubble size, also needs to increase to overcome the Laplace pres-
sure, corresponding to what was observed in the experiments. It
shows that the maximum spherical cap height H that can be

Fig. 2. Characterization of the bubbles produced at the FluidFM cantilever aperture. (A) Schematic representation of the experimental set-up used to obtain side images of the
cantilever. A reflective prism is placed next to the FluidFM probe; by illuminating it from the side, it is possible to visualize the cantilever from the side. Side images of the
FluidFM cantilever at (B) 20 mbar, (C) 100 mbar, (D) 150 mbar and (E) 200 mbar. In each case, the spherical cap radius r and perpendicular size H are measured. (F) Schematic
representation of the spherical cap bubble depending on the pressure applied.
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reached is of 4 mm, which corresponds to the value of the spherical
cap radius r on the cantilever, and thus to the radius of its aperture,
for a theoretical applied pressure of 340 mbar. If the applied pres-
sure keeps increasing, the spherical cap surface radius R increases
again so that the internal Laplace pressure decreases. The applied
pressure suddenly becomes larger than the internal pressure, lead-
ing to a rapid increase of the gas flow towards the bubble, which
inflates in an unstable process as the Laplace internal pressure con-
tinues to decrease. The consequence is that the bubble rapidly
becomes too large to stay attached to the cantilever and rises up
in the solution due to the Archimedes force. This fully explains
the experimental behaviors observed, even if the observed maxi-
mum pressure that can be applied is closer to 250 mbar.

The method we propose here allows to produce small bubbles,
which have a constant size over time. This is possible because the
FluidFM system (controller, tubing and FluidFM chip) in our oper-
ating conditions contains a large volume of air (of several mL) at a
defined pressure. Given the small size of the bubbles produced, it
means that the volume of gas dissolving from the bubble is negli-
gible compared to this overall gas volume, which thus ensures that
the bubble diameter stays constant. In addition, the microfluidic
controller of the FluidFM regulates the applied pressure inside
the system; this regulation system this way refills any lost air.
Thanks to this steady supply of air, the diameter of the bubble pro-
duced is determined by the active pressure and surface tension,
and is not limited by the available volume of air, even if in our case,
it should be large enough to maintain the bubble constant over a
very long period of time. Another important aspect is that the bub-
bles produced are small, thus their interface is rigid, which means
that they should not deform during force spectroscopy experi-
ments. Bubble deformation has already been the subject of several
studies in the literature [22,27,41]. In a recent study, Ditscherlein
et al. calculated the bubble deformation using the Johnson-
Kendall-Roberts (JKR) theory. Their findings showed that the defor-
mation of the bubble depends on the applied force and for low
applied forces (below 50 nN), the deformation fits well with the
theoretical model especially for bubbles with smaller radii (below
60 lm) [22]. In our case, the bubbles produced have a maximum
radius R of 4 mm. Using the Laplace equation, we can calculate
the internal pressure of these bubbles which is over 400 mbar,
meaning that to deform the bubble, the pressure applied on it
needs to be more important than this value. We can convert this
pressure into a force applied, as the force corresponds to the pres-
sure multiplied by the surface area. Considering a sphere of 4 mm of
radius, we find that the force applied needed to deform the bubble
would be of 2000 nN. Because the bubbles produced by FluidFM
are small, stable and non-deformable, in force spectroscopy studies
the contact area between the bubble and the sample surface will be
the same at a given applied force, thereby allowing to accurately
measure interaction forces.

3.2. Bubbles produced behave like hydrophobic surfaces

Once the protocol for the formation of stable bubble validated,
we considered force spectroscopy experiments to investigate the
interactions between bubbles and surfaces (Fig. 3A). We focused
on hydrophobic surfaces because, when measuring the interactions
between bubbles and hydrophobic or hydrophilic silica particles,
Ducker and co-authors concluded that an air bubble in water is
likely to behave like a hydrophobic surface [19]. To verify this find-
ing, we first produced surfaces with different water contact angles
(WCA) by functionalizing flat gold coated surfaces with CH3- or
OH- terminated alkanethiols, as described in [35,42]. By mixing
the two different thiols in different proportions, it was possible
to obtain hydrophobic surfaces with a WCA ranging from 42.5 to
79.8�, as measured using the sessile drop method. The retract force

curves obtained on the different surfaces are shown in Fig. 3B. The
peaks observed are typical of non-specific interactions such as
hydrophobic interactions, and the adhesion force recorded
increases with the WCA of the surface. The quantification of these
adhesion forces is presented in Fig. 3C (adhesion forces values
obtained for each surfaces can be found in Supplementary
Table S1), where it is clear that increasing the WCA of the surfaces
results in an increase in the adhesion forces, from 36.4 ± 9.0 nN for
a surface with a WCA of 42.5�, to 268.3 ± 31.9 nN for a surface with
a WCA of 79.8�. We can also see on this histogram that small dif-
ferences in the WCAs measured resulted in important differences
in the adhesion forces recorded.

Ducker and co-workers in 1994, concluded from their experi-
ments that an air bubble in water interacts like a hydrophobic sur-
face [19] because of the presence of long-ranged attractive forces
visible on the force curves obtained between bubbles and
hydrophobic surfaces, which are longer ranged than expected from
the Derjaguin-Landau-Verwey-Overbeek (DLVO) theory. After that
several studies followed [2,43–45], notably the study of Fielden
et al., who also showed that when a bubble interacts with a
hydrophobic surface, a hydrophobic force is operating in addition
to DLVO forces [43]. Indeed, at close separation distances between
bubbles and surfaces, forces resulting from the electrical double-
layers (EDL) and van der Walls (VDW) interactions are expected
to be repulsive, thus if an attractive force between bubbles and sur-
faces is measured, it means that hydrophobic forces are significant
and that their range is longer compared to EDL forces and VDW.
What happens is that when the bubble approaches a hydrophobic
surface, an aqueous film will separate the two. While EDL and
VDW interactions are likely to stabilize this film, the strong attrac-
tion resulting from the hydrophobic interaction will lead to the
film breakage and the further bubble attachment to the surface
by the formation of a three-phase contact line (TPC, three phases
are surface, water, air) [46,47]. In our case, bubbles are negatively
charged [48], the gold surfaces produced are neutral at the pH con-
sidered (7.4 [49]), thus the electrostatic interactions are not attrac-
tive. Regarding the VDW forces, although not known for our
system, the Hamaker constant of the interactions air-water-
hydrocarbon is negative [50]. Considering that hydrocarbons are
hydrophobic as well as our surfaces, and because most studies
involving bubble attachment to hydrophobic surfaces consider a
negative Hamaker constant [51–54], then we can assume that
the VDW interaction is repulsive as well. On our approach force
curves, we do not observe any repulsive forces, on the contrary,
as the bubble approaches the surface, we observe a ‘‘jump-in”
reflecting the fact that the bubble gets suddenly attached to the
surface (Supplementary Fig. S3A). This jump-in, as in the previous
studies on bubble-hydrophobic surface interaction show, is most
likely due to a long-range hydrophobic force that causes the dis-
ruption of the water film and the formation of the TPC line, as illus-
trated in Supplementary Fig. S3B.

Considering this, we thus chose to confront our data to the JKR
theory [55], which allows to link the adhesion force to the work of
adhesion, which is, according to the Young equation, related to the
wettability of the surfaces, and thus to their WCA. More specifi-
cally, the JKR model describes the adhesion mechanism between
a spherical or curved particle (the bubble in our case) and a flat
surface (the hydrophobic samples in our case) in a medium (PBS
in our case) [56]. It predicts that:

Fadh ¼ 1:5pReWadh ð5Þ

where Fadh is the adhesion force recorded, Wadh the work of adhe-
sion, and Re is the effective radius of curvature of the bubble area
in contact with the sample surface (Inset in Fig. 3A). By simplifying
the equation and substituting the Wadh, the following linear equa-
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tion was obtained (detailed calculations can be found in Supple-
mentary text 1):

Fadh ¼ 330:1� 401:3cos hsample ð6Þ
Thus to verify the JKR theory in our case, we plotted the adhe-

sion force as a function of the cosine of the WCA of the samples, –
coshsample, as showed in Fig. 3D. Adhesion forces increase linearly
with–cosh, and the regression equation obtained is the following:

Fadh ¼ 326:6� 393:7cos hsample ð7Þ
Equation (6) agrees well with the regression equation (7) of

Fig. 3D. Thus our results show a good agreement between exper-
imental and theoretical adhesion forces, proving that indeed the
bubble probe behaves like a hydrophobic surface. This supports
and confirms the hypothesis that the attractive forces observed
between bubbles and hydrophobic surfaces are due to a
hydrophobic interactions. To further argument on this point,
we can compare our work to the one of Alsteens and co-
authors who used in 2007 hydrophobic tips to probe the local
hydrophobic forces on hydrophobic surfaces, by assembling
SAMs of alkanethiols on both tips and surfaces [42]. Their results
also showed a linear relation between the adhesion force and
the WCA, which also led them to conclude that the forces
probed were indeed hydrophobic forces. Note that the forces
ranges in the Alsteens study are smaller than it is the case here,
which is due to the difference in the contact area between tips
(tip radius is of ~20 nm) and bubbles (contact area radius
assumed to be of 1.2 mm). Overall, from our results obtained
on hydrophobic surfaces, we can conclude that the microbubble
probe that we produce using FluidFM is highly sensitive to dif-
ferentiate small changes in hydrophobicity, and represents a
new and easy method to sensitively and accurately measure
the hydrophobicity of complex systems such as cell surfaces
where WCA measurements are tricky or can give misleading
results.

3.3. The bubble probe is a valuable tool to measure the hydrophobicity
of cell surfaces

In the next steps we assessed the interactions between bubbles
and microorganisms in order to corroborate whether a bubble
probe can indeed be utilized to measure and differentiate the
hydrophobicity of living microorganisms’ surfaces, which com-
pared to the hydrophobic samples we produced, present a higher
complexity. To this end, we selected three different microorgan-
isms’ species relevant for their bio-medical or industrial implica-
tions i.e., a bacterial species (Pseudomonas aeruginosa), a yeast
species (Candida albicans) and a microalgae species (Chlorella vul-
garis) with different cell wall compositions and thus most probably
different hydrophobic properties. Cells were immobilized on glass-
slides coated with ConA or PEI depending on the species and the
interactions with bubbles formed by FluidFM were measured in
buffer at pH 7.4 (Fig. 4A, B and C). Based on the cell’s respective
sizes as well as on the size ratio between cells and bubbles, the
interactions were measured between bubbles and single C. albicans
(Fig. 4E) and C. vulgaris (Fig. 4F) cells, whereas they were measured
with a layer of cells in the case of P. aeruginosa (Fig. 4D). Indeed,
while for C. albicans (5–7 mm in diameter) and C. vulgaris
(3–5 mm in diameter) the cell size is in the same range as the bub-
ble size, in the case of P. aeruginosa, cells are relatively small com-
pared to the bubble (approximately 1 mm in width) and the bubble
could interact with the surface as well. For each species, the results
were acquired on 10 different cells for each microorganism coming
from at least three independent cultures. In the case of P. aerugi-
nosa cell layers, the retract force curves (n = 6250 force curves
obtained from 10 cells, inset in Fig. 4G) show no retract peaks,
which means that bubbles do not interact at all with P. aeruginosa
cell surface. In the case of C. albicans (Fig. 4H) a single peak occur-
ring at the contact point is visible on the force curves with an aver-
age adhesion force of 0.4 ± 0.2 nN (n = 5800 force curves obtained
from 10 cells, all adhesion values can be found in Supplementary

Fig. 3. Probing the interactions between bubbles and hydrophobic surfaces. (A) Schematic representation of the interaction between bubbles and hydrophobic surfaces. The
inset shows the bubble attachment on the hydrophobic surface and what the effective bubble radius corresponds to. (B) Representative force curves obtained for hydrophobic
surfaces with an increasing WCA. (C) Adhesion force histogram obtained for the interactions between bubbles and the different hydrophobic surfaces. For each surfaces, one
representative area on the surface is presented. (D) Graphic showing the variation of the adhesion force as a function of the cosine of the WCA.
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Table S2). A similar type of interaction was obtained for C. vulgaris-
microbubble interactions (Fig. 4I); however, in this case the aver-
age adhesion force recorded was of 4.2 ± 1.2 nN (n = 5800 force
curves obtained from 10 cells, all adhesion values can be found
in Supplementary Table S3), thus 10 times higher than for C. albi-
cans. Giving the shape of the retract peaks obtained on the force
curves (inset in Fig. 4H and 4I) for both C. albicans and C. vulgaris,
our results suggest that non-specific physico-chemical interactions
are involved, most probably reflecting the hydrophobic properties
of the cell surfaces. An interesting point to note is that the bubble
probe is able to detect forces as low as 0.4 nN, thus showing its
sensitivity. These experiments thus tend to prove that the bubble
probe produced using our method is indeed a valuable tool to mea-
sure the hydrophobicity of cell surfaces. In the case of C. vulgaris
and C. albicans, to confirm that the forces recorded are due to only
interactions with cells, we probed the interactions between bub-
bles and the surfaces they are immobilized on, i.e. PEI coated glass
slides for C. vulgaris and ConA coated glass slides for C. albicans. The
results presented in Supplementary Fig. S4 show that the average
adhesion force recorded between bubbles and ConA surfaces is of
212.4 ± 21.7 nN (Supplementary Fig. S4A, n = 2500 force curves)
whereas it is of 91.7 ± 39.7 nN (Supplementary Fig. S4B, n = 1416
force curves) for PEI surfaces. These adhesion forces are much
higher than the ones we attribute to cells (maximum 10 nN), thus
meaning that the bubbles produced with FluidFM have a diameter
small enough to probe single cells. This is an important advantage
of the FluidFM method we develop here, as understanding these
interactions with single cells is key to understand the complex

interplay of physico-chemical forces involved in their interactions
with bubbles [57].

As it was previously shown in the literature, the adhesion
between cells and bubbles may be hydrophobic but can further
be affected by pH, salt concentration or ionic strength [22]. To verify
if this is also the case with bubbles produced by FluidFM, additional
experiments were carried out with C. albicans to probe the interac-
tions between single bubbles and single cells at two different pH
(Fig. 5A and B) and at different salt concentrations (Fig. 5C). These
results are presented in Fig. 5. They show that when the pH is
decreased from 7.4 to 5.2, similar non-specific interactions are vis-
ible on the force curves but the adhesion forces recorded are higher:
while they are of 0.4 ± 0.2 nN at pH 7.4 (Fig. 5D), they increase to 6.
2 ± 2.5 nN at pH 5.2 (Fig. 5E, n = 6249 force curves, adhesion values
obtained for 10 cells can be found in Supplementary Table S4).
When we increase the salt concentration by adding 500 mM NaCl
in the buffer at pH 5.2, the charges present on the cells and bubbles
are shielded, which results in the decrease of the adhesion forces
recorded, from 6.2 ± 2.5 nN to 0.4 ± 0.2 nN in the presence of salts
(Fig. 5F, n = 1875 force curves, adhesion values obtained for 5 cells
can be found in Supplementary Table S5). These results are in line
with the previous literature on the interactions of bubbles with
yeast cells [22,23], as the interactions are also in our case influenced
by pH or ionic strength. This suggests that in addition to hydropho-
bic forces, potentially other types of non-specific interactions are
involved, such as electrostatic interactions.

It is interesting to see that the interactions between bubbles
and the different microorganisms result in different adhesion

Fig. 4. Probing the interactions between bubbles and microorganism. Schematic representation of (A) bubble – P. aeruginosa interaction, (B) bubble – C. albicans single cells
interactions and (C) bubble – C. vulgaris interactions. (D) Standard AFM vertical deflection image of P. aeruginosa cell layers, the inset is a zoom-in of one single cell. AFM
height images (E) of a single C. albicans cell and (F) of a single C. vulgaris cell. Adhesion force histograms obtained for (G) bubble – P. aeruginosa interactions, (H) bubble – C.
albicans single cells interactions and (I) bubble – C. vulgaris single cells interactions. In each case, 3 different cells are presented. Insets in panels (C), (F) and (I) show
representative force curves obtained in each case.

I. Demir, I. Lüchtefeld, C. Lemen et al. Journal of Colloid and Interface Science 604 (2021) 785–797

792



forces. In the case of P. aeruginosa, it is surprising that our experi-
ments show no interactions at all with bubbles, as based on the lit-
erature, our strain of P. aeruginosa (ATCC 27853) is supposed to
have a hydrophobic surface [58]. To find an answer to this, we
looked at the cell’s surface charge, which is negative [59]. The bub-
bles being also negatively charged in water, it is thus possible that
in this case, the electrostatic repulsion between bubbles and cells
may be dominant compared to the hydrophobic force. To evaluate
this, we looked at the approach curves obtained when the bubble
interacts with P. aeruginosa cells, presented in Supplementary
Fig. S5. Compared to the curves obtained on C. vulgaris or C. albi-
cans, we observe continuously increasing repulsive forces during
the approach with the bubble to the bacterial surface. These repul-
sive forces were recorded at a distance of more than 100 nm, thus
at longer range than the hydrophobic jump-in that we can see in
the case of C. vulgaris, and could very well be attributed to the
repulsion between the two negatively charged surfaces. What hap-
pens then is that the bubble can go to close contact with the cells
but the water film between the bubble and the cell is never rup-
tured and the TPC line never forms. Thus in the specific case of P.
aeruginosa, the fact that bubbles do not interact with cell surfaces
seem not to reflect its hydrophobic properties, but rather its elec-
tronegativity. Regarding the interactions with C. albicans, the
approach curves show no repulsive forces. C. albicans is known to
present a cell surface hydrophobicity [60,61]. Thus the adhesion
peaks visible on the retract force curves can be at first attributed
to hydrophobic interactions between cells and bubbles. However,
when the pH of the PBS buffer is decreased from 7.4 to 5.2, the
adhesion forces recorded are increased by a factor of 15. This can
be due to the fact that changes in the pH can have an impact on
the tertiary structure of surface proteins by denaturation, which
can lead to a change in the hydrophobicity of the cell surface
[22]. However, here also the surface charge of the cells should be
taken into consideration. Indeed, a study by Chen and co-workers
showed that C. albicans cells have a more negative global charge
at pH 7.4, of �26 mV, than at pH 5.2 (�15 mV) [62]. In our case,
it can thus mean that the decreased adhesion forces recorded at
pH 7.4 are due to the increased electrostatic repulsion with the

negatively charged bubbles. The role of electrostatic interactions
in the total force recorded is also confirmed by the experiments
we performed in the presence of 500 mM of salts, where the
charges present on the surfaces are screened, which resulted in
the decrease of the adhesion forces recorded. Thus in the case of
C. albicans, compared to P. aeruginosa, the electrostatic repulsion
does not dominate the hydrophobic force, but influences it in an
important manner. Thus the forces recorded between bubbles
and microorganisms result from a balance between electrostatic
repulsion and hydrophobic interaction. It is then probably also
the case for C. vulgaris, for which the approach force curves show
a jump-in that can be attributed to the hydrophobic force between
bubbles and cells, which is dominant compared to the electrostatic
repulsion. While the cell wall composition of C. vulgaris is not fully
known, studies have shown that C. vulgaris cells are hydrophobic
(hydrophobic proteins available on the cell wall) and negatively
charged at the pH considered (7.4) [63,64].

Altogether, if we compare the bubble probe to a hydrophobic
AFM tip like it was developed by Alsteens et al., the bubble probe
goes a step further towards the understanding of the interactions
between hydrophobic interfaces and cells, by taking into account
not only the hydrophobicity of the cell surfaces but also their
charge. This newmethod will thus be of great importance to design
or engineer processes in which such interactions take place. Let’s
give a concrete example; in cell separation processes by flotation
[65–67,9], using this method will allow to predict the efficiency
by determining if cells and bubbles will attach in large-scale
processes.

3.4. Interactions of cells with bubbles can be modulated

In 1994 Ducker and co-workers used sodium dodecylsulfate
(SDS), a surfactant that absorbs at the bubble surface to render it
hydrophilic. When probing the interactions with a silica sphere,
their results showed the removal of the hydrophobic force that
was taking place with clean bubbles [19]. These experiments were
the first to demonstrate that it is possible to modify the interaction
of bubbles by modifying their surface physico-chemical properties.

Fig. 5. Characterization of the interactions between bubbles and C. albicans cells. Schematic representation of (A) bubble – C. albicans interactions at pH 7.4, (B) bubble – C.
albicans interactions at pH 5.2 and (C) bubble – C. albicans interactions at pH 5.2 after addition of 500 mM of NaCl. Adhesion force histograms obtained for (D) bubble – C.
albicans interaction at pH 7.4, (E) bubble – C. albicans interaction at pH 5.2 and (F) bubble – C. albicans interaction at pH 5.2 after addition of 500 mM of NaCl. In each case, 3
different cells are presented. Insets in panels (D), (E) and (F) show representative force curves.
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Thus in order to modulate the interactions between bubbles and
cells, we decided to work on the possibility to functionalize the sur-
face of bubbles produced using FluidFMwithmolecules expected to
specifically interact with the cell wall. As a model experiment, we
first used a fluorescent surfactant for direct visualization of the
functionalization of the bubble interface. The strategy that we
developed to functionalize bubbles consists first in filling the
microchannel of the FluidFM probe with air and dipping it in a sur-
factant solution (Fig. 6A), followed by aspirating the amphiphilic
surfactant (fluorescent surfactant or colistin) inside the front of
the microchannel, by applying a negative pressure (Fig. 6B). The
filled cantilever is then immersed in a petri dish where the cells
are immobilized in buffer. The surfactant solution is locally released
by applying a positive pressure (Fig. 6C), leading to the formation of
a bubble when all the surfactant solution is out (Fig. 6D). Because of
the close proximity of the surfactants to the bubble, they directly
assemble at bubble surface. Moreover, the silanization process we
use to hydrophobize the cantilevers, under vacuum, allows also
the hydrophobization of the inside of the cantilever, thus the liquid
inside the cantilever can easily be ejected. The corresponding fluo-
rescence microscopy images are presented in Fig. 6E–G. Fig. 6E
shows a bottom-view of the cantilever filled with the fluorescent
surfactant at a pressure of 0 mbar with no bubble at the aperture
of the cantilever. When a pressure of 200 mbar is applied, the sur-
factants are ejected from the cantilever and a bubble forms at its
aperture. As it can be visualized in Fig. 6F the bubble produced is
fluorescent, which means that the fluorescent surfactants are pre-
sent at its surface. To verify the stability of the surfactant on the
gas/liquid interphase, time course images were taken using fluores-
cence microscopy for 15 min. The resulting image (Fig. 6G) shows
that the surfactant do not diffuse from the microbubble to its sur-
roundings, proving that the functionalized bubble is stable over
time and can be used in force spectroscopy.

While this model experiment demonstrates the possibility and
applicability of the microbubble functionalization process, we then
used this method to functionalize the bubbles with a molecule
allowing to modulate its interactions with cells. As in the case of
P. aeruginosa, bubbles do not interact with the cell wall, we thus
looked for an amphiphilic molecule able to bind specifically the cell
wall of this bacterial species. Colistin, also known as polymyxin E,
is a natural polycyclic antibacterial peptide which specifically
interacts with lipopolysaccharide (LPS) [68], the main component
of P. aeruginosa outer cell membrane. Moreover, colistin contains
both hydrophilic and hydrophobic moieties that gives it amphiphi-
lic properties. As a first step, we probed the interactions between
colistin functionalized directly on an AFM cantilever (concentra-
tion of 100 mg/L) and P. aeruginosa cells in single-molecule force
spectroscopy experiments (Fig. 7A). In this case the retract force
curves obtained show multiple retract adhesions on rather long
distances, with a maximum adhesion force of 332.1 ± 207.2 pN
(Fig. 7D and G n = 2346 force curves, adhesion values obtained
for 10 cell areas can be found in Supplementary Table S6). These
unfoldings can be attributed to the unfolding of surface polymers,
notably LPS, which interacts specifically with colistin at the surface
of tips. We then used colistin to functionalize the surface of bub-
bles (concentration of 20 mg/L, Fig. 7B); the interactions obtained
show a similar pattern as in the case of the functionalized AFM tips,
with similar unfoldings (Fig. 7E) and a maximum average adhesion
force of 590.0 ± 317.5 pN (Fig. 7H, n = 4560 force curves, adhesion
values obtained for 10 cell areas can be found in Supplementary
Table S7). While this force is in the same range as the one obtained
with functionalized tips, it is still almost two times higher. More-
over, in this case, the unfoldings events were recorded at longer
distances, up to 20 mm. Note that in this case, a 100 mm-long piezo
(CellHesion module) was used to reveal the full length of these
unfoldings. The fact that the unfolding pattern is similar on the

Fig. 6. Functionalizing bubbles using a fluorescent surfactant. Bottom view of a FluidFM probe (A) at an applied pressure of 10 mBar, (B) at an applied pressure of �800 mBar
to aspirate the liquid, (C) at an applied pressure of 200 mBar to locally dispense the liquid outside of the cantilver and (D) at an applied pressure of 200 mBar pressure when a
bubble forms after releasing all the liquid inside the cantilever. Fluorescence images of the bottom view of (E) a FluidFM probe containing surfactants at 0 mbar, (F) the same
FluidFM probe at 200 mbar with a bubble formed at its aperture and (D) after 15 min.
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force curves obtained with tips or with bubbles proves that colistin
molecules are present at the surface of the bubble and interact
with the bacterial surface. The difference in the adhesion force
and unfolding length between the tip and the bubble is attributed
to the difference in the contact area between the two systems. AFM
tips have an apex curvature radius smaller than 50 nm, thus the
contact area between colistin molecules and cells is smaller com-
pared to the bubble which has a much larger degree of curvature.
Thus in the case of bubbles, more LPS molecules are involved in the
interaction with more colistin, resulting in higher adhesion forces
and unfolding lengths. Finally the same 100 mm-long piezo was
used to probe the interactions between bubbles without colistin;
as it was already the case in the previous experiment with a classic
15 mm-long piezo (Fig. 4G), no interactions with the cells were
observed (Fig. 7C), as force curves shows no retract adhesion peaks
(Fig. 7F and I). Moreover in this case, the repulsive electrostatic
force that was visible on the force curves with clean bubbles were
not visible anymore. This is due to the fact that the presence col-
istin on the bubble surface changes its charge. In addition, as the
hydrophobic part of colistin most probably remains inside the bub-
ble, the hydrophilic part of it is exposed on the surface interacting
with the cells, thus, like in the case of SDS in Ducker’s work, ren-
dering the bubble hydrophilic. This is the reason why no
hydrophobic peak is visible on the force curves in this case; the
positive colistin molecules on the bubble interacts electrostatically
with the LPS, which is then unfolded from the cell surface upon
retraction, as proved by the long unfoldings visible on the retract
force curves. These results thus demonstrate that by functionaliz-
ing the bubble produced using FluidFM, it is possible to modulate
their interactions with cells.

To further prove the good functionalization of bubbles with col-
istin in these experiments, we characterized the functionalized
bubbles produced and found that at 200 mbar of pressure applied
in the cantilever, their perpendicular size H is of 2.3 mm instead of
3.2 mm as it is observed from the clean bubbles (Supplementary
Fig. S6). This change in the bubble size thus means that with col-
istin, the surface tension was modified. Using the Laplace equation,
it is easy, knowing the bubble dimension, to find the surface ten-
sion, which we estimate in this case at 47 mN/m. Knowing that
the surface tension of PBS is of 71 mN/m, this proves that the bub-
ble surface was indeed functionalized. However when we measure
the surface tension of a colistin solution at the concentration used
(20 mg/L), the surface tension is unchanged compared to PBS only.
This means that when using our procedure, all the colistin mole-
cules present in the solution aspirated in the cantilever concen-
trate locally at the bubble surface, changing the surface tension
and thus its dimensions for the same pressure applied. Note that
at colistin concentrations higher than 20 mg/L, no bubbles could
be formed, thus probably because of the too high local concentra-
tion of colistin. What happens is that as we increase the pressure,
the liquid gets ejected from the cantilever but not the colistin
molecules, which stay stuck at the gas/liquid interphase. This
ensures that no colistin molecules are free in the medium and con-
taminate the cell surface. Even if it was the case, given the small
volume of the colistin solution aspirated (approximately up to
400 fL), and because this is performed far away from the surface
(in the z-direction), the probability that we may measure the inter-
action between the bubble and colistin attached to the cell surface
is very low. This final step in our study is in fact a very important
step as here we provide the possibility to (i) modify easily the sur-

Fig. 7. Modulation of the interactions between bubbles and P. aeruginosa cells by colistin. Schematic representation of (A) colistin-coated AFM tips – P. aeruginosa cell layers
interactions, (B) colistin-coated bubbles – P. aeruginosa cell layers interactions and (C) clean bubbles – P. aeruginosa cell layers interactions. Representative force curves
obtained for (D) colistin-coated AFM tips – P. aeruginosa cell layers interactions, (E) colistin-coated bubbles – P. aeruginosa cell layers interactions using a 100-mm long piezo
and (F) clean bubbles – P. aeruginosa cell layers interactions using a 100-mm long piezo. Adhesion force histograms obtained for (G) colistin-coated AFM tips – P. aeruginosa
cell layers interactions, (H) colistin-coated bubbles – P. aeruginosa cell layers interactions using a 100-mm long piezo and (I) clean bubbles – P. aeruginosa cell layers
interactions using a 100-mm long piezo. In each case, 3 different cells are presented.
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face of the bubbles produced using FluidFM, and (ii) to show in
what way the modification of the bubble surface influences the
nature and strength of the interaction with cells. This has many
implications in the different fields were bubble-microorganisms
interactions take place.

4. Conclusions

Compared to existing AFM approaches, these new develop-
ments based on FluidFM allow to produce stable, microsized bub-
bles and to probe their interactions with abiotic surfaces and cell’s
interfaces. The fact that it is now possible to maintain the size of
bubbles constant over time is the main advantage of this new
method. Indeed, this ensures that the contact areas between bub-
bles and samples stay constant at a given applied force during force
spectroscopy experiments, allowing to record adhesion forces with
accuracy and reliability. While on hydrophobic samples, the results
show that bubbles behave like hydrophobic surfaces, the results
obtained on cells show that in addition to hydrophobic forces,
interactions are also influenced by electrostatic forces. This makes
this new method an ideal tool to apprehend all the complexity of
bubble-microorganisms interactions. Finally, we develop a strategy
to functionalize the surface of bubbles produced using FluidFM
with biomolecules and we show for the first time that these mod-
ifications modify their interactions with cells. This is a major
advancement as it will open the possibility to engineer bubbles
and this way exploit their full potential in various application
fields. For instance, our team is at the moment using this strategy
to engineer a new flotation process to harvest microalgae cells, by
functionalizing the bubble surface with amphiphilic chitosan, a
molecule that we have already shown to promote microalgae
aggregation [32]. In future projects, this strategy could also be used
to specifically separate cell populations from each other; for exam-
ple to separate bacterial cells from human blood cells in the case of
sepsis, but many other applications can now be envisioned.
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Abstract 

Context: This chapter is composed of a national collaborative work with Marion Schiavone 

from TBI (Toulouse/France) and Jérôme Esvan from Lallemand SAS (Toulouse/France). Marion 

has expertise on cell wall composition analysis where as Jérôme has expertise on XPS. 

Background: Understanding the cell wall of microalgae is critical since the cell wall represents 

the interface between the cell and its environment. The microalgae cell wall is a complex 

structure that is rigid and mechanically strong, protecting the cells from predators and harsh 

environmental conditions. Furthermore, the cell wall maintains the biological and 

biomechanical stability of the cell, considerably influencing its interaction with its 

environment. Despite this, in the case of microalgae, it still remains poorly understood due to 

the diversity in cell wall composition and structure among the multitude of microalgae species, 

and because of its characteristic of being a dynamic structure that changes with time and 

depending on environmental factors.  

Scope of the study: In this work we study the cell wall composition and dynamics of C. vulgaris 

under three conditions: exponential phase, stationary phase, and salt stress condition, all of 

which being relevant for industrial applications such as lipid production. The approach we 

design for this purpose combines three different methods. To begin, AFM is used to image 

cells, measure the cell wall roughness and investigate their nanomechanical characteristics 

depending on the conditions. Then XPS analysis provide a global picture of the cell wall 

composition, by allowing to quantify the relative proportions of the three main cell wall 

constituents, protein polysaccharides and lipids. Finally, to obtain a more detailed view of the 

polysaccharidic fraction that is the main one, chemical hydrolysis followed by HPLC was used 

to determine and quantify the different monosaccharides present in the cell wall. 

Major conclusions: The combination of these three techniques not only provides a 

comprehensive picture of the effects of culture conditions on the composition and dynamics 

of C. vulgaris cell wall, but also helps to understand the relationship between composition and 

architecture, as well as the effects of composition changes on cell surface biophysical 

properties. 
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Abstract 

The microalgae cell wall represents its interface with its environment and a strong barrier to disrupt in 

order to extract the cell’s products. Understanding its composition and architecture is a challenge that 

if overcome, could lead to substantial advancements in optimizing microalgae-production systems. 

However, the cell wall is a dynamic and complex structure that evolves depending on the growth phase 

or culture conditions. To apprehend this complexity, an experimental approach combining AFM, XPS, 

and chemical hydrolysis followed by HPAEC-PAD was developed to understand the cell wall of Chlorella 

vulgaris, a biotechnologically-relevant green microalgae species. Exponential and stationary growth 

stages were investigated, as well as saline stress condition inducing lipid production. Results showed 

that both the cell wall composition and architecture changes in stationary phase, with an increase of 

the lipidic fraction at the expanse of the proteic fraction, changes in the polysaccharidic composition, 

and a significant increase of its rigidity. Under saline stress, cell wall architecture seems to be affected 

as its rigidity decreases importantly. Altogether, this study demonstrates the power of combining these 

three techniques to give new insights into C. vulgaris cell wall, in terms of composition and 

architecture, and of its dynamics in different conditions. 
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Microalgae are unique microorganisms that convert light energy, water, and inorganic 

nutrients into a biomass resource rich in value-added products such as carbohydrates, proteins, or 

pigments [1]. In addition, microalgae are also highlighted as an alternative and renewable source of 

energy because of their important capacity to produce oil [1] that can be transformed into biofuel [2]. 

For this reason notably, a lot of attention has been paid to optimize culture conditions where the 

production of lipids by microalgae is maximized. For example, environmental stresses such as salinity 

increase, has been described to change the biomass composition and induce lipid accumulation in cells. 

For this reason, applying this type of stress, in different cultivation systems, has attracted a lot of 

interest for microalgae-based biofuel production [3]. In fact, high extracellular concentrations of Na+ 

directly influence the ionic balance inside cells and subsequently the cellular activities [4]. In particular, 

salinity stimulates the synthesis of storage neutral lipids, notably triacylglycerides (TAGs), produced as 

secondary metabolites and stored as energy reservoirs [5]. Then, in biofuel production systems, after 

cell harvesting, the lipids produced need to be extracted from cells, which is still a critical challenge 

that needs to be overcome by the industry and research community. For the moment, existing 

extraction techniques require a significant amount of chemicals or energy because of the chemically 

complex and structurally strong nature of microalgae cell walls [6]. Therefore, a better understanding 

of the ultrastructure and the composition of microalgae cell walls and their dynamics in different 

culture conditions, such as saline stress conditions, is needed to develop efficient and targeted 

extraction procedures of valuable intracellular products such as lipids. 

 The microalgae cell wall is a sophisticated structure, rigid and mechanically strong, which 

protects microalgae cells from predators and harsh environments [6]. In addition, the cell wall 

regulates the biological and biomechanical stability of the cell, influencing significantly its interaction 

with its surroundings [7]. But because of the diversity existing in cell wall composition and structure 

depending on microalgae strains, and because of its dynamics depending on culture conditions, the 

microalgae cell wall remains poorly understood. Yet, several studies have showed the development of 

methods to isolate microalgae cell walls and determine their composition. Most of these studies focus 

on determining the polysaccharidic composition of the cell wall, using a combination of mechanical 

disruption with chemical and/or enzymatic hydrolysis. For example, some studies applied mechanical 

disruption of cells to extract the cell walls, which were then treated using chemical treatments,  with 

LiCl [8] or with strong acids [9], or/and using enzymatic hydrolysis [10]. This way the authors hydrolyze 

the polysaccharides present in the cell wall, and can then identify the saccharidic monomers released 

using high performance liquid chromatography (HPLC) [9,10]. Using these methods, Canelli et al. 

reported differences in the cell wall saccharidic composition of cells in exponential phase and in 

stationary phase for C. vulgaris [9], meaning that the amount and profile of sugars of the cell wall of 

microalgae depend on the growth stage, thus highlighting the dynamics of microalgae cell wall 

composition. To determine the total and relative composition of microalgae cell walls (proteic, 

polysaccharidic, and lipidic fractions), other studies use surface characterization techniques such as 

Fourier-transform Infrared spectroscopy (FTIR) [11] or cryo-X-ray Photoelectron Spectroscopy (cryo-

XPS) [12,13]. For instance, a recent study by Shchukarev et al. could determine the surface composition 

in terms of polysaccharides, lipids and proteins of three different microalgae species, C. vulgaris, 

Coelastrella sp. and S. obliquus [13]. This study showed that the relative amounts of the different 

fractions were different for the three species considered, showing thus the diversity but most 

importantly the complexity of microalgae cell walls.  
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 However, while these techniques, HPLC-based polysaccharidic determination and XPS, have 

been used separately so far to study microalgae cell walls, their combination could result in a more 

complete understanding of the composition and dynamic characterization of microalgae cell walls. In 

addition, other surface characterization techniques could be used to probe microalgae cell walls, such 

as atomic force microscopy (AFM). AFM, first developed in 1986 [14], is a powerful tool to image cells 

with nanometer-scale resolution and probe their nanomechanical properties under liquid conditions. 

For cell wall characterization, such technique has been used notably with yeast cells to measure both 

the roughness and the rigidity of the cell wall; such measurements brought valuable information to 

understand the architecture of cell walls [15]. In the microalgae field, AFM has also proven to be an 

efficient technique to understand microalgae cells, their morphology, their nanomechanical 

properties, and their response to different conditions such as environmental stress [16].  

Among the wide variety of microalgae species, several have been considered for biofuel 

production, including Chlorella vulgaris. C. vulgaris, first discovered in 1890 by a Dutch researcher [17], 

is one of the most studied microalgae species mainly because of its biotechnological importance for 

the production of proteins used in nutrition and for biofuel production [18]. Indeed, C. vulgaris is a 

unicellular freshwater microalgae species able to accumulate significant amounts of lipids under 

specific culture conditions, with a fatty acid profile adapted for biofuel production [19,20]. In this study, 

we investigated the cell wall composition and dynamics of C. vulgaris in three different conditions: in 

exponential phase, stationary phase, and salinity stress condition (0.1 M NaCl). For that, the approach 

that we developed combined three types of analysis. First, AFM was used to image the cells and probe 

the cell wall roughness and nanomechanical properties. Then, XPS analysis was used to give a global 

view of the cell wall composition and determine this way the relative amounts of the three fractions, 

proteic, saccharidic, and lipidic. Finally, to give a complete view of the cell wall composition, chemical 

hydrolysis followed by HPLC was performed to determine the saccharidic composition of the cell wall. 

In the end, the combination of these three techniques allow to get a complete picture of the effects of 

culture condition on the cell wall composition and dynamics of C. vulgaris cell wall, but also to 

understand the link between composition and architecture and the effects of composition changes on 

cell surface biophysical properties. These results provide important information that can be further 

used to develop more efficient and targeted lipid extraction methods for industrial applications, but 

also to better apprehend the microalgae cell wall and its interaction with its environment.  

 

MATERIALS AND METHODS 

Microalgae strain and culture. The green freshwater microalgae Chlorella vulgaris strain CCAP 

211/11B (Culture Collection of Algae and Protozoa, Scotland, UK) was cultivated in sterile conditions 

in Wright’s cryptophyte (WC) medium prepared with deionized water, as previously described [21]. 

Cells were cultivated at 20°C, under 120 rpm agitation, in an incubator equipped with white neon light 

tubes providing illumination of approximately 40 µmol photons m-2 s-1, with a photoperiod of 18h light: 

6h dark. Exponential phase experiments were carried out with 7 days batch cultures, whereas 

stationary phase and salinity stress condition (0.1M NaCl) experiments were carried out with 21 days 

batch cultures. Cell growth was monitored (cell abundance) for three different cultures in each 

condition.  

AFM imaging. Before experiments, cells were first harvested by centrifugation  (3000 g, 3 min), washed 

two times in PBS at pH 7.4, and immobilized on polyethylenimine (PEI, Sigma-Aldrich P3143) coated 
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glass slides prepared as previously described [22]. AFM images of C. vulgaris cells were then recorded 

in PBS at pH 7.4, using the Quantitative Imaging mode available on the Nanowizard III AFM (Bruker, 

USA), with MSCT cantilevers (Bruker, nominal spring constant of 0.01 N/m). Images were recorded 

with a resolution of 150 pixels × 150 pixels, at an applied force of <1.0 nN and a constant 

approach/retract speed of 90 μm/s (z-range of 3 μm). In all cases the cantilevers spring constants were 

determined by the thermal noise method prior to imaging [23]. In each case, 3 cells were imaged. 

Roughness analyses. Roughness analyses were performed on C. vulgaris cells immobilized on 

positively charged glass slides (SuperfrostTM Plus adhesion, Epredia, USA). High resolution images of 

the cell walls were recorded in PBS using QI advanced imaging mode available on the Nanowizard III 

AFM (Bruker, USA), using MSCT cantilevers (Bruker, nominal spring constant of 0.01 N/m). In each case, 

13 cells coming from at least 2 independent culture were imaged and images were recorded with a 

resolution of 150 x 150 pixels using an applied force < 1 nN.  In all cases the cantilevers spring constants 

were determined by the thermal noise method prior to imaging [23]. The height images obtained were 

then analyzed using the Data Processing software (Bruker, USA) to determine the arithmetic average 

roughness (Ra)..  

Nanomechanical Analyses. For nanoindentation experiments, the AFM was used in force spectroscopy 

mode using an applied force comprised between 0.5 and 2 nN depending on the condition, with MSCT 

cantilevers (Bruker, nominal spring constant of 0.1 N/m). In each case, 12 cells coming from at least 3 

independent culture were analyzed (approximately 600 force curve for each cells, details are given in 

the Results and Discussion section). Young’s moduli were then calculated from the indentation curves 

obtained (50 nm long indentation segments were used) using the Hertz model in which the force F, 

indentation (δ), and Young’s modulus (Ym) follow equation 1, where α is the tip opening angle (17.5°), 

and υ the Poisson ratio (arbitrarily assumed to be 0.5). The cantilevers spring constants were 

determined by the thermal noise method [23]. 

 

𝐹 =
2 × 𝑌𝑚 × tan 𝛼

𝜋 × (1 − υ2) × 𝛿2
             (1) 

Isolation of microalgae cell walls. The isolation process is based on the study by Schiavone et al. [24]. 

Briefly, cells coming from at least 3 independent culture in each case were harvested by centrifugation 

(4700 g, 10 min) and washed 2 times with sterile deionized water. Then the pellets were resuspended 

in 10 mL of sterile water and transferred to a 15 mL falcon tube containing 2 g of acid washed glass 

beads (0.5 mm of diameter, Thermofisher, G8772-100G).  Cells were then disrupted using a Fastprep 

system (MP Biomedicals): 10 cycles of 20 s with intervals of 1 min were performed while keeping the 

pellets on ice. The cell suspension was directly collected, and the glass beads in the pellet were 

extensively washed with cold deionized water. The supernatant and washings were pooled and 

centrifuged at 4700 g for 15 min at 4 °C. The cell wall-containing pellet was again washed two times 

with cold deionized water. Then, pellets were frozen at -80°C and lyophilized in a freeze dryer until 

complete dryness. 

Acid hydrolysis of microalgae cell walls and quantification of carbohydrates by HPAEC-PAD. Sulphuric 

acid (72 %) hydrolysis of the cell wall was carried out as described previously [24,25]. Briefly the freeze-

dried biomass (10 mg) was suspended in 75 µL of 72% H2SO4 and vortexed to dissolved the powder. 

After 3 hours of incubation of the suspension at room temperature (20-25 °C) (vortex every 30 min) 

sample were diluted to reach 2N H2SO4 and incubated in a sand bath for 4 hours at 100°C (vortex every 
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1h). This was followed by a neutralization step with 40 g/L Ba(OH)2, then, samples were filled with 

water until 25 mL volume is reached. Finally the suspensions were centrifuged (10 min 3000 g) and 

supernatants were collected. The supernatant was filtered on a 0.2 µm Amicon and then was analyzed 

by high-performance anion exchange chromatography (HPAEC) on ICS 3000 system (Thermofisher 

Scientific, France). Separation of the released monosaccharides (glucose, galactose, rhamnose, 

arabinose, glucosamine, xylose, mannose) were performed on a CarboPac PA1 analytical column (250 

x 4 mm) with a guard column CarboPac PA1 using an isocratic elution at 18 mM NaOH (200 mM) for 

20 min at 1 mL/min and 25°C. After a washing step was performed with 200 mM NaOH for 5 min and 

300 mM sodium acetate in 200 mM NaOH for 10 min, following a cycle of equilibration of the column 

with 18 mM NaOH for 20 min. Sugar residues were detected on a pulsed amperometric system 

equipped with a gold electrode and a reference electrode (Ag/AgCl) using the method “Carbohydrate 

standard quadruple potential”. 

XPS analysis. The photoelectron emission spectra were recorded using a monochromatised Al Kalpha 

(hν = 1486.6 eV) source on a ThermoScientific K-Alpha system. The X-ray Spot size was about 400 µm. 

The Pass energy was fixed at 30 eV with a step of 0.1 eV for core levels and 160 eV for surveys (step 1 

eV) The spectrometer energy calibration was done using the Au 4f7/2 (83.9 ± 0.1 eV) and Cu 2p3/2 (932.8 

± 0.1 eV) photoelectron lines. XPS spectra were recorded in direct mode N (Ec) and the background 

signal was removed using the Shirley method. The flood Gun was used to neutralize charge effects on 

the top surface. For each condition, experiments were performed in triplicate on cell walls isolated 

from cells coming from at least 2 independent cultures were conducted. 

Protein quantification. Protein quantifications were performed with cells coming from at least 3 

independent cultures in each case using a bicinchoninic acid (BCA) protein assay kit (ThermoScientific, 

23225) according to Smith et al. [26]. Bovine serum albumin (BSA) was used as a standard and the 

protocol was followed at 60 °C for 30 minutes following the manufacturer guidelines. 

Hydrophobicity measurements. Hydrophobicity measurements were conducted using AFM and 

FluidFM as described in Demir et al. [27] Briefly, an air-bubble was produced using a Nanowizard III 

AFM (Bruker, USA), equipped with FluidFM technology (Cytosurge AG, Switzerland). Experiments were 

performed in PBS, using microfluidic micropipette probes with an aperture of 8 µm (spring constant of 

0.3, and 2 N/m, Cytosurge AG, Switzerland). The probes were calibrated using the thermal noise 

method prior to measurement.[23] C. vulgaris cells  were first harvested by centrifugation (3000 g, 3 

min), washed two times in PBS at pH 7.4 and immobilized on positively charged glass slides 

(SuperfrostTM Plus adhesion, Epredia, USA). Interactions between the formed bubbles at the aperture 

of the microfluidic micropipette probes and 8 cells coming from at least 2 independent culture were 

measured in force spectroscopy mode using a constant applied force of 1 nN. Force curves 

(approximately 625 force curve for each cell) were recorded with a retraction z-length of up to 3 µm 

and a constant retraction speed of 3.0-6.0 µm/s. The adhesion force between bubble and C. vulgaris 

cell wall corresponds to the height of the adhesion peak. 

Statistical analysis. Experimental results represent the mean ± standard deviation (SD) of at least three 

replicates. For each experiments, the number of replicates is indicated both in the Material and 

Methods section in the corresponding paragraphs, and in the Results and Discussion section. For large 

samples (n˃20 values) unpaired student t-test was used to evaluate if the differences between the 

conditions are significant. For small samples (n<20 values) non-parametric Mann and Whitney test was 

used to assess the differences. The differences were considered significant at p ˂0.05. 
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RESULTS AND DISCUSSION 

Influence of salinity stress on growth of C. vulgaris 

A first step in the study was to evaluate the effects of the culture conditions used on cell growth 

over time. For that, C. vulgaris cells were cultured during 30 days in normal conditions or under salinity 

stress; the optical density (OD) of the suspensions was measured every day to monitor cell growth. 

The results are presented in Figure 1. A first information from these growth curves is that both in 

control and in salinity stress condition, they do not show a lag phase, meaning that cells did not need 

time to adapt to the presence of salt in the medium. C. vulgaris cells cultured in standard conditions 

were in an exponential growth phase during 21 days, before reaching the stationary phase. However, 

when cells were cultivated under salinity stress, the exponential growth phase was significantly 

reduced to 15 days. Then cells stayed in stationary phase during 10 more days, after that cell 

concentration decreased by 15%, indicating partial cell death. This decline phase is not observed for 

cells cultivated in standard conditions. Studies in the literature have determined that the NaCl present 

in the medium, at a certain concentration, becomes toxic and reduces the growth, explaining the 

decline in saline stress condition. For instance Singh and coworkers reported similar growth curves 

patterns with a decline for C. vulgaris cells cultivated in saline stress conditions using, different salt 

concentrations [28]. These measurements thus show that culture conditions have an important impact 

on cell growth, and thus most likely on cell wall structure and composition. In addition, it has been 

showed that cells in stationary phase undergo a pH increase that modifies cell wall properties, such as 

composition [29] and architecture [22,30]. Thus in the next part of this work, we used AFM, XPS and 

chemical hydrolysis followed by HPLC to analyze the cell wall of cells grown in standard conditions in 

both exponential (7 days of culture) and stationary phase (21 days of culture), and of cells grown in 

saline stress (0.1 M of NaCl) during 21 days. Analysis of C. vulgaris cultivated with 0.1M NaCl (salinity 

stress condition) were performed at 21 days with stationary phase cells, where the highest difference 

in growth is observed compared to cells in cultured in normal conditions.  

Figure 1. C. vulgaris growth. Variation in cell abundance (cell/mL) measured over time for batch 

cultures of C. vulgaris in standard conditions (WC culture medium, blue curve) and in salinity stress 

condition (WC culture medium supplemented with 0.1 M NaCl, red curve). The black arrows indicate in 

each case the end of exponential phase and the beginning of stationary phase. 
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Probing the biophysical properties of cell surfaces in the different culture conditions using AFM  

Then in a next step, C. vulgaris cells grown in the different conditions described above were 

analyzed using AFM. For that, first, height images of the whole cells were obtained using a force 

spectroscopy-based imaging mode (Quantitative Imaging mode, QI [31]) with a resolution of 150 x 150 

pixels. Images are shown in Figure 2a, b and c for exponential phase, stationary phase and salinity 

stress condition respectively. For cells grown in standard conditions, no significant morphological 

changes could be observed between the two different growth stages (exponential phase and 

stationary phase). However, under saline stress, defects at the cell surface can be observed; the cell 

wall appears to rougher compared to cells grown in standard conditions. To quantify this, we then 

made zoom-in high resolution images on small areas on top of cells (300 nm x 300 nm) using QI imaging 

mode, as shown in Figure 2d, e and f for exponential phase, stationary phase and salinity stress 

condition respectively. The cross-sections (Figure 2g-i) taken along the white lines on these images 

show that surface morphology is modified both for stationary phase cells and saline stress cells 

compared to exponential phase cells. In the case of the salinity stress, even larger patterns are visible 

on the cross-section indicating a larger deformation of the cell surface. To quantify these deformations, 

the average roughness Ra of the surface was measured directly from the height images presented in 

Figure 2d-f. In each condition, roughness measurements were performed on 13 different C. vulgaris 

cells coming from at least two independent culture; the results are shown in the box plot in Figure 2j. 

This quantitative analysis shows that in exponential phase, cells have an average roughness of 1.1 ± 

0.4 nm which increases to 1.5 ± 0.7 nm in stationary phase and to 1.7 ± 1.2 nm in salinity stress 

condition. A statistical analysis (Mann-Whitney test) shows that these differences are not significant. 

This is in line with the existing literature; for instance, similar roughness values were also recorded for 

Dunaliella tertiolecta cells grown in exponential and stationary phase [32]. These results prove that the 

growth stage of cells does not have a significant effect on the cell surface roughness. However, when 

we compare the distribution of the roughness values measured in each case, in salinity stress condition 

the standard deviation is higher (1.2 nm) compared to stationary phase (0.7 nm) or exponential phase 

cells (0.4 nm). Thus even though the differences between conditions are not significant, still, applying 

a stress seem to increase the heterogeneity of the surface roughness values measured on different 

cells.  A modification of cell surface roughness for cells under stress condition has already been showed 

for other types of microorganisms. For example, Schiavone et al. studied the effects of ethanol stress 

on the yeast Saccharomyces cerevisiae and reported a 50% increase in cell surface roughness when 

cells were submitted to this stress [33]. In our case, the increase in the heterogeneity of the roughness 

values that we observe in salinity stress condition could indicate that more molecules protrude from 

the cell surface, as it was hypothesized in a previous AFM study on C. vulgaris [21] or that charged 

surface molecules get coiled because of the salt present in the medium which could also result in a 

change in surface roughness [34]. 

Other properties that we can measure using AFM to get information on the structure or 

architecture of the cell wall are the nanomechanical properties. To obtain quantitative information on 

the nanomechanical properties of C. vulgaris cell wall, we determined the Young’s modulus (Ym) using 

nanoindentation measurements (Figure 2 k and l). In this type of measurement, a cantilever with 

known mechanical properties, is pressed against the cell surface at a specific force. This allows 

extracting the Ym of the cell wall, in other words its compression resistance. The Ym is thus a value 

that reflects the cell wall rigidly; the higher the Ym value, the more rigid the cell wall. In this study, 

nanoindentation measurements, which provide access to force versus distance curves, were 
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performed on areas of 300 nm × 300 nm on top of cells, on 12 cells coming from at least three 

independent cultures. Ym values were then obtained first by converting the force curves into force 

versus indentation curves as shown in Figure 2k, and then by fitting them with a theoretical model, in 

our case, the Hertz model [35] (black circles on the curves in Figure 2k). Nanoindentation curves, 

obtained on cells in the different conditions, show a different slope, meaning that the AFM probe does 

not indent the same way in each case. For instance, it is able to indent deeper in exponential phase 

cells compared to stationary phase, meaning that this change in the growth phase increases the rigidity 

of the cell wall. The indentation is even deeper for cells cultured in salinity stress condition (21-days of 

culture) compared to stationary phase cells, showing that addition of salts have a direct impact on cell 

wall rigidity. Quantitative analysis of the Ym extracted from thousands of force curves recorded on 12 

cells in each condition confirm these findings and show that exponential phase cells have an average 

Ym of 981.6 ± 554.5 kPa (n = 6011 force curves), which increases to 2.1 ± 1.3 MPa for stationary phase 

cells (n = 6580 force curves, the difference is significant at a p-value of 0.05, unpaired t-test). These 

values are comparable with previous nanomechanical measurements performed on C. vulgaris [21]. 

Moreover, a difference in the rigidity of cells in the two growth phases has already been observed for 

another microalgae species: for instance Pillet and co-workers investigated the nanomechanical 

properties of D. tertiolecta in exponential and stationary phase and found that cells in stationary phase 

are softer [32]. These modifications of rigidity over time can be explained by the fact that the pH of 

microalgae cultures changes with time. Indeed, several studies have showed that pH changes have a 

direct effect on microalgae cell wall nanomechanical properties [21,30]. For instance in our case, in 

normal conditions, the initial pH of C. vulgaris cultures is of 7.8, and then increases to 9.0 at the end of 

exponential phase (7 days) and to 8.5 in stationary phase (21 days). For cells submitted to saline stress, 

the Ym value this time drops to 433.2 ± 415.9 kPa (n = 7005 force curves, the difference is significant 

at a p-value of 0.05, unpaired t-test). This difference in the Ym value in this case can be explained by 

the direct impact of the environmental stress on the cell wall, as other studies have showed. For 

example, Yap et al. found that Chlorococcum sp. cells submitted to a N-deprivation had a Ym 

approximately 30% higher than for N-replete cells [36]. However, it could also be due to the osmotic 

pressure; in this saline condition, water may flow out of the cell, thereby changing its turgor pressure 

and thus the Ym of the cell wall [37]. To verify this point, we measured the diameter of different cells 

in all three conditions; no significant difference in the diameters measured were observed 

(Supplementary Figure S1). To understand if the changes observed in the roughness or in the rigidity 

of cells in stationary phase can be linked to the cell wall architecture, we need to determine the 

biochemical cell wall composition. Such correlation between cell surface biophysical properties and 

cell wall composition has been made already for different microorganisms such as yeasts [15], and 

might also be true in the case of this study.  
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Figure 2. Roughness and nanomechanics of C. vulgaris cell wall. AFM images of single C. vulgaris cell 

in a) exponential phase b) stationary phase and c) salinity stress condition. AFM height images recorded 

on an area of 300 nm x 300 nm on top of cells in d) exponential phase e) stationary phase and f) salinity 

stress condition. g), h) and i) are cross-section taken along the white lines in d), e) and f) respectively. 

j) is a box plot showing the distribution of C. vulgaris surface roughness in exponential phase (green 

box), stationary phase (red box) and salinity stress conditions (blue box). k) Indentation curves (green, 

red and blue lines) fitted with the Hertz model on a 50 nm indentation segment (black lines) recorded 

on top of C. vulgaris cells in exponential phase (green curve), stationary phase (red curve) and salinity 

stress conditions (blue curve). l) Boxplot showing the distribution of Young’s modulus values measured 

on top of C. vulgaris cells in exponential phase (green box), stationary phase (red box) and salinity stress 

conditions (blue box). 

Biochemical composition of microalgae C. vulgaris cells based on XPS  

Thus to explore the biochemical composition of C. vulgaris cell wall depending on the different 

culture conditions used in this study, we used XPS. XPS technique quantitatively measures the 

elemental composition of a surface, biotic or abiotic, including the chemical functionalities in which 

the elements are involved [38]. XPS has proven to be a powerful technique to determine the cell wall 
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composition of yeast and bacteria; in the case of microalgae, the few available studies use cryo-XPS, 

whose difference with conventional XPS relies in the sample preparation procedure.18 In the case of 

our study, the XPS analysis were performed on isolated freeze-dried cell walls. Because of XPS probing 

depth of less than 10 nm, and the thickness of C. vulgaris cell wall being of approximately 60 nm [6], 

using whole cells would provide information only on the near-surface region of cell wall. This is why 

we chose to work with isolated cell walls: by performing several measurements for each conditions we 

can this way have a more global information on the composition of the whole cell wall as they are 

mixed and not only its surface. On XPS spectra, the position of the XPS peak is known to be dependent 

on the chemical environment of the element, the binding energy having a tendency to decrease as the 

electron density on the atom increases [39]. XPS overall spectra to identify the elements are shown in 

supplementary Figure S2. Moreover, carbon, nitrogen and oxygen spectra and elemental atomic 

percentages obtained for cells in exponential phase, stationary phase and salinity stress conditions are 

presented in Supplementary Figures S3, S4 and S5 as well as Tables S1, S2 and S3 respectively. Figure 

3 presents the XPS carbon 1s spectra recorded on C. vulgaris cells in exponential phase, in stationary 

phase and in salinity stress condition. The positions, relative intensities and average atomic 

percentages (out of three replicates) of the carbon peaks are presented in the spectra.  

Figure 3. XPS analysis of C. vulgaris cell wall. Carbon 1s peaks recorded on C. vulgaris cell walls isolated 

from cells grown in standard condition in a) exponential phase, b) stationary phase and c) salinity stress 

condition. Average atomic percentages and standard deviations were calculated from triplicates (n=3) 

In each case, one spectra representative of all the measurements performed is presented; the 

mean atomic percentages obtained for the three different measurements performed in each 

conditions are indicated. Exponential phase, stationary phase and salinity stress condition showed 

reproducible surface composition between the different cultures; the standard deviations obtained 
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for the atomic percentages reflect the normal heterogeneity found between different biological 

cultures. The average atomic percentage of C–C components increases by a factor of 2 from 

exponential phase (28.2 ± 6.4) to stationary phase (60.2 ± 6.4), and then slightly decreases from 

stationary phase to salinity stress condition (56.8 ± 8.2). Regarding C-O components, their average 

atomic percentage decreases by a factor of 1.6 from exponential phase (23.4 ± 2.2) to both stationary 

phase (14.9 ± 2.4) and salinity stress condition (14.6 ± 2.5). C=O components stay relatively constant 

between the three conditions, while the atomic percentage of O-C=O components is 15 times higher 

in exponential phase (0.3 ± 0.0) compared to stationary phase (4.5 ± 0.4), and slightly further increases 

when cells are exposed to salinity stress condition (4.7 ± 2.4). To understand the implications of these 

changes in terms of cell wall composition, we analyzed the XPS data using theoretical models 

developed by Rouxhet and coworkers [39]. For many biological systems, including the microalgae cell 

wall, three main classes of model compounds can be considered: proteins (Pr), polysaccharides (Po), 

and lipids (HC). The authors proposed a set of equations that allows to evaluate the proportion of 

carbon associated with these three model compounds, based on the three main components of the 

carbon peak. This model predicts that:  

                                                    [𝐶 = 𝑂/𝐶]𝑜𝑏𝑠 = 0.279 [𝑃𝑟] + 0.167 [𝑃𝑜]                    (2) 

                                                       

                                                     [C − (O, N)/C] 𝑜𝑏𝑠 =  0.293[𝑃𝑟] + 0.833[𝑃𝑜]             (3) 

                                                         

                                                     [C − (C, H)] 𝑜𝑏𝑠 =  0.428[𝑃𝑟] + [𝐻𝐶]                            (4) 

 

Simultaneously solving these carbon base equations gives the proportion of proteins, polysaccharides 

and lipids present in the cell wall of C. vulgaris in exponential phase, stationary phase and salinity stress 

condition; the results obtained are presented in Figure 4 and summarized in Supplementary Table 4.   

Figure 4. Biochemical composition of C. vulgaris cell wall.  This histogram shows the relative 

proportions of carbon associated with lipids, polysaccharides and proteins in the cell wall of cells in 

exponential phase, stationary phase and salinity stress condition (0.1M NaCl). The XPS values are here 

normalized to 100% using a calculation based on the carbon concentration in each type of constituent 

(mmol of carbon/g of constituent) [39] and represent the relative proportion of the corresponding 

compounds. The error bars indicate the deviation from the average of the triplicates (n=3).  
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In exponential phase, the dominant constituents in the cell wall of C. vulgaris are proteins (41.4 

± 9.2%) and polysaccharides (39.7 ± 3.5%). This is in line with the study by Shchukarev et al., where the 

authors also found that these compounds were predominant in the cell wall of C. vulgaris using cryo-

XPS [13]. With aging from exponential phase to stationary phase, the difference in the cell wall 

composition is pronounced. The lipid content increases by a 3.0-fold at the expanse of a 3.5-fold 

decrease in the protein content. The polysaccharide proportion decreases as well but in a non-

significant manner. This increase in the lipid content is even more pronounced with cells exposed to 

the saline stress, in this case also at the expanse of a decrease in the protein content. The proportion 

of polysaccharides, as for it, remains approximately the same compared to stationary phase cells.  To 

make sure these analysis are correct, we also determined the protein concentration in the cell walls 

from cells in the three conditions using an assay kit. The results obtained (Supplementary Figure S6) 

showed that the highest protein concentration is observed for exponential phase cells and decreases 

importantly, in the same proportions than observed using XPS, for stationary phase and salinity stress 

condition. This additional experiment thus gives confidence in the validity of the XPS measurements 

performed.  

These results are quite interesting. Indeed, it has been showed by multiple studies that salt 

stress induces the accumulation of lipids in C. vulgaris, more specifically of storage neutral lipids (TAG) 

[40,41]. These neutral lipids are present in the cells as droplets in the chloroplast matrix and in the 

cytoplasm [42]. Thus by definition, they should not be present in the cell wall. The lipids that have a 

structural role and that are located on the cell wall are polar lipids, which are mainly phospholipids 

and glycolipids. But while the effects of salinity stress on storage lipid accumulation has been 

investigated before, its effects on the production of polar lipids composing the cell wall has never been 

studied, as far as we know. The XPS data obtained here seem to indicate that their production is also 

increased in stationary phase or under salinity stress. To prove this, a way is to evaluate the 

hydrophobic properties of the cell wall, as lipids are the only components that can provide hydrophobic 

properties to cells. Indeed, polysaccharides are hydrophilic, and while proteins could also have 

hydrophobic properties, their relative fraction in the cell wall in stationary phase and in salinity stress 

condition is small, making it unlikely that they could participate in a significant manner to the 

hydrophobicity of the cell wall. Hydrophobic organic material are mostly composed of large fractions 

of aliphatic or aromatic substances. Thus the ratio of aliphatic carbon components to the total carbon 

in the C1 spectra can be directly linked to the hydrophobicity of the surface [39,43,13]. This method to 

determine hydrophobicity has already been applied in different studies, for example, to compare the 

hydrophobicity of bacteria between aqueous phase and organic phase [43], or to compare the relative 

hydrophobicities of different microalgae species [13]. In the case of our study, the aliphatic content in 

C. vulgaris in exponential phase corresponds to 42.9 ± 7.0 % of the total carbon, which is lower than 

for the other two conditions, where the ratios are of 71.9 ± 5.1% in stationary phase and of 70.3 ± 7.2 

% in salinity stress condition. This means that cells are more hydrophobic in stationary phase and 

salinity stress condition compared to exponential phase, most likely because of the increased amount 

of lipids present in the cell wall in these conditions.  

To confirm the XPS data and further prove that the amount of structural lipids in the cell wall 

is increased in stationary phase and salinity stress conditions, we performed another type of 

experiments to evidence their presence in the cell wall. For that, we probed the hydrophobic 

properties of the surface of living cells in the different conditions using a method recently developed 

in our team based on FluidFM [44], which combines AFM and microfluidics. It consists in producing a 
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bubble at the aperture of a FluidFM cantilever, and probing its interactions with cells in force 

spectroscopy experiments [27]. As bubbles in water behave like hydrophobic surfaces, the interactions 

recorded directly reflect the hydrophobic properties of cells. The higher the adhesion force, the more 

hydrophobic the surface is. The results are presented in Figure 5, a schematic representation of the 

experiment’s principle is shown in Figure 5a. For cells in exponential phase, force curves show a single 

retract peak at the contact point, typical of hydrophobic interactions [45], (inset in Figure 5b) with an 

average force of 3.7 ± 0.7 nN (Figure 5b, n= 4950 force curves obtained from 8 cells coming from 2 

independent cultures). The same type of adhesion peak is observed in stationary phase and in saline 

stress conditions, but in these cases, the adhesion force is increased to 4.9 ± 0.8 nN for cells in 

exponential phase (Figure 5c, n= 4938 force curves obtained from 8 cells coming from 2 independent 

cultures), and to 5.6 ± 1.1 nN in saline stress conditions. (Figure 5d, n= 4774 force curves obtained 

from 8 cells coming from 2 independent cultures). These values are all significantly different at a p-

value < 0.05 (unpaired student test). These results are important; they were performed on live cells 

cultivated in the different conditions used in this study, and also show that cells are more hydrophobic 

and thus that more lipids are present in stationary phase and in saline stress conditions. Thus they 

confirm the XPS data obtained and indeed, in these conditions, not only the production of storage 

lipids by the cells is increased, but also the production of structural lipids present in the cell wall.  

Figure 5. Probing the hydrophobic properties of C. vulgaris cell wall. a) Schematic representation of 

the experiment’s principle: the interactions between bubbles produced at the aperture of FluidFM 

cantilevers and C. vulgaris cells immobilized on a surface are probed in force spectroscopy mode. 

Adhesion force histogram obtained between bubble and C. vulgaris cells in b) exponential phase c) 

stationary phase and d) salinity stress condition. Insets in b), c) and d) show representative force curves 

obtained in each case.   

Regarding the variations observed in the proteic content in the cell wall, the decrease of this 

fraction can be explained by the fact that in stationary phase or under salt stress condition, the 

photosynthesis is inhibited [46]. This has for consequence to decrease the chlorophyll content in cells 
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which results in cell growth inhibition, as we could observe on the growth curves (Figure 1), but also 

in the decrease of the proteic content of cells. This has already been showed for C. vulgaris cells 

submitted to the same saline stress (0.1 M) as in this study [28]. In addition, a genomic study has 

showed that under saline stress conditions, the expression of a large number of genes was down-

regulated, in particular genes involved in the photosystem light-harvesting pathways as well as genes 

involved in protein synthesis and stability [47].  

Altogether collecting these information on the cell wall composition allows understanding 

better the biophysical observations made with AFM in terms of cell wall roughness and rigidity. For 

instance, XPS results show that the proportion of polysaccharides does not vary much; polysaccharides 

are long polymers that can be exposed at the outer surface of cells, and thus which can be responsible 

for the cell wall roughness [48,49]. Our AFM data showed no significant difference in the roughness 

between the three conditions; this could perhaps be due to the fact that the proportion of this fraction 

remains similar in the different conditions tested. Also the rigidity of cells in stationary phase is 

significantly more important than for cells in exponential phase; in this case the change in the rigidity 

can be attributed to the different cell wall composition between these two conditions. This is an 

interesting point because it shows that the cell wall is a dynamic and complex structure able to 

rearrange during the growth of cells. Cells in stationary phase and in saline conditions have a similar 

cell wall composition, but a very different rigidity. In saline condition, the decrease in the rigidity of 

the cells can probably be mainly attributed to a decrease of turgor pressure. However, another 

hypothesis could also be that in this case, because of the environmental stress applied, the cell wall 

rearranges with a different architecture than for cells in stationary phase. This different architecture, 

for a same composition, could also contribute to the variation in the rigidity observed. Thus taken 

together, the combination of XPS data with AFM analysis of the cell wall enlightens its complexity and 

dynamics. These are important information for example to optimize disruption procedures to extract 

the lipid content of cells. For instance, if mechanical disruption is used, using a saline stress on cells to 

produce lipids might be a better alternative; cells are less rigid in this condition and can be more easily 

ruptured. In addition, different disruption procedures using enzymatic degradations, or a combination 

of enzymatic degradation and mechanical rupturing can be used; to optimize such procedures and 

select adapted enzymes, more information is needed on the polysaccharides present in the cell wall. 

The saccharidic composition of C. vulgaris cell wall is influenced by the growth phase and culture 

conditions 

Thus to determine the polysaccharidic composition of the cell wall of C. vulgaris in the different 

conditions, isolated cell walls were used for acid hydrolysis using the well-known concentrated sulfuric 

acid method. The monosaccharide composition of microalgae cell walls is reported in Figure 6 (HPAEC-

PAD spectra are presented in Supplementary Figure S3); in this figure the monomer concentrations are 

expressed as (w/w) mg of monomer per gram of dry cell wall (DCW). Our results show that C. vulgaris 

cell wall is composed predominantly of glucose followed by galactose, rhamnose, arabinose and 

glucosamine. Other monosaccharides are also present but in smaller amounts; xylose and mannose, 

although for those, the peaks on the spectra overlap (see HPAEC-PAD spectra in Supplementary Figure 

S3), meaning that their quantification is not feasible. Glucose and galactose represent the main 

components of C. vulgaris carbohydrates biomass in all three conditions, and account for 78% of the 

total amount of cell wall carbohydrates in stationary phase and in salinity stress conditions, and for 

86% in exponential phase. Therefore, the main composition changes taking place in the different 
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conditions thus concern these two sugars. Indeed, glucose concentration drops from 96.0 mg/g in 

exponential phase to 55.3 mg/g in stationary phase and 40.1 mg/g in saline stress condition. While the 

relative quantities are less important for galactose, the same tendency is observed, the concentration 

decreases from 18.4 mg/g  for exponential phase cells to 12.8 mg/g and 9.8 mg/g for stationary phase 

and salinity stress conditions cells respectively. The concentrations of the other monosaccharides 

present, rhamnose, arabinose and glucosamine remain almost the same in the different conditions. 

Regarding xylose and mannose, while no concentration values can be given in this case, the 

comparison of the total peak area (combination of xylose and mannose) shows an increase of almost 

80% in the total concentration of these sugar from exponential to stationary phase and then shows a 

decrease of almost 50% from stationary phase to salinity stress condition. As already mentioned the 

protein concentration was determined using the bicinchoninic acid method (Supplementary Figure S6), 

thus the proportion of lipids can be deduced. These proportions obtained based on these results are 

presented in Supplementary Figure S8; they follow the same pattern than what was obtained using 

XPS data, thus confirming the validity of our observations. Note that the percentages obtained for each 

fractions are different in the two cases because of the two different modes of calculation used, but the 

relative differences between the two techniques are similar showing the robustness of our analysis.  

Figure 6: Monosaccharide composition of C. vulgaris cell wall in exponential phase, stationary phase 

and salinity stress condition (0.1M NaCl). The composition is expressed as milligram of monomer per 

gram of dry cell wall. The error bars indicate the deviation of the triplicates (n=3) from the average.  

Different studies in the literature have analyzed the monosaccharidic composition of 

microalgae cell walls using similar experimental approaches. For example, in line with our findings, 

high glucose and galactose concentrations have also been reported by other authors in the case of C. 

vulgaris [9,50]. However, on the same microalgae species C. vulgaris, a study by Canelli et al. shows 

that the growth stage has no major effect on the monosaccharide composition [9]. This is different to 

what we observe here, however, in this study, a different strain of C. vulgaris was used, in different 

culture conditions. In the case of yeast microorganisms, it has been showed that the strains used, as 

well as their harvesting time play a critical role in the composition of the cell wall [51], thus the 

differences between our results and the study by Canelli et al. might be only due to these two 

parameters. This hypothesis is further comforted by a study performed on another microalgae species 

that shows that strain and culture conditions have an effect on the full biomass composition [52]. In 
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addition, for different microalgae species, different compositions were reported at different growth 

phase. For example,  major changes were observed in Thalassiosira pseudonana, where an increase in 

ribose, galactose, and mannose and a significant decrease of glucose [53] were reported for stationary 

phase cells. Additionally, in our case, cells in stationary phase and in saline stress conditions may have 

started consuming intercellular carbohydrate depositories, which could decrease the glucose fraction 

in the cell wall [9].  

In these experiments, the polysaccharides present in the cell wall are hydrolyzed into 

monosaccharides. Identifying them however does not allow determining the polysaccharides they 

come from, which could be an interesting information to obtain if further cell wall degradations 

processes are developed to extract the cell’s contents.  One way to identify the polysaccharides that 

could be present in the cell wall is to hydrolyze them with specific enzymes; if the substrate of the 

enzyme is present, the enzyme will release monosaccharides that can be detected by further HPLC 

analysis. So far, such studies have not been performed on microalgae cells walls, however, one study 

by Gerken et al. in 2013 consisted in treating cells on agar plates with specific enzymes; in this case an 

inhibition of cell growth was linked to the presence or not of their substrates in the cell wall [6]. Their 

work included the strain of C. vulgaris used in this study (strain CCAP211/11B); the main enzymes the 

authors identified as inhibiting cell growth for this strain are listed in Table 2. The polysaccharides that 

these enzymes hydrolyze and their corresponding monomers are also listed in this table. Hydrolysis 

with chitinase, chitosanase and lysozyme results in the release of the same monomer called 

glucosamine, which was identified in our experiments. This means that either chitin or chitosan 

(acetylated form of chitin) can be present in the cell wall of our strain. However, in Gerken’s study, 

chitosanase, which is specific to chitosan, only partially inhibited cell growth which could mean that 

perhaps chitin is the main form present in the cell wall of our cells. This could also mean that another 

type of glucosamine-based polymer is present: for instance, Canelli et al. stated that in stationary 

phase, a microfibrillar chitosan-like layer composed of glucosamine is present in C. vulgaris cell wall 

[9]. Lyzozyme can hydrolyze various substrates among which chitin and chitosan, but as stated in 

Gerken’s study, chitinase and lysozyme have different activities towards C. vulgaris cell wall, and the 

activity of lysozyme is required to expose other polymers in stationary phase cells. This thus may be in 

line with the findings of Canelli et al. and the glucosamine present in our cells, in stationary phase at 

least, could rather indicate the presence of another chitosan-like polymer. According to Gerken’s 

study, another enzyme that completely inhibited C. vulgaris cell growth is β-glucuronidase, however, 

we did not detect its corresponding monomer (glucuronic acid) in the cell wall. Either its concentration 

is lower than the limit of detection of our HPLC system, or the polysaccharides it hydrolyzes, 

glucuronides, are not present in our cells perhaps because of different culture conditions between 

Gerken’s and our study. Further, laminarinase, which can hydrolyze β-glucans into glucose monomers, 

has also been showed to completely inhibit C. vulgaris cell growth. Glucose is the most abundant 

monomer that we find in our experiments in all conditions. Thus this could mean that β-glucans form 

a large part of the polysaccharidic fraction of the cell wall, and the slight decrease in polysaccharides 

that we observe in stationary phase and in saline stress conditions compared to exponential phase 

(XPS data) may be due to the decrease in these conditions of these types of polysaccharides. Glucose 

is also the monomer constituting cellulose, however, Gerken et al. found that cellulase enzyme had no 

activity on C. vulgaris cells, meaning that this strain most likely does not contain cellulose, in contrast 

with other microalgae species [9,54]. Finally, the activity of pectinase and sulphatase enzymes found 

by Gerken et al., could explain the presence of rhamnose, arabinose and galactose in our analysis, 
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which could be part of pectic substances (rhamnose and arabinose) and of proteoglycans or 

glycosaminoglycans (galactose). Concerning the mannose and xylose that we found in our HPLC 

analysis, they could be coming from the degradation of mannoproteins or of hemicellulose. Despite 

the fact that some authors note the presence of hemicelluloses in cell wall of Chlorella sp., there is no 

consensus on the type of hemicelluloses present in these cells [55]. 

Altogether, determining the saccharidic composition of the cell wall in this study allows to 

enhance our understanding of the cell wall. By comparing our data to the existing literature, we can 

make strong hypothesis on the polysaccharides present in the cell wall, which is an important point to 

understand the cell wall and develop strategies to disrupt it, for example through enzymatic 

degradations. Indeed, these disruption methods have been shown to consume less energy than 

mechanical or thermal treatments, and have already been successfully used for different types of 

microalgae [56]. In addition, as polysaccharides are often present directly at the cell surface, these 

hypothesis can also be important to understand the interacting behavior of cells, which can be 

determinant for example in harvesting processes using flocculation [21]. 

 

Table 1: Hypothesis on the polysaccharides present in C. vulgaris cell wall, formulated based on the 

enzymes that have been shown to inhibit cell growth by Gerken et al. [6]. The last column refers to 

references where it was found that the degradation of the corresponding polysaccharides led to the 

release of the monomers indicated.  

Enzyme [6] Polysaccharide Monomer Reference 

Chitinase 
(+++) 

chitin 
N-acetyl-D-glucosamine 

(GlcNAc) 
[57] 

Chitosanase 
(++) 

chitosan 
oligosaccharides 

β -(1,4) –D glucosamine [58] 

Lysozyme 
(+++) 

Peptidoglycan 
lipoproteins, 

lipopolysaccharides 
(LPS), and some 

hydrophobic peptides 

N-acetylglucosamine N-
acetyl muramic acid 

[59,60] 

Β-Glucuronidase 
(+++) 

Glucuronide/ β-
glucuronides 

Glucuronic Acid [61] 

Laminarinase 
(+++) 

β-glucans Glucose [62] 

Pectinase 
(+++) 

Pectic substances; 
pectin, protopectin and 

pectic acids 

Rhamnose 
arabinan,  galactan  or  

arabinogalactan 
[63] 

Sulphatase 
(+++) 

Proteoglycans, 
glycosaminoglycans 

galactose [64,65] 

 

CONCLUSIONS 

 In this work, three different techniques, AFM, XPS and chemical hydrolysis followed by HPAEC-

PAD, were used to analyze C. vulgaris cell wall in different conditions relevant for the production of 

lipids used for biofuel production. The combination of these methods is original and has provided 

different information, which, taken together, has allowed to get new insights into the complexity of C. 

vulgaris cell wall and its dynamics depending on growth phase and culture conditions. For instance, we 
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could show that in exponential phase, the cell wall is composed in similar proportions (approximately 

40%) of polysaccharides (mainly glucose and galactose-based polysaccharides) and proteins and also 

contained around 20% of lipids. These proportions change with the growth phase; the cell wall evolves 

during growth and its composition changes with a large increase of lipids at the expanse of proteins.  

While the polysaccharidic fraction stays constant, the composition of this fraction also changes, with a 

decrease of glucose and galactose-based polymers. This composition variation is accompanied by an 

architectural changes that could be determined by probing the nanomechanical properties of the cell 

wall, which becomes significantly more rigid in stationary phase compared to exponential phase. 

Finally, when cells are submitted to a saline stress, their cell wall has a similar composition than for 

stationary phase cells but interestingly, it seems that the architecture of the cell wall is affected by the 

stress as they become a lot softer. Although in this case, the loss of turgor pressure induced by the 

osmotic stress may also partly explain the decrease in the rigidity observed. These new fundamental 

data, provided thanks to the original experimental approach developed in this study combining AFM, 

XPS and chemical hydrolysis, can be of great use to optimize important steps in microalgae-based 

biofuel production processes, such as harvesting or cell disruption. We believe these information will 

concretely contribute to the advancement of this field of research.  
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Abstract 

Context: This chapter is a work of the collaborative study with Prof. Dr. Koenraad Muylaert 

from the Katholieke Universiteit Leuven (KU-Leuven, Belgium) helped in understanding the 

interactions at the molecular level between chitosan and cells. 

Background: Chitosan is a bio-based nontoxic polymer that has been effectively used to 

harvest both fresh-water and marine microalgae species. While the reported 

flocculation mechanism is said to rely on electrostatic interactions between chitosan and the 

negative cell surface, no molecular evidence has yet confirmed this mechanism. In addition, 

mixed results have been reported in the literature regarding its efficiency depending on the 

microalgae species used. For example, in the case of marine microalgae species where the 

high ionic strength of salts screens all the charges present on chitosan and cells, flocculation 

still takes place, suggesting that perhaps a different mechanism is at play.  

Scope of the study: In this work we perform force spectroscopy atomic force microscopy 

(AFM) experiments to probe the interactions between C. vulgaris cells and chitosan at the 

molecular scale and decipher its flocculation mechanism. The results obtained show that 

chitosan interacts with C. vulgaris cell wall dominantly through specific interactions between 

chitosan and polymers at the surface of cells that are being unfolded during the experiments. 

We also show that at higher pH, a different mechanism is involved, based on chitosan 

precipitation. Indeed at pH 8, chitosan forms a precipitate in which cells get entrapped and 

thus are flocculated through a sweeping mechanism.  

Major conclusions: This study demonstrates the interest of using AFM to probe molecular-

scale interactions and this way understand flocculation mechanisms. These experiments 

allowed to reveal the complexity of chitosan-induced flocculation, which is not based on the 

same mechanism depending on the pH. They also give some elements of answers concerning 

species-dependency of its efficiency reported in the literature.  
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ABSTRACT: Microalgae are a promising resource for biofuel production, although their industrial use is limited by the lack of
effective harvesting techniques. Flocculation consists in the aggregation and adhesion of cells into flocs that can be more easily
removed from water than individual cells. Although it is an efficient harvesting technique, contamination is a major issue as chemical
flocculants are often used. An alternative is to use natural biopolymers flocculants such as chitosan. Chitosan is a biobased nontoxic
polymer that has been effectively used to harvest Chlorella vulgaris cells at a pH lower than its pKa (6.5). While the reported
flocculation mechanism is said to rely on electrostatic interactions between chitosan and the negative cell surface, no molecular
evidence has yet confirmed this mechanism. In this study, we performed force spectroscopy atomic force microscopy (AFM)
experiments to probe the interactions between C. vulgaris cells and chitosan at the molecular scale to decipher its flocculation
mechanism. Our results showed that at pH 6, chitosan interacts with C. vulgaris cell wall through biological interactions rather than
electrostatic interactions. These observations were confirmed by comparing the data with cationically modified cellulose
nanocrystals, for which the flocculation mechanism, relying on an electrostatic patch mechanism, has already been described for C.
vulgaris. Further AFM experiments also showed that a different mechanism was at play at higher pH, based on chitosan precipitation.
Thus, this AFM-based approach highlights the complexity of chitosan-induced flocculation mechanisms for C. vulgaris.
KEYWORDS: atomic force microscopy, force spectroscopy, microalgae, flocculation, chitosan, cellulose nanocrystals

■ INTRODUCTION

These last two decades, the global interest in microalgae has
increased, notably because of their oil production capacity that
makes them an interesting alternative resource for biofuel
production.1 Indeed, several studies have estimated that
microalgae could produce between 40 000 and 90 000 L of
biofuel per Ha, depending on the sunlight and the biomass oil
content of the species considered.2−4 This represents up to
200-times more liters than soybean and 25-times more liters
than oil palm.5 Among the wide variety of microalgae species,
several have been considered for biofuel production including
Chlorella vulgaris. C. vulgaris is a unicellular freshwater
microalgae species first discovered in 1890 by a Dutch
researcher.6 This species first attracted attention in the 1950s
for its nutritional value, as its protein content represents up to
55% of its dry mass.7 Nowadays, C. vulgaris is mainly used for
nutraceutical purposes; studies have shown for example that it
has immune-modulating and anticancer properties,8,9 but it has
also received interest for biofuel production.4 Indeed, C.

vulgaris has the capacity to accumulate important amounts of
lipids under certain culture conditions, with a fatty acid profile
adapted for biofuel production.7,10,11

At present, the commercialization of microalgae-based
biofuels is hindered by the lack of economically competitive
harvesting techniques, as this step is generally estimated to
represent 20−30% of the total microalgal biomass production
cost.12,13 In the case where the harvesting step is combined
with lipid extraction, as needed in biofuel production
processes, this cost can increase up to 90%, resulting in a
negative energy balance for the production of microalgae-based
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biofuels at large scale.14−16 The parameters that make
harvesting microalgae such a challenging task are their low
concentration in water, their small cell size, their negatively
charged surface, and their low density. So far, different
harvesting techniques have been proposed including centrifu-
gation, filtration, flotation, flocculation, and electrical-based
processes. A recent review compared and described the
advantages and disadvantages of each of these techniques.13

Among them, flocculation stands out as it is inexpensive,
making it an option for large-scale harvesting for a wide variety
of microalgae species.17 Flocculation consists in the
aggregation of cells to facilitate their separation from water
by sedimentation or flotation for example. While this technique
presents many advantages, a major issue in flocculation is
contamination, as it often requires the use of chemical
flocculants to induce flocculation, which end up in the
harvested biomass, and can interfere with downstream
processes or with its final application.18 In this context, an
interesting alternative is to use biopolymers to induce
flocculation,19 the most popular in microalgae harvesting
being chitosan.
Chitosan is a cationic polyelectrolyte obtained by

deacetylation of chitin, an abundant natural polymer. Chitosan
presents many advantages compared to traditional inorganic
flocculants as it is nontoxic, biodegradable, biocompatible, and
renewable.20,21 Moreover, chitosan does not contaminate the
harvested biomass as chitin-like polysaccharides are naturally
present in the cell wall of many microalgae species, including
C. vulgaris, and thus, harvested cells can then be directly
exploited.22 Chitosan-induced flocculation has so far been used
to harvest successfully both fresh-water and marine microalgae
species. For fresh-water species such as C. vulgaris, its efficiency
is mostly attributed to the amino groups present in chitosan.
These groups have a pKa value of about 6.5,

23 and thus, below
this pH these groups are mostly protonated and confer a
positive charge to chitosan, which supposedly allows for
electrostatic interaction with the negatively charged surface of
microalgae cells.24 As a result, cells are believed to be
flocculated through a charge neutralization mechanism.25−27

In the case of marine microalgae species, mixed results on
chitosan efficiency have been reported. Indeed, at the high
ionic strengths of marine waters, it is believed that the positive
charges of chitosan are shielded, preventing further flocculation
through charge neutralization. However, some studies reported
successful flocculation of certain marine species by chito-
san,28−31 which may suggest that chitosan-induced flocculation

may rely on different interactions between chitosan and cells
than only electrostatic interactions. In this view, an interesting
paper from 2011 focused on the influence of the cell wall
carbohydrate composition of C. vulgaris on the efficiency of
chitosan-induced flocculation.32 The results obtained in this
study showed that a higher polysaccharide content (including
neutral sugars, uronic acids, and amino sugars) in the cell wall
is associated with a better efficiency of flocculation with
chitosan at pH 8.5, suggesting that non-electrostatic absorption
of chitosan on cells may be more important than electrostatic
neutralization in C. vulgaris. However, in all the reported cases
of flocculation of C. vulgaris using chitosan as a flocculant, no
molecular evidence has been provided so that the mecha-
nism(s) underlying the flocculation remain(s) unclear.
In this study, we investigated the interactions between

chitosan and C. vulgaris cells using an advanced technique:
atomic force microscopy (AFM). AFM, first developed in
1986,33 is a highly sensitive force machine able to record forces
as small as 20 pN, making it possible to gain insights into the
molecular interactions between single living cells and their
environment. Our team recently used AFM to understand the
flocculation mechanism involved for three different microalgae
species, demonstrating the interest of using this technology to
answer such questions.34−36 Thanks to AFM force spectros-
copy experiments, we show for the first time that at pH 6
below its pKa, chitosan interacts with C. vulgaris cell wall
through non-electrostatic interactions, that is, through specific
interactions between chitosan and polymers at the surface of
cells that are being unfolded upon retraction. These
observations were confirmed by comparing the data obtained
with cationically modified cellulose nanocrystals (CNCs), for
which the flocculation mechanism, relying on an electrostatic
patch mechanism, has been suggested in a previous study from
our team on C. vulgaris.37 Further AFM experiments, including
force spectroscopy but also roughness analysis, however,
showed that at higher pH, the mechanism at play is different,
as chitosan is not able to interact electrostatically with cells at
such high pH. Thus, our AFM-based approach allows this
study to highlight the complexity of chitosan-induced
flocculation in the case of C. vulgaris, and enables to identify,
at pH 6, a new flocculation mechanism based on the biological
binding of chitosan with the cell wall of cells. Given the wide
use of chitosan in microalgae harvesting processes, these new
data provide important information to optimize microalgae-
based biofuel production.

Figure 1. Flocculation experiments of C. vulgaris with chitosan. Flocculation efficiency of (a) different chitosan molecules with different
deacetylation degree (DD) at pH 6 and (b) chitosan molecules with DD = 77.5 ± 0.8% at pH 6 and 8.
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■ RESULTS AND DISCUSSION

Macroscopic Observations Show That Chitosan Does
Not Interact Electrostatically with Cells. In a previous
work where we evaluated the efficiency of cationically modified
CNCs to flocculate C. vulgaris cells, we showed that the
number of positive charges present on the CNCs was directly
correlated with the flocculation efficiency.37 Indeed, CNCs
bearing more positive charges enabled a more efficient
flocculation compared to CNCs with less positive charges.
This was explained by the fact that positive CNCs interact with
cells through electrostatic interactions, and thus, the more
positive charges present, the more interactions can occur with
cells, resulting in a higher flocculation efficiency. On the basis
of the literature, this situation should be similar for chitosan at
a pH of 6, so below the pKa value of the amine groups of
chitosan. To test this hypothesis, we performed flocculation
experiments using chitosan molecules with different degrees of
deacetylation (DD), thus bearing more or less positive charges.
The DD of each chitosan was determined using conducto-
metric titration and established to be of 77.5 ± 0.8%, 80.5 ±
1.4%, and 85.2 ± 0.2% (see Supporting Figure S1 and
Supporting Table S1). The dynamic viscosity of the chitosan
stock solutions (5 g/L in 0.04 M HCl) was measured under
different shear stress (see Supporting Table S2). Chitosan in
solution acts as a non-Newtonian liquid: increasing shear stress
reduces the dynamic viscosity. The results obtained for the
flocculation experiments are presented in Figure 1a. They show
that surprisingly, the flocculation efficiency is similar for each
chitosan tested, with a maximum efficiency reached for a dose
of 10 mg/L, thus showing that there is no influence of the DD
of chitosan and thus of its number of positive charges on the
flocculation of cells. This is in line with the work of Chen et al.,
who also showed that the DD of chitosan had indeed a limited
impact on the flocculation of bentonite.38 Moreover, this study
also showed that the molecular weight of chitosan had a
dominant influence on the flocculation efficiency, with high
molecular weights allowing them to reach higher flocculation
efficiencies. In our case, the MW of the chitosan that was used
is of 345.2 kDa, thus high, which explains perhaps the high
efficiencies reached in our flocculation experiments (>95%).
To verify this observation, we compared the flocculation
efficiencies with the ones obtained at a pH of 8 where chitosan
does not present positive charges. In this case, if the

flocculation efficiency of chitosan is based on electrostatic
interactions, then no flocculation should be observed at this
higher pH environment. However, the results obtained,
presented in Figure 1b, show that a maximum flocculation
efficiency can be reached for the same chitosan dose at pH 6
and at pH 8. While this efficiency drops at higher doses for a
pH of 6, it remains maximum for doses up to 80 mg/L for a
pH of 8. This result can be correlated to previous data
obtained in our team for the marine species Nannochloropsis
occulata where it was shown that chitosan was effective even
when used under higher pH conditions.31 It was shown that at
higher pH, the uncharged chitosan precipitates causing the
flocculation of the cells through a sweeping mechanism where
cells are mechanically trapped in the interconnected percolated
network of the precipitate,39 instead of charge neutralization as
it is supposed to be the case at pH 6. Overall, the flocculation
results presented here seem not to be in accordance with the
literature, and support the idea, previously raised in 2011 for C.
vulgaris,32 that the interactions between cells and chitosan may
not rely on electrostatic interactions.
To understand this phenomena further, we performed an

optical microscopy assay with cells incubated with CNCs and
chitosan used at concentrations for which the best flocculation
efficiency was obtained (10 mg/mL for chitosan and 100 mg/L
for CNCs37). For chitosan, we chose to work with the chitosan
with a degree of deacetylation of 77.5 ± 0.8% (4.2 mmol
charges/g). Three types of CNCs were used in this study:
unmodified CNCs, CNCs modified with pyridinium grafts
(CNC-PYR, DS = 0.20, 0.92 mmol charges/g), and CNCs
modified with methylimidazolium grafts (CNC-MIM, DS =
0.23, 0.99 mmol charges/g). The used CNCs were fully
characterized in a previous study by the authors.37 Both CNC-
PYR and CNC-MIM have quaternary ammonium groups,
which carry a permanent positive charge independent of pH,
unlike chitosan, for which the charge carried by its primary
amines are only charged after protonation at low pH.37,40 The
results are presented in Figure 2. When CNCs were used,
CNC particles could directly be observed in the images
(indicated by arrows): in the case of unmodified CNCs
(Figure 2a), no cells are attached to the particles, while for
CNC-PYR and CNC-MIM, cells aggregated around the
particles could be observed (Figure 2b,c). This is then
coherent with the patch mechanism already described for C.
vulgaris in our previous work where cells interact electrostati-

Figure 2. Optical imaging of C. vulgaris flocculation. Optical image of C. vulgaris cells after resuspension in PBS containing (a) 100 mg/L of CNC-
unmodified at pH 8, (b) 100 mg/L of CNC-PYR at pH 8, (c) 100 mg/L of CNC-MIM at pH 8, (d) nothing at pH 6, (e) 10 mg/L of chitosan at
pH 6, and (f) 10 mg/L of chitosan at pH 8. The arrows in panels a, b, and c indicate the CNC particles.
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cally with cationic CNC particles. Thus, in the case of
unmodified CNCs that do not have positive charges, no
interactions with cells could be observed. However, for
chitosan, the situation is different: at pH 6, small aggregates
of cells were observed, with smaller size than the CNC
aggregates (Figure 2e), suggesting that chitosan does interact
with cells, but that perhaps the nature of the bond is different,
not as strong as for CNCs. At pH 8, cells do not seem to be
aggregated (Figure 2f). If we follow the hypothesis formulated
in our previous work on N. occulata,31 then this results could
be explained by the fact that at higher pH, the flocculation
mechanism is based on sweeping, and thus, there are no direct

interactions between chitosan and cells. This is also in line with
what was already demonstrated for another microalgae species,
Dunaliella salina; when sweeping mechanism is involved, there
are no interactions between the flocculant and the cells.35

Thus, at this stage, our macroscopic analysis seems to show
that in contrast to the literature, chitosan-induced flocculation
in C. vulgaris may not rely on electrostatic interactions, even at
pH 6 where chitosan is positively charged. However, what is
then the mechanism involved?

AFM Nanoscale Experiments Reveal the Role of
Biological Interactions between Cells and Chitosan
during Flocculation. To answer this question, we used

Figure 3. Interactions between CNCs or chitosan and single C. vulgaris cells. (a) Adhesion force histogram between C. vulgaris cells and CNCs-
unmodified at pH 8 and (b) corresponding rupture distance histogram. (c) Adhesion force histogram between C. vulgaris cells and CNCs-MIM at
pH 8 and (d) corresponding rupture distance histogram. The light green distributions correspond to values obtained with method 1, and the dark
green distributions correspond to values obtained with method 2. (e) Adhesion force histogram between C. vulgaris cells and CNCs-MIM at pH 8
and (f) corresponding rupture distance histogram. The light blue distributions correspond to values obtained with method 1, and the dark blue
distributions correspond to values obtained with method 2. (g) Adhesion force histogram between C. vulgaris cells and chitosan spin-coated on a
glass slide at pH 6 and (h) corresponding rupture distance histogram. Insets in panels b, d, f, and h show representative force curves obtained. Data
were recorded using a set-point of 0.25 nN.
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atomic force microscopy (AFM) to directly probe the
interactions between the flocculants and cells and to get a
better insight into the flocculation mechanisms involved in
each case. We first performed force spectroscopy experiments
to probe the interactions between CNCs and single C. vulgaris
cells. For that, a first method (method 1 described in the
Methods section, Supporting Figure S2a) consisted of using
tips directly modified with CNCs (Supporting Figure S3) to
probe the interactions with cells immobilized on a positive
glass surface at a pH of 8. In the case of CNCs, the charge
present on the particles is not dependent on the pH because
the modified CNCs carry a quaternary ammonium group that
is permanently positively charged. However, because this first
method was difficult to implement for modified CNCs, as the
forces recorded between the CNCs particles and cells were
stronger than the electrostatic forces between the cells and the
surface on which they were immobilized, only a small number
of cells could be probed. Indeed, during force spectroscopy,
the cells would detach from the surface to adhere to the CNC
particle on the probe, therefore making the measurements
impossible. To overcome this challenge, we also recorded data
using FluidFM technology (method 2 in the Methods section,
Supporting Figure S2b). In this case, single cells were aspirated
at the aperture of microfluidic probes by exerting a negative
pressure inside the cantilever microchannel. This negative
pressure was sufficient to keep the cells attached to the
cantilever, and thus, more measurements could be performed.
The data presented in Figure 3 combine data obtained with
these two methods for modified CNCs (details of these data
can be found in Supporting Table S3); in the case of
unmodified CNCs, only the first method was used. In this
figure, the adhesion forces, rupture distances, and representa-
tive force curves recorded in PBS buffer are presented. The
adhesion force corresponds to the strongest adhesion event in
each force curve, while the rupture length is the distance of the
last adhesion event recorded. The percentage of adhesion
indicated corresponds to the percentage of the force curves
presenting retract adhesions. In each case, the results presented
correspond to the interactions recorded with 10 cells coming
from at least two independent cultures. In the case of
unmodified CNCs (Figure 3a,b), and in line with our previous
work, no interactions with cells can be observed, as retract
force curves show no retract peaks. In the case of CNC-PYR
(Figure 3c,d), a single retract peak happening at the contact
point can be observed, with in this case an average force of 1.2
± 0.7 nN (n = 9801 force curves). This force signature is
typical of non-specific interactions, most likely reflecting
electrostatic interactions between the negative surface of the
cells and the positive surface of PYR-modified CNCs.34 Similar
force curves were obtained for CNCs-MIM (Figure 3e,f);
however, in this case, the average adhesion force recorded was
of 3.5 ± 2.6 nN (n = 8845 force curves), so almost 3-times
higher than for CNCs-MIM. The adhesion force difference
between CNC-MIM and PYR is significant at a p-value of
0.001 (unpaired t test). This is an interesting point; indeed,
CNC-MIM have a higher number of positive charges
compared to CNC-PYR, and our results indicate that this
difference influences the adhesion force recorded. Thus, the
more positive charges on the CNCs are present, the stronger is
the electrostatic bond with the cell’s surface. However, the
difference in DS between both cationic CNCs is small (CNCs-
PYR, DS = 0.20 and CNCs-MIM, DS = 0.23), not fully
explaining the big differences in adhesion forces. An

explanation for these differences might reside in the chemical
structure of the cationic grafts on the CNCs. In the CNC-PYR
sample, the cationic charge is distributed over a 6-membered
ring, while only over a 5-membered ring in the CNC-MIM
sample, causing different charge densities at the atomic level.
Moreover, methylimidazolium has two nitrogen atoms in its
ring structure, while pyridinium only contains one; this could
also contribute to the difference recorded in the adhesion
forces. Regarding the rupture distances recorded, they were on
average of 18.6 ± 26.1 nm for CNC-PYR, and of 18.6 ± 22.1
nm for CNC-MIM, indicating that no molecules were pulled
away from the surface of the cells. Thus, these results confirm
that the interactions between cationic CNCs and cells are non-
specific and electrostatic. Hence, this molecular data confirm
that in the case of CNCs-induced flocculation, a charge
neutralization mechanism is involved, and it explains why
better flocculation efficiencies are obtained using CNCs
bearing a higher number of positive charges. To further
prove this point, and exclude possible contributions of other
types of interactions between CNCs and cells, additional
experiments were carried out to measure the interactions
between beads bearing COOH functionalities, thus negatively
charged at a pH of 8, and CNCs immobilized on mica surfaces.
These beads have a similar size to the cells and thus are here
used as artificial non-living analogues of microalgae cells
bearing only negative charges and no surface polymers. The
results (Supporting Figure S4) show the same tendency, that
is, single peak retract force curves and lower adhesion values
obtained with CNCs-PYR (5.3 ± 1.4 nN, n = 800 force curves
obtained with 2 different beads), when compared to CNCs-
MIM (49.6 ± 10.6 nN, n = 800 force curves obtained with 2
different beads). In this case, the adhesion values are higher
than those obtained with cells; this can be explained by the fact
that the beads were more negatively charged than cells. Indeed,
zeta potential measurements have shown that at a pH of 8,
cells have a surface potential of −21.9 mV, whereas the zeta
potential of beads is of −43.2 mV. Finally, to confirm the
electrostatic nature of the interactions between CNCs and
cells, the interactions between CNCs-MIM and cells were
probed in the presence of salts that screen the charges present
on cells and CNC particles. The results obtained (Supporting
Figure S5) show a drastic decrease of the adhesion force
recorded, from 3.5 ± 2.6 nN without salts to 147.4 ± 86.4 pN
with salts, thus confirming that the interactions observed are
indeed due to the charges present on CNCs particles and cells.
However, the interesting result from these force spectros-

copy analyses concerns chitosan (Figure 3g,h). In this case, the
interactions between a single living C. vulgaris cell immobilized
at the edge of a tipless cantilever41 and a chitosan-
functionalized surface by spin-coating42,43 were probed at a
pH of 6 (method 3 in the Methods section, Supporting Figure
S2c). In this case, retraction force profiles showed multiple
binding events with an average adhesion force of 209.4 ± 307.9
pN (n = 5698 force curves), that is, much lower than the forces
recorded for cationic CNCs. In contrast, the average rupture
length for chitosan was of 423.3 ± 466.2 nm, whereas in the
case of cell interactions with CNCs, it was close to zero. Note
that the large standard deviations come from the wide
distributions of the values visible on the histograms, caused
by the heterogeneity inherent to living cells. The extended
ruptures, the low adhesion forces recorded, as well as the lack
of defined force patterns are consistent with the stretching of
long molecules from the cell wall of cells.44−46 Given the
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difference in the force signatures obtained, our results suggest
that in the case of chitosan, even when positively charged, no
electrostatic interactions are involved in the bonding with cells,
or at least if electrostatic interactions are involved, they are not
predominant in the interactions and are masked by the
biological interactions. This inherently implies that chitosan is
able to interact specifically with polymers present at the surface
of cells that are then unfolded upon retraction in our force
spectroscopy experiments, resulting in the long rupture
distances observed. To confirm that these multiple binding
events are not due to the detachment of chitosan from the
surface over consecutive measurements, but indeed to the
unfolding of cell surface polymers, we verified that the
adhesion force recorded was constant over the area probed.
If chitosan would detach from the surface and stick on the cell,
then the adhesion forces recorded would decrease as the
functionalized cantilever moves on the chitosan surface. This
analysis (Supporting Figure S6) shows that this is not the case,
the adhesion force recorded stays constant, thus proving that
only cell surface polymers unfold in our experimental
conditions. Taking into account the work of Cheng and co-
workers, who showed that the carbohydrate composition of the
cell wall of C. vulgaris has a direct influence on the efficiency of
flocculation obtained with chitosan,32 we may suggest that
chitosan is able to specifically interact with these poly-
saccharides. Moreover, similar force patterns were already
observed for microalgae by Higgins and co-workers who
extended mucilage (composed of polysaccharides) from the
cell wall of Craspedostauros australis, a marine diatom, and of
Pinnularia viridis, a freshwater diatom.47 This further supports
that the unfolding observed in our case may be due to the

unfolding of polysaccharides from the C. vulgaris cell wall. For
the moment, such specific structural interactions between
chitosan and polysaccharides, not dependent on electrostatic
interactions, have been described only in a few cases, for
example, with cellulose48 or with alginate,49 for which
interactions with chitosan have been observed at high or low
pH, where either the polysaccharides or the chitosan are
uncharged. Moreover, previous studies have also reported the
possible interaction between chitosan and glycopolymers in the
case of microorganism flocculation: for example Barany et al.
showed that Escherichia coli flocculation by chitosan relied on
chitosan absorption to polymers from the cells, rather than on
electrostatic factors.50 Thus, at this stage, the data obtained
indicate that at pH 6 chitosan flocculation of C. vulgaris does
not occur through electrostatic interactions but rather through
biological interactions, meaning that chitosan interacts with
biomolecules at the cell surface that are then unfolded from it.
These biomolecules might be polysaccharides present at the
surface of cells. More questions can now be raised: can further
data prove this? Is this mechanism also at play at pH 8?

Chitosan Induced-Flocculation of C. vulgaris at
Higher pH Does Not Occur through the Same
Mechanism. To further investigate the flocculation mecha-
nism of chitosan, we decided to compare the interactions
between chitosan and cells at pH 6 and 8 at varying applied
forces. When the applied force is increased during force
spectroscopy experiments, because the chitosan layers are
deformable (Ym of 15.6 ± 30.5 kPa at pH 6, n = 1554 force
curves, and of 19.2 ± 23.2 kPa at pH 8, n = 1349 force curves,
values extracted from force curves at an indentation segment of
100 nm, data not showed), the contact area between the cells

Figure 4. Interaction between chitosan and single C. vulgaris cells at pH 6 and 8 at varying applied forces. (a) Adhesion force histogram and (b)
corresponding rupture distance histogram betweens a C. vulgaris cell-functionalized cantilever and chitosan spin-coated on a glass slide at pH 6
using a set-point of 0.25 nN, (c, d) using a set-point of 1 nN, (e, f) using a set-point of 2 nN. (g) Adhesion force histogram and (h) rupture
distance histogram between a C. vulgaris cell-functionalized cantilever and chitosan spin-coated on a glass slide at pH 8 using a set-point of 0.25 nN,
(i, j) using a set-point of 1 nN, (k, l) using a set-point of 2 nN. Insets in panels b, d, f, h, j, and l show representative force curves obtained.
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and the chitosan surface increases as well. This increase should
lead to higher adhesion forces as more molecules from the cell
wall are able to interact with the chitosan surface; rupture
lengths will also provide useful information on the nature of
the molecules unfolded. The results of these experiments are
presented in Figure 4; they were obtained in the case of a set
point of 0.25 nN with 10 different cells, and in the cases of
higher set points with 4 different cells coming from at least 2
independent cultures (details of the data can be found in
Supporting Tables S3−S5). In each case, the differences
between the adhesion forces recorded at pH 6 and pH 8, for
the different set-points, are significantly different with a p-value
of 0.001 (unpaired t test). At pH 6, we can observe that the
more the applied force was increased, the more the average
adhesion force increased, from 209.4 ± 307.9 pN at an applied

force of 0.25 nN (Figure 4a, n = 5698 force curves), to 296.6 ±
327.1 pN at 1 nN (Figure 4c, n = 2050 force curves) and 444.9
± 398.9 pN at 2 nN (Figure 4e, n = 2050 force curves), thus
two-times higher. As for the rupture distances, they also
increased with the applied force, from an average of 423.6 ±
466.2 nm at 0.25 nN (Figure 4b) to 679.7 ± 523.3 nm at 2 nN
(Figure 4f). This thus indicates that as the contact surface area
increases between the cell and the chitosan surface, the more
molecules, probably polysaccharides, from the cell wall
involved in the interactions with chitosan were extended,
resulting in higher adhesion forces and rupture distances.
When these experiments were performed at a pH of 8, a similar
trend was observed, with an increase in both the maximum
adhesion force and rupture length when the applied force is
higher. However, an interesting point to note in this case is the

Figure 5. Interaction between bare tips and negative beads-functionalized cantilevers with chitosan surfaces. (a) Adhesion force histogram between
a COOH bead-functionalized cantilever and chitosan spin-coated on a glass slide at pH 6 and (b) corresponding rupture distance histogram. (c)
Adhesion force histogram between a COOH bead-functionalized cantilever and chitosan spin-coated on a glass slide at pH 8 and (d)
corresponding rupture distance histogram. (e) Adhesion force histogram between a bare AFM tip chitosan spin-coated on a glass slide at pH 8 and
(f) corresponding rupture distance histogram. Insets in panels b, d, and f show representative force curves obtained. Data were recorded using a set-
point of 0.25 nN.
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difference in values between the measurements performed at
pH 6 and pH 8. Indeed, in the case of pH 8, the average
adhesion force recorded was of 193.1 ± 182.8 pN at an applied
force of 2 nN (Figure 4k, n = 2050 force curves), thus almost
equivalent to the adhesion force recorded at pH 6 for the
smallest applied force (0.25 nN). Regarding rupture lengths,
although the average distances recorded were similar at a high
applied force, their difference is important at a low applied
force (423.6 ± 466.2 nm at pH 6 and 320.9 ± 362.5 nm at pH
8). The differences in these values are surprising as one would
expect that if the interaction mechanism is indeed based on
biological interactions, the same molecules would unfold from
the cell surface irrespective of the pH, resulting in similar
unfoldings with similar rupture distances. It is however also
possible that the changes in the pH affect the solvated state of
the surface-bound molecules, thereby directly affecting the
measured forces.
To understand this behavior, we performed experiments

with negatively charged beads, and probed the interactions
with chitosan surfaces at pH 6 and 8. The results are presented

in Figure 5. At pH 6, few interactions were recorded between
the beads and the chitosan surface (2.8% of the force curves),
as most retract force curves present no retract peaks (Figure
5a,b). This thus proves our first hypothesis that chitosan
interactions with cells do not rely dominantly on electrostatic
interactions but on biological interactions. Indeed, COOH
beads enable the cell surface to be mimicked by bearing
negative charges but have the advantage to exclude the
molecules that are present on the cell walls. In this case, it is
clear that the biological polymers that are present on the
microalgal cell surface are essential for the interaction of
chitosan with the cells and that the charge of chitosan is not
dominant in the interaction with cells under our experimental
conditions. Moreover, as for experiments where the
interactions between cells and chitosan were probed at pH 6
(Figure 4), no electrostatic interactions were recorded. This
further indicates that these interactions either do not take place
or are smaller than the limit of detection of AFM (20 pN) and
thus cannot be captured. This is an interesting point because at
pH 6 chitosan is positively charged and should in theory

Figure 6. Nanomechanics and cell wall roughness of the C. vulgaris cell wall. (a) Indentation curves (blue and black lines) fitted with the Hertz
model at 80 nm of indentation (red lines) recorded on top of C. vulgaris cells at pH 6 and 8. (b) Boxplot of the Young’s modulus values measured
on top of C. vulgaris cells at pH 6 and 8. (c) Vertical deflection AFM image of an area (500 nm × 500 nm) of the cell surface at pH 6 and (d)
vertical deflection AFM image of an area (500 nm × 500 nm) of the cell surface at pH 8. (e) Cross-section taken along the white line in panel c and
(f) cross-section taken along the white line in panel d.
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interact with negatively charged surfaces; thus, perhaps these
interactions are too weak to be detected. The poor strength of
electrostatic interactions between positively charged chitosan
at low pH and negative surfaces has already been described in
other research fields. For example, chitosan has been used to
bind with negatively charged drugs to form drug loaded
chitosan nano- and microparticles.51 However, it is shown in
several studies that the release of the drugs from chitosan
particles is rapid, indicating that the binding properties of
chitosan through electrostatic interactions may be poor.51

When the same experiments were performed at a pH of 8
(Figure 5c,d), force curves showed multiple peaks with a
similar profile to the ones obtained using cells instead of beads,
with average adhesion forces and rupture lengths recorded
values of 211.1 ± 145.6 pN and 627.2 ± 397.2 nm (n = 800
force curves, with 2 different beads), respectively. Using bare
tips instead of beads (Figure 5e,f), the same unfolding events
were recorded, with similar adhesion and rupture distances
values as in the case of cells. This result is unexpected: indeed,
the bare tips used, as for the beads, carried no polymers, that is,
the multipeaks observed on the force curves must correspond
to the unfolding of chitosan picked up directly from the surface
upon retraction by the tips or the beads. This indicates that at
this pH, the structure of chitosan must be different than at pH
6 where bare tips do not allow the unfolding of chitosan.
Moreover, this gives the explanation for the results obtained
using living cells at pH 8 (Figure 4g−l): in this case also, the
chitosan must be unfolded from the surface, which explains
why the adhesion forces and rupture lengths values obtained
are different from those obtained at pH 6. Given the fact that
the same chitosan unfoldings were obtained with cells, negative
beads or bare tips, we can thus conclude that at pH 8 there is
no biological nor electrostatic interaction between the cells and
chitosan, in agreement with the optical images obtained
(Figure 2e) where no cell aggregation could be visualized. The
fact that higher adhesion and rupture length values were
recorded with beads compared to with cells or with bare AFM
tips is explained by the fact that the surface contact with beads
is larger (6−7 μm of diameter compared to 3−4 μm of
diameter for cells), thus allowing to pull more chitosan from
the surface. The flocculation mechanism of cells at pH 8 is thus
based on a different mechanism than at pH 6; our hypothesis is
that at this pH, the chitosan precipitates and flocculates the
cells by sweeping, as we have demonstrated in our previous
study.31 We now need to verify this hypothesis.
Sweeping Mechanism Is Involved in Flocculation of

C. vulgaris at pH 8. The previous results have demonstrated
that cells do not interact through biological or electrostatic
interactions with chitosan at pH 8. However, the question is
now to understand if this is due to changes in the cell wall
properties of the cells, to changes in the chitosan structure, or
to both? It has been shown previously with the marine species
Phaeodactylum tricornutum that the cell wall rigidity changes
with pH, which impacted on the deformability of the cells and
thus on their interactions with their environment.34 Moreover,
AFM studies on microorganisms have shown that under some
conditions, the architecture and network of molecules at the
surface of cells can change depending on external conditions,
which thus impact the availability of molecules to interact with
their environment.45 To verify these two points in our study,
we performed nanomechanical analysis of the cell wall of cells
as well as surface roughness analysis. These results are
presented in Figure 6. To obtain quantitative information on

the nanomechanical properties of the cells, we determined the
Young’s modulus (Ym) of the microalgae cells through
nanoindentation measurements, in PBS at pH 6 and pH 8
(Figure 6a,b). In this type of measurement, the cantilever, for
which the mechanical properties are known, is pressed against
the cells with a given force. This enables us to extract the Ym
of the cell wall, a parameter that reflects its resistance to
compression (the higher the Young modulus value, the more
rigid the cell wall). Nanoindentation measurements, which give
access to force versus distance curves, were performed on areas
of 500 nm × 500 nm on top of cells, on 8 cells coming from at
least 2 independent cultures. Ym values were then obtained
first by converting the force curves obtained into force versus
indentation curves, shown in Figure 6a, and then by fitting
them with a theoretical model, in our case, the Hertz model52

(black empty circles on the curves in Figure 6a). The results
show that the indentation curves obtained on cells at pH 6 and
8 are different; indeed, the AFM probe is able to indent deeper
into cells at pH 6 than at pH 8, meaning that increasing the pH
also increases the rigidity of the cell wall. Quantitative analysis
of the Ym extracted from thousands of these curves on 8 cells
in each case confirmed this finding, and showed that at pH 6,
cells have an average Ym of 232.9 ± 175.6 kPa (n = 8192 force
curves), whereas cells at pH 8 have a Ym of 750.2 ± 589.0 kPa
(n = 8182 curves, differences are significant at a p-value of
0.001, unpaired t test, details can be found in Supporting Table
S6). While the nanomechanical properties of C. vulgaris have
never been determined using AFM before, these values are in
the range of Ym values obtained on other microorganisms such
as yeasts, which have a cell wall composition comparable to
microalgae.53 Moreover, this increase in the rigidity, due to the
increase of pH, has already been shown for P. tricornutum.34

Hence, increasing the pH changes the nanomechanical
properties of the cell wall and thus its architecture, perhaps
explaining in part the fact that cells are not able to interact with
chitosan at pH 8. Indeed, it could mean that the molecules
involved in the interaction with chitosan are not available
anymore for interaction or that their conformation at elevated
pH prevents the interaction with chitosan. Regarding the cell
wall roughness, this parameter was directly extracted from
contact images of 500 nm × 500 nm obtained on top of 8 cells
coming from at least 2 independent cultures. The results
obtained (Figure 6c−f) show that the surface morphology is
slightly modified by the increase in pH, as shown by the
vertical deflection images recorded on top of the cells in Figure
6c and d. Cross-sections taken along the white lines in Figure
6c and d show this difference, as the profile of this cross-
section at pH 8 presents larger patterns. The quantitative
analysis of the roughness measured on several cells showed
that at pH 6, cells have an average roughness of 0.9 ± 0.5 nm,
which increased to 1.7 ± 0.9 nm at pH 8. While this difference
is significant, it remains low and indicates that at pH 8, more
molecules protrude from the surface of the cell, which might
mask the molecules involved in the interaction with chitosan,
or perhaps might indicate that these molecules are coiled and
not able to interact anymore.45 Overall, this biophysical
analysis of the cell wall of C. vulgaris indicates that a pH
increase from 6 to 8 clearly affects its rigidity and its roughness.
These changes, as discussed, may explain why cells do not
interact with chitosan anymore at pH 8.
To determine if this lack of interactions is also due to the

chitosan itself, we also performed roughness measurements on
the chitosan functionalized surfaces used in all the experiments.
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The results, presented in Figure 7, showed an average
roughness of chitosan of 0.6 ± 0.1 nm at pH 6, which
increased dramatically, to 13 ± 5 nm at pH 8. This result
indicates that the pH has an important effect on the structure
of chitosan, which precipitates and gets detached from the
surface. This detachment from the surface creates aggregates of
chitosan, as it can be seen on the height image recorded
(Figure 7b), leading to important roughness developments.
This explains why chitosan can be pulled away from the surface
in force spectroscopy experiments, whatever the probe used
(cell, negatively charged bead, or bare AFM tip). This
precipitation might lead to a decrease of its specific surface
available for interaction, which can also be a rational
explanation for the fact that cells do not interact with chitosan
at pH 8. Thus, from these experiments, we can conclude that
the fact that chitosan does not interact with the cell wall of C.
vulgaris at pH 8 results from the combination of changes
associated directly with the structure of the cell wall with
changes in the structure of chitosan itself caused by its
precipitation.

■ CONCLUSION
Chitosan, given its many advantages, has been widely used as a
flocculant to efficiently harvest diverse species of microalgae.
Since understanding the flocculation mechanisms is key to
control them and use them in larger-scale processes, the case of
chitosan has generated a lot of debate in the scientific

community. Indeed, while for freshwater species that grow at a
pH below 6.5, chitosan-induced flocculation is believed to rely
on a charge neutralization mechanism, and some studies also
showed that it becomes more efficient at higher pH, in marine
waters where the salt present screens the charges of chitosan,
chitosan can still flocculate microalgae. It is therefore of great
importance to provide new data, using original techniques, to
finally shed light on the flocculation mechanism at play. For
that we have chosen the freshwater green species, C. vulgaris,
and studied at the nanoscale its interactions with chitosan
using atomic force microscopy. Our results demonstrate that
depending on the pH, the interaction mechanism is different,
which reveals the complexity of chitosan flocculation. Indeed,
preliminary macroscopic observations suggest that the charge
of chitosan is not involved in the interaction with cells, as
different degrees of deacetylation result in the same
flocculation efficiency at pH 6. At increased pH, for the
same degree of deacetylation, the flocculation behavior is
different as high doses of chitosan still allow an efficient
separation, which is not the case at pH 6. On the basis of these
observations, our force spectroscopy experiments show that at
pH 6, chitosan interacts in a specific way with most probably
polysaccharides present on the surface of cells and that the
chitosan charge is not significantly involved in these
interactions. This was confirmed by comparing these data
with those obtained for cationically modified CNCs, for which
a previous study has demonstrated the contribution only of

Figure 7. Characterization of chitosan surfaces at two different pH. (a) 3D AFM height image of chitosan surface at pH 6. (b) 3D AFM height
image of chitosan surface at pH 8. (c) Quantification of chitosan surface roughness at pH 6 and 8.

Figure 8. Schematic representation of the flocculation mechanisms induced by chitosan at pH 6 and 8 for C. vulgaris.

ACS Applied Bio Materials www.acsabm.org Article

https://dx.doi.org/10.1021/acsabm.0c00772
ACS Appl. Bio Mater. XXXX, XXX, XXX−XXX

J

https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig7&ref=pdf
https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig7&ref=pdf
https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig7&ref=pdf
https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig7&ref=pdf
https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig8&ref=pdf
https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig8&ref=pdf
https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig8&ref=pdf
https://pubs.acs.org/doi/10.1021/acsabm.0c00772?fig=fig8&ref=pdf
www.acsabm.org?ref=pdf
https://dx.doi.org/10.1021/acsabm.0c00772?ref=pdf


charge neutralization in the flocculation mechanism.37

However, such biological interactions between chitosan and
the surface of cells could not be detected at pH 8. Indeed,
biophysical analysis of the cell wall of C. vulgaris cells, as well as
roughness analysis of the chitosan used in this study, suggests
that at this pH, both the architecture of the cell wall and the
structure of chitosan are modified, resulting in an absence of
interactions with the cells. On the basis of a previous work
published last year where we had found that a sweeping
mechanism is involved in the chitosan-induced flocculation of
N. occulata at high pH, we thus suggest that this mechanism is
also at play for the flocculation of C. vulgaris at high pH. These
different mechanisms of flocculation are depicted in Figure 8.
This study thus represents an original contribution to the field
of microalgae harvesting as molecular-scale data allow to
understand the flocculation mechanisms and to show the
important influence of the culture medium pH on these
mechanisms. Therefore, this work brings important informa-
tion that will help to implement chitosan-induced flocculation
in the harvest of microalgae at a large scale. Further work is
now needed to identify the polymers from the cell surface that
interact specifically with chitosan below its pKa (pH 6).
Because a large amount of microalgae species share the same
surface characteristics, in particular the composition, this
knowledge would make it then possible to perform efficient
chitosan flocculation with a wide range of microalgae species.

■ METHODS
Microalgae Cultivation. The green freshwater microalgae

Chlorella vulgaris strain CCAP 211/11B (Culture Collection of
Algae and Protozoa) was cultivated in sterile conditions in Wright’s
cryptophyte (WC) medium prepared in deionized water, adjusted to a
pH of 7.8.54 Cells were cultivated at 20 °C, under agitation (120
rpm), in 1 L Erlenmeyer (300 mL of culture) flasks. The incubator
was equipped with white neon light tubes providing illumination of
approximately 40 μmol photons m−2 s−1 with a photoperiod of 18 h
light:6 h dark. All experiments were carried out with exponential
phase batch cultures (day 7).
Cationically Modified Cellulose Nanocrystals (CNCs) Syn-

thesis. N-Benzylmethylimidazolium grafted CNCs ([Br][BnIm]-g-
CNCs, referred in the text as CNCs-MIM) and benzylpyridinium
grafted CNCs ([Br][BnPy]-g-CNCs, referred in the text as CNCs-
PYR), were synthesized and characterized in a previous study and
described in Blockx et al.37 For the CNCs-MIM, the sample with a
degree of substitution (DS) of 0.23 was used, whereas for the CNCs-
PYR, the sample with a DS of 0.20 was used.
Chitosan. Three different types of chitosan were used in this

study. Commercial chitosan was purchased from Sigma-Aldrich (from
shrimp, practical grade, ≥ 75% degree of deacetilation (DD)). In an
earlier study, it was determined that this chitosan has a Mn and Mw of
151.3 and 345.2 kDa, respectively, and a polydispersity of 2.28.31 This
chitosan was used throughout the paper for the flocculation
experiments and all AFM experiments. For flocculation experiments,
two chitosan samples with different DD (labeled as 70−75% and 80−
85%) were prepared from shrimp shells and kindly provided by Nha
trang University, Vietnam. Chitosan stock solutions were produced by
dissolving 5 g/L of the three types of chitosan in 0.04 M of HCl, while
stirring (1000 rpm) at ambient conditions for 2 h. A more exact
degree of deacetylation was determined for the three chitosan samples
via conductometric titrations (Metrohm 856 Conductivity Module
and 801 Stirrer with TiamoTM software). For that, 2 mL of stock
solution was diluted 50-fold in MiliQ water and titrated with 5.75 mM
NaOH under constant stirring. The results are shown in Supporting
Figure S1 and Supporting Table S1. The DD was determined from
the volume of NaOH required to neutralize the chitosan (plateau area
of the curves), where each chitosan sample was measured three times.
The DD of the commercial Sigma-Aldrich chitosan is of 77.5 ± 0.8%,

and for the chitosan samples provided by the Nha trang University of
80.5 ± 1.4% and 85.2 ± 0.2%. The dynamic viscosity of the three
chitosan samples was measured on a AR-G2 rheometer (TA
Instruments) equipped with a steel double wall Couette cell. The
experiment consisted of four steps. Step 1: 60 s at a shear rate of
100.0/s to allow the sample to set in the sample holder; step 2: 180 s
at a shear rate of 1.0/s; step 3: 180 s at a shear rate of 10.0/s; and step
4: 180 s at a shear rate of 100.0/s. All experiments were carried out at
25 °C, and 1 data point was collected per second. All samples were
measured in triplicate. Data analysis was performed with TA
Instrument Trios Version 3.3.1.4364. The results are shown in
Supporting Table S2.

Flocculation Experiments. Flocculation of C. vulgaris was
performed using standardized jar tests experiments. The microalgae
suspension was adjusted to a pH of 6, and the initial optical density
(ODi, 750 nm) was set at 0.7 (corresponding to 0.28 g/L). The 50 mL
tests samples were taken and intensively stirred at 550 rpm to mix the
suspension. Different concentrations of chitosan were then added (0,
1, 3, 7, 10, 15, 20, 40, 70, 150 mg/L) from the 5 g/L stock solutions,
and the suspensions were stirred at 200 rpm for 20 min to induce
flocculation. The suspensions were subsequently decanted in falcon
tubes and allowed to settle for 30 min before the optical density was
measured after settling (ODf) of the supernatant (at approximately 3
cm below the surface). The flocculation efficiency (ηa) was calculated
according to the following eq 1. For experiments at pH 8, the
microalgae suspension was adjusted to a pH of 8 prior to flocculation
experiments, and the chitosan concentrations used were 0, 3, 7, 10,
15, 25, 40, 70, 100, 150 mg/L:

OD OD

ODa
i f

i
η =

−

(1)

Optical Imaging Experiments. Flocculation was directly
observed after resuspension of the cells in Phosphate Buffer Saline
(PBS) at a pH of 6 or 8 containing chitosan at a concentration of 10
mg/L or CNCs-PYR or CNCs-MIM, both at a concentration of 100
mg/L. Flocculation levels were observed using an Axio Observer Z1
microscope (Zeiss, Germany) at a magnification of 50×.

Zeta Potential Experiments. The global electrical properties of
C. vulgaris cell surface as well as of negative beads (COOH
functionalized polystyrene beads diameter of 6.83 μm, Spherotech,
USA) were assessed by measuring the electrophoretic mobility with
an automated laser zetameter (Zetasizer NanoZS, Malvern Instru-
ments). To this end, microalgae were harvested by centrifugation
(3000 rpm, 3 min), washed two times in PBS at a pH of 6 or 8, and
resuspended in the same solution at a final concentration of 1.5 × 106

cell/mL. In the case of beads, they were first centrifuged (3 min,
13 000 rpm) and washed two time in deionized water. For each
condition, analysis was performed in triplicate.

AFM Cantilever Functionalization. All AFM cantilever
functionalizations were performed using a Nanowizard III AFM
(Bruker, USA), with triangular tipless NP-O10 probes (Bruker, USA,
nominal spring constant of 0.06 N/m and of 0.2 N/m).

Functionalization with CNCs. Colloidal probes were function-
alized with cationic CNC particles. Colloidal probes were obtained by
attaching a single silica microsphere (5 μm of diameter, Bangs
Laboratories) with a thin layer of UV-curable glue (NOA 63, Norland
Edmund Optics). These colloidal probes were then put under UV-
light for 10 min to allow the glue to cure. They were further dipped
into a thin layer of UV-curable glue, then into a thin layer of CNCs
particles deposited on a glass slide. Functionalized cantilevers were
then put under UV-light for 10 min to allow the glue to cure and
further characterized using scanning electron microscopy (Supporting
Figure S3). The spring constant of the colloidal probe was determined
after attachment of the CNC particles using the thermal noise
method.55

Functionalization with Single C. vulgaris Cells. AFM cantilevers
were also functionalized with single C. vulgaris cells grown during 7
days in the conditions described previously. For that, cantilevers were
first activated using oxygen plasma (3 min, 0.5 mbar) and then
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incubated in a 0.2% polyethylenimine solution (PEI, Sigma-Aldrich)
overnight. The AFM cantilevers were then rinsed in PBS at a pH of 6
or 8, brought into contact with an isolated cell, and retracted to attach
it. Proper attachment of the cell on the colloidal probe was checked
using optical microscopy. The spring constant of the AFM cantilever
was determined prior to cell immobilization using the thermal noise
method.55

Functionalization with Negatively Charged Beads. AFM canti-
levers were functionalized using COOH polystyrene beads (negatively
charged at pH 6 and 8, diameter of 6.83 μm, Spherotech, USA).
Beads were first centrifuged (3 min, 13 000 rpm) and washed two
times in deionized water. A drop from this solution was then
deposited on a glass slide and allowed to dry at 37 °C during 2 h.
Cantilevers were first dipped into a thin layer of UV-curable glue
(NOA 63, Norland Edmund Optics) and then brought into contact a
single isolated bead on the glass slide and retracted to attach it.
Functionalized cantilevers were then put under UV-light for 10 min to
allow the glue to cure; proper attachment of the COOH bead on the
colloidal probe was checked using optical microscopy. The spring
constant of the COOH probe was determined after attachment of the
COOH bead using the thermal noise method.55

Force Spectroscopy Experiments. Force spectroscopy experi-
ments were conducted either by functionalizing the cantilever with
CNCs and probing the interactions with immobilized cells on a
surface (method 1), using FluidFM technology to aspirate a single C.
vulgaris cell at the aperture of a microfluidic AFM probe to probe
interactions with cationic CNCs functionalized on a surface (method
2), or by functionalizing the AFM cantilever with a single C. vulgaris
cell and probing the interactions with chitosan immobilized on a
surface (method 3). In each case, experiments were performed in PBS
at a pH of 6 or 8, using a NanoWizard III AFM (Bruker, USA). These
3 methods are also depicted in Supporting Figure S2.
Method 1. This method was used to probe the interactions

between CNCs or negatively charged beads, and single C. vulgaris
cells. In this case, CNCs (unmodified, PYR and MIM) or negatively
charged beads functionalized cantilevers were directly used to probe
the interactions with C. vulgaris cells immobilized on polyethyleni-
mine (PEI Sigma P3143) coated glass slides prepared as previously
described.56 For that, cells were first harvested by centrifugation
(3000 rpm, 3 min) and washed two times in PBS at pH 6 or 8. Freshly
oxygen activated glass slides were covered by a 0.2% PEI solution in
deionized water and left for incubation overnight. Then the glass
slides were rinsed with deionized water and dried under nitrogen. A
total of 1 mL of the cell suspension was then deposited on the PEI
slides, allowed to stand for 30 min at room temperature, and rinsed
with PBS at pH 6 or 8.
Method 2. This method was also used to probe the interactions

between CNCs and single C. vulgaris cells. As the forces recorded
between CNCs and cells were stronger than the electrostatic forces
between PEI coated glass-slides and cells, this method was
alternatively used to complete the data sets. In this case, FluidFM
technology was used (Cytosurge AG, Switzerland): this system
connects the AFM to a pressure pump unit and a pressure controller
through a microfluidic tubing system. Micropipette probes with an
aperture of 4 μm (spring constant of 0.3 N/m) were used (Cytosurge
AG, Switzerland). First, PBS at a pH 8 was filled in the probe reservoir
and was pressed through the cantilever by applying an overpressure
(100 mbar). The probe was then immersed in PBS and calibrated
using the thermal noise method prior to measurement. A single C.
vulgaris cell was then picked up from the surface of the Petri dish by
approaching the FluidFM probe and applying a negative pressure
(−80 mbar). The transfer of the cell on the probe was verified by
optical microscopy. The cell probe was then used to probe the
interactions with CNCs-functionalized mica surfaces. For that, CNCs
solutions at a concentration of 5 g/L were first sonicated for at least 5
min, then deposited on mica surfaces and left for incubation
overnight. After that, the mica surfaces were rinsed using PBS at
pH 8 and taped at the bottom of the Petri dish used for the AFM
experiment.

Method 3. This method was used to probe the interactions
between chitosan and single C. vulgaris cells. In this case, AFM
cantilevers functionalized with a single C. vulgaris cell were used to
probe the interactions with chitosan-functionalized surfaces, in PBS
pH 6 or 8. Chitosan was functionalized at the surface of glass-slide
using spin-coating method, according to procedures described in refs
42 and 43. Briefly, 50 mg of chitosan was first dissolved in 10 mL of
deionized water containing 30−50 μL of hydrochloric acid (HCl).
This solution was then deposited on a clean glass slide and spin-
coated at 1000 rpm for 3 min. The glass slides were then dried in an
incubator at 50 °C overnight before use.

Roughness Analyses. Roughness analyses were performed on
cells immobilized on PEI-coated glass slides and on chitosan-
functionalized glass slides. In both cases, images were recorded in
PBS at pH 6 or 8 using contact mode on a Nanowizard III AFM
(Bruker, USA), with MSCT cantilevers (Bruker, nominal spring
constant of 0.01 N/m). Images were recorded using an applied force
<0.5 nN. The cantilevers spring constants were determined by the
thermal noise method.55

Nanomechanical Analyses. For nanoindentation experiments,
the applied force was comprised between 0.5 and 2 nN depending on
the condition with MSCT cantilevers (Bruker, nominal spring
constant of 0.01 N/m). Young’s moduli were then calculated from
80 nm indentation curves using the Hertz model52 in which the force
F, indentation (δ), and Young’s modulus (Ym) follow eq 2, where α is
the tip opening angle (17.5°), and υ the Poisson ratio (arbitrarily
assumed to be 0.5). The cantilevers spring constants were determined
by the thermal noise method:55

F
Ym2 tan

(1 )2 2
α

π υ δ
= × ×

× − × (2)

Scanning Electron Microscopy Imaging of AFM Cantilevers.
AFM cantilevers functionalized or not with CNCs or chitosan were
first carbonated and then imaged using a Jeol 6400 electron
microscope (Jeol, Tokyo, Japan) equipped with an EDS Bruker
SDD detector at an acceleration voltage of 20 kV.

■ ASSOCIATED CONTENT

*sı Supporting Information
The Supporting Information is available free of charge at
https://pubs.acs.org/doi/10.1021/acsabm.0c00772.

Conductometric titration results; dynamic viscosity at
different shear rates; adhesion force values recorded
between single C. vulgaris cells and CNCs/chitosan
coated surfaces; adhesion force values and percentage of
adhesions recorded between single C. vulgaris cells and
chitosan coated surface at pH 6 and 8 with increasing set
point; Young’s modulus values recorded on C. vulgaris
cells at pH 6 and pH 8; conductometric titration curve
of chitosan; schematic representation of the three force
spectroscopy methods used; SEM imaging of AFM
cantilevers; interactions between negative beads and
CNC surfaces; screening electrostatic interactions
between CNC-MIM and C. vulgaris cells; adhesion
force over consecutive measurements (PDF)

■ AUTHOR INFORMATION

Corresponding Author
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Abstract 

Context: In this part of the work Christophe Coudret from the Laboratoire Interactions 

Moléculaires et Réactivités Chimiques et Photochimiques (IMRCP, Toulouse) provided 

valuable assistance in modifying chitosan and making it amphiphilic. 

Background: Microalgae is a promising resource for biofuel production, although the lack of 

effective harvesting techniques limits their industrial use. In this context, flotation is an 

interesting separation technique that could drastically reduce harvesting costs and make 

biofuel-production systems economically viable. But flotation can be challenging in the case 

of microalgae, because of the repulsive interaction between cells and bubbles.  

Scope of the review: We propose here an original strategy to improve the efficiency of 

flotation for microalgae harvesting, which is based on bubble functionalization. For that, we 

chose to build on our previous results and modify the bubble surface using chitosan as we 

now have a complete understanding of its interactions with cells. For that, in a first part, we 

modify chitosan and add hydrophobic groups on its backbone to obtain an amphiphilic 

molecule, PO-chitosan, which can assemble on the bubble surface. Then, using the FluidFM 

method previously developed to probe the interactions between bubbles and cells, we could 

probe the interactions between PO-chitosan coated bubbles and cells at the molecular scale. 

The results obtained show an enhanced adhesion of functionalized bubbles to cells compared 

to clean cells, which is pH-dependent. In addition, flotation experiments performed at the 

population-scale show a significant increase of the separation efficiency with functionalized 

bubbles compared to clean bubbles, also pH-dependent.  

Major conclusions: This new flotation strategy allows to eliminate the need of a prior 

flocculation step and thus shortens the time needed for microalgae harvesting. The 

functionalization of bubbles allows increasing in a significant manner their interactions with 

cells, in a pH-dependent manner. Further flotation experiments showed that flotation 

efficiency is directly correlated to the interaction between cells and functionalized bubbles, as 

flotation efficiency also changes with the pH.
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A B S T R A C T   

Microalgae are a promising resource for biofuel production, although the lack of effective harvesting techniques 
limits their industrial use. In this context, flotation, and in particular dissolved air flotation (DAF), is an inter-
esting separation technique that could drastically reduce harvesting costs and make biofuel-production systems 
more economically viable. But because of the repulsive interaction between cells and bubbles in water, the ef-
ficiency of this technique can be limited. To solve this problem, we propose here an original DAF process where 
bubbles are functionalized with a bio-sourced polymer able to specifically bind to the surface of cells, chitosan. In 
a first part, we modify chitosan by adding hydrophobic groups on its backbone to obtain an amphiphilic 
molecule, PO-chitosan, able to assemble at the surface of bubbles. Then, using a recently developed technique 
based on atomic force microscopy (AFM) combined with microfluidics, we probe the interactions between PO- 
chitosan coated bubbles and cells at the molecular scale; results show an enhanced adhesion of functionalized 
bubbles to cells (from 3.5 to 12.8 nN) that is pH-dependent. Separation efficiencies obtained in flotation ex-
periments with functionalized bubbles are in line with AFM data, and a microalgae separation efficiency of 
approximately 60% could be reached in a single step. In addition, we also found that PO-chitosan could be used 
efficiently as a flocculant (nearly 100% of cells removed), and in this case AFM experiments revealed that the 
flocculation mechanism is based on hydrophobic interactions between cells and PO-chitosan. Altogether, this 
comprehensive study shows the interest of PO-chitosan to harvest cells in flotation or flocculation/flotation 
processes.   

1. Introduction 

Microalgae are photosynthetic microorganisms capable of capturing 
sunlight and converting carbon dioxide into value-added products such 
as biofuels, dietary products and animal feed [1]. For biofuel produc-
tion, microalgae are currently considered the most promising biomass 
due to their many advantages over terrestrial plants, such as rapid 
growth, high capacity to accumulate lipids under certain conditions and 
the possibility of growing them on non-arable land [2]. Despite these 
advantages, broad commercialization of microalgae-sourced biodiesel 
has been restrained due to the high costs involved in production pro-
cesses. Basically, biofuel production from microalgae can be divided into 
the following major steps: cultivation, harvesting, extraction and down- 

stream processes [3]. The most expensive of these steps is the harvesting 
of microalgae; as they grow at low concentration (0.3–3 g/L), large 
volumes of water need to be treated to recover small quantities of 
biomass [4]. Although the choice of microalgae harvesting technique 
depends largely on the microalgae species and the desired end product, 
the most commonly used techniques are centrifugation, filtration and 
sedimentation [5]. These methods however are generally associated 
with a low efficiency, high capital costs and important energy and/or 
chemicals consumptions. For example, centrifugation requires a high 
energy input (up to 8 kWh/m3 of microalgae, [6]) which represents a 
huge cost for largescale processing, and may also damage cells due to the 
high shear forces, resulting in a significant loss of the products of interest 
[1]. Likewise permeable membranes used for filtration are easily 
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clogged by small microalgae [7], which also leads to important pro-
cessing costs and material costs. 

In this context, flotation could be an interesting alternative har-
vesting technique as it is a proven technology to efficiently capture small 
particles in an aqueous solution using air bubbles. In this way, it takes 
advantage of the natural characteristics of microalgae, namely a rela-
tively low density and a tendency to self-flotation [8]. In addition, 
because it is a relatively rapid operation, with low space requirements, 
high flexibility and moderate operational costs, flotation technique has 
the potential to overcome the bottleneck of feasible microalgal biofuel 
production [9]. Indeed, when combined to a flocculation step, the en-
ergy demand reported can be as low as 1.5 kWh/m3 [10]. However, its 
efficient use for microalgae harvesting is still challenging as cells are 
usually negatively charged. The surface of air bubbles being also nega-
tively charged in water, [11] they repeal each other preventing adhesion 
and thus capture and flotation. To improve flotation efficiency, adding a 
flocculation step prior to flotation can be a good solution. Synthetic 
flocculants added to the microalgal suspension aggregate cells into large 
flocs that can be easily captured by the bubbles [12]. However, 
contamination is a major issue in this technique as flocculants at the end 
of the process end up in the harvested biomass and can have an 
important impact on the final quality of the products [9]. To avoid this 
problem, natural flocculation is a preferred alternative. So far, two types 
of natural flocculation mechanisms have been identified: auto- 
flocculation, where flocculation is triggered by a molecule or precipi-
tate that forms naturally in the culture medium, and bio-flocculation, 
where a molecule produced by cells is directly responsible for floccu-
lation [13]. But because natural flocculation can be difficult to control or 
trigger in industrial processes, many studies have showed the interest of 
using bio-flocculants like biopolymers either directly extracted from 
other organisms like natural polysaccharides, or modified by various 
means to control the functional chemical groups they present and induce 
natural flocculation [14–17]. The most popular biopolymer used for 
microalgae harvesting is with no doubt chitosan. Chitosan is a cationic 
polyelectrolyte at pH lower than its pKa (6.5) obtained by deacetylation 
of chitin. After cellulose, it is the second most abundant natural polymer 
on earth [18,19]. Moreover as chitin-like polysaccharides are naturally 
present in the cell wall of several microalgae species [20], chitosan does 
not contaminate the harvested biomass. To understand its flocculation 
mechanism, our team recently performed atomic force microscopy 
(AFM) experiments to probe the interactions between chitosan and cells. 
AFM, first developed in 1986, is a powerful tool that can be used to study 
microalgae cells at the nanoscale and characterize their interactions 
with their environment [21]. The results obtained in this study showed 
that at low pH, chitosan is able to form specific interactions with poly-
mers present at the surface of cells, in this case, cells of Chlorella vulgaris, 
while at higher pH, chitosan forms a precipitate in which cells get 
entrapped [17]. 

Another possibility to improve the efficiency of flotation for micro-
algae harvesting that has been explored is to modify the surface of the 
bubbles. The principal example of such a strategy was provided by 
Henderson’s team, who modified the surface of the bubbles with posi-
tively charged polymers, thereby changing the charge of the bubbles and 
making interaction with the cells attractive. Using this strategy named 
Posi-DAF (positive dissolved air flotation), the authors could obtain a 
maximum separation efficiency of 97 %, 54 % and 89 % in the case of 
Melosira aeruginosa, C. vulgaris and Asterionella formosa cells respec-
tively. Here in this work, we also propose a bubble-modification strat-
egy, based on the recent findings that we generated on the mechanism of 
interaction of chitosan with cells [17]. The hypothesis is that since 
chitosan is able to bind specifically to microalgae cells at low pH, if we 
functionalize it at the surface of bubbles, then flotation separation could 
be efficient without the need of a flocculation step. Removing this step in 
a large-scale production system could result in reduced costs, reduced 
harvesting time, and could represent an important step forward for the 
use of microalgae for biofuel production. This is what is presented in this 

study, and for that we worked with a biotechnologically-relevant 
freshwater microalgae species, C. vulgaris. The first step of this work 
was to modify chitosan so it could be functionalized at the surface of 
bubbles, by adding hydrophobic groups on its hydrophilic backbone. 
Then, using a recently developed approach based on FluidFM technol-
ogy, which combines AFM and microfluidics, we could probe the in-
teractions between functionalized bubbles and cells at the molecular 
scale, and this way understand the mechanism involved in this inter-
action [22]. Finally, the effectiveness of this original flotation process in 
different experimental conditions was determined. But as we were 
investigating the interacting behavior of this chitosan-based molecule, 
we also found that it could be successfully used as a flocculant; AFM 
experiments in this case allow understanding how the modifications 
made on chitosan affected the physico-chemical basis of its interactions 
with cells. Altogether, this work has led to the development of an 
original flotation process based on functionalized bubbles with a 
modified chitosan molecule, which can also serve as a flocculant 
depending on the application and needs. Finally the AFM experiments 
performed at the molecular scale could highlight the mechanisms at 
play, thereby giving a full understanding of the interaction mechanisms 
involved in both cases. 

2. Materials and methods 

2.1. Chemicals 

Chemicals for the synthesis of alkyl-chitosan derivatives were the 
following: chitosan (from shrimp, practical grade, ≥ 75 % degree of 
deacetylation, C3646), octanal (O5608), sodium hydroxide (S0899), 
sodium cyanoborohydride reagent grade 95 % (156159), Deuterium 
chloride solution (543047) were purchased from Sigma-Aldrich as well 
as glacial acetic acid 99.5 % (W200611) and ethanol 96 % (1.59010) 
and used as received. 

2.2. Synthesis and characterization of polyoctyl chitosan (PO-chitosan) 

The N-octyl-chitosan derivatives were obtained by reductive ami-
nation following a procedure previously described in the literature 
[23–26]. In brief, 6 g of chitosan were dissolved in 450 mL of 0.2 M 
acetic acid (AcOH) to which was added 180 mL of ethanol after complete 
dissolution. The pH was adjusted to 6 with 4 M of NaOH to prevent 
macromolecule precipitation. A solution of octanal (target alkylation 
level of 10 %) in 40 % of ethanol was added using a 1:3 ratio prior to 
adding an excess of sodium cyanoborohydride (NaBH3CN) (3:1 mol ratio 
per glucosamine monomer). After stirring for 24 h at room temperature, 
the pH of the reaction mixture was adjusted to 7–8 using a solution of 4 
M of NaOH. The precipitate was collected by centrifugation for 5 min at 
6000 rpm at 4 ◦C and was then thoroughly washed with ethanol/water 
mixture at least 5 times with increasing ethanol concentration from 40 
% (v/v) to 100 % (v/v) before drying until constant weight. NMR 
spectroscopy was used to characterize both chitosan and N-octyl-chito-
san derivatives produced to determine the degree of substitution (DS). 
The NMR spectra were performed on a Bruker Advance spectrometer 
(Bruker, Switzerland) in D2O-DCl (pH around 4) at a resonance fre-
quency of 400.13 MHz and 70 ◦C on the starting material and on the 
final product. The degree of substitution was calculated from NMR 
spectra as previously described elsewhere [23]. Integration of the 
anomeric protons and acetyl groups were obtained using the TOPSPIN 
4.0.8 software (Bruker, Switzerland) and gave an acetylation degree of 
20 % (consistent with the starting material), 12 % of octylated mono-
mers, and 68 % of free amine monomers. 

2.3. Microalgae strain and culture 

The green freshwater microalgae Chlorella vulgaris strain CCAP 211/ 
11B (Culture Collection of Algae and Protozoa, Scotland, UK) was 
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cultivated in sterile conditions in Wright’s cryptophyte (WC) medium 
prepared with deionized water, as previously described [17]. Cells were 
cultivated at 20 ◦C, under 120 rpm agitation, in an incubator equipped 
with white neon light tubes providing illumination of approximately 40 
µmol photons m− 2 s− 1, with a photoperiod of 18 h light: 6 h dark. 
Exponential phase experiments were performed with 7-day batch cul-
tures, while stationary phase experiments were performed with 21-day 
batch cultures. 

2.4. Roughness analyses 

Roughness analyses were performed on PO-chitosan immobilized on 
glass slides. PO-chitosan was functionalized at the surface of glass slides 
using spin-coating, according to a procedure described in Demir et al. 
2020 [17]. Briefly, 2.5 g/L PO-chitosan (pH around 2 adjusted with HCl) 
solution was deposited on a clean glass slide and spin-coated at 1000 
rpm for 3 min. The glass slides were then dried in an incubator at 37 ◦C 
overnight before use. Height images of the PO-chitosan surfaces were 
recorded in PBS at pH 6, 7.4 and 9 using contact mode available on the 
Nanowizard III AFM (Bruker, USA), and MSCT cantilevers (Bruker, 
nominal spring constant of 0.01 N/m). Images were recorded with a 
resolution of 256 × 256 pixels using an applied force < 1 nN. In all cases 
the cantilevers spring constants were determined by the thermal noise 
method prior to imaging [27]. The height images obtained were then 
analyzed using the Data Processing software (Bruker, USA) to determine 
the arithmetic average roughness (Ra) of 6 different areas of 25 µm2 (5 
µm × 5 µm) for each sample. 

2.5. Flocculation and flotation experiments 

Flocculation and flotation separation of C. vulgaris was performed in 
a dissolved air flotation (DAF) homebuilt flotation device, described 
elsewhere [28]. Briefly, the depressurization at atmospheric pressure of 
water saturated by air at 6 bars induced the formation of bubbles. Water 
free of algae was pressurized for 30 min before injection into the jars. 
The injection was controlled by solenoid valves and a volume of pres-
surized water was added to each beaker sample. Two types of experi-
ments were conducted, repeated 3 times for each condition with cells 
coming from 2 independent cultures:  

• Flocculation: C. vulgaris cells were cultured during 7 days until they 
reached mid-exponential phase. Then 100 mL of cell suspension was 
directly poured into the test-jars with an initial optical density (OD) 
at 750 nm of 0.8. Flocculants, chitosan and PO-chitosan, were 
directly added (final concentration of 10, 15 and 20 mg/L for chi-
tosan and of 12, 17, 22, 25, 30, 40 and 60 mg/L for PO-chitosan) to 
the suspension, which was stirred at 100 rpm for 20 min to ho-
mogenize and left to settle for 30 min. OD at 750 nm of the sus-
pension was measured afterwards to calculate flocculation 
efficiency.  

• Flotation: C. vulgaris cells were cultured during 7 days until they 
reached mid-exponential phase. Then, 100 mL of cell suspension was 
directly poured into the test-jars with an initial OD750 of 0.8. PO- 
chitosan mixed with water was directly added to the pressurization 
tank (final concentration of 30, 25 and 20 mg/L); the mix was then 
pressurized during 30 min at 6 bars. Following this, depressurization 
at atmospheric pressure of the water-PO-chitosan mix saturated by 
air was performed to inject functionalized microbubbles into each 
flotation beaker (bubble volume of 20, 50, 80 and 100 mL). The algal 
suspension was retrieved from the bottom of the test-jars: 30 mL 
were used for measuring OD at 750 nm and further quantify flotation 
efficiency. 

For both types of experiments, the optical density of the withdrawn 
microalgae suspension (ODf) was measured and compared to the optical 
density of the microalgae suspension measured before the experiments 

(ODi), taking the initial and final volumes into account (Vi and Vf). The 
flotation efficiency (E) was calculated according to the following Eq. (1). 

E =
ODi.Vi − ODf .Vf

ODi.Vi
(1)  

2.6. Zeta potential experiments 

The global electrical properties of C. vulgaris cell surface at pH 6, 7.4 
and 9 were assessed by measuring the electrophoretic mobility with an 
automated laser zetameter (Zetasizer NanoZS, Malvern Instruments). To 
this end, microalgae were harvested by centrifugation (3000 rpm, 3 
min), washed two times in PBS at a pH of 6, 7.4 or 9, and resuspended in 
the same solution at a final concentration of 1.5 × 106 cell/mL. For each 
condition, analysis were performed in triplicate. 

2.7. Granulometry analysis 

Particle size distributions of both chitosan and PO-chitosan were 
determined using a Mastersizer (Malvern Instruments, UK). For that, PO- 
chitosan was dissolved in water with a pH around 2 (with HCl) and 
stirred for 1 week at final concentrations of 2.5 g/L, 1 g/L and 0.5 g/L. 
The refractive index used for micelles was of 1.350. The results are 
presented as an average number obtained from 3 measurements. 

2.8. Force spectroscopy experiments using FluidFM technology 

Force spectroscopy experiments were conducted using a Nano-
Wizard III AFM (Bruker, USA), equipped with FluidFM technology 
(Cytosurge AG, Switzerland). In each case, experiments were performed 
in PBS at pH 6, using micropipette probes with an aperture of 2 µm 
(spring constant of 0.3, and 4 N/m, Cytosurge AG, Switzerland). First, 
PBS at a pH of 6 was used to fill the probe reservoir (5 µL); by applying 
an overpressure (100 mBar) the PBS then filled the entire cantilever 
microchannel. The probe was then immersed in PBS and calibrated 
using the thermal noise method prior to measurement [27]. A single 
C. vulgaris cell was then aspirated from the surface of the Petri dish by 
approaching the FluidFM probe and applying a negative pressure (− 200 
mBar). The presence of the cell on the probe was verified by optical 
microscopy. The cell probe was then used to measure the interactions 
with PO-chitosan immobilized on glass slides. Interactions between 
single C. vulgaris cells aspirated at the aperture of FluidFM cantilevers 
and PO-chitosan were recorded at pH 6, 7.4 and 9 at a constant applied 
force of 1 nN, force curves were recorded with a z-range of up to 2 μm 
and a constant retraction speed of 2.0 μm/s to 4 μm/s. Data were 
analyzed using the Data Processing software from Bruker. Adhesion 
forces were obtained by calculating the maximum adhesion force for 
each retract curves. Results were recorded on ten different cells coming 
from at least two independent cultures. 

2.9. Bubble formation and functionalization using FluidFM 

Air-bubbles were formed using FluidFM as described in Demir et al. 
[22], using a Nanowizard III AFM (Bruker, USA), equipped with Flu-
idFM technology (Cytosurge AG, Switzerland). Experiments were per-
formed in PBS, using microfluidic micropipette probes (FluidFM 
cantilevers) with an aperture of 8 µm (spring constant of 0.3 and 2 N/m, 
Cytosurge AG, Switzerland). Briefly, hydrophobized FluidFM cantilevers 
were first filled with air and immersed in PBS. A single bubble was then 
formed at the aperture of the cantilevers by applying a positive pressure 
(200 mbar) inside the cantilever thanks to the pressure controller to 
which it is connected. To produce functionalized bubbles, the FluidFM 
cantilever was immersed in a solution of 2 mg/L of PO-chitosan. This 
solution was aspirated inside the cantilever by gradually decreasing the 
pressure from 0 mbar to − 200 mbar. After that the FluidFM cantilever 
containing the surfactant solution was immersed in PBS buffer without 
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surfactants. By increasing the pressure to 150 mbar, the surfactant so-
lution was then locally dispersed in the buffer and a bubble was formed: 
the surfactant then assembled at the surface of the produced bubble. 
Interactions between PO-chitosan coated bubble produced at the aper-
ture of FluidFM and single C. vulgaris cells were recorded at pH 6, 7.4 
and 9 at a constant applied force of 1 nN, force curves were recorded 
with a z-range of up to 2 μm and a constant retraction speed up to 4 μm/ 
s. 

2.10. Statistical analysis 

Experimental results represent the mean ± standard deviation (SD) 
of at least three replicates. For each experiments, the number of repli-
cates is indicated in the results and discussion section. For large samples, 
student t-test was used to assess the difference observed in the results. 
For small samples (<20) Mann and Whitney test was used to assess the 
difference. The differences were considered significantly at p < 0.05. 

3. Results and discussion 

3.1. Synthesis of PO-chitosan 

The first step of this study consisted in the synthesis of PO-chitosan 
using the reductive amination reaction illustrated in Fig. 1a. Such re-
action preserves the number of basic nitrogens and can be performed 
under mild conditions that do not modify the chitosan molecule itself 
(degree of acetylation and/or polymerization degree) as described 
elsewhere [24]. Octanal was chosen as a precursor of the hydrophobic 
alkyl groups, this way the amphiphilic character of the target molecule 
PO-chitosan can be reached without the complete alkylation of all 
glucosamine monomers and indeed a 10 % stoichiometric ratio is suf-
ficient. Thus, some of the primary amino groups of chitosan undergo a 
Schiff reaction with octanal to yield the corresponding aldimines, which 
are then converted to alkyl derivatives by reduction with NaBH3CN. 1H 
NMR spectroscopy in D2O/DCl (pH ~ 4) at 70 ◦C was used to charac-
terize both chitosan and PO-chitosan and determine the degree of sub-
stitution (DS) of the amine functions by the octyl chains. The 1H NMR 
spectra of initial chitosan and PO-chitosan are presented in Fig. 1b and c 
respectively. The octyl chain in PO-chitosan can be easily identified by 
the signals in the 0.7 – 1.7 ppm region. Thus, the signal at 0.7 ppm was 
attributed to the terminal –CH3 while those at 1.6 ppm and the multiplet 
at 1.1–1.3 ppm, to respectively the –CH2 group linked to the N atom and 

the core CH2 of the octyl chain. 
The degree of substitution was calculated as previously described 

[23], by examining the relative integration of the anomeric protons Hα, 
using the assignation previously reported [23–25]. 

* at 4.54 ppm, the acetylglucosamine unit, 
* at 4.80 ppm, the unsubstituted glucosamine unit. 
* at 4.94 ppm, the monosubstituted glucosamine unit. 
It was found to be of 12 % (Fig. 1c), meaning that 12 % of the amine 

functions of chitosan have been modified with octanal molecules. This 
number is close to the targeted degree of substitution (10 %) and to what 
was found by Mati-Baouche et al. who described the reaction in these 
specific conditions [24]. The relative number of N-acetylated glucos-
amine remained unchanged compared to the starting chitosan and 
confirms the mildness of the reaction conditions used. 

3.2. Characterization of PO-Chitosan using atomic force microscopy 

PO-chitosan has already been characterized on the basis of its water 
resistance, rheological characteristic and bonding properties to wood 
and aluminum surfaces [24,25]. Here we characterized PO-chitosan on 
the basis of its surfactant properties, particle size, roughness and hy-
drophobicity, which are parameters important to then optimize the next 
experiments of this study (AFM, flocculation and flotation experiments). 
PO-chitosan has both hydrophilic (–NH2 or –OH) and hydrophobic sites 
(alkyl chains, octanal), and thus possess amphiphilic properties, making 
it a surfactant. As for any surfactants, it should be able to decrease the 
surface tension of water with increasing concentration. Surface tension 
experiments were then performed, the results are presented in Supple-
mentary Fig. 1. They show that with increasing concentration of PO- 
chitosan, the surface tension of water decreases from approximately 
72 to 62 mN/m for a PO-chitosan concentration of 2.5 g/L. This decrease 
is not as important as it can be with other types of surfactants, but this 
can be explained by the degree of substitution of the molecule, which is 
of 12 %. This means that only 12 % of the amine functions of chitosan 
have been modified with hydrophobic octanal molecules, thus the hy-
drophobic part of the molecule may not be large enough to change in an 
important manner the surface tension of water. However, in order to be 
able to dissolve the molecule in water, there needs to be a balance be-
tween the hydrophobic and hydrophilic groups. For instance, for low 
molecular weight chitosan, even with a substitution degree of 10 %, the 
resulting molecule is water insoluble. Whereas, for high molecular 
weight chitosan we are limited with low alkylation level (10–15 %) 

Fig. 1. Synthesis of PO-chitosan. a) Synthesis of PO-chitosan by alkylation, b) 1H NMR spectra obtained for initial chitosan, c) 1H NMR spectra obtained for PO- 
chitosan. The DS obtained for PO-chitosan is of 12 %. 

I. Demir-Yilmaz et al.                                                                                                                                                                                                                          



Chemical Engineering Journal 452 (2023) 139349

5

because as the alkylation level increases, water solubility of PO-chitosan 
decreases, and we need water soluble compounds to use for the next 
experiments. To verify we can completely dissolve PO-chitosan in water, 
we measured the particle size of both initial chitosan and PO-chitosan in 
water using granulometry. The size distribution graphs obtained are 
shown in Supplementary Fig. 1b and c respectively (concentration of 

2.5 g/L). They both show a similar pattern which means that the addi-
tion of octanal does not modify the size of chitosan significantly (high 
molecular weight). 

Moreover, we also measured the turbidity of chitosan and PO- 
chitosan solutions at different concentrations (2.5, 1 and 0.5 g/L): the 
obtained turbidities are of 4.3, 3.2 and 3.5 NTU respectively. This means 

Fig. 2. Characterization of PO-chitosan surface at different pH. a) Schematic representation of bubble and PO-chitosan surface interaction. Adhesion force histogram 
obtained between bubble and PO-chitosan surface at b) pH 6 c) pH 7.4 and d) pH 9. AFM height images of PO-Chitosan surface at e) pH 6 (color scale = 4 nm) f) pH 
7.4 (color scale = 4 nm) and g) pH 9 (color scale = 4 nm) and their corresponding 3D AFM vertical deflection images at h) pH 6, i) pH 7.4 and j) pH 9. k) 
Quantification of PO-chitosan surface roughness at different pH. 
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that solutions are clear (NTU < 5 corresponds to clear water). Thus both 
size measurements and turbidity experiments prove that we are able to 
dissolve PO-chitosan in water. Moreover, based on the literature, we 
know that chitosan and PO-chitosan behave differently. For example, 
rheological analysis show that alkyl-chitosan solutions are non- 
Newtonian fluids, since the viscosity decreases with increasing shear 
rate whereas initial chitosan shows a Newtonian behavior [23–25]. 
Further, Desbrieres et al. highlighted that addition of octanal or increase 
in the DS, is linked with the increase in viscosity of PO-chitosan since the 
intermolecular hydrophobic interaction is a key element in physico- 
chemical (rheological) properties of the modified chitosan. The higher 
the hydrophobic properties (the length of the alkyl chain or degree of 
substitution) of macromolecular chain the larger the gap to the New-
tonian behavior [25]. Thus, more analysis needs to be performed on PO- 
chitosan to understand the differences with chitosan, such as roughness 
and hydrophobicity measurements. 

Regarding the hydrophobic properties of PO-chitosan, it has been 
found that pH has an influence on the hydrophilic and hydrophobic 
balance of the molecule due to the ability of –NH2 functions (hydrophilic 
part) to be ionized in acidic conditions [23]. We thus measured the 
hydrophobicity of PO-chitosan at different pH (pH 6, 7.4 and 9) relevant 
for flocculation or flotation processes for C. vulgaris cells, using a method 
recently developed in our team based on the interactions between 
bubbles produced by FluidFM and samples [22,29]. Air bubbles in water 
behaving like hydrophobic surfaces, by measuring their direct in-
teractions with surfaces it is possible to determine the hydrophobic 
properties of the samples in terms of adhesion force, and further convert 
these forces into water contact angles (WCA) [22]. Using WCAs values 
we can then compare our data directly to the ones available in the 
literature. To perform these experiments, PO-chitosan was immobilized 
on glass slides by spin coating and their interaction with bubble were 
measured in PBS buffer at pH 6, the pH generally used for chitosan 
induced flocculation, pH 7.4, the optimum pH for C. vulgaris growth, or 
pH 9 which corresponds to the pH C. vulgaris cultures reach after 7 days. 
A schematic representation of these measurements is presented in 
Fig. 2a. The adhesion force histograms obtained at pH 6, 7.4 and 9 are 
presented in Fig. 2b, c and d respectively. In each case the force curves 
obtained show a single peak occurring at the contact point (inset in 
Fig. 2b, c and d), which is characteristic of non-specific interactions such 
as hydrophobic interactions [30]. On each force curve obtained, the 
adhesion force is then quantified by measuring the height of this adhe-
sion peak, which corresponds to the force needed to break the interac-
tion between the bubble and the sample. This force reflects the degree of 
hydrophobicity of the sample, the stronger the adhesion, the higher the 
hydrophobicity. In the case of pH 6, the average adhesion force is of 66.7 
± 13.9 nN (Fig. 2b, n = 3125 force curves obtained on 5 different 
measurements). While this value stays similar at a pH of 7.4 (64.6 ±
20.3 nN, Fig. 2c, n = 1977 force curves obtained on 5 different mea-
surements), it decreases to 46.5 ± 15.9 nN at pH 9 (Fig. 2d, n = 1454 
force curves obtained on 5 different measurements). Even though the 
average adhesion values at pH 6 (66.7 ± 13.9 nN) and 7.4 (64.6 ± 20.3 
nN) are close to each other, statistical analysis shows that they are 
significantly different (p-value of 0.05, unpaired student test). The 
conversion of these adhesion values into WCAs gives the results pre-
sented in Table 1, which show that indeed, pH has an effect on the hy-
drophobicity of the molecule, as the WCA decreases with increasing pH 
values. The important point to note as well in this case is that initial 
chitosan is completely hydrophilic (WCA of 0) and does not interact with 
bubbles (Supplementary Fig. 2) whatever the pH considered; it is the 
modifications made on the molecule and the addition of octanal that 
confers amphiphilic properties to PO-chitosan. 

Previous studies have showed that chitosan, at elevated pH, pre-
cipitates into the medium [16,17]. This precipitation was visible when 
we imaged in a previous study chitosan coated surfaces using AFM, 
where aggregates of chitosan formed on the surface, resulting in an 
increased roughness (13 ± 5 nm) compared to low pH (0.6 ± 0.1 nm) 

[17]. To check whether PO-chitosan behaves like chitosan at high pH, 
we further characterized it by imaging PO-chitosan surfaces at pH 6, 7.4 
and 9 using AFM in contact mode. The height images obtained are 
presented in Fig. 2e, f and g respectively, they show a similar topography 
in all cases, with no aggregates present on the surface. The quantifica-
tion of the surface roughness in each case gave similar values (box plot in 
Fig. 2k), with a roughness of 574.0 ± 105.7 pm at pH 6, of 528.1 ±
144.8 pm at pH 7.4 and of 494.1 ± 82.2 pm at pH 9. Non-parametric 
statistical tests (Mann and Whitney test) showed that these values 
indeed are not significantly different. These results confirm the obser-
vations from the height images; whatever the pH, PO-chitosan surfaces 
are homogeneous with no aggregates formed, meaning that PO-chitosan 
does not precipitate at high pH like chitosan does. 

Thus, in summary, the modification of chitosan by addition of hy-
drophobic octanal molecules on its backbone, with a DS of 12 %, made it 
amphiphilic as confirmed by surface tension experiments that showed a 
decrease in the surface tension. The new molecule PO-chitosan can also 
be completely dissolved in water, as confirmed by particle size and 
turbidity measurements. Then, using FluidFM experiments, we showed 
that the modifications made indeed changed the hydrophobic properties 
of the molecule, which are dependent on the pH, as described in the 
literature. Finally AFM measurements showed that PO-chitosan, unlike 
chitosan, does not precipitate at elevated pH. Now the next step of this 
study is to functionalize it at the surface of bubbles and determine if this 
functionalization allows a better adhesion of bubbles with cells. 

3.3. PO-chitosan functionalized bubbles improve flotation efficiency 

The characterization of PO-chitosan has showed that the molecule is 
indeed amphiphilic, able to act like a surfactant, thus we can use it to 
coat the surface of bubbles. The question is now to know if the presence 
of PO-chitosan on the surface of bubbles improves its adhesion to cells, 
and by which mechanism. To verify this point, we modified the surface 
of bubbles produced with FluidFM with PO-chitosan (concentration of 2 
mg/L) using a protocol previously developed in our team [22]. Briefly, 
for that, a solution containing PO-chitosan is first aspirated inside a 
FluidFM cantilever. The cantilever is then immersed in the petri dish 
containing cells: by applying a positive pressure, the PO-chitosan solu-
tion is released, a bubble is formed, and because PO-chitosan molecules 
are in close proximity of the bubble, they directly assemble at its surface. 
PO-chitosan coated bubbles can then be used to probe the direct in-
teractions with C. vulgaris cells. The results are presented in Fig. 3. 
Fig. 3a is a schematic representation of the experimental set-up. In this 
case the retract force curves obtained showed a single retract peak at the 
contact point (red curve in Fig. 3b) with an average adhesion force of 
12.8 ± 1.5 nN at pH 6 (Fig. 3c in dark blue, n = 3603 force curves from 7 
different cells coming from 2 independent cultures). This interaction is 
3.6 times higher than the one obtained between clean bubbles and cells 
(Fig. 3c in light blue), meaning that indeed, the functionalization of the 
bubble surface with PO-chitosan enhances the direct interaction with 
C. vulgaris cells. Moreover, the approach force curve also shows a “jump- 
in” peak reflecting the fact that the PO-chitosan coated bubble gets 

Table 1 
Hydrophobic properties of chitosan and PO-chitosan at different pH. Adhesion 
values obtained by FluidFM and corresponding water contact angle (WCA) of 
chitosan and of PO-chitosan surfaces at pH 6, 7.4 and 9.  

Sample pH Adhesion value (nN) WCA (◦) 

Chitosan 6 0 ~ 0 
7.4 0 ~ 0 
9 0 ~ 0  

PO-chitosan 6 66.7 ± 13.9 48.7 
7.4 64.6 ± 20.3 48.3 
9 46.5 ± 15.9 44.6  
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suddenly attached to the C. vulgaris cell (Fig. 3b, blue curve). This jump- 
in, as previous studies on bubble-hydrophobic surface interaction show 
[22], is most likely due to the long-range hydrophobic force that causes 
the disruption of the water film and the formation of the three phase 
contact (TPC) line. This is an important point. Indeed, when we char-
acterized the interactions between chitosan and C. vulgaris cells in our 
previous study, the force curves obtained showed multiple peaks taking 
place away from the contact point, materializing the unfolding of 
polymers from the surface of cells upon retraction [17]. In theory, the 
hydrophobic parts of PO-chitosan should be inside the air bubble, while 
the rest of the chitosan molecule, which is hydrophilic, should be outside 
the bubble, available for interaction. Thus, we expected to obtain the 
same interactions with PO-chitosan coated bubbles as we had with 
chitosan alone. This is clearly not the case, and our hypothesis to explain 
this is that when the coated bubble contacts the cell, the specific inter-
action between the hydrophilic backbone of the chitosan and the cell can 
take place, but because this interaction is effective, the water film be-
tween the bubble and the cell breaks down, resulting in the formation of 
the TPC line. At this point, when the bubble probe is retracted from the 
cell, the hydrophobic interaction becomes dominant over the specific 
interaction, and this is what we see on the force curve. The fact that this 
hydrophobic force is much higher in the case of PO-chitosan coated 
bubbles compared to clean bubbles can be explained by the first 
attractive specific interaction of the cells with the hydrophilic backbone 
of the chitosan present on the bubble surface. In addition, the formation 
of the TPC line increases the contact area between the bubble and the 
C. vulgaris cells, which increases the adhesion forces obtained. For 
example, in our previous study we already prove that there is a direct 
relationship between effective radius (thus the contact area) and hy-
drophobic forces. Meaning that increase in hydrophobicity enhances the 
effective radius between hydrophobic surfaces and bubbles due to the 
TPC line formation thereby leading to higher adhesion forces [22]. 

We further repeated these experiments at pH 7.4 and 9 (Fig. 3d and 
e). At pH 7.4, cells interact more with clean bubbles with an average 
adhesion force of 4.0 ± 1.2 nN (Fig. 3d, light green histogram, n = 2814 
force curves from 5 cells) compared to pH 6, which can be explained by 
some changes perhaps in the hydrophobicity of C. vulgaris cells surface at 

this pH. When bubbles are functionalized with PO-chitosan, the average 
force obtained is of 4.6 ± 1.4 nN (Fig. 3d, dark green n = 2814 force 
curves from 5 cells), thus almost 3 times less than at pH 6. In addition in 
this case, the “jump-in” peak on the approach curves was not visible 
anymore. This important decrease in the adhesion is most probably due 
to the decrease in the hydrophobicity of PO-chitosan molecule. 
Although this decrease is low, it has important consequences on the 
interactions with cells. At pH 9 (Fig. 3e), cells do not interact with clean 
bubbles (0 % of adhesion, light red bar in Fig. 3e) at all, while when 
bubbles are coated with PO-chitosan, the percentage of force curves 
showing retract adhesions is of 23 %, with an average force of 0.3 ± 0.1 
nN (dark red histogram in Fig. 3e, n = 4419 from 7 cells coming from 2 
independent cultures). In the case of chitosan, there was no interaction 
with cells at higher pH, but this was explained by the fact that chitosan 
precipitated at such pH values. The roughness measurements performed 
in the first part of this work showed that PO-chitosan does not precipi-
tate like chitosan does at higher pH. Therefore, this lack of interaction is 
probably not related to PO-chitosan, but to the cell surface itself. Indeed, 
in this case, clean bubbles do not interact with cells, which means that at 
pH 9, the cell surface is completely hydrophilic. This can be explained by 
a change in the cell wall composition at higher pH [20], or by a change 
in the cell surface architecture where hydrophobic molecules at the 
surface of cells may be masked by other components [17]. Thus, the 
initial interaction between the hydrophilic chitosan backbone at the 
surface of bubbles still takes place, as proven by the low adhesions 
recorded. However, because the cell surface is hydrophilic, the liquid 
film between the bubbles and the cells cannot be broken, resulting in a 
weak adhesion force. These results are important because they provide 
insight into the molecular mechanism underlying the interactions of PO- 
chitosan bubbles with cells. While the interaction with PO-chitosan 
bubbles probably starts with a specific interaction between the chito-
san molecules present at the surface of bubbles and cell surface poly-
mers, hydrophobicity remains the main factor allowing then the contact 
between bubbles and cells. 

In a next step, to see how these interactions between cells and PO- 
chitosan bubbles influence cell capture and subsequent separation by 
the bubbles, we performed flotation experiments. To produce 

Fig. 3. Modulation of the interactions between bubbles and C. vulgaris cells by PO-chitosan. a) Schematic representation of PO-chitosan coated bubble and single C. 
vulgaris cell interaction. b) Representative force curves obtained for PO-chitosan coated bubble and C. vulgaris cell at pH 6. Adhesion force histogram obtained for 
the interactions between PO-chitosan coated bubbles and C. vulgaris cell at c) pH 6, d) pH 7.4 and e) pH 9. Lighter colors histograms in c, d and e show clean bubble – 
C. vulgaris cell interactions at the corresponding pH values. 
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functionalized bubbles, water containing PO-chitosan was pressurized 
to 6 bar for 30 min. Then, by introducing the white waters into the 
flotation jars, the bubbles and surfactants are released into the medium 
at the same time; since the surfactants are in close proximity to the 
bubbles, they can assemble on their surface. Fig. 4a is a schematic rep-
resentation of the flotation process with bubble functionalization, per-
formed in only one step then with no prior flocculation. Unless 
otherwise indicated all the experiments were performed at pH 6. For 
that, in a first set of experiments, 50 mL of PO-chitosan white waters 
were injected from the pressurization tank to each beaker via the sole-
noid valves. Different PO-chitosan concentrations were tested in a range 
from 12.5 to 100 mg/L, and allowed to determine the best conditions, 
using 25 mg/L of PO-chitosan, where the highest separation efficiency 
was obtained (Supplementary Fig. 3). Indeed, at low concentrations, for 
the volume of bubbles used, there is not enough PO-chitosan to coat the 
surface of bubbles resulting in poor flotation efficiency. On the contrary, 
when higher concentrations are used, there is too much PO-chitosan 
compared to bubbles, thus PO-chitosan molecules may end up in the 
suspension and saturate it, preventing bubbles to interact with cells. 

To confirm this, we then used the best concentration obtained, 25 
mg/mL of PO-chitosan, and varied the ratio of bubbles to cells. For that, 
we decreased or increased the volume of white waters injected in the 
microalgae suspensions; this results in a lower or higher number of 
bubbles and thus in a decreased or increased bubble surface area 
compared to cells. Four different injected white waters volumes were 
tested (20, 50, 80 and 100 mL); the results obtained are presented in 
Fig. 4c. On this graph, the light blue bars correspond to the control 
conditions (clean bubbles) and the dark blue bars correspond to PO- 
chitosan coated bubbles. The highest separation efficiency was of 55.1 

± 13.1 %, obtained with a white water volume of 50 mL, which is 1.6 
times higher than the efficiency obtained with clean bubbles (34.6 ±
3.8 %). The fact that using clean bubbles, approximately 30 % of the 
cells could be separated from the culture medium can result from the 
capture of cells by clean bubbles or from a natural flocculation of cells in 
these conditions followed by their capture by bubbles. Lower separation 
efficiencies, close the ones obtained in control conditions with clean 
bubbles, were found when using both lower volume (33.2 ± 2.8 % for 
20 mL of bubbles) and higher volumes of bubbles (13.7 ± 1.9 % and 
12.6 ± 1.6 % respectively for 80 and 100 mL of bubbles). The results 
obtained using 20 mL can be explained by the fact that in this case the 
surface area of the bubbles is not large enough compared to the amount 
of PO-chitosan available, which saturates the suspension and prevents 
the bubbles from interacting with cells. On the contrary, the poor results 
obtained using larger volumes may be due to too low a concentration of 
PO-chitosan relative to the bubbles, which are therefore not all func-
tionalized with the surfactant, resulting in poor interaction with the 
cells. Furthermore, at these large volumes, the efficiencies obtained with 
clean bubbles also decrease, suggesting that injecting such volumes of 
bubbles dilutes the solution, resulting in a low probability of collision 
between bubbles and cells. Finally, as we found that cells’ interactions 
with PO-chitosan coated bubble are dependent on the pH, we then 
investigated the influence of pH variation of the separation efficiency 
using 25 mg/L of PO-chitosan with an injected volume of white waters of 
50 mL. The results presented in Fig. 4c show that the highest separation 
efficiency of 55.1 ± 13.1 % is obtained for pH 6, and decreases gradually 
to 38.6 ± 0.8 % at pH 7.4 and to 27.3 ± 5.9 % at pH 9. This is in line with 
the FluidFM experiments which showed higher interactions at pH 6, 
with average adhesion values decreasing then at pH 7.4 and pH 9. These 

Fig. 4. Flotation experiments of C. vulgaris with PO-chitosan coated bubble. a) Schematic representation of one-step flotation experiments. b) Flotation efficiency of 
C. vulgaris with 25 mg/L PO-chitosan coated bubble with varying bubble volumes at pH 6. Light blue bars correspond to the control condition with clean bubbles, 
and dark blue bars correspond to the test conditions with bubbles coated with PO-chitosan. c) Flotation efficiency of C. vulgaris with 25 mg/L and 50 mL PO-chitosan 
coated bubble at varying pH. 
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experiments then prove that flotation efficiency using functionalized 
bubbles is dependent on the interaction that bubbles have with cells; the 
higher it is, the more efficient the separation process. 

The team of Henderson was the first to use functionalized bubbles to 
improve microalgae harvesting by flotation [31,32]. Their first studies 
on this topic showed that mixing cationic polymers with water in the 
saturator of a DAF unit allowed the production of positively-charged 
bubbles, which could then interact with negatively-charged micro-
algae cell surfaces and separate them without the need for prior floc-
culation. They then analyzed the effect of different polymers (different 
zeta potential and hydrophobic modifications with different groups) on 
the PosiDAF process and showed that while a change in the zeta po-
tential had an influence on the interaction between polymers and bub-
bles, a change in the hydrophobic moieties incorporated in the different 
polymers affected the absorption conformation of polymers on the 
bubble surface [33]. They then tested these polymers in DAF experi-
ments and showed that depending on the polymer used, the maximum 
removal efficiency stays more or less constant for the same species. 
However, depending on the species used, the removal efficiency varies; 
maximum removal efficiency was around 69 % for C. vulgaris, while it 
was of 38 % for a first strain of Microcystis aeruginosa and 93 % for 
another strain of M. aeruginosa [33]. Then later they made the hypoth-
esis that the separation efficiencies obtained were dependent on the 
algal organic matter (AOM) that cell produce, which differ depending on 
the species [34]. To test this hypothesis, they removed the AOM from 
cells and repeated the flotation experiment with positive bubbles: their 
results showed a decrease of the separation efficiencies for all species. 
Moreover, by substituting the AOM of one strain of M. aeruginosa CS- 
564/01 (the one for which the highest separation efficiency was ob-
tained) with the second species of M. aeruginosa, the separation effi-
ciency increased to 90 %. This thus proved that AOM is indeed an 
important factor promoting the attachment of cells to the bubble sur-
faces [34]. In our case, the interactions between the PO-chitosan func-
tionalized bubbles and the cells are not based on an electrostatic 
interaction, as discussed previously, but rather on a specific interaction 
between the chitosan backbone of the molecule, present on the surface 
of the bubbles, and the polymers on the surface of the cells. Thus, the 
very concept of the bubble functionalization strategy is different from 
the Posi-DAF process, but similar results could be obtained regarding 
cell separation. To also test the hypothesis that AOM could be involved 
in the interaction with PO-chitosan functionalized bubbles, we also 
performed the experiments with cells in stationary phase, under the 
conditions for which the best separation efficiency was obtained (pH 6 
and 50 mL of injected bubbles). Cells in stationary phase have grown for 
a longer period of time (21 days instead of 7 for C. vulgaris), and have 
produced more AOM in the culture medium. In this case, the separation 
efficiency obtained was of 46.1 ± 9.2 %, thus in the same range as for 7- 
day old cells. This means that in our case, AOM is most likely not 
involved in the interaction, unlike in the case of Posi-DAF and, as dis-
cussed earlier, relies on the specific interaction between chitosan and 
the cell wall of cells. 

Another point that needs to be discussed here is the difference be-
tween the bubble functionalization strategy that we develop in this 
study and another flotation separation process called foam flotation. 
Foam flotation is a type of DiAF (Dispersed Air Flotation) where sur-
factants are mixed in the suspension to reduce the surface tension of 
water. Then bubbles are injected, allowing to create a stable foam where 
hydrophobic particles are adsorbed [35]. This process, which originates 
from the mineral industry [36], is also used for industrial waste water 
treatment [37] or plastic recycling [38]. For microalgae harvesting ap-
plications, foam flotation uses cationic surfactants (most often chemical 
surfactants) that not only stabilize the foam in the system but also 
enhance microalgae hydrophobicity, which is generally weak [39]. In 
both cases, cationic surfactants attach either to bubbles or cells which 
are both negatively-charged through electrostatic interactions, making 
the bubble surface positively-charged or the cell surface hydrophobic, 

allowing the interaction between the two entities. Thus the process we 
develop in this study is different from foam flotation, first because of the 
bubble generation procedure, different between DAF and DiAF [40]. 
Second because no foam is generated in our process as PO-chitosan is not 
dispersed into the medium but mixed with water directly in the pres-
surization tank to produce functionalized bubbles. And third because the 
interaction between functionalized bubbles and cells is based on a spe-
cific interaction between the chitosan backbone at the surface of bubbles 
and polymers at the surface of cells and not on an electrostatic one. 
While the microalgae recovery rates can be higher in foam flotation than 
what is obtained here (up to 95 % depending on the type of cationic 
surfactant used), such processes are usually performed using chemical 
flocculants (such as CTAB, DAH or DN2) which contaminate the biomass 
[41]. Bio-surfactants can also be used, such as rhamnolipid or saponin, 
but very few studies have reported on their efficient use for microalgae 
harvesting in foam flotation [41,42]. The advantage of the strategy we 
develop here is that chitosan is a bio-sourced molecule with no impact 
on cells, for which the mechanism of interaction with cells is known, 
making it possible to optimize the conditions for flotation. But when 
considering the concept of foam flotation, a question that can be asked is 
to know whether PO-chitosan mixed in the suspension could bind to 
cells, and act as an effective collector molecule that could enhance the 
hydrophobic properties of cells and promote their interactions with 
bubbles. 

3.4. PO-chitosan is an efficient flocculant for C. vulgaris at different pH 

To find some answers to this question, we next investigated the in-
teractions of PO-chitosan directly with cells using AFM. For that, we 
used FluidFM technology, where single C. vulgaris cells were aspirated at 
the aperture of FluidFM probes by exerting a negative pressure inside 
the microfluidic cantilever, and further used as cell probes to measure 
the interactions with PO-chitosan surfaces. This FluidFM method, 
compared to classic single-cell force spectroscopy methods using AFM 
[43], has the advantage of keeping the cells stable on the cantilever even 
when in contact with a strongly adhesive surface [17]. In this case also 
the experiments were performed at different pH (6, 7.4 and 9), given the 
influence it has on PO-chitosan molecule. The schematic representation 
of these experiments is showed in Fig. 5a, while the results obtained are 
presented in Fig. 5b-d. At pH 6 (Fig. 5b), the retract force curves ob-
tained show a single retract peak happening close to the contact point, 
similar to what was observed with bubbles, this time with a smaller 
average force of 3.7 ± 1.3 nN (n = 2851 force curves with 6 cells coming 
from 2 independent cultures). As for the interactions with bubbles, this 
force signature is typical of non-specific interactions such as hydro-
phobic interactions. This first information is important. Indeed, previous 
results obtained by performing the same experiments with chitosan 
surfaces showed force curves with unfolding taking place far from the 
contact point, reflecting a specific interaction between chitosan and cell 
wall polymers [17]. This means that for PO-chitosan, the interaction is 
not based on the same mechanism: instead of a specific interaction with 
the chitosan backbone of PO-chitosan, it seems here that a hydrophobic 
interaction between the hydrophobic octanal groups added to the 
molecule and the cell surface is dominant. Thus by changing the mole-
cule, we also changed the physico-chemical nature of its interactions 
with cells, and enhanced it as with PO-chitosan the interaction force is 
10 times higher than for chitosan. Similar force curves were obtained at 
pH 7.4, with an average adhesion force of 3.2 ± 1.6 nN (n = 3194 force 
curves with 6 cells coming from 2 independent cultures, Fig. 5c). Once 
we further increase the pH to 9 (Fig. 5d), C. vulgaris interacts with PO- 
chitosan through the same mechanism (force curves present the same 
single retract peak at the contact point), but this time with a much lower 
adhesion force of 0.8 ± 0.6 nN (n = 2954 force curves with 6 cells 
coming from 2 independent cultures). Statistical analysis revealed that 
all differences are significant (unpaired t-test, p-value of 0.05) meaning 
that hydrophobic interactions are progressively suppressed with 
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increasing pH. Now that we know that PO-chitosan interactions with 
cells are dominantly hydrophobic, these difference observed at different 
pH can be easily explained. Indeed, at pH 9 for instance, both PO- 
chitosan and cells experience changes in their hydrophobic properties. 
While the WCA of PO-chitosan decreases to 44.6◦, the surface of 
C. vulgaris cells becomes hydrophilic (no interactions with clean bub-
bles), and thus interacts less with PO-chitosan. These results are 
important because this means that PO-chitosan could not be used as a 
collector to enhance the hydrophobic properties of cells. Indeed, it in-
teracts dominantly with cells via its hydrophobic groups, thus the chi-
tosan backbone of the molecule is most likely present on the cell surface, 
making it probably even more hydrophilic. However, given the impor-
tant adhesion forces obtained especially at pH 6 and 7.4, PO-chitosan 
could perhaps be efficiently used as a flocculant, which could also be 
an interesting aspect for harvesting. 

To test this hypothesis, we next conducted flocculation experiments 
with C. vulgaris cells at different pH with different PO-chitosan con-
centrations (Fig. 6a). In these experiments, no bubbles are injected in the 
solution, cells are mixed with PO-chitosan and then left to settle for 30 
min. The effect of PO-chitosan concentration on flocculation efficiency 
was first studied at pH 6 where the highest flotation efficiencies were 
reached; the results obtained are presented in Fig. 6b. They show that for 
low concentrations of PO-chitosan, until 30 mg/L, flocculation effi-
ciency increases with the dose of PO-chitosan used. The maximum 
flocculation efficiency was of 90.7 ± 0.5 %, obtained at a concentration 
of 30 mg/L. However, for concentrations higher than 30 mg/L, floccu-
lation efficiency decreases dramatically and then reaches a plateau at 48 
mg/L where the efficiency is close to 5 %. This means that there is a 
concentration threshold at which the trend is reversed. Such tendency 
has already been observed in the case of chitosan, where for small 
concentrations (up to 10 mg/L) flocculation efficiency increases with 

increasing chitosan concentrations whereas for higher chitosan con-
centrations (greater than 20 mg/L) flocculation efficiency declines 
drastically [17,19]. This may be due to the fact that at high concentra-
tions, the solution is saturated by the large quantity of molecules present 
in the microalgal suspension, interfering with their encounter with 
C. vulgaris cells and probably interacting with themselves rather than 
with cells. However in the case of chitosan, only low concentrations (10 
mg/L) are needed to achieve high flocculation efficiencies [17]. The fact 
that PO-chitosan needs a higher dose to reach nearly 100 % of floccu-
lated cells is most probably due to the fact that PO-chitosan interacts 
with cells through its hydrophobic groups, which could substitute only 
12 % of the amine groups present in chitosan. Thus less groups are 
available for interactions, meaning that more molecules are needed to 
flocculate all cells. For the next experiments, we then chose to compare 
results obtained with 10 mg/L of chitosan and with 30 mg/L of PO- 
chitosan as these concentrations result in the highest flocculation 
efficiencies. 

As for PO-chitosan coated bubbles, we then evaluated the effects of 
pH variations on flocculation efficiencies. The results obtained at pH 6, 
7.4 and 9 are presented in Fig. 6c. At pH 6 (dark bars), both chitosan 
(orange bars) and PO-chitosan (blue bars) resulted in high flocculation 
efficiencies: 95.2 ± 1.3 % and 90.7 ± 0.5 %, respectively. While floc-
culation efficiency decreases at pH 7.4 to 76.6 ± 2.4 % when using 
chitosan, it remains constant at 91.1 ± 2.6 % for PO-chitosan (middle 
bars). However, once pH is further increased to 9 (light bars), floccu-
lation efficiencies drop drastically to 11.1 ± 2.2 % and to 10.0 ± 1.3 % 
for both chitosan and PO-chitosan, respectively. In the case of chitosan, 
the situation can be easily explained by the fact that at higher pH, chi-
tosan precipitates and does not interact with cells anymore. While there, 
a high flocculation can still be achieved as cells can get entrapped in the 
precipitate and flocculated by sweeping, this requires much higher 

Fig. 5. Interaction between PO-chitosan and single C. vulgaris cells at varying pH. a) Schematic representation of C. vulgaris and PO-chitosan coated surface 
interaction with FluidFM. Adhesion force histogram between C. vulgaris cells and PO-chitosan coated surface at b) pH 6, c) pH 7.4 and d) pH 9. Insets in panels show 
representative force curves obtained. 
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concentrations of chitosan [16,17]. In the case of PO-chitosan, the sit-
uation is different since this molecule does not precipitate at high pH. 
But this decrease in flocculation efficiency can be easily explained by 
considering the results obtained by AFM, which showed that indeed at 
pH 9, the adhesion force between PO-chitosan and cells decreases 
significantly compared to pH 6 and 7.4. Another interesting part of these 
results concerns the control conditions (Fig. 5c, green bars). Indeed, at 
pH 6, when no flocculant are used, cells are still able to flocculate with 
an efficiency of 33.2 ± 2.8 %. This explains why in flotation experiments 
using clean bubbles, approximately 30 % of the biomass can be sepa-
rated. While cells can interact directly with clean bubbles through hy-
drophobic interactions (Fig. 3c, light blue bars), the fact that they are 
able to flocculate naturally at this pH facilitate their collision with 
bubbles thereby making it possible to float them. However when the pH 
is increased to 7.4 and 9, no flocculation at all could be observed, 
meaning that cells cannot flocculate anymore naturally. Natural floc-
culation is often due to the production of EPS by cells: perhaps at 
elevated pH, the charge of these EPS changes, as it is the case for mi-
crobial EPS [44] thereby changing their interactions with cells. 

Thus these results show that indeed PO-chitosan is an efficient 
flocculant for C. vulgaris cells at pH of 6 and 7.4, and that, as AFM results 
showed, PO-chitosan is able to interact through hydrophobic in-
teractions with cells. However, at these pH values, PO-chitosan molecule 
could still be positively charged (pKa of chitosan is of 6.5). Thus to 
confirm that the flocculation efficiencies observed at low pH are only 
due to hydrophobic interactions and not to electrostatic interactions 
between PO-chitosan and cells, we performed more experiments. First 
we measured the zeta potential of cells at pH 6, 7.4 and 9. The results 
obtained showed that C. vulgaris cells have an average zeta potential of −
27.1, − 26.9 and − 26.9 mV respectively. Thus, the global charge of 
C. vulgaris cells is negative and does not change depending on the pH. 
This is a first element, as a change in the charge of cells may have 

explained the decreased flocculation efficiency obtained at pH 9, 
although PO-chitosan should not be positively charged at this pH. Sec-
ond, we repeated the flocculation experiments and added 0.2 M of NaCl 
in the suspension at pH 6 to screen the charges present on cells and PO- 
chitosan molecules. The results obtained are presented at Fig. 6d, they 
show similar flocculation efficiencies of 88.3 ± 1.1 %, 92.7 ± 2.9 % and 
95.7 ± 0.1 % using PO-chitosan concentrations of 25, 30 and 40 mg/L. 
These results at the different concentrations are similar to what was 
obtained with no salts added (Fig. 6b), showing that indeed, electro-
static interactions are not involved at pH 6. Finally we also performed 
flocculation experiments with stationary phase cells at pH 6, which we 
showed in another study are more hydrophobic than exponential phase 
cells because of the increase of the lipidic fraction in their cell wall upon 
aging [20]. The results obtained showed flocculation efficiencies of 44.7 
± 12.6 % using chitosan and of 91.6 ± 0.9 % using PO-chitosan (Sup-
plementary Fig. 4). In this case the reduced efficiency obtained using 
chitosan can be explained by the fact that the cell wall composition and 
architecture changes with growth [20]. As chitosan interaction with 
cells is a specific interaction [17], perhaps the polymers with which it 
interacts is less present at the surface of cells, resulting in less in-
teractions and a decreased flocculation efficiency. The fact that using 
PO-chitosan, a similar flocculation efficiency is obtained with old cells 
further confirms that a different mechanisms is involved with this 
molecule, based, as AFM experiments showed, on hydrophobic 
interactions. 

These results first show that PO-chitosan is also able to efficiently 
flocculate cells in a pH-dependent manner, as what was found with 
functionalized bubbles. Thus the interest of this molecule is in fact 
double, and depending on the process, it can be used either to harvest 
only part of the biomass using functionalized bubbles and leave cells to 
continue the culture, or to harvest the totality of the biomass using 
flocculation or flocculation/flotation in batch cultures. In flocculation, 

Fig. 6. Flocculation experiments of C. vulgaris with PO-chitosan. a) Schematic representation of flocculation experiments. b) Flocculation efficiency of C. vulgaris 
with varying PO-chitosan concentrations. c) Flocculation efficiency of C. vulgaris with 10 mg/L chitosan and 30 mg/L PO-chitosan with varying pH. Shades of the 
color indicates different pH. Darkest color represents pH 6, medium color represents pH 7.4 and lightest color represents pH 9. d) Flocculation efficiency of C. vulgaris 
obtained with 25, 30 and 40 mg/L of PO-chitosan with 0.2 M of NaCl at pH 6. 
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while the concentration of PO-chitosan needed is more important than 
for chitosan, it can however be used efficiently in more conditions 
compared to chitosan. First it is efficient at higher pH (7.4), which is 
quite important as C. vulgaris cultures usually reach pH values close to 
this in normal culture conditions. Thus using PO-chitosan, there is no 
need to first adjust the pH of the microalgae suspension, saving time and 
money in harvesting process. Second, it also allows flocculating sta-
tionary phase cells with high efficiency, which is also an important 
aspect as stationary cells can yield more of certain products, such as 
lipids [20]. Finally, another interesting aspect of PO-chitosan induced 
flocculation is the size of the flocs produced (see pictures in Supple-
mentary Fig. 5). For instance, using chitosan, cells aggregate into large 
flocs, that can be too heavy for microbubbles to carry them to the sur-
face. Therefore using chitosan as a first step in a flocculation/flotation 
process may not be very efficient. However, the flocs obtained when 
using PO-chitosan are much smaller, probably because of the different 
flocculation mechanism involved, and can be carried up to the surface 
by the bubbles. Finally the originality of PO-chitosan as a flocculant is 
the fact that it interacts with cells via hydrophobic interactions. Indeed, 
most of the used bio-sourced flocculants for freshwater microalgae 
harvesting, including chitosan, interact with cells through electrostatic 
interactions, and flocculate cells through different mechanisms such as 
charge neutralization, bridging and patch mechanisms [13]. Examples 
of such flocculants are poly ϒ-glutamic acid (ϒ –PGA), a biopolymer 
produced by Bacillus subtilis [45], guar gum [14] or starch, a naturally- 
occurring polysaccharide [15]. Because microalgae cells usually have a 
weak hydrophobicity, most of the research has focused on these elec-
trostatic interactions and cationic flocculants; hydrophobic interactions 
were never explored, as far as we know. But in fact, even if the hydro-
phobic properties of cells are weak, the hydrophobic interaction is a 
strong interaction (typically in the nN range), much stronger than 
electrostatic interactions (in the pN range). To give a concrete example 
of this, hydrophobic interactions can overcome an electrostatic repul-
sion between two entities, as we showed recently when probing the 
interactions between C. vulgaris cells and negatively-charged micro-
plastic particles [28]. Thus even if the cell surface is slightly hydro-
phobic, this is enough to promote a strong interaction with a 
hydrophobic flocculant, which can result in high flocculation effi-
ciencies like this is the case with PO-chitosan. In the end, this study, by 
revealing the potential of hydrophobic interactions to promote floccu-
lation, shows that microalgae flocculation is not limited to positively 
charged biopolymers, and opens-up new avenues for finding new effi-
cient flocculants. 

4. Conclusions 

Because microalgae harvesting is currently the most critical chal-
lenge for industry to exploit the full potential of this biomass, e.g. for 
biofuel production, new cost-effective solutions are needed. We propose 
here a new flotation harvesting process based on the functionalization of 
bubbles with a molecule that will improve their interactions with the 
cells. For this purpose, we based on previous knowledge on the in-
teractions between chitosan and cells and modified this molecule with 
hydrophobic groups to make it amphiphilic. By characterizing this new 
molecule, we showed that PO-chitosan could be completely dissolved in 
water thanks to a low degree of substitution of the amine functions by 
the octanal groups of 12 %, that indeed the modifications made 
conferred amphiphilic properties to the molecule, and that it does not 
precipitate at high pH unlike chitosan. We then used this molecule to 
functionalize the surface of bubbles and probe their interactions with 
cells. As intended, the functionalization of bubbles allowed increasing in 
a significant manner their interactions with cells (from 3.5 to 12.8 nN at 
pH 6), in a pH-dependent manner. Further flotation experiments showed 
that flotation efficiency was directly correlated to the interaction be-
tween cells and functionalized bubbles, as flotation efficiency also 
changed with the pH. But in our best optimized conditions (pH of 6, 50 

% of injected white waters), the removal rate increased from approxi-
mately 30 % with clean bubbles to almost 60 %, demonstrating the ef-
ficiency of this new flotation process and its potential for continuous 
microalgae production systems where it could be used to harvest half of 
the cells and leave the remaining ones for continuing the culture. Then 
to see if PO-chitosan could also be used in different types of harvesting 
process, we also looked at its interactions directly with cells, and found 
that unlike chitosan, PO-chitosan interacts with cells though hydro-
phobic interactions, still in a pH-dependent manner. We thus tested its 
potential as a flocculant, and found that in fact PO-chitosan is an 
effective flocculant, able to flocculate nearly 100 % of the cells in the 
suspension, in more conditions than chitosan, showing the interest of 
relying on hydrophobic interactions for flocculation. Here also, the ef-
ficiency was pH-dependent, in line with the results obtained using AFM. 
Altogether, this study presents an innovative flotation process in which 
the functionalization of bubbles with an amphiphilic chitosan allows 
enhancing cell capture and separation efficiency. In addition, we show 
that this molecule can also be used efficiently as a flocculant, making its 
interest double for large-scale harvesting applications. In each case, 
single-molecule level force spectroscopy experiments allow under-
standing the nature of the interactions, providing a complete view of the 
mechanisms involved and making it possible this way to optimize their 
use in large-scale applications. 
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Chapter 7 : French summary / Résumé Français 

 

Introduction générale 

Face à la pénurie de combustibles fossiles et à l'augmentation de la pollution, qui est un moteur 

du changement climatique lié à la combustion des combustibles fossiles, le besoin de sources d'énergie 

renouvelables et durables pour remplacer la production d'énergie basée sur les combustibles fossiles 

à savoir le pétrole, le charbon et le gaz naturel est devenu urgent (Fercoq et al., 2016 ; Markou & 

Nerantzis, 2013). Différentes sources d'énergie alternatives sont déjà disponibles, notamment les 

biocarburants dérivés de la biomasse. Compte tenu de leur intérêt pour remplacer les carburants non 

renouvelables, la recherche dans ce domaine est très active.  Plusieurs types de biomasse peuvent être 

utilisés, notamment les plantes cultivées, les sous-produits agricoles ou les ressources marines telles 

que les algues et les cyanobactéries. Parmi elles, les microalgues représentent la biomasse la plus 

attractive, qui a été largement explorée dans ce contexte pour son potentiel à produire d'importantes 

quantités d'huile pouvant être utilisées pour la production de biocarburants (Pragya et al., 2013). Par 

ailleurs, le potentiel des microalgues est encore plus important car elles représentent également une 

source importante de biomasse et de molécules d'intérêt pour les domaines de l'alimentation 

humaine, animale ou de la santé. De plus, les cultures de microalgues constituent une solution 

intéressante pour les problèmes de traitement des eaux usées en raison de leur capacité à utiliser le 

phosphore et l'azote inorganiques pour leur croissance (Yu et al., 2017). Les microalgues sont des 

micro-organismes uniques qui convertissent l'énergie lumineuse, l'eau et les nutriments inorganiques 

en une ressource de biomasse riche en produits à valeur ajoutée tels que les lipides, les glucides, les 

protéines et les pigments (Minhas et al., 2016 ; Pragya et al., 2013). Malgré ces avantages, la 

commercialisation à grande échelle du biodiesel issu des microalgues a été freinée en raison des coûts 

élevés des processus de production, qui sont principalement associés à l'étape de récolte, car les 

microalgues se développent à faible concentration (0,3-3 g/L), générant ainsi de grandes quantités 

d'eau à traiter (Lam & Lee, 2012). Plusieurs méthodes ont été proposées pour la récolte des 

microalgues, notamment la centrifugation, la filtration, le processus de séparation par membrane et 

la sédimentation. Cependant, la plupart de ces méthodes ont de faibles rendements ainsi que des coûts 

d'exploitation et des consommations d'énergie élevés. Dans ce contexte, la flottation est une bonne 

alternative, qui consiste à générer des bulles d'air ascendantes dans une suspension de microalgues. 

Par conséquent, les cellules de microalgues se fixent aux bulles et sont transportées à la surface sans 

être endommagées. Cependant, l'efficacité de cette méthode est limitée par le fait que l'interaction 

entre les bulles et les cellules est répulsive, en raison de la charge de surface négative des cellules et 
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des bulles dans l'eau, et de la faible hydrophobie des cellules de microalgues. Afin de rendre cette 

technique efficace pour la récolte des microalgues, la stratégie originale proposée dans cette thèse 

repose sur la fonctionnalisation des bulles utilisées dans le processus de flottation avec des composés 

adhésifs, qui leur permettront de capturer efficacement les cellules lors de leur montée.  

Pour cela, nous devons identifier une molécule qui permettrait l'attachement aux cellules et 

vérifier que les bulles fonctionnalisées avec cette molécule pourraient effectivement favoriser un 

meilleur attachement aux cellules. Les différentes étapes qui nous ont permis d'atteindre cet objectif 

sont présentées dans la Figure 1. Dans un premier temps, nous avons développé une méthode basée 

sur la microscopie à force atomique combinée à la microfluidique (FluidFM) pour produire des bulles 

fonctionnalisées (Demir et al., 2021a), que nous utilisons pour mesurer à l'échelle moléculaire les 

interactions avec les cellules. Ensuite, nous avons analysé la composition de la paroi cellulaire des 

microalgues en utilisant une combinaison de techniques d'analyse de surface que sont la 

chromatographie liquide et la spectroscopie photoélectronique à rayons X (XPS). Les informations 

obtenues par ces analyses ont révélé la présence de polymères de type chitine à la surface des cellules, 

une molécule qui, en théorie, est capable d'interagir avec une autre molécule similaire et biosourcée, 

le chitosan. Dans un troisième temps, nous avons analysé au niveau moléculaire les interactions entre 

le chitosan et la paroi cellulaire en utilisant la microscopie à force atomique. Grâce à ces expériences, 

nous avons pu montrer que le chitosan pouvait se lier efficacement aux cellules et nous avons pu 

comprendre la base moléculaire de ces interactions. Nous avons ensuite poursuivi avec cette molécule 

et, dans une quatrième étape, nous l'avons modifiée pour la rendre amphiphile afin qu'elle puisse être 

fonctionnalisée à la surface des bulles utilisées dans la flottation. Pour évaluer si les bulles 

fonctionnalisées avec le chitosan peuvent adhérer aux cellules, nous utilisons dans une cinquième 

étape la méthode basée sur FluidFM pour fonctionnaliser les bulles avec ce chitosan amphiphile et 

mesurer leurs interactions avec les cellules de microalgues à l'échelle moléculaire. Cette étape permet 

de valider la stratégie développée dans ce projet de thèse en montrant que ces bulles adhèrent mieux 

aux cellules que les bulles propres, et en comprenant pourquoi. Ces informations sont nécessaires pour 

optimiser dans une dernière étape, le procédé de flottation pour séparer les populations de cellules 

entières dans les expériences de flottation, et ainsi prouver expérimentalement l'efficacité de notre 

technique.  

Les travaux ont été réalisés jusqu'à présent avec une espèce de microalgue verte utilisée pour 

la production de biocarburants dans les processus biotechnologiques, la Chlorella vulgaris. À l'avenir, 

nous serons en mesure d'optimiser ce nouveau procédé de séparation pour récolter d'autres espèces 

de microalgues présentant un intérêt biotechnologique, mais aussi de l'utiliser pour d'autres 

applications que la production de biomolécules à base de microalgues. Ce nouveau procédé de 
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séparation pourrait par exemple être utilisé pour séparer spécifiquement des micro-organismes de 

milieux complexes tels que le sang, ce qui serait utile pour le diagnostic des infections sanguines. 

L'intérêt des travaux menés au cours de cette thèse s'étend donc bien au-delà de la production de 

biocarburants par les microalgues, ce qui montre son intérêt.  

Le présent document est composé de 6 chapitres. Le premier chapitre est une présentation 

générale du travail de thèse. Il consistera d'abord en un bref aperçu de la littérature sur les microalgues 

pour les biocarburants et les molécules à valeur ajoutée, les défis des techniques de récolte, les 

techniques de récolte classiques et leurs inconvénients et les techniques de récolte alternatives basées 

sur la flottation. Ensuite, une deuxième partie passera en revue les travaux réalisés au cours de la thèse 

et enfin une discussion et des conclusions sur les principaux résultats obtenus seront proposées. Dans 

le chapitre 2, deux revues sont présentées ; l'une se concentre sur les mécanismes naturels de 

floculation pour séparer les cellules de microalgues de leur milieu aqueux, et la seconde traite de 

l'utilisation de la microscopie à force atomique dans l'étude des microalgues. Le chapitre 3 présente la 

nouvelle technique développée pour produire des bulles de taille microscopique à l'aide de FluidFM, 

mesurer leurs interactions avec les (bio)-surfaces à l'échelle moléculaire et les fonctionnaliser pour 

moduler leurs interactions avec les cellules. Le chapitre 4 est consacré aux travaux réalisés sur l'analyse 

de la paroi cellulaire de C. vulgaris en combinant AFM, XPS et hydrolyse chimique suivie de HPAEC-

PAD. Cette partie du travail a été menée pour identifier les macromolécules qui composent la paroi 

cellulaire de C. vulgaris. Ensuite, dans le chapitre 5, les interactions entre le chitosan, la molécule 

identifiée pour adhérer à la paroi cellulaire de C. vulgaris, et les cellules sont sondées à l'échelle 

moléculaire en utilisant l'AFM. Enfin, le chapitre 6 décrit les modifications chimiques du chitosan pour 

fonctionnaliser la surface des bulles, les interactions des bulles fonctionnalisées avec les cellules de C. 

vulgaris et le processus de flottation à l'échelle de la population de microalgues. Les annexes à la fin 

du document sont composées d'articles de recherche auxquels j'ai participé, mais qui ne sont pas 

directement liés au sujet de mon doctorat. 

Cette thèse a été financée par l'Agence Nationale de la Recherche (ANR). Elle a été supervisée 

par le Dr Cécile Formosa-Dague, chercheuse CNRS à l'Institut de Biotechnologie de Toulouse (TBI) 

hébergé à l'INSA Toulouse (Institut National des Sciences Appliquées de Toulouse), et le Prof. Dr Pascal 

Guiraud, professeur de génie chimique à l'INSA-Toulouse. La plupart des travaux expérimentaux ont 

été réalisés au TBI et au LAAS-CNRS (Laboratoire d'Analyse et d'Architecture des Systèmes), où mon 

responsable scientifique était le Dr. Etienne Dague, directeur de recherche CNRS au LAAS-CNRS. Ma 

thèse s'inscrit dans le cadre de collaborations pluridisciplinaires nationales et internationales qui 

rassemblent différents domaines d'expertise. Ainsi, au cours de ma thèse, j'ai activement collaboré 

avec le Dr. Etienne Dague du LAAS pour toutes les expériences réalisées avec la microscopie à force 
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atomique (AFM). La collaboration avec le Dr. Tomaso Zambelli de l'ETH Zurich (Suisse) a permis le 

développement de la méthode basée sur FluidFM pour produire des bulles et mesurer leurs 

interactions avec les cellules. La collaboration avec le Prof. Dr. Koenraad Muylaert de la Katholieke 

Universiteit Leuven (KU-Leuven, Belgique) a permis de comprendre les interactions au niveau 

moléculaire entre le chitosan et les cellules. Enfin, le Dr Christophe Coudret du Laboratoire Interactions 

Moléculaires et Réactivités Chimiques et Photochimiques (IMRCP, Toulouse) a fourni une aide 

précieuse pour modifier le chitosan et le rendre amphiphile. Des collaborations locales entre le TBI, le 

LAAS et l'IMRCP ont été développées au sein de la fédération de recherche FERMAT. Collaborer avec 

ces experts, issus de disciplines différentes et complémentaires à la mienne, m'a permis d'évoluer dans 

un environnement riche et de travailler à l'interface entre différents domaines dans une approche 

interdisciplinaire. Enfin, ce travail a été réalisé grâce à l'assistance technique de Fabien Mesnilgrente 

et Sandrine Assié-Souleille du LAAS-CRNS, et d'Abdlali Khalfaoui, Claude Lemen, et Nathalie Clergerie 

du TBI, responsables du matériel utilisé. 
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Discussions et conclusions du travail de thèse 

L'objectif global de ce projet était de développer un procédé original pour faire de la 

flottation une technique de récolte efficace afin de mieux exploiter le potentiel de la 

bioressource microalgale. La stratégie proposée pour atteindre cet objectif, résumée dans la 

Figure 19, se situe à la frontière entre la biologie, la physique et la chimie, et est basée sur la 

fonctionnalisation des bulles avec des composés adhésifs qui se fixent aux cellules et les font 

remonter à la surface. L'idée était qu'en utilisant des composés bio-sourcés existant à la 

surface des cellules, il serait possible d'éviter la toxicité et l'interférence avec les processus en 

aval qui peuvent avoir lieu en utilisant des floculants synthétiques. Ainsi, pour atteindre notre 

objectif, la première étape de ce doctorat a été de développer une nouvelle méthode pour 

sonder les interactions bulles-microorganismes à l'échelle moléculaire. Pour ce faire, une 

combinaison de microscopie à force atomique et de microfluidique a été utilisée afin de 

produire des bulles de taille microscopique à l'ouverture des cantilevers FluidFM (Figure 19A), 

et de sonder leurs interactions avec des cellules individuelles. Ensuite, pour identifier une 

molécule qui pourrait interagir avec les cellules sans être toxique, nous avons émis l'hypothèse 

qu'il pourrait s'agir d'un polysaccharide présent dans la paroi cellulaire des cellules, car les 

polysaccharides sont capables de former des liaisons homotypiques. Afin d'identifier ce 

polysaccharide, nous avons ensuite déterminé la composition de la paroi cellulaire de notre 

espèce de microalgue modèle, C. vulgaris. Pour cela, nous avons utilisé une combinaison de 

méthodes, AFM, XPS et chromatographie liquide qui ont permis de générer des connaissances 

fondamentales manquant dans la littérature sur la composition et la dynamique de la paroi 

cellulaire des microalgues. En utilisant ces nouvelles données, nous avons pu appréhender la 

complexité de la structure de la paroi cellulaire et faire des hypothèses sur les éventuels 

polysaccharides qui pourraient la composer (Figure 19B). En utilisant ces résultats ainsi que 

les données de la littérature, nous avons identifié un polysaccharide qui avait le potentiel 

d'adhérer à la surface des cellules de C. vulgaris, le chitosan. Par la suite, il a fallu déterminer 

si cette molécule pouvait effectivement interagir avec les cellules et par quel type de 

mécanisme (Figure 19C). La compréhension des mécanismes de floculation à l'échelle 

nanométrique est en effet un point important pour pouvoir ensuite optimiser les processus 

de séparation à grande échelle. Nos résultats ont montré que le chitosan interagit avec la 
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surface des cellules de C. vulgaris par le biais d'interactions biologiques avec une valeur 

d'adhésion moyenne d'environ 300 pN. A titre de comparaison, les interactions antigène-

anticorps se situent généralement dans la gamme pN autour de 70-200 pN (Dammer et al., 

1996 ; Willemsen et al., 1998). Les interactions du chitosan avec les cellules sont plus élevées 

que cela, ce qui indique que le chitosan est capable de se lier fortement aux cellules, ce qui en 

fait une bonne molécule candidate pour recouvrir les surfaces des bulles. Ensuite, nous avons 

modifié cette molécule pour la rendre amphiphile afin qu'elle puisse s'assembler à la surface 

des bulles (Figure 19D). A ce stade, il était important de comprendre le mécanisme d'adhésion 

aux cellules des bulles fonctionnalisées avec cette nouvelle molécule, le PO-chitosan, et de 

voir si la modification apportée au chitosan ne changeait pas son efficacité d'adhésion. Pour 

vérifier cela, nous avons utilisé la méthode développée dans la première étape, pour sonder 

l'interaction entre la bulle enduite de PO-chitosan et les cellules de C. vulgaris (Figure 19E). 

Nous avons constaté que le PO-chitosan interagit avec les cellules de C. vulgaris 

principalement par une interaction hydrophobe dominante avec une force d'adhésion 

moyenne d'environ 3 nN. Cela signifie d'abord que le PO-chitosan est capable de se lier aux 

cellules avec une force 10 fois supérieure à celle obtenue avec le chitosan.  Mais dans ce cas, 

les interactions entre les cellules et les bulles recouvertes de PO-chitosan sont plus complexes 

qu'avec le chitosan seul. En effet, le PO-chitosan s'absorbe à la surface de la bulle de telle sorte 

que les unités hydrophiles du chitosan restent à l'extérieur de la bulle dans la partie liquide, 

tandis que les queues hydrophobes (groupes octanal) ajoutées à la molécule restent à 

l'intérieur de la bulle, dans la partie gazeuse (voir Figure 17d). Ainsi, nous devrions être en 

mesure de voir l'interaction biologique entre les cellules de C. vulgaris et le squelette du 

chitosane, or, nous observons des interactions hydrophobes. Ce phénomène peut s'expliquer 

comme suit : l'interaction spécifique entre la surface des cellules de C. vulgaris et les 

monomères de chitosane existe probablement encore, et comme elle est efficace, le film 

d'eau entre la bulle et la cellule se rompt et provoque la formation d'une ligne de contact 

triphasique (TPC), ce qui entraîne une interaction hydrophobe qui devient dominante et 

masque l'interaction spécifique. Ces modifications de la surface des bulles montrent qu'en 

effet, en utilisant de telles stratégies d'ingénierie de surface, il est possible de contrôler et de 

moduler les interactions directes entre bulles et cellules. Enfin, l'efficacité des bulles 

fonctionnalisées pour capturer des populations de cellules a été évaluée expérimentalement 

à l'aide d'un dispositif de flottation à l'échelle du laboratoire (Figure 19F). L'idée est qu'en 
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utilisant cette stratégie, les étapes de prétraitement nécessaires à la récolte des cellules par 

flottation, comme la floculation, pourraient être éliminées, d'où un gain de temps et d'argent. 

En utilisant cette méthode de récolte en une seule étape, nous avons pu séparer environ 55% 

des cellules de leur milieu de culture aqueux. Ce chiffre n'atteint peut-être pas 100%, mais il 

est en fait très intéressant lorsqu'on considère des processus en mode continu (applications 

industrielles principalement utilisées), car la séparation d'une partie seulement des cellules 

permet aux autres de reprendre la culture.  

Contribution des travaux à d'autres domaines de recherche et d'applications 

 Les résultats de tous les travaux réalisés au cours de cette thèse ont jusqu'à présent 

été présentés du point de vue de leur intérêt pour l'objectif fixé dans cette thèse, à savoir la 

fonctionnalisation de la surface des bulles pour améliorer la flottation. Cependant, chaque 

étape de cette thèse a permis de générer des connaissances qui peuvent également 

contribuer à d'autres domaines de recherche ou à d'autres applications que la flottation : c'est 

ce que nous allons aborder maintenant dans cette section.  

Comme mentionné au chapitre 1.1.1, dans les procédés de séparation par flottation, 

la floculation est souvent utilisée comme première étape pour améliorer l'efficacité de la 

flottation. Mais si nous voulons nous débarrasser de cette étape, il est obligatoire de 

comprendre le comportement des bulles et leur interaction avec les cellules. Pour 

comprendre cela, nous avons développé une nouvelle méthode pour produire des bulles et 

mesurer leur interaction avec les cellules en utilisant la microscopie à force fluidique 

(FluidFM). La FluidFM a déjà été utilisée dans plusieurs applications. Par exemple, en science 

des matériaux, elle a été utilisée pour la gravure sub-micrométrique (Meister et al., 2009b), 

pour la fonctionnalisation locale de couches de polymères (Hirt et al., 2015) ou pour 

l'impression électrochimique 3D de conducteurs avec une résolution à l'échelle microscopique 

(van Nisselroy et al., 2022). Pour cela, les cantilevers de nanopipettes à microcanaux utilisés 

sont capables de délivrer de l'électrolyte par des ouvertures submicroscopiques au bord des 

cantilevers. Ainsi, les constructions imprimées en 3D sont réalisées couche par couche, ce qui 

permet de construire des formes géométriques sophistiquées, telles que des anneaux 

doubles, des hélices et des trépieds (van Nisselroy et al., 2022). En outre, la FluidFM est 

également utilisée dans les sciences biologiques où elle offre la possibilité de surmonter 

plusieurs problèmes de spectroscopie unicellulaire. Par exemple, la FluidFM permet d'isoler 
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des cellules uniques en appliquant une sous-pression dans le microcanal ; de cette façon, les 

cellules uniques peuvent être fermement immobilisées à l'ouverture du cantilever, et peuvent 

être utilisées pour sonder les interactions cellule-cellule ou les interactions cellule-surface 

d'une manière fiable (Demir, Blockx, et al., 2020 ; Demir-Yilmaz, Yakovenko, et al., 2022a), ou 

pour transférer des cellules dans des zones ciblées pour observer les comportements 

cellulaires. De plus, une application majeure de la FluidFM dans les sciences de la vie est 

l'extraction de molécules directement du cytoplasme des cellules pour l'analyse moléculaire, 

en utilisant les pointes des cantilevers pour perforer la membrane externe ou la paroi 

cellulaire (Guillaume-Gentil et al., 2013, 2016, 2022 ; Potthoff et al., 2015). Cette stratégie 

peut également être utilisée pour injecter des biomolécules ou des colorants fluorescents 

dans les cellules, en appliquant une surpression (Guillaume-Gentil et al., 2016). Ici, dans cette 

thèse, nous avons utilisé FluidFM d'une manière originale et différente, qui n'avait jamais été 

décrite auparavant pour produire des bulles directement à l'ouverture des cantilevers. Pour 

cela, un prérequis était d'appliquer d'abord sur le microcanal FluidFM un revêtement 

hydrophobe en utilisant des monocouches auto-assemblées (SAMs) de silanes via la technique 

de dépôt en phase vapeur SAMs. Cette étape était importante pour maintenir les bulles 

produites sur l'ouverture du cantilever, sinon elles seraient remontées à la surface. Ensuite, 

pour la première fois, nous avons rempli le cantilever d'air, contrairement à toutes les autres 

applications de FluidFM qui utilisent des cantilevers remplis de liquides. Le revêtement 

hydrophobe à l'intérieur du cantilever permet de pousser l'air à l'extérieur du microcanal pour 

former une bulle à son ouverture. Cette méthode de sonde à bulle est une méthode fiable 

pour mesurer l'interaction entre la bulle et les surfaces complexes car ce système permet de 

contrôler la taille de la bulle sur des mesures consécutives et même pendant la même mesure. 

En fait, le maintien de la taille de la bulle constante dans le temps était le principal goulot 

d'étranglement des méthodes existantes utilisant l'AFM pour sonder les interactions des 

bulles, ce qui a pu être surmonté grâce à FluidFM. Cette nouvelle méthode n'est pas 

seulement intéressante dans le contexte de cette thèse de doctorat, car elle peut être utilisée 

par la communauté scientifique pour mieux comprendre les interactions entre les bulles et 

tout type de (bio)-surfaces, qui sont impliquées dans de nombreuses applications différentes. 

Un premier exemple d'une telle application est l'élimination des microorganismes des 

surfaces où ils forment des biofilms, ce qui est un problème important dans de nombreux 

processus industriels (dentisterie, filtration de l'eau, stockage de l'eau et canalisation).  
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Pour résoudre ce problème, les bulles d'air pourraient être un moyen prometteur de contrôler 

l'encrassement ; par exemple, une étude récente de Kriegel et de ses collègues a examiné le 

mécanisme sous-jacent à l'élimination des bactéries (P. aeuriginosa) des surfaces en 

polycarbonate (hydrophiles) et en PDMS (hydrophobes) avec des bulles d'air (Kriegel & 

Ducker, 2019). Dans cette étude, les auteurs montrent que la plupart des bactéries sur la 

surface solide hydrophobe ont pu être éliminées juste après la première interaction avec la 

bulle, alors qu'une quantité importante de bactéries reste sur les surfaces hydrophiles. Cela 

peut signifier que l'interaction entre les surfaces hydrophiles et les bactéries est plus forte que 

l'interaction entre les bulles et les bactéries. En utilisant la méthode des sondes à bulles 

développée dans cette thèse, les interactions des bulles avec les bactéries pourraient être 

quantifiées et ensuite comparées à l'interaction entre les bactéries et les différentes surfaces 

pour évaluer la possibilité d'éliminer réellement les cellules en utilisant les bulles. En outre, 

les facteurs influençant ces interactions pourraient également être étudiés, tels que les 

facteurs environnementaux, le pH, la force ionique, ou d'autres facteurs tels que la taille des 

bulles et la mouillabilité des surfaces.  Un autre exemple d'application où la méthode des 

sondes à bulles pourrait apporter des informations intéressantes est celui des microbulles qui 

sont utilisées comme vecteurs de médicaments pour traiter des maladies. En effet, Tinkov, 

Gao et Klibanov et al. ont étudié la possibilité de charger les bulles avec un médicament ou un 

vecteur de thérapie génique, puis de délivrer et libérer localement les substances transportées 

en utilisant des ultrasons (Tinkov et al., 2009 ; Gao et al., 2008 ; Klibanov, 2007). Dans ces 

systèmes complexes, les microbulles sont recouvertes d'anticorps qui leur permettent 

d'interagir avec des antigènes spécifiques présents sur les membranes cellulaires. Cela permet 

leur acheminement vers les cellules ciblées (Delalande et al., 2012 ; Klibanov, 2007). Ensuite, 

une exposition aux ultrasons est réalisée ; cela provoque une perméabilité temporaire de la 

membrane des cellules, et fait s'effondrer les bulles pour libérer les médicaments encapsulés. 

Cela augmente considérablement l'absorption intracellulaire des médicaments par les cellules 

(Delalande et al., 2012 ; Frenkel, 2008). Cette méthode de transport par bulles a été appliquée 

avec succès pour délivrer des acides nucléiques in vitro et in vivo, mais il manque des 

informations fondamentales sur les interactions des bulles avec les cellules, ce qui pourrait 

aider à développer davantage cette méthode d'administration ciblée de médicaments. Dans 

ce contexte, la méthode de sonde à bulles développée dans cette thèse pourrait être utilisée 

pour comprendre le mécanisme de fixation des bulles ciblées aux membranes cellulaires, ce 
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qui pourrait aider à mieux contrôler le ciblage des cellules. En outre, grâce à cette méthode, 

différents revêtements de bulles et leur affinité pour les cellules ciblées ainsi que pour les 

bulles pourraient être évalués dans différentes conditions environnementales.  

Parlons maintenant de la paroi cellulaire des microalgues, qui est responsable de 

l'interaction complexe entre les cellules et leur environnement. Dans le cadre de ce travail, 

mieux comprendre cette interaction complexe a permis de comprendre ses interactions avec 

les floculants pour des applications de récolte. Si nous avons choisi de travailler avec le 

chitosan, d'autres types de molécules pourraient également être identifiés comme floculants 

bio-sourcés potentiels, et ce en comprenant la composition de la paroi cellulaire. Cela 

permettrait d'optimiser de nouveaux procédés de floculation avec des polymères naturels 

directement disponibles sur la paroi cellulaire, donc non-toxiques et biocompatibles. De cette 

façon, les problèmes liés à l'utilisation de polymères synthétiques pourraient être éliminés, 

comme la contamination des produits finaux. Cependant, la compréhension des 

caractéristiques dynamiques et de la composition de la paroi cellulaire des microalgues est 

également importante pour comprendre et contrôler d'autres aspects que l'adhésion 

cellulaire. Par exemple, la rupture de la paroi cellulaire est un défi important dans les 

processus d'extraction, où l'objectif est de briser les cellules afin de libérer et de récolter les 

produits intracellulaires pour lesquels elles ont été cultivées. Le choix des méthodes 

appropriées pour ce faire peut être une tâche compliquée et dépend de l'espèce de 

microalgue utilisée, des conditions envisagées et de l'échelle de production. Les principales 

méthodes de désintégration cellulaire utilisées sont les méthodes mécaniques et chimiques. 

Elles sont différentes en termes de consommation d'énergie, d'efficacité et d'utilisation de 

solvants. Comme la plupart des espèces de microalgues possèdent une paroi cellulaire rigide 

résistant aux facteurs de stress mécaniques et chimiques, ces méthodes de perturbation 

peuvent être utilisées indépendamment mais aussi en combinaison afin d'obtenir des 

rendements élevés (Lee et al., 2017).  De plus, les méthodes chimiques et mécaniques 

consomment une énergie importante et ne peuvent pas être mises à l'échelle facilement (de 

Boer et al., 2012).  Pour ces raisons, il est intéressant de développer ou d'optimiser d'autres 

types de procédés, par exemple basés sur la digestion enzymatique de la paroi cellulaire des 

microalgues.  Les avantages de ces digestions enzymatiques par rapport aux méthodes de 

perturbation mécanique ou chimique sont la sélectivité biologique des enzymes utilisées, les 
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conditions de fonctionnement douces nécessaires et la consommation d'énergie réduite 

(Günerken et al., 2015). La digestion enzymatique a déjà été utilisée dans certains cas mais 

pas à grande échelle comme c'est le cas pour les traitements mécaniques et chimiques. Malgré 

les coûts importants des enzymes, les conditions opérationnelles n'étant pas consommatrices 

d'énergie, ces techniques peuvent au final être moins coûteuses à mettre en place que les 

traitements mécaniques ou chimiques (Nagappan et al., 2019). De plus, la mise à l'échelle des 

traitements enzymatiques est relativement facile par rapport aux méthodes mécaniques 

(Pragya et al., 2013 ; Demuez et al., 2015). Cependant, pour développer et optimiser un tel 

procédé enzymatique, il est fondamental de comprendre la composition et la dynamique de 

la paroi cellulaire, pour pouvoir réellement choisir les bonnes enzymes pour les bonnes 

espèces de microalgues et les bonnes conditions. Le travail que nous avons effectué pour 

déterminer la composition et l'architecture de la paroi cellulaire de C. vulgaris va dans ce sens 

mais est pour l'instant limité. En effet, il faut maintenant poursuivre les recherches, en 

utilisant la digestion enzymatique ou la résonance magnétique nucléaire (RMN) à l'état solide 

pour identifier principalement les polysaccharides présents sur la paroi cellulaire mais aussi 

les lipides et les protéines, et ainsi fournir les informations nécessaires à l'optimisation des 

méthodes de rupture des cellules basées sur les digestions enzymatiques.  

Après avoir analysé la composition de la paroi cellulaire, nous avons ensuite choisi le 

chitosan pour poursuivre le travail et comprendre comment il interagit avec les cellules. Le 

chitosan est un floculant largement utilisé pour la récolte des microalgues, mais jusqu'à 

présent des résultats mitigés ont été rapportés sur les efficacités de floculation en fonction 

des espèces de microalgues utilisées (espèces d'eau douce ou marines) et des conditions 

expérimentales (pH). Sans une connaissance précise du fonctionnement des floculants, il est 

très difficile de les utiliser de manière fiable pour des applications à grande échelle. C'est 

pourquoi il est important de comprendre leurs mécanismes de floculation. Cependant, les 

mécanismes de floculation, qu'ils soient naturellement induits ou induits par des molécules 

ajoutées, sont difficiles à adapter, même à l'échelle du laboratoire, en raison de leur caractère 

unique pour chaque condition de culture et chaque espèce de microalgue utilisée (Demir, 

Besson, et al., 2020). C'est pourquoi un grand nombre d'études dans la littérature sont dédiées 

à la compréhension de ces mécanismes, notamment les paramètres importants qui 

influencent leur efficacité. Donnons-en des exemples concrets. Ainsi, pour un même floculant, 
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l'hydroxyde de magnésium, les mécanismes de floculation sont différents selon l'espèce de 

microalgues. Par exemple le mécanisme de neutralisation des charges est en jeu pour P. 

tricornutum alors que le mécanisme de floculation par balayage est observé pour D. salina, à 

pH élevé (Besson et al., 2019 ; Besson & Guiraud, 2013 ; Formosa-Dague, Gernigon, et al., 

2018a). Nos travaux sur le chitosane ont également mis en évidence que le mécanisme de 

floculation peut changer en fonction du pH du milieu de culture (Demir, Blockx, et al., 2020), 

montrant la complexité que ces mécanismes peuvent détenir. Il est donc essentiel d'identifier 

ces mécanismes impliqués dans chaque cas afin de pouvoir les contrôler et les employer à plus 

grande échelle (Xu et al., 2013 ; Zhu et al., 2018). Comme nous l'avons montré dans le travail 

sur les interactions du chitosane (Demir, Blockx, et al., 2020), l'utilisation de l'AFM est en fait 

une approche intéressante pour cela, car elle permet de comprendre la base moléculaire des 

mécanismes en jeu dans les interactions floculant-cellule, ce qui permet donc de déterminer 

les paramètres importants pour contrôler ces interactions et optimiser davantage les 

processus de floculation à grande échelle. Cette stratégie expérimentale pourrait devenir un 

outil de référence afin de résoudre les mystères de la floculation pour différents floculants et 

différentes espèces de microalgues. Jusqu'à présent dans la littérature, la méthode la plus 

couramment utilisée pour identifier les mécanismes de floculation est la mesure du potentiel 

zêta. Le potentiel zêta est déterminé en mesurant la charge superficielle des surfaces 

cellulaires des microalgues. La plupart des floculants utilisés pour la récolte des microalgues 

sont des floculants cationiques (chitosan, amidon, ...), le potentiel zêta est donc une méthode 

bien adaptée pour vérifier que le mécanisme de floculation repose bien sur des interactions 

électrostatiques. Par exemple, Vandamme et al. ont identifié le mécanisme de floculation de 

la diatomée Phaeodactylum tricornutum avec des sels alcalins en utilisant cette méthode. 

Dans ce cas, l'augmentation des mesures du potentiel zêta pendant la floculation avec la 

brucite a suggéré que la précipitation de la brucite a provoqué la floculation par neutralisation 

de la charge. Cependant, les mesures du potentiel zêta sont restées négatives pour la 

floculation avec la calcite, suggérant ici que la floculation s'est produite par un mécanisme non 

électrostatique (Vandamme et al., 2015). Cependant, cette méthode est limitée aux 

interactions électrostatiques et ne permet pas d'évaluer les interactions biologiques et les 

interactions hydrophobes. Par exemple, comme nous l'avons vu dans le cas du chitosane, 

même pour les molécules cationiques, les interactions électrostatiques peuvent ne pas être 

dominantes dans le mécanisme de floculation, montrant le besoin de techniques autres que 
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les mesures de potentiel zêta qui peuvent aller au-delà et mesurer d'autres types 

d'interactions. Ensuite, comme nous l'avons également vu dans les travaux développés dans 

cette thèse, d'autres types d'interactions peuvent être efficaces pour favoriser les interactions 

(interactions biologiques spécifiques, interactions hydrophobes). Cela signifie que d'autres 

types de floculants pourraient être développés, et pour cela un outil comme l'AFM permettrait 

de comprendre les mécanismes en jeu et donc d'étendre les caractéristiques à rechercher 

pour trouver des molécules floculantes efficaces.  

Afin d'optimiser la séparation des microalgues par le procédé de flottation et de 

réduire de manière significative le coût et le temps du procédé, la fonctionnalisation des bulles 

est une alternative intéressante. Le premier exemple qui montre que les interactions des 

bulles peuvent être modulées par la fonctionnalisation des bulles a été réalisé en 1994 par 

Ducker et ses collègues, qui ont utilisé le dodécylsulfate de sodium (SDS), un tensioactif qui 

absorbe à la surface des bulles en les rendant hydrophiles. En sondant les interactions avec 

une sphère de silice, leurs résultats ont montré la suppression de la force hydrophobe qui 

avait lieu avec des bulles propres (Ducker et al., 1994). Ces expériences ont été les premières 

à démontrer qu'il est possible de modifier l'interaction des bulles en modifiant les propriétés 

physico-chimiques de leur surface (Demir et al., 2021a). C'est longtemps après, en 2008, que 

ce concept a été utilisé pour des applications de récolte de microalgues. En effet, l'équipe de 

Henderson a été la première à utiliser des bulles fonctionnalisées pour développer un nouveau 

procédé de flottation et améliorer l'efficacité de la récolte (Henderson et al., 2008a, 2010). 

Dans la stratégie développée par cette équipe, les bulles sont fonctionnalisées avec des 

polymères cationiques qui rendent la surface des bulles chargée positivement. Ces surfaces 

de bulles chargées positivement peuvent alors attirer les cellules de microalgues chargées 

négativement sans qu'il soit nécessaire de les floculer. Ils ont appelé cette technique PosiDAF 

car les bulles utilisées ont été générées à l'aide de la technique DAF.  Les deux polymères 

cationiques PosiDAF les plus prometteurs identifiés étaient un agent de surface cationique, le 

bromure de cétyltriméthylammonium (CTAB), ainsi qu'un polymère, le chlorure de 

polydiallyldiméthylammonium (polyDADMAC) (Henderson et al., 2008a, 2010). Dans ce cas, 

pour produire les bulles fonctionnalisées, ces tensioactifs ont été directement ajoutés au 

saturateur contenant l'eau. Ce mélange a ensuite été pressurisé et agité jusqu'à stabilisation. 

La solution pressurisée a ensuite été libérée dans la suspension de microalgues pour laisser la 
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floculation des cellules se produire avec la bulle fonctionnalisée. Cette technique a démontré 

qu'en fonctionnalisant la surface des bulles, il est possible d'augmenter l'efficacité de 

l'élimination des microalgues à des niveaux comparables à ceux du processus conventionnel 

de floculation/flottation, mais sans qu'une floculation préalable soit nécessaire. Une stratégie 

similaire avait déjà été décrite dans notre équipe, où des microbulles fonctionnalisées en 

surface - des aphrons de gaz colloïdaux (CGAs) -, ont été utilisées pour récolter des 

nanoparticules de SiO2 (Zhang & Guiraud, 2017). Dans ce cas, des CGAs chargés négativement 

et positivement ont été produits avec du bromure de cétyl triméthylammonium (CTAB) et du 

dodécylsulfate de sodium (SDS), conduisant à une efficacité de séparation de 90-99 %. Ainsi, 

ces travaux démontrent qu'en utilisant des bulles fonctionnalisées, nous pouvons réaliser la 

flottation en une seule étape et ainsi réduire le temps nécessaire et donc son coût global. Dans 

ce travail, le même concept a été utilisé, mais au lieu de changer la charge des bulles, le but 

était de la rendre spécifique afin qu'elle puisse interagir de manière efficace et contrôlée avec 

les cellules. En outre, l'utilisation du chitosan peut être bénéfique par rapport aux polymères 

cationiques utilisés par l'équipe d'Henderson, car il n'est pas toxique et n'interfère pas avec 

les processus en aval. La récolte est sans aucun doute une étape clé de toute technologie 

basée sur les microalgues, et elle a été identifiée comme un goulot d'étranglement majeur 

pour atteindre la durabilité et la rentabilité de ces technologies. De plus, afin de maximiser 

l'efficacité totale du processus, il faut maintenir un bon équilibre entre la durée du processus 

et le coût énergétique. Par exemple, ce travail de thèse a montré que 10 mg/L de chitosane 

est nécessaire pour atteindre une efficacité de séparation maximale (floculation suivie d'une 

flottation) avec les cellules de C. vulgaris. Cependant, lorsque nous utilisons le PO-chitosan 

pour fonctionnaliser les bulles, 25 mg/L sont nécessaires pour atteindre la meilleure efficacité 

de séparation, bien que le chitosan et le PO-chitosan soient des molécules différentes, une 

comparaison directe des concentrations utilisées n'est pas vraiment appropriée. Cependant, 

au moins à l'échelle du laboratoire, il semble que davantage de molécules soient nécessaires 

pour la fonctionnalisation des bulles, mais lorsque nous considérons le temps nécessaire à la 

séparation, dans le premier scénario, nous devons ajouter le floculant et le mélanger à la 

suspension pendant 15 minutes. Ensuite, 30 minutes sont nécessaires pour que les flocs se 

stabilisent avant d'injecter les bulles au fond du bocal et de recueillir les cellules agrégées à la 

surface. Cependant, avec les bulles fonctionnalisées, les deux étapes de mélange et de 

stabilisation sont sautées (au total 45 min), le processus commence directement avec 
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l'injection des bulles (15 min), ce qui réduit le temps du processus à ¼ du temps initial. Ces 

temps sont pour le processus à l'échelle du banc d'essai que nous avons développé, mais nous 

pouvons imaginer que ces différences de temps auraient également lieu à plus grande échelle. 

Comme à l'échelle industrielle le temps c'est de l'argent, le fait d'opérer la séparation en une 

seule étape pourrait peut-être augmenter significativement la rentabilité globale des 

systèmes de production de microalgues et les rendre économiquement plus viables. En fait, 

une comparaison économique fiable et une analyse du cycle de vie (ACV) doivent être 

réalisées afin de comparer correctement les deux systèmes de récolte (Laifa et al., 2021). Cette 

comparaison doit être effectuée à l'échelle industrielle, en tenant compte des économies 

d'énergie et d'infrastructure dues à la suppression de l'étape de floculation. Seul ce type 

d'analyse permettra de décider si la flottation en une étape est plus rentable que la floculation 

suivie de la flottation. 

Perspectives d'avenir des travaux réalisés dans le cadre de cette thèse 

Bien que les connaissances et les méthodes développées dans ce travail de thèse 

puissent avoir des impacts importants dans d'autres domaines, nous souhaitons ici regarder 

vers l'avenir et décrire dans cette section les perspectives concrètes de travail qui peuvent 

être construites sur la base des résultats générés dans cette thèse. Fondamentalement, il 

existe de nombreuses perspectives de travail qui pourraient être envisagées sur la base des 

résultats obtenus dans cette thèse de doctorat. Une première perspective est liée au travail 

sur la FluidFM, qui pourrait être utilisée non seulement pour produire des bulles mais aussi 

pour produire d'autres types d'interfaces fluides comme des gouttelettes de liquide. Le 

développement de systèmes de gouttelettes liquides progresse actuellement à un rythme 

rapide. Une variété d'applications de preuve de concept dans les biotechnologies sont 

décrites, soulignant leur potentiel en tant qu'outils pour effectuer des tâches d'ingénierie 

rapides, fiables et efficaces en termes d'énergie. En effet, leurs divers avantages, tels que 

l'adaptabilité, la diversité et le rapport surface/volume élevé, leur permettent de servir une 

gamme plus large d'applications, allant de l'analyse de cellules uniques, aux essais basés sur 

les cellules ou à la libération contrôlée de médicaments (Y. Wei et al., 2020). Par exemple, 

dans le domaine croissant de la microfluidique à base de gouttelettes, différentes approches 

sont développées pour contrôler, manipuler et surtout fonctionnaliser les gouttelettes 

(Khojasteh et al., 2019). Dans ce contexte, utiliser FluidFM pour produire des gouttes pourrait 
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être un moyen efficace d'accroître les connaissances nécessaires à l'optimisation de ces 

applications, et de mesurer leur interaction les différents types de surfaces avec lesquelles 

elles peuvent être amenées à interagir. Nous pouvons imaginer que pour produire de telles 

gouttes, le microcanal cantilever FluidFM pourrait être rempli de liquide au lieu d'air et qu'en 

appliquant une surpression, des gouttes de liquide pourraient être formées dans un autre 

liquide de densité différente. Cette forme permet d'évaluer les mécanismes d'interaction des 

gouttelettes de liquide avec les bio-surfaces. 

Comme mentionné précédemment, une autre perspective de ce travail de doctorat 

pourrait porter sur la digestion enzymatique de la paroi cellulaire de C. vulgaris. Dans ce 

manuscrit, nous avons analysé la composition de la paroi cellulaire de C. vulgaris et déterminé 

les fractions relatives des principaux composants : lipides, protéines et polysaccharides. Puis, 

en franchissant une étape supplémentaire, nous avons identifié les monosaccharides présents 

dans la paroi cellulaire, en utilisant une hydrolyse acide suivie d'une chromatographie liquide. 

Cependant, nous n'avons jamais identifié les polysaccharides dont proviennent ces 

monosaccharides, ce qui, comme nous l'avons vu précédemment, pourrait apporter des 

informations importantes pour développer, par exemple, des procédés de désintégration 

cellulaire à base d'enzymes. Pour cette raison, on peut envisager de réaliser un screening 

d'enzymes pour dégrader la paroi cellulaire de C. vulgaris, puis d'analyser la présence de 

monomères. Si des monomères sont détectés, cela signifie que le polysaccharide ciblé par 

l'enzyme était présent dans la paroi cellulaire. Dans le cas contraire, une autre enzyme doit 

être testée et le même processus doit être répété. Cette procédure est basée sur des essais 

et des erreurs, ce qui prend du temps et peut être coûteux. Cependant, une fois que c'est fait, 

cette information peut être vraiment utile dans diverses applications, à l'échelle industrielle 

pour digérer la paroi cellulaire des microalgues, ou pour identifier de nouveaux composés qui 

pourraient être valorisés. De plus, la spectroscopie RMN à l'état solide pourrait également 

être une option pour identifier et quantifier les polysaccharides présents dans la paroi 

cellulaire. Par exemple, Paulhazan et al. ont récemment examiné la composition, les 

caractéristiques dynamiques et l'organisation spatiale des glycanes pour l'espèce de 

microalgue Parachlorella beijerinckii (Poulhazan et al., 2021). Leurs résultats, basés sur la 

spectroscopie de RMN à l'état solide (ssNMR) avec rotation à angle magique (MAS), ont 

montré que l'amidon est la principale molécule rigide et la plus abondante dans la paroi 
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cellulaire. Jusqu'à présent, très peu d'études ont utilisé cette méthode pour analyser la paroi 

cellulaire des microalgues (Arnold et al., 2015 ; Ghassemi et al., 2021 ; Separovic & Sani, 2020), 

mais elles montrent toutes l'intérêt de la RMN du solide pour acquérir une compréhension 

précise et complète des polysaccharides présents dans la paroi cellulaire des cellules de 

microalgues. 

Une autre perspective pourrait alors être construite sur le travail effectué sur le 

chitosan pour le modifier et le rendre amphiphile. Dans ce manuscrit, nous avons utilisé 

l'octanal (C8) comme groupe hydrophobe pour rendre la molécule finale amphiphile. Mais au 

lieu de l'octanal, des chaînes hydrophobes plus longues ou plus courtes pourraient également 

être utilisées, comme le dodécanal (C12) ou l'hexanal (C6). L'extension ou la réduction des 

groupes hydrophobes de la molécule peut augmenter ou diminuer l'activité tensioactive des 

chitosanes modifiés, et donc à la fois leurs interactions avec les cellules de C. vulgaris et leur 

affinité pour les bulles hydrophobes. Cela pourrait également avoir un impact sur la solubilité 

des molécules modifiées, et par la suite sur le degré de substitution qui pourrait être atteint. 

Par exemple, pour le chitosane à haut poids moléculaire (utilisé dans cette thèse), un niveau 

d'alkylation de 10-15% est la limite pour pouvoir dissoudre la molécule dans l'eau et l'utiliser 

dans les expériences de récolte. Nous avons également essayé d'utiliser du chitosane de faible 

poids moléculaire, et dans ce cas, le degré de substitution qui pouvait être atteint était encore 

plus faible puisqu'à un niveau d'alkylation de 10%, le produit final ne pouvait plus être dissous 

dans l'eau. Cela montre qu'il doit y avoir un équilibre entre les longueurs relatives de la chaîne 

hydrophile et hydrophobe dans la molécule, le but étant d'avoir une molécule ayant peut-être 

une activité tensioactive plus élevée, mais qui peut encore être dissoute. Par exemple, pour 

les chaînes hydrophobes plus longues, afin de pouvoir dissoudre la molécule dans l'eau, le 

degré de substitution peut devoir être réduit, tandis qu'en utilisant des chaînes plus courtes, 

des niveaux d'alkylation plus élevés peuvent être atteints, ce qui permet d'obtenir un équilibre 

lipophile/hydrophile différent dans la molécule. Ainsi, pour comprendre cela et affiner en fait 

les propriétés de ces molécules de chitosan amphiphiles, les groupes hydrophobes à la fois 

plus longs et plus courts pourraient être utilisés, avec des molécules de chitosan de poids 

moléculaire différent, en utilisant différents degrés de substitution. 

Enfin, une perspective qui peut être envisagée lorsqu'on considère la séparation des 

cellules de l'eau à l'aide de bulles fonctionnalisées est d'effectuer une séparation sélective. La 
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séparation sélective par procédé de flottation consiste à séparer les particules fines des 

particules d'autres composants présents dans une phase dispersée (Mathur et al., 2000). 

Parce qu'historiquement la flottation a été utilisée dans les industries des minerais et des 

minéraux, la flottation sélective a déjà été utilisée pour séparer sélectivement différents 

minéraux tels que la wolframite (Lu et al., 2021), le cuivre (Hassanzadeh et al., 2020), la 

fluorine (W. Jiang et al., 2018), la calcite et la barytine (Ren et al., 2017). Le concept de base 

de la séparation sélective repose sur la différence des propriétés de surface des minéraux à 

séparer (Zanin et al., 2019). Pour séparer un minéral d'un autre, l'un doit être hydrophobe 

tandis que l'autre est hydrophile, de sorte que les minéraux hydrophobes se fixent aux bulles 

et sont entraînés à la surface tandis que les hydrophiles restent en suspension. Pour contrôler 

ce phénomène, différents produits chimiques peuvent être utilisés pour modifier les 

propriétés de surface des minéraux sélectionnés et changer leurs propriétés hydrophobes : 

collecteurs, dépresseurs, modificateurs ou moussants. (Bulatovic, 2007). Les collecteurs 

(souvent appelés surfactants) sont utilisés pour améliorer l'hydrophobie de surface donc 

l'affinité des particules envers les bulles (Laitinen et al., 2016). Par exemple, les acides 

hydroxamiques sont une classe omniprésente de collecteurs qui peuvent s'adsorber 

sélectivement sur des minéraux, tels que la wolframite (Meng et al., 2015) et les minéraux de 

terres rares (Kumari et al., 2015), pour améliorer leur hydrophobie de surface et faciliter leur 

séparation des minerais polymétalliques par flottation. Alors que les dépresseurs augmentent 

la différence de flottabilité entre deux minéraux en supprimant l'hydrophobie d'un des 

minéraux (X. Wang et al., 2022). Les réactifs modificateurs réagissent soit avec les surfaces 

des minéraux, soit avec les collecteurs et autres ions dans la pulpe de flottation, ce qui 

entraîne une réponse modifiée et contrôlée de la flottation. L'utilisation de ces produits 

chimiques permet d'obtenir une séparation sélective des minéraux. Bien que ces stratégies 

fonctionnent très bien avec les particules de minéraux et de minerais, il pourrait être 

intéressant de les adapter aux cellules, et d'utiliser ainsi la flottation comme méthode de tri 

cellulaire, permettant de séparer une population spécifique de cellules d'une autre dans un 

milieu complexe. Pour cela, bien sûr, une possibilité serait de modifier les propriétés de la 

surface des cellules en utilisant des collecteurs ou des dépresseurs comme cela est fait pour 

les minéraux, mais une autre alternative serait de modifier directement la surface de la bulle 

pour qu'elle interagisse seulement avec un type de cellule et pas les autres. Les travaux 

réalisés dans le cadre de cette thèse ayant montré qu'il était possible de fonctionnaliser les 
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bulles avec n'importe quel type de molécule amphiphile afin de contrôler leurs interactions 

avec les cellules, cette possibilité semble tout à fait réaliste.  Une telle stratégie pourrait par 

exemple être utilisée pour séparer les cellules bactériennes des cellules sanguines humaines 

dans le cas d'une septicémie, et ainsi être en mesure de fournir un diagnostic précoce de 

l'espèce bactérienne impliquée afin de cibler un traitement efficace. Cet exemple a déjà attiré 

notre attention, et au cours de cette thèse, nous avons exploré le potentiel d'interaction des 

bulles fonctionnalisées avec de la colistine avec des cellules bactériennes Gram-négatives 

(Demir et al., 2021a). La colistine est un peptide antibactérien polycyclique naturel dérivé de 

Bacillus polymyxa, qui interagit spécifiquement avec la surface des bactéries en se liant à la 

partie lipide A du lipopolysaccharide (LPS) (Yahav et al., 2012), un glycolipide présent dans la 

membrane externe des espèces Gram-négatives (Maldonado et al., 2016). Nos travaux ont 

montré que la fonctionnalisation des bulles avec de la colistine avait un impact positif sur 

l'adhésion des cellules aux bulles. La colistine étant très spécifique et ne se liant pas aux 

cellules non-bactériennes, telles que les cellules de mammifères présentes dans le sang, elle 

pourrait être un moyen potentiel de séparer les bactéries des autres composants du sang et 

ceci effectuer une séparation sélective. Il s'agit d'une application de ce procédé, mais de 

nombreuses autres applications peuvent être envisagées, dans différents domaines, pour 

différentes applications.     

En fin de compte, ce manuscrit de thèse a mis en lumière des problèmes scientifiques 

que les chercheurs actuels n'ont pas encore abordés. Bien qu'elles soient impliquées dans de 

nombreux systèmes biologiques différents, les interactions bulles-microorganismes ont été 

peu explorées en raison de l'absence de méthode ou d'outil capable de les sonder. Ce type 

d'interactions a lieu lors de la récolte des microalgues par flottation, une technique de 

séparation prometteuse qui pourrait permettre l'utilisation de la biomasse des microalgues 

dans des processus industriels à grande échelle. Le travail effectué dans le cadre de cette thèse 

a permis de répondre à une partie de ces questions, de développer un outil permettant 

d'accéder aux interactions bulles-microorganismes, et de développer un nouveau procédé 

original de séparation des microalgues utilisant des bulles fonctionnalisées. Pour cela, nous 

avons réalisé un certain nombre de développements et généré des données fondamentales 

sur différents aspects des microalgues, qui peuvent servir de base à la communauté 

scientifique pour de nouveaux développements, dans d'autres domaines d'application, 
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montrant au final le large impact du travail produit. En outre, ce travail a jeté les bases de 

nouveaux projets, de nouvelles améliorations et de nouvelles idées qui, nous l'espérons, 

seront développés dans les prochaines années. 
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Appendices 

 

Appendix 1: The role of microplastics in microalgae cells aggregation: a study at the molecular 

scale using AFM 

Appendix 2: Investigation of the role of cell hydrophobicity and EPS production in the 

aggregation of the marine diatom Cylindrotheca closterium under salinity stress 

Appendix 3: Algal reconstructed vesicles as a potential delivery system 
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Appendix 1: The role of microplastics in microalgae cells aggregation: a study at the 

molecular scale using AFM 
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The role of microplastics in microalgae cells aggregation: A study at the
molecular scale using atomic force microscopy

Irem Demir-Yilmaz a,b, Nadiia Yakovenko c, Clément Roux c, Pascal Guiraud a,d, Fabrice Collin c,
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H I G H L I G H T S

• An interdisciplinary approach based on
AFM is used to study the interactions be-
tweenmicroplastic particles andmicroalgae

• The model microplastic particles used have
a rough, irregular surfacewith hydrophobic
properties

• Microalgae grown with microplastic pro-
duce exopolysaccharides responsible for
their aggregation

• Cell aggregation can also be induced by di-
rect contact with microplastic particles

• This study allows understanding the conse-
quences of microplastic pollution in aquatic
ecosystems

G R A P H I C A L A B S T R A C T

A B S T R A C TA R T I C L E I N F O

Editor: Damia Barcelo Plastic pollution has become a significant concern in aquatic ecosystems, where photosynthetic microorganisms such
as microalgae represent a major point of entry in the food chain. For this reason an important challenge is to better
understand the consequences of plastic pollution on microalgae and the mechanisms underlying the interaction be-
tween plastic particles and cell's interfaces. In this study, to answer such questions, we developed an interdisciplinary
approach to investigate the role of plastic microparticles in the aggregation of a freshwater microalgae species, Chlo-
rella vulgaris. First, the biophysical characterization, using atomic force microscopy, of the synthetic plastic micropar-
ticles used showed that they have in fact similar properties than the ones found in the environment, with a rough,
irregular and hydrophobic surface, thereby making them a relevant model. Then a combination of optical imaging
and separation experiments showed that the presence of plastic particles in microalgae cultures induced the produc-
tion of exopolysaccharides (EPS) by the cells, responsible for their aggregation. However, cells that were not cultured
with plastic particles could also form aggregates when exposed to the particles after culture. To understand this, ad-
vanced single-cell force spectroscopy experiments were performed to probe the interactions between cells and plastic
microparticles; the results showed that cells could directly interact with plastic particles through hydrophobic interac-
tions. In conclusion, our experimental approach allowed highlighting the two mechanisms by which plastic micropar-
ticles trigger cell aggregation; by direct contact or by inducing the production of EPS by the cells. Because these
microalgae aggregates containing plastic are then consumed by bigger animals, these results are important to under-
stand the consequences of plastic pollution on a large scale.
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1. Introduction

Plastic is a revolutionary discovery of the early twentieth century that
changed our way of life forever. It has become an integral part of all con-
sumer goods such as packaging, clothing, electronic devices, medicine,
etc., (Andrady and Neal, 2009). However, high demand, massive produc-
tion, extensive use, and poor plastic waste management contributes to plas-
tic release and accumulation in the environment, which has become one of
the most pressing environmental problems of our time (Geyer et al., 2017).
Plastic waste accounts for 60 to 80% of all solid waste present in the aquatic
environment (Gregory and Ryan, 1997), most of them being microplastics
particles (MPs) (EPA US, 2016). MPs are plastic particles ranging in size
from 1 μm to 5 mm (Horton et al., 2017), which are characterized by a va-
riety of physical, chemical, and morphological properties such as different
types of polymers and composition, size, shape, density, color, etc. In the
environment, MPs represent a group of persistent synthetic pollutants
consisting of primary particles, manufactured at the millimetric or sub-
millimetric scale under the form of pellets or microbeads, and secondary
particles, resulting from the fragmentation of larger plastic debris through
thermal, photo-oxidative, mechanical, and biological degradation pro-
cesses (Cole et al., 2011). Because of their small size and ubiquitous distri-
bution in all environmental compartments (Horton et al., 2017; Peng et al.,
2020; Zhang et al., 2020), MPs are of great concern with respect to their
bioavailability, toxicity and potential adverse effect on living organisms
and ecosystem as a whole. Ingestion of MPs by aquatic living organisms
from zooplankton (Cole et al., 2013) to mammals (Zantis et al., 2021),
and the wide range of possible negative effects of plastic particles uptake
are well documented. (EPA US, 2016; GESAMP, 2016; Peng et al., 2020).

However, there is a gap of knowledge on the interaction and the effects
of MPs on the basic organisms of the trophic chain, such as microalgae,
which are a major source of food for aquatic animals. Microalgae are pho-
tosynthetic microorganisms that are the most numerous primary producers
in the entire aquatic ecosystem (Barbosa, 2009; Beardall and Raven, 2004).
They are key organisms in a wide range of ecosystem functions, where they
have an impact on ocean's carbon sequestration (Singh and Ahluwalia,
2013), oxygen production, nutrient cycling, etc., (Hopes and Mock,
2015). Being ubiquitous, sensitive to environmental disturbances, and
easy to cultivate in laboratory, microalgae are an ideal model to study the
effects of different pollutants in the environment including MPs (Cid
et al., 2012). The interaction betweenMPs andmicroalgae is a complex pro-
cess that can lead to a multitude of effects acting on the further fate and be-
haviour of both MPs and microalgae, and thus potentially affecting the
entire ecosystem (Nava and Leoni, 2021). For instance, in the environment,
microalgae tend to colonize and form biofilms on abiotic surfaces (Irving
and Allen, 2011), among them plastic surfaces, using them as an abiotic
substrate to grow in a biofouling process (Bravo et al., 2011; Carson et al.,
2013; Jorissen, 2014; Reisser et al., 2014).While colonizing plastic surfaces
or other types of surfaces, microalgae cells secrete extracellular polymeric
substances (EPS), which play an important role in biofilm formation. EPS
consist of polysaccharides, lipids, nucleic acids, proteins, and other poly-
meric compounds (Wingender et al., 1999a; Xiao and Zheng, 2016),
which favours cells cohesion and future adhesion to the substrate' surface
(Wingender et al., 1999b). In addition, biofouling changes the density of
plastic particles, affecting their buoyancy (Nava and Leoni, 2021;
Oberbeckmann et al., 2015; Rummel et al., 2017) and thus leading to the
dissemination of plastic particles through the water column by sinking to
the bottom or moving to the surface. This widespread abundance of MPs
particles consequently increases their bioavailability for various living or-
ganisms. Another effect of biofouling is a decrease in the hydrophobicity
of the particle surface (Lobelle and Cunliffe, 2011). As a result, adsorption
of toxic pollutants from the aquatic environment to the surface of the plastic
particles can be enhanced (Bhagwat et al., 2021; Dong et al., 2017), which
can amplify the toxicity of MPs. Moreover, EPS produced by microalgae
promote the heteroaggregation ofMPs andmicroalgae. The resulting aggre-
gates become easy food for the aquatic organisms and are also more prone
to sediment, thus here also affecting their dissemination through the water

column as mentioned above (Lagarde et al., 2016; Long et al., 2015;
Rummel et al., 2017). Then, MPs were also found to have a number of ad-
verse effects on microalgae, including inhibition of growth (Sjollema et al.,
2016; Zhang et al., 2017; Liu et al., 2020; Song et al., 2020), decrease in
chlorophyll content (Tunali et al., 2020; Wu et al., 2019) and photosyn-
thetic activity (Zhang et al., 2017), physical and morphological damages
(Mao et al., 2018), oxydative stress (Xiao et al., 2020). Finally, due to con-
stant movement in the aquatic environment, plastic is a potential vector of
geographic transport for the migration of microalgae (Rowenczyk et al.,
2021). This phenomenon creates a risk of introducing pathogenic species
(e.g. harmful algal blooms) into a new environment where native species
are not adapted to defend themselves (Masó et al., 2003; Glibert et al.,
2014; Oberbeckmann et al., 2015).

For all these reasons, scientists are making increasing efforts to study
the mechanism of MPs and microalgae interaction to better understand its
negative impact on a global scale. For instance, a recent review published
by Nava et al. reports on the different effects that microplastics can have
on microalgae cells. Their study shows that the effects on cell growth, pho-
tosynthesis and cell morphology are the most commonly reported effects,
although this is highly dependent on both the type of plastic and the
microalgae species considered. On the contrary, microalgae, by colonizing
microplastics, also alter the plastic polymer, notably their density and sink-
ing behaviour (Nava and Leoni, 2021). However, most of the ecotoxicolog-
ical studies under laboratory conditions are using commercially
manufactured models of MPs, in a vast majority of the studies the model
plastic are polystyrene micro- or nano- spheres, which are not representa-
tive of plastic particles found in the environment (Gigault et al., 2021;
Kokalj et al., 2021; Phuong et al., 2016). Thus, there is a need for research
based on the use of an environmentally relevant model of plastic particles.
For this purpose, we used a top-down method based on mechanical degra-
dation to prepare more environmentally relevant model of MPs
(Yakovenko et al., 2022). Particles were prepared from polyethylene as it
is the most produced (Plastics Europe, 2020) and frequently found plastic
type in the environment (Peng et al., 2020). Themodel particles were char-
acterized by polydispersity, irregular shapes, and negative surface charge
thereby representing several characteristics in common with the MPs
formed in the environment. However, being small in size, these particles
are hard to observe in the biotic and abiotic matrices without destructive
methods such as density separation or digestion. Thus, to overcome this
limitation and make these particles easy to track and image in microalgae,
we doped them by Lanthanide-based upconverting nanoparticles (UCNPs)
as a luminescent tag. These recently developed phosphors are inorganic
materials, very stable and able to convert low energyNear-Infrared photons
into visible light (Gu and Zhang, 2018). This allows their detection even in
thick samples such as in a tissue or a small animal. The studied model of
MPs (Model-MPs) is represented by two types of particles:
i) microparticles of PE itself (μ-PE); and ii) labelled microparticles of PE
with UCNPs luminescence tag (μ-Upcon-PE).

In this study, we investigated the interaction between these Model-MPs
and freshwater microalgae cells and their further role in the aggregation of
cells using nano- and molecular scale experiments performed with an
atomic force microscope (AFM) equipped with fluidic force microscopy
(FluidFM). AFM, first developed in 1986 (Binnig et al., 1986), has proven
over the years to be a powerful tool for surface characterization at the nano-
scale (Pillet et al., 2014; Xiao and Dufrêne, 2016). In addition to high-
resolution imaging capacities, down to the nanometer scale, AFM is also a
sensitive forcemachine able to record piconewton level forces, thusmaking
it possible to access the nanomechanical and adhesive properties of sam-
ples, as well as their interactions with their environment (Formosa-Dague
et al., 2018). In the particular context of microalgae, AFM has been used
to understand the morphology, nanostructure, nanomechanics and adhe-
sive behaviour of cells (Demir-Yilmaz et al., 2021), but most importantly
their interactions with particles or molecules present in their environment
(Besson et al., 2019; Demir et al., 2020; Demir-Yilmaz et al., 2021). In
FluidFM, a microsized channel is integrated into an AFM cantilever and
connected to a pressure controller, thus creating a continuous and closed
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fluidic conduit that can be filled with a solution or with air, while the tool
can be immersed in a liquid environment (Meister et al., 2009). An aperture
at the end of the cantilever allows air or the liquids inside the cantilever to
be dispensed locally. In the first part of this study, Model-MPs were first
characterized using AFM to visualize the particles and obtain information
on their roughness. Then FluidFM was used to probe their hydrophobic
properties and probe their interaction with Chlorella vulgaris cells, a model
green microalgae species. Finally, we describe these interactions by evalu-
ating the possible contribution of EPS in the aggregation of cells.

2. Materials and methods

2.1. Microalgae strain and culture

The green freshwater microalgae Chlorella vulgaris strain CCAP 211/
11B (Culture Collection of Algae and Protozoa, Scotland, UK) was culti-
vated in sterile conditions in Wright's cryptophyte (WC) medium prepared
with deionized water (Guillard and Lorenzen, 1972). Cells were cultivated
at 20 °C, under 120 rpm agitation, in an incubator equipped with white
neon light tubes providing illumination of approximately 40 μmol photons
m−2 s-1, with a photoperiod of 18 h light: 6 h dark. All experiments were
carried out with 7 days exponential phase batch cultures. Cells were first
harvested by centrifugation (3000 rpm, 3 min at 21 °C), washed two
times in phosphate buffered saline (PBS) at pH 7.4 and directly used for
the AFM experiments and for some flocculation/flotation experiments
(condition 3).

2.2. Microparticles model

The synthesis and full characterization of the high-density polyethylene
(HDPE) microparticle model, are described elsewhere (Yakovenko et al.,
2022). Briefly, two bulk polymeric materials were prepared, including
UCNPs-labelled HDPE (Upcon-PE) and UCNPs-free HDPE (Blank-PE). The
oleate-capped NaREF4 (RE= rare earth, 2% Er; 30% Yb; 68% Y) with a di-
ameter of 20 nm were used to provide a green luminescent plastic that can
be directly observed by eye under 976 nm irradiation.UCNPswere incorpo-
rated into the HDPE (CAS 9002-88-4, SigmaAldrich, Saint Louis, MO, USA)
matrix by dissolving the polymer in boiling o-xylene (≥99.0% (GC grade);
Sigma Aldrich, Saint Louis, MO, USA), containing UCNPs in a 10 wt%
HDPE:UCNPs ratio. The compositewas separated from the reactionmixture
by precipitation in the ice bath. The Blank-PE batch of polymer containing
only HDPE was prepared following the same protocol. Microparticles
model was obtained by exposing each bulk material to a cryogenic grinder
(SPEX™ SamplePrep 6775 Freezer/Mill™, Delta Labo, Avignon, France).
The resulting polymer particles were dispersed in ethanol and fractionated
by subsequent cascade filtration to micro- and nanosized particles. The col-
lected microparticles were named as μ-PE (HDPE microparticles), and μ-
Upcon-PE (HDPE labelled with the inclusion of UCNPs as a luminescent
tag). The full characterization of the Model-MPs in terms of particle size,
shape, crystallinity, chemical composition, surface charge, and lumines-
cence properties, are described elsewhere (Yakovenko et al., 2022).

2.3. Zeta potential measurements

Zeta-potential measurements for Model-MPs were carried out at 25 °C
on a Zetasizer Nano-ZS (Malvern Instruments, Ltd., UK) equipped with a
He-Ne laser (λ = 633 nm) at an angle of 173°. Samples were prepared by
dispersion of particles in 10 mM NaCl solution, to provide minimum level
of conductivity in the samples, following ISO and ASTM standard guides
(ASTM E2865-12, 2018). Before analysis, pH of every sample was mea-
sured. Zeta-potential and standard deviation (SD) were obtained from 5
measurements of 11 runs of 10 s using the Smoluchowski model
(Yakovenko et al., 2022).

2.4. Model-MPs size measurements

Size measurements for Model-MPs were carried out by granulometry
analysis using a Mastersizer MS3000 (Malvern Panalytical, UK) as de-
scribed elsewhere (Yakovenko et al., 2022). Briefly, samples were prepared
by dispersing the polymer powder in ethanol using HYDROMVdevicewith
stirring at 2500 rpm. The refractive index used for ethanol and MPs were
1.36 and 1.52 respectively with an absorption index for particles of 0.1. Re-
sults are expressed as a percentage number. From these results, 90% of par-
ticles have a size below±15 μm, 50% of particles have size below±6 μm,
and 10% of particles have a size below±4 μm. These are approximate av-
erage values obtained from duplicates. The results are summarized in
Table 1.

2.5. Flocculation/flotation experiments

To quantify the effects of Model-MPs on cell aggregation, flocculation/
flotation separation of C. vulgaris was performed in dissolved air flotation
(DAF) experiments in a homebuilt flotation device, shown in detail in Sup-
plementary Fig. S1. The depressurization at atmospheric pressure of water
saturated by air at 6 bar induced the formation of bubbles. Water free of
algaewas pressurized for 30min before injection into the jars. The injection
was controlled by a solenoid valve and 20 mL of pressurized water was
added to each beaker sample. Prior to bubble injection, cells were left to
flocculate during 15 min. Flocculation/flotation tests were conducted in
three different conditions, in each case in triplicate, with cells coming
from 2 independent cultures.

• Condition 1: C. vulgaris cells were cultured 7 days together with different
concentrations of μ-PE and μ-Upcon-PE (final concentrations of 0, 5,10
and 40 mg/L for μ-PE and 40 mg/L for μ-Upcon-PE) until they reached
mid-exponential phase. Then 100 mL of cell suspension was directly
poured into the test-jars with an initial OD750 nm of 1.

• Condition 2: C. vulgaris cells were grown for 7 days until they reached
mid-exponential phase. After that, 100 mL of cell suspension was directly
poured into the test-jars with an initial OD750 nm of 1. Then μ-PE and μ-
Upcon-PE were separately added (final concentration of 40 mg/L) to
the suspension, which was stirred at 100 rpm for 15 min to homogenize
it before introduction of the bubbles.

• Condition 3: C. vulgaris cells were grown for 7 days until they reached
mid-exponential phase. After that, cells were harvested by centrifugation
at 3000 rpm for 3min, thenwashed twicewith PBS buffer at pH7.4. After
that, 100 mL of cell suspension was directly poured into the test-jars with
an initial OD750 nm of 1. Particles of μ-PE and μ-Upcon-PE were directly
added (final concentration of 40 mg/L) to the suspension, which was
stirred at 100 rpm for 15 min to homogenize it before introducing bub-
bles.

For all condition, after bubbles were introduced, the algal suspension
was retrieved from the bottom of the test-jars: the first 5 mL of treated
phase were discarded, the next 20 mL were used for quantifying floccula-
tion/flotation efficiency. For that, the optical density of the withdrawn
microalgae suspension was measured and compared to the optical density

Table 1
Summary of Model-MP characterization.

Sample Zeta potential
(mV)

Size distribution
Dn (10)a

Size distribution
Dn (50)b

Size distribution
Dn (90)c

μ-PE −71 ± 7 4.3 ± 0.0 5.6 ± 0.1 11.9 ± 1.1
μ-Upcon-PE −73 ± 8 4.12 ± 0.3 5.7 ± 0.5 13.25 ± 0.9

a 10% of the particles were observed to have sizes below the values given in the
table.

b 50% of the particles were observed to have sizes below the values given in the
table.

c 90% of the particles were observed to have sizes below the values given in the
table.
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of the microalgae suspension measured before the experiments. The flota-
tion efficiency (E) was calculated according to the following Eq. (1).

E ¼ ODi:Vi−ODf :Vf

ODi:Vi
(1)

2.6. Optical imaging experiments

Flocculation was directly observed after resuspension of the cells in PBS
at pH 7.4 containing μ-PE or μ-Upcon-PE at a concentration of 40 mg/L.
Flocculation levels were observed using an Axio Observer Z1 microscope
(Zeiss, Germany) at high magnification (×50). To color EPS, an Alcian
blue staining was used as described previously (Vergnes et al., 2019). To
this end, a solution containing Alcian blue at a final concentration of
0.018% and 0.036% of acetic acid solution was deposited on the glass sur-
faces where cells were immobilized and allowed to stand for 15 min. Glass
surfaces were then immersed in distilledwater for 5min in order to remove
the nonfixed staining. Finally, images were recorded at high magnification
(×50) using an Axio Observer Z1 microscope (Zeiss, Germany).

2.7. AFM imaging

For μ-PE and μ-Upcon-PE imaging, particleswere immobilized on PDMS
substrates. In each case at least 4 different particles were imaged in PBS at
pH 7.4, using the Quantitative Imaging mode available on the Nanowizard
III AFM (Bruker, USA), withMSCT cantilevers (Bruker, nominal spring con-
stant of 0.01 N/m). Imageswere recordedwith a resolution of 256 pixels×
256 pixels, at an applied force of <1.0 nN and a constant approach/retract
speed of 90 μm/s (z-range of 3 μm). In all cases the cantilevers spring con-
stants were determined by the thermal noise method prior to imaging
(Hutter and Bechhoefer, 1993).

2.8. Roughness analyses

Roughness analyses were performed on 9 different μ-PE and μ-Upcon-
PE particles immobilized on PDMS and on 10 different C. vulgaris cells com-
ing from at least 2 independent cultures after incubation or not withModel-
MPs for 7 days, immobilized on positively charged glass slides (Superfrost™
Plus adhesion, Epredia, USA). Individual μ-PE and μ-Upcon-PE imageswere
recorded in PBS whereas for cells, after incubation with Model-MPs, sam-
ples were directly imaged in culture medium using contact mode with a
Nanowizard III AFM (Bruker, USA), using MSCT cantilevers (Bruker, nom-
inal spring constant of 0.01 N/m). Images were recorded in contact mode
using an applied force of <1 nN for micro-HDPE-(UCNPs) and of <0.5 for
cells and the cantilever spring constants were determined by the thermal
noise method prior to imaging (Hutter and Bechhoefer, 1993).

2.9. Hydrophobicity measurements

To measure the hydrophobic properties of materials, a recently devel-
oped method was used, which consists in measuring using fluidic force mi-
croscopy (FluidFM), the interactions between a bubble (hydrophobic
surface) and materials (Demir et al., 2021). For that, FluidFM probes with
an aperture of 8 μm of diameter (Cytosurge AG, Switzerland) were
hydrophobized by coating with self-assembled monolayers (SAMs) of si-
lanes via SAMs vapor deposition technique. FluidFM cantilevers were func-
tionalized with 1H,1H,2H,2H-Perfluorodecyltrichlorosilane (FDTS) using
an Orbis-1000 equipment (Memsstar, Livingston, UK) to make their exter-
nal surface and inside microchannel hydrophobic. The deposition was real-
ized under vacuum at 40 Torr and −40 °C, for 5 min. Then the
microchannel of these silanized cantilevers was filled with air and the
probe was immersed in PBS 1×. To eliminate any particle or dust contam-
ination or to prevent clogging of the FluidFM cantilever, a slight over

pressure of 20 mbar was applied. Then to produce a bubble at the aperture
of the cantilever, a positive pressure of 200mbar was applied inside themi-
crofluidic cantilever in buffer. The silanized probes were calibrated using
the thermal noise method before each measurement (Hutter and
Bechhoefer, 1993). The interactions between the bubbles produced and
MPs were then recorded in force spectroscopy mode using a maximum ap-
plied force of 2 nN, a constant approach retraction speed of 3 μm/s, and a
delay time of 1.0 s. For each conditions, areas of 0.5×0.5 μmon5 different
MPs were probed. Adhesion forces were obtained by measuring the maxi-
mum adhesion force on the retract force curves obtained; data are pre-
sented in Supplementary Tables 1–3.

2.10. Force spectroscopy experiments using FluidFM technology

Force spectroscopy experimentswere conducted using a NanoWizard III
AFM (Bruker, USA), equipped with FluidFM technology (Cytosurge AG,
Switzerland). In each case, experiments were performed in PBS, using mi-
cropipette probes with an aperture of 2 μm (spring constant of 0.3, and 4
N/m, Cytosurge AG, Switzerland). First, PBS at pH 7.4 was used to fill the
probe reservoir (5 μL); by applying an overpressure (100 mBar) the PBS
then filled the entire cantilever microchannel. The probe was then im-
mersed in PBS and calibrated using the thermal noise method prior to mea-
surement (Hutter and Bechhoefer, 1993). A single C. vulgaris cell was then
aspirated from the surface of the Petri dish by approaching the FluidFM
probe and applying a negative pressure (−200 mBar). The presence of
the cell on the probe was verified by optical microscopy. The cell probe
was then used to measure the interactions with Model-MPs. For that, μ-PE
and μ-Upcon-PE solutions at a concentration of 40 mg/L were deposited
on polydimethylsiloxane (PDMS) surfaces and left for 30 min. After that,
the PDMS surfaces were rinsed using PBS and directly used. Interactions be-
tween single C. vulgaris cells aspirated at the aperture of FluidFM cantile-
vers and Model-MPs were recorded at a constant applied force of 2 nN,
force curves were recorded with a z-range of up to 2 μm and a constant re-
traction speed of 2.0 μm/s to 20 μm/s. In each case, at least 6 cells coming
from 2 independent culture were probed. Data were analyzed using the
Data Processing software fromBruker; they are presented in Supplementary
Tables 4–6. Adhesion forces were obtained bymeasuring the maximum ad-
hesion force for each retract curves. Experiments were repeated three times
with ten different cells coming from at least three different cultures.

2.11. Two-photon microscopy

Samples were imaged on a Zeiss LSM-710 two-photon microscope,
equipped with a Ti: Sapphire Chameleon Vision II laser (Coherent, Santa
Clara, California), operating at 980 nm (2–3% of max power for UCNPs
and 50% for C. vulgaris and μ-Upcon-PE samples, 140 f. pulses, 80MHz rep-
etition rate), and a Zeiss Plan-Apochromat 63×/1.40 oil immersion lens.
Upconverted light was collected between 490 and 600 nm for the green
band, and 630 and 710 nm for the red band. Emission spectrum of analyzed
sampleswere collected between 418 and 729 nmwith a 10 nm step. Images
were processed using ImageJ (Fiji) software (Yakovenko et al., 2022).

2.12. Statistical analysis

Experimental results represent the mean ± standard deviation (SD) of
at least three replicates. For each experiments, the number of replicates is
indicated both in the Materials and methods section in the corresponding
paragraphs, and in the Results and discussion section. For large samples
(n > 20 values) unpaired student t-test was used to evaluate if the differ-
ences between the conditions are significant. For small samples (n < 20
values) non-parametric Mann and Whitney test was used to assess the dif-
ferences. The differences were considered significant at p < 0.05.

I. Demir-Yilmaz et al. Science of the Total Environment 832 (2022) 155036

4



3. Results and discussion

3.1. Model-MPs are irregular, have a rough surface and hydrophobic properties

The Model-MPs were derived from previous work (Yakovenko et al.,
2022), where they were prepared from raw commercially available high-
density polyethylene (PE). The top-downmethod consisted in the cryogenic
grinding of the polymer or the nanocomposite (PE loaded with 10%UCNPs
by high temperature swelling in xylene). Thismethod is interesting because
grinding is achieved at a temperature below the vitreous transition of PE
and elastic substances are generally then more easily processed. The grind-
ing at this temperature also prevents the chemical alteration of the PE back-
bone (this was ensured by infrared measurements) or morphological
modification (calorimetric experiments) (Yakovenko et al., 2022). The
size distribution of the particles obtained by granulometric analysis showed
that around 90% of the particles in numberwere smaller than 15 μm. These
Model-MPs (both μ-PE and μ-Upcon-PE)werefirst characterized using AFM
in contact mode. The images obtained are presented in Fig. 1. The 3D AFM
height images (Fig. 1a and b) and vertical deflection (Fig. 1c and d) images
recorded show that both types of Model-MPs have an irregular shape and a
heterogeneous surface, like microplastics collected in the environment (ter
Halle et al., 2016). In addition, they are found mostly aggregated on top of
each other, and not present as single isolated particles. This is illustrated by
the cross-sections taken along the longer sides of the particles in Fig. 2c and
d, which clearly show this irregularity, with height variations over 6 nm in
Fig. 1e and f. This tendency of Model-MPs to form aggregates could be ex-
plained by their hydrophobicity. Such behaviour is not observed with

model plastic micro- and nanospheres commercially available, which are
formulated with different surfactant additives allowing to prevent this ag-
gregation. However, these models are not reliable because their chemical
properties and further interactions are different from the plastic particles
found in the environment (Phuong et al., 2016).

We then acquired high resolution images on small areas (5 μm×5 μm)
on top of the particles, using advanced quantitative imaging (QI) mode; the
resulting images are shown in Fig. 1g–h. In this case, QI mode was used in-
stead of contact mode because of the complexity of Model-MPs surfaces. QI
being a force spectroscopy based imaging mode, there is no lateral forces
exerted by the tip as occurring in contact mode,which can damage the sam-
ple (Chopinet et al., 2013). This way we could obtain high-resolution im-
ages of the particles surface (Fig. 1i and j), and quantify their roughness.
Roughness measurements were performed on 9 different particles for
both type of Model-MPs (μPE and μ-Upcon-PE); the results of these analysis
are presented in the boxplot Fig. 1k. They show that μ-PE have an average
roughness of 3.7 ± 1.1 nm, which increases to 7.6 ± 5.4 nmwhen UCNPs
are incorporated in the particles (μ-Upcon-PE). Although there is an impor-
tant heterogeneity in themeasurements in this last case, the difference with
the μ-PE is not significantly different at 0.05 level (non-parametric Mann
and Whitney test). This result thus shows that the incorporation of UCNPs
may affect the structure ofModel-MPs, bymodifying their surfacemorphol-
ogy; however, the heterogeneity of the measurements performed on μ-
Upcon-PE reflects the uncontrolled incorporation of the UCNPs over the
particles present in the sample (Yakovenko et al., 2022). The surface rough-
ness of particles is an important physical characteristic that plays a major
role in how they will behave in the environment and interact with

Fig. 1. Imaging and characterization of μ-PE surface before and after incorporation of UCNPs: a) 3D AFMheight image of μ-PE (color scale= 7 μm); b) 3D AFM height image
of μ-Upcon-PE (color scale= 4 μm); c) Vertical deflection images of μ-PE; d) Vertical deflection images of μ-Upcon-PE; e) Cross section taken along the larger side in panel c
and f) Cross section taken along the larger side in panel d; g) AFM height images of μ-PE (color scale= 7 μm) and h) AFM height images of μ-Upcon-PE (color scale= 5 μm);
i) AFM height images of μ-PE surface (5 μm × 5 μm) (color scale = 23 nm) and j) AFM height images of μ-Upcon-PE surface (5 μm × 5 μm) (color scale = 19 nm);
k) Quantification of μ-PE and μ-Upcon-PE surface roughness in a box plot.
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microorganisms. Commercially available models of micro- and nano-
spheres used for ecotoxicological studies are usually characterized by a
very smooth surface (Phuong et al., 2016; Rubin et al., 2021), whereas plas-
tic particles found in the environment are characterized by a rough surface
(Rowenczyk et al., 2020). Thus, ourModel-MPs, which have a high average
surface roughness, can be considered as a more reliable model to study the
interactions between MPs and microorganisms such as C. vulgaris.

In the next step we then assessed the hydrophobic properties of the
Model-MPs, which are an important physico-chemical factor that could
greatly influence their interactions with microalgae. To this end, we used
a recently developed method that consists in probing the interactions of
samples with bubbles produced using FluidFM technology (Demir et al.,
2021), which combines AFM with microfluidics (Meister et al., 2009). Air
bubbles in water behave like hydrophobic surfaces. By producing them
using FluidFM, it is then possible to probe their interactions with complex
abiotic surfaces such as the MPs, and to measure their hydrophobic proper-
ties with accuracy. Such measurements allow avoiding usual issues related
to other tests like water contact angle measurement (WCA). To perform
these experiments, Model-MPs were immobilized on a PDMS substrate
and their interactions with bubbles were measured in PBS buffer at pH
7.4 (Fig. 2a). For both μ-PE and μ-Upcon-PE, 5 different particles were
probed. In the case of μ-PE, the retract force curves obtained (inset in
Fig. 2a) show a single peak occurring at the contact point, typical of a hy-
drophobic interaction (Dague et al., 2007), with an average force of 10.1
± 6.2 nN (Fig. 2a, n = 2558 force curves obtained from 5 different parti-
cles, adhesion values can be found in Supplementary Table 1). This force
corresponds to the height of the adhesion peak, and thus to the force
needed to break the interaction between the bubble and the sample. As a
hydrophobic interface like bubbles interact with hydrophobic surfaces,
then this force reflects the degree of hydrophobicity of the sample, the
stronger the adhesion, the higher the hydrophobicity. Similarly, in the
case of μ-Upcon-PE, a single peak occurring at the contact point is visible
(inset in Fig. 2b); retract adhesion forces in this case were on average of
13.7 ± 15.3 nN (Fig. 2b, n = 2107 force curves obtained from 5 different

particles, adhesion values can be found in Supplementary Table 2). The
large distribution of the adhesion values obtained in these experiments re-
flect the irregularities of theModel-MPs used thatwere visible on the height
AFM images in terms of nanostructure. Indeed, in each case these irregular-
ities change the contact area between the bubble and the particle, which
can have an impact on the adhesion force value recorded. Thus in conclu-
sion the two samples (μ-PE and μ-Upcon-PE) present hydrophobic proper-
ties as they are able to interact with bubbles with a relatively important
force (for comparison, the interaction between C. vulgaris cell surface and
bubbles give an average adhesion force of 4.2 nN, Demir et al., 2021). Plas-
tic particles found in the environment probably have more hydrophilic
properties, caused by plastic aging and oxidation (Liu et al., 2021). Thus
the Model-MPs used in this study are a relevant model of plastic that has
just entered the environment, prior to the oxidation process.

The experiments were then repeated with Model-MPs that were incu-
bated with cells during their culture (7 days, Fig. 2c). In this case also, hy-
drophobic interactions are recorded, with an average adhesion force of
16.4 ± 8.0 nN (n = 1685 force curves obtained from 5 different particles,
adhesion values can be found in Supplementary Table 3), a value that is sig-
nificantly different from the two first conditions (p-value of 0.05, unpaired
student test). Thus, the incubation of Model-MPs with cells changes their
hydrophobic properties. This is an important point because it means that
our Model-MPs, after seven days exposed to the cells, have their surface
modified; a plausible hypothesis could be that cells produce EPS in the cul-
ture medium, which then could coat the particles surface. Finally, in order
to confirm that the forces recorded are due only to the interactions between
Model-MPs and bubbles, we also probed the interactions between bubbles
and the PDMS surfaces used to immobilize the particles. The results pre-
sented in Supplementary Fig. S2 show an average adhesion force recorded
of 1500 ± 100 nN (n = 2500 force curves). This adhesion force is much
higher than the ones obtained with Model-MPs (maximum around 50
nN), thusmeaning that we could preciselymeasure the interaction between
bubbles and the particles without interfering with the surface on which
they are immobilized. In the natural environment, microplastics undergo

Fig. 2. Probing the interaction between bubble andModel-MPs: Adhesion force histogram obtained for the interaction between bubbles and a) μ-PE, b) μ-Upcon-PE, and c) μ-
Upcon-PE after incubation for 7 days with C. vulgaris cells. Insets in a, b and c shows the representative force curves obtained during force spectroscopy experiments.
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alterations, including amongmultiple factors, oxidation of the polymer that
changes its polarity and possibly its hydrophobicity (Andrady et al., 2011).
FTIR analysis performed on the synthetized particle did not show any oxi-
dation bands (Yakovenko et al., 2022). However, Model-MPs have a nega-
tive zeta potential and FTIR is most likely not sensitive enough to detect
these functionalities if they are present in small proportions. Small
microplastics and nanoplastics are expected to be negatively charged
(Gigault et al., 2021). Because the particles synthesized here are also nega-
tively charged, they have supposedly a similar behaviour than weathered
plastic particles. Thus, altogether the biophysical characterization of the
Model-MPs produced in this study show that they are aggregated, have a
rough surface and present hydrophobic properties. MPs found in the envi-
ronment have similar characteristics (Phuong et al., 2016), thus confirming
the interest of our methodology to obtain particles close to what can be
found in the environment. Our Model-MPs are thus a reliable model to un-
derstand the interactions thatMPs can havewithmicroalgae in the environ-
ment.

3.2. Model-MPs do not affect cell growth or morphology but have an effect on
their aggregation

In a second part of the study, we evaluated the effects of Model-MPs on
cell growth. In the literature, studies state that PS MPs of 100 μm have no
toxic effect up to 50 mg/L (Yan et al., 2021), the same was reported for
MPs of 1–5 μm, which had no effect on microalgae up to 41.5 mg/L
(Prata et al., 2018). To verify whether it is the case for our Model-MPs

and ourmicroalgae strain, wemonitored the cell growth ofC. vulgaris, incu-
bated or not with Model-MPs at a concentration of 40 mg/L, which is the
maximum concentration that we will use throughout this study. This con-
centration is most likely higher than the exposure concentrations encoun-
tered in the environment, however it allows us to observe and further
characterize the effects on microalgae cells, which could not be detected
otherwise. In addition, for small microplastics like the ones used in this
study (5 μm), no data on their environmental concentrations are provided
in the literature, as most studies report data for particles between 300 μm
and 5 mm. It is thus difficult to predict the concentrations of small particles
in a natural sample. The growth curves obtained are presented in Fig. 3a;
they show that in each case cell growth is similar, thereby showing that nei-
ther μ-PE nor μ-Upcon-PE affect C. vulgaris cell growth. This is in good
agreement with the data from the literature although the type of plastic
used was not the same. In addition, this also shows that UCNPs are not
toxic, as μ-Upcon-PE do not have an effect on cell growth. Moreover, incu-
bation with Model-MPs do not extend the exponential phase, meaning that
C. vulgaris cells andModel-MPs do not have a symbiotic relation either, as it
was shown for other species. Indeed, Kang et al. observed that organic inter-
mediates resulting from MPs degradation can serve as a carbon source for
algae (Kang et al., 2019). Also in some cases, cell growth can be modified
resulting from the EPS production (Casabianca et al., 2020; Cunha et al.,
2019; Long et al., 2017), but this is not the case here.

We thenwent down to the nanometer scale to evaluate if the presence of
Model-MPs in the culture medium had an effect on cell surface structure.
For that, we incubated C. vulgaris during 7 days together with μ-PE, and

Fig. 3. Characterization of C. vulgaris cells in interaction with Model-MPs. a) Variations in optical density of C. vulgaris cells before and after incubated withModel-MPs (μ-PE
and μ-Upcon-PE); b) AFM height images ofC. vulgaris cell surface (0.3 μm×0.3 μm) in contactmode (color scale=6 nm) and c) AFMheight images ofC. vulgaris cell surface
(0.3 μm× 0.3 μm) after incubated 7 days together with Model-MPs in contact mode (color scale = 8 nm); d) Quantification roughness values of C. vulgaris cell before and
after incubation with Model-MPs for 7 days in a box plot.
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took a close look at the cell surface and measured the roughness on small
areas (0.3 μm × 0.3 μm) on top of the cells in contact mode, as shown in
Fig. 3b and c in normal conditions or incubatedwith μ-PE for 7 days, respec-
tively. These measurements were repeated on 10 different C. vulgaris cells
coming from at least 2 independent cultures in each case; the results of
these analysis are presented in the boxplot Fig. 3d. They show that
C. vulgaris cells have an average roughness of 0.8 ± 0.2 nm, which stays
similar, of 0.6 ± 0.2 nm, when cells are incubated with μ-PE. Cell wall
roughness of C. vulgaris was determined before at different pH values (6
and 8) using AFM in a study by Demir et al. (Demir et al., 2020) and were
in the same range.Overall, these data show that theModel-MPs used at con-
centrations up to 40 mg/L have no effect on either cell growth or cell nano-
structure after 7 days of co-incubation.

Although ourModel-MPs do not have an effect on C. vulgaris cell growth
or cell nanostructure, their addition to the culture medium could have an
influence on the cell aggregation. To evaluate this, we performed both op-
tical microscopy imaging (Fig. 4a–c) and two-photon microscopy imaging
(Fig. 4d–f). In these experiments, cells were incubated 7 days with μ-PE
and μ-Upcon-PE at the concentration of 40 mg/L. In the control condition
(Fig. 4a, without Model-MPs), we can see that cells are randomly distrib-
uted over the surface and no cell aggregation is observed. In the cases
cells were incubated with μ-PE and μ-Upcon-PE (Fig. 4b and c), large aggre-
gates of cells are visible around what seems to be Model-MPs particles, in-
dicated by the arrows on the images.

Thus, these first images suggest that Model-MPs cause the aggregation
of cells. However, because of the small size of Model-MPs, it is difficult to
identify them with certainty and understand their real implication in cell
aggregation. In a next experiment, we thus took advantage of the lumines-
cence properties of μ-Upcon-PE, and made observations of cells incubated
with μ-Upcon-PE for 7 days (concentration 40 mg/L) using a two-photon
scanning microscope under an excitation at 980 nm (Yakovenko et al.,
2022). On the bright field image (Fig. 5a) big aggregates of cells can be ob-
served as well as what we expect to be μ-Upcon-PE particles. The composi-
tion of these aggregates was confirmed by the green (Fig. 5b) and red
(Fig. 5c) emissions under NIR irradiation. In the case of μ-Upcon-PE, this
emission corresponds to strong sharp green (515–575 nm) and red
(630–680 nm) emission bands characteristic for Er-based UCNPs incorpo-
rated into μ-Upcon-PE, as visible on the emission spectra in Fig. 5d.
C. vulgaris cells are characterized by a weak autofluorescence (Takahashi,
2019; Tang and Dobbs, 2007), also visible on the spectra in Fig. 5d.
Upconversion and autofluorescence spectra could be easily unmixed thanks
to the limited spectra overlap especially in the green, and the discrepancy in
signal intensity (varying from different order of magnitude) between
upconversion and 2-photon emission (Fig. 5d). Brightfield as well as bi-
photon images of UCNPs alone, μ-Upcon-PE alone and C. vulgaris cells
alone can be found in Supplementary Fig. S3. These results allow us not

only to accurately determine the presence and location of μ-Upcon-PE in
cell aggregates, but also to show two different things: i) the μ-Upcon-PE
are in fact distributed over a large part of the aggregate, which could not
be visible on the standard optical microscopy images, and ii) some cells
are not directly bound to the particles (cells in the bottom-left part on the
image 5d–f), which suggest that perhaps the aggregation in the presence
of Model-MPs can occur through a different mechanism than direct bind-
ing.

Because these observations are qualitative, we then looked for a way to
quantify the effects of Model-MPs on cell aggregation, and performed floc-
culation/flotation experiments with different μ-PE concentrations (final
concentration of 0, 5, 10 and 40 mg/L) incubated 7 days together with
C. vulgaris cells. The results are presented in Supplementary Fig. S4. In
such experiments, cells can be separated from the water by bubbles only
if they are aggregated into flocs that are easily captured by the rising bub-
bles and carried to the surface. The flotation step allows separating the ag-
gregated cells from the suspension, and thus to quantify the influence of
Model-MPs on cell aggregation, which is reflected by the separation effi-
ciency percentage. In this case using bubbles was more efficient than leav-
ing the flocs to settle down because of their small size and low density. In
the absence of Model-MPs, the separation efficiency obtained is of 16 ±
5%; this number reflects the natural flocculation taking place in 7 days
old-cultures, which is often the result of the natural production of EPS by
cells (Vergnes et al., 2019). When adding Model-MPs at a concentration
of 5 mg/L and 10 mg/L into the culture medium for the 7 days of the cul-
ture, the separation efficiencies are even lower, indicating that in these
cases the addition of the MPs do not trigger any flocculation. This is an in-
teresting point because it means that to obtain aggregation, the concentra-
tion of MPs must be important in the environment. Finally, as we expected
from the optical microscopy experiments, when cells are incubated with
Model-MPs at a concentration of 40 mg/L, the separation efficiency in-
creases significantly, to around 50%, indicating that cell aggregation oc-
curs, but does not reach the entire cell suspension. Different hypotheses
could explain the fact that at this concentration only, cell aggregation oc-
curs. The principal one could be that the presence of a certain concentration
of Model-MPs in the medium during culture triggers the production of EPS,
which can flocculate cells, as it has already been showed in the literature
(Harrison et al., 2014; Lagarde et al., 2016; Yan et al., 2021).

To test this hypothesis, flocculation/flotation experiments were re-
peated at 40 mg/L concentration in different conditions (Fig. 6). In the
first condition, Model-MPs were incubated for 7 days together with
C. vulgaris cells before conducting the experiments. In the second condition,
the cells in culture were not exposed to the Model-MPs, instead particles
were added at the end of the culture, for 15 min before flocculation/flota-
tion experiments. The comparison of the results obtained in these two con-
ditions will help understanding if and howEPS interact withModel-MPs, or

Fig. 4. Images of C. vulgaris cells. Bright field images of cells after incubated 7 days with: a) nothing; b) μ-PE; c) μ-Upcon-PE. The arrow indicated the Model-MPs.
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if cells produce more EPS when they are cultured in the presence of these
particles. Finally in the third condition, at the end of the cultures cells
were washed in PBS to remove the EPS they may have produced, and
then only Model-MPs were added for 15 min before flocculation/flotation
experiments. The results obtained in each case are presented in Fig. 6,
they show that there is no significant difference between condition 1 (floc-
culation efficiency of 51± 11% for μ-Upcon-PE) and condition 2 (floccula-
tion efficiency of 61 ± 4% for μ-Upcon-PE), meaning that even if cells are
not grown in the presence of Model-MPs, cell aggregation can still occur,
and takes place rapidly as 15 min only are sufficient to obtain a separation
efficiency similar to the one obtained in condition 1. An important point to
note is that the modification of the Model-MPs used with UCNPs does not
have an effect on theflocculation/flotation efficiency, as similar efficiencies
are observed with both types of microparticles (μ-PE and μ-Upcon-PE). In
condition 3, when EPS are removed from the cells by centrifugation, the
separation efficiency stays similar when μ-PE are used (flocculation effi-
ciency of 47 ± 19% for μ -PE), and decreases to 18 ± 19% when μ-
Upcon-PE are used. Note that in this case, the standard deviations obtained
are large; non-parametric statistical test (Mann and Whitney test) showed
that the differences with condition 1 and condition 2 are in fact not signif-
icant when both samples are used (μ-PE and μ-Upcon-PE). But still, these
large standard deviations obtained in conditions 3, even if the differences
are not significant, tend to suggest that EPS could be involved in the aggre-
gation of cells, which may interact with MPs when they are added to the
culture media.

3.3. Model-MPs induced aggregation can take place through different mecha-
nisms

To understand if the presence of EPS is an important factor or not in the
aggregation of cells in the presence of Model-MPs, we performed additional
optical microscopy assays using Alcian blue staining. This dye is known to
react specifically with acidic polysaccharides (Reddy et al., 1996;
Shiraishi, 2015; Vergnes et al., 2019) present in the EPS excreted by
microalgae cells, thus we selected this technique to qualitatively evaluate
the presence of EPS excreted by cells grown in presence of Model-MPs.
The images obtained are presented in Fig. 7. They show that when cells
are grown without Model-MPs (Fig. 7a), cells produce EPS in a small
amount. In particular, we can see here the presence of small cell aggregates
that are entrappedwith the EPS visible on the image (Fig. 7a). This is in line
with the flocculation/flotation results obtained that shows that cells with-
out MPs can still be separated with an efficiency of 16% (Supplementary
Fig. S3). When cells have grown for 7 days in the presence of Model-MPs,
large aggregates of cells are visible on the images, on which large amounts
of EPS can be observed (Fig. 7b and c). These observations thus suggest that
the presence of Model-MPs in the culture medium triggers the production
of EPS, as the cells use them as a support to form biofilms around them
(Yan et al., 2021), which is in line with the previous literature on this sub-
ject (Harrison et al., 2014; Lagarde et al., 2016; Yan et al., 2021). When we
put these observations in perspective with the flocculation/flotation tests
performed before, it seems that the separation efficiency that we obtain

Fig. 5. Two-photon microscopy imaging of μ-Upcon-PE and C. vulgaris aggregate after 7 days inoculation together: a) Brightfield image; b) Green emission under NIR
irradiation and c) red emission under NIR irradiation observed for μ-Upcon-PE and C. vulgaris aggregate. Images show Z-projection in a maximum intensity.
d) Upconversion emission spectra of μ-Upcon-PE together with two-photon emission spectra of C. vulgaris cells. The positions where the spectra were recorded on the
image is indicated by the colored crosses on a). (For interpretation of the references to color in this figure legend, the reader is referred to the web version of this article.)
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when cells have been grown for 7 days with the MPs is due to the increased
production of EPS by the cells in a biofouling process. However, the direct
interaction of Model-MPs with cells seem also to induce aggregation (Fig. 6
condition 2); as it can be seen on these images (Fig. 7b and c), cells do pro-
duce some EPS even if not grownwithMPs, and the decreasing trend of the
separation efficiency obtained when cells are washed before flocculation/
flotation experiments (Fig. 6, condition 3) would suggest that MPs can in-
teract directly with these EPS. The fact that the separations efficiencies
when cells washed are not significantly different could also suggest that
this interaction could also be in part directly with the cell wall of cells. An-
other interesting point is that when cells have been grown with MPs, a cer-
tain concentration is needed to induce cell aggregation: in this case this
would mean that both the production of EPS and the aggregation induced
by contact between MPs and cells is concentration dependent. When
there are not enough MPs in the medium, the surface area of flocculant
(MPs) could be too small compared to the surface area of cells to aggregate
them.

While these results together bring explanations on the mechanism by
which Model-MPs induce the aggregation of cells, a final point needs to
be clarified; are the Model-MPs able to directly interact with cells? This
would allow understanding why cells that have been in contact with MPs
during 15 min only can be aggregated, and also why removing the EPS
from cells does not decrease significantly the separation efficiency. To

this end, we performed force-spectroscopy experiments to probe the inter-
actions between single C. vulgaris cells and Model-MPs. In these experi-
ments, cells have been washed to remove the EPS from the surface, this
way it will be possible to directly probe the interactions between the cell's
interface and the Model-MPs. For that, we used FluidFM technology,
where singleC. vulgaris cells are aspirated at the aperture of FluidFMprobes
by exerting a negative pressure inside the microfluidic cantilever. This neg-
ative pressure, compared to classic single-cell force spectroscopy methods
using AFM, has the advantage of keeping the cells stable on the cantilever
even when in contact with a strongly adhesive surface (Demir et al.,
2020). The results of these experiments are presented in Fig. 8. In the
case of μ-PE (Fig. 8a), the retract force curves obtained present a single re-
tract peak happening close to the contact point, similar to what was ob-
served with bubbles, with an average force of 14.6 ± 15.3 nN (n = 2713
force curves with 8 cells and particles coming from 2 different cultures, ad-
hesion values can be found in Supplementary Table 4). As for the interac-
tions with bubbles, this force signature is typical of non-specific
interactions, and most likely reflect hydrophobic interactions, rather
strong, between C. vulgaris cells and μ-PE. Similar force curves were ob-
tained for μ-Upcon-PE with a similar average adhesion force of 15.4 ±
15.8 nN (n = 3470 force curves with 10 cells and particles coming from
2 different cultures, adhesion values can be found in Supplementary
Table 5) shown in Fig. 8b. The adhesion forces are not significantly

Fig. 6. Flocculation experiments ofC. vulgaris. a) Schematic representation of the conditions used forflotation/flocculation experiments. Condition 1:Model-MPs+cells after
7 days incubation together (nowashing). Condition 2:Model-MPs are directly added to cells (nowashing). Condition 3: Model-MPs are directly added to cells (washing PBS).
b) C. vulgaris cell separation efficiency with Model-MPs (μ-PE and μ-Upcon-PE) at 40 mg/L concentration under the different conditions described in a).
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different at a p-value of 0.05 (unpaired student test). This is in line with the
previous flocculation/flotation experiments, incorporating UCNPs to the μ-
PE does not affect their interaction with C. vulgaris cells. Thus, these results
first show that there is indeed an interaction between cells andModel-MPs,
and that these interactions are nonspecific and hydrophobic. Recently, we
evaluated the hydrophobicity of C. vulgaris bymeasuring the interaction be-
tween air bubble and single C. vulgaris cells (Demir et al., 2021), and found
an average adhesion force of 4.2 nN (Demir et al., 2021), showing that the
surface of cells is not completely hydrophilic and has hydrophobic proper-
ties. It thus means that Model-MPs can interact with cells directly through a
hydrophobic interaction. This is also in line with the bi-photon imaging ex-
periment where microparticles directly in contact with cells can be ob-
served. To verify that no other type of non-specific interactions are
involved, like electrostatic interactions, additional force spectroscopy ex-
periments were performed between C. vulgaris and μ-Upcon-PE at higher
salt concentrations (Fig. 8c). When we increase the salt concentration by
adding 500 mM of NaCl in PBS buffer (0.137 M of NaCl) at pH 7.4, the
charges present on C. vulgaris cells and Model-MPs are shielded. Although
the average adhesion force recorded is 11.0 ± 9.0 nN (n = 1785 force
curves with 6 cells and particles coming from 2 different cultures, adhesion
values can be found in Supplementary Table 6), given the wide distribution
of the values obtained, it is in the same range as for cells without salt addi-
tion. But still the difference is significant (unpaired t-test, p-value of 0.05),
meaning that electrostatic interactions are involved, but they are not dom-
inant compared to hydrophobic interactions. An interesting point to note
concerns the wide distribution of the adhesion values obtained in each
case. This heterogeneity can be explained by the fact that in each case we
aspirated a different cell. As we have no control over the cell sizes depend-
ing on their age, the contact area in each case is different, resulting in differ-
ent adhesion values. Also, this heterogeneity in the results may be
associated with the surface structure of the Model-MPs which is irregular,
perhaps modifying the contact area and the adhesion forces recorded. In-
deed, whenwe look at the adhesion forces obtained throughout the surface
of the microparticles scanned, we can see that as the cantilever moves on
the surface, the Model-MPs adhesion force does not stay constant over con-
secutive measurements (decreases or increases, Supplementary Fig. S5). Fi-
nally, to confirm that the forces recorded are due to only interactions of
cells with microparticles, we probed the interactions between C. vulgaris

cells and the surfaces which Model-MPs are immobilized on, i.e., PDMS.
The results presented in Supplementary Fig. S6a and b show that neither
C. vulgaris - PDMS nor FluidFM cantilever-Model-MPs interaction occurs,
confirming that the interactions described here indeed take place between
cells and Model-MPs.

Altogether, these results show thatModel-MPs-induced aggregation can
take place through different mechanisms. When cells have been grown in
the presence of MPs, they use the MPs as a support for forming biofilms
which triggers the production of EPS and the further aggregation of cells.
However, MPs can also flocculate the cells by directly interacting with
them, with their cell surface directly and also with the small amount of
EPS they produce at their surface in normal conditions.

4. Conclusions

The ubiquitous presence of plastic in all environmental compartments
raises great concern about their potential negative impact on aquatic eco-
systems in general. In recent decades, many research efforts have focused
on understanding the inclusion, transport, and effects of microplastics on
the aquatic trophic chain from zooplankton to mammals. However not
much is known about the interaction of MPs with primary producers such
as microalgae, which are the base of the trophic chain. This study presents
an original interdisciplinary work that allows understanding the interac-
tions between environmentally relevant models of MPs and microalgae
cells and the consequences of such interaction. The biophysical characteri-
zation of the Model-MPs used in this study showed that these particles are
rough and irregular, similar to the ones found in the environment, and also
present hydrophobic properties. Then, the combination of optical micros-
copy imaging assays and population-scale flocculation/flotation experi-
ments allowed us to understand the role of MPs in the aggregation of
cells. Our results showed that when cells are grown in the presence of
MPs, they produce more EPS responsible for cell aggregation. However,
the aggregation can also be induced by the direct contact between MPs
and the cell surface or the EPS they produce naturally in normal culture
conditions. This was confirmed by single-cell force spectroscopy experi-
ments, which also led us to describe the physico-chemical nature of the in-
teractions between Model-MPs and cells. Altogether, the experimental
approach developed in this study has proven powerful to highlight the

Fig. 7. Staining EPS produced byC. vulgariswith Alcian blue. Optical images of cells dyedwith Alcian blue, a) grown in normal conditions for 7 days, b) grown in the presence
of 40mg/L of μ-PE during 7 days, and c) grown in the presence of 40mg/L of μ-Upcon-PE during 7 days. (For interpretation of the references to color in this figure legend, the
reader is referred to the web version of this article.)
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complexity of MPs-microalgae interactions and understand the role of MPs
in the formation of cell aggregates. This new information are important to
apprehend the impact of plastic pollution on aquatic ecosystems on a
large scale.
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Appendix 2: Investigation of the role of cell hydrophobicity and EPS production in the 

aggregation of the marine diatom Cylindrotheca closterium under salinity stress 
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Abstract  

Aggregation of diatoms is of global importance to understand settling of particulate organic 

carbon in aquatic systems. In this study, we investigate the aggregation of the marine diatom 

Cylindrotheca closterium during the exponential growth phase under hypo-saline conditions. 

The results of the flocculation/flotation experiments show that the aggregation of the diatom 

depends on the salinity. At a salinity of 35, which is considered to be favorable growth 

conditions for diatoms, the highest aggregation is achieved. To explain these observations, we 

used a surface approach combining atomic force microscopy (AFM) and electrochemical 

methods to characterize both the cell surface properties and the structure of the extracellular 

polymeric substances (EPS) cell produce, and to quantify the amount of surface-active organic 

matter released. At a salinity of 35, the results showed that diatoms are soft, hydrophobic and 

release only small amounts of EPS organized into individual short fibrils. In contrast, diatoms 

adapt to a salinity of 5 by becoming much stiffer and more hydrophilic, producing larger 

amounts of EPS that structurally form an EPS network. Both adaptation responses of diatoms, 

the hydrophobic properties of diatoms and the release of EPS, appear to play an important 

role in diatom aggregation and explain the behavior observed at different salinities. This 

biophysical study provides important evidence allowing to get a deep insight into diatom 

interactions at the nanoscale, which may contribute to a better understanding of large-scale 

aggregation phenomena in aquatic systems. 

 

 

 

 

 

 

Keywords: aggregation, atomic force microscopy, cell hydrophobicity, Cylindrotheca 

closterium, extracellular polymeric substances, hypo-saline stress 
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Introduction 

 Diatoms is the most important group of eukaryotic phytoplankton with a large diversity 

(100,000 species), thought to be responsible for 20% of the total production on Earth and 40% 

of the total marine primary production (Scala & Bowler, 2001). In particular, Cylindrotheca 

closterium (C. closterium) is a widespread marine diatom in coastal and estuarine 

environments that can develop in both planktonic and benthic states. On the mudflats found 

in these regions, this species forms biofilms on the surface of sediments, increasing their 

stability and promoting the deposition of sediment particles (de Brouwer et al., 2005). When 

these biofilms are then disturbed, cells become resuspended in the water and continue to live 

in the planktonic state (Thornton, 2002). In both the benthic and planktonic states, this species 

can produce large amounts of extracellular polymeric substances (EPS), which it requires for 

locomotion or to promote its adhesion to the substrate and subsequent biofilm formation 

(Staats et al., 2000). In the planktonic state, these EPS can be involved in the aggregation (i.e., 

flocculation) of cells that can then form marine snow, i.e., aggregates of detritus, inorganic 

material, and living organisms greater than 0.5 mm in diameter (Iversen & Ploug, 2013). 

Macroaggregates can even reach meter or kilometer scales, as demonstrated by the 

phenomenon of macroscopic gel formation in the northern Adriatic Sea, which has been 

shown to be related to the production of extracellular polymers by the dominant diatom 

species C. closterium (Alcoverro et al., 2000; Kovač et al., 2005; Najdek et al., 2005; Pletikapić 

et al., 2011; Radić et al., 2011; Svetličić et al., 2011; Žutić & Svetličić, 2000). Moreover, these 

aggregates then sediment and export organic matter such as carbon from the surface to the 

deep sea, a phenomenon referred to as the biological carbon pump (Piontek et al., 2009; 

Tréguer et al., 2018).  

 In coastal and estuarine environments where diatoms such as C. closterium occur, 

salinity is usually a local environmental factor that can vary widely (Glaser & Karsten, 2020). 

In open oceans, salinity is relatively constant due to intense mixing, but in nearshore or 

estuarine waters where riverine freshwater mixes with marine water, the degree of salinity 

dilution is highly variable (Karsten, 2012). In addition, future climate change scenarios foresee 

less precipitation and more evaporation in these zones, which will lead to further changes in 

salinity (Glaser & Karsten, 2020). For these reasons, the effects of salinity stress (hypo- or 

hyper-saline) on diatoms such as C. closterium have been the subject of several studies. For 
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example, authors have shown that changes in salinity can have effects on cell motility (Apoya-

Horton et al., 2006; Araújo et al., 2013), cell length (De Miranda et al., 2005), cell growth 

(Araújo et al., 2013; Glaser & Karsten, 2020; Rijstenbil, 2005; Van Bergeijk et al., 2003), EPS 

production (Najdek et al., 2005; Steele et al., 2014) or oxidative stress (Roncarati et al., 2008). 

In particular, a recent study from our group investigated the effects of salinity-induced stress 

on the surface properties and EPS production of C. closterium cells in the stationary phase, 

which determines their functional behavior in aquatic systems (Novosel et al., 2022). For that, 

cell adhesive and nanomechanical properties were probed using atomic force microscopy 

(AFM), which is a powerful technique to study microalgae at the nanoscale and probe their 

biophysical properties (Demir-Yilmaz et al., 2021b). Moreover, AFM has also been used before 

to elucidate the molecular mechanisms underlying microalgae cell aggregation for different 

types of microalgae species showing, its interest in such studies (Besson et al., 2019; Demir, 

Blockx, et al., 2020; Demir-Yilmaz, Yakovenko, et al., 2022; Formosa-Dague, Gernigon, et al., 

2018b; Vergnes et al., 2019).  

 To date, no studies have examined the effects of salinity on diatom aggregation during 

the exponential growth phase. In this work, we investigate how hypo-saline conditions affect 

the aggregation of C. closterium cells in the exponential growth phase. We use a 

flocculation/flotation experiment to investigate the aggregation behavior of C. closterium cells 

at three selected salinities (35, 15, and 5). In addition, AFM was used to determine 

nanomechanical and hydrophobic properties of diatoms and the structural organization of 

EPS, while an electrochemical approach allowed quantification of released surface-active 

organic matter. Overall, this original data set contributes to the understanding of the 

mechanism underlying cell aggregation of C. closterium under hypo-saline conditions. Such 

data are important for understanding globally important processes that occur in marine 

waters, such as the formation of marine snow. 

 

Material and Methods 

Microalgae strain and culture conditions  

The diatom Cylindrotheca closterium (Bacillariophyceae, CCMP 1554, Culture Collection 

Bigelow Laboratory for Ocean Sciences, Bigelow, MN, USA) was cultured under sterile 

conditions in natural seawater (salinity of 35) and enriched with f/2 medium (Guillard, 1975). 
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Diatom monocultures were grown in both laboratories (at the RBI and TBI) using seawater 

from the southern Adriatic Sea and the Mediterranean Sea. In both cases, the culture medium 

was sterilized before use. Cells were cultured either in flasks at 19°C and 120 rpm in an 

incubator with white neon tubes providing an illumination of 40 µmol photons m-2 s-1 with a 

photoperiod of 18 hours light:6 hours dark, or in a water bath at 20 rpm and a photoperiod of 

12 hours light:12 hours light with an irradiance of 32 μmol photons m-2 s-1. Both types of 

cultivation resulted in similar growth rates under the different conditions tested in this study. 

To induce salinity stress, natural seawater was diluted with sterile MilliQ water to obtain 

selected salinities of 15 and 5, and cells were cultured under the same conditions for 7 days. 

To monitor cell growth, the average cell abundance in duplicate samples was determined 

using a Fuchs-Rosenthal hemocytometer (Fein-Optik Jena, Germany, depth 0.2 mm) and a 

light microscope (Olympus BX51, Olympus Corporation, Japan). Growth rate and doubling 

time were determined in the early exponential growth phase of diatoms (S.-K. Kim, 2015). 

Electrochemical method  

The electrochemical method of polarography at the dropping mercury electrode allows 

characterization of released surface-active organic matter from cell culture (Pletikapić & 

Ivošević DeNardis, 2017; Svetličić et al., 2006). Here, adsorption of organic matter and 

submicron particles on the dropping mercury electrode leads to a decrease in the surface 

tension gradient at the mercury interface, which causes the suppression of convective flow 

proportional to the surfactant concentration in the sample and is referred to as surfactant 

activity. The surfactant activity of seawater can be expressed as the equivalent amount of the 

nonionic synthetic surfactant used, Triton-X-100 (polyethylene glycol tert-octylphenyl ether), 

in milligrams per liter. 

Electrochemical measurements 

Electrochemical measurements were performed in an air-permeable and thermostatic 

Metrohm vessel with a three-electrode system. The dropping mercury electrode served as the 

working electrode and had the following characteristics: dropping time: 2.0 s, flow rate: 6.0 

mg s-1, maximum surface area: 4.57 mm2. All potentials were referenced to a potential 

measured at a reference electrode, i.e., Ag/AgCl (0.1 M NaCl) separated from the measured 

dispersion by a ceramic frit. A platinum wire was used as a counter electrode. Electrochemical 

measurements were performed using a 174A Polarographic Analyzer (Princeton Applied 
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Research, Oak Ridge, TN, USA) connected to a computer. Analogue data acquisition was 

performed using a DAQ card-AI-16-XE-50 (National Instruments, Austin, TX, USA). Data 

analysis was performed using the application developed in LabView 6.1 software (National 

Instruments, Austin, TX, USA). Electrochemical measurements of the surfactant activity of the 

sample were performed by recording polarograms of Hg(II) reduction (current-potential 

curves) at a scan rate of 10 mV/s. The nonionic surfactant Triton-X-100 (polyethylene glycol 

tert-octylphenyl ether, Sigma) was used as a standard. Stock solutions of Triton-X-100 (10 g/L) 

were prepared in artificial seawater with the corresponding salinities. The polarographic 

maximum Hg(II) was measured for a range of Triton-X-100 concentrations, and surfactant 

activities were determined at -350 mV, which was used to construct calibration curves. 

Surfactant activity of C. closterium cell cultures in the exponential growth phase was measured 

by adding 0.5 mL of 0.1 M HgCl2 to the sample and recording the polarographic maximum of 

Hg(II).  

AFM imaging of living cell 

Before AFM imaging experiments, cells were harvested by centrifugation (2000 g, 3 min) and 

washed twice in PBS buffer at pH 7.4. AFM images of C. closterium cells were acquired with 

cells immobilized on positively charged glass slides (SuperfrostTM Plus Adhesion, Epredia, 

USA) in PBS at pH 7.4. The quantitative imaging mode of Nanowizard III AFM (Bruker, USA) 

with MSCT cantilevers (Bruker, nominal spring constant of 0.01 N/m) was used. Images were 

acquired at a resolution of 80 pixels, with an applied force of < 1.5 nN and a constant 

approach/retract speed ranging from 180 to 200 μm/s (z-range of 1.5 μm). For roughness 

measurements, images were acquired on areas of 0.5 × 0.5 µm in contact mode with MSCT 

cantilevers at an applied force < 0.5 nN. In all cases, the spring constants of the cantilevers 

were determined using the thermal noise method prior to imaging (Hutter & Bechhoefer, 

1993).  

 

AFM imaging of EPS 

Atomic force microscopy images of EPS were acquired using a Multimode Scanning Probe 

Microscope with Nanoscope IIIa controller (Bruker, Billerica, MA, USA) equipped with a 125 

µm vertical engagement (JV) scanner. C. closterium diatoms cultured at salinities of 5, 15, and 

35 were separated from the growth medium by gentle centrifugation (2000 g, 3 min) on day 
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7 of growth. The loose pellet was washed twice with filtered seawater of the corresponding 

salinity, diluted to a final volume of 1 mL with filtered seawater, and used to prepare samples 

for AFM measurements. A 5 µL aliquot of the cell suspension was pipetted onto freshly cleaved 

mica and placed in a closed Petri dish for 1 hour to allow the cells to settle and attach to the 

surface. The mica discs were then immersed in ultrapure water three times for 30 seconds 

and dried. After the drying step, the discs were taped to a metal sample pack with double-

sided tape and imaged with the AFM. Imaging was performed in contact mode in air with 

silicon nitride cantilevers (DNP, Bruker, nominal frequency 18 kHz, nominal spring constant 

0.06 N m-1). The linear scan rate was between 1.5 and 2 Hz and the scan resolution was 512 

samples per line. To minimize the interaction forces between the tip and the surface, the set 

point was kept at the lowest possible value. Image processing and analysis was performed 

using NanoScopeTM software (Bruker, Billerica, MA, USA). 

Force spectroscopy measurements 

For nanoindentation measurements, cells were harvested by centrifugation (2000 g, 3 min), 

washed twice in PBS buffer at pH 7.4, and immobilized on positively charged glass slides 

(SuperfrostTM Plus Adhesion, Epredia, USA). In these experiments, a cantilever with known 

mechanical properties is pressed against the cell surface with a specific force. In this way, the 

Ym value of the cell can be determined, a value that reflects its resistance to compression and 

thus its rigidity. In this study, nanoindentation measurements were performed on 10 cells 

from 2 independent cultures under all conditions, and 400 force curves were recorded for 

each cell on areas of 500 × 500 nm on the cell surface. Force spectroscopy experiments were 

performed with an applied force between 1 and 3 nN depending on the condition using MLCT 

AUWH cantilevers with nominal spring constants of 0.1 N/m. Young's moduli were calculated 

from 40 nm indentation curves using the Hertz model (Hertz, 1881) in which the force F, 

indentation (δ), and Young's modulus (Ym) follow equation (1):  

 
𝐹 =

2 × 𝑌𝑚 × 𝑡𝑎𝑛𝛼

𝜋 × (1 − υ2) × δ²
 

(1) 

Here α is the opening angle of the tip (17.5°) and υ is the Poisson's ratio (which is arbitrarily 

assumed to be 0.5). The spring constants of the cantilevers were determined before each 

experiment using the thermal noise method (Hutter & Bechhoefer, 1993).  
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Hydrophobicity measurements 

To measure the hydrophobic properties of cells, a recently developed method was used, which 

consists of using fluidic force microscopy (FluidFM) to measure the interactions between a 

bubble (hydrophobic surface) and cell surfaces (Demir et al., 2021). For this purpose, FluidFM 

probes with an aperture of 8 µm in diameter (Cytosurge AG, Switzerland) were hydrophobized 

by coating with self-assembled monolayers (SAMs) of silanes using SAMs vapor deposition 

technique. The FluidFM cantilevers were functionalized with 1H,1H,2H,2H-

perfluorodecyltrichlorosilane (FDTS) using an Orbis-1000 equipment (Memsstar, Livingston, 

UK) to make their outer surface and the inner surface of the microchannel hydrophobic. The 

deposition was carried out under vacuum at 40 Torr and -40°C for 5 minutes. Then, the 

microchannel of these silanized cantilevers was filled with air and the probe was immersed in 

PBS 1X. A slight overpressure of 20 mbar was applied to remove any particulate or dust 

contamination or to prevent clogging of the FluidFM cantilever. To create a bubble at the 

opening of the cantilever, a positive pressure of 200 mbar was then applied inside the 

microfluidic cantilever in buffer. The silanized probes were calibrated using the thermal noise 

method before each measurement (Hutter & Bechhoefer, 1993). The interactions between 

the generated bubbles and C. closterium cells under the selected salinities were then recorded 

in force spectroscopy mode, applying a maximum force of 1 nN and a constant retraction 

speed of 2 μm/s. For each condition, areas of 0.5 × 0.5 µm were examined on 5 different cells. 

Adhesion forces were determined by calculating the maximum adhesion force from the 

obtained retraction force curves. 

Flocculation/flotation separation experiments 

Flocculation/flotation separation of C. closterium was performed in dissolved air flotation 

(DAF) experiments in a homemade flotation system as described elsewhere (Besson & 

Guiraud, 2013a; Demir-Yilmaz, Yakovenko, et al., 2022, p.). For this purpose, algal suspensions 

with an optical density (750 nm) of 0.6 at salinities of 35 and 15 and with an optical density 

(750 nm) of 0.3 at salinity of 5 were used directly after 7 days of culture. For some 

experiments, cells were washed (2000 g, 3 min) and resuspended in PBS to remove EPS 

present in the culture medium. In these cases, the separation experiments were performed in 

PBS at a pH equal to that of the cells at the end of the cultures (9.4), eliminating the possible 

effects of pH fluctuations on cell flocculation. The cell suspensions were then added to the 
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flocculation/flotation jars, and shaken (100 rpm) for 15 min to initiate flocculation. 

Depressurization at atmospheric pressure of deionized water saturated with air at 6 bar 

resulted in the formation of bubbles. Algae-free water was pressurized for 30 minutes before 

injection into the jars. Injection was controlled by a solenoid valve and 20 mL of pressurized 

water was added to each beaker sample. For all conditions, the algal suspension was removed 

from the bottom of the test-jars after 15 minutes: The first 5 mL of the treated phase was 

discarded, and the next 20 mL was used to quantify the flocculation/flotation efficiency. For 

this purpose, the optical density of the extracted microalgal suspension was measured and 

compared to the optical density of the microalgal suspension measured before the 

experiments. The flotation efficiency (E) was calculated according to the following equation 2: 

 
𝐸 =  

𝑂𝐷𝑖. 𝑉𝑖 − 𝑂𝐷𝑓 . 𝑉𝑓

𝑂𝐷𝑖. 𝑉𝑖
 

(2) 

Where ODi and ODf are the initial and final optical densities (750 nm), respectively, and Vi 

and Vf are the initial and final volumes after addition of the bubbles. 

 

Results  

Salinity stress affects growth dynamics of C. closterium cells 

The growth curves obtained for C. closterium at the three selected salinities 5, 15, and 35 are 

shown in Figure 1. The initial abundance of cells in the growth medium was approximately 4.0 

× 104 cells/ml. The highest cell number on the day 7 of growth was recorded in cultures with 

salinity 35, while the cell number was 7 times lower with salinity 5. Diatom growth is salinity 

dependent, such that the fastest growth rate of 0.40 day-1 and the shortest doubling time of 

1.71 days were obtained at a salinity of 35, while the growth rate of 0.11 day-1 and the longest 

doubling time of 6.11 days were obtained at a salinity of 5. 
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Figure 1. Growth curves of C. closterium at the selected salinities (5, 15 and 35).  The y-scale 

is logarithmic.  

 

Salinity stress affects the aggregation behavior of C. closterium cells 

In this type of experiment, cells are allowed to aggregate under gentle agitation after culture. 

Then, small bubbles generated by dissolved air flotation (DAF) are introduced at the bottom 

of the suspension; as they rise, they capture the aggregates formed and bring them to the 

surface. This separation is only possible if the cells are already aggregated. Thus, the 

separation efficiency obtained directly reflects the aggregation of the cells. These experiments 

were performed with cells directly after culture or with cells previously washed by 

centrifugation in buffer. The centrifugation process probably mainly removes EPS from the 

cells, as shown in Figure S1. Since EPS are a known factor promoting cell aggregation (Vergnes 

et al., 2019), including in the case of diatoms (Steele et al., 2014), it is important to evaluate 

their potential involvement in cell aggregate formation. The results are shown in the 

histogram in Figure 2; the dark bars show the separation efficiency without washing the cells 

and the light bars with a washing step. When the cell cultures are used directly for the 

flocculation experiments (dark bars in Figure 3), the measured separation efficiency for cells 

cultured at a salinity of 35 is 64.6 ± 9.4%, which is quite high considering that no external 

flocculants were used. When the salinity is decreased, this efficiency drops to 53.7 ± 5.0% at 

a salinity of 15 and even further to 37.4 ± 6.0% at a salinity of 5. Statistical analysis showed 

that these differences between salinities 35 and 5 and between salinities 5 and 15 were 

significant (p-value of 0.01, Mann and Whitney test). When the experiments are repeated with 
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cells separated and washed from the growth medium prior to the flocculation experiments 

and from which the EPS were mainly removed, we can see that all separation efficiencies 

decrease by the same factor of approximately 3. Under these conditions, the separation 

efficiency is 21.7 ± 13.5% at a salinity of 35 and decreases to 19.0 ± 9.9% at a salinity of 15 and 

to 11.5 ± 3.1% at a salinity of 5. Thus, the removal of EPS from cells has a significant effect on 

their aggregation behavior, but nevertheless, cells at a salinity of 35 are able to form more 

aggregates than cells at lower salinities. Hypo-saline stress thus has a negative effect on cell 

aggregation. 

Figure 2. Flocculation/flotation of C. closterium cells cultures at selected salinities. The 

histogram shows the separation efficiency of C. closterium cells grown at salinities of 35, 15, 

and 5. The dark bars were obtained with direct cell cultures and the light bars with cells 

previously washed in phosphate buffer. In each case, the tests were repeated at least 7 times 

with independent cultures. 

 

Salinity stress affects the surface properties of cells 

To understand the decrease in the ability of cells to aggregate under hypo-saline conditions, 

we examine the effects of selected salinities on cell surface roughness, nanomechanical 

properties, and hydrophobicity. Figure 3a-c show AFM height images of C. closterium cells at 

salinities studied. From these images, the reduction in salinity does not seem to affect the 

morphology of the cells, as they have similar shapes and dimensions. Then, to evaluate 
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whether the salinity conditions tested in our study could have an effect on the nanostructure 

of the cell wall, we performed roughness measurements. For this purpose, high-resolution 

images of small areas (500 × 500 nm) were acquired and used to measure the average 

roughness Ra. Under each condition, the measurements were performed on 10 cells from 2 

independent cultures (Table S1). Figure 3d shows the distribution of these values. First, we 

note that the cell wall of C. closterium is quite smooth; at salinity of 35 (control), the roughness 

averages 0.8 ± 0.2 nm. As salinity decreases, the roughness of C. closterium cells also appears 

to decrease. However, statistical analysis (Mann and Whitney test) showed that the observed 

differences were not significant. Another important property of the cell surface that may 

change as a function of conditions is the rigidity of the cell wall. To obtain quantitative 

information about these properties, the elastic modulus (Ym) of the cell wall was determined 

by analyzing the force curves obtained during the nanoindentation measurements. The 

distribution of Ym values obtained (n = 4000 under each condition) is shown in Figure 3e (Table 

S2). Cells grown at a salinity of 35 have an average Ym value of 2.7 ± 1.1 MPa. C. closterium 

contains silica in its cell wall, which explains the high rigidity obtained here. As salinity 

decreases, the Ym value increases to 3.0 ± 0.7 MPa at a salinity of 15 and to 3.9 ± 1.9 MPa at 

a salinity of 5. Statistical analysis showed that the differences in this case were significant (two-

sample t-test). Thus, when cells are subjected to hypo-saline stress, cell rigidity increases, 

probably due to molecular changes in the cell wall under these conditions. 
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Figure 3. Nanostructural and nanomechanical characterizations of C. closterium cells at 

selected salinities. AFM height images of single C. closterium cells cultured for 7 days in 

medium with salinity of (a) 35, (b) 15, and (c) 5. (d) Box plot showing the distribution of 

roughness values, each measured on 10 different cells from 2 independent cultures (Table S1). 

(e) Box plot showing the distribution of Ym values, each measured on 10 different cells from 2 

independent cultures (Table S2). 

We therefore investigated hydrophobic properties, using a recently developed technique in 

our team that consists in probing the interactions between cells and air bubbles produced 

using FluidFM technology (Demir et al., 2021), which combines AFM with microfluidics 

(Meister et al., 2009a). This technique provides an accurate way to study the hydrophobic 

properties of complex surfaces such as microalgal cells, where measuring water contact angle 

(WCA) can be difficult. Since air bubbles in water behave like hydrophobic surfaces, the 

stronger the interaction with the bubbles, the more hydrophobic the surface. The results of 

these experiments are shown in Figure 4. In each case, 5 cells from 2 independent cultures 

were examined (Table S3). They show that cells grown at a salinity of 35 interact with bubbles 

with an adhesion force of 367.6 ± 87.0 pN (Figure 4a). The adhesion force decreases for cells 

grown at a salinity of 15 (Figure 4b), with an average value of 108.5 ± 69.8 pN. At a salinity of 

5, the cells no longer interact with the bubbles (no interactions recorded, Figure 3c). 
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Therefore, the reduction in salinity affects the hydrophobic properties of the cells, as the cells 

become more hydrophilic under hypo-saline stress. 

Figure 4. Probing the interactions between air bubbles and C. closterium cells cultured at the 

selected salinities. Adhesion force histogram obtained for the interaction of air bubbles with 

C. closterium cells cultured at salinities of (a) 35, (b) 15 and (c) 5. The insets in the histograms 

show the representative force curves obtained during the force spectroscopy experiments.  

 

Salinity stress affects the production and nanostructural organization of released EPS  

We determined the amount of released surface-active organic matter at the selected 

salinities, and characterized its nanostructural organization using the electrochemical method 

of polarography at the dropping mercury electrode and AFM, respectively. For this purpose, 

diatom cultures grown at the selected salinities were characterized in terms of surfactant 

activity per cell, which reflects the physiological activity of the cells. The results show that the 

surfactant activity is highest for the C. closterium culture grown at a salinity of 5 (13.9 pg T-X-
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100/L), while the lowest surfactant activity was determined for the cells grown at a salinity of 

35 (0.9 pg T-X-100/L), as shown in Figure 5. 

Figure 5. Surfactant activity of C. closterium cell cultures at selected salinities.  

 

In addition, high-resolution AFM imaging was used to characterize the supramolecular 

organization of EPS at selected salinities, as presented in Figure 6). In each case, 10 diatoms 

were characterized. The results showed that at all salinities studied, the diatoms were 

surrounded by a dense layer (Figure 6a, d, g) that could extend up to 10 µm beyond the cell 

and was only a few nm thick. The difference in EPS organization as a function of salinity is very 

striking in these images. In cells grown at salinity of 35, only short individual fibrils can be seen 

(1-2 nm high, Figure 6 b and c), whereas in cells grown at salinities of 15 and 5, the EPS form 

a fibrillar network.  
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Figure 6. AFM characterization of the EPS produced by C. closterium cells at selected 

salinities. AFM vertical deflection obtained in contact mode in air of C. closterium cell rostra 

at salinities of (a) 35, (d) 15 and (g) 5. (b), (e) and (h) are AFM height images recorded on 

closed-up 5 x 5 µm areas, respectively. (c), (f) and (i) are cross-sections taken along the white 

lines in (b), (e) and (h) respectively.  

 

Discussion  

Diatom aggregates that form in natural environments contribute significantly to marine snow. 

Their sedimentation has several effects, the most important being the export of organic 

material from the surface to the deep sea (Iversen & Ploug, 2013; Thornton, 2002). Because 

salinity is one of the most important fluctuating parameters in coastal and estuarine regions 

where C. closterium is common, it is important to evaluate the effects of hypo-saline stress on 

cell aggregation. While the effects of hyper- or hypo-saline conditions on diatoms have been 

studied, the aggregation mechanism in diatoms during the exponential growth phase is poorly 

understood. In this study, we investigated the effects of hypo-saline conditions on the 
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aggregation behaviour of C. closterium cells, and nanoscale characterization of cells and 

released EPS helped to elucidate the corresponding aggregation mechanism. 

An initial aspect of the study was to determine the effects of hypo-saline stress on cell growth 

dynamics. Several studies in the literature have examined the effects of altering salinity on C. 

closterium growth. Rijstenbil et al. found that high salinity had a significant negative effect on 

the photosynthetic activities of cells (Rijstenbil, 2005), whereas Van Bergeijk et al. reported 

that lower salinity levels (11 and 22 psu) had little effect on the growth rate of C. closterium 

cells or on the cell yield of long-term cultures (14 days) (Van Bergeijk et al., 2003). Our results 

are not consistent with these findings; however, in our case, the effects of reduced salinity on 

cells in the exponential growth phase were examined, which could explain the differences 

observed. However, the results are consistent with our recent study that showed that 

favourable growth conditions for C. closterium are at salinities of 27 and 38 (Novosel et al., 

2022). Another study conducted with different strains of C. closterium isolated from brackish 

and marine habitats also found that reduced salinity stopped or slowed cell growth in 7-day 

cultures, confirming our findings (Glaser & Karsten, 2020). Finally, this effect of reduced 

salinity was also reported by Araujo and coworkers on 72-hour cultures of C. closterium 

(Araújo et al., 2013). 

In a second step, the aggregation of cells under hypo-saline conditions was then quantified 

using flocculation/flotation experiments. The results showed a statistically significant 

decrease in cell aggregation under hypo-saline conditions. Because EPS has been reported to 

be an important factor promoting flocculation for several microalgal species (Steele et al., 

2014; Vergnes et al., 2019), the experiments were additionally repeated with washed cells, 

where the majority of EPS was likely removed. The results highlight the important contribution 

of EPS to cell aggregation behaviour. However, even when most of the EPS was removed, the 

cells formed aggregates, but significantly less under hypo-saline conditions. This suggests that 

the EPS present in the culture medium are not the only factor affecting aggregation. To 

understand this, several hypotheses can be made: (i) salinity affects cell surface properties, 

(ii) salinity affects released EPS, and (iii) the combination of both factors, cell surface 

properties and released EPS, affects cell aggregation. To answer these questions, we examine 

the surface roughness and surface properties of C. closterium at the selected salinities. The 

surface of C. closterium in the exponential growth phase is very smooth, as revealed by 
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roughness measurements in liquid, with an average roughness of 0.8 ± 0.2 nm. In a previous 

study, roughness measurements on C. closterium cells in the stationary growth phase gave 

roughness values in the range of 2 - 5 nm for salinities of 9, 19, 27, and 38 (Novosel et al., 

2022). Higher cell roughness values could be related to roughness measurements in air. In 

addition, cell roughness depends on the species and stressor. Some microalgal species had a 

smooth surface, such as Chlorella vulgaris (0.9 nm at pH 6, (Demir, Blockx, et al., 2020)), while 

the diatom Phaeodactylum tricornutum had a much rougher surface with values ranging from 

5 to 10 nm (J. Ma et al., 2021). Finally, another study investigated the roughness of the diatom 

Nitzschia closterium under selected salinity conditions. Their results showed that the cell 

surface was rougher at a salinity of 18 (9.9 nm compared to 6.3 nm at a salinity of 32) due to 

the presence of silica particles on the cell surface, which is therefore not the case here (J. Ma 

et al., 2019). 

As for the nanomechanical measurements performed, our results show that a decrease in 

salinity leads to an increase in cell rigidity. Several studies have shown that a stress or a change 

in environmental conditions can have an important impact on the composition or remodeling 

of the cell wall, changing its nanomechanical properties (Demir, Blockx, et al., 2020; Formosa-

Dague, Gernigon, et al., 2018b; Francius et al., 2008; J. Ma et al., 2019). In particular, our 

previous study of C. closterium cells in stationary phase has shown that hypo-saline stress 

leads to a marked increase in the production of membrane sterols, which make the cells 

significantly stiffer and more hydrophobic (Novosel et al., 2022). Perhaps a similar mechanism 

takes place here in the exponential phase. Moreover, changes in nanomechanical properties 

upon stress have also been reported in other microalgal species; for example, P. tricornutum 

and C. vulgaris cells exhibit increased stiffness at elevated pH (Demir, Blockx, et al., 2020; 

Formosa-Dague, Gernigon, et al., 2018b). In contrast, Ma and co-authors reported no effects 

on cell rigidity when N. closterium cells were exposed to hypo-saline conditions (J. Ma et al., 

2019). However, in this case, Ym values obtained with a different model than that of this study 

were much higher (about 30 MPa), reflecting the higher content of silica in the cell wall of N. 

closterium compared to C. closterium and perhaps explaining the difference with our results. 

Hydrophobicity of microalgal cells is also an important factor in aggregation efficiency (Garg 

et al. 2012; Ozkan and Berberoglu 2013, Novosel et al. 2021). We investigated the 

hydrophobicity of C. closterium cells in the exponential growth phase at selected salinities. 
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Results showed that diatoms grown under favorable conditions (salinity of 35) behaved more 

hydrophobically than cells grown under hypo-saline stress, possibly promoting efficient 

aggregation compared to cells grown at lower salinities. These changes in cell hydrophobicity 

at different salinity variation suggest a chemical change in lipid metabolism (Novosel et al., 

2022). In addition, cell surface properties have been shown to vary with cell age. For example, 

D. tertiolecta cells behave hydrophobic and stiff in exponential phase and under favorable 

growth conditions, while they are hydrophilic and soft in stationary phase, also suggesting a 

molecular change in their cell barrier (Pillet et al., 2019). The same trend was observed in C. 

closterium (Novosel et al., 2022). 

Regarding the release of EPS, an electrochemical approach allows quantification of the 

released surface-active organic matter, while AFM imaging provides insights into their 

nanostructural organisation. The results showed that the production of EPS was about 14 

times higher in cells grown under hypo-saline conditions. Overproduction of EPS as an 

adaptation response of cells was reported when C. closterium was exposed to the heavy metal 

cadmium (Mišić Radić et al., 2021). Such behavior was also observed by Staats et al. who found 

that cultures of C. closterium depleted of nitrogen also produced more EPS (Staats et al., 

2000). For example, under hyper-saline stress, it has been shown for P. tricornutum cells that 

increased salinity increases the production of EPS with higher levels of uronic acids and 

sulphates, possibly allowing EPS to retain more water (Abdullahi et al., 2006). Thus, the higher 

amount of EPS at salinity 5 (as an unfavorable condition) corresponds to an adaptation of cells 

to protect themselves against osmotic stress. Regarding the EPS nanostructure, the AFM 

results showed that the EPS are structured differently depending on the salinity: At salinity 35, 

the EPS form short single fibrils around the cells, while at salinity 15 and 5, the EPS form a 

fibrillar network. For C. closterium cells in stationary phase, our recent study showed a similar 

trend, with denser fibrils around the diatoms at lower salinities (9 and 19) with a higher degree 

of cross-linking (Novosel et al., 2022). As the flocculation/flotation results showed, the EPS 

play an important role in flocculation, as for all conditions the separation efficiency and thus 

aggregation decreases by a factor of 3 when the EPS are removed from the cells. It is important 

to note that the cells aggregate independently of EPS production, implying that the EPS are 

not the only parameter that triggers cell aggregation at the selected salinities. As mentioned 
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earlier, cell aggregation independent of the presence of EPS also appears to be driven by the 

hydrophobic properties of the cells, which allow diatom aggregates to form at salinity 35. 

Conclusions 

We investigate the effects of hypo-saline stress on the aggregation behavior of the diatom C. 

closterium during the exponential growth phase. Our results show that hypo-saline stress 

reduces the ability of diatoms to form flocs. To explain this behavior, we characterized both 

the surface properties of the cells and the EPS released. The AFM results show that the cells 

are significantly softer and more hydrophobic at a salinity of 35 than under hypo-saline 

conditions. The amount of EPS released and nanostructural organization were also found to 

be salinity dependent. At salinity of 35, diatoms released a small amount of EPS organized in 

short fibrils and still formed diatom aggregates. This can be explained by the fact that cells 

grown under favorable conditions are more hydrophobic than cells under hypo-saline stress, 

as hydrophobicity is an important factor promoting cell flocculation. This comprehensive 

study revealed the complex interplay between cell surface properties and physiological 

activity on the mechanism of diatom aggregation, which could lead to a fundamental 

understanding of their survival strategy under hypo-saline stress conditions in aquatic systems 

and also serve for biotechnological applications. Furthermore, because diatom aggregations 

in marine environments can have important impacts on ecosystems and the export of organic 

matter to the water column, these results provide fundamental data needed to understand 

these phenomena on a large scale. 
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Appendix 3: Reconstructed membrane vesicles from the microalga Dunaliella as a potential 

drug delivery system 
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ABSTRACT  

 

The aim of this biophysical study is to characterize reconstructed membrane vesicles obtained 

from microalgae in terms of their morphology, properties, composition, and ability to 

encapsulate a model drug. The reconstructed vesicles were either emptied or non-emptied 

and exhibited a non-uniform distribution of spherical surface structures that could be 

associated with surface coat proteins, while in between there were pore-like structures of up 

to 10 nm that could contribute to permeability. The reconstructed vesicles were very soft and 

hydrophilic, which could be attributed to their composition. The vesicles were rich in proteins 

and were mostly derived from the cytoplasm and chloroplasts. The lipid classes and their ratio 

identified in the reconstructed membrane vesicles were conserved as in the mother cell. The 

vesicles appeared to be permeable to calcein, impermeable to FITC-ovalbumin, and 

semipermeable to FITC-concanavalin A, which may be due to a specific surface interaction 

with glucose/mannose units that could serve as a basis for the development of drug carriers. 

Finally, the reconstructed membrane vesicles could pave a new way as sustainable and 

environmentally friendly marine bioinspired carriers and serve for studies on microtransport 

of materials and membrane-related processes contributing to advances in life sciences and 

biotechnology. 

 

Keywords: drug delivery, membrane vesicle, microalgae, nanomechanics, permeability  
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Introduction  

The development of drug delivery systems has been extensively researched [1-4]. 

Traditionally, lipid-based drug delivery systems have been the most prominent, followed by 

inorganic and polymer-based drug delivery systems [5-8]. Since none of these delivery systems 

mimic the complexity of natural biological membranes, interest in cellular or cell-derived 

counterparts using human (red blood cells, stem cells, immune cells), animal, and plant cells 

has increased dramatically over the past decade [4,9-14]. Although these cells have great 

advantages as drug carriers, mainly because of the recognition of the cells by the target tissue, 

there are some disadvantages related to the survival, migration and function of the carrier 

cells that limit the exposure to the drug [15,16]. In addition, there is a risk of tumorigenicity, 

especially in stem cells [10]. Because of these problems, cell-derived drug delivery systems 

such as extracellular vesicles and cell membrane- coated particles are now being investigated. 

Extracellular vesicles are typically released by most types of eukaryotic and some prokaryotic 

cells [17,18]. Although there are several types of extracellular vesicles, the focus is on 

exosomes-vesicles with a diameter of 100 to 200 nm that can be isolated from the cell type to 

be treated with a drug. Because of their good biocompatibility with target tissues, many 

human-derived exosomal therapies are currently under investigation [4], but the cost of 

obtaining highly concentrated fractions is high [19]. In the last decade, the development of 

drug delivery systems based on microalgae has attracted considerable interest [19-22]. For 

example, diatoms and their biosilicified envelope can be engineered to carry genes, and 

nucleic acids [20,23] and can also be functionalized to deliver drugs to cancer cells [9]. In 

addition, various types of green microalgae have been used as a source of algal exosomes 

(nanoalgosomes), which are also a promising type of carrier, but the disadvantage at present 

is also the low yield of this type of vesicle [21,22]. Recently, we reported a protocol for the 

preparation of autofluorescent micrometre-sized reconstructed membrane vesicles from 

microalgal cells [24]. The aim of this study is to characterize the reconstructed membrane 

vesicles in terms of their morphology, properties, and composition as well as their ability to 

encapsulate selected fluorescent dyes. Such reconstructed membrane vesicles could serve as 

a basis for the development of marine bioinspired carriers for advanced biotechnological 

applications. 
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2. Materials and methods 

2.1. Cell suspensions  

The unicellular marine alga Dunaliella tertiolecta Butcher (Chlorophyceae) [Culture Collection, 

Bigelow Laboratory for Ocean Sciences, length: 6-12 µm)] was grown in natural seawater 

(filtered through 0.2 µm) of salinity 38  enriched with F-2 medium [25] under ambient 

conditions (25 oC, 12 h light:12 h dark, shaking (20 rpm)). The cell density was 6 × 106 cells/mL 

after 10 days of growth. Cells were separated from the growth medium by gentle 

centrifugation (1500 × g, 5 min). The loose pellet was washed several times with filtered 

seawater by centrifugation and used to prepare vesicles. 

2.2. Preparation of the reconstructed membrane vesicles  

The reconstructed membrane vesicles, called ghost vesicles, were prepared by osmotic shock 

of the photosynthetic marine microalga Dunaliella tertiolecta in early stationary phase. The 

protocol for producing the reconstituted vesicles was recently described in detail [24]. Briefly, 

the loose algal cell pellet was isolated from 500 mL of cell growth medium by gentle 

centrifugation (1500 × g for 5 min) and rinsing with filtered seawater (0.22 µm). The 

supernatant was completely removed, and 4 mL of the loose algal cell pellet was diluted 40 

times with ultrapure water, shaken vigorously, and then allowed to stand at room 

temperature. After 30 minutes, the samples were centrifuged at 1500 × g for 4 minutes. Pellet 

1 contained released intracellular material, non-empty vesicles, and empty vesicles. 

Supernatant 1, containing empty vesicles, vesicles with some adherent material, and a small 

amount of free debris, was centrifuged at 10 000 × g for 10 minutes, at 10 °C. The resulting 

Pellet 3 contains mainly debris and some vesicles, whereas Supernatant 3 contains mainly 

empty reconstructed vesicles and vesicles with some adherent material concentrated in a thin 

viscous layer near the Pellet 3. The fraction of concentrated vesicles is stabilized with Tris-HCl 

buffer and MgCl2 (both final concentrations were 10 mM, pH 8.0). The concentration of 

reconstructed membrane vesicles in suspension is generally between 104 and 106 vesicles/mL 

and in size up to 30 µm.    

2.3. Epifluorescence and confocal laser scanning microscopy 

An Olympus BX 51 fluorescence microscope was used for preparation of reconstructed 

vesicles and determination of cell and vesicle density. Confocal measurements were 
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performed with a Leica TCS SP8 laser scanning confocal microscope equipped with a white 

light laser and a 63× (N.A. = 1.4) oil immersion objective. The excitation and emission spectra 

generated by the microscope were used to optimize the emission windows.  

Lipophilic membrane stain DiI (Sigma, excitation maximum 552 nm, detection range 570-600 

nm) was used to improve visualization of the vesicles. A stock solution of DiI at a concentration 

of 200 µM was prepared in anhydrous DMSO. Calcein, FITC-concanavalin A, and FITC-

ovalbumin were used to test loading of the vesicles. Calcein (Sigma, excitation maximum 488 

nm, detection range 500-540 nm) was prepared as a stock solution (20 mM in ultrapure 

water). FITC-concanavalin A (Sigma) and FITC-ovalbumin (Invitrogen, Life technologies, USA; 

excitation maximum 488 nm, detection range 500-540 nm) were prepared in ultrapure water 

at a concentration of 1 mg/mL. FITC-dextrans with different molecular weights (Sigma, 3-5 

kDa, 10 kDa, 20 kDa, and 70 kDa) were used for permeability assay. All FITC-dextrans were 

prepared in ultrapure water at 1 mg/mL. 

SPY555-tubulin (Tebu-bio SAS, excitation maximum 555 nm, detection range 570-620 nm) was 

used as a probe for imaging of microtubules. The content of the SPY probe tube was prepared 

in 50 µL DMSO solution and diluted 100-fold before imaging. Autofluorescence of the 

reconstructed membrane vesicles was also recorded (excitation 555 nm, detection range 660-

720 nm). 

2.4. Sample preparation for confocal imaging 

Before use, the slides were washed with ethanol and rinsed several times with water. After 

drying with a stream of nitrogen, 50 µL of polyethylenimine (PEI, 0.2% w/v) was added to the 

slide for 30 minutes. The PEI droplet was then removed and rinsed three times with ultrapure 

water. Finally, 20 µL of an aliquot of the vesicles was added to the modified slide and allowed 

to stand for 30 minutes. Prior to imaging, the fluorescent dye DiI was added at a final 

concentration of 2 µM, followed by the addition of FITC-dextran or selected fluorescent dyes. 

Calcein was added at a final concentration of 5 µM. FITC-concanavalin A, FITC-ovalalbumin 

and FITC-dextran were added to the sample in aliquots between 1 and 4 µL, to achieve final 

concentrations between 50 and 200 µg/mL.  
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2.4.1. Analysis of vesicle permeability with Image J software 

Fluorescence intensity analysis for vesicle permeability study was performed using Image J 

(software version 1.53k, National Institute of Healh, USA). The measured fluorescence 

intensities inside the vesicles were compared with the fluorescence intensity outside the 

vesicles on the confocal images. For each dextran molecular weight, at least 10 vesicles were 

analyzed on an 8×8 µm image and, in parallel, the vesicle population was analyzed on 25×25 

µm images. Measurements were always performed on clear background segments and at a 

distance of at least 20% from the membrane to exclude possible interference with membrane 

luminescence. The relative fluorescence intensity within the vesicles was expressed as a 

percentage of the fluorescence intensity of the background. 

2.5. Sample preparation for AFM measurements 

For AFM imaging in air, a volume of 5 µL of the suspension containing the reconstructed 

membrane vesicles was pipetted directly onto freshly cleaved mica and dried in a closed Petri 

dish for 1 hour before imaging. AFM imaging of the vesicles was performed using a MultiMode 

Scanning Probe Microscope with Nanoscope IIIa controller (Bruker, Billerica USA) and a 125 

µm Vertical Engagement (JV) scanner. Images were acquired in contact mode using a standard 

silicon nitride tip (DNP-10, Bruker, nominal frequency 18 kHz, nominal spring constant of 0.06 

N/m) with a scan resolution of 512 samples per line. Sampling rates were typically optimized 

to 1-2 Hz. Images were processed and analyzed using NanoScopeTM software (Digital 

Instruments, version V614r1). The force was kept at the lowest possible value to minimize 

interaction forces between the tip and the surface. Measurements were performed in air, at 

room temperature and 50-60% relative humidity, so that the samples have a small hydration 

layer that helps to preserve the structure [26]. All images are presented as raw data, except 

for the two-dimensional first-order flattening.  

For AFM imaging in liquid, vesicles were first immobilized on glass slides coated with PEI. For 

this purpose, freshly activated slides were coated with a 0.2 % PEI solution in deionized water 

and incubated overnight. The slides were then rinsed with deionized water and dried with 

nitrogen. A total of 1 mL of the vesicle suspension was then applied to the PEI-coated slide, 

allowed to stand for 30 minutes, and rinsed with Tris-HCl buffer and MgCl2 (both final 

concentrations were 10 mM, pH 8.0) to remove nonsticky vesicles. Height images of the 
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reconstructed membrane vesicles were acquired with the quantitative imaging (QI) mode of 

Nanowizard III AFM (Bruker, USA) using MSCT cantilevers (Bruker, nominal spring constant of 

0.01 N/m), in 10 mM Tris-HCL with addition of 10 mM MgCl2 buffer. Images were acquired at 

a resolution of 150x150 pixels, applying a force of < 1 nN. In all cases, the spring constants of 

the cantilevers were determined using the thermal noise method prior to imaging [27]. The 

obtained height images were then analyzed using Data Processing Software (Bruker, USA).  

2.6. AFM Force Spectroscopy  

AFM in force spectroscopy mode was used to measure the nanomechanical properties of 

vesicles. A maximum force of 0.5 nN was applied using MSCT cantilevers (Bruker, nominal 

spring constant of 0.1 N/m). In each case, 18 reconstructed vesicles immobilized on PEI-coated 

glass slides were analyzed from 2 independent series (400 force curves were recorded for each 

algal vesicle). Young's moduli were then calculated from the 300-nm indentation curves using 

the Hertz model [28], in which the force F, indentation (δ), and Young's modulus (Ym) follow 

equation 1, where α is the tip aperture angle (17.5°) and υ is the Poisson's ratio (arbitrarily 

assumed to be 0.5). The spring constants of the cantilevers were determined before each 

experiment using the thermal noise method [27]. 

 

𝐹 =
2 × 𝑌𝑚 × tan 𝛼

𝜋 × (1 − υ2) × 𝛿2
             (1) 

 

For the hydrophobicity experiments, AFM was used in combination with FluidFM as described 

in [29]. Briefly, an air bubble was generated using a Nanowizard III AFM (Bruker, USA) 

equipped with FluidFM technology (Cytosurge AG, Switzerland). Experiments were performed 

in PBS at pH 7.4 using microfluidic micropipette probes with an aperture of 8 µm (spring 

constant of 0.3 N/m, Cytosurge AG, Switzerland). The probes were calibrated using the 

thermal noise method [27] before the measurements.  Then, the interactions between the 

bubbles formed at the aperture of the microfluidic micropipette probes and 7 algal vesicles 

were measured in force spectroscopy mode with a constant applied force of 0.5 nN. Force 

curves (400 force curves for each vesicle) were recorded with a retraction z-length of up to 2 

µm and a constant retraction speed of 1.0-2.0 µm/s. The adhesion force between the bubble 
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and the algal vesicle was calculated by measuring the height of the adhesion peak using Bruker 

data processing software (Bruker, USA). 

2.7. Lipid extraction and analysis 

Lipid extractions were performed from 50 mL of an algal cell monoculture in the early 

stationary growth phase and 15 mL of an algal-derived vesicle suspension. Samples were 

filtered through a pre-combusted (450 °C/5 h) 0.7 μm Whatman GF/F filter. Extraction was 

performed using a modified one-phase solvent mixture of dichloromethane-methanol-water 

[30]: 10 mL of one-phase solvent mixture dichloromethane/methanol/deionized water 

(1:2:0.8 v/v/v) and 5 μg of standard methyl stearate (to estimate recoveries in subsequent 

steps of sample analysis) were added to the cut filters. They were then ultrasonicated for 3 

min, stored overnight in the refrigerator, filtered through a sinter funnel into a separatory 

funnel, washed again with 10 mL of the one-phase solvent mixture and then washed once 

with 10 mL of dichloromethane/0.73 % NaCl solution (1:1 v/v) and finally with 10 mL of 

dichloromethane. Lipid extracts collected in dichloromethane were evaporated to dryness 

under nitrogen flow and dissolved in 34 to 54 μL dichloromethane before analysis. All solvents 

were purchased from Merck Corporation (USA). 

Lipid classes were determined by thin-layer chromatography with flame ionization detection 

(TLC-FID; Iatroscan MK-VI, Iatron, Japan). Lipids were separated on Chromarods SIII. 

Quantification was determined by external calibration of lipid classes. Analysis was performed 

using a hydrogen flow of 160 mL/min and an airflow of 2000 mL/min. We determined 

representative membrane lipid classes: three glycolipids (monogalactosyldiacylglycerols 

(MGDG), digalactosyldiacylglycerols (DGDG), and sulfoquinovosyldiacylglycerols (SQDG)), 

three phospholipids (phosphatidylglycerols (PG), phosphatidylethanolamines (PE), and 

phosphatidylcholines (PC)) and sterols (ST), and lipid degradation indices (DI) which include 

free fatty acids, fatty alcohols, 1,3-diacylglycerols, 1,2-diacylglycerols and monoacylglycerols. 

The total lipid concentration is the sum of the individual lipid classes. The standard deviation 

determined from duplicate runs was 0-15%. The detailed procedure is described in [31,32]. 

2.8. Protein analysis 

The concentration of total proteins was determined by the Bradford method [35] in duplicate 

samples. For protein analysis, 200 μL of the vesicle sample was mixed with 20 μL 10% SDS 
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(pH=7.2) and boiled in a water bath for 1 minute; 5 volumes of ice-cold acetone were added 

to the sample, and the proteins were precipitated overnight at -20 °C. The precipitated 

proteins were pelleted by centrifugation (10 000 × g, 4 °C, 10 min). The pellet was dissolved in 

25 μl 25 mM ammonium bicarbonate buffer (pH=7.8). Digestion was performed with trypsin 

(Promega, SAD) overnight at 37 °C. The peptides obtained after digestion were separated 

according to the method described in [34]. NanoLC system Dionex Ultimate 3000 RSLCnano 

(Thermo Fisher Scientific, Germany) coupled to Proteineer fcII (Bruker, Germany) was used for 

separation and peptide collection. Mass spectrometry (MS) was performed using an Autoflex 

speed MALDI-TOF /TOF analyzer (Bruker, Germany). Mass spectra were obtained according to 

the method described in [34]. Protein identification was performed using ProteinScape 

software version 3.0 (Bruker, Germany) with the search engine MASCOT. An in-house 

database of protein sequence data of D. tertiolecta was used. Protein sequence data were 

downloaded from the UniProt database (accessed March 19, 2022, no. of entry 12 786). 

Search parameters were set as follows: a missing trypsin cleavage, oxidation on methionine 

as a variable modification, precursor ion mass tolerance 50 ppm, and fragment ion mass 

tolerance 0.6 Da. The protein-protein interaction network (PPI) of the identified proteins was 

generated using STRING version 11.0 with a minimum confidence level of 0.4. A multiple 

sequence search was used. 

2.9. Carbohydrate analysis 

The standard stock solution of glucose (1 mg/mL) was diluted to a concentration of 0 to 0.1 

mg/mL and used to construct the calibration curve. The anthrone reagent was prepared as 

follows: 200 mg of anthrone (ACS reagents, Sigma-Aldrich) was added to a 100 mL volumetric 

flask, and the volume was adjusted to 100 mL with 96 % sulfuric acid (Biochem). The vesicle 

suspension sample was diluted 1:10 with deionized water. 1 mL of the diluted glucose 

standards or sample was added to the tube along with 4 mL of anthrone reagent, vortexed, 

and incubated at 80 °C in a water bath (Lauda, Alpha RA8) for 10 minutes. After cooling on ice 

to room temperature, absorbance was determined at 630 nm in duplicate samples (UV/VIS 

spectrophotometer, Cary 100, Agilent Technologies). Total carbohydrate content is expressed 

as glucose equivalent in mg per mL of sample. 
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3. Results  

3.1. Nanomorphological characterization of the reconstructed membrane vesicles  

Figure 1 shows reconstructed membrane vesicles deposited on mica and imaged by AFM in 

air.  

Here Fig.1. 

The topographic image shows densely packed vesicles, many of which overlap on the outside 

(Fig. 1a). The vesicles are nearly round, although some elongation may be due to the drying 

step and less than optimal adhesion to the mica surface. Cross-sectional analysis of 21 vesicles 

shows that the diameter and height of the vesicles were 13.5 ± 2.1 µm and 87.9 ± 6.8 nm, 

respectively. Thus, the vesicles were not deflated but contained a thick membrane and some 

embedded intracellular material. Topographic and 3-D views show round reconstructed 

membrane vesicle (Figs. 1d, 1f). Cross-sectional analysis shows that the diameter and height 

of the vesicle correspond to 10.2 µm and 62.8 nm, respectively, indicating embedded 

intracellular material and particles adhering to the membrane surface (Fig. 1e). Topographic 

and 3-D views show individual reconstructed membrane vesicles that can be considered 

nearly depleted (Figs. 1g, 1i). Cross-sectional analysis shows that the diameter and height of 

the vesicle correspond to 3.0 µm and 20.2 nm, respectively, while the internal height of the 

vesicle ranges from 2 to 4 nm. Insights into the surface structure of the reconstructed 

membrane obtained from the AFM deflection image and 3D view are provided in Fig. S1. The 

heterogeneously distributed spherical surface structures were predominantly about 100 nm 

in diameter and 5 to 10 nm in height, with pits in between. The roughness of the vesicles in 

air was determined on the areas of 8 x 8 µm on the surface of 21 vesicles and corresponded 

to 11.5 ± 1.4 nm. The reconstructed membrane vesicles were also imaged by AFM in liquid. 

The height image and the corresponding 3D view of a vesicle are shown in Fig. 2a and 2b, 

respectively. 

Here Fig. 2 

The cross-section (Fig. 2c) taken along the white line in Fig. 2b shows the morphology of the 

surface. The reconstructed membrane vesicle has a round shape with a height of more than 2 

µm. The average maximum height of the vesicles measured on 6 different vesicles was 2.92 ± 

0.50 µm, which was much higher than under near-dry conditions. This difference is probably 
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due to the hydration of the vesicles, which increases their size. Finally, the roughness of the 

vesicles was also measured under liquid conditions. For this purpose, high-resolution images 

were taken on areas of 1.5 x 1.5 µm on the surface of six vesicles. An example of such an image 

is shown in Figs. 2d and 2e along with the cross-section. The average roughness found was 

9.29 ± 5.36 nm. The large standard deviation in this case illustrates the heterogeneity of the 

vesicle surfaces. 

3.2. Determination of pore size on reconstructed membrane vesicles  

Figure 3 shows representative confocal images of reconstructed membrane vesicles after 

addition of FITC-dextran with selected molecular weights of 3-5 kDa, 10 kDa, 20 kDa, and 70 

kDa.  

Here Fig.3. 

The fluorescence intensity inside and outside the vesicle is completely balanced, i.e., the 

relative fluorescence intensity inside the vesicle is 95 % of the fluorescence intensity outside 

the vesicle. Therefore, it is assumed that the vesicles are fully permeable to 3-5 kDa dextran. 

After addition of 10 kDa FITC-dextran, the fluorescence intensity inside the vesicles is 84 % of 

the background fluorescence intensity, so the reconstructed membrane vesicles are also 

predominantly permeable to 10 kDa dextran (Fig. 3a). Figure 3b shows reconstructed 

membrane vesicles in contact with 20 kDa FITC-dextran. Quantitative analysis shows that the 

fluorescence intensity inside the vesicles drops to 37 % of the background fluorescence 

intensity. Thus, the reconstructed membrane vesicles are predominantly impermeable to 

dextran of this size. Finally, after the addition of 70 kDa dextran, the highest fluorescence 

intensity is outside the vesicles, indicating that the majority of the reconstructed membrane 

vesicles are also predominantly impermeable to dextran of this molecular weight (Fig. 3c). The 

fluorescence intensity within the vesicles in contact with 70 kDa dextran is 17 % of the 

background fluorescence intensity. Overall, the permeability of reconstructed membrane 

vesicles decreased with an increase in the molecular weight of dextran from 3 to 70 kDa (Fig. 

S2). Between 10 and 20 kDa, a significant decrease in the accumulation of dextran in the 

vesicles was observed. Although the pores of the reconstructed membrane vesicles varied in 

size, 20 kDa could be considered as the threshold. 
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3.3. Nanomechanical and chemical characterization of the reconstructed membrane vesicles  

Nanoindentation experiments were performed to obtain quantitative information on the 

nanomechanical properties of the reconstructed vesicles in terms of Young's modulus (Ym) 

(Figs. 4a and 4b).  

Here Fig.4. 

In these experiments, a cantilever with known mechanical properties is pressed against the 

vesicle surface with a certain force. In this way, the Ym value of the sample can be determined, 

a parameter that reflects its resistance to compression. Thus, Ym is a value related to the 

rigidity; the higher the Ym value, the more rigid the sample. In this study, nanoindentation 

measurements were performed on areas of 1.5 × 1.5 µm on the surface of 17 reconstructed 

membrane vesicles obtained from two independent batches of samples. Nanoindentation 

measurements provide access to force-displacement curves. From these curves, Ym values 

can be determined by converting the force curves into force versus indentation curves (black 

line in the inset of Fig. 4a) and then fitting them with the Hertz model [28] (orange line in Fig. 

4a). Quantitative analysis of all Ym values extracted from the force curves yielded an average 

Ym value of 0.37 ± 0.31 kPa (n = 5959 force curves). 

The hydrophobic properties of the reconstructed membrane vesicles were also determined. 

For this purpose, we used a recently developed method consisting in studying the interactions 

between samples and air bubbles prepared with FluidFM technology [29], which combines 

AFM with microfluidics [35]. Air bubbles in water behave like hydrophobic surfaces. Therefore, 

if interactions between bubbles and vesicles are recorded, it means that the vesicles have 

hydrophobic properties. This method has been used to measure the hydrophobic properties 

of complex surfaces such as cells [29] or microplastic particles [36] and is a more accurate 

method for measuring hydrophobicity than measuring water contact angle (WCA), which can 

be difficult for biological samples. Moreover, compared to classical measurements using 

hydrophobic AFM tips, this method has the advantage of providing access to the global 

hydrophobic properties of the samples, since the radius of the bubble in contact with the 

sample is about 1.2 µm [29], which is 60 times higher than a regular AFM tip (20 nm) [37,38]. 

The results of these experiments are shown in Fig. 4b. The force curves obtained in this case 

show no adhesion peaks on the retraction force curves (inset in Fig. 4b), which means that the 
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reconstructed membrane vesicles do not interact with the bubbles. Thus, they are completely 

hydrophilic. 

 

3.4. Composition of the reconstructed membrane vesicles  

3.4.1. Lipids  

The concentrations of total lipids in the D. tertiolecta cells and the reconstructed membrane 

vesicles were 9265 ± 2229 µg/L and 8957 ± 563 µg/L, respectively. The difference between D. 

tertiolecta and the reconstructed membrane vesicles is that there are approximately 1.5 times 

more lipids in the D. tertiolecta mother cell than in the reconstructed membrane vesicles. The 

concentration of total lipids per D. tertiolecta is 4.03 ± 0.98 pg/cell, whereas the concentration 

of total lipids per vesicle is 2.63 ± 0.17 pg/vesicle. The composition of lipid classes in the D. 

tertiolecta cells and the reconstructed membrane vesicles is shown in Figs 5a and 5b, 

respectively. All lipid classes detected in the D. tertiolecta cells are also embedded in vesicles. 

During the process of membrane reconstruction, there are no major changes in the ratios of 

lipid classes. Polar lipids dominated in both D. tertiolecta cells and reconstructed membrane 

vesicles (76.7 ± 0.5% and 80.8 ± 0.7%, respectively), with glycolipids MGDG and phospholipids 

PG being the dominant classes. MGDG contributed 30.50 ± 0.06% and 26.76 ± 0.85%, while 

PG contributed 16.76 ± 1.70% and 21.46±0.11% in D. tertiolecta and reconstructed membrane 

vesicles, respectively. 

3.4.2. Proteins  

The determined concentration of total proteins in the reconstructed membrane vesicle 

suspension corresponds to 0.1 mg/mL. Further protein analysis was performed to identify the 

proteins incorporated into the vesicles. In addition, STRING analysis was used to investigate 

the PPI network between the identified proteins. The results are shown in Fig. 6 and Table S1. 

The results indicate that the proteins incorporated into the vesicles are biologically connected 

as a group (the calculated PPI enrichment P value is < 1.0 × 10-16, indicating that the nodes 

are not random and that the observed number of edges is significant). According to the gene 

ontology (GO), most of the identified proteins are involved in the carbohydrate metabolic 

process (GO:0005975), cellular amino acid biosynthetic process (GO:0008652), 

photosynthesis (GO:0015979), oxidoreductase activity (GO:0016491) and microtubule-based 
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process (GO:0007017). Judging from the subcellular location, most proteins originate from the 

cytoplasm and chloroplasts. 

3.4.3. Carbohydrate content  

The determined total carbohydrate concentration in the reconstructed membrane vesicle 

suspension corresponds to 0.087 mg/mL based on UV/VIS spectrophotometric analysis. In the 

HPLC-RID analysis of glucose in the sample, the glucose concentration is below the detection 

limit (less than 0.15 mg/mL). 

3.5. Loading of the fluorescent dyes into the reconstructed membrane vesicles  

Figure 7b shows that the fluorescence of calcein is evenly distributed inside and outside the 

reconstructed membrane vesicles, i.e., the vesicles behave permeably to calcein. On the other 

hand, the fluorescence intensity of FITC-ovalbumin is highest outside the vesicles, whereas no 

fluorescence occurs inside the vesicles, i.e., the vesicles are impermeable to the corresponding 

dye, as shown in Fig. 7e. Fig. 7h shows that the fluorescence intensity in the case of FITC-

concanavalin is higher at the membrane edge than in the surrounding medium. Since the 

fluorescence intensity inside the vesicles is close to zero, the vesicles could either be 

semipermeable or a small part of the luminescence is due to the out-of-focus membrane 

luminescence. 

 

4. Discussion  

The major limitations in drug carrier manufacturing are protocol inefficiency, 

bioincompatibility and high cost. There is a great need to overcome these limitations and meet 

the requirements of sustainability and environmental friendliness. This can be achieved by 

using the microalgae presented here, which can be easily cultivated. They are widely used as 

a food source, dietary supplement, pharmacological agent, and energy source. On the other 

hand, the potential of microalgae to produce reconstructed membrane vesicles for drug 

encapsulation has not been adequately explored. To address this gap, this study focuses on a 

comprehensive screening of reconstructed membrane vesicles by investigating the 

relationship between morphology, properties, and composition and testing their ability to 
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encapsulate a model drug to serve as an alternative carrier for advanced biotechnological 

applications.  

We are interested in marine microalgae, in particular the widely distributed species D. 

tertiolecta, as a natural biomaterial for the preparation of reconstructed membrane vesicles 

based on a recently published protocol [24]. The main feature for the use of the microalga D. 

tertiolecta is that it has no cell wall, but only a glycocylyx-type cell envelope, which makes it 

very soft. Another advantage is its semipermeable membrane, which is why Dunaliella is used 

for osmoregulation studies. When the algae are subjected to hypoosmotic shock, the volume 

of the cells increases, pores form, the cells burst, intracellular material is released, and the 

remaining membrane fragments fuse to form reconstructed algal vesicles with high yield. 

Nanomorphological characterization revealed a mixed population of micrometer-sized, nearly 

round, deflated and nondeflated membrane vesicles with embedded intracellular material 

and some adherent particles. When the vesicles are nearly deflated, the membrane thickness 

corresponds to 20 nm, indicating that each membrane bilayer has a thickness of 10 nm (Fig. 

1h). This is consistent with the cell envelope thickness of 9 nm determined by electron 

microscopy [39]. This relatively high membrane thickness is likely due to the presence of water 

residues, other cellular components entrapped in the vesicle membrane, and the high 

glycoprotein content in the cell envelope. The "envelope" of Dunaliella cells appears to be 

composed of glycoproteins of 150 kDa present in the outer layer surrounding the cells [40]. 

AFM images (in air and in liquid) also showed that the vesicle surface is uneven and contains 

irregularly distributed spherical surface structures and pits (Figs. 1, S1, 3). Based on their 

height, these could be surface coat proteins with different functions [41,42]. A similar surface 

roughness was imaged by AFM in ghosts of red blood cells [43-45]. This revealed the structure 

of the cytoskeleton, which consists of spectrin dimers connected by actin filaments and 

proteins to form a two-dimensional network [43]. Actin filaments were also observed in our 

system of reconstructed membrane vesicles, but only within the membrane [24]. The 

spherical surface structures on the reconstructed membrane vesicles are assembled in a 

specific way to form pore-like structures, which could be responsible for the permeability of 

the vesicles to hydrophilic molecules. A permeability assay with labeled dextrans of different 

molecular weights showed that the reconstructed membrane vesicles were predominantly 

impermeable to FITC-dextran of 20 kDa and above (Figs. 3, S2). The variations in permeability 
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are related to a small fraction of vesicles with larger pores that did not close after osmotic 

shock and to dextran molecules, which are known to be deformable and therefore have non-

uniform molecular size [46]. The hydrodynamic radius of the dextran 20 kDa corresponds to 

5.2 ± 0.5 nm [47]. The pore sizes of the reconstructed membrane vesicles should be 

predominantly smaller than dextran of this size. Therefore, the diameter of pores in 

reconstructed membrane vesicles could be as small as 10 nm. In addition, pore properties 

(lipophilicity/hydrophilicity) may also affect membrane permeability and leakage of 

encapsulated molecules of different sizes [48]. Membrane permeability and pores formed in 

the reconstructed membrane vesicle are a major advantage in the potential application of 

such vesicles for drug delivery, as there is considerable effort to develop self-assembling 

nanovesicles and artificial cells containing membranes that can be easily manipulated to 

transport cargo into and out of internal compartments [49]. Skinkle et al. (2020) investigated 

the distribution of pore size in a population of giant plasma membrane vesicles derived from 

rat basophilic leukemia cells [50]. They also found heterogeneity in pore size, likely due to the 

shear stress that occurs during vesicle formation. In particular, the vesicles were impermeable 

to dextrans with a molecular weight of 40 kDa and above. 

The results showed that the surface properties of the reconstructed vesicles were similar to 

those of the mother cells in terms of rigidity and hydrophilicity (Fig. 4). The average rigidity of 

D. tertiolecta grown at a salinity of 38 corresponds to 3.5 kPa [51], while the rigidity of the 

reconstructed vesicles is about ten times lower due to the lack of cytoskeletal network within 

the vesicle. In addition, cells and vesicles behave hydrophilically [51], which is consistent with 

the identified lipid classes and their ratio. The most important observed feature is that the 

ratio of lipid classes of the mother cell and the reconstructed membrane vesicles is not 

significantly perturbed (Fig. 5). All lipid classes of D. tertiolecta are involved in the formation 

of the reconstructed membrane vesicles, suggesting high utilization. Moreover, the ratio of 

proteins : lipids : carbohydrates per reconstructed membrane vesicle corresponds to 28 pg : 

2.63 pg : 0.03 pg, so that the protein content predominates, which is consistent with the first 

study by Jokela [39]. For the first time, 47 proteins were identified and determined to be 

derived from the cytoplasm and chloroplasts (Fig. 6, Table S1). Although, the reconstructed 

membrane vesicles show weak autofluorescence (Fig. S3b) at the wavelength of chlorophyll 

[24], the presence of a corresponding chlorophyll a-b binding protein as found in the mother 
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cells (unpublished data) was not identified here, probably due to signal suppression by other 

protein classes. Therefore, we will perform further protein profiling studies.  On the other 

hand, protein analyzes have been performed for mammalian cell-derived extracellular vesicles 

to predict therapeutic responses of these drug carriers [52,53]. However, little is known about 

the protein profiles in extracellular vesicles from plants and algae under different culture 

conditions and how much protein is incorporated into the vesicles. Indeed, extracellular 

vesicles from plants invaded by pathogens show enrichment of proteins involved in signal 

transduction in response to biotic and abiotic stresses, proteins responsible for immunity, and 

enzymes that remodel the cell wall [54]. In addition, cytosolic proteins, metabolic enzymes, 

chaperones, hydrolases, and membrane channels/transporters have been identified in various 

plant vesicles. Aquaporins have been reported to play an important role in vesicle stability in 

plasma membrane vesicles purified from broccoli plants [55]. In the reconstructed membrane 

vesicles of D. tertiolecta, we identified proteins involved in the carbohydrate metabolic 

process, cellular amino acid biosynthetic process, photosynthesis, oxidoreductase activity, 

and microtubule-based process. Although further studies are needed, we can assume that 

proteins involved in microtubule-based processes (tubulin alpha and beta chains) may be 

responsible for the stability of the reconstructed vesicles [56]. The microtubule networks were 

only associated with the membrane of the vesicle, as shown in Fig. S3a. Microtubulins have 

also been reported to be a target for anticancer drugs [57]. 

The reconstructed membrane vesicles differ in their loading capacity for calcein, FITC-

ovalbumin, and FITC-concanavalin A because of the different physicochemical properties of 

the dye and the structural features of the membrane (Fig. 7). Calcein is a small hydrophilic 

molecule (Mw = 0.6 kDa) with a hydrodynamic radius of 0.74 nm [58], which is much smaller 

than the determined pore size of the membrane. Therefore, calcein spontaneously permeates 

the vesicle membrane. FITC-ovalbumin, a globular protein (Mw=43 kDa), does not penetrate 

or interact with the vesicle membrane and therefore cannot be considered a drug cargo (Fig. 

7e). FITC-concanavalin A is a carbohydrate-binding protein that consists of 4 subunits and has 

a molecular weight of 104 kDa. When the dye was added to the immobilized vesicles, a 

different behavior was observed compared with calcein and ovalbumin (Fig. 7h). As the figure 

shows, the high fluorescence intensity of FITC-concanavalin A on the membrane itself is 

probably due to specific interactions with glucose and mannose units and glycoconjugates on 
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the membrane [59]. This is confirmed by the fact that the mother cell of D. tertiolecta contains 

glycocalyx [40], and glycolipids [51] and carbohydrate content were determined. Moreover, 

FITC-concanavalin A also showed specific binding to the cell wall of the algal cells of Evernia 

prunastri and Xanthoria parietina thalli [59]. Continuing our studies to find an effective 

targeted delivery vehicle, we have previously reported the study of the interaction of 

mannosylated liposomes with concanavalin A, where the affinity of concanavalin A for 

mannose molecules on the surface of the liposome is increased by the presence of a 

multivalent ligand [60,61]. In addition, the interaction of spin-labeled ovalbumin and lipids in 

the cationic and anionic liposomes was investigated. The results showed that the total amount 

of entrapped protein is higher in cationic liposomes when the ionic strength of the buffer is 

lower, while in anionic liposomes the entrapment efficiency of ovalbumin does not depend on 

the ionic strength of the buffer. The non-specific interactions between ovalbumin and the 

liposomal membrane affect the entrapment efficiency of ovalbumin [62,63]. 

We wondered if we could tailor the surface properties of the reconstructed membrane 

vesicles? To answer this question, the surface properties of the mother cell used for vesicle 

preparation must be known. The surface properties of algal cells change when exposed to 

abiotic stress conditions by varying temperature or salinity [51,64]. The results showed that 

Dunaliella became statistically significantly stiffer at 12 °C and behaved hydrophilically over a 

wide range of temperatures, while Dunaliella behaved almost neutrally under favorable 

conditions (18 °C, salinity of 38). On the other hand, Dunaliella became statistically 

significantly stiffer when cells were exposed to salinity 9, where they behaved 

hydrophobically. Thus, by manipulating the cultivation conditions of the mother cells, the 

desired surface properties and thus the chemical composition of the reconstructed membrane 

vesicle can be achieved. For example, an increase in the relative content and unsaturation of 

MGDG, the major class present in both the mother cell and the reconstructed membrane 

vesicles, can be achieved by reducing the salinity of the D. tertiolecta growth medium [65]. 

Cultivation at temperatures above the optimum and the lack of nitrogen nutrients lead to an 

accumulation of lipids in the cell of Chaetoceros pseudocurvisetus, taking into account that 

growth and reproduction are slowed down under unfavorable cultivation conditions [66]. 

Increasing irradiance leads to the accumulation of triglycerides in the cells of Dunaliella viridis 
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[67]. The accumulation of lipids, proteins, and carbohydrates in cultures of Nannochloropsis 

sp. and Tetraselmis sp. at pH 7.5 and 8.5 was reported in contrast to cell growth at pH 7 [68]. 

5. Conclusions 

For the first time, reconstructed membrane vesicles from microalgae were characterized in 

terms of their nanomorphology, surface properties, composition,  and encapsulation of model 

fluorescent dyes. The microalgal cell Dunaliella tertiolecta, which has only a glycocalyx-like cell 

envelope, is a good candidate to achieve high yield in the preparation of micrometer-sized 

reconstructed membrane vesicles. The vesicles imaged by AFM have a rather round shape and 

are found in both depleted and non-depleted states. They exhibit a densely packed spherical 

surface structure, which could indicate surface proteins with different functions. Pits were 

mapped between the spherical surface structures, which could indicate pore-like structures, 

as large as 10 nm, as determined by permeability tests. In terms of composition, the 

reconstructed membrane vesicles contain about 10 times more proteins than membrane 

lipids. All lipid classes and their ratios in the mother cell are not significantly perturbed in the 

reconstructed membrane vesicles. The results show that the vesicles are very soft (less than 

kPa), and hydrophilic, and retain the surface properties of the mother cell. The permeability 

of the reconstructed membrane vesicles depends on the structural features of the membrane 

and the physicochemical properties of the model fluorescent dye. The vesicles are permeable 

to calcein, impermeable to FITC-ovalbumin, and semipermeable to FITC-concanavalin A, 

probably because of specific surface interactions with the glucose and mannose moieties of 

the membrane, which could serve as a basis for the development of drug carriers. Finally, 

reconstructed membrane vesicles could pave a new way as sustainable and environmentally 

friendly marine bioinspired carriers that can be efficiently fabricated and could serve for 

studies on microtransport of materials and membrane-related processes that contribute to 

advances in life sciences and biotechnology. 
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Fig. 1. AFM images of densely packed reconstructed membrane vesicles (a), individual 

vesicle with embedded material (d), and individual reconstructed nearly empty membrane 

vesicle (g) with corresponding cross-sections along the indicated lines (b,e,h) and 3D views 

(c,f,i), respectively. Scan sizes are 100 x 100 µm (a), 11 x 11 µm (d), 4 x 4 µm (g). 
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Fig. 2. AFM height image of a reconstructed membrane vesicle recorded in liquid (a) and the 

corresponding 3D view (b). Cross-sectional data (c) acquired along the white line in (b). High-

resolution height image (d) taken in the area indicated by the red square in (a), and cross-

sectional data (e) taken along the white line in (d). 
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Fig. 3. Representative confocal images of reconstructed membrane vesicles after addition of 

FITC-dextrans with different molecular weights: 10 kDa (a), 20 kDa (b), and 70 kDa (c).  
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Fig. 4. The histogram shows the distribution of Young's modulus values obtained from 

nanoindentation measurements on areas of 1.5 x 1.5 µm on the surface of 17 cells from 2 

independent batch cultures (a). The inset shows an indentation curve (black line) fitted with 

the Hertz model (orange line) over 300 nm indentation depth. The histogram shows the 

distribution of adhesion force values obtained from force spectroscopy experiments 

between bubbles formed with FluidFM and 7 vesicles from a batch culture (b). 
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Fig. 5.  Lipid class content (left y-axis, columns) and their contribution to total lipids (right y-

axis, open red circles) of D. tertiolecta cells (a) and the reconstructed membrane vesicles (b).  

Data are expressed as mean ± SD. 
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Fig. 6. Interactome shows protein-protein interactions between identified proteins in the 

reconstructed membrane vesicle. Colored nodes represent the proteins interrogated (Table 

S1), and color saturation of edges indicates the confidence of functional association. 
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Fig. 7. Representative confocal images of reconstructed membrane vesicles stained with DiI 

(a,d,g), after addition of calcein (b), overlapping image (c), after addition of FITC-ovalbumin 

(e) and overlapping image (f), after addition of FITC-concanavalin A (h) and overlapping 

image (i). 
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