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Mécanismes subcellulaires gouvernant la régulation
spatiotemporelle d’événements morphogénétiques
simultanés

La morphogenése est le processus fondamental par lequel un organisme acquiert sa
forme, établissant les fondations structurelles et fonctionnelles nécessaires a son
développement correct. Pendant I'embryogenése, la morphogenése tissulaire découle
du controle génétique des forces locales et globales pour faconner les feuillets
épithéliaux en structures matures. Nous avons désormais une compréhension de la
régulation génétique impliquée dans le remodelage du cytosquelette pour générer ces
forces et réaliser des processus morphogénétiques simples. Cependant, ces
¢vénements ont été étudiés individuellement, alors qu’ils surviennent simultanément
durant le développement. Pour explorer comment un méme tissu subit plusieurs
changements de forme simultanés, nous utilisons 1'embryon de Drosophile comme
modele, en nous concentrant sur le repliement et I’extension simultanés du
mésoderme présomptif. Cette transformation tissulaire complexe repose sur la
réorganisation du réseau cortical d'actomyosine en deux niveaux subcellulaires. Le
premier niveau, situé¢ a l'apex des cellules mésodermiques, médie la constriction
apicale pour le repliement du mésoderme, tandis que le second niveau, situé au cortex
latéral, entraine l'intercalation cellulaire polarisée pour la convergence-extension du
tissu. Nous étudions maintenant comment les cellules mésodermiques parviennent a
controler spatio-temporellement la distribution d'actomyosine en niveaux
subcellulaires distincts pour réaliser des changements simultanés de forme et de
topologie. Des travaux antérieurs ont mis en évidence le déplacement basal des
noyaux pendant le repliement du mésoderme, un phénomeéne conservé durant
I’embryogénése de nombreuses espéces. Bien que de nombreuses recherches aient pu
¢lucider la régulation du positionnement nucléaire, 1'effet de la position du noyau sur
la morphogenése tissulaire reste inconnu. Dans cette étude, je démontre que le noyau
controle la distribution subcellulaire du réseau d'actomyosine. En raison des
contraintes géométriques imposées par la forme columnaire des cellules épithéliales
du mésoderme, le noyau agit comme une barriere, protégeant le cortex latéral du
réseau de microtubules et régulant la distribution de la molécule de signalisation
RhoGEF2. Le repositionnement basal du noyau, entrainé par la contraction du premier
niveau d'actomyosine et le flux cytoplasmique résultant, permet de libérer le cortex
latéral pour que RhoGEF2 s’y accumule, dirigeant ainsi la formation stéréotypée du
second niveau d'actomyosine. Ce travail identifie donc un nouveau réle du noyau
permettant la compartimentation spatio-temporelle du cytosquelette, générant ainsi
une structure modulaire qui alimente plusieurs processus morphogénétiques
simultanés.

Mots-clés : Embryogénése, Morphogénése concomitante, Contractilité
d’Actomyosine, Dynamiques du Cytosquelette, Positionnement nucléaire






Subcellular mechanisms governing the spatiotemporal
regulation of simultaneous morphogenetic processes

Morphogenesis is the fundamental process by which an organism acquires its shape,
establishing the structural and functional foundations for proper development. During
embryogenesis, tissue morphogenesis arises from genetic patterning that drives both
local and organismal forces to shape epithelial sheets into mature structures. We now
broadly understand the genetic regulation involved in the remodelling of cytoskeletal
elements to generate these forces and drive simple morphogenetic processes.
However, these events have typically been studied individually, despite occurring
simultaneously during development. To explore how a single tissue undergoes
multiple simultaneous shape changes, we use the Drosophila embryo as a model
system, focusing on the simultaneous folding and extension of the presumptive
mesoderm tissue. This complex tissue transformation relies on the timely
reorganization of the cortical actomyosin network in two subcellular tiers. The first
tier, at the apex of mesoderm cells, mediates apical constriction for tissue folding,
while the second tier, at the lateral cortex, drives polarized cell intercalation for tissue
convergence-extension. We now investigate how mesoderm cells segregate
actomyosin into distinct subcellular tiers to achieve simultaneous shape and topology
changes. Previous work highlighted the basal displacement of nuclei during
mesoderm folding, a feature conserved across species. While much research has
focused on nuclear positioning regulation, the effect of nuclear position on tissue
morphogenesis remains unclear. In this study, I demonstrate that the nucleus controls
the establishment of the two-tier actomyosin network. Within the geometric
constraints of mesoderm columnar epithelial cells, the nucleus acts as a barrier,
shielding the lateral cortex from the microtubule network and regulating the
distribution of the signalling molecule RhoGEF2. The relocation of the nucleus,
driven by the contraction of the first actomyosin tier and the resulting cytoplasmic
flow, unshields the lateral cortex for RhoGEF2 delivery to direct the stereotypic
formation of the second actomyosin tier. This work identifies a new role for the
nucleus as a spatiotemporal cytoskeleton compartmentalizer, establishing a modular
scaffold that powers multiple simultaneous morphogenetic processes.

Keywords: Embryogenesis, Composite morphogenesis, Actomyosin contractility,
Cytoskeletal dynamics, Nuclear positioning
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Chapter I-Introduction



1. Embryogenesis

The animal kingdom displays an outstanding diversity of shapes. These
morphological differences are established early in the life of organisms, during a
process termed embryonic development or embryogenesis (Figure 1). Embryogenesis
describes a series of successive steps that define the shape and function of living
organisms. It begins with fertilization, during which the male gamete (sperm cell)
merges with the female gamete (egg cell) to form a diploid zygote, thus restoring the
total number of chromosomes in the newly-formed organism (Hertwig, 1875).
Following fertilization, the zygote undergoes multiple cleavage steps, initially driven
by mitotic divisions of the blastomeres (the resulting daughter cells). This process
transforms the zygote into a multicellular structure known as the morula.
Subsequently, a fluid-filled cavity called the blastocoel forms within the morula,
leading to the creation of a hollow sphere called the blastula (Rossant and Tam, 2022).
The following stages include gastrulation, neurulation and organogenesis during
which the interplay between gene regulatory networks and cell mechanics dictates
division cycles, cell shape and topology changes, and cell fate specification.
Altogether, these processes help transitioning a simple cell mass into a multi-layered
organism with functioning organs. Gastrulation reshapes the blastula, forming the
primary germ layers : endoderm, ectoderm, and mesoderm. These germ layers will
give rise to specialized cell types and define the organs and tissues of the organism
(Kiecker et al., 2015). Neurulation follows gastrulation and is a two-step process
during which the ectoderm layer will develop into the central nervous system (Gasser,
1878). Finally, organogenesis occurs, where cells from the three germ layers will
diversify to generate tissues and organs. This process relies on the coordination of
several developmental mechanisms, such as pattern formation, morphogenesis, cell
proliferation, and differentiation. As a result, organs are generated, allowing the
organism to perform specialized functions.

Despite the robustness of embryogenesis, which can often correct for perturbations of
both intrinsic and extrinsic cues (Zhu and Zernicka-Goetz, 2020), developmental
disorders can still occur. For example, defects in neurulation can lead to conditions
such as spina bifida and anencephaly (Avagliano et al., 2019). In severe cases,
developmental disorders can even be fatal, as illustrated among individuals with
respiratory and heart defects or chromosomal aberrations (Lipinski and Krauss, 2023).
Research efforts are thus being made to unravel the mechanisms of embryogenesis to
prevent such defects, and to deepen our understanding of the processes that govern
the formation of life. Interestingly, despite the variety of shapes and functions
observed among metazoans, the underlying mechanisms of embryogenesis still show
a significant amount of conservation (Kalinka and Tomancak, 2012; Gerri et al.,
2020). This allows researchers to leverage animal models to decipher the mechanisms
at play, dive into comparative analyses to evaluate their possible conservation or
highlight the need for other processes, ultimately speeding up our understanding of
embryogenesis and identifying the key principles that govern organismal



development. My work uses the Drosophila embryo as a model system to tackle some
of these research interrogations.

Blastocoel

S~

Cleavage /| \ . Cleavage

Zygote Eight-cell stage Blastula Cross section
of blastula
’ Blastocoel

Endoderm
Ectoderm

Astrula Gastrulation

Blastopore

Figure 1. From zygote to gastrula

Representation of the successive steps of early embryogenesis leading to the
formation of the blastula and primary germ layers (later becoming the various tissues
and organs). Image adapted from (Campbell et al., 2000).

1.1 Drosophila as a model system

Drosophila melanogaster, most commonly known as the fruit fly, has been used for
more than a hundred years in scientific research and proved to be suitable for the
discovery of fundamental conserved processes. Its contribution was notably rewarded
by six Nobel Prizes in Physiology and Medicine, including the early discovery of the
role of chromosomes in heredity (Morgan, 1910), the description of the genetic control
of embryonic development (Niisslein-Volhard and Wieschaus, 1980), or the discovery
of the molecular mechanisms controlling circadian rhythms (Zehring et al., 1984).
Drosophila melanogaster is highly popular in developmental biology for several key
reasons, I'll outline a few now:

(a) It has a short generation time (10 days at 25°C) and high fecundity, allowing for
rapid studies and providing a large experimental sample size. Phenotypic changes are
easily observable and simplify the study of gene function (Tolwinski, 2017).

(b) It is cheap and easy to maintain in the lab. Drosophila melanogaster possesses
balancer chromosomes: they are multiply inverted and rearranged chromosomes that
prevent genetic recombination. These balancer chromosomes are of great help during
genetic crosses or to maintain stable lines carrying genetic mutations (Miller et al.,
2019).

(c) Many genetic tools have been engineered to allow precise and fast manipulations,
such as gene knockout with RNA interference, transgenic approaches, inducible gene
expression using the GAL4-UAS system, and endogenous manipulations using
CRISPR-Cas9 methods (del Valle Rodriguez et al., 2012). Several behavioural studies
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have also been developed in Drosophila melanogaster (McKellar and Wyttenbach,
2017).

(d) It has a fully-sequenced and well-annotated genome. Curated databases and
resources to share and order fly stocks are well implemented (for a comprehensive
overview: FlyBase Online Resources).

(e) Though one should be careful when extrapolating results from Drosophila
melanogaster to other species, this model does share many conserved pathways and
processes, making it even suitable to study human diseases (Verheyen, 2022).

(f)There are fewer ethical considerations to take into account when using this model,
compared to vertebrate models.

(g) Early development of Drosophila embryos is fast (~3 hours from egg-laying to
gastrulation). This fast pace allows to perform live-imaging, mechanical manipulation
and optogenetics to address the underlying mechanisms of embryogenesis and
morphogenesis (Saunders, 2021).

Drosophila melanogaster also has its limitations, including anatomical and
physiological differences with vertebrates, less complexity in certain shared
processes, the existence of Drosophila-specific mechanisms, as well as genetic
redundancy that can hinder the interpretation of functional genetic studies.
Nonetheless, the balance between its advantages and limitations still makes it an
attractive model to study developmental biology.

1.2 An introduction to Drosophila early development

A common feature of externally-developing eggs is their large size (~100 000 times
larger than the average adult somatic cell). Upon fertilization, this large egg will
undergo 13 fast-paced cycles of division, generating approximately 6000 nuclei.
Drosophila, like many insects, undergoes superficial cleavages, where cell division
occurs rapidly without the formation of distinct individual cells. As a result, these
multiple rounds of division result in a multinucleate mass of cells, termed syncytial
blastoderm (even though the correct terminology would be coenocyte). From cycle 10
to 13, nuclei undergo a drastic repositioning and migrate towards the syncytium
periphery (Figure 2A). This process was recently shown to rely on cell cycle-
dependent cortical contractions that generate a cytoplasmic flow to uniformly spread
nuclei (Royou et al., 2002; Deneke et al., 2019). Each nucleus is contained within its
own cytoskeleton territory, where the interplay between actin caps and centrosomes
drives the regular spacing of nuclei at the periphery (Raff and Glover, 1989; Blake-
Hedges and Megraw, 2019). At the end of the 13" cycle, the process of cellularization
begins. Cellularization is conserved during the development of animals, plants and
eukaryotes (Hamer et al., 1999; Hehenberger et al., 2012; Dudin et al., 2019) and
allows each nucleus within the syncytial blastoderm to be enveloped by basolateral
membranes growing inwards (Mazumdar and Mazumdar, 2002). This results in a
sheet of mononucleate columnar epithelial cells and the formation of the cellular
blastoderm (Figure 2B). Before this stage, development relies mostly on maternally
deposited mRNAs (Figure 2A), and the molecular machinery driving cellularization
is also maternally supplied. However, the timing and function of this machinery
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during cellularization are locally orchestrated by a small set of early zygotic genes,
including Bnk, Dunk, Nullo, Slam, and Sry-a that are expressed in one pulse at the
onset of cellularization and downregulated immediately afterwards (Sokac and
Wieschaus, 2008). This transition from maternal to zygotic gene expression, known
as the Mid-Blastula Transition, is conserved across species (Schulz and Harrison,
2019). Cellularization takes one hour, resulting in cells that are adherent and polarized
along their apicobasal axis. To form new cell sides, the plasma membrane at the cell
surface invaginates to create lateral membranes. These invaginations, known as
cellularization furrows, are positioned according to the landmarks of the previous
metaphase furrows from the 13" division cycle (Schmidt and Grosshans, 2018).
During the 14™ division cycle, these 'old' furrows, which encapsulated the mother cell
and now the two daughter cells, determine the coordinates of the 'new' furrow needed
to individualize daughter cells. This positioning is guided by the interface between the
microtubule networks radiating from the two daughter cells, each cell being associated
with a centrosome pair that nucleates microtubules (MTs) (He et al., 2016).

1.2.1 Cellularization

A molecular machinery involving actin crosslinkers and nucleators, polarity cues,
adhesion components and signalling molecules, then compartmentalizes cells and
promotes the growth of lateral membranes from these furrows, using the folded
surface of the cell as a membrane reservoir (Figure 2B). The cellularization is a two-
step process with a first ‘slow phase’, driven by the exocytosis of RE-derived vesicles
to support F-actin assembly and Golgi-derived vesicles to deliver membrane at the
cellularization furrows (Cao et al., 2008; Holly et al., 2015). This delivery is guided
by the polarized growth of microtubules nucleated form the apical centrosomes
towards the basal side of cells and the kinetics of furrow invagination are controlled
by fine-tuning endocytosis to regulate the surplus of membrane and proteins within
the different cell compartments (Lee and Harris, 2013). The second, or 'fast phase' of
cellularization occurs during the final 20 minutes and significantly accelerates
membrane growth. This phase uses an additional trafficking route to insert membrane
at the subapical compartment, finalizing epithelial polarity and assembling adherens
junctions (Miiller and Wieschaus, 1996; Harris and Peifer, 2004; Schmidt et al., 2018).
Throughout both phases, the bottoms of the furrows are enriched with contractile
actomyosin (organized in a ring), which is timely regulated to ensure cell closure only
after cellularization is complete, when the cell membrane reaches a depth of ~35 um
(Mavrakis et al., 2014; Xue and Sokac, 2016). At the end of cellularization, the cellular
blastoderm is composed of ~6000 adherent cells organized in a single columnar
epithelial sheet (Figure 2C-D) with foundations laid out for the following stage:
gastrulation.

If you wish to deepen your knowledge of the fascinating cellularization process and
the control of membrane-actin interactions in Drosophila melanogaster, 1 would
recommend the excellent review by (Sokac et al., 2023).
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Figure 2. Drosophila early division cycles and cellularization

A. Scheme showcasing the 13 successive cycles of division leading to the formation
of the syncytial blastoderm, the subsequent repositioning of nuclei to the periphery,
followed by the cellularization step to individualize cells (top insets) and early
gastrulation. B. Detailed scheme of the cellularization process during which
basolateral membranes are generated to isolate each of the ~6000 peripheral nuclei.
C-D. Sagittal sections of a Drosophila embryo showing the progression of the
cellularization front. Nuclei in dark blue, membranes in green. Images adapted from
(Lecuit, 2004; Farrell and O’Farrell, 2014; McCartney and Dudin, 2023).



1.2.2 Drosophila axis specification

Following cellularization, the epithelial sheet composing the cellular blastoderm will
undergo extensive shape and topology changes to give rise to the final structure of
organs and the organism. This reorganization, termed epithelial morphogenesis, is
under the strict control of gene regulatory networks directing cell behaviour (Gilmour
et al., 2017). Several morphogenetic processes will occur during Drosophila
gastrulation to segregate the three primary germ layers: mesoderm invagination,
anterior and posterior midgut invaginations, germband extension, cephalic furrow
formation (a transient fold), germband retraction and dorsal closure (Gheisari et al.,
2020). But before morphogenesis begins, one might wonder how the embryo specifies
the correct location and timing of these events within the uniform sheet of epithelial
cells. To answer this, we need to take a step back and understand how the body axes
are established to define anterior-posterior (A-P) and dorsal-ventral (D-V) polarity.
The following section will be dedicated to the understanding of axis formation in
Drosophila melanogaster, that allows subsequent gene patterning to remodel cells at
the right time and place during gastrulation.

1.2.2.1 Anterior-Posterior axis formation

The polarization of Drosophila actually begins long before gastrulation, during the
formation and maturation of the egg, a process termed oogenesis. At this stage, the
future embryo is contained within an egg chamber consisting of an oocyte and its 15
sister nurse cells, and surrounded by peripheral somatic follicle cells (Bastock and St
Johnston, 2008), forming the protective outer layer of the chamber (Figure 3A). Axis
specification starts with the A-P axis, when the oocyte nucleus migrates towards the
posterior end of the egg chamber (Godt and Tepass, 1998; Huynh and St Johnston,
2004). The subsequent localization of gurken (grk) mRNA at the posterior end of the
oocyte results in the asymmetric secretion of Gurken protein (Gonzalez-Reyes et al.,
1995), which will signal posteriorly though its interaction with the EGF receptor
Torpedo expressed in follicle cells (Roth et al., 1995). This induces these cells to
become posterior follicle cells, which will signal back to the oocyte to drive
cytoskeletal rearrangement. Notably, Torso feedback through Protein Kinase A (PKA)
will result in the polarization of microtubules (Lane and Kalderon, 1995), leading to
the asymmetric delivery of mRNAs at the anterior and posterior ends of the oocyte
through MT-associated molecular motors (Figure 3A).

One of these mRNA is bicoid (bcd), which is maternally deposited and becomes
localized at the anterior pole of the egg (Frohnhofer and Niisslein-Volhard, 1986).
After fertilization, bcd mRNA is translated, and the Bicoid (Bcd) protein diffuses from
the anterior, forming a concentration gradient (Driever and Niisslein-Volhard, 1988a,
1988b). Together with another protein, the morphogen Hunchback (Hb), Bicoid
controls gene transcription for anterior specification in Drosophila (Simpson-Brose et
al., 1994). High levels of Bcd and Hb at the anterior activate anterior-specific genes
necessary for head and thorax development. Loss of Bcd results in severe anterior
defects, while overexpression leads to ectopic anterior structures (Driever et al.,
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1990). Why is it so? There is another protein, called Caudal (Cad) whose mRNA is
expressed uniformly throughout the oocyte. Without Bed, anterior regions would
become posterior, but Bicoid represses cad mRNA in the anterior region (Rivera-
Pomar et al.,, 1996). As a result, Cad only regulates gene expression posteriorly
(Macdonald and Struhl, 1986; Rivera-Pomar et al., 1995). To specify the posterior
region, another key factor, Nanos (Nos), is localized and translated at the posterior
end (Wang and Lehmann, 1991), forming a gradient that inhibits Hunchback (Hb)
translation, restricting this anterior factor to the anterior (Figure 3B). Together, Bcd
and Hb specify anterior structures, while Cad and Nos specify posterior structures,
establishing a robust A-P pattern. Additionally, oskar (osk) mRNA, is localized to the
posterior end of the oocyte via RNA-binding proteins (such as Staufen, Figure 3B)
and the actin and microtubule cytoskeletons (Kim-Ha et al., 1991; Brendza et al.,
2000). This localization generates an Oskar protein gradient, which is key to organize
the posterior patterning by anchoring other important factors, gathering germ plasm
components to drive the formation of germ cells and allow embryonic development
(Ephrussi et al., 1991).
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Figure 3. Anterior-Posterior axis specification in Drosophila melanogaster

A. Segregation of maternal mRNAs in the oocyte during Drosophila oogenesis
through Gurken/EGFR-induced microtubule polarization. B. Early asymmetric
localization of maternal mRNA translates into an embryonic morphogen gradient to
specify the anterior-posterior axis. Images adapted from (Gilbert and Barresi, 2016).

The resulting gradient of maternal morphogens will regulate the expression of zygotic
gap genes (such as kruppel), which in turn use positional information to translate their
levels of expression into a pattern of downstream pair-rule genes (such as even-
skipped ), whose products will finally regulate the expression of segment polarity and



homeotic genes (such as engrailed or ultrabithorax). As a result, this signalling
cascade translates early gene patterning into the establishment of an anterior-posterior
axis in the embryo (Nasiadka et al., 2002).

1.2.2.2 Dorso-Ventral axis formation

As we saw previously, when the oocyte nucleus reaches the posterior end of the
oocyte, the microtubule cytoskeleton is polarized to drive the asymmetric distribution
of maternal mRNAs and initiate the anterior-posterior molecular cascade. But this
cytoskeletal reorganization also drives the movement of the oocyte nucleus from the
posterior end to an anterior-dorsal location through dynein-mediated transport (Koch
and Spitzer, 1983; Gonzalez-Reyes et al., 1995; Januschke et al., 2002) (Figure 4A).
The oocyte nucleus is then anchored in the anterior-dorsal position (Guichet et al.,
2001) to drive the synthesis of gurken mRNA between the nucleus and the
neighbouring follicle cells. Gurken protein is locally translated and its short diffusion
restricts its interaction to the Torpedo receptors present on the closest follicle cells,
leading them to acquire a dorsal fate and morphology (Schiipbach, 1987; Neuman-
Silberberg and Schiipbach, 1993). Torpedo signalling results in the local inhibition of
the pipe gene expression in dorsal follicle cells (Sen et al., 1998). Conversely, Gurken
does not diffuse to ventrally-located follicle cells, which can thus express Pipe protein
(Figure 4B). Pipe thus allows the activation and the secretion of the Nudel protein at
the cell membrane of ventral follicle cells only (Hong and Hashimoto, 1995). Nudel
then induces a signalling cascade involving the serine proteases Gastrulation
Defective (Gd), Snake (Snk) and Easter (Ea), leading to the cleavage of the Spitzle
protein, a ligand of the Toll pathway (Anderson and Niisslein-Volhard, 1984; Chasan
et al., 1992). Even though Toll receptors are maternally deposited and ubiquitously
expressed, Spétzle binding only occurs at the ventral oocyte membrane (Anderson et
al., 1985; Hashimoto et al., 1988), thus restricting Toll activity to the ventral side
(Figure 4C).

Spétzle-Toll signalling finalizes dorso-ventral axis specification by regulating the
Dorsal transcription factor, which is ubiquitously expressed and controls key ventral
fate determinants (Stathopoulos and Levine, 2004). To prevent the ubiquitous
expression of ventral fate genes, Dorsal is bound to the protein Cactus. This binding
restricts the nuclear translocation of Dorsal, thereby inhibiting its transcriptional
activity (Kidd, 1992; Gonzalez-Crespo and Levine, 1994). When Spétzle binds to Toll
receptors on the ventral side, Toll activation leads to the recruitment of the protein
Tube and the activation of the protein kinase Pelle. Pelle phosphorylates Cactus,
inducing its degradation and releasing Dorsal (Shelton and Wasserman, 1993;
Stathopoulos and Levine, 2002). Consequently, Dorsal translocates into the nucleus,
promoting ventral cell fate specification (Figure 4C). Since the serine-protease
signalling cascade creates a gradient of Spétzle protein that is highest in the most
ventral region (Hashimoto et al., 2003), there is a gradient of Dorsal translocation into
the ventral cells of the embryo, with the highest concentrations of Dorsal protein in
the most ventral cell nuclei (Reeves and Stathopoulos, 2009). This graded distribution
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of Dorsal results in the specification of different fates along the dorso-ventral axis
(Stathopoulos et al., 2002), depending on Dorsal nuclear levels (Figure 4C).
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Figure 4. Dorso-Ventral axis specification in Drosophila melanogaster

A. Oocyte nucleus migration and anchoring to an anterior-dorsal location. B. Gurken
signalling leads to the polarization of the oocyte through local inhibition of Pipe
synthesis. C. Ventral Pipe signalling leads to a serine protease cascade, ultimately
enabling Dorsal nuclear translocation and graded activity in ventral cells. D. Dorsal
graded distribution and its threshold-based transcriptional activity specifies different
gene expression and cell fates along the dorso-ventral axis. Images adapted from
(Reeves and Stathopoulos, 2009; Gilbert and Barresi, 2016).

1.2.3 Gastrulation

After fertilization, axis specification and cellularization have occurred, the cellular
blastoderm composed of an uniform columnar epithelial sheet of ~6000 cells is ready
to undergo gastrulation. During this process, morphogenetic events involving changes
in shape and topology, as well as fate determination, will organize the primary germ
layers and transform the embryo into a multi-layered organism. In the following
sections, I will describe three key morphogenetic events occurring during Drosophila
gastrulation that are relevant to the research project I led, linking the underlying gene
patterning of these different tissues to their unique behaviour: mesoderm invagination,
germband extension, and posterior midgut invagination.
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1.2.3.1 Mesoderm invagination

The Dorsal protein initiates mesodermal cell fate specification by activating the
transcription factors Twist (Twi) and Snail (Sna) in ventral cells (Chopra and Levine,
2009). These transcription factors regulate downstream signalling pathways to trigger
the first major morphogenetic event of Drosophila gastrulation: mesoderm
invagination (Figure 5A). During this process, a band of ~1000 cells undergoes
invagination, pinching off from the embryonic surface to form a transient ventral tube.
This tube then flattens as the cells undergo an epithelial-to-mesenchymal transition
(EMT, Figure 5B), migrating beneath the ventral ectoderm (Leptin and Grunewald,
1990). Ultimately, these mesodermal cells will differentiate into muscles, the
circulatory system, and other internal tissues during later developmental stages
(Frasch and Nguyen, 1999). Mesoderm invagination relies on multiple cell
rearrangements: apical constriction, elongation, shortening, and basal expansion of
cells, most of which are mediated by actomyosin contractions. Twist and Snail thus
essentially regulate the expression of key components modulating actomyosin
contractions to drive cell shape and topology changes (Seher et al., 2007).

Twist is a transcriptional activator that promotes the activation of a G-protein-coupled
receptor (GPCR) pathway by inducing the expression of the signalling ligand Fog
(Parks and Wieschaus, 1991; Costa et al., 1994; Kerridge et al., 2016). Twist also
induces the expression of T48, a transmembrane protein that works in parallel with
GPCR signalling to promote mesoderm invagination (Kolsch et al., 2007).
Additionally, Twist enhances Snail expression, expands its domain, and sustains high
Snail levels in the presumptive mesoderm (Stathopoulos et al., 2002). Snail promotes
the expression of the GPCR Mist, to which Fog binds to drive cell constriction and
tissue invagination (Manning et al., 2013). Twist and Snail coordinate the expression
of multiple genes to regulate the cytoskeletal dynamics necessary for mesoderm
invagination, with Twist promoting sustained cell apical contractility and Snail fine-
tuning gene expression to promote effective cell shape changes and tissue movements
(Martin et al., 2009, 2010).

Not only does the spatial distribution of Snail and Twist specify the location of cells
that will invaginate, but the timing of their expression in different cells of this band
also influences the directionality of folding. Transcriptional pre-patterning of these
genes in the most ventral cells compared to ventro-lateral cells leads to a graded
distribution of the downstream effectors, imparting directionality to the folding of the
presumptive mesoderm along the dorso-ventral axis (Lim et al., 2017).
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Figure 5. Mesoderm invagination: from morphogens to morphogenesis

A. Cross-section fluorescence images of the embryo showcasing the invagination of
the Snail-expressing mesoderm cells at the ventral side. B. Schematic representation
of mesoderm invagination, ventral tube formation and subsequent EMT and migration
of mesoderm cells. C. Schematic representation of the Snail and Twist-dependent
signalling pathways controlling actomyosin-mediated cell rearrangements during
mesoderm invagination. Images adapted from (Manning and Rogers, 2014; Martin,
2020, the He lab).

1.2.3.2 Posterior Midgut Invagination

After the onset of mesoderm invagination, a group of blastoderm cells at the posterior
end of the embryo undergo shape changes to generate the posterior midgut (PMGQG)
invagination. These cells move dorsally and anteriorly, forming a pocket that engulfs
the primordial germ cells, ensuring the proper positioning of the future gonads and
creating the posterior part of the future digestive tract (Figure 6B). The PMG
invagination is controlled by the terminal system of AP pattern formation, a signalling
pathway responsible for the specification of the anterior and posterior ends. This
system is activated by the localized expression of the receptor tyrosine kinase Torso,
which is distributed at the anterior and posterior poles of the embryo (Degelmann et
al., 1986; Klingler et al., 1988). Upon activation, Torso triggers a signalling cascade
that leads to the expression of terminal gap genes such as huckebein and tailless
(Figure 6A). In the posterior endoderm, Fog expression is induced by the transcription
factors Huckebein and Tailless, leading to coordinated constriction of endodermal
cells (Weigel et al., 1990; Costa et al., 1994). It is interesting to note that the Fog
pathway is used iteratively across several morphogenetic processes in Drosophila,
during mesoderm and PMG invagination at embryonic stages, during salivary gland
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internalization at mid-embryogenesis, and during imaginal disc folding at larval stages
(Nikolaidou and Barrett, 2004). While Fog is not essential for mesoderm invagination,
as fog mutant embryos can still fold the presumptive mesoderm, posterior midgut
invagination is abolished in fog mutants (Costa et al., 1994; Dawes-Hoang et al.,
2007). This difference may be due to the existence of redundant mechanisms in the
mesoderm, such as the T48 pathway, that compensate for the absence of Fog.
Additionally, posterior midgut might rely more than the mesoderm tissue on an
intercellular signalling relay involving mechanical coupling between cells (Pouille et
al., 2009; Mitrossilis et al., 2017; Bailles et al., 2019). The PMG is also attached to
the vitelline membrane via integrin-mediated adhesion, relying on the localized
expression of the aPS3 integrin scab in the posterior-dorsal region. Interestingly, this
attachment is conserved in insect gastrulation and is key for proper embryonic
development, as its disruption leads to abnormal gastrulation movements (Bailles et
al., 2019; Miinster et al., 2019). Finally, recent work has shown that the polarized
tissue flow observed during posterior midgut invagination is driven by the interplay
between tissue curvature and differential actomyosin contractility at the apical and
basal sides of the cells (Gehrels et al., 2023).
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Figure 6. Terminal gene patterning drives posterior midgut invagination through

Fog signalling

A. Early terminal patterning and activation of Torso-like leads to the polarized
expression of Huckebein and Tailless at the embryo poles. B. Schematic
representation of Fog signalling driving germ cell internalization and posterior
midgut formation. Images adapted from (Gilbert and Barresi, 2016; Martin, 2020).
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1.2.3.3 Germband extension

Germ-band extension (GBE) is another key morphogenetic process taking place
during Drosophila gastrulation, which translates transcriptional patterning into tissue
elongation. During this event, the germ band, spanning ventral and lateral ectodermal
cells, extends along the A-P axis, doubling its length while narrowing along the D-V
axis (Turner and Mahowald, 1977; Hartenstein and Campos-Ortega, 1985)(Figure
7A). GBE begins shortly after mesoderm invagination is initiated and is driven by
oriented cell intercalations, where cells exchange their neighbours in a polarized
fashion along one axis to drive the extension of the tissue in the orthogonal direction
(Irvine and Wieschaus, 1994). Cell intercalations occur through two main
rearrangements: T1 transitions and rosette formations (Figure 7B, the different types
of cell rearrangements will be detailed in later sections). T1 transitions involve cell
neighbour-exchange via actomyosin-mediated junctional shrinkage and expansion
(Bertet et al., 2004). Since the actomyosin network is planar polarized in the
germband, the junctional remodelling between cells is predominantly oriented along
the D-V axis and cell neighbour-exchanges result in the formation of new junctions
along the A-P axis throughout the tissue (Figure 7B). The cumulative resolution of
these polarized T1 transitions then translates into the global elongation of the
germband along the A-P axis. Similarly, rosettes form through the collapse of multiple
junctions into a single point (via D-V oriented actomyosin cables), then resolving
along the A-P axis (Blankenship et al., 2006).

This fascinating morphogenetic event was shown to be controlled by the A-P
patterning system, as mutations in the A-P patterning genes result in reduced or absent
GBE (Niisslein-Volhard and Wieschaus, 1980; Lehmann and Niisslein-Volhard, 1986;
Irvine and Wieschaus, 1994; Zallen and Wieschaus, 2004). Interestingly, mutant
embryos for the D-V patterning still manage to undergo GBE (Zallen and Wieschaus,
2004). Lot of efforts have thus been made to uncover how downstream signalling from
the A-P patterning system can regulate oriented cell intercalations and tissue
elongation. It was first shown that the pair-rule genes eve and runt control the
segmental expression of three Toll family receptors (Toll-2, Toll-6, and Toll-8), which
drive the planar polarized distribution of adhesion components (Par3/Bazooka) and
actomyosin to extend the germband through polarized cell intercalations (Par¢ et al.,
2014). Later work then revealed that other factors (Tartan, Teneurin-m, and the GPCR
Cirl) synergize with the '"Toll code' to specify the correct location of these molecular
effectors and impart planar polarity to the tissue, as well as specify compartment
boundaries that act as barriers to avoid cell mixing throughout embryonic and larval
development (Paré et al., 2019; Lavalou et al., 2021)(Figure 7C-D).

Finally, besides the patterned intrinsic molecular effectors that control cell
intercalations, recent studies have highlighted the role of extrinsic factors in the
elongation of the ectoderm. Notably, it was shown that the posterior midgut
invagination can generate large-scale mechanical deformations and tension that
contribute to the extension of the germband (Collinet et al., 2015; Lye et al., 2015; Yu
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and Fernandez-Gonzalez, 2016). If you want to deepen your understanding of the
conserved processes controlling convergence-extension, please consult the excellent
book chapter by (Paré and Zallen, 2020).
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Figure 7. Germband Extension : A-P signalling patterns drive the convergence-
extension of the ectoderm

A. The germband drives body axis elongation by doubling its length along the A-P
axis. B. T1 transitions and rosette drive polarized cell intercalations to extend the
tissue. C-D. Stripped expression of Toll receptors and Tartan/Teneurin-m drives a
positional code to specify planar polarity in the germband. Images adapted from (Paré
and Zallen, 2020).
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2. Shape and topology changes of epithelia during
gastrulation

In the previous section, we discussed the key features of early Drosophila
melanogaster development, from fertilization and axis specification to the first
morphogenetic processes of gastrulation, highlighting how the precise gene patterning
of early organisms can spatiotemporally control tissue remodelling. One might
wonder how embryos achieve to robustly establish morphogen gradients and self-
organize their transcriptional patterning with such precision. Several research projects
using both Drosophila embryos and mammalian gastruloids have made significant
progresses in that regard, establishing mathematical frameworks and genetic studies
to show how enhancer-promoter communication and multi-scale feedbacks can fine-
tune gene patterning to the single cell resolution. Yet, the mechanisms that allow
organisms to suppress noise to robustly develop remain to be discovered (Jaeger et
al., 2004; Gregor et al., 2007; Furlong and Levine, 2018; Zoller et al., 2018; Merle et
al., 2024).

Since most of the morphogenetic mechanisms are conserved across species, it appears
that Drosophila gastrulation can be used as a paradigm for epithelial tissue
morphogenesis. In the next section, I will now dive into the cellular processes that
govern epithelial tissue remodelling. The first part will focus on the conserved nature
of epithelial sheets to understand how their structure and specificity prime epithelial
cells for shape and topology changes during early development. The second part will
describe the cellular behaviours underlying epithelial morphogenesis. To date, many
complex shape changes have been observed across species, yet most can be described
as a combination of simple transformations. In our lab, we propose that no more than
seven categories of events can recapitulate the variety of shapes seen in the animal
kingdom: growth, shrinkage, bending (or folding), thinning, thickening, convergence-
extension and twisting (John and Rauzi, 2021). For clarity, I will only discuss the
cellular behaviours that are relevant to my research project.

2.1 Epithelial sheets: the ideal substrate for tissue
morphogenesis

Due to their structural and functional characteristics, epithelial sheets are considered
ideal substrates for tissue morphogenesis. Firstly, epithelial cells exhibit a high degree
of apical-basal polarity and form cohesive sheets through cell-cell junctions, such as
adherens junctions and tight junctions (Figure 8A), which provide mechanical
stability during morphogenetic movements (Gumbiner, 1996; Lecuit, 2005). This
polarity and connectivity allows coordinated cell behaviours to take place, while
maintaining structural integrity (Zallen and Blankenship, 2008). Secondly, epithelial
sheets can act as blank canvas on which mechanical forces and transcriptional
signalling rearrange cell-cell junctions and cytoskeletal elements to shape the future
organism (Lye and Sanson, 2011; Hannezo et al., 2014; Fouchard et al., 2020).
Additionally, planar cell polarity pathways in epithelial sheets can instruct the uniform
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orientation of cells within the plane of the tissue, which allows the directional tissue
movements observed during several developmental processes (Singh and Mlodzik,
2012). Finally, epithelial tissues can interact with underlying mesenchymal layers
through basement membranes, and integrate non cell-autonomous chemical and
mechanical signals to guide morphogenetic processes (Wang et al., 2021). These
properties make epithelial sheets versatile and robust substrates to generate the diverse
tissue shapes observed in multicellular organisms. Even though epithelia can have
different architectures, such as columnar, cuboidal, and squamous epithelia, as well
as simple and stratified forms (Muse et al., 2024), I will mostly discuss the properties
of simple columnar epithelial sheets which undergo the major remodelling events
observed during early development.

2.1.1 Adhesion and apico-basal polarity in epithelial sheets
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Figure 8. Adhesion proteins and cell domains in columnar epithelial tissues

A. Comparative scheme of the architecture of simple columnar epithelial cells in
Drosophila and vertebrates. B. Conservation and distribution of proteins in the
different junctional compartments of columnar epithelial cells in Drosophila and
vertebrates. Images adapted from (Knust, 2002; Gibson and Perrimon, 2003).
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Given the bidirectional relationship between apico-basal polarity and adhesion, I will
present how both are co-organized in columnar cells to regulate epithelial functions.
Additionally, I will highlight the conservation of their structure and function between
Drosophila and vertebrates.

In columnar epithelia, cells are more tall than wide, and segregate cellular components
into apical and basolateral domains with distinct junctional components to establish
an apico-basal polarity (Figure 8A). Cell adhesion in columnar epithelia is mediated
primarily through adherens junctions and tight junctions (Knust, 2002). Adherens
junctions, located below the apical surface, are composed of cadherin proteins, such
as E-cadherin in vertebrates and DE-cadherin in Drosophila, which engage in
homophilic interactions with cadherins on the neighbouring cells, or are linked
intracellularly to the actin cytoskeleton via catenin proteins to control cellular tension
and tissue stability (Harris and Tepass, 2010; Harris, 2012). Basal adherens junctions
have also been reported in Drosophila, transiently during cellularization and more
stable in the wing imaginal discs (Hunter and Wieschaus, 2000; Lecuit and Wieschaus,
2000; Kroeger et al., 2024). In imaginal discs, they were described as basal spot
junctions, highly sensitive to fluctuations in cytoskeletal tension and coupled to the
mechano-sensing Hippo pathway to translate morphogenetic forces into organ size
regulation (Kroeger et al., 2024). Tight junctions are another type of junction which
create a selective barrier to regulate paracellular transport and maintain cellular
polarity in epithelia (Figure 8A). In vertebrates, tight junctions are composed of
claudins, occludins, and junctional adhesion molecules (JAMs), which interact with
scaffolding proteins like ZO-1, ZO-2, and ZO-3 (Zihni et al., 2016)(Figure 8B). In
Drosophila, similar functions are performed by septate junctions (SJ), which share
molecular components with vertebrate tight junctions (Hall and Ward, 2016). During
Drosophila early and mid-embryogenesis (stages 4 to 13) adherens junctions prevail,
and septate junctions will only be observed long after the onset of gastrulation, during
stages 14 to 17 (Tepass and Hartenstein, 1994), in ectodermally-derived epithelia
which require SJ to establish a strong paracellular barrier (e.g, in the blood-brain
barrier to protect the nervous system from pathogens (Baumgartner et al., 1996)).

The apico-basal organization of epithelial cells is controlled by a network of polarity
proteins highly conserved between Drosophila and vertebrates, including the Crumbs
complex (Crumbs, Stardust, and PATJ), the Par complex (Par-3, Par-6, and aPKC),
and the Scribble complex (Scribble, Discs large, and Lethal giant larvae). These
complexes are mutually antagonistic to specify the position of apical and basolateral
domains of epithelial cells (Figure 9). The Crumbs complex, consisting of Crumbs
and PALS]1 (Stardust in Drosophila), interacts with additional proteins like PATJ and
LIN7 to localize to the apical membrane. This complex not only defines the apical
identity but also anchors other apical polarity factors (Wodarz et al., 1995). The PAR
proteins, including PAR-3 (Bazooka in Drosophila), PAR-6, and aPKC, function in a
complex to regulate both apical and junctional complexes. PAR-3 (Bazooka) is also
key for the organization and positioning of adherens junctions in Drosophila and
vertebrates (Harris and Peifer, 2004; Thompson, 2022). PAR-6 interacts with aPKC
to promote aPKC activation and anchoring at the apical membrane. Scribble complex
proteins (Scribble, DIlg, Lgl) in both species establish basolateral identity by
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counteracting apical polarity factors and regulate lateral domain architecture through
interactions with septate junction and tight junction proteins in Drosophila and
vertebrates, respectively (Figure 9) (Bilder et al., 2003; Hurd et al., 2003; Tanentzapf
and Tepass, 2003; Yamanaka et al., 2003).
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Figure 9. Activity of polarity protein complexes in epithelial polarization in
Drosophila melanogaster and vertebrates

Image adapted from (Elsum et al., 2012).

The functional conservation of these polarity proteins is striking. For example, in both
Drosophila and vertebrates, mutations in crumbs or par genes result in loss of
epithelial polarity and adhesion (Tepass, 1996; Hurd et al., 2003; Plant et al., 2003)
Additionally, substituting the intracellular domain of Drosophila Crb by the
intracellular domain of the CeCrb2 ortholog from C.elegans did not affect the
organization of embryonic epithelial tissues in Drosophila, highlighting the
evolutionary conserved role of such complexes in epithelial sheets (Shi et al., 2017).
Adhesion between epithelial cells, together with the apico-basal organization of
epithelia, ensures the proper integrity of the tissue, favours intercellular and
paracellular signalling and primes epithelia to sense and transmit forces, making them
ideal substrates for morphogenesis (Lecuit and Yap, 2015; Pinheiro and Bellaiche,
2018; Buckley and St Johnston, 2022).

The establishment and maintenance of apico-basal polarity in epithelia is obviously
much more complex than what I depicted in this section, I would thus recommend the
great review by (Buckley and St Johnston, 2022) for a more complete overview of the
subject.
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2.1.2 Planar cell polarity in epithelial sheets

The concept of planar cell polarity is fairly old, as the first observations of PCP are
thought to date from the 17" century, when Robert Hooke discussed the peculiar
orientation of hair bristles in insects (Hooke et al., 1667), which later served as a
template for the identification of PCP genes (Gubb and Garcia-Bellido, 1982) that I
will discuss in this section.

The core PCP pathway uses a conserved set of PCP components to establish the
coordinated cell orientation in epithelia. In Drosophila, PCP signalling begins with
the asymmetric localization of Frizzled (Fz) and Dishevelled (Dsh), that transmit
polarity cues across the cell membrane (Figure 10A). Fz is a seven-pass
transmembrane receptor that activate Dsh. Dsh then recruits other core PCP proteins
such as Van Gogh (Vang), Prickle (Pk), Diego (Dgo), and Flamingo (Fmi) to the
plasma membrane (Figure 10B). Vang interacts with Fz and localizes asymmetrically
to opposite sides of cells to maintain the planar polarity (Adler, 2012; Singh and
Mlodzik, 2012; Devenport, 2014). Dgo supports the stabilization of the asymmetric
complexes by enhancing the interactions between Fz and Dsh, while Fmi is a
cadherin-like protein that homodimerizes between adjacent cells to strengthen the
planar polarity via cell-cell adhesion (Butler and Wallingford, 2017). In vertebrates,
homologs of these core PCP proteins (with additional components such as Vangl1/2)
play similar roles in tissues such as the inner ear, where the core PCP pathway ensures
the correct orientation of sensory hair cells to allow the development of auditory
function, or the proper neural tube closure (Kibar et al., 2001; Murdoch et al., 2001;
Seifert and Mlodzik, 2007; Rida and Chen, 2009).

The Fat-Dachsous (Ft-Ds) pathway is a non-core PCP mechanism that complements
the core PCP pathway (Figure 10C). Ft and Ds are atypical cadherins that interact
hetero-typically across adjacent cells. This interaction leads to the asymmetric
distribution of Ft and Ds at the cell membrane, a recurring and necessary step among
the PCP pathways to polarize the tissue (Matis and Axelrod, 2013; Sharma and
McNeill, 2013). In Drosophila, Ft-Ds signalling can synergize with the core PCP
proteins by modulating the localization and activity of Dsh and Vang to strengthen the
planar polarity across the tissue, as illustrated during the establishment of tissue-wide
cell orientation in the wing, eye and abdomen (Bryant et al., 1988; Yang et al., 2002;
Mangione and Martin-Blanco, 2018). This pathway is conserved in vertebrates, where
Fat4 and Dchs1/2 have been shown to be essential during tissue morphogenesis
(Fulford and McNeill, 2020), and mutations in Fat4 can disrupt kidney tubule
morphogenesis in mice (Saburi et al., 2008).

One might wonder how the asymmetric distribution of PCP components is achieved?
In PCP pathways, interactions between the different components have been described
as a ‘feedback amplification of asymmetry’, as asymmetry relies on the antagonist
effects of proximal and distal systems to self-organize planar polarity (Tree et al.,
2002; Peng and Axelrod, 2012). As a result, disruption of any single core PCP protein
is sufficient to disrupt the global asymmetric patterning (Bastock et al., 2003; Strutt
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and Strutt, 2007).This amplification actually requires an initial bias, which is thought
to rely on the polarized distribution of PCP components by the microtubule (MT)
cytoskeleton. Microtubule-based trafficking is used to introduce biases that break
symmetry and arrays of planar polarized microtubules have been reported in several
PCP-patterned tissues (Hannus et al., 2002; Mathewson et al., 2019). Indeed, these
polarized microtubule arrays can bias the transport of vesicles consisting of Dsh,Fz
and Fmi towards one side of the cell, to initiate the PCP patterning process (Shimada
et al., 2006, Matis et al., 2014). This initial bias can be subtle and with amplification
result in the emergence of global asymmetry (Aw et al., 2016). Interestingly, the PCP
system might also feedback on cytoskeletal polarization, as it has been shown that
intact PCP patterns are necessary for the polarization of microtubule arrays (Olofsson
et al., 2014). Finally, one might go one step further and ask how the polarized
distribution of microtubules is first established? To answer that, recent work has
shown that tissue strain anisotropy can establish the polarity bias of cytoskeletal MTs
that will then instruct the PCP (Chien et al., 2015; Singh et al., 2018). Interestingly,
MTs appear to be necessary for the establishment but not the maintenance of PCP
(Sepich et al., 2011; Shi et al., 2016).
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Figure 10. Planar cell polarity pathways drive tissue-wide cell orientation
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A. An initial uniform distribution of core PCP proteins progressively becomes
asymmetric. Fz, Dsh, and Dgo (red) localize to the distal edge, while Vang and Pk
(light blue) localize to the proximal side. Fmi (dark blue) localizes to both sides. B.
Feedback interactions between core PCP components, where Fz—Fmi complex
interacts preferentially with a Vang—Fmi complex between cells, and proximal and
distal complexes antagonize each other. C. Asymmetric localization of Ft and Ds,
which form heterodimers between adjacent cells, and associate with Dachs. Images
adapted from (Devenport, 2014).

The interplay between different PCP pathways adds another layer of complexity to
the regulation of epithelial polarity: in addition to the core PCP and Ft-Ds pathways,
the Hippo pathway and the canonical Wnt/B-catenin pathway can interact with PCP
signalling to coordinate cellular behaviours. For instance, the Hippo pathway
regulates tissue growth and cell proliferation by modulating the activity of YAP/TAZ
transcription factors, and its activity has been shown to be influenced by the
expression of PCP proteins (Bennett and Harvey, 2006; Willecke et al., 2006; Zecca
and Struhl, 2010). Conversely, Wnt/B-catenin signalling can synergize with PCP
signalling in vertebrates to ensure the proper directionality of convergent extension
movements (Heisenberg et al., 2000; Gao et al., 2011).

Epithelial planar cell polarity can also be controlled by alternate mechanisms, as
previously discussed during Drosophila GBE, where signalling downstream of AP
patterning can regulate the PCP distribution of actomyosin and adhesion molecules to
orient cell intercalations and drive directional elongation of the ectoderm tissue (Paré
etal., 2014).

2.1.3 Epithelia-Matrix interactions

Another key feature of epithelial sheets is their ability to interact with the underlying
extracellular matrix (ECM), mainly through integrin receptors formed by
heterodimers of a and B subunits (Ro, 1992). The extracellular domain of integrins
binds to ECM proteins, such as laminin and fibronectin, while the intracellular domain
associates with cytoskeletal elements, regulating cell adhesion and signal transmission
between the ECM and epithelial cells (Katz and Yamada, 1997). This signalling is key
during tissue morphogenesis, as it was shown that ECM can guide cell migration and
intercalation during Xenopus gastrulation (Marsden and DeSimone, 2001) or during
Drosophila wing disc morphogenesis (Harmansa et al., 2023). Additionally, loss of
integrins was shown to impair Drosophila wing formation (Brown et al., 2000;
Dominguez-Giménez et al., 2007) and cell-ECM interactions were reported to be
necessary for kidney development in vertebrates (Kreidberg and Symons, 2000).

2.2 Cell shape and topology changes driving gastrulation
movements

Epithelial sheets are thus optimal substrates for morphogenetic processes to take place
and shape the organism. In this section, I will now detail the shape and topology
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changes occurring in columnar epithelial cells to direct two fundamental
morphogenetic processes: tissue bending and tissue elongation.

2.2.1 Cell behaviours driving tissue bending

One of the key feature of the epithelial remodelling observed during development is
the ability of epithelial sheets to bend into folds, ridges, pits, and tubes. Tissue bending
is used iteratively throughout embryogenesis and organogenesis, as illustrated during
mesoderm invagination in Drosophila embryos (Leptin and Grunewald, 1990;
Sweeton et al., 1991), neural tube closure in vertebrates (Haigo et al., 2003), or the
formation of the branched architecture of the lung (Kim et al., 2013). Bending can
occur via several coordinated cell behaviours that I will describe in this section (Odell
et al., 1981; Pearl et al., 2017).

2.2.1.1 Apical constriction

Apical constriction is a shape change that involves the contraction of the apical surface
of epithelial cells, leading to a reduction in the cell apical area and the inward bending
of the epithelial sheet (Figure 11A). Early physical models demonstrated that
differential tension between the apical and basal surfaces, while maintaining cell
volume and height, leads to epithelial bending (Lewis, 1947). It was later identified
that a contractile network of actomyosin (driven by the association of actin with type
II Myosin motors) is recruited at the apical surface of cells to induce apical

constriction (Baker and Schroeder, 1967)(Figure 11B).
B

Apical cortex

Figure 11. Actomyosin-dependent apical constrictions drive tissue bending

A. Differential apical and basal tension induce bending of the epithelial sheet. B.
Pulsed apical actomyosin shrinks the apical surface and transmits forces through
adherens junctions. Images adapted from (Martin and Goldstein, 2014; Pearl et al.,
2017).
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Several studies during Drosophila mesoderm invagination or vertebrate neural tube
closure showed that the localization and activity of this contractile network of
actomyosin is under the control of precise gene patterning and downstream signalling
involving the Rho pathway and the Shroom family proteins (Haigo et al., 2003; Martin
and Goldstein, 2014; Gilmour et al., 2017).

Interestingly, it was shown during Drosophila mesoderm invagination that apical cell
surface shrinkage occurs through transient pulses of ratchet-like constriction, with
individual cells contracting asynchronously and stabilizing in a contracted state
between pulses (Figure 11B) (Martin et al., 2009). This pulsatile behaviour of cells
and underlying actomyosin flows appear to be conserved across morphogenetic events
and species (Munro et al., 2004; Blanchard et al., 2010; Azevedo et al., 2011; Michaux
et al., 2018). Finally, it was demonstrated that to translate contractility into cell shape
changes, the tension generated by actomyosin contractions must be transmitted
through adherens junctions (Roh-Johnson et al., 2012), thus coordinating the
contractile behaviour of neighbouring cells and generating the bending of the entire
epithelial sheet (Figure 11).

2.2.1.2 Basal relaxation

Theoretical frameworks established that cell volume can only be conserved during
apical constriction in folding tissues if it is accompanied by either basal expansion,
height increase, or both (Polyakov et al., 2014). Height increase has been observed
prior to tracheal and salivary gland placode invagination in Drosophila embryos
(Kerman et al., 2006), and basal relaxation has been reported during the chick otic
placode invagination and shown to be necessary for Drosophila ventral mesoderm
invagination (Sai and Ladher, 2015; Krueger et al., 2018). Basal relaxation mostly
results from the disassembly of actomyosin networks at the basal side of epithelial
cells (Figure 12A). The molecular mechanism that spatiotemporally controls such
disassembly remains unknown, but it has been postulated that competition between
actomyosin networks could be the reason for this local regulation, as appearance of
actomyosin in one part of the cell was shown to induce the depletion of other
actomyosin pools during cell migration (Lomakin et al., 2015). Interestingly, basal
relaxation can also result from the localized reduction of underlying ECM density, as
shown during Drosophila wing imaginal disc hinge fold formation (Sui et al., 2018).

2.2.1.3 Cable-driven buckling

The folding of epithelial sheets can also result from supracellular structures that
coordinate contractions (Roper, 2013), as illustrated during the chicken neural tube
closure, where supracellular myosin cables promote cell intercalation and
neuroepithelium bending (Nishimura and Takeichi, 2008; Nishimura et al., 2012).
Similarly, circumferential actomyosin cables have been reported to drive salivary
gland tubulogenesis in Drosophila (Figure 12B) (Roper, 2012; Chung et al., 2017).
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2.2.1.4 Cell shortening

Another mechanism that complements apical constriction to drive the invagination of
epithelial sheets is cell shortening (Figure 12C). Cell shortening has been observed in
several developmental processes, such as Drosophila leg epithelium joint formation,
cephalic furrow formation and mesoderm invagination. During these morphogenetic
processes, cell shortening results from the establishment of lateral tension, driven by
the recruitment of actomyosin along the apico-basal axis (Monier et al., 2015; Gracia
etal.,2019; John and Rauzi, 2021a; Popkova et al., 2024). These observations actually
confirm physical models of epithelial folding that postulated that lateral tension was
required for epithelial folding, as apical constriction per se can only recapitulate the
initial furrowing of the tissue but not its internalization (Conte et al., 2012; Fierling et
al., 2022). This process appears to be conserved as the sequential recruitment of apical
and basolateral actomyosin was reported during ascidian gastrulation, and the
resulting apicobasal cell shortening promoted endoderm invagination (Sherrard et al.,
2010). Finally, actomyosin-independent shortening of cells was demonstrated during
Drosophila dorsal formation, where the basal shifting of adherens junctions was
shown to induce a mismatch with the apical adherens junctions of neighbouring cells,
thus initiating tissue buckling (Wang et al., 2012).

apical

lateral

basal

B Adherens junctions mmmp <4mmm Tension

Figure 12. Cellular behaviours promoting epithelial folding

A. Localized actomyosin disassembly leads to basal relaxation and wedge-shaped
cells to promote tissue bending. B. Supracellular actomyosin cables drive tissue
buckling. C. Actomyosin-driven lateral tension promotes cell shortening for epithelial
folding. Images adapted from (Pearl et al., 2017; Popkova et al., 2024).
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2.2.1.5 Programmed cell death

Finally, another cell behaviour that can participate to tissue morphogenesis is cell
apoptosis (Toyama et al., 2008; Suzanne and Steller, 2013; Villars et al., 2022). For
example, during Drosophila organogenesis, gene patterning will induce apoptosis in
a subset of cells of the leg epithelium. As a result, cells will extrude and establish an
apico-basal Myoll cable that pulls on neighbouring cell surfaces to fold the tissue and
promote joint formation. This process appears to be conserved as the same study
showed that ectopic induction of apoptosis in the Drosophila wing imaginal disc also
results in actomyosin-driven tissue folding (Monier et al., 2015).

2.2.2 Cell behaviours driving tissue elongation

Tissue elongation is a fundamental process that extends the body axis during
gastrulation, helps body structures reach the correct shape and size during
organogenesis, and restores tissue integrity during wound healing throughout the life
of an organism. This section will discuss the cellular behaviours that direct tissue
elongation.

2.2.2.1 Cell intercalation

Cell intercalation is a conserved topological change that relies on the remodelling of
cell-cell contacts to drive neighbour exchange and subsequent tissue shape changes.
This process is key during both tissue morphogenesis and homeostasis: during
embryonic development, particularly gastrulation, polarized and irreversible cell
intercalations drive tissue elongation, while in mature epithelia, intercalation can help
release stress from intrinsic and extrinsic forces to maintain tissue structural integrity
through non-polarized, reversible rearrangements (Walck-Shannon and Hardin, 2014;
Curran et al., 2017; Mongera et al., 2018). Intercalation can be medio-lateral, as
illustrated in simple epithelia, or radial as in multi-stratified epithelia, to promote
convergence-extension, tissue folding, or rotational movements (Rauzi, 2020). In this
section, I will discuss the two main processes driving cell intercalation: T1 transition
and rosette formation. T1 transitions involve the remodelling of four neighbouring
units, and were first described in foam physics as a way for bubbles to minimize
surface area, and balance internal pressures and surface tension (Weaire and Hutzler,
2000). Rosette formation, on the other hand, leads to the intercalation of units that
exceed four cells (Blankenship et al., 2006; Zallen and Blankenship, 2008).

Cell intercalation starts with junction shrinkage, leading to cell-cell contact loss. Work
in Drosophila embryos has shown that tension anisotropy, driven by the polarized
distribution of actomyosin (as discussed in earlier sections), initiates junction
shrinkage (Bertet et al., 2004; Fernandez-Gonzalez et al., 2009). Additionally, a pool
of actomyosin is recruited at the medial-apical cortex of cells, and contracts
periodically, or in pulses, to flow from the medial to the junctional regions and induce
stepwise shrinkage (Figure 13A) (Rauzi et al., 2010). The pulsatile and anisotropic
behaviour of the flow was postulated to depend on the levels of E-cad at the junctions,
as actomyosin would preferentially flow to low E-cad junctions in D-V junctions
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(Figure 13B). The flow alternates between each D-V junction, depending on the
fluctuation of E-cadherin necessary for actomyosin anchorage. E-cad fluctuations at
junctions relies on clathrin-mediated endocytosis and is amplified by the actomyosin
flow, thus explaining the stepwise shrinkage (Levayer and Lecuit, 2013). Another
proposed mechanism to describe the junctional shrinkage step is vertex sliding, where
vertices (where three or more cells meet) change position in a stepwise fashion,
influenced by fluctuating E-cadherin levels (Vanderleest et al., 2018). Low E-cadherin
mobile vertices initiate junction shortening, while high E-cadherin vertices stabilize
the junction. Additionally, E-cadherin fluctuations synergize with actomyosin-
dependent coordinated contraction/expansion of the cell quartet, generating an
asymmetric force that promotes vertex sliding along the junction. (Figure 13C).
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Figure 13. Mechanisms driving junction shrinkage during cell intercalation

A. Anisotropic pulses of actomyosin drive junction remodelling via increased tension.
B. The anisotropic flow of actomyosin is mediated by junctional E-cad levels to drive
stepwise shrinkage. C. Vertex sliding model through coordinated contraction and cell
area modulation. Images adapted from (Vanderleest et al., 2018; Rauzi, 2020).



After the initial shrinkage step, the four cells share a single junction (theoretically),
known as the ‘four-way junction’. Intercalation then proceeds with the establishment
of a new cell-cell contact to complete the neighbour exchange. This step relies on the
combination of local active processes and extrinsic forces. It was shown during
Drosophila germband extension, that after the shrinkage of a D-V junction, medial
actomyosin contractions in anterior and posterior cells of the intercalating quartet pull
on the new junction to lengthen it, as pulses of actomyosin correlated with stepwise
lengthening phases (Yu and Fernandez-Gonzalez, 2016). Pharmacological and
physical perturbation of the actomyosin network impaired junction lengthening, and
an elegant experiment involving laser-induced cavitation bubbles to generate tension
resulted in the ectopic lengthening of junctions (Figure 14A). Once the junction starts
growing, E-cadherin gradually increases during stalling phases to stabilize the
connection between the new neighbouring cells (Collinet et al., 2015). Conversely, it
was reported in the Drosophila wing epithelium that actomyosin is recruited at newly
forming junctions and progressively decreases as the junction grows, and maintaining
high levels of Myoll disrupts junction lengthening (Bardet et al., 2013). While
junctional E-cadherin polarization directs actomyosin flows during the initial
shrinkage phase, the mechanisms that orient actomyosin flows during the lengthening
phase remain elusive. A possible mechanism involves the protein Sidekick, which is
enriched at tricellular junctions and was shown to be necessary for actomyosin
recruitment and E-cad enrichment during junction lengthening (Letizia et al., 2019;
Uechi and Kuranaga, 2019). Finally, tissue-scale forces have also been reported to
influence the lengthening phase. For example, during Drosophila GBE, more
intercalation events are reported close to the pulling PMG. Interestingly, reducing
tissue strain during germband extension does not reduce the number of intercalation
but reduces the length of the newly formed junctions (Butler et al., 2009; Collinet et
al., 2015). Similarly, it was shown during Drosophila gastrulation that reducing tissue-
scale tension anisotropy via laser ablation disrupts junction lengthening in
intercalating mesoderm cells (John and Rauzi, 2021), highlighting the role of extrinsic
forces to orient and scale the junction lengthening phase.

Medio-lateral cell intercalation in simple epithelia often occurs among four cells but
can also involve larger units called rosettes. Rosettes form through the contraction of
actomyosin-enriched junctions known as 'cables', as observed during Drosophila,
Xenopus, mice and chick morphogenesis (Walck-Shannon and Hardin, 2014;
Rozbicki et al., 2015). In a similar fashion to T1 transitions, actomyosin cables
increase local tension in given junctions across multiple cells, leading to the shrinking
of cell-cell contacts and the formation of a flower-shaped ‘rosette’ of cells, which then
resolves by cumulative junction lengthening to converge-extend the tissue (Figure
14B). Additionally, even if most work on cell intercalation has been conducted at the
apical side, basal-lateral protrusions have been described during dorsal midline
formation in C. elegans and notochord primordium formation in the ascidian Ciona
intestinalis, and bring cells together by directed cell motility to support rosette
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formation (Munro and Odell, 2002; Oda-Ishii et al., 2010; Walck-Shannon et al.,
2015).
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Figure 14. Junction lengthening and rosette formation during cell intercalation

A. Ectopic local tension drives the lengthening of new junctions to resolve
intercalation during Drosophila T1 transitions. B. Schematic representation of
actomyosin cable-driven rosette formation during tissue convergence-extension.
Images adapted from (Walck-Shannon and Hardin, 2014; Yu and Fernandez-
Gonzalez, 2016).

During Drosophila germband extension, similar basal protrusions have been shown
to exert traction forces and promote polarized cell intercalation (Sun et al., 2017).
Recent work by (John and Rauzi, 2021) also identified that mesoderm cells in
Drosophila embryos do not initiate intercalation apically but rather at ~10um of depth
before resolving apically. Intercalation events occurring at different positions of the
apicobasal axis were also reported during Drosophila anterior pole cellularization,
with the exception that they didn’t rely on actomyosin contractility but rather
geometrical constraints such as cell packing and tissue curvature (Rupprecht et al.,
2017). The set of principles governing the apicobasal location of cell intercalation is
still unknown, but (Gémez et al., 2021) reported intercalation events spanning the
entire apico-basal axis in growing mouse embryonic lung pseudostratified epithelia
and postulated that the distribution and movement of nuclei in these cells would
generate variability in the cell cross-sectional areas, and that T1 transitions are thus
initiated at different depths to minimize lateral cell-cell surface energy accordingly.
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2.2.2.2 Collective cell migration

Cell migration is another conserved mechanism employed throughout development
and adult life to drive morphogenesis and maintain tissue homeostasis (Friedl and
Gilmour, 2009). It has been shown to drive tracheal branching morphogenesis in
Drosophila, zebrafish lateral line formation, and vertebrate limb formation, during
which tightly-regulated migratory behaviours drive tissue elongation and
organogenesis (Sutherland et al., 1996; Nechiporuk and Raible, 2008). It is also
essential for tissue regeneration, as illustrated during many wound healing processes
such as the repair of skin and corneal epithelial layers after injury (Poujade et al.,
2007; Zelenka and Arpitha, 2008).

Cell migration usually starts with a polarization step, during which intrinsic and
extrinsic cues influence cell fate to initiate directional cell movement. Genetically-
determined differentiation leads to the acquisition of ‘leader’ or ‘follower’ identity
within the migratory cohort (Cho et al., 2002). As a result, ‘leader’ cells present a
polarized morphology and differential gene expression to regulate their contractile
behaviour and their ability to detect extracellular cues. Such cues are essential during
cell migration, as chemokines and growth factor gradients that are either freely-
diffusing (chemotaxis) or tethered to the ECM (haptotaxis) can regulate cell
polarization and subsequent directional cell migration through the dynamic
reorganization of the cell cytoskeleton (Haas and Gilmour, 2006; Shintani et al.,
2008). Indeed, cytoskeletal components can help form protrusions by generating
filopodia or lamellipodia to interact with the environment (e.g, integrin signalling with
the ECM) and initiate migrations (Nobes and Hall, 1999; Ridley et al., 2003). Using
their protrusions, migrating cells form adhesive contacts on their substratum, which
function as traction points (Trepat et al., 2012). Contraction results in the forward
motion of the cell body and releasing contact points at the rear-end as the cell resets
the migration loop (Figure 15A). But how can cells move collectively? One possible
mechanism is to rely on leader cells to set a path for the followers cells, as illustrated
during wound healing: when cells move towards the injury site, they remodel the ECM
through localized proteolytic degradation initiated by leader cells using
metalloproteinases, and deposit basement membrane components like laminins and
collagen IV in a trail to guide the ‘follower’ cells (Wolf et al., 2007). Another key
mechanism to coordinate the collective movement of cells is the coupling of cells via
adherens, tight or gap junction-mediated cell-cell adhesion. Such adhesion promotes
signal transmission and help maintain structural integrity while tissues spread and
extend their surface (Figure 15B) (Niessen, 2007; Defranco et al., 2008).
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Figure 15. Collective cell migration via cytoskeleton remodelling, cell-cell
adhesion and ECM signalling

A. ECM signalling regulates cytoskeletal components to drive protrusion formation
and generation traction forces during cell migration. B. Collective movement is
mediated by cell-cell adhesion. Images adapted from (Ladoux and Mege, 2017).

2.2.2.3 Oriented cell divisions

It has been shown across species that oriented cell divisions can contribute to the
directional elongation of tissues (Figure 16)(Li et al., 2014; Tang et al., 2018; Lemke
and Nelson, 2021), and specifying correct division axes is also essential for the
organization of the organism as early as the first cleavage steps after fertilization
(Minc and Piel, 2012). Many efforts have thus been made to understand how cells
orient their divisions. Empirical work in frog oocytes first postulated that cells
preferably divide along their long axis, a principle known as Hertwig’s rule (Hertwig,
1884). Since this first observation, it was shown that several factors can influence cell
division orientation, including cell geometry, intrinsic polarity cues, or external PCP
patterning (Théry et al., 2007; Gillies and Cabernard, 2011). Seminal work by (Minc
et al.,, 2011) further showed that cells can sense their geometry to orient spindle
positioning and specify the division axis. They demonstrated that microtubule-
mediated pulling forces elongate the nucleus in an axis which predicted the division
plan. They could show that pulling forces scaled with the length of microtubules and
established a computational model that recapitulated the orientation of spindle
positioning in a variety of cell shapes using this rule. Such mechanism allows cells to
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self-organize and escape deterministic gene patterning by sensing their shape and size
to robustly orient cell division and subsequent morphogenesis.

Interestingly, recent work has challenged Hertwig’s rule, showing that mechanical
forces also contribute and can override cell geometry to orient cell division
(Scepanovic and Fernandez-Gonzalez, 2018). In Drosophila embryos, parasegmental
boundaries (PSB) are established to segment the organism from head to tail. The PSB
are enriched with actomyosin cables to increase local tension and avoid cell mixing
between compartments. Interestingly, in the studied tissue (epidermis), cells are
stretched along the D-V axis and thus expected to divide parallel to this axis. Yet, cells
that are close to the high-tension PSB divides in the orthogonal A-P axis. The
underlying mechanism is not clear but it is hypothesized that higher tension along the
PSB could trap the proximal centrosome and limit its repositioning, thus promoting
division along the A-P axis. The presence of denser actomyosin cytoskeleton could
also affect the local visco-elastic properties of the cell, increasing hydrodynamic drag,
thus limiting the mobility of the centrosome and fixing one spindle pole (Scarpa et al.,
2018).

Oriented cell divisions can also help maintain tissue integrity during morphogenesis,
as illustrated in the spreading of the enveloping cell layer during zebrafish epiboly: it
was described that tissue-scale tension anisotropy first instructs the division plane by
elongating cells and that the resulting division of cells along the same axis actually
resolves the tissue anisotropy, allowing the tissue to spread while keeping its structural
integrity (Campinho et al., 2013).

Finally, one should note that the mechanisms described in this section can synergize
to drive directional tissue elongation. This is well illustrated in the Drosophila wing
imaginal disc, where the loss of PCP-driven cell oriented divisions can be
compensated by increased cell rearrangements to maintain the proper organ size and
shape (Zhou et al., 2019).

Figure 16. Cell oriented divisions drive tissue elongation

Schematic representation of the alignment of division planes in several cells leading
to the directional elongation of the tissue. Image adapted from (Lemke and Nelson,
2021).
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2.3 A brief perspective on biophysical approaches of tissue
morphogenesis

The cellular behaviours previously described can promote cell shape and topology
changes, but would not drive tissue remodelling if they were stochastic and
unsynchronized. Understanding the coordination of cell behaviour, as well as the
spatiotemporal control of morphogenetic processes is thus necessary. For instance,
efforts have been made to understand how embryo-scale forces and non cell-
autonomous processes can regulate the orientation, scale and timing of these events
(Rauzi et al., 2015). Similarly to the integration of foam physics for the description of
intercalations in epithelial cells, new paradigms have also been recently established to
map rheological and material properties of tissues and integrate physical approaches
in the description of the collective behaviour of epithelial monolayers, such as glass
physics, tissue fluidity, rigidity percolation, criticality and tissue phase transitions.
These news approaches now allow to address the interplay between the properties of
the tissues, the stresses that they experience and the multi-scale multicellular
behaviours that drive morphogenesis. Even if I will not cover it in this manuscript,
this is an exciting area of research and would definitely recommend the
interdisciplinary reports by (Kim et al., 2021; Lenne and Trivedi, 2022; Valet et al.,
2022; Mao and Wickstrom, 2024).

3. Force generation and transmission: cytoskeleton and
organelles at play

This approach was actually theorized around the 19™ century, when scientists started
arguing that the law of physics could not only govern inanimate but also living matter
(Fick, 1858). This thought process was later built upon by Sir D’ Arcy Thompson, in
his famous On Growth and Forms, which postulated that shape, growth and pattern
formation were directed by physics laws and that simple mathematical
transformations mapping the physical forces exerted on tissues could explain the
variability of shapes observed in related animals (Thompson, 1945). One might
wonder how such forces are generated within cells? In the next section, I will focus
on the cytoskeletal components, organelles and molecular machinery that generate
and transmit forces, enabling cells to undergo the drastic shape and topology changes
observed during tissue morphogenesis.

3.1 The cell cytoskeleton

The cell cytoskeleton is composed of actin filaments, microtubules, intermediate
filaments and septins. It is essential to maintain the right cell architecture, and has thus
been extensively studied for its contribution to cellular shape changes during tissue
morphogenesis. Additionally, cytoskeletal dynamics enable the integration and
transmission of biochemical and mechanical signals to coordinate collective cell
behaviour.
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3.1.1 Microtubules

Microtubules are polymers composed of a- and -tubulin heterodimers, each ~4-5 nm
in size (Wilson and Friedkin, 1967; Weisenberg et al., 1968). These heterodimers
assemble in a head-to-tail fashion to form protofilaments, and 13 parallel
protofilaments constitute a hollow microtubule with an outer diameter of ~25 nm
(Figure 17A). Microtubules are polarized structures, with a plus-end, where -tubulin
is exposed, and a minus-end, where a-tubulin is exposed (Knossow et al., 2020).
Growth mostly occurs at the plus-ends and the critical concentration for tubulin has
been measured to be ~1-2 uM (Johnson and Borisy, 1975; Mirigian et al., 2013;
Jonasson et al., 2020). Microtubules have a persistence length of ~1-2 mm, which is
relatively stiff and enables them to withstand significant compressive forces (Hawkins
et al., 2010).

Microtubule assembly starts with the nucleation of a/B-tubulin dimers, followed by
the elongation and stabilization of the polymer. The assembly relies on the formation
of a microtubule-organizing center (MTOC), mainly centrosomes, even though
acentrosomal MTOC:s can also serve as nucleation sites (Akhmanova and Kapitein,
2022). Gamma-tubulin ring complexes (y-TuRCs) within the centrosome provide a
template for the initial addition of o/B-tubulin dimers and GTP-bound tubulin dimers
are progressively added to the growing plus-end (Liu et al., 2020; Wieczorek et al.,
2020). This addition creates a cap of GTP-tubulin, which stabilizes the growing end.
However, hydrolysis of GTP to GDP occurs shortly after their addition to the
microtubule, leading to a GDP-tubulin lattice that is less stable and prone to
depolymerization (Carlier, 1989). The interplay between GTP-tubulin addition and
GDP-tubulin loss leads to phases of rapid growth (polymerization) and shrinkage
(catastrophe), described as the ‘dynamic instability’ of microtubules (Mitchison and
Kirschner, 1984). Rescue events, where shrinking microtubules switch back to
growth, can also occur to further regulate microtubule dynamicity (Figure 17B). It
should be mentioned that recent advances in structural biology have described
alternative methods of microtubule assembly, involving the incorporation of sheets of
tubulins and the identification of a curved architecture at the end of growing
protofilaments, that complement the classical GTP-cap model (Conde and Céceres,
2009; Gudimchuk and Mclntosh, 2021). Many microtubule-associated proteins and
post-translational modifications can influence the cycles of assembly/disassembly to
modulate the dynamic properties and the architecture of the microtubule cytoskeleton.
Based on their functions, the following proteins can be classified: severing proteins,
depolymerizing proteins, stabilizing proteins, and motor proteins (Brouhard and Rice,
2018).

3.1.1.1 Partner proteins and post-translational modifications
of the microtubule cytoskeleton

Severing proteins, such as katanin or spastin, remodel the cytoskeleton by cutting
microtubules into shorter fragments (McNally and Roll-Mecak, 2018).
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Depolymerizing proteins, such as the Kinesin-13 family members, bind to the
microtubule and induce curvature at specific sites, leading to the rapid disassembly of
the polymer (Walczak et al., 2013). Conversely, stabilizing proteins such as MAP2
and tau, bind to microtubules to increase their stability and prevent depolymerization.
Motor proteins, such as kinesins and dyneins, are responsible for intracellular
transport and force generation. These motor proteins can specify the directional
movement of cargos and organelles, as kinesins move towards the plus-end, while
dyneins move towards the minus-end (Abraham et al., 2018). In addition to the major
categories mentioned previously, other regulatory proteins can influence
microtubules. For instance, EB1 (End-Binding protein 1) associates with the growing
plus-ends and acts as a platform to recruit other plus-end tracking proteins (+TIPs), as
well as adaptor and regulatory proteins to alter microtubule dynamicity, interactions
and distribution within cells (Akhmanova and Steinmetz, 2015).
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Figure 17. Microtubule assembly and dynamic instability
A. Polarized growth of microtubules by addition of af-tubulin dimers from the y-

TuRC nucleation center. B. Dynamic instability of microtubules via phases of growth,
shrinkage and rescue. Images adapted from (Conde and Caceres, 2009).

Microtubule dynamics and interactions can be further regulated by post-translational
modifications of tubulin, such as acetylation, detyrosination, or polyglutamylation.
Acetylation of a-tubulin has been associated with increased microtubule stability to
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sustain mechanical stress, while detyrosination and polyglutamylation can modulate
the interaction of microtubules with motor proteins and MAPs (Song and Brady,
2015). Microtubules can also undergo more classical PTMs, such as phosphorylation,
ubiquitination or sumoylation, that regulate their turnover rate and dynamic
instability. For a complete overview of the ‘tubulin code’, I would suggest great
reviews by (Janke and Magiera, 2020; Roll-Mecak, 2020).

3.1.2 Intermediate filaments

Intermediate filaments (IFs) have a diameter of ~10 nm, which is ‘intermediate’
between actin filaments (7 nm) and microtubules (25 nm). IFs are not composed of
polymers of a single type, but rather by a variety of more than 50 proteins, classified
into six types (Herrmann et al., 2007). Types I and II consist of acidic and basic/neutral
keratins and are found in epithelial cells. Type III includes vimentin (present in
fibroblasts, smooth muscle cells, and white blood cells), desmin (in muscle cells),
GFAP (in glial cells), and peripherin (in neurons). Type IV IFs consist of
neurofilaments found in neuron axons, and a-internexin in developing neurons. Type
V corresponds to nuclear lamins present at the nuclear envelope in all cell types, and
Type VI includes nestin in neural stem cells (Dutour-Provenzano and Etienne-
Manneville, 2021). IFs are composed by sheets of tetramers that form protofilaments
and organize in a higher order assembly as a rope-like fiber (Eldirany et al., 2021).
IFs are not polarized, do not require nucleotide hydrolysis for their assembly, and are
mostly involved in the support of cell stiffness, the maintenance of nuclear shape and
the regulation of gene expression. Interestingly, cytoplasmic intermediate filaments
are not present in Drosophila (Cho et al., 2002).

3.1.3 Actin filaments

Actin is a globular protein (G-actin) with a molecular weight of ~43 kDa. In cells,
actin exists predominantly in two forms: monomeric G-actin and polymeric
filamentous actin called F-actin (Dominguez and Holmes, 2011). G-actin monomers
bind to ATP, which is then hydrolysed to ADP upon incorporation into filaments
(Kabsch et al., 1990; Murakami et al., 2010). The polymerization of G-actin into F-
actin relies on an initial slow nucleation phase, followed by rapid elongation of the
filament. F-actin consists of two parallel strands twisted into an helix. Each turn of
the helix spans ~37nm and includes ~13.5 actin subunits (the helix has a slight twist
in its structure and doesn’t align perfectly each turn to confer higher stability to the
filament, hence the non-integer value of actin units per helix turn). The final filament
has a diameter of ~7nm (Fujii et al., 2010) and is polarized, with distinct ‘barbed’
(fast-growing) and ‘pointed’ (slow-growing) ends (Figure 18A). These differential
growth rates depend on the critical concentration of G-actin for polymerization, which
is ~0.1 uM at the barbed end and ~0.6 uM at the pointed end (Kuhn and Pollard, 2005;
Vavylonis et al., 2005; Fujiwara et al., 2007). Actin filaments have a relatively short
persistence length of ~10 um, meaning that they can remain straight up to that distance
before starting to bend, allowing them to maintain their structural integrity over short
distances while the cell undergoes shape changes (Harasim et al., 2013).
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3.1.3.1 Actin-binding proteins

There are many actin-binding proteins that can modulate actin dynamic behaviour, as
well as its organization in cells (Figure 18B). For instance, nucleation factors, such as
formins, are required to initiate filament growth from G-actin monomers (Goode and
Eck, 2007; Courtemanche, 2018). Alternatively, the Arp2/3 complex, promotes the
nucleation and elongation of new branches on the side of existing filaments within
branched networks (Robinson et al., 2001; Rouiller et al., 2008). Capping proteins,
such as CapZa} or tropomodulin, can bind to barbed or pointed ends to prevent further
polymerization and regulate the length of the filament (Edwards et al., 2014, 2015;
Rao et al., 2014). Additionally, severing proteins like ADF/Cofilin or gelsolin can bind
to ADP-actin regions and fragment the filament by weakening lateral interactions
between adjacent actin subunits within these regions (Bamburg et al., 1980; Nishida,
1985; Cao etal., 2006; Nag et al., 2013). Finally, stabilizing agent such as tropomyosin
can protect actin from severing proteins (Burgess et al., 1987; Ishikawa et al., 1989).
All these partner proteins modulate the dynamic instability of actin filaments, thus
integrating internal and external cues to modulate the structure and behaviour of actin
networks to drive key processes such as cytokinesis during cell division, filopodia
formation during cell migration, or force generation to initiate cell shape and topology
changes during tissue morphogenesis.
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Figure 18. Actin structure, assembly and regulation by partner proteins

A. Schematic representation of F-actin assembly. K indicates the critical
concentrations above which G-actin association exceeds its dissociation, thus driving
filament polymerization. B. Actin-binding proteins that influence actin dynamic
instability and network architecture. Images adapted from (Pollard, 2016).

38



Actin filaments can also be organized into higher-order structures through
crosslinking and bundling proteins to enhance the mechanical strength and stability
of the network, which is particularly useful given the short persistence length of F-
actin (Figure 18B). Crosslinkers such as a-actinin and filamin bind to adjacent
filaments, to form elastic and resilient networks (Xu et al., 1998). Bundling proteins
like fimbrin and fascin organize filaments into parallel arrays, which are needed to
generate stress fibers or filopodia (Matsudaira, 1994). Cross-linking proteins such as
filamin and spectrin can also organize filaments into three-dimensional networks:
filamin cross-links actin filaments into orthogonal networks to confer elasticity and
strength to cells, while spectrin binds actin to generate a scaffold that supports the
plasma membrane (Liem, 2016).

Last but not least, actin can also associate with molecular motors, such as Myoll to
assemble actomyosin contractile networks. The mechanisms of force generation
involving the coupling of motor proteins to cytoskeletal components will be discussed
in the following section.

3.2 Force generation by the cell cytoskeleton

Forces can be generated through the coupling of cytoskeletal networks, such as actin
and microtubules, with motor proteins. This process converts ATP energy into
mechanical stresses that actively drive cell shape and topology changes during tissue
morphogenesis. Interestingly, the motor proteins and signalling pathways that control
their activity are highly conserved across species (Kull and Endow, 2013; Murrell et
al., 2015). Several subcellular mechanisms contribute to force generation, with
specialized machineries tailored to different cell types and their specific functions. In
the following section, I will only detail the molecular machineries that drive
morphogenesis in epithelial tissues.

3.2.1 Actomyosin contractile machinery

It is argued that the F-actin cytoskeleton is the predominant mode of force generation
during animal tissue morphogenesis (Quintin et al., 2008; Miao and Blankenship,
2020). F-actin polymerization per se can generate pushing forces of 1pN, and has been
extensively studied for its role in cell migration (Abraham et al., 1999; Ponti et al.,
2004; Koestler et al., 2008). Additionally, F-actin can associate with the non-muscle
Myosin Il molecular motor (Myoll) to drive the remodelling of epithelial cells, mainly
via contractile forces (Clarke and Martin, 2021). In Drosophila, a single gene NMHC?2
encodes Myoll, while vertebrates have three paralog genes: MYH9, MYHI10 and
MYHI4 (Simons et al., 1991; Mansfield et al., 1996; Leal et al., 2003). MyollI is
composed of two heavy chains, two essential light chains, and two regulatory light
chains (Figure19A). In Drosophila, these subunits are encoded by the genes zipper
(heavy chain), spaghetti squash (regulatory light chain), and mlc-c (essential light
chain). Vertebrates possess three heavy chain isoforms (NMHC-IIA, NMHC-IIB,
NMHC-IIC) and at least one regulatory chain MRLC2 (Conti and Adelstein, 2008).
Each Myoll heavy chain possesses an N-terminal globular head with actin and ATP-
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binding sites necessary for motor activity, followed by an alpha-helical neck region
acting as a pivot point to transmit mechanical forces and a long C-terminal tail that
allows dimerization and filament formation (Brito and Sousa, 2020). The essential and
regulatory light chains contain two Ca**-binding domains that interact with the neck
regions of the heavy chains to amplify movements from ATP-induced conformational
changes (Scholey et al., 1980). Myoll activity is regulated by phosphorylation of a
conserved serine residue in the regulatory myosin light chain, which enhances the
ATPase activity and stabilizes Myoll filaments (Vicente-Manzanares et al., 2009;
Murrell et al., 2015). Conversely, phosphorylation of the heavy chain reduces Myoll
filament assembly (Conti et al., 1991; Bresnick, 1999; Dulyaninova et al., 2007).
When Myoll is phosphorylated, it oligomerizes into a bipolar mini-filament
containing a few dozen heads, able bind to multiple antiparallel actin filaments and
‘walk’ along them (Figure 19B) (Stricker et al., 2010; Salbreux et al., 2012). The
motor activity produces actomyosin contractility: the myosin head domain slides F-
actin filaments in opposing directions, thus shortening the actomyosin assembly and
generating a contractile force (Figure 19C).

B F-actin

Gt e donen 03 T2 BB = °F

(actin binding and 0 g Q
p Mg?*-ATPase motor domains) Barbed Pointed G .

~ELC end ail -actin
&3 RLC Heavy chain : Myosin Il filament
¢ 7 OhRRR ~ 4 z
F - Coiled-coil rod domain TR Myosin Il

( Non-helical tail dimer

S-1

HMM C Contraction D Extension

v, F
Figure 19. Force generation via the coupling of non-muscle Myosin IT and F-actin

A. Structure of the non-muscle Myoll heaxameric protein showcasing its head, rod
and tail domains, composed of heavy, essential and regulatory light chains. B. Myoll
assembly into filaments. C-D. Coupling of Myoll with F-actin networks drive
contraction or extension of the assembly, depending on its proximity with the barbed
end on which it pulls. Images adapted from (Vicente-Manzanares et al., 2009; Murrell
etal., 2015).

It has been measured that a single Myoll motor with a single actin filament can
generate forces of ~3-5 pN (Finer et al., 1994; Molloy et al., 1995). Structurally,
actomyosin assemblies can be organized in one dimension, such as stress fibers
(Lopez-Gay et al., 2020), or in two dimensions as a meshwork that spans the surface
of epithelial cells (Mason et al., 2013). Since force generation obeys the law of mass
action, an actomyosin network composed of many Myoll mini-filaments can thus
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generate stronger forces within the cell, up to ~100-800 pN (Maitre et al., 2015;
Cartagena-Rivera et al., 2016). Actomyosin can finally organize as a supracellular
network which generates tissue-scale tension within the nN range (Campas et al.,
2014). One should mention that extension can also occur when Myoll binds F-actin
networks close to their barbed ends (Figure 19D). Nonetheless, in disorganized actin
networks, actomyosin will break symmetry and self-organize into contractile
networks preferentially. This has been postulated to rely on the intrinsic properties of
F-actin filaments, which are able to resist tensile stresses but are much less adept at
withstanding compressive or buckling stresses (Lenz et al., 2012; Murrell and Gardel,
2012). As a result, actin filaments will mainly survive within tensile rather than
compressive regions, thus self-organizing into contractile networks (Haviv et al.,
2008; Wilson et al., 2010; Soares e Silva et al., 2011).

3.2.1.1 Regulation of actomyosin activity

Myoll activity is mainly regulated by the phosphorylation of its regulatory light chains
(RLCs), which controls conformational changes in the myosin head and tail domains
to form bipolar filaments, bind to F-actin, and promote Myoll ATPase activity (Wendt
et al., 2001; Jung et al., 2008). Several kinases are involved in RLC phosphorylation,
such as Myosin light chain kinase (MLCK), Rho-associated coiled coil-containing
kinase (ROCK), Citron kinase or Myotonic Dystrophy-Related Cdc42-binding Kinase
(MRCK), that can directly phosphorylate Myoll RLC. Additionally, ROCK can
phosphorylate the myosin binding subunit (MBS) of myosin phosphatases and block
their activity, indirectly promoting Myoll activity. Myosin phosphatases are also key
for proper force generation, as the balance between Myoll phosphorylation and
dephosphorylation was shown to fine-tune Myoll spatiotemporal activity and
contribute to tissue morphogenesis during Drosophila development (Tan et al., 2003;
Valencia-Exposito et al., 2016; Qin et al., 2018). This balance is under the control of
several signalling pathways, which involve G protein-coupled receptors (GPCRs),
calcium signalling and the apicobasal polarity pathway (Miao and Blankenship,
2020). In Drosophila embryos, the GPCRs Smog and Mist, when bound by the ligand
Fog (Manning et al., 2013; Kerridge et al., 2016), activate RhoGEF2 through Ga12/13
(Concertina), leading to Rhol and subsequent Myosin II activation (Figure 20A). In
the ectoderm tissue, the GB13F/Gy1 subunits activate pl 14RhoGEF/Cysts to promote
specifically the junctional activity of Rhol/ROCK/Myosin II (Bayonas et al., 2019).
This GPCR signalling was shown to be regulated by both ligand availability and the
endocytic control of GPCRs (Jha et al., 2018), and even if the receptors and ligand are
not conserved, the Gal2/13-dependent control of Myoll RLC phosphorylation is
highly conserved in vertebrates (Suzuki et al., 2009; Ito et al., 2022). Additional
factors, such as the the transmembrane protein T48, can anchor RhoGEF2 at the cortex
independently of Fog, thus controlling the subcellular distribution and activity of Rho
effectors (Kolsch et al., 2007). Such Rho-GTPases switch between active (GTP-
bound) and inactive (GDP-bound) states, in a cycle controlled by guanine nucleotide
exchange factors (GEFs) and GTPase activating proteins (GAPs). GEFs catalyze the
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exchange of GDP for GTP to activate Rho proteins and promote actin polymerization
and Myoll activity (Figure 20B). Conversely, GAPs accelerate GTP hydrolysis to
inhibit Rho GTPases (Arnold et al., 2017). The specific localization of GEFs and
GAPs within cells then allows to define spatiotemporal patterns of Rho and Myoll
activity (Simoes et al., 2006; Michaux et al., 2018). For example, the Drosophila
Cumberland-GAP (C-GAP) has been shown to spatially restrict RhoA pathway
activity to the medial portion of the apical cortex of mesoderm cells, and its
disruption leads to the loss of actomyosin pulsing (Mason et al., 2016).
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Figure 20. Signalling pathways regulating actomyosin contractility

A. GPCR signalling controlling Myoll activity in Drosophila embryos. B. RhoGEFs
and RhoGAPs control the activity of Rho-GTPases and subsequent actomyosin
contractility. Images adapted from (Agarwal and Zaidel-Bar, 2019; Miao and
Blankenship, 2020).

Calcium signalling has also been postulated to control actomyosin dynamics, as
spontaneous calcium spikes were observed during both Drosophila GBE and
mesoderm invagination (Markova et al., 2015), and an increase of intracellular free
calcium concentration was shown to induce cell shape changes in the amnioserosa
cells of Drosophila embryos (Hunter et al., 2014). Additionally, pharmacological
depletion of Calcium was shown to disrupt convergence-extension movements in both
Xenopus and zebrafishes (Wallingford et al., 2001; Lam et al., 2009). It was postulated
that Ca?*-dependent calmodulin complexes could activate MLCK and subsequent
Myoll, but direct evidence of a link between Ca** dynamics and Myoll-dependent
morphogenetic process are still missing (Kitazawa et al., 1991; Kong et al., 2017).
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Finally, apical polarity proteins, such as the Par and Crumbs complexes, can also
regulate Myoll activity, as illustrated during Drosophila oogenesis where the Par
complex anchors and accumulates apical myosin, or during Drosophila salivary gland
formation where Crumbs defines the position of an actomyosin cable to drive
tubulogenesis (Wang and Riechmann, 2007; Roper, 2012; Silver et al., 2019).

3.2.2 Microtubules as force generators

Several studies have also proposed that microtubules are not restricted to their primary
functions (e.g., intracellular transport and maintenance of cell architecture), but can
behave as active force-generating components of the cell cytoskeleton (Matis, 2020).
Microtubules can produce forces through polymerization and depolymerization
dynamics, as the addition or removal of a GTP-tubulin dimer per se can release free
energy of ~4 pN that is converted into mechanical work (Hill and Kirschner, 1982;
Dogterom and Yurke, 1997). When growing microtubules meet barriers (e.g., the cell
cortex), they can exert pushing forces, similarly to protruding actin filaments during
filopodia formation, where actin polymerization exerts an axial force that overcomes
the bending energy of the lipid bilayer without requiring molecular motors (Hotani,
1990; Peskin et al., 1993). Conversely, depolymerizing microtubules can exert pulling
forces, as illustrated during chromosome segregation in cell division (Akiyoshi et al.,
2010; Asbury, 2017). Further studies then reported that a single microtubule can
actually generate forces up to ~50 pN (Desai and Mitchison, 1997; Dogterom et al.,
2005; Molodtsov et al., 2005), and bundling of microtubules linearly increases force
generation with the microtubule number (Laan et al., 2008). Finally, microtubule-
associated motor proteins, such as kinesins and dyneins, can also generate directional
forces when bound to microtubules, and these forces also scale with their
concentration (Shimamoto et al., 2015). For instance, kinesins can push away
antiparallel microtubules and exert pushing forces in the range of ~1-10 pN (Kapitein
et al., 2005; Fink et al., 2009). Dyneins, on the other hand, can be anchored to the cell
cortex and pull on microtubules (Laan et al., 2012). Interestingly, pushing forces by
microtubules were identified as key drivers of epithelial morphogenesis, as illustrated
during Drosophila dorsal fold formation, where microtubules first associate with
dynein to generate pushing forces (supposedly via sliding) and deform cells, then
subsequent remodelling of the network by severing proteins weakens cellular shape
and leads to a force imbalance that drives the folding of the tissue (Takeda et al., 2018).
Similarly, microtubules can exert pushing forces to elongate cells during Drosophila
wing formation (Singh et al., 2018, 2024).

3.2.2.1 Interplay between microtubules and actomyosin

Synergy between the cytoskeletal force generators can also occur. Microtubules have
been proposed to regulate actomyosin contractility via the transport of Rho effectors
responsible for Myoll activity or F-actin turnover, even though this relationship is not
fully understood and appears to be context-dependent within epithelial tissues. For
instance, negative regulation of actomyosin contractility by microtubules has been
reported in Xenopus oocytes where microtubule depolymerization via Nocodazole
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induces an actomyosin cortical flow (Canman and Bement, 1997). Similarly,
depolymerization of microtubules using Colcemid treatment leads to increased medio-
apical (but not junctional) recruitment of Myoll during Drosophila germband
extension (Bayonas et al., 2019). In vitro work by (Rogers et al., 2004) identified that
RhoGEF2 can bind to the microtubule plus-ends protein EB1 and is released upon
activation of the Ga12/13 Concertina in Drosophila S2 cells. This study proposed that
packets of RhoGEF?2 are delivered by microtubules plus-ends close to the cell cortex:
if it encounters a region with high concentration of activated Concertina, RhoGEF2
would thus locally activate Rhol/Myoll. It was later shown that microtubules can
indeed positively regulate Myoll activity, either through direct transport of F-actin
and Myoll (Foe et al., 2000) or via the regulation of actomyosin assembly, as
illustrated during Xenopus oocyte wound healing where pharmacological
depolymerization resulted in the breakage of actomyosin networks (Mandato and
Bement, 2003). Additionally, microtubule depolymerization can induce a loss of
medio-apical (but not junctional) Myoll during Drosophila salivary gland formation,
resulting in impaired cell apical constrictions (Booth et al., 2014). Similarly,
disrupting microtubules results in compromised actomyosin networks and the
abolishment of mesoderm invagination in Drosophila embryos (Ko et al., 2019). It is
likely that the diversity of interactions between microtubule and actomyosin networks
does not rely on a single conserved mechanism but rather a complex synergy between
the tissue-specific organization of microtubules within cells and the subcellular
distribution of RhoGEF?2 cortical partners and anchoring proteins.

Additionally, recent studies showed that microtubule plus-ends (EB1 included) can
undergo phase separation and behave as liquid condensates to regulate molecular
interactions and valency at the tip, as well as microtubule dynamic instability (Maan
et al., 2023; Meier et al., 2023; Song et al., 2023). Addressing if and how this
mechanism participates in the spatiotemporal regulation of Rho dynamics in vivo
could provide new insights on the interplay between microtubule and actomyosin and
the generation of forces during tissue morphogenesis.

3.3 Force transmission between epithelial cells

In the previous section, I described the cytoskeletal components, molecular
machinery, and signalling pathways that regulate the generation of forces within
epithelial cells. This raises the following question: how are intracellular forces
transmitted to coordinate cellular behaviours and drive tissue morphogenesis? The
following section will detail the cellular components and mechanisms that underly
force transmission in cells and within epithelial sheets.

3.3.1 Adhesive contacts

To maintain connectivity, cells are coupled via adhesive contacts to transmit forces
between adjacent cytoskeletal networks. The two main adhesive structures involved
in force transmission are adherens junctions (AJs) and focal adhesions (FAs),
mediating cell—cell adhesion and cell-ECM adhesion, respectively.
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3.3.1.1 Adherens junctions

Als were first identified as electron-dense regions between cells, later described to
contain E-cadherin (Farquhar and Palade, 1963; Boller et al., 1985). AJs are formed
by the interaction of cadherin single-pass transmembrane receptors and several
cytoplasmic binding partners, such as B-catenin, a-catenin, and p120-catenin (Figure
21A). Cadherins engage in homophilic ¢rans-ligation with their extracellular domains
to form adhesive complexes between adjacent cells and in cis-interactions between
cadherins within the same membrane to enlarge and strengthen AJs complexes
(Shapiro and Weis, 2009), while the cytoplasmic tail of cadherins forms complexes
with B-catenin, a-catenin and p120-catenin. As a-Catenin binds to both -catenin and
actin filaments, adhesion can be coupled to the actomyosin cytoskeleton, cell
signalling or membrane trafficking (Lecuit and Yap, 2015; Pinheiro and Bellaiche,
2018; Campas et al., 2024). Additionally, other proteins like vinculin and afadin can
be recruited to stabilize the connection between the actin cytoskeleton and the
cadherin complexes, and this linkage enables the transmission of mechanical forces
across cells, as well as maintains the structural integrity of epithelial layers (Mege and
Ishiyama, 2017). These bidirectional connections also allow actin networks to recruit
Myoll to regulate the organization of AJs, as well as their mechanical properties, such
as rigidity and tension (Lecuit and Lenne, 2007; Charras and Yap, 2018). Conversely,
cadherins can couple to cell signalling pathways, such as small GTPases RhoA, Racl,
and Cdc42, to modulate the cytoskeleton (Noren et al., 2001; Ratheesh et al., 2012).
Finally, AJs display mechanosensitive properties, as it was shown that cadherins
behave as catch-slip bonds that stiffen upon application of an external force (Rakshit
et al., 2012; Manibog et al., 2014), and junctional components are remodelled in a
tension-dependent manner (Leckband and de Rooij, 2014; Hoffman and Yap, 2015).
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Figure 21. Adherens junction organization and role in force transmission

A. Molecular components driving adhesion between adjacent cells and coupling
junctions to intracellular cytoskeletal networks. B. Forces experienced by adherens
junctions and their material responses. Images adapted from (Pinheiro and Bellaiche,
2018; Campas et al., 2024).
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Adhesion strength and stability can be further modulated by the organization of cell
junctions into smaller clusters to increase their force-bearing capacity (Truong Quang
et al., 2013; Indra et al., 2018). Super-resolution microscopy has notably revealed a
stratified organization of these clusters: an extracellular adhesion layer, a membrane-
proximal signalling layer, a force transduction and cytoskeletal adaptor layer, and an
F-actin regulatory layer (Bertocchi et al., 2017). Taken together, these features allow
adherens junctions to withstand and transmit various forces which are key to remodel
epithelial sheets during morphogenesis across species (Halbleib and Nelson, 2006;
Maitre et al., 2012). Additionally, studies have shown that AJs display viscoelastic
properties (Bambardekar et al., 2015). This means that they behave elastically at short
timescales but demonstrate fluid-like dynamics that dissipate stresses over longer
timescales (Figure 21B). This is particularly relevant as energy dissipation, often
mediated by turnover of cadherins or actomyosin molecular components, is postulated
to be as important as force generation and force transmission during morphogenesis
(McFadden et al., 2017; Mao and Wickstrom, 2024). For example, endocytic turnover
of E-cadherin promotes bond breaking to dissipate stresses and remodel the
Drosophila wing (lyer et al., 2019). Additionally, during Drosophila germband
extension, junctional shrinkage during cell intercalation can be recapitulated by a
‘simple’ viscoelastic model and irreversibility of this shape change depends on the
dissipation of stresses by F-actin turnover (Clément et al., 2017).

It is worth mentioning that, while this section focused on the transmission of forces
mediated by actomyosin networks, adherens junctions can also interact with and
transmit forces from microtubules (Akhmanova et al., 2009). In addition to their role
in force transmission, adherens junctions can also alter the mechanical properties of
multicellular tissues across scales to assist morphogenetic processes, as nicely
reviewed by (Campas et al., 2024).

3.3.1.2 Focal adhesions

The main components of focal adhesion complexes are integrins, that interact with the
extracellular matrix through their a- and B-subunits (Ro, 1992; Hynes, 2002).
Integrins display catch-bond behaviour, as it was reported that tension-induced
conformational changes in the a5B1 integrin extracellular domain can enhance its
binding to fibronectin to promote long-lasting adhesion under mechanical stresses
(Friedland et al., 2009; Kong et al., 2009). While clustering is not required for focal
adhesion formation, it participates in the regulation of force transmission, as integrin
clusters have been shown to increase receptor density and adhesion strength, with
tension threshold ~6 times higher than individual integrin heterodimers (Roca-
Cusachs et al., 2009). Force transmission by focal adhesions is often described by a
‘molecular clutch’ model, where adaptor proteins at focal adhesions mediate force
transmission from F-actin to integrins: as a result, pushing or pulling forces generated
by the actin cytoskeleton are physically coupled to cell adhesions, and forces are
transmitted to the neighbouring cells (Mitchison and Kirschner, 1988; Elosegui-Artola
et al., 2018). Finally, experimental evidence across species showed that disruption of
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focal adhesions can impair force transmission and lead to defective morphogenesis
(Narasimha and Brown, 2004; Bryan et al., 2020; Mole¢ et al., 2020).

3.3.3 Indirect methods of force transmission through
membrane and organelles

While most mechanical forces are transmitted via adhesive contacts within epithelial
sheets, recent studies have started investigating the role of membranes and organelles
and their molecular components in force transmission at the cell scale (Phuyal et al.,
2023). This arises from the observation that cell shape and topology changes can lead
to changes in cell behaviour and identity (Iskratsch et al., 2014), which suggests that
mechano-sensing structures within cells can convert mechanical forces into
biochemical signals (a process termed ‘mechano-transduction’) and implies the
existence of intermediates that transmit forces at the scale of organelles or membranes.
For instance, membrane deformations can induce changes in its tension and packing
of its lipids, thus modulating the distribution and activity of transmembrane proteins
(Le Roux et al., 2019). Such changes can activate mechano-sensitive ion channels
such as Piezo-1, which has been shown to drive biochemical feedbacks at short
timescales on Myoll activity (Ellefsen et al., 2019). Additionally, the behaviour of
organelles which are associated to the cell cytoskeleton can be modulated by forces,
as illustrated with the Golgi apparatus whose attachment with microtubules can induce
cell polarization and subsequent migration (Rivero et al., 2009; Millarte and Farhan,
2012; Tonucci et al., 2015). Understanding how forces are integrated at the subcellular
scale and how the resulting physical, biochemical or genetic feedbacks can influence
collective cell behaviour is a promising area of research. The most striking examples
of such regulation occur at the nucleus, where force-induced deformations can be
directly or indirectly transmitted to the cell and its neighbours via several mechanisms.

3.3.3.1 Nuclear linkage to the cell cytoskeleton

To transmit forces, nuclei must first be able to sense them: the main intermediate
between the nucleus and force-generating machineries or adhesive complexes is the
linker of nucleoskeleton and cytoskeleton complex, or ‘LINC complex’ (Figure 22A).
It is composed of nesprins, SUN proteins, and lamin proteins (Wang et al., 2009; Lee
and Burke, 2018). Nesprin 1 and Nesprin 2 are rod-like nuclear membrane proteins
with an actin-binding domain, a central spectrin-like domain, and a KASH domain
that binds to SUN proteins (Crisp et al., 2006; Haque et al., 2006). These nesprins link
actin microfilaments to SUN1 and SUN2 on the inner nuclear membrane, which then
connect to lamin A on the nuclear envelope (Worman and Gundersen, 20006).
Additionally, SUN1 has been proposed to mediate mechanical coupling between the
cytoskeleton and nuclear pore complexes, potentially regulating nuclear trafficking
(Woodland, 1994). The anchoring function of LINC proteins is conserved across
species, as seen with ANC-1 in C. elegans, and MSP300 in Drosophila, which tether
nuclei to the actin cytoskeleton, or ZY G-12 which mediates nuclear attachment to the
microtubule cytoskeleton in C.elegans (Malone et al., 2003; Yu et al., 2006; Hao et
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al., 2021). Disruption of LINC complexes is detrimental to tissue morphogenesis, as
illustrated during Drosophila salivary gland formation, where KASH-domain proteins
have been shown to regulate microtubule organization and integrin localization during
collective cell migration, and their disruption strongly impaired epithelial cell
rearrangements (Myat et al., 2015). Other recent examples of the indirect transmission
of forces by the nucleus stem from studies in amoeboid cells by (Lomakin et al., 2020;
Venturini et al., 2020). In these studies, they show that upon a certain threshold of
compressive forces, nuclei within cells remodel their nuclear envelope. The envelope
normally has a lobulated aspect but under forces starts to unfold and stretch (Figure
22B). As a result, calcium is released from internal membrane stores and activates the
calcium-dependent phospholipase cPLA2, which leads to downstream Myoll
activation and actomyosin contractility within ~1 min.
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Figure 22. Nuclear envelope and LINC complex as subcellular force transducers

A. Composition of the linker of nucleoskeleton and cytoskeleton complex (LINC).
B. Force-induced nuclear deformations lead to fast Myoll activation in amoeboid
cells. Images adapted from (Wang et al., 2009; Venturini et al., 2020).

3.3.3.2 Nuclear repositioning as an integrator of mechanical
forces

Cells experience several type of mechanical forces, including stretching (tensile
forces), compression, shear stress, hydrostatic pressure, and the stiffness of the
surrounding extracellular matrix. These forces often lead to the deformation of cell
membranes and organelles, as previously discussed and extensively studied in the
literature (Kalukula et al., 2022). Additionally, internal or external mechanical forces
can move organelles, such as the nucleus, within cells (Gundersen and Worman,
2013). In this section, I will discuss experimental data demonstrating how nuclear
repositioning can contribute to force transmission and drive cellular rearrangements.
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The positioning of nuclei can be regulated by a variety of mechanisms, and its central
or asymmetric location is key during both developmental processes and diseases
(Dupin and Etienne-Manneville, 2011; Gundersen and Worman, 2013; Deshpande and
Telley, 2021). First, its ability to bind to cytoskeletal components via the LINC
complex allows it to be directly repositioned by forces generated by actomyosin and
microtubule networks. This is well illustrated in fibroblasts, where F-actin is coupled
to the nucleus and retrograde flows drive the relcation of nuclei to polarize cells and
assist their migration (Luxton et al., 2010). Similarly, actin-based filopodia elongation
was shown to position the nuclei by interacting with perinuclear crosslinkers in
Drosophila nurse cells, thus ensuring proper oogenesis (Huelsmann et al., 2013).
Additionally, coupling between the LINC complex and microtubules has been shown
to regulate nuclear positioning and morphogenesis. For instance, in the vertebrate
cerebral cortex, interkinetic nuclear migration, where microtubules drive the
bidirectional movement of nuclei, has been shown to regulate neurogenesis (Del Bene
et al., 2008; Zhang et al., 2009). Nuclei can also be indirectly moved by forces, as
illustrated during early Drosophila embryogenesis, where actomyosin-based forces
are transmitted via cytoplasmic flows to move nuclei to the periphery (Deneke et al.,
2019; Hernandez-Lopez et al., 2023; Htet and Lauga, 2023). Interestingly, nuclear
positioning is not only dependent on internal or external forces, but is capable of
transmitting these forces to impact cell shape and behaviour. For example, research
by (Ambrosini et al., 2019) in Drosophila has identified that a subset of cells of the
leg epithelium possess an actomyosin cable connecting their apical side to their
nucleus. As the nucleus is repositioned and anchored basally, the contraction of this
cable generates tension, which pulls on the cell surface and folds the epithelial sheet.
They further demonstrated that disruption of the basal positioning or anchorage of
nuclei reduced apicobasal actomyosin tension, and impaired fold formation.

Other mechanisms involving nucleus-dependent force transmission have been
described across cell types. For instance, in migrating fibroblasts, actomyosin
contractility can move the nucleus towards the leading edge, via the LINC complex.
As aresult, the intracellular pressure increases in the front compartment and generates
lobopodial protrusions to assist cell migration (Petrie et al., 2014). Similar work
showed that such ‘nuclear piston’ can drive protrusion expansion in human migrating
mesenchymal stem cells (Lee et al., 2021). This mechanism is particularly relevant as
it allows cells to achieve long-range transmission of locally-generated forces. For
example, during Drosophila mesoderm invagination, it was demonstrated that the
apical recruitment of actomyosin can generate a tissue-scale hydrodynamic flow of
cytoplasm. This flow is accompanied by the basal movement of nuclei and drags the
lateral cell membranes between the apex and the nucleus, resulting in the coordinated
elongation of cells (He et al., 2014). It has been proposed that a volume conservation
principle governs the nuclear relocation and cell elongation observed during
mesoderm invagination. Specifically, the loss of apical area during constriction is
compensated by an increase in cell length between the apical side and the nucleus,
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thereby conserving the overall cell volume (Gelbart et al., 2012), even though the
causal relationship has not be experimentally tested.

4. Composite morphogenesis

In the first chapters of this introduction, I detailed the mechanisms that remodel
epithelial tissues across scales to form a functional organism. While most
morphogenetic events have been studied individually, it is important to recognize that
these processes often occur simultaneously during development, a phenomenon
known as ‘composite morphogenesis’ (John and Rauzi, 2021b). One might thus
wonder how cells within tissues coordinate multiple, simultaneous changes in shape
and topology? In the next section, I will discuss examples of composite
morphogenesis during animal development and the potential underlying molecular
mechanisms.

4.1 Concomitant morphogenetic processes during
development

One of the most commonly conserved processes during embryo gastrulation and
neurulation is the simultaneous folding and extension of epithelial sheets. It has
recently been proposed that epithelial folding-extension can be classified in two
categories :

(a) uniaxial, where folding and extension occur in the same direction, usually driving
tissue in-pocketing or budding, as illustrated during Drosophila salivary gland,
tracheal and intestine development (Llimargas and Casanova, 1999; Iwaki et al., 2001;
Cheshire et al., 2008), sea urchin archenteron formation (Hardin and Cheng, 1986),
or Xenopus bottle cell formation (Keller et al., 1985).

(b) orthogonal, where folding and extension occur in orthogonal axes: this is best
illustrated during the concomitant tube formation and body extension occurring
during neurulation in Xenopus (Davidson and Keller, 1999), chick (Catala, 2021), and
mouse embryos (Nishimura and Takeichi, 2008; Nishimura et al., 2012). More
recently, it was also shown that concomitant folding-extension occurs during
Drosophila mesoderm invagination (John and Rauzi, 2021a).

Both categories suggest that the cell rearrangements driving simple morphogenetic
processes synergize to remodel the epithelial sheets into complex 3D structures. For
instance, apical constriction and convergence-extension are both indispensable during
Xenopus neural tube closure (Haigo et al., 2003; Inoue et al., 2016), and are
spatiotemporally coordinated, with convergence-extension movements occurring first
in the posterior side of the tissue, then followed by constrictions occurring throughout
the neural plate (Christodoulou and Skourides, 2022). Interestingly, there is no clear
temporal overlap between these events, indicating that they occur within the same
timeframe but not simultaneously within individual cells. Similarly, during
mammalian neural tube closure, it was shown that apical constriction and
convergence-extension (via polarized intercalations) were spatiotemporally
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coordinated via adhesion complexes under the common upstream regulator Scrib
(Lesko et al., 2021). These studies show how tissues can be partitioned into regions
to sequentially engage in cell constriction or intercalation. If you wish to know more
about the conserved gene patterning and signalling pathways that coordinate these
distinct events across species, I would recommend great reviews by (John and Rauzi,
2021b; van der Spuy et al., 2023).

Interestingly, recent research in Drosophila embryos has revealed that apical
constriction and cell intercalation can occur not only concurrently within a tissue but
also within the same cell to drive composite morphogenesis.

4.2 Drosophila mesoderm invagination as a new paradigm
for concomitant folding and extension

During Drosophila early gastrulation, extensive research has focused on
understanding the mechanisms underlying the invagination of epithelial sheets in the
presumptive mesoderm tissue. Over the past few decades, a series of studies have
elucidated the gene regulatory networks that organize signalling pathways responsible
for force generation (Leptin and Grunewald, 1990; Frasch and Nguyen, 1999). These
pathways have been shown to coordinate the behaviour of the contractile machinery
along different cellular axes: it is now established that pulsatile apical constrictions
driven by actomyosin, coupled with basal relaxation and increased lateral tension,
collectively drive the folding of the presumptive mesoderm (Martin et al., 2009; Conte
et al., 2012; Krueger et al., 2018; Gracia et al., 2019; Fierling et al., 2022). Yet, it was
revealed that the mesoderm tissue not only undergoes folding but is concomitantly
extending (John and Rauzi, 2021a). To do so, mesoderm cells establish a two-tier
junctional mechanisms with distinct subcellular actomyosin networks: the first tier is
located apically and drives apical constriction while the second tier is located laterally
(~10 pm from the apical side) and drives polarized cell intercalation (Figure 23). This
study also revealed that orthogonal AP and DV gene patterning control the
establishment of this two-tier junctional system, but the underlying cytoskeletal
rearrangements are yet to be discovered. My research work will thus use Drosophila
mesoderm tissue as a new paradigm of concomitant folding and extension and try to
dissect the molecular mechanisms that allow cells to segregate subcellular actomyosin
networks to engage in distinct cell rearrangements.
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Figure 23. Concomitant folding and extension of the Drosophila presumptive
mesoderm

Two distinct subcellular actomyosin networks, tethered to adherens junctions, are
generated within cells to drive concomitant apical constriction and lateral polarized
intercalation, resulting in the folding-extension of the presumptive mesoderm in
Drosophila embryos. Image adapted from (John and Rauzi, 2021a).
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Chapter 11-Results



Summary of research findings

The results of my research have now been submitted for peer-review in a scientific
journal. You’ll find below a summary of the results.

1. Nuclear basal repositioning spatiotemporally correlates with the formation of
the lateral actomyosin tier

To study the establishment of the two-tier actomyosin network during early
Drosophila gastrulation, 1 used fast, spatially-resolved in vivo imaging to map the
sequence of events and track nuclear dynamics, Myoll distribution, and cell cortices
in the mesoderm tissue. I observed that Myoll enrichment at the cell apex leads to
apical constriction and basal nuclear movement. This repositioning is followed by
Myoll recruitment at the lateral cortex (forming clusters ~10 um from the apex).
Temporal cross-correlation analysis showed that apical Myoll contractions and
nuclear displacement occur simultaneously, while lateral Myoll recruitment is
delayed by ~5 minutes, indicating that the second tier of Myoll forms only after
nuclear displacement. Myoll lateral clusters (Myoll-LCs) were spatially correlated
with nuclear position, with more basally located MyolI-LCs associated with more
basally displaced nuclei. Finally, the strong correlation between apical cell surface
area and nuclear position supported the idea that apical constriction drives basal
nuclear displacement.

2. Constriction-induced nuclear displacement is necessary for the formation of
MyollI lateral clusters

I then sought to test the role of apical constriction in driving nuclear basal
displacement. Using infrared femtosecond laser dissections to disrupt the apical
actomyosin cytoskeleton, I observed that cells failing to constrict retained apically-
located nuclei, preventing MyolI-LC formation. Conversely, enhanced constriction in
control regions led to more basally located nuclei and increased Myoll-LC
recruitment. To ensure these effects were not due to the loss of apical Myoll, I used
an optogenetic tool to induce ectopic basal constriction in a subset of mesoderm cells.
This kept nuclei apically located and abolished Myoll-LC formation. Injecting
fluorescent beads to track cytoplasmic flows, I demonstrated that apical constriction
drives a basally-directed flow, and its reversal leads to the loss of previously
established Myoll-LCs. These findings confirm that Myoll-mediated apical
constriction generates a cytoplasmic flow displacing nuclei necessary for lateral
Myoll recruitment, which is a reversible process.

3. Nuclear position defines the location of Myoll lateral clusters

To enable multiple tissue shape changes to occur simultaneously, mesoderm cells
establish actomyosin tiers at two distinct apicobasal positions. Given that MyolI-LCs
are consistently formed ~10 um from the apical side and their position appears
correlated with the position of the nuclei, I then investigated the mechanisms
controlling the apicobasal establishment of Myoll-LCs. By tracking the position of
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MyolI-LCs relative to the neighbouring nuclei surrounding the enriched lateral cortex,
I identified a predictive model: MyolI-LCs are positioned at half the distance between
the apical side of the cell and the average position of the two adjacent nuclei, hereby
termed the “halfway rule”. To test this model, I sought to modulate nuclear positioning
in vivo. First, I developed a novel protocol for embryo centrifugation. This procedure
resulted in enhanced nuclear displacement and more basally located MyolI-LCs.
Conversely, by using infrared femtosecond laser dissection on a portion of the
mesoderm tissue, I induced a sub-tissue delay in constriction, leading to more apically
located nuclei. Consequently, Myoll-LCs formed more apically. Strikingly, in both
scenarios, the location of MyolI-LCs obeyed the "halfway rule."

4. Isotropic coalescence of the cortical actomyosin drives the formation of Myoll
lateral clusters

Why would Myoll clusters be established ‘halfway’? By monitoring RhoGEF2
distribution in mesoderm cells, I observed that as nuclei displace, RhoGEF2 is
recruited to the lateral cortex, as previously reported, spanning the region between the
nucleus and the apical side. This recruitment activates the cortical actomyosin
network, leading to its coalescence and the formation of Myoll-LCs. Using
optogenetic tools to recruit RhoGEF2 to the lateral cortex with varying lengths of
activation, I demonstrated that Myoll-LCs consistently coalesce isotropically,
forming a cluster at the midpoint of the activated region.

5. Mesoderm cells do not undergo nuclear deformation during early gastrulation

Recent research highlighted the role of nuclear deformations in controlling gene
expression, cytoskeletal dynamics, and cell behaviour in various contexts. To
determine whether nuclear mechano-transduction plays a role in this process, I
monitored nuclear contours throughout early gastrulation in Drosophila embryos. 1
did not observe changes in global eccentricity nor local curvature, ruling out the
involvement of nuclear deformation in this process.

6. Nuclear position spatiotemporally controls the distribution of the microtubule
network

I explored how the nucleus regulates RhoGEF2 recruitment to the lateral cortex.
Initially, I considered the nucleus might physically block cortical access. However,
using optogenetics to recruit RhoGEF2 to lateral cortices flanked by nuclei still
resulted in MyolI-LC formation, ruling out direct control. Instead, the nucleus may
indirectly control RhoGEF2 density. Studies suggested that microtubules deliver
RhoGEF2 through +TIP interactions, particularly with EB1. Monitoring EB1 during
early gastrulation, I observed that microtubule plus-ends, initially apical, reorganize
to the lateral cortex as the nucleus moves basally, mirroring RhoGEF?2 redistribution.
Infrared femtosecond laser dissection of the apical actomyosin network showed that
apical nuclear relocation inhibits EB1 recruitment to the lateral cortex. To further
dissect this process, I developed an in silico model of a mesoderm cell, using in vivo
data as boundary conditions and varying parameters such as geometrical constraints
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and microtubule properties. I demonstrated that within the columnar shape of
mesoderm cells, the nucleus acts as a microtubule compartmentalizer, with most
microtubules from the apical MTOCs contained between the nucleus and the apical
side. I showed that the apicobasal position of the nucleus regulates the cortical
distribution of microtubule plus-ends. Decreasing the nuclear radius inhibited this
compartmentalization, while increasing it emphasized the effect, supporting the
nucleus as a spatiotemporal organizer of the cytoskeleton.

7. Microtubules can control actomyosin dynamics during early gastrulation

I investigated whether the microtubule network regulates actomyosin activity in
mesoderm cells. Observing microtubules radiating from MTOCs towards the lateral
cortex, where Myoll-LCs form, I used a pharmacological approach to disrupt
microtubules. While Myoll recruitment at the apical tier remained unchanged, defects
in the network impaired apical constriction, mimicking ROCK inhibitor effects. In
cells with disrupted microtubules, basal nuclei were observed only in those that
managed to constrict, supporting constriction-induced nuclear relocation.
Additionally, microtubule depolymerization led to the significant loss of the lateral
Myoll tier.

8. Microtubules can control the cortical density of RhoGEF2

To achieve spatiotemporal control of microtubule dynamics, I implemented a live-
injection protocol to monitor RhoGEF2 cortical distribution at the lateral cortex. I
observed that microtubule disruption resulted in the rapid loss of cortical RhoGEF2.
A similar outcome was observed using an opto-pharmacological tool to induce
spatiotemporal microtubule depolymerization.

9. RhoGEF2 and microtubule plus-ends are planar-cell polarized in the
presumptive mesoderm

Myoll-LCs are planar-cell polarized (PCP) in the mesoderm tissue, preferring
dorsoventral (D-V) junctions to drive tissue convergence-extension along the anterior-
posterior (A-P) axis. To investigate the underlying mechanisms, I imaged RhoGEF2
and could observe its PCP distribution. A similar analysis of the microtubule plus-end
protein EB1 initially showed no clear PCP pattern. However, tracking EB1 over time
revealed that microtubule plus-ends exhibit temporal PCP, increasingly accumulating
at D-V junctions.

10. The RhoGEF2-anchoring protein T48 is necessary for the formation of Myoll
lateral clusters and subsequent intercalation

Previous research has shown that the protein T48, usually at the apex of mesoderm
cells, anchors RhoGEF2 to initiate apical constrictions. To see if T48 also influences
Myoll lateral tier formation, I imaged its subcellular distribution. When
overexpressed, T48 was also recruited to lateral cortices. In a T48 mutant line, I could
observe a significant loss of Myoll-LCs and aberrant cell intercalations, termed
‘bowtie’ intercalations, and previously described to be defective to extend the tissue.
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Nuclear position controls the activity of cortical actomyosin
networks powering simultaneous morphogenetic events

Nicolas Roby, Matteo Rauzi

University Céte d’Azur, CNRS, Inserm, iBV, Nice, France

ABSTRACT

Tissue morphogenesis shapes epithelial sheets via cell remodeling to form functional living
organisms. While the mechanisms underlying single morphogenetic events are well studied,
how one tissue can undergo multiple and concomitant shape changes remains largely
unexplored. To tackle this question, we study the morphogenetic process of simultaneous
mesoderm folding and extension in the early Drosophila embryo. This composite tissue
transformation relies on a sharply timed reorganization of the cortical actomyosin network in
two distinct subcellular tiers to drive concomitant cell apical constriction and lateral
intercalation for tissue folding and convergence-extension, respectively. Here we elucidate the
spatiotemporal control of the two-tiered actomyosin network. We show that, within the
geometric constraints imposed by the columnar shape of mesoderm epithelial cells, the
nucleus acts as a barrier shielding the lateral cortex from interactions with the microtubule
network, thereby regulating the distribution of the key signaling molecule RhoGEF2. The
relocation of the nucleus, driven by the contraction of the first actomyosin tier and the resulting
cytoplasmic flow, unshields the lateral cortex for RhoGEF2 delivery to direct the stereotypic
formation of the second actomyosin tier. Thus, the nucleus and its position function as a
spatiotemporal cytoskeleton compartmentalizer establishing a modular scaffold powering

multiple and simultaneous cell transformations for composite morphogenesis.
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Introduction

The morphogenesis of epithelia displays remarkable plasticity and robustness during embryo
development: living tissues actively remodel their shape while maintaining their structural
integrity to establish functional organisms. Tissue remodeling relies on the ability of epithelial
cells to generate mechanical forces and to acquire new shapes and position while maintaining
cell-cell contacts'?. To achieve this, cells remodel their cytoskeleton in an orchestrated
fashion®® under the control of signaling cues established both at the local and organismal
levels®.

An outstanding example of epithelial plasticity and robustness is composite
morphogenesis, the process by which an epithelial tissue undergoes multiple and
simultaneous shape transformations’. For instance, epithelia can simultaneously fold and
extend to drive embryo gastrulation, neurulation or tubulogenesis®'°. While great advances
have been made to unveil the mechanisms underlying single morphogenetic processes, how
composite morphogenesis is directed and coordinated is largely unexplored. To tackle this
question, we study the concomitant folding and extension of the prospective mesoderm during
early Drosophila gastrulation. Recent work has shown that mesoderm epithelial cells establish
two junctional tiers formed by actomyosin networks tethered to E-cadherin and tailored for
distinct functions. The first tier is apically located and mediates cell apical constriction for tissue
furrowing (Figure 1a, b and 1b’, bottom)''. The second tier is positioned laterally (~10 ym from
the apical side) and is planar cell polarized to initiate cell intercalation for tissue convergence-
extension (Figure 1a, b and 1b’, top)8. With this study, we aim to shine new light on the
mechanisms that spatiotemporally coordinate the formation of functionally distinct cytoskeletal
networks for simultaneous cell shape and topology changes. While the two tiers share the
same nature, their origin differs. The first tier is under the control of the cell apical-basal
polarity'? and it is shaped by apical-medial actomyosin contractions'®. The second tier is
formed by the coalescence of the cell lateral actomyosin network, focusing E-cadherin to form

a cluster®. Overall the formation of the two-tier junctional system is under the control of the



54

55

56

57

58

59

60

61

62

63

64

65

66

67

68

69

70

71

72

73

74

75

76

77

78

79

80

synergistic interaction between the embryo anterior-posterior (AP) and dorsal-ventral (DV)
gene patterning systems®. How the lateral actomyosin network is spatiotemporally controlled
is still unknown.

In addition to the molecular signaling, the change in position and shape of cellular
organelles play a role in cell remodeling''%. During the phase of apical constriction of
mesoderm epithelial cells, the cell nuclei migrate basally'¢'”. While a great body of work has
highlighted the mechanisms controlling nuclear relocation and the role of nuclear
mechanotransduction in cell polarity, migration, division, or fate determination’®2%, how the
position of the nucleus participates in tissue remodeling remains elusive. We now investigate
this during mesoderm folding and extension. We provide evidence that the nucleus functions
as a cellular compartmentalizer and that its relocation spatiotemporally organizes the cell
cytoskeleton and the distribution of the Rho guanine exchange factor RhoGEF2 to establish a
second actomyosin tier for cell intercalation.

Finally, by implementing advanced live imaging, laser manipulation, optogenetics, and
molecular modeling, this study reveals the mechanisms underlying the spatiotemporal control
of the cortical actomyosin cytoskeleton to form a modular scaffold for simultaneous

morphogenetic events.

Results

Myoll upregulation along the cell lateral cortex follows nuclear migration

During the initial phase of gastrulation, Myoll accumulates both at the apical and lateral side
of mesoderm cells to establish a two-tier actomyosin scaffold generating contractile forces for
both apical constriction and cell intercalation (Figure 1b, b’ bottom and top panel, respectively).
To investigate the origin of the lateral tier, we monitored Myoll dynamics and the cellular
processes occurring in the mesoderm tissue. Recent work has shown that apical Myoll,
mediating constriction of the cell apical surface (Figure 1b and b’ bottom panel), precedes

lateral Myoll upregulation®. Seminal studies have reported that, during apical constriction,
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mesoderm cell nuclei migrate toward the cell basal side'®'”. To time the sequence of events,
we performed a cross-correlation analysis between nuclear position and Myoll accumulation
at the apical and lateral cortex over time. Our data shows that, while the migration of nuclei is
synchronized with the increase of apical Myoll (Supplementary Figure 1b and c), the peak of
nuclear displacement rate precedes by about 2 minutes the peak of lateral Myoll accumulation
rate (Figure 1c and d, Supplementary Figure 1a and ¢, Supplementary Movie 1). In addition,
the apical-basal location of individual Myoll lateral clusters (Myoll-LCs) appears to correlate
with the position of the corresponding nuclei (Supplementary Figure 1d). Altogether, these
evidences highlight a possible link between nuclear migration and the formation of the Myoll
lateral tier.

In 2012, Gelbart and colleagues formulated the volume conservation principles by
which apical constriction drives cytoplasm flow pushing the nucleus towards the cell basal
side?'. This model is based on the assumption that the cytoplasm is an incompressible fluid
and that the nucleus works as an “impassable piston”. Tissue-scale cytoplasmic flow was then
demonstrated by He et al. in 2016%2. While Gelbart and colleagues show a strong correlation
between apical constriction rate and the rate of nuclear displacement, we now directly tested
the relationship between the apical cell surface area and the nuclear position over time. Our
analysis shows that the position of the nucleus along the apical-basal axis of the cell is tightly
coupled with the apical surface area of the cell (Figure 1e and f).

Finally, our analyses further support the idea that Myoll-dependent apical constriction
controls nuclear apical-basal position and show that the formation of the Myoll lateral tier

follows nuclear migration.

Nuclear migration controls lateral Myoll upregulation

Nuclear migration and lateral Myoll upregulation show spatial and temporal correlation. To test
if the basal displacement of nuclei is necessary for Myoll-LC formation, we devised a set of
experiments to interfere with nuclear migration. As nuclear positioning is strongly correlated

with cell surface changes (Figure 1f), we implemented infrared (IR) femtosecond (fs) laser
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ablation of the apical actomyosin network to abort apical constriction and eventually inhibit
nuclear migration while preserving cell membrane integrity (Figure 2a and b, Supplementary
Figure 2a and Supplementary Movie 2). It should be noted that IR fs laser ablation is a multi-
photonic technique with high spatial specificity? (i.e., depth resolution of about 1 ym) that is
effective to selectively dissect the actomyosin network located at the apical side of cells
(Supplementary Figure 2h, i). Upon ablation, apical constriction is inhibited and nuclei fail to
move basally (Figure 2¢ and d). This evidence directly demonstrates a causal link between
nuclear migration and apical constriction, corroborating the idea that nuclei behave as cellular
“pistons”?!. Remarkably, Myoll-LCs are inhibited in the zone where nuclei fail to displace
basally (Figure 2c, ¢’ and e). In the zone next to the ablated region (i.e., the control zone),
cells rapidly shrink their apical surface area and display enhanced apical constriction as a
consequence of released tension in neighboring cells (Supplementary Figure 2a and b, blue).
As a result, nuclei in the control zone move significantly more basally compared to nuclei in
non-ablated embryos (Figure 2d) preserving or even enhancing the formation of Myoll-LCs
(Figure 2c, Supplementary Figure 2g and Supplementary Movie 3). Intriguingly, enhanced
formation of Myoll-LCs can similarly appear in non-ablated embryos that overexpress
RhoGEF2 (Supplementary Figure 2g and g’). To further test the causal relationship between
nuclear migration and lateral Myoll upregulation, we implemented optogenetics to prevent
nuclear basal displacement. More specifically, we used two-photon optogenetics to ectopically
activate Myoll at the cell basal side, resulting in cell basal constriction (Supplementary Figure
3a, b and ¢)**?°. As a result, nuclei are kept close to the apical cell side (i.e., nuclear migration
is impaired) and the formation of lateral Myoll-LCs is inhibited (Supplementary Figure 3d, e
and f). Altogether, this shows that nuclear migration is necessary for lateral Myoll upregulation.

We then wondered if the formation of Myoll-LCs is a reversible process. To that end,
we devised an experimental trial to reverse the cytoplasmic flow and move nuclei back to the
apical surface. We injected fluorescent inert beads to monitor cytoplasmic flow
(Supplementary Figure 2c) and performed IR fs laser ablation to dilate apically-constricted

cells once Myoll-LCs were formed. Ablation results in apical cell surface dilation, leading to a



137

138

139

140

141

142

143

144

145

146
147

148

149

150

151

152

153

154

155

156

157

158

159

160

161

162

163

164

reversal of the cytoplasmic flow (Supplementary Figure 2¢’). The cytoplasmic flow scales with
the changes in apical cell surface, and the flow directionality can be flipped from centripetal
(i.e., from apical to basal) to centrifugal (i.e., from basal to apical) if cells shift from constriction
to dilation (Figure 2f). As a consequence, nuclear migration is also reversed in the ablated
region (Supplementary Figure 2d and e) and lateral Myoll is downregulated (Supplementary
Figure 2f).

Overall, our data demonstrate that nuclear basal migration is necessary for the

formation of Myoll-LCs, which is a reversible process.

Nuclear position defines the actomyosin coalescing zone and the location of Myoll
lateral clusters

Our previous results show that nuclear migration is necessary for Myoll lateral upregulation
and indicate that the location of Myoll-LCs is not stochastic but rather follows the position of
nuclei (Supplemental Figure 1d). To better decipher the relationship between nuclear migration
and the upregulation of lateral Myoll, we considered four possible working models and
performed a thorough quantitative analysis of the relative position between nuclei and Myoll-
LCs. In general, a Myoll-LC is surrounded by four cells (i.e., four basal nuclei) and is located
at the cortex between two adjacent cells (Figure 3a). Therefore, we hypothesized that the
position of the Myoll-LC could be controlled by the most apical (model 1) or the most basal
(model 2) nucleus among the four, by the two adjacent nuclei (model 3 - Figure 3a, A and P
nuclei) or by the two non-adjacent nuclei (model 4 - Figure 3a, D and V nuclei). To test the
predictive capability of the four models, we measured the relative position between the four
nuclei and the corresponding Myoll-LC. Our analysis shows that model 3, having the smallest
standard deviation, has the greatest predictive power (Figure 3b). Model 3 advances the idea
that the Myoll-LC is located at half the distance between the apical side of the cell and the
average position of the two adjacent nuclei (i.e., the “halfway rule”).

To functionally test the “halfway rule”, we ectopically modulated the position of nuclei

and monitored the location of the Myoll-LCs. First, we aimed to reduce nuclear migration. To
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that end, we downregulated apical constriction by ablating the apical actomyosin network
across a portion of the mesoderm and used the non-ablated portion as an internal control.
After ablation, the apical network is progressively restored, resulting in a delayed constriction
and a reduced nuclear migration compared to the control region (Figure 3c, Supplementary
Figure 4a, b and d, Supplementary Movie 4 and Supplementary Methods). Under these
conditions, Myoll-LCs form more apically (Figure 3c and f and Supplementary Figure 4c and
e). Next, we enhanced nuclear migration by implementing embryo centrifugation (Figure 3d
and Supplementary Methods), a technique previously used in cell culture?®. In centrifuged
embryos, nuclear migration is eventually enhanced and Myoll-LCs form more basally (Figure
3e and f, Supplementary Figure 5a, b and b’). In all conditions, the position of Myoll-LCs obeys
the “halfway rule” (Figure 3g). This data corroborates the notion that Myoll-LCs are tightly
controlled by nuclear migration and shows that they stereotypically form halfway between the
apex of the cell and the average position of the two adjacent A-P nuclei.

Which mechanism controls the halfway position of Myoll-LCs? Previous work has
shown that Myoll-LCs result from the coalescence of the cell lateral actomyosin network under
the control of the activating factor RnoGEF28. Considering that RhoGEF2 is enriched along
the lateral cortex between the cell apical side and the nucleus (Supplementary Figure 6a and
a’ top), we can hypothesize that an isotropic contraction of the lateral actomyosin network
would be sufficient to locate MyolI-LCs at the midpoint (Supplementary Figure 6b). To test this,
we used optogenetics to ectopically recruit RhoGEF2 along a cell lateral segment?*. As a
result, Myoll-LCs form in the middle of the activated segment (Supplementary Figure 6¢ and
d and Supplementary Movie 5), comforting the hypothesis that actomyosin isotropic
contraction and coalescence determine MyolI-LC position.

A growing body of evidence has shown that nuclear deformation can lead to acute
changes in genetic expression and cell behavior driven by cytoskeletal remodelling®. To test
if a mechanism involving nuclear deformation is at play during MyolI-LC formation, we imaged
and measured nuclear changes in shape in mesoderm cells during this initial phase of

gastrulation, starting from late cellularization. Our analyses show that both nuclear local
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curvature and global eccentricity do not vary during this time period (Supplementary Figure
7a,a’, bandc).

Finally, our data supports a model based on nuclear position, rather than nuclear
shape, controlling the size of a contractile zone that is established between the cell apical
surface and the nucleus. The position of the Myoll-LCs results from the isotropic contraction

and coalescence of the cortical actomyosin network within that space.

The nucleus works as a microtubule compartmentalizer regulating the cortical

distribution of RhoGEF2

We have shown that the apical-basal position of nuclei determines the location of
MyolI-LCs. Since ectopic accumulation of RhoGEF2 at the cell lateral cortex leads to local
upregulation of Myoll (Supplementary Figure 6a, b, ¢ and d), we wondered if the nucleus per
se controls the cortical recruitment of RhnoGEF2. Since the cross-sectional area of the nucleus
and of the cell are similar (Figure 1e), we can hypothesize that the nucleus can physically limit
cortical accessibility to cytosolic RhoGEF2. To test this, we implemented two-photon
optogenetics to ectopically increase RhoGEF2 levels specifically along the cell cortex flanked
by the nucleus. If the nucleus limits cortical accessibility to RhoGEF2, Myoll-LC formation is
expected to be compromised upon activation. After activation, Myoll is upregulated and a
cluster forms between nuclei similarly to control conditions (i.e., along the part of the cortex
not flanked by nuclei - Supplementary Figure 6e). This evidence speaks against a direct
regulation of RhoGEF2 by the nucleus, leaving open the possibility of an indirect nucleus-to-
RhoGEF2 regulation.

Previous studies have reported an association between RhoGEF2 and microtubule
(MT) plus ends, via the end-binding protein EB127:28, EB1 live imaging in mesoderm cells
during furrow formation shows MT plus ends radiating from the MT organizing centers (i.e.,
MTOCs, located at the apical side of the nucleus) towards the lateral cortex where Myoll

eventually clusters (Supplementary Movie 6). Therefore, we hypothesized that nuclear



220

221

222

223

224

225

226

227

228

229

230

231

232

233

234

235

236

237

238

239

240

241

242

243

244

245

246

247

position can regulate MT distribution. To test this, we measured EB1 density along the cell
lateral cortex at the onset and 7 minutes into gastrulation when nuclei migrate basally and
RhoGEF2 is laterally enriched. EB1 density increases over time phenocopying RhoGEF2
dynamic distribution® (Figure 4a and b and Supplementary Movie 7). To directly test if the
nuclear position controls MT plus-end distribution, we inhibited nuclear displacement (using
the same experimental design presented in Figure 2b) and measured EB1 cortical distribution.
In the region where nuclear migration is impaired, the cortical levels of EB1 significantly drop
(Figure 4c and d). This demonstrates that nuclear migration controls the density of MT plus
ends along the cell lateral cortex. To explore how the nucleus can dictate MT plus-end
distribution, we developed an in silico model using the Cytosim simulator' by implementing in
vivo measurements of MT properties and cell geometry as boundary conditions
(Supplementary Figure 8a, b, ¢, d and e and Supplementary Movie 8). We measured the
density of MT plus ends contacting the lateral cortex at different apical-basal positions and in
multiple conditions (e.g., with the nucleus at a more apical or more basal location, see
Supplementary Methods). Our analyses show that MT plus ends contact the lateral cortex
mostly in the zone between the apical side of the cell and the nucleus and that the plus-end
density drops beyond the nucleus position (Figure 4e, f, g and h). We then systematically
varied both subcellular geometric features and MT properties to assess their contribution in
this process. While the distance between centrosomes plays a mild effect, the only parameter
playing a major role is nuclear size: a larger nucleus more effectively limits the number of plus
end-to-cortex contacts (Figure 4i and Supplementary Figure 8f, g, h, i, j and k). These
evidences outline a model in which the nucleus works as a MT compartmentalizer physically
shielding the cortex from MT plus ends.

We then functionally tested the role of MT in driving Myoll-LCs. To that end, we used
Colcemid to depolymerize MTs while preserving MTOC integrity (Supplementary Figure 9a
and b). Colcemid injection during late cellularization leads to a strong downregulation of Myoll-
LCs (Supplementary Figure 9f). Previous work has shown that MT disruption does not affect

the initial phase of apical constriction that is characterized by cell stochastic ratcheted pulsatile
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contractions'2%, Nevertheless, while the first phase is indeed preserved, our data show that
the following phase, characterized by concerted apical constriction, is strongly compromised
(Supplementary Figure 10a and a’). More specifically, a great number of cells fail to apically
constrict, phenocopying mesoderm cells from embryos injected with a 5mM ROCK-inhibitor
Y-27632, ultimately resulting in furrow formation failure. (Supplementary Figure 10b and
Supplementary Movie 9). In Colcemid injected embryos, cells that still apically constrict show
a basally located nucleus while un-constricted cells maintain their nucleus to their apical side
(Supplementary Figure 10c). These evidences rule out MTs as active contributors to nuclear
migration and corroborate the notion that the displacement of nuclei is driven by constriction-
dependent cytoplasmic flow. The fact that cells deprived of MTs and with a displaced nucleus
show no distinctive Myoll-LC formation (Supplementary Figure 9f), demonstrates that both
MTs and nuclear migration are necessary but not sufficient per se to form Myoll-LCs.

Mesoderm cell intercalation is initiated by Myoll-LCs that are distributed in a planar cell
polarized (PCP) fashion with higher levels along DV junctions 8. RhoGEF2 and EB1 also show
the same PCP distribution (Supplementary Figure 10d, d’, e, f, g). In addition, RhoGEF2 show
high levels at the two MTOCs (Supplementary Figure 6a’, bottom) where EB1 is also highly
concentrated (Supplementary Figure 8d). We can thus raise the hypothesis that MT plus ends
are prevalently targeting DV junctions for local RhoGEF2 delivery and consequent PCP
actomyosin activation. To test this hypothesis, we monitored changes in cortical RhoGEF2
density upon MT disruption. To that end, we performed time-controlled injection of Colcemid
during lateral Myoll upregulation (i.e., after apical constriction and nuclear migration —
Supplementary Figure 9¢c and Supplementary Methods). After injection, RhoGEF2 is
downregulated within 20 seconds (Figure 4j and k). A similar result is obtained when
implementing photo-controlled depolymerization of MTs using SbTub4AP' (Figure 4k,
Supplementary Figure 9d, e and g and Supplementary Movie 10). Overall, this demonstrates
that MT plus ends spatiotemporally control RhoGEF2 cortical recruitment.

The transmembrane protein Transcript 48 (T48) has been shown to be expressed in

mesoderm cells and to act as a cortical anchor to capture RhoGEF2'4.'8, Live imaging of T48
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overexpression show that T48 can indeed locate at the cell cortex (Supplementary figure 10h
and h’). In T48 mutant embryos, while apical constriction and nuclear migration is overall
preserved (showing in most cases only a mild phenotype — Supplementary Movie 11 and 12),
MyolI-LCs are inhibited (Figure 41 and m). Moreover, in this mutated background, mesoderm
cells exchange neighbours in an aberrant fashion (previously described as bowtie intecalation’
- Supplementary Figure 10i). This shows that T48 is pivotal for the establishment of Myoll-
LCs.

Finally, our data show that the nucleus functions as a MT compartmentalizer controlling
the cell cortex accessibility. Therefore, nuclear migration enables MT to redistribute along the
lateral cortex and to deliver RhoGEF2 with spatiotemporal precision with the support of T48

to form Myoll-LCs.

Discussion

Composite morphogenesis, characterized by multiple and simultaneous tissue shape
transformation, is a vital process during embryo development’. We investigate the
mechanisms underlying the concomitant folding and extension of the prospective mesoderm
during Drosophila embryo early development. During gastrulation, mesoderm epithelial cells
establish a junctional modular system supported by a two-tier actomyosin scaffold at the cell
apical and lateral side mediating apical constriction and lateral cell intercalation for
concomitant folding and extension, respectively®. This study dissects the spatiotemporal
coordination of the two-tiered scaffold, shedding new light on the subcellular control of
cytoskeletal networks.

We show that nucleus relocation within mesoderm epithelial cells is the coordinating and
triggering mechanism leading to the stereotypic formation of the lateral actomyosin tier. At the
onset of gastrulation, mesoderm cells apically constrict in a concerted fashion driving a basally

directed cytoplasmic flow that pushes nuclei towards the cell basal side. This nuclear
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movement triggers a sudden change in the architecture of the MT network that delivers
RhoGEF2 to the lateral cortex. As a result, the cortical actomyosin, activated by RhoGEF2
signaling, coalesces isotropically to form the lateral tier. Remarkably, cortical RhoGEF2 levels
drop within tens of seconds after MT depolymerizing and lateral Myoll accumulation can be
enhanced when ectopically increasing the rate of nuclear relocation. Overall, this supports a
model in which RhoGEF2 cortical recruitment is tightly controlled by the time-integrated MT-
to-cortex interaction.

Nuclear repositioning is pivotal in several processes including body axis
determination®, nervous system development3!, cell proliferation®? and cell death®. We now
show that the relocation of this large organelle plays a paramount role in tissue morphogenesis
by regulating cytoskeletal dynamics. Often, nuclear relocation relies on MTs3437. Nevertheless,
the actomyosin cytoskeleton can also power the displacement of the nucleus. For instance,
actomyosin contraction can drive cytoplasmic advection dragging the nucleus in the center of
the mouse oocyte3® and spreading nuclei in the Drosophila syncytium?®, or it can generate
directed traction forces pulling the nucleus during cell apoptosis in pseudo-stratified
epithelia®3. We demonstrate that, in epithelial mesoderm cells, the nucleus acts as a piston
pushed basally by the cell cytoplasm that behaves as an incompressible fluid, as previously
theorized?'. We further show that basally directed cytoplasmic flow results from actomyosin
contraction forces driving the constriction of the apical side??.

Columnar cells, characterized by an elongated prism-shape, are common in epithelia
and play roles in absorption, secretion, protection, and structural support. This study highlights
a novel function for column shaped cells in tissue morphogenesis and embryo development.
The elongated geometry of mesoderm cells provides a cellular platform that is functional to
establish subcellular niches, with different biochemical and mechanical properties, engaged
in distinct morphogenetic transformations. In such a long and narrow cell, the nucleus acts as
a cytoskeleton compartmentalizer and its relocation modulates the activity of the actomyosin
cortex by controlling the MT-to-cortex interaction. Thus, the nucleus functions as an apicobasal

organizer structuring the actomyosin cortex in a multi-tiered scaffold possibly complementing
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or overcoming the cell apicobasal signaling that is downregulated specifically in the mesoderm
during this early gastrulation phase?.

In the prospective mesoderm, RhoGEF2 is involved in the regulation of the actomyosin
cytoskeleton both apically (i.e., the first tier*'-6) for apical constriction and laterally (i.e., the
second tier®) for cell intercalation. Intriguingly, in the neighboring ectoderm, cell intercalation
is under the control of both RhoGEF2 and DpRhoGEF11428, What is the basis for such
difference? The dual control in the ectoderm could rely on a moderate expression of RhoGEF2
to avoid strong apical contractile forces and to maintain a more fluid-like medial-apical
meshwork facilitating junction remodeling*” while preserving the cell apical surface area.
Therefore, a second RhoGEF (i.e., DpPRhoGEF114), excluded from the cell apical-medial
region and specifically recruited at junctions, is necessary to provide the sufficient signaling
control for cell intercalation?®. Conversely, in the mesoderm, RhoGEF2 may be expressed at
higher levels to provide alone a sufficient activating signal for both cell shape and topological
changes.

We report that RhoGEF2 is planar cell polarized in the mesoderm tissue. How is
RhoGEF2 PCP achieved? We show that microtubule plus ends, that tightly regulate the
cortical distribution of RhoGEF2, contact the cell lateral cortex more often along cell sides
parallel to the DV axis. This supports a model where MTs deliver RhoGEF2 via EB127:28:48
preferentially along DV junctions. How is the MT plus-end PCP established? Plus-end PCP is
not the result of mesoderm cell anisotropic shape during tissue furrowing since reducing shape
anisotropy by laser ablation does not downregulate but rather enhances Myoll PCP. MT PCP
could instead result from a polarized stabilization of the EB1-RhoGEF2-T48 complex at the
cortex?’. Since the mesoderm share a similar genetic background as the bordering ectoderm,
further work is necessary to test if the factors controlling Myoll PCP in the ectoderm*%5° are
also acting in the mesoderm.

A recent study has reported that T48 contributes to regulate cellularization 5'. We now
show that T48 also plays a specific function in the formation of the two-tier actomyosin scaffold

at the onset of gastrulation. While T48 is overall unnecessary for the formation of the apical
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actomyosin network#4, it is key for the establishment of the lateral tier. Our data corroborates
the notion that T48 is a cortical protein, yet future work is necessary to determine how T48 is
specifically distributed along the different cortical sides of mesoderm cells. In T48 mutant
embryos, mesoderm cells undergo bowtie intercalations. This aberrant T1 process, also
reported in bicoid, nanos and torso triple mutants?, is characterized by a stochastic distribution
of cell cross-sectional areas probably driven by an unsynchronized nuclear migration.
Concertina (the alpha-subunit of the GPCR protein Mist) is another known signaling factor
participating in RhnoGEF2 localization?” during early mesoderm morphogenesis*6. A renewed
effort is necessary to dissect the role of Concertina in the establishment of the two-tier
actomyosin scaffold.

Mesoderm morphogenesis, during the early phases of gastrulation, provides a
powerful paradigm to study simultaneous tissue folding and extension. Cell columnarisation,
apical constriction, nuclear basal migration and microtubule architecture remodeling have
been reported also during other vital processes (e.g., during neurulation®?) in which tissues
concomitantly fold and extend. Now, this study opens a new path to unravel the cellular

mechanisms underlying such complex tissue transformation.
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FIGURE LEGENDS

Figure 1. Nuclear migration precedes Myoll-LC formation. a, The prospective mesoderm
simultaneously folds and extends at the onset of Drosophila gastrulation. Cross-section (left),
surface view (top-right) and sagittal section (bottom-right). White arrowhead and dashed line
indicate the furrow position. Scale bar, 50 yum. b, Sagittal view of mesoderm cells showing a
two-tier organization of Myoll. Scale bar, 5 um. b’, Time-lapse showing the lateral and apical
pool of Myoll driving cell intercalation (top) and apical constriction (bottom), respectively. Scale
bars, 5 ym. ¢, Time-lapse of the mesoderm cross-section during ventral furrowing. Arrowheads
indicate Myoll-LCs. Scale bar, 10 um. d, Myoll lateral intensity and nuclear position in function
of time. Inset: temporal cross-correlation between the peak of nuclear migration speed and
the peak of Myoll lateral recruitment. Apex-to-nucleus distance: distance between the apical
side of the cell and the apical side of the nucleus (n=3 embryos, N=45 junctions, N= 30 nuclei).
e, Mesoderm front view (left) and cross-section (right) time-lapse showing apical constriction

and the associated nuclear displacement. Scale bars, 10 um. f, Mean nuclear position in



function of the mean apical cell surface at different phases of mesoderm invagination. Inset:
raw values with an exponential fit (y= 69.212*e09%x) (n= 5 embryos, N= 925 cells, N= 925

nuclei).

Figure 2. Constriction-induced cytoplasmic flow controls nuclear position and Myoll-
LC formation. a, Mesoderm tissue upon laser dissection of the apical actomyosin network
along two DV segments (dashed lines). Blue and red segments indicate control and cut cells,
respectively. Scale bar, 10 ym. b, Schematic representation of cell shape, nuclear position
and Myoll distribution in the control (blue) and cut (red) region. Cross: dissection of the apical
actomyosin network. Arrowheads: apical contraction forces. ¢, Front view at 10 ym from the
apical side and sagittal section of the mesoderm at the onset of and 7 minutes into gastrulation.
Crosses indicate the sites of ablation. Arrowheads indicate Myoll-LCs. Scale bar, 10 um. ¢’,
Magnified views of Myoll-LC distribution in the control (1) and cut (2) region. Scale bars, 5 pm.
d, Nuclear position in the control (blue) and cut (red) region and in control embryos (grey)
devoid of laser dissection. Apex-to-nucleus distance corresponds to the distance between the
apical side of the cell and the apical side of the nucleus (n= 6 embryos, N= 90 nuclei). e, Myoll
intensity at 10 uym from the apical side at the onset of and 7 minutes into gastrulation in the
region where nuclei fail to migrate as a result of apical laser ablation, in the control region and
in control embryos (n=6 embryos, N= 88 junctions). f, Cytoplasmic flow along the cell apical-
basal axis in cut and control cells in function of changes in apical cell surface (n=5 embryos,

N= 24 beads, N= 24 cells).

Figure 3. The position of the nucleus dictates Myoll-LC apicobasal location. a, Sagittal
view of mesoderm cells showing Myoll-LC (white arrowhead) and the two corresponding
nuclei. Dashed line highlights the cell outline. Scale bar, 5 ym. a’y, Top: Schematic
representation of two cell sharing a Myoll-LC. Bottom: schematic representation of the
initiation of a cell intercalation event (A is anterior, P posterior, D dorsal and V ventral). b,
Quantification of Myoll-to-nuclei relative position (as described by the inset formula) in different

conditions (refer to a’). Right axis: associated standard deviation for each condition (n=5



embryos, N=50 clusters, N= 200 nuclei). ¢, Top: time-lapse showing the ablation of the apical
actomyosin network over an extended portion of the mesoderm. Bottom: magnified views
showing Myoll distribution in the control (left) and cut (right) region. Nuclei, that fail to migrate,
are visible in black at 10 ym depth in the cut region. Arrowheads indicate Myoll-LCs. Scale
bars, 10 ym. d, Schematic representation of the centrifugation protocol employed to drive
enhanced nuclear basal migration (see Supplementary Methods). e, Mesoderm front view at
15 um depth and cross-section in centrifuged (top) and control (bottom) embryos. Arrowheads
indicate Myoll-LCs. Cross-sections show nuclei in cyan and Myoll in purple. Scale bars, 10
pum. f, Apico-basal distribution of Myoll-LCs in embryos undergoing reduced nuclear migration
(blue), control embryos (grey) and centrifuged embryos (purple). Inset shows the cumulative
density relative to the apico-basal position of Myoll-LCs (n=12 embryos, N= 565 clusters). g,
Myoll-LC apico-basal position relative to the average AP nuclear position (refer to a’). Apex-
to-nucleus distance corresponds to the distance between the apical side of the cell and the
apical side of the nucleus. Inset: quantification of Myoll-to-nuclei relative position for each

individual cluster-nuclei pair (n=16 embryos, N=140 clusters, N= 280 nuclei).

Figure 4. Nuclear-dependent MT redistribution controls lateral RhoGEF2 recruitment. a,
Sagittal view of mesoderm cells showing EB1 distribution along the cell lateral cortex at the
onset of (top) and 7 min into gastrulation (bottom). Scale bar, 10 ym. b, Cortical over
cytoplasmic ratio of EB1 at the lateral cortex of mesoderm cells at the onset of and 7 min into
gastrulation (n= 3 embryos, N= 29 cortices). ¢, Left: EB1 distribution at 10 ym depth before
(top) and after (bottom) apical laser dissection (dashed line) and nuclear displacement. Right:
magnified views of the control region (blue) and the region where nuclei relocate apically after
ablation (red). Scale bars, 10 um, 5 ym. d, EB1 intensity along the cell lateral cortex at 10 um
depth in the control (blue) and in the apical nuclear relocation (red) region (n= 5 embryos, N=
146 cells). e, 3D representation of the MT network by mathematical simulation with the nucleus
located apically, basally and with MTOCs separated from the nucleus. f, Percentage of MT

plus ends along the cell lateral cortex between the apical side and the nucleus (blue) and



between the nucleus and the basal side (red) in different conditions (refer to e). g,h,i, MT plus-
end distribution along the cell lateral cortex in the three different conditions (refer to €). n =
100 simulations per condition. The blue and red areas indicate locations between the apical
side of the cell and the nucleus and between the nucleus and the basal side of the cell,
respectively (see inset). j, RhoGEF2 distribution in mesoderm cells at 10 ym from the apical
side upon live-injection of water (top) or Colcemid (bottom). Scale bar, 5 um. k, Cortical over
cytoplasmic ratios of RhoGEF2 in control embryos (water live-injected or water photo-
activated) or upon MT disruption (Colcemid live-injection or SbTub4AP photo-activation with
a 405 nm laser) (n= 12 embryos, N= 145 cells). I, Mesoderm front view time-lapse at 10 ym
from the apical side showing Myoll distribution in WT (left) or T48 mutant (right) embryos.
Scale bar, 10 ym. m, Normalized density of Myoll-LCs in WT or T48 mutant embryos (n=12

embryos, N= 2664 cells).
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Supplementary Figure 1. Myoll and nucleus dynamics during mesoderm internalization. a,
Mesoderm front view time-lapse showing Myoll distribution at the cell apical (top row) and lateral (middle
row) side and nuclear migration (bottom row). Scale bar, 20 pm. b, Apical Myoll intensity and nuclear
position in function of time (n= 3 embryos, N= 45 junctions, 30 nuclei). T = 0 min indicates the onset of
gastrulation. ¢, Myoll intensity rate at the cell apical (green) and lateral (red) cortex and rate of nuclear
basal displacement (blue) in function of time (n=3 embryos, N= 45 junctions, N= 30 nuclei). T = 0 min
indicates the onset of gastrulation. d, Sagittal view of mesoderm cells showing the two-tiered

organization of Myoll and the relative position of Myoll-LCs and nuclei. Scale bar, 10 um.

Supplementary Figure 2. Inversion of nuclear migration disrupts previously established Myoli-
LCs. a, Mesoderm tissue before and after apical dissection (dashed lines). Red and blue segments
indicate cut and control cells, respectively. Scale bar, 10 um. b, Changes in apical cell surface in control
(blue) and cut (red) regions (n= 3 embryos, N= 161 cells). ¢, Z-projection of mesoderm cells injected
with fluorescent beads to map subcellular cytoplasmic flow. Scale bar, 10 ym. ¢’, Sagittal images
showing bead position before (green) and after (red) laser dissection in control (top) and cut (bottom)
conditions (refer to the schematic representation). Dashed lines indicate the apical side of mesoderm
cells. Scale bar, 5 um. d, Mesoderm front view at 10 ym depth and sagittal section (bottom) showing

nuclear position and Myoll distribution before and after laser ablation of the apical actomyosin network



(cross). Red and blue segments indicate cut and control cells, respectively. Insets show magnified views
of Myoll distribution in the region where nuclei relocate apically after ablation of the apical actomyosin
network. Scale bars, 10 um. e, Nuclear position in control (blue) and cut (red) regions. Apex-to-nucleus
distance corresponds to the distance between the apical side of the cell and the apical side of the
nucleus (n= 3 embryos, n= 60 nuclei). f, Lateral Myoll intensity in the region where nuclei relocate
apically as a result of apical laser ablation and in the control region (n= 3 embryos, N= 60 junctions). g,
g’, Mesoderm front view showing lateral Myoll distribution upon laser dissection (g, dashed lines
indicate the ablation regions performed at Z = 0 um) or RhoGEF2 overexpression (g’). Scale bars, 10
um. h, Mesoderm front view just before the onset of gastrulation showing Myoll distribution apically
(top) and at 10 um depth (bottom) before and after apical laser dissection (dashed lines). Red and blue
segments indicate cut and control regions, respectively. Scale bar, 15 ym. i, Changes in Myoll intensity
apically and 10 ym from the apical side upon apical laser dissection in control (blue) and cut (red)

regions (n= 3 embryos, N=18 region

Supplementary Figure 3. Optogenetic inhibition of nuclear migration abolishes Myoll-
LCs. a, Schematic representation of the CRY2-CIBN optogenetic tool for photo-recruitment of
RhoGEF2. b, Schematic representation of control (top) and basally-constricted cells upon
RhoGEF2 basal photo-recruitment and Myoll basal accumulation (bottom). ¢, Mesoderm front
view upon two-photon recruitment of RhoGEF2 (green dashed rectangle) resulting in basal
accumulation of Myoll and ectopic constriction. Scale bar, 20 ym. d, Mesoderm front view at
10 um depth and sagittal view upon photo-induced basal constriction. Green dashed rectangle
indicates the x-y position of the photo-activated area performed in the basal region at 28 ym
depth. Blue and green segments indicate control and activated regions, respectively. Scale
bar, 10 ym. e, Nuclear position in control (blue) and photo-activated (green) regions. Apex-to-
nucleus distance corresponds to the distance between the apical side of the cell and the apical
side of the nucleus (n= 5 embryos, N= 200 nuclei). f, Myoll intensity at 10 um from the apical
side before and after basal photo-activation in the control and photo-activated region (n=5

embryos, N= 141 junctions).



Supplementary Figure 4. Delayed nuclear migration shifts Myoll-LCs towards the apical
region. a, Schematic representation of delayed apical-constriction (resulting fromlaser
dissection and repair of the apical actomyosin network) leading to a delay in nuclear basal
migration. b, Mesoderm front view time-lapse showing control (gray segment) and delayed
(blue segment) region. Scale bar, 10 um. ¢, Myoll distribution in the control (grey) and delayed
(blue) region at different apical-basal positions. Arrowheads indicate MyolI-LCs. Scale bar, 5
um. d, Nuclear position in the control (grey) and delayed (blue) region (n= 3 embryos, N= 126
nuclei). e, Quantification of Myoll-LC apico-basal position in the control (grey) and delayed

(blue) region (n=3 embryos, 52 junctions).

Supplementary Figure 5. Embryo centrifugation enhances nuclear basal migration and
leads to a basal shift of Myoll-LCs. a, Myoll distribution in control (top) or centrifuged
(bottom) embryos at different apicobasal positions. Scale bars, 15 um. b, Mesoderm front view
in a centrifuged embryo at the onset of (top) or 7 minutes into (bottom) gastrulation at different
depths. b’, Magnified views showing nuclear enhanced basal position and subsequent Myoll-

LC deep recruitment. Yellow arrowheads indicate Myoll-LCs. Scale bars, 20 and 10 pm.

Supplementary Figure 6. RhoGEF2 opto-recruitment recapitulates Myoll isotropic
coalescence. a, RhoGEF2 distribution shown over a mesoderm cell sagittal section. Orange
arrowheads indicate RhoGEF2 recruitment on the cell lateral cortex and at the MTOCs. Scale
bar, 5 ym. a’, Top: Schematic representation of RhoGEF2 distribution at centrosome and
lateral cortices. Black dotted line indicates the plane of imaging for bottom image. Bottom:
Front view view of a mesoderm cell showing RhoGEF2 enrichment at MTOCs Scale bar, 2.5
Mm. b, Schematic representation of Myoll isotropic coalescence upon RhoGEF2 opto-
recruitment (orange dashed rectangle). Black dashed line represents the expected final
position of the Myoll focus (i.e., half-way the activated region). ¢, Image sequence of a
mesoderm cell sagittal view upon RhoGEF2 opto-recruitment (orange dashed rectangle). This
results in Myoll accumulation and isotropic coalescence leading to the formation of a Myoll

focus in the mid-position (dashed white line). d, Myoll intensity profile along the cell lateral



cortex upon RhoGEF2 opto-recruitment at different post-activation time points. Dashed line
indicates the mid-position of the photo-activation region (n=6 embryos). Inset: relative position
of the Myoll focus with respect to the activated region (n= 6 embryos). e, Optogenetic
recruitment of Myoll along the lateral cortex at a depth where nuclei are located. Green dashed

rectangle indicates the region of RhoGEF2 opto-recruitment. Scale bar, 5 um.

Supplementary Figure 7. Mesoderm cells do not display nuclear deformation during
two-tier formation. a, Time-lapse showing mesoderm nuclei outlines. Scale bar, 5 ym. a’, 3D
segmentation of a representative mesoderm nucleus during the first 10 minutes of
gastrulation. Scale bar, 2.5 ym. b, Nucleus local curvature during the first 10 minutes of
gastrulation (n= 5 embryos, N=454 nuclei). Inset shows curvature analysis of a representative
nucleus every 3 min. Scale bar, 2. 5 ym. ¢, Nucleus eccentricity measured from 3D segmented

nuclei during the first 10 minutes of gastrulation (n= 5 embryos, N= 641 nuclei).

Supplementary Figure 8. In silico 3D model to probe the role of cell geometrical
constraints on MT plus-end distribution. a, Z-projection of mesoderm cell MTOC before
(top) and during (bottom) gastrulation. Scale bar, 10 um. Right: magnified views before (1) and
during (2) gastrulation. Scale bar, 2.5 ym. b, Centrosomal radius in mesoderm cells before
and during gastrulation (n= 5 embryos, N= 2684 centrosomes). ¢, Inter-centrosomal distance
in mesoderm cells before and during gastrulation (n=5 embryos, N= 390 cells). d, Time-laspe
of a mesoderm cell sagittal view showing MTOCs and nuclei in constant proximity during
nuclear migration. Scale bar, 5 ym. e, Schematic representation of the numerically modelled
cell and list of the tuned parameters. f-k, Distribution of cortical MT plus-ends upon modulation
of geometrical constraints such as nucleus radius (k), distance between centrosomes (I),
distance between nucleus and centrosomes (m) or microtubule properties such as growing
speed (n), shrinking speed (o) and total number of polymers (p) (h= 25 simulations per

condition).



Supplementary Figure 9. Pharmacological approaches to disrupt MT with spatio-
temporal precision and inhibit Myoll-LCs. a, EB1 z-projection in mesoderm cells for
embryos injected with water (top) or Colcemid (bottom). Arrowheads indicate centrosomes
enriched with MT plus ends. Scale bars, 10 um. b, Centrosomin distribution in mesoderm cells
in water and Colcemid injected embryos. Scale bar, 10 ym. ¢, Time-lapse of the mesoderm
tissue z-projection showing MT organization in embryos live injected with Dextran+water (left)
or Dextran+Colcemid (right). Yellow dashed line indicates the extent of drug diffusion at a
given time and the associated MT disruption. Scale bars, 10 ym. d, Time-lapse of mesoderm
cells showing progressive MT depolymerization upon photo-activation of the MT disrupting
drug SbTub4-AP. Arrowheads indicate MT plus ends (comets). Scale bar: 5 uym. e,
Quantification of MT plus-end intensity upon photo-activation of SbTub4-AP (n= 4 embryos,
N= 11 regions). f, Mesoderm tissue at 10 ym depth showing Myoll in water (top) or Colcemid
(bottom) injected embryos. Yellow arrows indicate Myoll-LCs. Scale bar, 10 ym. g, RhoGEF2
distribution in mesoderm cells at 10 um from the cell apical surface in water injected embryos
(top) or upon photo-activation of the photo-switchable MT depolymerizing drug SbTub4AP.

Scale bar, 5 ym.

Supplementary Figure 10. The role of MT and T48 in the formation of the second tier. a,
Segmentation and quantification of mesoderm cell surface area in embryos injected with water
(top) or with the MT-depolymerizing agent Colcemid (bottom) prior to the onset of gastrulation.
Scale bar, 10 um. @’, Distribution of mesoderm apical cell surfaces at the onset of gastrulation
(T= 0 min) and 7 min into gastrulation in water (top) and Colcemid (bottom) injected embryos
(n=13 embryos, N=975 cells). Dashed line indicate mean area. b, Apical cell surfaces of
mesoderm cells upon different pharmacological treatments at the onset of gastrulation and 7
min into gastrulation (n=29 embryos, N= 2648 cells). ¢, Apical cell surfaces and associated
nuclear positioning in water and Colcemid injected embryos at the onset of and 7 min into
gastrulation (n=12 embryos, N= 240 cells, N= 240 nuclei). d, Mesoderm front view showing

RhoGEF2 distribution at 10 um from the apical surface. Scale bar, 10 ym. d’, Orientation with



respect to the AP axis of cells sides that are highly enriched in RhoGEF2 at 10 ym depth (n=3
embryos, N= 30 junctions). e, Time-lapse showing EB1 distribution during cell intercalation at
10 uym depth (A is anterior, P posterior, D dorsal and V ventral). Scale bar, 5 ym. f, EB1
cumulative intensity rate for different cell sides and intercalation events at 10 um from the
apical surface. AP and DV sides, indicate sides parallel to the anterior-posterior and dorsal-
ventral axis, respectively (n=6 embryos, 86 junctions). g, Representative EB1 enrichment at
cell lateral cortices in function of time for different side types (n=1 embryo, N= 15 junctions).
h, Mesoderm front view, sagittal and cross-section showing T48 distribution at different
apicobasal positions. Scale bar, 20 ym. h’, Scheme showing T48-dependent cortical
anchoring of RhoGEF2 to induce local actomyosin contractility. i, Cell intercalation of
mesoderm cells in WT (top) and T48 mutant (bottom) embryos. Yellow dashed lines outline

cell contours. Scale bars, 5 um.

METHODS

Fly stocks and genetics

Drosophila stocks used for live imaging were: Membrane-GFP (Resille::GFP, Spider::GFP),
myosin-mCherry (Sgh::mCherry), membrane-mCherry (GAP43::mCherry), centrosome-GFP
(cnn::GFP), nuclei-GFP (Ubi:Gfp::nls). UASp EB1::GFP, UAsp tubulin::mCherry, UASp
T48::GFP were driven maternally by one copy of (67C) mataTub-Gal4VP16 driver. T48 mutant
embryos were collected from homozygous T48-, Spider::GFP/T48-, Spider::GFP parents. For
optogenetic modulation of basal cell surface, embryos were collected from ubi:
Gap43::mCherry/+; UASp Cry2::RhoGEF2/+; UASp CIBN::pmGFP/osk Gal4 mothers. For

photoactivation of Myoll localization, embryos were collected from Sgh::mCherry/ UASp



Cry2::RhoGEF2; UASp CIBN::pmGFP/osk Gal4 mothers. The complete list of stocks and

genetics is available in Table.1.
Drosophila embryo preparation

Cages containing male and virgin Drosophilae of selected genotypes were established one
day prior to imaging and were maintained at 18°C. Subsequently, the cages were shifted to
25°C for egg laying. Cages were changed every 3 hours to precisely time embryo development
with the onset of Drosophila gastrulation. For optogenetic experiments, cages were kept at a
temperature of 20°C. Freshly laid embryos were collected on 1% agar plates placed within
Petri dishes. To remove the chorion, embryos were briefly exposed to a 50% bleach solution
for 30 seconds. Following this treatment, embryos were thoroughly rinsed with distilled water

and transferred on agar for mounting.
Sample mounting

For confocal and spinning-disk microscopy, Drosophila embryos were collected using a
custom-made needle and carefully oriented in water on MatTek dishes with a 0.17mm
coverslip bottom. For light-sheet imaging, embryos were mounted within a glass capillary filled

with a 0.5% Gelrite solution, ensuring their long axis was parallel to the capillary.
Confocal microscopy

Embryos were imaged using two distinct confocal microscopes. The Zeiss LSM 880 AiryScan
was employed to achieve high-resolution imaging for subcellular structures, utilizing a 40X
objective with a numerical aperture (NA) of 1.1. For laser dissection, optogenetic experiments,
and live injection experiments, the Zeiss LSM 780 was utilized, equipped with a 40X objective
(1.2 NA). Appropriate filter sets for fluorescent channels were used for each experiment. When
Z-stacks were performed, they were acquired using a Piezo stage with a step size of either 1,
2 or 5 um, depending on the need for different temporal resolutions. For rapid Z-stack imaging,

a Nikon TI2-Eclipse spinning disk microscope with a Nikon 60X objective (1.1 NA) was used.
Light-Sheet microscopy (In Toto 4D Imaging)

In toto 4D imaging of Drosophila embryos was conducted using the Luxendo MuviSPIM
selective-plane illumination light-sheet microscope. This instrument was equipped with a 20X
objective featuring a numerical aperture of 1.0. Additionally, a 1.5X lens was incorporated into
the optical path. Z-stacks were acquired with a step size of 1 um. During each acquisition,
embryos were imaged from two opposing orthogonal views, capturing both a 0° dorsal-ventral

view and a 90° lateral view. This approach resulted in the acquisition of four 3D stacks for



every individual time point. The fusion of these four stacks was performed using Matlab 4,

resulting in a final isotropic pixel resolution of 0.29 ym.
Actomyosin meshwork laser dissection

A femtosecond-pulsed infrared laser (IR fs, MaiTai) integrated with a Zeiss LSM 780 NLO
confocal microscope, tuned to a wavelength of 950 nm, was employed for ablating the apical
actomyosin meshwork. Experiments were conducted using a 40X objective with 1.2 NA. The
Zeiss Zen software was configured with bleach mode (110 mW laser power at the focal plane,
single iteration, 2.15 us pixel dwell time and 1s frame rate). To investigate the modulation of
apical cell surface constriction and nuclear positioning, single ablations were exclusively
conducted in the dorso-ventral axis of the mesoderm tissue. In cases where ablations were
performed prematurely, they were repeated at the appropriate developmental timing to
observe the intended effects. For experiments aimed at delaying furrow invagination, a grid
pattern of iterative ablations targeting the apical actomyosin network was employed to reduce
anisotropic tearing and moderate tear amplitude. Ablations were performed each time the
network showed signs of recovery to hinder the restoration of the actomyosin network and

further delay constriction in the cut region.
Optogenetic recruitment of RhoGEF2

Cry2 optogenetic experiments were carried out on Zeiss 780 LSM confocal microscope with
a 40X 1.2 NA objective, using bleach mode on Zeiss Zen software, with 2-P MaiTai tunable
laser. Photo-recruitment of RhnoGEF2 was achieved by line or rectangular activation on cortex

using 950nm, 18 mW laser power at the focal point, 40 iterations, 3.5 s pixel dwell.
Drosophila micro-injections

Dechorionated embryos were dried using silica beads for 7-10 minutes, then mounted on
heptane glue-coated coverslips in halocarbon oil before microinjection. Microinjection was
conducted using micro-needles prepared by a Narishige vertical puller, using borosilicate
glass capillaries with filament. Microinjections were executed using an Eppendorf FemtoJet
micro-injector. Embryos were injected until they had re-expanded to their original volume from
the desiccated state. For the inhibition of Myoll activity, embryos were microinjected laterally
with Y-27632, prepared from stock solutions in water with concentrations of 10, 25, or 50 mM.
Microtubule depolymerization was achieved by injecting embryos with 2.5 mM Colcemid
diluted in water. Control experiments were conducted by injecting water into the embryos. To
photo-induce microtubule depolymerization, embryos were injected with 5 mM SBTub-4AP,
while being maintained in darkness, then illuminated with a 405 nm laser (3.15 ps pixel dwell

time, 10 iterations) at specific time points of interest. For assessment of cytoplasmic flow,



fluorescent beads with a diameter of 1 ym (FluoSphere) were diluted in water at a 1:4 ratio
and ventro-laterally injected into embryos. All injections were performed at the late
cellularization stage, which was confirmed by monitoring the depth of cellularization front

within a range of 25-30 ym.
Drosophila embryo centrifugation

Drosophila embryos were subjected to centrifugation using an Eppendorf Centrifuge 5430R
equipped with a swing-bucket rotor to achieve fully-orthogonal force application. Embryos at
late cellularization stage were collected, mounted ventral side up on coverslips and loaded
onto custom 3D-printed Eppendorf. Centrifugation conditions, such as speed and duration
were optimized to achieve nuclear apicobasal displacement while preserving embryo early
gastrulation. Final settings used in the study were: 6000 x g/rcf for a duration of 2 min. After
centrifugation, embryos were retrieved, mounted in water on MatTek dishes as previously

described for microscopy live-imaging.
In silico 3D modelling of microtubule architecture

CytoSIM computational software was employed to simulate microtubule dynamics. Detailed
three-dimensional representations of a cell and microtubules took into account parameters
described in configuration files (see Supplementary Data). Parameters were estimated using
experimental measurements when possible and configured to replicate specific biological
contexts. Unknown parameters were varied to assess their weight in the proposed model. A
custom-made python script was used to extract and sort cortical MT distribution. You can find

more info on CytoSIM official repository https://gitlab.com/f-nedelec/cytosim.

2D and 3D segmentation of cells and nuclei

2D segmentations of apical cell surfaces in drug injection and ablation contexts were carried
out using respectively ASTEC and IMARIS software by analysing individual optical sections of
the acquired membrane images with watershed segmentation. 3D segmentation of nuclei was
achieved through volume rendering and initial automated thresholding using nuclear
fluorescent signal. Segmentation parameters and thresholds were then optimized to capture
cellular and nuclear details. All segmented data were sorted and analysed using a custom-

made Python script and R software.
Statistics

Statistical analyses were conducted using GraphPad Prism and R software. Descriptive
statistics, which include means and standard deviations, were calculated for all relevant data.

The normality of each dataset was tested using the Shapiro-Wilk test. Appropriate statistical


https://gitlab.com/f-nedelec/cytosim

tests were selected and described for each experiment in Supplementary Table 2. A threshold
p-value of 0.05 was employed to determine statistical significance. The 95% confidence

intervals were visually represented on data plots.

Image analyses and quantifications
Cell area and nuclear positioning measurements

Changes in cell surface and nuclear position were monitored throughout the internalization of
the mesoderm by recording time-lapse movies at different intervals, with a depth of 35 ym (Z
step = 1 ym). Temporal realignment of embryos was achieved by using the onset of apical
constrictions as the reference point, designated as t = 0 min. The apex-to-nucleus distance
was computed by measuring the Z position of the apical side of the nucleus within each cell
and then subtracting the Z position of the apical surface. Manual monitoring was employed to

establish the association between each cell surface and its corresponding nucleus.
Nuclear migration and Myoll intensity measurements

To quantify nuclear migration and Myoll lateral intensity, time points were re-stacked to
maintain consistency in the invaginating furrow position across all frames. To do so,
progression of furrow invagination was monitored over time and black planes were added to
the front and back of the image stacks to match the depth of the furrow tip. Apex-to-nucleus
distance and lateral Myoll intensity were evaluated in the middle portion of the mesoderm,
which exhibited sufficient flatness for analysis. Embryos were temporally aligned by using
initial appearance of apical Myoll clusters as the reference point for the onset of gastrulation
(t = 0 min). Randomly chosen nuclei were tracked throughout gastrulation, spanning 30 time
points (AT = 22 sec), to establish the migration curve. Myoll lateral intensity was determined
by Z-projecting image slices between 8 and 12 ym from the apical side after re-stacking,
capturing lateral Myoll signal during mesoderm internalization. Randomly selected junctions
were then monitored throughout mesoderm internalization. Apical Myoll intensity was
measured using large regions of interest (ROIs) encompassing the mesoderm tissue, from the
end of cellularization (identified by the position of the cellularization front) until the furrow
reached a depth where tracking became impractical. Myoll accumulation and the rate of
nuclear migration were obtained by computing the first derivative of the Myoll intensity and
nuclear migration curves, respectively. Further analysis involved cross-correlation between
the peak rate of nuclear migration and the peak of lateral Myoll accumulation to estimate the

lag time between nuclear migration and the appearance of lateral Myoll clusters.



Nuclear positioning and lateral Myoll intensity measurements in embryos with

compromised nuclear migration

Time-lapse movies with a depth of 30 ym (z-step = 2 ym) were examined to track nuclear
positioning and Myoll distribution following apical laser dissection and opto-induced inhibition
of nuclear migration. Lateral Myoll intensity was assessed in both control and cut/opto regions
using the line measurement tool in ImagedJ, positioned 10 um from the apical side. Special
care was taken to exclude low nuclear signal to prevent intensity bias in the cut region. The
apex-to-nucleus distance was determined by measuring the distance between the apical side
of the nucleus and the apical side of the cell. To facilitate comparison between control embryos
and ablated embryos (comprising both control and cut regions), gastrulation was timed and Z-
stacks in control and ablated embryos were temporally synchronized for analysis specifically

7 minutes after the onset of gastrulation.
Apicobasal flow velocity and apical cell surface ratio measurements

Time-lapse movies with a depth of 35 um (z-step = 2 um) were analysed to follow apical cell
surface changes and fluorescent bead apicobasal displacement. Prior to and post apical laser
dissection, the Z-position of fluorescent beads was measured in both control and ablated
regions. Given the tissue invagination during this period, adjustments were made to each
bead's Z-position by subtracting the apical surface Z-position at each time point. Bead
apicobasal displacement was determined by calculating the difference in Z-position between
beads before and after laser dissection. Flow velocity was subsequently obtained by dividing
this displacement by the time delay between the two measured time points. Similarly, the
apical surfaces of cells containing beads were subjected to 2D segmentation before and after
apical laser dissection at corresponding time points. To quantify changes, the apical cell
surface ratio was computed by dividing the tracked cell surface after laser dissection by the

respective surface before laser dissection.
Apical laser dissection effect on Myoll fluorescence intensity

To mitigate the possibility of signal loss attributed to the application of femtosecond IR laser
pulses at the apical region, Myoll fluorescence intensity measurements were taken before and
after apical laser dissection in both control and cut regions at different positions: the apical
side and at a distance of 10 um from the apical side. Intensity ratios were then calculated by
dividing the fluorescence intensity after laser dissection by the intensity measured before laser

dissection.

Myoll apicobasal position measurements



Time points were restacked to account for progressive invagination of the mesoderm tissue.
Furrow invagination was monitored over time and black planes were added to the front and
back of the stacks accordingly, corresponding to the distance invaginated by the furrow tip. By
navigating time-lapse movies of mesoderm invagination, Myoll apicobasal position was
determined using time points at which Myoll appeared most coalesced on reconstructed
sagittal sections, corresponding to final cluster establishment on the apicobasal axis.
Measurements were performed in control, centrifuged and grid-pattern ablated embryos when

the furrow reached a depth of 5 um.
Myoli-to-nuclei relative position measurements

Myosin apicobasal position was determined as it is most focused and initiates cell intercalation
processes (four-way junction formation). In control and centrifuged embryos, cell intercalations
were identified by screening time-lapse movies during the initial 15 minutes of gastrulation.
Reference points for intercalation apicobasal position were established using newly formed
four-way junctions enriched in Myoll, which coalesced on the apicobasal axis. In centrifuged
embryos, lateral Myoll position analysis focused on nuclei sets with enhanced displacement
to account for heterogeneity of nuclear repositioning. In delayed (grid-patterned ablation)
embryos, iterative apical laser dissections did not allow for continuous junction monitoring. To
standardize measurements, lateral Myoll Z-positions in control, centrifuged, and delayed
embryos were realigned relative to the apical Z-position of mesoderm cells. Nuclear
positioning was determined by measuring the apex-to-nucleus distance for adjacent nuclei
along the anterior-posterior (AP) axis that shared a Myoll-enriched lateral junction. Ratios
were calculated by dividing the apicobasal position of lateral Myoll clusters by the average

apex-to-nucleus distance of the two adjacent AP nuclei.
Nucleus morphology changes

Nucleus curvature was measured on mesoderm nuclei at different time points of gastrulation
using Z-projected mid-sections of nuclear contours, obtained from computed edges from
nuclear signal. Semi-automated curvature analysis was performed using ImageJ Kappa plugin
and B-spline curve fitting. Nucleus prolate eccentricity was measured by 3D segmentation of

mesoderm nuclei using IMARIS software at different time points of gastrulation.
EB1 intensity measurements

EB1 intensity dynamics were tracked throughout gastrulation via sagittal sections of the
mesoderm tissue. Embryos were temporally synchronized, and measurements were
performed both at the onset (marked by the initial recruitment of apical Myoll) and 7 minutes

into gastrulation. Using the line measurement tool in ImagedJ, EB1 cortical intensity along the



lateral cortex (2 to 15 ym) was quantified. Concurrently, associated cytoplasmic signal within
the same region was measured, excluding nuclear signal from the region of interest (ROI) to
prevent intensity bias, particularly in the first time point. Ratios were computed by dividing
cortical measurements by corresponding cytoplasmic measurements. In laser-dissected
embryos, lateral EB1 intensity was assessed in en face sections of the mesoderm tissue at
10 um from the apical surface. EB1 signal was not normalized to cytoplasmic intensity due to
the presence of nuclei occupying that space in the cut regions, which could bias ratios towards
higher values. Background subtraction was conducted by utilizing three regions of interest
(ROIs) per embryo to determine the average background signal. It was observed that both
EB1 density and intensity decreased in the cut region, indicating that the loss of EB1 signal

did not arise from a more diffuse signal as cells expanded their perimeter.
EB1 comets density upon photo-induced MT depolymerization

The density of EB1 comets was assessed upon photo-induced MT depolymerization. For
every embryo, three random regions of interest were chosen, and comet counts were
measured for each region across time points subsequent to MT depolymerization. To establish
EB1 comet density, comet counts were standardized based on the area of the analyzed region
of interest. Comets that remained partially attached to the centrosomes/MTOC were excluded

from the comet count.
EB1 dynamic distribution relative to junction orientation

Mesoderm tissue dynamics during gastrulation were captured from front views with high
temporal resolution (AT = 0.73 sec). Imaging was conducted on a single stack positioned 12
um from the apical side, enabling prolonged tracking of the lateral cortex of mesoderm cells
as the tissue underwent invagination. Membrane signal served as a reference for identifying
intercalation events and guiding the blind measurement of EB1 signal. EB1 fluorescence
intensity was quantified at junctions aligned along the anterior-posterior axis, dorsal-ventral
(DV) axis, and DV axis during intercalation. Signal integration over time was normalized by
the total measurement duration. To address embryo-to-embryo variation, background
normalization was executed using the average background signal derived from three distinct

regions for each embryo.
RhoGEF2 intensity measurements

RhoGEF2 signal dynamics were examined following microtubule disruption through either the
live-injection of the depolymerizing agent Colcemid or timed photo-induced depolymerization
using the prodrug SbTub4AP. Front view single optical sections of mesoderm cells were

captured at a depth of 12 uym from the apical side and tracked over time (AT = 3.5 sec).



Junctional and cytoplasmic levels of RhoGEF2 were quantified using both line and segmented
area tools in Imaged, at the last time point before activation and several frames thereafter (AT
= 14 sec). Cortical to cytoplasmic ratios were computed by dividing the measurements
obtained from these two regions. Cells exhibiting pronounced expansion of cell area and
nuclear movement towards the apical side induced by MT depolymerization were excluded
from analysis. Upon significant loss of RhoGEF2 junctional signal or an increase in
cytoplasmic signal, certain cell boundaries became indistinguishable and analysis relied on
the restoration of the region of interest (ROI) selection between the first and second frames
analyzed. Control analysis was conducted using the same protocol and similar time points in
embryos either live-injected with water or injected with water during late cellularization then

subjected to UV photo-activation (settings equivalent to those applied in SbTub4AP embryos).
RhoGEF2 PCP distribution

RhoGEF2 distribution was monitored along front view optical sections of the mesoderm tissue,
positioned 12 uym from the apical side, during gastrulation. Upon detecting an elevation in
RhoGEF2 cortical signal within mesoderm cells, the orientation of RhoGEF2-enriched
junctions was assessed relative to the anterior-posterior (AP) axis, using the membrane

reporter as a reference to precisely determine junction orientation.

Apical cell surface modulation upon pharmacological MT depolymerization or ROCK
inhibition

To assess apical cell surface modulation following pharmacological treatments, the
segmentation of mesoderm cell apical surfaces was performed throughout gastrulation,
following previously described segmentation methods. For each embryo, a region of interest
encompassing the mesoderm tissue was defined in the frame corresponding to 7 minutes after
the initiation of gastrulation. Analysis included only cells whose centroids fell within this defined
region and could be consistently tracked in each frame throughout gastrulation. The datasets
presented here depict the distribution of apical cell surfaces at two specific time points: at the

onset of gastrulation and 7 minutes into gastrulation.
Apical cell surface and associated nuclear positioning upon MT depolymerization

To allow efficient tracking of changes in apical cell surfaces with adequate temporal resolution,
only the most apical Z positions of the tissue were captured (with a total depth of 12 um from
the apical surface). Consequently, nuclei that were highly displaced could not be effectively
monitored. To address this limitation, three categories of nuclear displacement were
established: apical nuclei (0-5 pm), intermediate nuclei (5-10 um), and displaced nuclei (>10

pum). Nuclear position was quantified as the apex-to-nucleus distance (restacked accordingly



to the position of the apical cell surface). For each time point in both water and Colcemid-
injected embryos, randomly selected nuclei were paired with their respective apical cell

surfaces. These surfaces were segmented using the polygon area tool in ImageJ.
Lateral Myoll density in control and T48 mutant backgrounds

Myoll signal dynamics were tracked over front view Z-stacks of the mesoderm tissue (total
depth = 35 ym) throughout gastrulation. To maintain consistency with the invaginating furrow,
each frame was spatially restacked relative to the apical position of the furrow tip, incorporating
black planes either above or below the stack. This ensured the tracking of the same plane
relative to the apical surface over time. Following spatial restacking, a region of interest (ROI)
was defined within the mesoderm tissue, spanning the cells closest to the ventral midline. Z
positions ranging from 8 to 12 um were subjected to maximum Z-projection, resulting in a
movie tracking this portion of the lateral cortex over time. Myoll lateral clusters were then
enumerated during the first 10 minutes of gastrulation (t = 0 min corresponding to the initial
accumulation of apical Myoll). A cluster was characterized as a coalesced high-intensity Myoll
signal. Clusters were counted only once, even if the same junction was subsequently enriched
again in Myoll at a later time point. The total number of cells within the defined ROI was then
quantified for each embryo, and the count of Myoll clusters was normalized by the number of

cells to derive the average density of lateral Myoll per embryo.
Cortical MT plus-ends apicobasal distribution from 3D in silico CytoSIM model

Boundary conditions, including cell length, cell radius, nucleus radius, nucleus-to-membrane
spacing, centrosome radius, and inter-centrosomal distance, were measured in vivo to
establish a template for the in silico model. Simulation of microtubule (MT) dynamics was
conducted under various conditions, simulating 10 minutes of developmental time with 10,000
frames and a time step AT = 0.06 s. A custom Python script was utilized to extract the positions
of cortical MT plus-ends, defined as MT plus-ends within a 0.5 ym range from the cortex. The
apicobasal position of each MT plus-end at the cortex was then saved for each frame of the
simulation. Subsequently, all apicobasal positions of cortical MT plus-ends were plotted as a
function of their respective boundary conditions, such as the position of the nucleus and the
distance between the nucleus and centrosomes. 100 simulations were conducted per
condition. Each simulation involved randomizing the location of MT nucleation on the
centrosomes or the occurrence of catastrophe/rescue events. This approach aimed to capture
variability and ensure robustness in the analysis, ultimately obtaining an average trend in
cortical MT plus-ends distribution per condition. To evaluate the individual contributions of
various parameters in the simulation — such as MT dynamic properties (growth rate, shrinking

rates, absolute number of polymers) and cell geometry (nucleus radius, centrosome position)



— simulations were conducted 25 times for each parameter, with variations spanning several
orders of magnitude. Employing the same extraction protocol for MT plus ends, subsequent
plots of MT distribution were generated.

In silico cortical MT plus-end distribution relative to the nucleus

The mid-position of the nucleus was extracted from the template file used for the in silico
model in each condition. A custom Python script counted the number of cortical MT plus ends
located in two compartments: either “above” the nucleus (defined as the range from the
nucleus mid-position to the apical surface) or “below” the nucleus (from the nucleus mid-
position to the basal side of the cells). Percentages of MT distribution relative to the nucleus
were calculated by dividing the count in each compartment by the total count of cortical MT

plus ends in the simulation.
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Chapter III-Discussion



My thesis project focused on understanding the mechanisms that enable a tissue to
undergo simultaneous shape and topology changes, a conserved process during
embryogenesis and organogenesis, as illustrated during neurulation, gastrulation, and
tubulogenesis. Previous work from my team identified a two-tier mechanism that
governs concomitant folding and extension during early Drosophila gastrulation. In
mesoderm cells, distinct subcellular actomyosin networks, tethered to adherens
junctions, drive both constriction and convergence-extension within a 15-minute
window. The objective of my research was to elucidate how these cells
spatiotemporally control the establishment of distinct subcellular actomyosin
networks. I demonstrated that the first tier contracts the apical side of mesoderm cells,
creating a basally-directed cytoplasmic flow that displaces the nuclei. As the nuclei
move basally, the microtubule network redistributes along the lateral cortices of the
mesoderm cells. Consequently, RhoGEF2, which interacts with microtubule +TIP via
the EB1 protein, is delivered to the lateral cortex and anchored by T48. This leads to
the activation of Myoll along the lateral cortex between the cell apex and the nucleus,
resulting in the isotropic coalescence of Myoll to form lateral clusters (MyolI-LCs)
at the midpoint of this region that will engage in cell intercalation.

By combining optogenetics, infrared laser dissection, and in vivo centrifugation
methods to manipulate nuclear positioning in living Drosophila embryos, 1
demonstrated that nuclear positioning regulates the temporal and spatial establishment
of MyolI-LCs. MyolI-LCs only form after the nuclei have moved basally. Keeping
nuclei apically positioned prevents MyolIl-LC formation, and relocating nuclei from
the basal to the apical side disrupts previously established MyolI-LCs. MyolI-LCs are
typically established approximately 10 um from the apical side. Their apicobasal
position correlates with the nuclei positions along the anteroposterior (A-P) axis. I
proposed a model that computes the position of neighboring nuclei to predict the
apicobasal positioning of Myoll-LCs. According to this model, Myoll-LCs form
midway between the cell apex and the average depth of A-P nuclei that share the
enriched junction. Modulating the extent of nuclear basal displacement resulted in
more apical or basal Myoll-LCs, and their locations adhered to the predictive
"halfway rule" model.

With this work, I propose that the nucleus acts as a cytoskeleton compartmentalizer
that controls the spatiotemporal organization of distinct subcellular actomyosin
networks, allowing the cell to engage in simultaneous shape and topology changes.
These results also raise significant questions that I will try to address in the following
section.



1. How is RhoGEF2 planar cell polarity established?

A first intuitive hypothesis would be that T48 is distributed in a PCP-fashion.
Addressing the endogenous expression profile of T48 will be needed in the future, as
well as understanding how its upstream regulator Twist can promote its PCP
distribution, if any.

Previous studies have ruled out the involvement of canonical pathways, such as
Frizzled and Fat/Dachsous, in establishing planar cell polarity in early Drosophila
embryos (Zallen and Wieschaus, 2004). Instead, they demonstrated that the stripe-
patterned expression of signaling components, including Toll receptors, Tartan, and
Ten-m, drives the polarized distribution of Myoll during ectoderm convergence-
extension (Par¢ et al., 2014, 2019; Lavalou et al., 2021). The anterior-posterior (A-P)
gene patterning, involving genes such as bicoid, nanos, torso, and downstream even-
skipped (eve), is necessary for the proper expression of these effectors. Previous work
in the lab has shown that bnt triple mutant embryos exhibit defective Myoll PCP in
the mesoderm (John and Rauzi, 2021a). However, none of these studies have
investigated the effect on RhoGEFs, RhoGAPs and Rho-GTPases distribution. Future
studies analyzing eve mutant embryos (eve being expressed in the mesoderm) and
investigating the role of the Toll code in mesoderm PCP will be needed to elucidate
the interplay between tissue-scale transcriptional patterning and the subcellular
control of Rho-GTPase dynamics.

Alternatively, the dorsoventral (D-V) patterning system might also be at play. It has
been reported that in fwi- embryos, Snail is expressed in stripes along the A-P axis (Ip
et al., 1992; Stathopoulos and Levine, 2002; Stathopoulos et al., 2002). An interesting
hypothesis is that the mesoderm tissue could be pre-patterned to recruit Rho effectors
in a PCP fashion, potentially through the Snail-dependent expression of the Mist
GPCR (Manning et al., 2013). The absence of apical Myoll PCP could be attributed
to the presence of Twist, leading to the medio-apical recruitment of Myoll and thus
overriding any PCP pattern apically. As a result, Myoll PCP can only be observed
laterally. Analysis of both rwi- mutant embryos and endogenous Mist expression could
test this hypothesis.

I showed that the microtubule plus end EB1 protein is PCP-distributed and could thus
promote RhoGEF2 PCP delivery. Several studies across species have reported that
microtubules can be PCP-distributed and participate in the establishment of planar
polarity (Shimada et al., 2006; Bulgakova et al., 2013; Mathewson et al., 2019).
However, the mechanism behind this distribution remains unclear. One hypothesis is
that tissue-scale tension and the resulting shape anisotropy of mesoderm cells
influence microtubule distribution. Evidence from Drosophila wing epithelium
suggests that a spatial gradient in microtubule growth velocity along perpendicular
axes leads to the preferred distribution of microtubules along the long axis of these
cells (Singh et al., 2018). If a similar mechanism operates here, it could explain the
PCP distribution of EB1 protein. Therefore, I hypothesized that loss of anisotropy
would result in the loss of both EB1 PCP and Myoll distribution. However, when



performing apical D-V laser cuts to release the tension, my findings indicate that
Myoll PCP recruitment is actually enhanced, thereby ruling out this initial hypothesis.
An alternative and more convincing explanation is that the PCP distribution of EB1
actually is the consequence of the interaction between RhoGEF2 and its cortical
anchors. As EB1 transports RhoGEF2, stabilization could occur when an EBI1-
RhoGEF2 assembly interacts with cortical T48, forming a transient complex.
Additionally, several studies reported that microtubules can be tethered to adherens
junctions via the dynein molecular motor (Ligon et al., 2001; Ligon and Holzbaur,
2007) and reported that E-cadherin adhesive contacts can recruit radially-oriented
MT plus-ends (Stehbens et al., 2006). Over time, these interactions could result in the
PCP distribution of EB1.

The pioneering research that first described RhoGEF2 localization to microtubule plus
ends via the protein EB1 in Drosophila S2 cells also demonstrated that the active
(GTP-bound) form of the G alpha subunit Concertina (Cta) interacts with RhoGEF2
to induce its release from EB1 (Rogers et al., 2004). This mechanism was further
confirmed in vivo in Drosophila embryos, using RNAi-mediated downregulation and
a constitutively active form of Cta while monitoring RhoGEF2 cortical distribution
(Kerridge et al., 2016; Bayonas et al., 2019). In contrast, recent research has identified
that RhoGEF2 cortical accumulation during the migration of Drosophila primordial
germ cells does not require Cta. Instead, it requires an unidentified anchor to interact
with RhoGEF2 RGS domain (Lin et al., 2022). Nonetheless, assessing the endogenous
distribution of Cta in the mesoderm and developing tools to spatiotemporally control
its activity could be valuable to understand its role in the PCP distribution of
RhoGEF2.

2. What are the molecular requirements to generate Myoll
lateral clusters?

I provided evidence that T48 can decorate the lateral cortex of mesoderm cells. As
nuclei reposition to enable microtubules to deliver RhoGEF?2 to the cortex, I postulate
that T48 anchors RhoGEF2 to generate Myoll lateral clusters. Interestingly, in the
posterior midgut (PMG), cells also recruit Myoll medio-apically, causing the basal
displacement of nuclei similar to the mesoderm (Chanet et al., 2017; Bailles et al.,
2019). However, PMG cells do not exhibit any MyolI-LCs, despite nuclear basal
displacement. While Cta, RhoGEF2, and microtubules are ubiquitously present in the
embryo, T48 is not expressed in the posterior midgut (PMG) (Urbansky et al., 2016,
Figure 2A). I hypothesized that the absence of T48 was the reason for the lack of
MyolI-LCs in the PMG. To test this, I overexpressed T48 in the PMG. Surprisingly,
this did not result in the formation of MyolI-LCs, suggesting that T48 is necessary but
not sufficient to drive Myoll-LC formation (Figure 2B). Another possibility is that the
GFP-tagged T48 protein may not be fully functional.



Figure 2. Ectopic T48 expression in the PMG is not sufficient to drive Myoll
lateral recruitment. A, /48 mRNA expression in front view (left) and sagittal view
(right) stage 6 Drosophila embryo (adapted from Urbansky et al., 2016). B, T48
ectopic expression (left) and Myoll subcellular distribution (right) in the PMG. Purple
arrows indicate lateral T48 expression. Green arrows indicate Myoll apical pool. Cyan
circles outline nuclei. Scale bar, 10pum.

Previous work has identified several GEFs involved in the intercalation of ectoderm
cells. RhoGEF2 directs the medio-apical activity of Rhol, while Dpl114RhoGEF
directs the polarized junctional recruitment of Rhol (Bayonas et al., 2019). In the
mesoderm, where Dp114RhoGEF is not expressed, RhoGEF2 is used iteratively at
both locations. One explanation for this could be that the levels of RhoGEF2 available
in the ectoderm are lower than in the mesoderm. The ectoderm requires sufficient
RhoGEF2 to generate actomyosin pulses necessary for the polarized flow of Myoll
towards junctions while maintaining levels low enough to avoid constricting ectoderm
cells (Rauzi et al., 2010). Interestingly, overexpression of Twist and Snail (by
downregulation of their upstream repressor Serpin27A) in the lateral ectoderm
increases RhoGEF2 levels, leading to apical Myoll-dependent constrictions and
subsequent nuclear basal displacement. Strikingly, in this context, Myoll lateral
recruitment is also observed (John and Rauzi, 2021a). In the future, assessing the



respective contribution of Snail and Twist and their downstream effectors in different
tissues will be key to decipher the synergy between RhoGEF2 availability and cortical
anchoring to drive the formation of MyolI-LCs.

3. How do microtubules control actomyosin contractility?

The relationship between microtubules and actomyosin regulation remains a topic of
debate. Some studies have shown that microtubules positively control actomyosin
contractility, as microtubule growth is associated with localized Rho activity
(Waterman-Storer et al., 1999; von Dassow et al., 2009; Verma and Maresca, 2019),
while others propose that microtubule plus-ends sequester RhoGEFs, leading to
increased actomyosin contractility upon microtubule depolymerization (Chang et al.,
2008; Hui and Upadhyaya, 2017). However, evidence from several morphogenetic
processes in Drosophila embryos indicates that microtubule depolymerization
disrupts actomyosin networks. For instance, during salivary gland formation, the
medio-apical actomyosin pool is lost (Booth et al., 2014), and during mesoderm
invagination, actin network repair is impaired, resulting in disrupted apical
constriction (Ko et al., 2019, this study). Interestingly, work by (Stehbens et al., 2006)
also showed that dynamic microtubules are necessary for local Myoll activation and
subsequent E-cadherin accumulation, and that initial recruitment of microtubules
relies on interactions with cortical E-cadherin. My work is also surprising as
microtubule disruption affects actomyosin in different ways within the same cell. 1
show that microtubule disruption significantly reduces the formation of the lateral tier
of Myoll, while having minimal effect on apical Myoll recruitment. One possible
explanation for this dual effect is the existence of redundant pathways in the formation
of the apical tier. For instance, the apically-secreted ligand Fog and downstream
GPCR signaling could reduce the necessity for localized microtubule delivery of Rho
effectors at the apical cortex (Parks and Wieschaus, 1991; Costa et al., 1994). Another
explanation could be that cortical partners of EB1-bound RhoGEF?2 are preferentially
expressed on the lateral cortex rather than the apical side of mesoderm cells.

I also observed a rapid loss of cortical RhoGEF2 at the lateral cortex following
microtubule disruption, using both classical and opto-pharmacological tools. This
suggests that existing RhoGEF?2 clusters at the cortex disappear quickly, likely due to
a high turnover rate of RhoGEF2 at the cortex, and could require continuous delivery
from microtubules. My attempts to assess RhoGEF2 cortical dynamics using FRAP
(Fluorescence Recovery After Photobleaching) were challenging and unsuccessful but
several studies tackling the cortical turnover of Rho effectors observed comparable
dynamics with turnover rates for RhoA and ROCK within the second-scale (Budnar
et al., 2019; Sidor et al., 2020). Alternatively, RhoGEF2-EBI1 interaction could be
necessary for its binding to cortical partners, and freely diffusing RhoGEF2 might not
be primed to drive Myoll-LC formation, thus requiring MT-based delivery.



4. Experimental limitations to address the impact of
nucleus positioning on microtubule dynamics

I provided evidence that the nucleus can regulate the cortical distribution of
microtubules. I observed that microtubule plus-ends (EB1) are initially located
apically then redistribute along the lateral cortex as nuclei move basally. This
observation is further supported by in silico simulations of microtubule dynamics.
Additionally, I showed that apical dissection of the actomyosin network to reposition
nuclei apically abolishes the lateral recruitment of EB1. By using a multi-photon laser,
we can precisely cut the apical actomyosin network in mesoderm cells without
disrupting deeper processes, thereby preserving the microtubule-organizing centers
(MTOC:s) and the microtubule network. However, this method has limitations. A study
has shown that actomyosin contractions in mesoderm cells induce the formation of an
apical acentrosomal MTOC under the control of the CAMSAP protein Patronin (Ko
et al., 2019), a process also observed during Drosophila salivary gland formation
(Booth et al., 2014). If this acentrosomal MTOC significantly contributes to the lateral
cortex decoration, as indicated by the bidirectional EB1 comets observed along the
lateral cortex, then apical laser cuts could disrupt this pool and lead to the observed
loss of lateral microtubules, independently of the relocation of the nucleus. Due to the
lack of a red fluorophore-tagged EB1 reporter, I could not use optogenetic tools to
induce basal contraction of mesoderm cells to inhibit nuclear displacement without
disrupting the apical side, as the wavelengths required for opto-activation and imaging
of GFP-tagged EB1 would conflict. New methods to modulate nuclear positioning in
vivo without interfering with other cellular processes will thus be necessary to address
this issue, such as acoustic, optical or magnetic tweezers.

5. What it the role of the apicobasal microtubule arrays
surrounding the nucleus?

The mechanism I propose relies on the nucleus-dependent control of microtubules. It
is worth noting that before gastrulation, at the end of the cellularization process, a
microtubule array surrounding the nucleus and aiming towards the basal side, termed
"microtubule cage," is observed and remains during early gastrulation (Hampoelz et
al., 2011). Why don’t these microtubules in contact with the lateral cortex already
activate Myoll there? This microtubule cage has been shown to be acetylated (Ko et
al., 2019), and acetylation has been associated with increased stability of the
microtubule network (Piperno et al., 1987; Webster and Borisy, 1989; Chu et al.,
2022). Even though this network still shows some level of dynamicity, I speculate that
these acetylated microtubules do not participate in the regulation of contractility. Since
microtubule properties and function are strongly influenced by the post-translational
(PTM) modifications they carry (Janke and Magiera, 2020), investigating the types of
PTM the different microtubule networks undergo could also provide insights into the
fine regulation of contractile domains during epithelial morphogenesis.



Interestingly, a recent study suggested that a similar cage, observed in confined
melanoma cells, is necessary to protect the nucleus from damage (Ju et al., 2023). In
the presumptive mesoderm, acetylated microtubules could thus be dedicated to the
formation of a perinuclear cage to buffer mechanical stresses, explaining why I do not
observe significant nuclear deformations during early Drosophila gastrulation. Recent
work also reported that an acetylation gradient is established in cells, with highest
acetylation taking place in perinuclear microtubules (Andreu-Carb¢ et al., 2024), and
work by (Li et al., 2023) proposed that MTs could stabilize in response to mechanical
stress. Since acetylation is mostly mediated by aTAT1 enzyme (K40 acetylation), one
could test this hypothesis and use a knockout Drosophila strain for dTAT1 and monitor
any nuclear deformations or changes in lateral Myoll recruitment.

6. Why do mesoderm cells rely on nuclear positioning to
coordinate morphogenesis?

The essential role of nuclear positioning has been described across various species
and contexts. For instance, it was demonstrated that interkinetic nuclear migration
controls cell fate in the zebrafish neuroepithelium by exposing the nucleus to a
morphogen gradient promoting either proliferation or neurogenesis along the
apicobasal axis (Del Bene et al., 2008). Nuclear positioning is also necessary for many
different cell behaviours including cell migration (Renkawitz et al., 2019), spindle
positioning (Minc et al., 2011), and more recently for gonadogenesis (Agarwal et al.,
2024). Efforts have thus been made to understand the mechanisms regulating nuclear
positioning.

Here, I report a mechanism where actomyosin contractions generate a cytoplasmic
flow, behaving as an incompressible fluid, that pushes the nucleus like a piston.
Cytoplasmic streaming has been reported to ensure proper nuclear positioning and
synchronize cell division cycles during early Drosophila embryogenesis (Deneke et
al., 2019; Htet and Lauga, 2023). A piston-like mechanism involving pressure
compartmentalization by the nucleus has also been reported to control cell migration
and motility (Petrie et al., 2014; Lee et al., 2021). This phenomenon reflects the ability
of elongated cells to translate localized cortical actomyosin contractions into long-
range forces, as illustrated during the elongation phase of mesoderm cells in
Drosophila embryo driven by a tissue-scale cytoplasmic flow (He et al., 2014). My
findings provide evidence that the compartmentalization of cytoskeletal elements by
the nucleus also allows for the spatiotemporal regulation of distinct morphogenetic
events within the same cell. This is particularly relevant as this process occurs when
the apicobasal polarity pathway is downregulated in the mesoderm tissue (Weng and
Wieschaus, 2017), emphasizing the need for other mechanisms to spatially organize
cytoskeletal dynamics.



7. Contraction or coalescence: a dive into the differential
behaviour of subcellular actomyosin networks

I propose here that isotropic coalescence of the lateral actomyosin network leads to
the formation of Myoll lateral clusters (MyolI-LCs) along the apicobasal axis. These
MyolI-LCs then drive polarized cell intercalation by contracting cell junctions along
the planar axis. This raises an important question: why does the actomyosin network
coalesce along the apicobasal axis but contract along the planar axis? It is proposed
that the mechanical coupling between the actomyosin network and junctional
components, such as E-cadherin, is a necessary step to translate contractile behaviour
into cell shape changes (Martin et al., 2009; Roh-Johnson et al., 2012). An interesting
hypothesis could be that, in mesoderm cells, adherens junctions are established on the
planar axis rather than the apicobasal axis. As Myoll is recruited along the lateral
cortices, and no adherens junctions are present there, only coalescence can occur. It
has been shown in the lab that the ectopic coalescence of Myoll can cluster scarce E-
cad, alpha catenin and Beta-Catenin along the apicobasal axis to generate ad hoc spot
adherens junctions (John and Rauzi, 2021a), thus serving as anchor points for
contractile Myoll network only in the planar axis. It is possible that these newly-
formed junctions associate with adhesion components at the tricellular junction, such
as the proteins Sidekick or Canoe/Afadin, previously shown to be necessary to form
tricellular adhesion junctions and engage with actomyosin networks to drive
junctional remodeling (Bonello et al., 2018; Letizia et al., 2019; Uechi and Kuranaga,
2019). Addressing the subcellular distribution and dynamics of these junctional
components could provide insights on the selective contractility in different axes here
observed.

Interestingly, lateral Myoll accumulation has also been reported to drive lateral
tension in mesoderm cells and participate to mesoderm internalization, as laser
dissection of the lateral Myoll impedes mesoderm internalization (Gracia et al., 2019;
John and Rauzi, 2021a). This suggests that apicobasal Myoll networks can generate
contractile forces, probably contributing to the shortening of mesoderm cells during
early gastrulation, as proposed by (Conte et al., 2012). However, MyolI-LCs might
not be responsible for lateral tension, but rather apico-basal Myoll cables connected
to the apical side (Gracia et al., 2019). I propose that these cables form when Myoll
remain tethered to the apical adherens junctions, enabling them to pull on the cell
cortices and drive contraction along the apicobasal axis. As a result, apicobasal cables
responsible for increased lateral tension, and MyolI-LCs responsible for polarized
intercalations, would coexist within the tissue to drive the concomitant folding and
extension of the presumptive mesoderm. Investigating the factors that determine
whether the apical tethering of lateral Myoll is stochastic or controlled would be
valuable in understanding how actomyosin contractility is modulated along different
axes within the same cell.
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